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Editorial on the Research Topic

Emerging Arboviruses

INTRODUCTION

The current COVID-19 pandemic has highlighted the well-known fact that debilitating infectious
diseases can emerge naturally from an animal source. The estimates range from 60 to 75% of
emerging infectious diseases in humans are of zoonotic origin. Up to one third of these emerging
infectious diseases are caused by vector-borne pathogens, which cause more than 700,000 deaths
annually (1). In the last two decades, there are multiple examples of the emergence of vector-borne
pathogens affecting both animal and public health. This includes animal pathogens such as the
introduction and re-emergence of Bluetongue virus serotype 8 into ruminant livestock in Europe
(2) and the introduction of African Swine fever virus to Europe and Asia (Gaudreault et al.). On the
zoonotic side, there is West Nile virus that was introduced into the United States in 1999 (3), Rift
Valley fever which emerged in the Arabian Peninsula outside of its endemic area in Sub-Saharan
Africa (4), and the displacement of one genotype of Japanese encephalitis virus by another in Asia
(5) as well as its potential emergence in Australia (6); these are all examples of the recent emergence
of arboviruses into animal and human populations. Emerging or re-emerging vector-borne diseases
are an important Global One Health concern. A detailed understanding of the virus-vector-host
interactions in its natural environment is critical to develop effective diagnostics, vaccines, and
other control strategies. The present collection of manuscripts was developed to provide an unique
compilation of recent advances in research and mitigation strategies for emerging and re-emerging
arboviruses of veterinary/agricultural and public health concern such as viruses from the families
Asfarviriadae, Flaviviridae, Phenuiviridae, Reoviridae, and Togaviridae. This manuscript collection
will provide scientists up-to-date information on these diverse pathogens and their respective
insect vectors. It is organized with an initial series of articles reviewing risk assessments, which is
followed by articles reviewing the state-of-the-art in epidemiology, diagnostics, vaccines, and other
control methods.

ORGANIZATION OF THE SPECIAL EDITION

This Special Edition includes three several comprehensive reviews describing various emerging
arthropod-borne disease threats in animals, each from a different continent with a different
perspective. The first review is provided by Folly et al. and provides an overview of mosquitoes
and mosquito-borne diseases and their possible risk of introduction into the UK. It also discusses
ticks and tick-borne diseases including Louping ill virus, which is endemic in the UK, and biting
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midge-borne viruses, two of which emerged in Europe since 2006.
The need for surveillance of these pathogens in domestic pets,
livestock andwildlife is emphasized. The second review by Yanase
et al. addresses endemic and emerging mosquito, tick-, and
midge-borne arboviruses that affect domestic ruminants in East
Asia. The midge-borne arboviruses include Akabane, Aino, and
Chuzan viruses associated with reproductive losses in domestic
ruminants in East Asia. The relevance in other Culicoides-
transmitted viruses such as Bluetongue and the emergence of
Epizootic Hemorrhagic Disease virus, serotype 6, in East Asia and
Japan are also discussed. The final emerging disease review by
Kading et al. identifies potential pathogen threats of concern to
the United States. African Swine fever, Japanese encephalitis and
Rift Valley fever as the top three arboviral threats are discussed
in detail. In addition, currently available surveillance and
diagnostic tools are summarized including useful information
for the development of detection and response plans for these
arboviral threats.

The above described reviews are followed by a series of
manuscripts which are described below in virus-based alphabetic
order. The review on the emerging DNA arbovirus, African
Swine fever virus (ASFV), by Gaudreault et al. summarizes
the threat of this pathogen to the swine industry worldwide.
ASF has been a concern in Africa for more than a century
and first emerged in Europe in the 1950s and again in the
1960s, and to Russia, Caribbean Islands and South America
in the 1970’s; it was controlled by the mid-1990’s. The second
emergence started in 2007 in the Caucasus region and since then
the virus has spread across Eastern Europe and Southeast Asia.
This review provides an overview of the epidemiology, biology,
diagnostic, and mitigation strategies for this rather complex
arboviral threat pathogen.

The next series of manuscripts describe various aspects
of Bluetongue virus (BTV) that a long history of causing
disease and economic losses. A description of the clinical
disease associated with the incursion of BTV serotype 3 in
Israel is provided by Golender et al., and the detection and
characterization of BTV serotype 14 in Russia by Koltsov
et al.. In 2006, BTV serotype 8 was introduced into Europe
and caused substantial clinical disease and also transplacental
virus transmission. The failure to remove BTV serotype 8
from bovine embryos with subsequent spread of the virus via
embryo transfers demonstrated the need for screening of embryo
donors and embryos for BTV in endemic areas (Haegeman
et al.). This is critical since embryo transfer techniques have
been used as a way to safely transfer genetic materials from
a BTV endemic area to non-endemic regions. Since 1999, 11
exotic BTV serotypes have been isolated in the Southeastern
United States but only one has been found outside of the
Southeastern region (7). An overview of the ecology and
epidemiology of BTV in North America by Mayo et al.
provides insights into the environmental factors that drive
virus transmission. Sensitive and early detection of BTV is
essential to rapidly detect BTV and to facilitate mitigation
strategies. Rocchigiani et al. describe the development of sensitive
digital RT-qPCR for accurate quantification of BTV in field
samples. This field-deployable RT-qPCR assay demonstrates

similar sensitivity and specificity to a previously established
laboratory RT-qPCR assay.

Flaviviruses are discussed in the next series of manuscripts
including Japanese encephalitis, Tembusu, Usutu, West Nile,
and Zika viruses. Endemic circulation of Japanese encephalitis
virus (JEV) in Southeast Asia is well-established; this is also an
area where West Nile virus (WNV) is known to circulate. A
seroepidemiolgical study by Auerswald et al. demonstrates clear
evidence of current circulation of these viruses in Cambodian
domestic birds; these findings necessitate the need for increased
surveillance for these viruses in this region. The factors affecting
the risks of JEV introduction into the United States were
assessed by Oliveira et al.; this was done by qualitative risk
assessment. WNV emerged in Europe in the early 2000’s and
another flavivirus, Usutu virus (USUV), which was originally
found in Africa, was identified for the first time in the 1996
in Italy. Vilibic-Cavlek et al. summarize the epidemiology of
these two mosquito-borne flaviviruses (WNV and USUV) in
Southern Europe. Entomological surveillance by Calzolari et al.
demonstrates increased circulation of WNV in Northern Italy
and the importance of temperature on WNV infection of
mosquitoes. A less known flavivirus, Tembusu virus which
causes an egg-drop syndrome in ducks, emerged in 2010 in
China. Vaccines against Tembusu virus have been generated
but understanding of the neutralizing immune response to
infection or vaccination is minimal. Lv et al. describe the
development of a plaque reduction neutralization titration assay
to detect antibodies to Tembusu virus and found long-lasting
neutralizing antibodies in sera from infected and vaccinated
flocks. The Japanese serocomplex includes JEV, USUV andWNV;
whereas, Tembusu is grouped within the Ntaya serocomplex.
The Ntaya complex also includes the Bagaza/Israel turkey
meningoencephalomyelitis virus. The development of a duplex
RT-qPCR assay to detect and distinguish between the Japanese
and Ntaya serocomplexes is reported by Elizalde et al.. Zika
virus is the most recent emerging mosquito-borne virus for
which there are limited animal models available. Ambagala
et al. conducted experimental infections with Zika virus in
cattle, chickens, pigs, sheep and chicken embryos. None of the
animals were susceptible to experimental infection except for the
chicken embryos; this could provide an additional tool for Zika
virus investigations.

The next series of manuscripts focusses on Rift Valley fever
(RVF) which is a mosquito-borne zoonotic disease endemic
in Sub-Saharan Africa. RVF is a significant public and animal
health concern and reliable RVF virus (RVFV) infection
models are badly needed to develop advanced diagnostic
tools and control strategies. A review on presently available
livestock models (cattle, sheep and goats) for experimental
RVF virus infections is provided by Kroeker et al. Although
RVFV is primarily transmitted by mosquito bites it is known
that it can also be transmitted by aerosol (8). In addition,
contact transmission has been demonstrated in one study
of experimental RVFV infection of white-tailed deer (9). A
comparison of different routes of experimental RVFV infection
is reported by Kroeker et al.. Approaches to RVFV diagnostics
and vaccines have been reviewed previously (10, 11); however,
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a perhaps less known vector-based vaccine approach for RVFV
is using capripoxvirus; the use of this virus vector for vaccines
against different arboviruses affecting ruminant livestock is
addressed in a review by Teffera and Babiuk. A similar
approach is described by Wallace et al. with the development
of a bivalent Lumpy Skin Disease-vectored Rift Valley fever
virus vaccine.

An important part of a successful mitigation strategy for
emerging and endemic pathogens is the ability to detect the
presence of the agent in a rapid, sensitive and specific manner.
The final paper in this Special Edition describes a novel approach
using nanoparticles to preserve arboviral RNA in blood samples
of infected animals thus increasing the ability for detection.
Akhrymuk et al. discuss the development of this approach using
Venezuelan equine encephalitis virus (VEEV), an often neglected
but important zoonotic viral pathogen that can cause high
mortality in horses.

CONCLUSION

The emergence of a new viral disease could affect public
and animal health as well as the economy of many countries
worldwide as demonstrated by the current COVID-19 pandemic.
Therefore, we cannot forget that other known and unknown
animal and zoonotic pathogens could also pose considerable

threats to animal and public health globally. Arthropod-borne
pathogens have emerged and are re-emerging in increased
numbers in the last decades. This Special Edition provides
overviews of these arboviral threats and discusses current and
novel strategies for their detection and control.
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Bluetongue (BT) is a haemorrhagic disease of wild and domestic ruminants with a huge

economic worldwide impact on livestock. The disease is caused by BT-virus transmitted

by Culicoides biting midges and disease control without vaccination is hardly possible.

Vaccination is the most feasible and cost-effective way to minimize economic losses.

Marketed BT vaccines are successfully used in different parts of the world. Inactivated

BT vaccines are efficacious and safe but relatively expensive, whereas live-attenuated

vaccines are efficacious and cheap but are unsafe because of under-attenuation, onward

spread, reversion to virulence, and reassortment events. Both manufactured BT vaccines

do not enable differentiating infected from vaccinated animals (DIVA) and protection

is limited to the respective serotype. The ideal BT vaccine is a licensed, affordable,

completely safe DIVA vaccine, that induces quick, lifelong, broad protection in all

susceptible ruminant species. Promising vaccine candidates show improvement for one

or more of these main vaccine standards. BTV protein vaccines and viral vector vaccines

have DIVA potential depending on the selected BTV antigens, but are less effective and

likely more costly per protected animal than current vaccines. Several vaccine platforms

based on replicating BTV are applied for many serotypes by exchange of serotype

dominant outer shell proteins. These platforms based on one BTV backbone result in

attenuation or abortive virus replication and prevent disease by and spread of vaccine

virus as well as reversion to virulence. These replicating BT vaccines induce humoral and

T-cell mediated immune responses to all viral proteins except to one, which could enable

DIVA tests. Most of these replicating vaccines can be produced similarly as currently

marketed BT vaccines. All replicating vaccine platforms developed by reverse genetics

are classified as genetic modified organisms. This implies extensive and expensive safety

trails in target ruminant species, and acceptance by the community could be hindered.

Nonetheless, several experimental BT vaccines show very promising improvements and

could compete with marketed vaccines regarding their vaccine profile, but none of these

next generation BT vaccines have been licensed yet.
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INTRODUCTION

Bluetongue Disease
Bluetongue (BT) is a hemorrhagic disease of wild and domestic
ruminants caused by bluetongue virus (BTV) (1, 2). BT is one
of the main veterinary diseases worldwide causing significant
economic losses (3, 4). The outcome of BTV infection varies
and depends on the pathogenicity of the virus strain and the
susceptibility of the ruminant host. Indigenous ruminants in BT
endemic areas, goats, and cattle are less susceptible than many
sheep breeds from BT-free areas (5). Sheep can induce severe
clinical disease (6, 7), whereas cattle rarely show clinical disease
but are readily infected and are an epidemiologically important
BTV reservoir. BTV is not contagious but transmitted by
biting competent Culicoides midges (8), whereas several recently
discovered BTV serotypes spread without midges by direct
contact transmission (9–11). Virulent BTV can also spread oro-
nasally or vertically (12, 13) and have been reported in the field
(14–16). A role of transplacental transmission in overwintering
has been hypothesized (17), and trade of pregnant heifers
can transport infectious BTV over long distances potentially
causing outbreaks in former BT-free areas by delivery of viremic
fetuses (18).

Bluetongue Virus
BTV is the prototype orbivirus within the genus Orbivirus of the
family of Reoviridae (19). Orbiviruses are non-enveloped viruses
and consist of a three-layered icosahedral capsid containing a
segmented genome. Ten double stranded RNA genome segments
S1-10 encode seven structural proteins VP1-7 and at least 4
non-structural proteins NS1-4 (19–22). BTV infection results
in a transcriptionally active core particle producing mRNAs of
all ten segments which are released into the cytoplasm (23).
BTV was recovered from core-derived mRNAs about 20 year
later (24), and BTV was rescued by double transfection of ten
synthetic RNA run-off transcripts from cDNAs, which is known
as reverse genetics (25). Reverse genetics has opened endless
possibilities to study viral functions in the BTV infected cell, in
particular of non-structural proteins (26, 27). The BTV species
or serogroup consists of many neutralization groups hardly
showing cross-neutralizing antibodies and poor cross-protection
(28, 29) (Figure 1).

BTV Serotypes
BTV serotypes 1–24 have been recognized by cross neutralization
assays and have been confirmed by phylogenetic analysis of
S2, which encodes the serotype specific and immunodominant
VP2 protein of the outer shell (34) (Figure 1). Eastern and
western topotypes of many serotypes are recognized, suggesting
segregation a long time ago (35). In the last decade, at least
five new BTV serotypes have been discovered (30, 32, 33, 36–
38) (Figure 1). BTV25-27 are known as “atypical BTV,” because,
in contrast to typical BTV1-24, these are exclusively found in
small ruminants, are not pathogenic, spread by direct contact
transmission, and cannot be cultured in Culicoides cells (9, 10,
39–41). BTV28 is also transmitted by in-contact transmission
but causes clinical disease and its VP2 is closest related to the

FIGURE 1 | Phylogenetic and neutralization relationship between BTV

serotypes. Related BTV serotypes based on genome segment 2 expressing

serotype specific immunodominant outer shell protein VP2 are grouped by

circles. Cross neutralization between BTV serotypes is indicated by lines;

strong (thick), some (normal) and weak neutralization (dashed). Adapted from

Erasmus et al. (28), and Maan et al. (30) and updated for BTV27-29 from

Bumbarov et al. (31), Wright (32), and Zientara (33).

main BTV genotype group consisting of serotypes 4, 10, 11, 17,
20, and 24 (31). BTV29 has been isolated from Alpaca in South
Africa and is closely related to serotype15 based on phylogenetic
and cross neutralization analysis (32). Two recently found BTVs
are not studied in detail yet, but are proposed as new serotypes
according to phylogenetic analysis of S2 sequences (37, 38).
Discovery of more typical and atypical BTV serotypes in livestock
and wild ruminant species can be expected by intensified surveys
with more sensitive and new technologies (42). These “to-be-
discovered” BTVs are likely not pathogenic but could become
of concern, since mutations and reassortment with virulent
BTV serotypes quickly change virus characteristics, including
pathogenicity and the epidemiology.

Epidemiology
For a long time, BT has been widespread in tropical and
subtropical regions all over the world, but is restricted and
dependent on the local presence of specific competent biting
midges in different parts of the world (43). At the end of the
twentieth century, BT-affected areas had started to expand to
former BT-free areas with a moderate climate, and outbreaks
caused by emerging BTV serotypes have been frequently reported
since then (44, 45).
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BTV1, 2, 4, 9, and 16 entered southern Europe associated
with expansion of the Culicoides imicola vector from northern
Africa. In 2006, BTV8 (BTV8/net06) emerged in north-western
Europe (15, 46), and was spread by indigenous midge species of
the Culicoides obsoletus complex (47–49). Likely, global warming
favors expansion of well-known competent midges species as
well as increases the vector competence of some midge species.
Subsequently, BTV8/net06 survived the inter-seasonal “vector-
free” period known as “overwintering” and was spread to many
European countries resulting in the largest recorded BT outbreak.
Vaccination campaigns eradicated BTV8 in most European
countries but BTV8 re-emerged in France in 2015 after 5 years
of silence (50). This virus variant, BTV8/fr15, caused a lower
viremia, less severe disease and virus transmission was much
slower suggesting a lower vector competence. Likely, one or more
amino acid changes in BTV8/fr15 are involved in this changed
phenotype (51). In 2014, a new BTV reassortant of serotype 4
emerged in south-eastern Europe (52), and expanded to a wide
area into Italy and mainland France in following years. Like
BTV9 in this area, this BTV reassortant is likely spread by C.
obsoletus, since C. imicola has not been found in the Balkan
region. In 2017-18, BTV3 “jumped” from Tunisia to the Italian
islands Sicily and Sardinia (53–55).

Many serotypes are endemic in Northern Australia but
BTV5 emerged in 2015 for the first time (56). Additionally,
the Australian authorities have moved the installed border of
the BT-free area, including quarantine centers, southwards
due to expansion of the BTV affected area (https://
animalhealthaustralia.com.au). In large parts of the USA,
serotypes 2, 10, 11, 13, and 17 are endemic and temporarily
expand further northwards up to Canada depending on annual
environmental conditions (57). In addition, 11 serotypes
circulate in south-eastern USA, mainly in Florida, and
reassortants of serotype 3 have been recently isolated in
several states in the USA (58). Many serotypes are endemic in
large parts of South America (59), but little is known of the
BT-history on this continent.

BTV constantly evolves bymutations and reassortment events
leading to invasion of new variants in areas with susceptible hosts
and competent midges (60, 61). Additionally, global warming
and climate change likely contribute to expansion of BT affected
areas (57, 62). Intensified movements of animals and animal
products will also increase the chance on incursions of BT. In
conclusion, (re-)emerging BT outbreaks can be expected all over
the world. Preparedness on this threatening situation should be of
high priority to safeguard the health and production of ruminant
livestock in developing and developed countries (63).

Control of Bluetongue
BT control by restrictions on trade and movements and
vector control is inadequate, insufficient, non-proportional, and
expensive compared to the impact, while destruction of infected
ruminants is not acceptable by the community. The failure in
disease control is mainly caused by uncontrolled spread of BTV
by infected midges. Vaccination is the preferred method for BT
control (64–66). Prophylactic and emergency vaccination have
contributed to BT control and significantly reduce economic

losses caused by mortality, morbidity, reproduction problems,
animal losses and lower milk production (67–69). The success of
vaccination campaigns is best demonstrated by the eradication of
BT in many European countries after the devastating outbreak
caused by BTV8. Eradication of BT strongly depends on
participation of animal owners to reach a high vaccination
coverage of livestock, the used vaccine, and the field situation,
like the presence of wildlife species as BTV reservoir and
thus potential re-incursions (70). Still, intensified and repeated
monitoring for several years is required to proof the absence
of BTV circulation. Serological monitoring in the vaccination
population is hindered by lack of specific assays to discriminate
between infected and vaccinated animals, but is feasible by testing
of non-vaccination sentinel herds or testing of selected new-
born (non-vaccinated) animals after maternal antibodies have
been disappeared.

VACCINES

Vaccine Profile
The ideal BT vaccine is efficacious, safe, affordable, and has
been licensed. Preferably, the vaccine is a DIVA vaccine
[Differentiation Infected from VAccinated individuals (71)] to
support eradication and to safely allow trade and movement
of DIVA-vaccinated and BT-naïve animals. Each of these
main standards for vaccines is the sum of several criteria
(Figure 2). Efficacy is divided into protection against disease
and blocking of onward virus transmission. Further, protection
should be quick and lasting, preferably lifelong. Because of
many neutralization groups, the ideal vaccine is broad protective
or is tailor-made to anticipate on circulation of multiple
serotypes. Safety is subdivided into non-pathogenic and no
adverse effects in ruminants of different status, like pregnant
and young animals. Further, the vaccine should not spread into
the environment, like through uptake and spread by midges or
in-contact transmission. Affordability consists of costs/dose and

FIGURE 2 | The main standards for modern veterinary vaccines. Each

standard can be subdivided into several criteria. The ideal vaccine completely

meets all these criteria, but profiles of marketed and experimental vaccines

mostly compromise between standards depending on the foreseen aim of

vaccination and on the field situation Feenstra and van Rijn (70).
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price/protected animal. The costs/dose depends on development
costs and production costs, while the price/protected animal also
depends on vaccine efficacy and vaccination strategy, like one
single vaccination or repeated vaccinations to achieve lasting
protection. Consequently, affordability is also associated with
the value and lifespan of the susceptible species in a certain
country or region. DIVA is subdivided into genetic DIVA to
detect acute BTV infections, and serological DIVA to massively
monitor (vaccinated) ruminant populations for anti-BTV Abs
in order to detect past BTV circulation. Finally, for massive
use and success of vaccination campaigns, the ideal BT vaccine
should be licensed, and of course, its own success will increase
the acceptance by users.

Marketed Vaccines
Currently, two types of marketed BT vaccines are used in
large parts of the world, conventionally live-attenuated vaccines
(LAVs) and inactivated BT vaccines. Both are based on whole BT-
virus, and induce immune responses against immunogenic BTV
proteins (Figure 3A).

Live-Attenuated Vaccines
Protection by LAV is serotype specific, although some cross
neutralization has been noticed (28) (Figure 1). A cocktail
containing LAVs of 14 serotypes did not result in broad
protection of sheep (72). However, multi-serotype LAV cocktails
can induce neutralizing antibodies against not-included
serotypes, and subsequent vaccinations with three different
pentavalent LAV cocktails induce broad protection (73). These
pentavalent cocktails contain 15 different serotypes in total;
bottle A (serotypes 1, 4, 6, 12, and 14), bottle B (serotypes 3,
8, 9, 10, and 11), and bottle C (serotypes 2, 5, 7, 13, and 19).
These LAVs induce some clinical reactions commonly including
a transient febrile reaction [reviews; (72, 73)], and may cause
teratogenic effects; abortions, stillbirths, fetal malformations,
temporary infertility in rams, and ewes, and reduced milk
production [(74) and included references]. Further, these LAV
cocktails require a correct order of use, since bottles B and C
contain under-attenuated LAVs, which could lead to a higher

incidence of disease if used as prime vaccination. Adverse effects
have been shown after vaccination with LAVs of serotypes 2, 4, 9,
and 16 in the Middle East and after temporarily use in southern
Europe [reviewed in (75)]. More importantly, LAV viremia is
sufficiently high for uptake by midges and thus onward spread,
and these LAVs are no longer used in South Europe (76–79).
Nonetheless, vaccination with LAVs prevent severe clinical
disease and reduce viremia of wild type BTV (wtBTV) (80).
Since the exact mutations and attenuation sites in LAVs are
unknown and are likely located on different genome segments
for each LAV, reversion to virulence and virulent variants by
reassortment are possible (75, 81, 82). Despite of the debatable
safety of conventionally live attenuated vaccines, these are used
in several parts of the world, since LAVs are cheap and effective,
while adverse reactions are marginal in local breeds (83, 84).

Inactivated Vaccines
In the 1970s and 1980s, inactivated BT vaccines have been
developed in the USA but have not been licensed (85–88). The
emergence of several BTV serotypes in Europe re-activated this
approach. Inactivated BT vaccines for some serotypes have been
licensed in Europe and are produced at industrial level on request
in case of emergency [reviewed in (89)]. Inactivated vaccine
cross protects early after vaccination by innate immunity but
protection switches to serotype specific protection later on (90).
In general, protection by inactivated vaccine is serotype specific,
although some heterologous protection against other serotypes
can be induced but hard to predict (91), whereas inactivated BT
vaccines for serotypes 1 and 4 showed negative interference for
serotype 4 (92). Inactivated BT vaccines are completely safe and,
although for a limited number of serotypes, the only type of BT
vaccine currently registered in Europe. Success of inactivated BT
vaccines is the best demonstrated by eradication of serotypes 1, 2,
4, and 8 in several European countries after massive vaccination
(75, 93–95). Field application shows very good records and
neutralizing antibodies persist for many years (96–98). Details
of BTV antigen production, formulation and adjuvant have not
been published in detail. The amount of antigen per dose of
inactivated BT vaccine typically corresponds to approximately

FIGURE 3 | Schematic representation of marketed and experimental BT vaccines. (A) Marketed vaccine is based on entire live-attenuated or inactivated BTV. (B)

Subunit vaccine is based on BTV protein(s) produced in artificial systems, and mostly contains the here presented serotype specific outer shell VP2 protein. (C) VLP

vaccine consists of empty virus particles produced in artificial systems consisting of BTV proteins VP2, 3, 5 and 7. (D) Viral vector vaccine is nonBT-virus expressing

one or more BTV proteins. Here, a VP2 expressing viral vector vaccine is presented. (E–G) The exchanged serotype specific outer shell proteins VP2 and VP5 are

indicated (white). (E) “Serotyped” LAV and inactivated BT vaccine are based on a common LAV or a production BTV backbone, respectively. (F) DISC vaccine lacks

expression of an essential BTV protein, and must be produced by in trans complementation as indicated. (G) DISA vaccine and NS4 knockout vaccine lacks

expression of nonessential NS3/NS3a or NS4, respectively (asterisk).
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107 TCID50 virus (99), which is about 100 times more than 105

TCID50 virus/dose for LAVs. Inactivated BT vaccine is therefore
more expensive but safer than LAV. Particularly, inactivated
vaccine is more expensive for large ruminants, since booster
vaccination is recommended (100). Inactivated BT vaccines are
potential DIVA vaccine, since non-structural (NS) proteins can
be removed from produced BTV antigen. ELISAs to detect
antibodies directed to NS proteins have been published (101–
103). However, stringent purification to removeNS proteins from
crude extract of produced BTV particles is required and will
increase the production costs of inactivated BT vaccine.

In conclusion, LAVs and inactivated BT vaccines are available,
although for the latter only for a limited number of serotypes.
Despite of several success stories in different parts of the world
for these marketed vaccines, both vaccine types have their
specific shortcomings. The current choice of vaccine depends on
many aspects, including the objective, local legislation, and their
vaccine profile taking pros and cons into account. Clearly, there
is ample room for improvement of currently used vaccines (70).

Promising Experimental Vaccines
Several experimental BT vaccines are under development, and
are divided into; (1) vaccines based on BTV proteins, e.g., VP2
subunit and virus like particles (VLPs); (2) viral vector vaccines
based on nonBT-virus expressing one or more BTV proteins,
and; (3) vaccine platforms based on BTV (Figure 3). These
approaches are subject of vaccine research for many years and
show improvements compared to marketed vaccines.

BTV Protein Vaccines
Experimental protein based BT vaccines all include the serotype
specific immunodominant VP2 protein (Figure 3B). Protein
production has been studied in bacteria (104), in insect cells
(105–108), in yeast (109), and in plants (110–112).

VP2 subunit vaccines
A protective dose by VP2 could be reduced 50% by adding
VP5 protein, but adding of Freund’s adjuvant or other BTV
proteins did not further enhance the protective immunity (113).
Recently, 150 µg purified VP2, NS1, and NS2 proteins with
the immunostimulating complex AbISCO-300 showed a good
cellular and humoral immunity in cattle (114). This candidate
protects calves 3 weeks after booster vaccination. T-lymphocytes
were mainly raised against NS1 and are cross reactive amongst
different serotypes because of a higher conservation of NS1
protein. This suggests that the cellular responses to NS1, and
likely NS2, can be the fundament of vaccine for other serotypes by
varying VP2 protein (115). Other experimental subunit vaccine
candidates have been developed and showed promising results
but are mostly not tested in the natural ruminant host yet
(110). Two domains of VP2 (aa 63–471 and 555–956) and
VP5 lacking the first 100 amino acids are produced in bacteria
as soluble fusion-proteins with glutathione S-transferase (116).
Immunized IFNAR(−/−) mice expressed neutralizing antibodies
and survived homologous challenge without clinical signs after
booster vaccination with 15 µg of the VP2 domains and 25
µg VP5. Addition of VP5 protein enhanced the immunity but

addition of VP7 did not. VP2, VP7, and NS1 were incorporated
in MuNS microspheres (117). An advantage of these inclusions
using the baculovirus expression system is the easy method of
purification and their potent adjuvant activity (118). IFNAR(−/−)

mice immunized with these particles without adjuvant induced
both humoral and cellular immune responses, and these mice
were protected against lethal BTV challenge. VP2 has also been
fused to the antigen presenting cell homing (APCH) molecule,
and was produced in insect cells (119). APCH fusion has
been demonstrated to improve the immune responses induced
against many different antigens. This antigen formulated with
oil adjuvant Montanide ISA50 showed a good humoral immune
response in cattle with a minimal dose of 900 ng, but a BTV
challenge has not been performed. IFNAR(−/−) mice have also
been vaccinated and specific CD4+ and CD8+ T cells producing
IFNγ following virus stimulation were observed, whereas lower
levels were recorded for mice immunized with only VP2. Part of
the VP2 gene has also been expressed using Pichia pastoris (109).
High level of secreted expression was achieved, and the produced
protein is immunogenic in rabbits.

VLP vaccines
VLPs are empty virus particles consisting of structural proteins
and are investigated as vaccine candidates for decades. BTV
VLPs consist of VP3, VP7, VP2, and VP5 which are expressed
in insect cells using baculovirus expression (120–124), and by
the Nicotiana benthamiana plant and the cowpea mosaic virus
based HyperTrans plant transient expression vector system (125)
(Figure 3C). A cocktail of VLPs for several serotypes 1, 2, 10,
13, and 17 protected against all five serotypes and partially
protected against some other serotypes (126). Huge sheep trials
with 50–200 sheep per trial showed afforded protection by
VLP vaccination against homologous challenge (127). Despite
of all these efforts and promising results, VLPs have not been
manufactured in that time. Most likely, marketed inactivated BT
vaccines are much cheaper to produce, and equally safe. Protein
and VLP production in plants have become an increasingly
popular alternative for artificial protein production of complex
high-value proteins, and might become cost effective.

New inactivated BT vaccines
A vaccine platform for production of inactivated BTVs has
been developed (128). Reverse genetics for BTV1 (25) was used
to exchange serotype specific outer shell proteins of 18 BTV
serotypes (Figure 3E). The prototype “serotyped” inactivated BT
vaccine for serotype 8 induces serotype specific neutralizing
antibodies and protects sheep against virulent BTV8 challenge.
This synthetic biology approach will optimize production and
will shorten the time to produce inactivated BT vaccines for new
and emerging serotypes.

Summarizing, protein based BT vaccines provide
opportunities compared to commercial inactivated BT vaccines.
VP2 subunit and VLP vaccines contain specific BTV proteins
and are produced in artificial production systems. Therefore,
these require minimal biocontainment facilities and can be DIVA
compliant. In particular, guaranteed vaccine safety by lack of
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infectious BTV or contamination of animal related viruses is a
great advantage of protein based BT vaccines.

Viral Vector Vaccines
Different viruses have been explored as vector for the
development viral vector vaccines expressing one or more
BTV proteins intracellularly and therefore inducing cytotoxic
T lymphocyte responses in addition to humoral responses
(Figure 3D). Replication of viral vector vaccines is abortive,
and will not induce clinical signs associated to BTV infection.
Canarypox virus expressing both VP2 and VP5 induced sterile
immunity in sheep (129), whereas capripox viruses expressing
VP2, VP7, NS1, or NS3 induced partial protection (130).
Myxomavirus expressing VP2 or both VP2 and VP5 also
partially protects sheep against BT (131). Bovine herpes virus
expressing VP2 targeted to the cell membrane also induced
partial protection in IFNAR(−/−) mice (132). Immunization
of IFNAR(−/−) mice with equine herpes virus expressing
both VP2 and VP5 protects against mortality but mild
clinical signs were observed after challenge (133). All these
viral vector vaccine candidates require booster vaccination,
and most of these did not completely protect mice or the
ruminant host. A promising exception with regard to previous
research on viral vector vaccines is the wide immunoprotection
of IFNAR(−/−) mice by inoculation with modified vaccinia
Ankara virus (MVA) vector expressing an immunodominant
epitope on BTV-NS1 protein (134). Research in ruminants
is needed to study broad and effective protection in the
target species.

The main obstacle of viral vector vaccines is immunity against
vector associated antigens by previous exposure [reviewed in
(135)]. Priming by DNA vaccination followed by vaccination
with viral vector vaccine can partially overcome the disadvantage,
and DNA vaccine is a potent inducer of Th1 responses. However,
reliability and effectiveness of DNA vaccines are questionable
by inefficient delivery and is therefore still limited [reviewed in
(136)]. Prime vaccination with BTV1 pCAGGS DNA vaccine
(137), followed by recombinant fowlpox virus vaccine for VP2,
VP5, or both proteins induced T-cell response in BALB/c mice,
and high titres of neutralizing antibodies in both mice and
sheep but protection against BTV was not investigated (138).
Similar strategies showed protection in IFNAR(−/−) mice with
plasmids encoding VP2, VP5, and VP7 and MVA vector (139),
and with NS1 instead of VP5 showed a higher T-cell response
and heterologous immunity (140). VP2 expression induced
protection to homologous challenge similar as expression of
VP2, VP5, and VP7 together, which indicates the importance
of serotype specific immunodominant VP2 protein (141). The
prime-boost strategy with DNA and viral vector vaccines is
promising but more research in the susceptible ruminant host
is needed.

Viral vector vaccines are potential DIVA vaccines and safety
with regard to lack of infectious BTV is guaranteed. In addition,
production of viral vector vaccines requires a permitted (lower)
biocontainment level and will lower the production costs. Some
viral vectors have been registered and likely further reduces the
costs to license these viral vector vaccines for BT.

Replicating BT Vaccines (MLVs)
Development of reverse genetics for orbivirus prototype BTV
was a breakthrough in orbivirus research (25), and has been
optimized to robustly generate BTV mutants, modified-live
vaccines (MLVs) and “synthetic” reassortants (142–144). Reverse
genetics has been used for fundamental and applied research to
investigate viral functions in the BTV infected cell. Synthetically
derived BTV is indistinguishable from its virulent or nonvirulent
ancestor BTV (145). The segmented BTV genome is very flexible,
and many desired so-named “synthetic” BTV reassortants can
be generated easily using a set of 10 selected RNA run-off
transcripts (145, 146). One example as used for the here described
vaccine platforms is the forced exchange of S2[VP2] and S6[VP5]
encoding serotype immunodominant outer shell proteins. In
addition, reverse genetics opened possibilities to manipulate viral
functions by genetic modification of BTV in order to develop
replicating vaccine platforms (MLV platforms).

“Serotyped” live-attenuated vaccines
Anew generation of experimental LAVs is based on LAV serotype
6 (BTV6/net08) (35, 147) with exchanged outer shell proteins
(Figure 3E). This LAV platform has been studied for serotypes 1
and 8 and results in nonvirulent so-named “serotyped” LAV1 and
8, respectively (148). Vaccination with monovalent or a trivalent
cocktail of serotyped LAVs protects sheep against virulent BTV
and induces serotype specific neutralizing antibodies against
included serotypes. To combat multiple serotypes, tailor-made
cocktails of serotyped LAVs could be freely applied, since
reversion to virulence by reassortment between serotyped LAVs
will be negligible because of the common LAV backbone.
Consequently, these LAVs share most genome segments and the
risk of arise of virulent variants has minimized. Further, negative
interference of protection by different serotyped LAVs will be
minimized because of the shared replication machinery. Though,
reversion to virulence of serotyped LAVs by point mutations is
a potential risk (149). Furthermore, elevated body temperature,
clinical signs and viremia have been observed after vaccination
(148). Therefore, safety of serotyped LAVs is incomplete and
debatable as viremia could lead to undesired onward spread of
vaccine virus by midges. Altogether, cocktails of serotyped LAVs
are safer than cocktails of conventional LAVs, but their safety is
still debatable due to the risk of reassortment events with wtBTV.

Disabled infectious single cycle (DISC) vaccines
Reverse genetics has initiated the development of improved
vaccines by genetic modification of BTV. The Disabled Infectious
Single Cycle (DISC) vaccine platform is based on BTV1 without
expression of essential viral helicase VP6 (150). DISC vaccine
virus cannot fulfill the virus replication cycle by lack of de novo
VP6 synthesis, and DISC vaccine viruses must be produced
by in trans complementation in cells expressing VP6 protein
(Figure 3F). Consequently, DISC vaccine virus infects cells of
the vaccinated ruminant only once, since infectious BTV cannot
be assembled. The abortive replication of DISC vaccine virus
induce a full blown immune response closely mimicking BTV
infection, and results in mRNA synthesis and expression of all
BTV proteins, except for VP6. The DISC vaccine platform has
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been applied for several serotypes by exchange of the serotype
specific outer shell. Monovalent DISC vaccine and some DISC
cocktail vaccines have been studied in sheep and cattle (150–
152). A single DISC vaccination is protective in both sheep
and cattle. In these studies, DISC vaccination contains crude
cell lysate with ±1 × 107 TCID50/ml per DISC vaccine virus,
but the minimal protective dose of DISC vaccine has not been
determined yet. DISC vaccine virus is completely safe with
respect to clinical signs and viremia, although transient positivity
by PCR has been observed short after vaccination. Monovalent
DISC vaccine for serotype 8 protects sheep against clinical signs
and viremia (150). Trivalent DISC vaccine for serotype 2, 4, and
8 completely protects sheep and cattle at 3 weeks post booster
vaccination against virulent BTV2, 4 or 8 (151). Hexavalent
DISC vaccine for serotypes 1, 2, 4, 8, 13, and 21 also protects
against virulent BTV2 or 8 (152). Moreover, hexavalent DISC
vaccine induced neutralizing antibodies against all included
serotypes after booster vaccination, suggesting protection for all
these serotypes. The deletion in S9[VP6/NS4] of DISC vaccine
abolishes expression of VP6 but also of recently discovered NS4
protein. NS4 protein is not essential for virus replication in
vitro but antagonizes Interferon-I expression in vivo (26, 153).
Likely, lack of NS4 will positively affect the immune response
by DISC vaccination, although this has not been studied. So far,
the studied DISC vaccine consists of crude cell lysate with minor
amounts of complemented VP6 protein. The DIVA potential of
the DISC vaccine platform based on VP6 or NS4 has not been
investigated yet.

Disabled infectious single animal (DISA) vaccines
The principle of Disabled Infectious Single Animal (DISA) is
a blockade on transmission of vaccine virus by midges. The
key of DISA vaccine platform is knockout of NS3/NS3a protein
by a deletion in S10[NS3/NS3a] (Figure 3G). Both NS3 and
NS3a protein are not essential for virus replication in vitro,
whereas virus release from Culicoides cells depends on NS3/NS3a
protein (27). DISA vaccine virus cannot propagate in competent
midges after intrathoracic inoculation (154). Moreover, a small
in-frame deletion of 72 amino acid codons in NS3/NS3a protein
leads to the same phenotype (155). Furthermore, DISA vaccine
virus cannot pass the midge midgut barrier after blood feeding,
and cannot reach the salivary glands, and therefore will not be
secreted in saliva (155). It has been proposed that DISA vaccine
virus only replicates near the vaccination site (156). Altogether,
onward transmission of DISA vaccine has been blocked on
uptake as well as on secretion (Figure 4). The DISA vaccine
platform has applied for several serotypes by single S2[VP2]
exchange (157), by exchange of both outer shell proteins as
described (128, 148), and by incorporation of chimeric S2[VP2]
of serotype 1 and 16 (157). DISA vaccine can be produced in
established vaccine production facilities similar as for production
of LAV or BTV antigen.

Virulent BTV8 without NS3/NS3a expression does not
cause disease in sheep, indicating that NS3/NS3a is essential
for virulence (156). Several deletions in S10[NS3/NS3a] are
genetically unstable, but NS3/NS3a expression and pathogenicity
of BTV has never been restored (158). Replication of DISA
vaccine virus is required for protection but does not cause

FIGURE 4 | Overview of the vaccine profile of the DISA vaccine platform.

viremia (156). DISA vaccine based on BTV6/net08 (159) is
superior to that based on a BTV1 or BTV8/net06 backbone
with respect to protection, and completely protects sheep against
virulent BTV8 at 3 week post single vaccination (156). Prime-
boost DISA vaccination results in lasting serotype specific
protection (160). A standardized dose of 2 x 1ml 105 TCID50/ml
DISA vaccine was subcutaneously administered in these studies,
however, a 100 times diluted vaccine dose, 2 × 1ml 103

TCID50/ml, and intramuscular or intravenous vaccination with
a standard dose all results in VP7 seroconversion (161). Recent
vaccination-challenge studies demonstrate early and serotype
specific protection after intramuscular vaccination of cattle with
DISA vaccine with the small in-frame deletion (van Rijn et al.
personal communication). Further, prime-boost intramuscular
vaccination of sheep with a pentavalent cocktail of DISA vaccines
for the “European” serotypes 1, 2, 3, 4, and 8 based on the same
DISA platform protects against virulent BTV2 or 8, suggesting
that sheep are protected for all five serotypes (van Rijn et al.
personal communication) (Figure 4). Lack of NS3/NS3a protein
likely enhances the interferon mediated immune response, since
NS3/NS3a counteracts the innate immune response, and in
particular the type I interferon (IFN-α/β) pathway by different
mechanisms (162–164).

Finally, DISA vaccine is DIVA compatible with panBTV PCR
tests targeting S10 (36, 165–167), since the deletion in S10
partially overlaps their PCR targets (168). Furthermore, BTV
infection induces NS3 Abs (102), and DISA vaccine is therefore
DIVA compatible with an experimental NS3 competitive ELISA
(103). Indeed, the NS3 competitive ELISA differentiates BTV
infected from DISA vaccinated animals (156, 160) (Figure 4).
Studies in large animal groups, preferably in the field, are
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required to determine the final vaccine profile of these DISA
vaccines. Although DISA vaccines are scientifically safe and
rationally acceptable, the current hurdle is permission to perform
field trials with DISA vaccines as these BTVs with a small deletion
are classified as GMOs.

NS4 knockout vaccines
BTV without NS4 expression from S9[VP6/NS4] could be an
attractive vaccine platform, as NS4 is a determinant of virus
virulence (153) (Figure 3G). Three silent point mutations in the
VP6 open reading frame result in a mutated NS4 start codon
and two in-frame stop codons in the open reading frame of
NS4 adjacent downstream the NS4 start codon and selectively
abolish NS4 expression. The BTV NS4 knockout mutant did not
induce elevated body temperature nor clinical signs in sheep,
while neutralizing antibodies were raised against the BTV NS4
knockout mutant similar as by wtBTV infection. Unfortunately,
viremia was observed after inoculation and lasted for up to 28
days and protection against BTV challenge was not studied.
Recovery of NS4 expression, and thus virulence, is minimized
by the triple point mutation. However, due to its lasting viremia,
and potential onward spread by midges, reversion to virulence
cannot be excluded. BTV NS4 knockout mutants are not further
explored as potential vaccine yet, but a NS4 knockout mutant
of the related African horse sickness virus has shown promising
results in horses (169). The BTVNS4 knockout mutant replicates
in cell lines as used for BTV propagation, indicating that
production of BT NS4 knockout vaccines should be possible
in established facilities. Similar to other published BT vaccine
platforms, this platform will be applicable for many serotypes by
exchange of serotype specific outer shell proteins.

The here described MLV platforms are based on one
appropriate virus backbone used to vary one or two segments
encoding serotype specific outer shell proteins. Thus, each
platform share 8 or 9 out of 10 genome segments including
one mutated segment for most of the vaccine platforms
(Figures 3E–G). Consequently, the vaccinated animal induces
humoral as well as T-cell mediated responses directed against
all BTV proteins, except for the one encoded by the modified
genome segment. The lack of expression leads to attenuation
(NS4 knockout platform), abortive replication (DISC platform),
or a combined non-transmissibility, non-virulence and DIVA
(DISA platform). Importantly, the shared backbone prevents
reversion of virulence by reassortment between vaccine viruses.
Tailor-made cocktail vaccines or foreseen broad protective
vaccines are equally safe as single vaccines. Nonetheless,
these modern vaccine platforms based on reverse genetics are
genetically modified organisms (GMOs), and more efforts must
be invested to proof their complete safety but eventually could
allow a lower biosecurity level for vaccine production.

Expectedly, the here described approaches could be combined
by improved technologies in the future. Inactivated DISA vaccine
combines DIVA and avoids the GMO issue. Reverse genetics for
circulating or (re-)emerging wtBTVs will be quickly developed
in the future. In combination with the modification according to
the described MLV platforms will result in a safe and protective
vaccine that will induce an immune response exactly matching to

the field BTV strain. More importantly, this strategy will avoid
arise of virulent variants by reassortment events between vaccine
strain and wtBTV.

CONCLUDING REMARKS

The main vaccine standards are efficacy, safety, affordability,
DIVA, and acceptance by the community. Marketed LAVs
and inactivated BT vaccines are both successful to control BT
outbreaks but have their specific pros and cons. LAVs are cheap
but considered unsafe, while inactivated BT vaccines are safe but
more expensive (Table 1).

In addition, both marketed BT vaccines lack DIVA and
have limitations with regard to safely combat multi-serotype
situations in the field. Experimental BT vaccines, such as protein
vaccines, viral vector vaccines, and replicating vaccines, have
been developed and some are well studied but none have
been licensed yet. Nonetheless, new vaccine candidates show
improvement for one or more of the vaccine standards. However,
their final vaccine profile has not been definitely determined
yet, although some can be assumed based on the present
data. Because of this incompleteness, comparison of their final
(expected) vaccine profiles is hardly possible (Table 1).

Efficacy
MLVs are likely more effective than BTV protein vaccines and
viral vector vaccines, since replicating BT vaccines can induce
humoral and T-cell mediated immune responses against almost
every BTV protein, and show protection after single vaccination.
Further, broad protection is likely easier to achieve, since more
conserved epitopes among BTVs as well as serotype specific
epitopes are exposed to the immune system. Furthermore,
application for multiple serotypes have been successfully studied
for several MLV vaccine platforms.

Safety
BTV protein vaccines and viral vector vaccines are completely
safe due by the absence of infectious BTV, although local
reactions on the vaccination site could be induced depending
on the used adjuvant. Safety of MLVs varies between different
platforms. DISC and DISA vaccines do not cause viremia or
adverse effects, and are blocked on spread of vaccine virus
between animals. “Serotyped” LAVs and NS4 knockout vaccine
are not 100% safe, since a significant viremia could lead to
onward transmission of vaccine virus by midges and might
transmit vertically to the fetus.

Affordability
The price per dose as well as per protected animal is hard
to calculate for these experimental vaccines. Expectedly, vector
vaccines and MLVs will be cheaper than BTV protein vaccines,
since replication of MLVs in the receipt will trigger the immune
system better than BTV protein based vaccines. Generally, the
protective dose will be lower for replicating vaccines. Eventually,
affordability will depend on vaccine efficacy but also on required
boost vaccinations.
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TABLE 1 | Evaluation of vaccine profiles of marketed and experimental vaccines.

Marketed vaccines Protection Safe Affordable Acceptable DIVA Main advantages Main disadvantages Remarks

Live-attenuated vaccine

(LAV)

Yes No1 Yes Yes/No2 No Cheap full blown

response

No DIVA unsafe, in

particular for

cocktails

1: Virulence (residual and/or reversion)
2: Licensed in African countries, not

accepted in other countries

Inactivated vaccine Yes1 Yes Yes2 Yes3 No Safe No DIVA expensive 1: Most require annual revaccination
2 : More expensive than LAVs
3: Available for limited serotypes

Experimental vaccines Protection Safe Affordable Acceptable DIVA Main advantages Main disadvantages Remarks

PROTEIN VACCINES

VP2 subunit vaccine Yes1 Yes No2 Yes Yes3 Commercial DIVA test Expensive

late onset

1: Requires booster vaccination
2: Likely expensive
3: Commercial VP7 cELISA

VLP vaccine Yes1 Yes No2 Yes Yes3 Safe Expensive

late onset

1: Requires booster vaccination
2: Likely expensive
3: Experimental NS ELISAs

“Serotyped” inactivated

vaccine

Yes1 Yes Yes2 Yes No Traditional vaccine

production

No DIVA 1: Requires annual revaccination
2: More expensive than LAVs

VIRAL VECTOR VACCINES

VP2 expressing vector

vaccine

Yes1 Yes ?2 Yes3 Yes4 Commercial DIVA Late onset

unknown efficacy

in ruminants

1: Requires booster vaccination
2: Not or marginally tested in ruminants
3: Safe viral vector but GMO
4: Commercial VP7 cELISA

NS expressing vector

vaccine

Yes1 Yes ?2 Yes3 Yes4 Commercial DIVA test

proposed broad

protection

Late onset

unknown efficacy

in ruminants

1:Requires booster vaccination
2: Not or marginally tested in ruminants
3: Safe viral vector but GMO
4: Commercial VP7 cELISA

REPLICATING VACCINES (MLV)

“Serotyped” LAV Yes No1 Yes Yes2 No Traditional vaccine

production full blown

response

No DIVA viremia 1 : Viremia suggests onward transmission

cocktails will be safer than of LAVs
2: BTV reassortant (GMO issue)

DISC vaccine Yes Yes1 Yes2 Yes3 No Abortive vaccine

replication combined

with full blown

response

No DIVA high dose 1: Abortive replication
2: Likely high protective dose
3: Complemented

BTV (GMO issue)

DISA vaccine Yes Yes1 Yes Yes2 Yes3 No vaccine

transmission

combined with DIVA

and full blown

response

GMO 1: Not transmittable by midges
2: Deletion BTV (GMO issue)
3: Experimental NS3 cELISA

NS4 knockout vaccine Not tested No1 Yes Yes2 No Cheap No DIVA efficacy

unknown

1: Viremia suggests onward transmission
2: BTV knockout mutant (GMO issue)

For each vaccine, comments on some main vaccine standards (numbered) are described in the column “Remarks”. In addition, the most important advantages and disadvantages of each of the vaccines are indicated based on the

current available data.
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DIVA
BTV protein vaccines and viral vector vaccines are DIVA
compatible with the commercially available and widely used VP7
ELISA if VP7 protein is not part of the vaccine. Therefore,
DIVA monitoring will be very easy and cheap by testing bulk
milk samples, in particular if combined with other monitoring
programs like for Infectious Bovine Rhinotracheitis and Bovine
Viral Diarrhea (170, 171). This will support eradication programs
in an affordablemanner, andwill increase the acceptance of DIVA
testing. DISA vaccination can have the same advantage, since
an experimental NS3 ELISA accompanying the DISA vaccine
platform has been developed but this ELISA is not extensively
validated and evaluated for milk samples yet.

Acceptance
BTV protein vaccines will be acceptable, since these are
completely safe. Even more, unnoticed pathogens, like in
contaminated serum used for antigen production, will be
inactivated or removed during down processing of antigen.
With regard to viral vector vaccines and MLVs, control of used
components in advance as well as of produced vaccine batches is
extremely important. Many incidences of contaminated batches
of replicating vaccines have been reported (172). Complete
synthetic culture medium will avoid this disadvantage of
replicating vaccines but is still quite expensive. Nevertheless,
all here described MLV vaccine platforms are classified as
GMOs, and licensing and acceptance will be costly due to
extra safety trials. DISC and DISA platforms are based on
disabled BTV due to a single deletion, and their safety has been

scientifically predicted and has been proven in many sheep and
cattle trials.

Several research groups have developed experimental BT
vaccines and BT vaccine platforms showing promising vaccine
profiles close to animal trial required for official vaccine
registration. Licensing and launching next-generation BT
vaccine, however, will mainly depend on the need for better
than current vaccines in order to combat Bluetongue in mono-
serotype situations to eradicate the disease and in multi-serotype
endemic situations to minimize economic losses.
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The behavior of BTV-8 in cattle is different from most other serotypes not only with

regards to clinical signs but certainly with respect to virus transmission (transplacental,

contact). Therefore, the possibility of virus transmission by means of embryo transfer

was examined by in vitro exposure of in vitro produced and in vivo derived bovine

blastocysts to BTV-8 followed by different washing protocols, including longer exposure

times (up to 120 s) to 0.25% trypsin at room temperature or at 37◦C. None of the washing

protocols used was successful in removing the viral genome completely from the in

vitro produced and in vivo derived embryos as was demonstrated by real-time PCR.

Moreover, BTV-8 virus was transmitted to recipient cows after embryo transfer of in vivo

derived BTV8-exposed embryos, which had been subjected to routine decontamination

as recommended by IETS, consisting of 5 washes in PBS followed by a double treatment

of 0.25% trypsin for 45s at 37◦C, and an additional 5 washes in PBS with 2% FCS.

This study clearly demonstrates the necessity of vigorous application of the directives

for screening of potential donors and the collected embryos, especially in regions with

BTV-8, to prevent transmission of the disease.

Keywords: bovine embryo, IETS guidelines, Bluetongue virus, BTV-8, transmission

INTRODUCTION

Bluetongue virus (BTV) is a segmented double stranded RNA virus belonging to the genus
Orbivirus, family Reoviridae (1) and is the causative agent for bluetongue disease. The disease
has a significant impact on naïve populations and although BTV can infect all ruminant species,
clinical signs are usually confined to sheep and white-tailed deer (2, 3). In epizootic situations the
virus has the potential to cause severe socio-economic problems (4) due to loss of productivity,
international movement restrictions, and lengthy and costly regulatory testing requirements of
livestock and germ cell. The main transmission route for BTV is by biting midges (Culicoides spp.),
but data have been published on contact transmission of BTV-8 (5) and BTV-26 (6). As human
intervention in bovine reproduction has become common practice, with artificial insemination
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and embryo transfer being routinely used in cattle breeding, other
possible transmission routes need to be considered. Shedding of
BTV in semen is considered to be rare in ruminants (7) and only
occurs during and/or directly after the viraemic period (8). This
has been mainly observed for laboratory-adapted strains (BTV-1,
BTV-23) but can also occur with wild type strains (BTV-23) (8).
Although not completely elucidated, the presence of BTV in the
seminal plasma of bulls is thought to be caused by the infiltration
of infected blood cells due to injury or inflammation of the genital
tract (8). The risk of transmitting BTV by embryo transfer is
considered to be negligible by the International Embryo Transfer
Society (IETS) when their guidelines for embryo washing/trypsin
treatment are strictly followed (9, 10). This has been substantiated
by experimental findings that when these guidelines are applied,
in vitro or in vivo infection of the embryos does not result
in the transmission of the virus to recipient cows (11–14) or
ewes (15, 16) and their offspring. However, the emergence of
BTV-8 in Central and Northern Europe in 2006–2009 (4, 17)
did not only challenge our understanding of the geographic
distribution of BTV and its potential vectors but numerous
observations and experiments clearly demonstrated the atypical
behavior of this particular serotype (18, 19). There was not only
a significant increase in morbidity and mortality in cattle and
offspring (20, 21) but infectious virus could readily be detected
and isolated from bovine semen samples in the absence of
contaminating blood cells (22). The fact that BTV-8 seems to
interact differently with the genital tract compared to the other
serotypes is also corroborated by other observations. Just as
seminal shedding, transplacental infection was considered to be
associated only with vaccine or laboratory-adapted BTV strains
(23–25). However during the BTV-8 epizootic in Central and
Northern Europe in 2006–2009 vertical transmission could be
demonstrated on numerous occasions (26, 27). This potential
of BTV-8 to be vertically transmitted resulted in increased
numbers of abortions/stillborns and birth abnormalities and
might be related to active virus replication as was shown in in
vitro exposed bovine hatched embryos (28–30). The underlying
genetic reason for the atypical behavior of BTV-8 still has
to be clarified which makes it difficult to estimate the true
extent of its different behavior. In view of the apparent altered
interaction of BTV-8 with the reproductive system, it was the
purpose of this study to examine the possibility of BTV-8
transmission by means of embryo transfer following different
washing/trypsin protocols, including the one advocated by the
IETS. Both in vitro produced and in vivo derived embryos were
included in this study in alignment with current bovine assisted
reproductive techniques.

MATERIALS AND METHODS

Virus
The BTV-8 strain used (Bel2006/2) was isolated from an
infected sheep during the 2006 epidemic through one passage
on embryonated chicken eggs (ECE) and 5 passages on Baby
Hamster Kidney (BHK-21) cells (ATCC-CCL10) as described by
Toussaint et al. (17).

Embryo Collection
In vitro Production of Bovine Blastocysts
Bovine blastocysts (n = 105) were produced by the following in
vitro methods: after collecting bovine ovaries from an abattoir,
the oocytes were aspirated from follicles measuring between 4
and 8mm in diameter and cultured for 20–24 h at 38.5◦C in
5% CO2 in air in groups of 100 in 500 µL modified bicarbonate
buffered TCM-199 supplemented with 20% heat-treated fetal calf
serum (FCS) (Biochrom AG, Berlin, Germany). Spermatozoa
were separated from frozen-thawed bovine semen using Percoll-
gradient centrifugation (Pharmacia, Uppsala, Sweden), and then
washed. The mature oocytes were incubated with a sperm (sp)
concentration of 1 × 106 sp/mL in an in vitro fertilization
medium consisting of bicarbonate buffered Tyrode albumin
lactate pyruvate (TALP) solution, supplemented with bovine
serum albumin (BSA, fraction V, A6003, Sigma-Aldrich, Bornem,
Belgium) (6 mg/mL) and heparin (25µg/mL). After 20–24 h
of incubation the presumed zygotes were vortexed to remove
excess sperm and cumulus cells and subsequently cultured for
a further 7 days in 50 µL droplets of synthetic oviduct fluid
supplemented with amino acids and FCS (SOFaa + 5% FCS) in
an atmosphere of 5% CO2, 5% O2, and 90% N2 under mineral
oil (Sigma-Aldrich).

In vivo Derived Embryos
Donor cows (n= 2) were synchronized and super-ovulated using
Stimufol R© (Ulg, Liége, Belgium) and subsequently inseminated.
Donor cows (blood at the start of the synchronization) and bull
(blood and sperm) tested negative in the BTV real-time RT-PCR
(RT-qPCR) [see Virus isolation on embryonated chicken eggs
(ECE)]. At 6.5 days post insemination (dpi), embryos (n = 14
and n= 3) were non-surgically collected by uterine flushing.

Viral Exposure
At 7 days post insemination (dpi) for in vitro produced
embryos and at 6.5 dpi for in vivo derived embryos, groups
of 4 to 8 zona-intact embryos were placed in 800 µL of
minimal essential medium (MEM), containing 104.9 TCID50/
ml of BTV-8, a titer that can be found in semen from bulls
naturally infected with BTV-8 (22), and incubated for 1 h at
39◦C in 5% CO2 incubator (28). In total 98 in vitro produced
embryos and 17 in vivo derived embryos were exposed to
BTV8. Mock-exposure of 7 zona-intact blastocysts, in vitro
produced, was performed in 800 µL SOF or 800µM MEM
without virus to evaluate any negative effects of MEM on
blastocyst viability.

Embryo Washing and Trypsin Treatment

Procedures
Evaluation of Washing Procedures of BTV Exposed

Embryos (in vitro Produced)

Preliminary evaluation of the decontamination of in vitro

produced bovine embryos following the routine IETS

procedure (experiment 1)
It was the purpose of this preliminary experiment to look
at the efficacy of the routinely used IETS treatment/wash
procedures to eliminate BTV8 from the in vitro produced
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bovine embryos. For this purpose 8 in vitro produced bovine
embryos were exposed to BTV8 (as described in section Viral
exposure) and dived in two groups. The first group was
not washed/treated and functioned as a control group, while
the bovine embryos in the second group were washed and
treated as follows: the embryos were washed individually in
5 consecutive petri dishes containing PBS with gentamycin
(50 mg/L) and 0.4% BSA, without Ca and Mg. Subsequently,
the embryos were exposed to 2 consecutive 0.25% trypsin
(Invitrogen, Carlsbad, CA, 25050-014) treatments by incubation
for 45s in a 5% CO2 incubator at 37◦C. Finally, another
5 consecutive washes in PBS with 2% FCS were performed.
Each petri dish contained at least 2mL of medium and was
gently agitated between washes. Embryos were transferred in
a maximum of 7 µL of medium and a new tip was used
after every wash step. Washes 1–5 and washes 6–10 were
pooled. The pooled washing fluids, trypsin liquid and the
washed/treated embryos were stored at −80◦C for real-time
PCR evaluation.

Evaluation of increased duration of exposure of

virus-exposed in vitro produced bovine embryos to trypsin at

room temperature and at 37 ◦C (experiment 2)
For the second in vitro experiment, three different types of
trypsin treatments (T45–T120) were evaluated at 2 different
incubation temperatures, namely at 37◦C (G37) and at
room temperature (G20), resulting in six different treatment
combinations (Table 1). Per treatment the experiment was
carried out in triplicate whereby each sample (replicate) consisted
of 5 embryos. Each sample (E) was washed five times in PBS
without BSA followed by two treatments in 0.25% trypsin-
EDTA for either 45s (T45), 60s (T60), or 120s (T120) and
then followed by ten washes in PBS + 0.4% BSA. For
each step, the embryos were transferred in a maximum of
7 µL of medium and a new tip was used after every wash
step. Only washes 11 to 15 were pooled and are indicated
as W11.

All washed/treated embryos, pools and individual
wash/trypsin fluids were analyzed for the presence of BTV
genome using RT-qPCR and virus isolation.

TABLE 1 | Experimental set-up of the treatment procedure for the second in vitro

experiment; E: Sample consisting of 5 embryos, Between brackets: the group

assignment.

Incubation time At 37◦C At RT (20◦C)

Wash and treatment procedures

Wash step 1–5

Trypsin treatment 1 and 2

45s E1, E4, E7 (G37T45) E10, E13, E16 (G20T45)

60s E2, E5, E8 (G37T60) E11, E14, E17 (G20T60)

120s E3, E6, E9 (G37T120) E12, E15, E18 (G20T120)

E1 was excluded due to problems during the washing/trypsin treatment as explained

in section Experiment 2: Evaluation of increased duration of exposure of virus-exposed

in vitro produced bovine embryos to trypsin at room temperature and at 37◦C.

In vitro and in vivo Evaluation of the Routine IETS

Wash/Treatment Procedure of BTV Exposed Embryos

(in vivo Derived) (Experiment 3)

Washing and trypsin treatment
Embryos were either washed in pairs (n = 14; 7 pairs) or
separately (n= 3) using identical washing and trypsin conditions
as described for the embryos in the first in vitro experiment
[see Preliminary evaluation of the decontamination of in vitro
produced bovine embryos following the routine IETS procedure
(Experiment 1)].Washes 1–5 and washes 6–10, from the embryos
washed in pairs, were pooled and analyzed for the presence of
BTV-8 genome using RT-qPCR. Embryos which were not used
for embryo transfer (see Embryo transfer) were similarly used for
real-time PCR.

Embryo transfer
All the washed/treated in vivo derived embryos (n = 17) were
examined for their suitability for embryo transfer in donor
cows. In total 8 embryos, which had reached the morula or
blastocyst stage were selected and washed in pairs. The embryos
which were not selected for transfer, consisting of morulae, and
degenerated or unfertilized oocytes, were washed following the
same protocol (separately or in group). Three pairs of in vivo
derived washed embryos were loaded in straws and transferred
to three BTV negative recipient cows. The fourth pair was used
for real-time PCR analysis. Two sentinel cows served as control.
Cows were bled twice weekly and blood and serum samples
were analyzed for the presence of BTV-8 RNA (RT-qPCR) and
antibodies against BTV-8. The protocol was approved by the
ethical committee of the faculty of Veterinary Medicine (Ghent,
authorization number EC2011/094.

Antibody ELISA
All sera were tested for the presence of BTV-specific antibodies by
means of a commercially available competitive ELISA (c-ELISA)
(ID Screen R© Blue Tongue Competition, ID VET, Montpellier,
France) performed according to the instructions provided by the
manufacturer. Results were expressed as a percentage negativity
(PN) compared to the negative kit control and were classified
into positive (PN ≤ 65), doubtful (PN > 65 but ≤ 75), and
negative (PN > 75) results based on the optimal cut-off point
for diagnostic purposes of 65 PN determined by Vandenbussche
et al. (31).

RNA Extraction
RNA extractions were performed using the NucleoSpin R© RNA
Virus kit (Machery-Nagel, Düren, Germany) according to the
manufacturer’s recommendations with the exception of the
addition of an external control (EC) to the RAV1 buffer (32).
Hearts of chicken embryos were pre-treated as described in
Garigliany et al. (33).

Real-Time RT-PCR (RT-qPCR)
The efficiency of the different washing techniques and trypsin
temperature for virus removal was evaluated by using a non-
serotype specific quantitative reverse-transcription PCR assay
targeting BTV segment 5 (pan-BTV/S5 RT-qPCR) according
to the method described by Vandenbussche et al. (32) on
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embryos, washes and blood and organ samples. Test results
were classified as follows: Crossing Point values (Cp-values)
<40.0 were classified as positive, Cp-values ≥40.0 but <45.0
were classified as doubtful, and Cp-values ≥45.0 were classified
as negative.

Virus Isolation on Embryonated Chicken

Eggs (ECE)
Virus isolations from washed/treated in vitro produced embryos,
washing fluids and trypsin residues from Evaluation of washing
procedures of BTV exposed embryos (in vitro produced). Two
were performed as described for blood samples in Toussaint
et al. (17) whereby 5 ECEs were used per sample. Passages on
ECEs were done by collecting blood from chicken embryos that
were still alive at 7dpi. This blood was 10 times diluted in PBS
supplemented with 0.2% gentamycin and one hundred micro
liter of this dilution was inoculated in new ECE. A sample was
considered to be negative if all 5 ECEs were still viable after 7 dpi.
Samples were considered to be positive if an ECE died between
2 and 7 dpi and the presence of BTV was confirmed by real-
time PCR. The latter was achieved by homogenizing the heart
of a dead embryo followed by RNA extraction and subsequent
real-time PCR as described in 2.6 and 2.7, respectively.

RESULTS

Experiment 1: Preliminary Evaluation of the

Decontamination of in vitro Produced

Bovine Embryos Following the Routine

IETS Procedure
The four unwashed/untreated embryos of the control group were
all positive for BTV with Cp-values between 31.2 and 33.9. When
looking at the washed/treated group, all the pools of the first wash
steps (1–5) were positive with Cp-values between 29.4 and 30. In
contrast, the pools for wash step 6–10 were all negative. When

the washed/treated embryos themselves were examined, twowere
found to be negative, one doubtful, and one was positive with a
Cp value of 37.7.

Experiment 2: Evaluation of Increased

Duration of Exposure of Virus-Exposed in

vitro Produced Bovine Embryos to Trypsin

at Room Temperature and at 37◦C
The results of the preliminary evaluation of the routinely
used IETS wash/treatment procedure with pooled wash steps
(Experiment 1) asked for a more in detail evaluation of
individual wash and trypsin steps. In this second experiment
the washing steps were analyzed individually and different
trypsin treatments were evaluated (Table 1). Due to problems
during the washing/trypsin treatment of the G37T45 group in
the second in vitro experiment, one of the triplicate repeats
was excluded (E1), meaning that G37T45 consisted only of 2
replicates (E4 and E7). The initial RT-qPCR screening of the
wash and trypsin fluids containing one replicate of each of the
six washing/temperatures combinations (E4, E10, E5, E11, E3,
and E12) showed a decreasing viral load in each subsequent

wash step (Figure 1). Five of the six samples were still positive
at wash step five (W5), with Cp’s between 33.2 and 38.8, while
only one of the six remained positive after trypsin 45 (T45)
and 60 (T60) seconds treatment. Additional doubtful results
were obtained for T45 (n = 3) and T620 (n = 1). From wash
step six (W6) onwards no positive results were obtained for all
replicates although 2 and 1 sample were doubtful for, respectively
W6 and W7. When analyzing the embryos after all the steps
(washes and trypsin treatments), three replicates were found to
be negative while 2 remained positive and one doubtful. Based
on these results, W5–W8 of all the other replicates were tested
as well as the remaining embryos. These results confirmed the
initial screening with the majority of the samples being positive
on W5 with rapidly decreasing Cp-values toward T45 and T60.
Two differences were noted, however. One sample was positive
in W6 and the majority of the embryos were positive, more
precisely 12 of the 16 (Figure 2). One negative embryo was
found in G37T45, G37T120, and G20T120 and one doubtful in
G37T60. The average Cp-values of the washed embryos were very
similar across the groups (average Cp-values between 35.5 and
36.2) with a small exception for G20T120 which had a slightly
higher average Cp of 37.9. No positive RT-qPCR results were
observed after W6 except one doubtful result for G37T45 at W7
from the initial screening. Although virus could be isolated on
embryonated chicken eggs (ECE) from W1 and W3, no virus
could be isolated from W5 onwards from the samples tested.
Similarly, no virus was isolated from all the washed embryos even
after 4 consecutive passages on ECE. The blood collected from the
fourth passage remained negative on RT- PCR.

Experiment 3: In vitro and in vivo

Evaluation of the Routine IETS

Wash/Treatment Procedure of BTV

Exposed Embryos (in vivo Derived)
When looking at the real-time PCR results of the first pooled
washing step (wash 1–5) of the embryos which were transferred
to recipient cows, the Cp-value ranged from 28.9 to 29.5.
Consistent with the data from experiment 1 and 2, the Cp-
values of the second pool (wash 6–10) were a lot higher with 2
pools being borderline positive (38.9 and 39.5), 1 doubtful (Cp
= 40) and 1 negative. As these embryos themselves could not be
tested as they were transferred, an embryo pair which was not
transferred but washed/treated was similarly analyzed by real-
time PCR. Both individual embryos were positive with Cp-values
of 32.3 and 32.5. When this is compared to the Cp values of the
in vitro produced embryos under identical washing/treatment
regime (G37T45), this was found to be slightly lower. The
oocytes/embryos which were unsuited for embryo transfer were
washed/treated and analyzed as well with real-time PCR. The Cp
value that was obtained was very similar to those for the suited
embryos: (1) the pools of the first wash steps were all positive (Cp-
values of 27.7 to 32.2) while only one out of three was positive for
the second pool (Cp 38.13); (2) the embryos themselves (n = 9)
were all positive (Cp-values between 31.02 and 34.11) except one.

Two embryos were transferred to each of three recipient
cows (identification number: 1047, 1052, and 1082). The latter
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FIGURE 1 | Initial RT-qPCR-results of the wash (W)/trypsin (T) fluids. The dotted line represents the cut-off for RT-qPCR positivity. E: Sample consisting of 5 embryos.

FIGURE 2 | RT-qPCR results of the wash step (W) 5–8, including both trypsin treatments and the embryos (E) after all washing steps. The percentage of positives are

represented per wash/trypsin treatment group (as defined in Table 1).

two animals received embryos for which the second pool was
negative while animal 1047 received a paired embryo sample for
which the second pool scored doubtful. The two sentinel animals
(identification number: 1056 and 1070) remained negative on
ELISA and RT-qPCR for the complete duration of the experiment
(i.e., 80 days post-transfer; dpt). The three recipient cows
became viremic at the same time, namely 7 dpt and with

similar Cp-values (Figure 3). Recipient 1047 and 1082 displayed
a similar viremic profile and remained positive until 25 and
29 dpt, respectively. Cow 1052 had a shorter viremic period
and was only positive until 17 dpt. All three recipient cows
also displayed a very similar serological profile as they all
seroconverted at 14 dpt and remained positive until the end of the
experiment (Figure 4).
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FIGURE 3 | RT-qPCR blood results of the three recipient (1082, 1054, 1047) and 2 sentinel cows (1056, 1070). The dotted line represents the cut-off for RT-qPCR

positivity. Dpt, days post transfer.

FIGURE 4 | ELISA results of the three recipient (1082, 1054, 1047) and 2 sentinel cows (1056, 1070). Percentage negativity (PN): positive PN ≤ 65, doubtful PN > 65

but ≤ 75 and negative PN > 75. Dpt, days post transfer.

DISCUSSION

The risk of BTV transmission by embryo transfer has been

considered to be negligible, when following the prescribed

guidelines of the IETs. This is largely based upon animal
experiments whereby BTV transmission to the recipient cows
or ewes could not be demonstrated when the appropriate
washing procedures were applied. These experiments were done

using mainly BTV serotype 2, 4, 10, 11, 13, and 17 [reviewed
by Wrathall et al. (10)]. Although the combined data spans
several BTV serotypes, giving it more credibility, it needs to
be mentioned that BTV has an important genomic diversity.
This is reflected by the numerous serotypes which have been
and are still being characterized (34). The serotype of BTV is
defined by the structural protein VP2 whose coding sequence
is the most variable of all the BTV segments. Inter-serotype
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diversity of VP2 can go as high as 59% on the nucleotide
level and 73% on the deduced amino acid level (35). This
protein is not only the most outer capsid protein (36) but
is also implemented in cell attachment and entry (37). The
combination of VP2’s genomic variability and its function is
a potential source of different virus serotype behavior. This is
exemplified by BTV-8 which seems to interact differently with
the components of the genital tract compared to the other
wild type serotypes (vertical transmission, seminal shedding,
contact transmission, . . . ). Caution is therefore heeded regarding
generalizations across serotypes and further investigations are
warranted for serotypes displaying different behavior.

Correctly carrying out the washing procedure is an important
step in the process of embryo transfer as BTV has great affinity
for the zona pellucida of the embryo after in vitro exposure (38).
This great affinity is clearly demonstrated in the Langston et al.
study (39) where 12 consecutive wash steps failed to remove BTV
from the bovine embryos as infectious virus could be recovered
afterwards. Similar results were obtained in infected caprine and
ovine embryos where 10 washes did not remove BTV completely
(16, 40). Also in this study the affinity of BTV-8 for the embryos
was noted as more than 80% of wash step 5 fluids were BTV-
8 positive albeit with decreasing Cp-values. These data seems
to be in contrast to the Venter et al. study (9) using ovine
embryos where BTV (serotype 2 and 4) could only be detected
in the first washing fluid and then even rarely. However, the
used titers (1 × 102.88 and 1 × 103.5, respectively) in that study
were lower than in our study. Even unwashed ova were not
readily detected after a first passage on cell culture in the Venter
study. The benefit of implementing trypsin treatments was clearly
demonstrated as only 1 out of the 17 wash/treatment fluids
remained positive in the first wash step following the treatments.
This is supported by the finding of Ahmad et al. (41) where the
washing fluids became negative after incubation with trypsin.
In contrast to infected caprine embryos, where a double 0.25%
trypsin treatment of 60s removed BTV-8 completely, none of the
here evaluated trypsin treatments efficiently removed all traces
of the BTV-8 genome from all the bovine embryos, not even the
double 60s 0.25% trypsin treatment. Only small differences were
seen between temperature groups (37◦C group: 62.5% positives
+12.5% doubtful vs. 88.9% positives in the room temperature
group) and duration groups (positives: T45 80%; T60 83% +

16.7% doubtful; T120 66.7%). The small differences seen are
probably due to more optimal conditions for trypsin (in regards
to temperature and duration). Nevertheless, it is interesting to
note that negative washing fluids did not prove that the embryos
themselves were free from viral genome as was demonstrated by
positive real-time PCR results. If there was still infectious virus
present, however, could not be determined. Although the virus
could not be isolated from the in vitro produced washed embryos,
their Cp-values were high (> 35), meaning that the inability to
isolate the virus could also be caused by a too low viral load.
The instability of RNA needs also to be kept in mind specifically
with the many wash and treatment steps that were a carried.
The continued presence, therefore, of solely genomic RNA on
the embryos seems unlikely. The importance of the inability to
remove BTV-8 genome from the in vitro infected embryos is seen

during the in vivo part of the study where the transfer of infected
and washed, following the IETS guidelines, embryos resulted
in the viremia and seroconversion in 100% of the recipients.
The viremia seen in the recipient cows was in general shorter
compared to naturally infected cattle (42). Although bluetongue
viremia is generally perceived as prolonged (43) a short viremia
(14 days) after infection with BTV-8 is no exception as shown
by the extensive literature review by EFSA (44). The capacity to
transmit the virus by embryo transfer to the recipients clearly
demonstrates that infectious virus was present on the embryos
after washing although it could not be isolated on ECE during
the in vitro studies (Experiment 2). It needs to be stated that in
vivo derived embryos were used for the in vivo part of the study
while in vitro produced embryos were used for the in vitro part.
This can be of importance as differences were seen in the ability
to remove/inactivate BoHV-1 between in vitro produced and in
vivo derived embryos using wash/trypsin treatments [reviewed
by Wrathall et al. (10)]. Moreover, the zona pellucida of in vivo
derived and in vitro produced bovine embryos is very different
in its ability to bind virus (45). Although the washing steps were
pooled for the in vivo trial (Experiment 3) instead of individually
tested as in experiment 2, no differences were seen between both
experiments in the PCR profiles and Cp-values of the washing
fluids, trypsin liquids and the washed embryos. This indicated
that the washing and trypsin treatments were equally ineffective
in removing BTV-8 from in vivo derived and in vitro produced
embryos. To our knowledge this is the first time that BTV-8 was
transferred by means of embryo transfer when using the IETS
guidelines for washing the embryos. Viremia and seroconversion
in ewes was reported by Gilbert et al. (46) but the embryos used
in this study were not washed or treated. In all other studies
(9, 11, 14, 16) transmission was never reported if the IETS
guidelines were followed. However, in these studies embryos were
transferred from infected donors while in our study the embryos
were exposed in vitro to the virus. The latter allows more control
over the exposure of the embryo to the virus with parameters
such as concentration of free virus, timeline and others. However,
the question can be asked if the in vitro exposure is relevant for
an in vivo situation. Firstly, the way of exposure of the embryos
to the virus seems to be of importance, as more embryos had
virus particles when they were exposed using an infected cell
culture then when a viral suspension was used (38). Secondly,
the question can be put forward if the BTV is able to come
into contact with the embryo in order to infect or attach on
it as harvested embryos from BTV infected donors are rarely
reported to be positive (11). In many of the published studies the
embryos are harvested at peak viremia in the blood under the
hypothesis that this would be the time of the highest exposure
of the embryos to the virus. However, data with regards to the
organ distribution of BTV and its kinetics during viremia are not
available to support this assumption. This could lead to a lesser or
even unsuited time point for harvesting positive embryos. On the
other hand, embryos can be exposed to BTV in utero, as the virus
has been isolated from the uterus of cows infected with BTV11
(47). Furthermore, BTV circulates for a prolonged period of time
in the blood of an infected cow, and the embryo can be exposed to
the virus as a consequence of endometrial trauma during flushing
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when collecting the embryos (13). Although in most cases this
was attributed to the infiltration of BTV positive red blood cells,
free BTV was also found in cell free flush fluids. The latter would
be capable of infecting the embryos, although it remains difficult
uncertain to which virus titer bovine embryos are exposed to
in vivo.

In summary, this study demonstrated that although extensive
washing/trypsin treatment reduces and eliminates BTV-8 viral
load from the washing fluids, it cannot completely clear the virus
from bovine embryos spiked with BTV8. When the latter were
transferred, it can result in virus transmission to the recipient.
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The epidemiology of West Nile (WNV) and Usutu virus (USUV) has changed dramatically

over the past two decades. Since 1999, there have been regular reports of WNV

outbreaks and the virus has expanded its area of circulation in many Southern European

countries. After emerging in Italy in 1996, USUV has spread to other countries causing

mortality in several bird species. In 2009, USUV seroconversion in horses was reported

in Italy. Co-circulation of both viruses was detected in humans, horses and birds.

The main vector of WNV and USUV in Europe is Culex pipiens, however, both

viruses were found in native Culex mosquito species (Cx. modestus, Cx. perexiguus).

Experimental competence to transmit the WNV was also proven for native and invasive

mosquitoes of Aedes and Culex genera (Ae. albopictus, Ae. detritus, Cx. torrentium).

Recently, Ae. albopictus and Ae. japonicus naturally-infected with USUV were reported.

While neuroinvasive human WNV infections are well-documented, USUV infections are

sporadically detected. However, there is increasing evidence of a role of USUV in human

disease. Seroepidemiological studies showed that USUV circulation is more common

than WNV in some endemic regions. Recent data showed that WNV strains detected

in humans, horses, birds, and mosquitoes mainly belong to lineage 2. In addition to

European USUV lineages, some reports indicate the presence of African USUV lineages

as well. The trends in WNV/USUV range and vector expansion are likely to continue in

future years. This mini-review provides an update on the epidemiology of WNV and USUV

infections in Southern Europe within a multidisciplinary “One Health” context.

Keywords: West Nile virus, Usutu virus, epidemiology, “One Health”, Southern Europe
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INTRODUCTION

West Nile virus (WNV) and Usutu virus (USUV) are mosquito-
borne flaviviruses characterized by similar clinical manifestations
and overlapping geographic distribution, host and vector species.
The epidemiology of WNV and USUV has changed dramatically
over the past two decades. Since 1996, an increasing number
of WNV outbreaks in humans and horses were detected, and
the area of its circulation expanded in many Southern European
countries (1). After USUV emergence in Austria in 2001, it
subsequently spread to neighboring countries causing mortality
in several wild bird species, mainly Eurasian blackbirds (2).
However, a retrospective analysis of archived bird tissue samples
from Italy (Tuscany region) in 1996 identified USUV, indicating
a much earlier introduction of this virus into Europe (3).

Since the early 2000s, WNV circulation has been continuously
monitored in some European countries with varying number of
human and horse cases. USUV infections are reported in birds,
while human clinical cases are rarely detected (4–6). However,
there is increasing evidence of a role of USUV in human disease.
Seroepidemiological studies showed that USUV circulation in
humans is more common than WNV in some endemic regions
where both viruses circulate (7).

Until the introduction of WNV lineage 2 in 2004 (8), WNV
lineage 1 was identified as the cause of human outbreaks in
Europe. In the following years, lineage 2 dispersed to the eastern
part of Austria and to Southern European countries (9–11).
Recent data showed that strains detected in humans, horses,
birds, and mosquitoes mainly belong to WNV lineage 2 (6, 12,
13). Although the majority of USUV strains belong to European
USUV lineages, some reports indicate the presence of African
USUV lineages as well (5).

In 2018, WNV infections in Europe increased dramatically
compared to previous transmission seasons. A total of 2,083
human cases and 285 outbreaks among equids were reported
with the largest number detected in Italy, Serbia, and Greece
(14). USUV was detected in asymptomatic blood donors, birds,
and mosquitoes in Italy (15, 16) and in three patients with
neuroinvasive disease in Croatia (6).

The Middle East represents an important transit zone

for bird migration between Africa and Eurasia and provides
valuable information on circulation of WNV/USUV in these
regions (17–19). In Israel, serologic evidence and acute
WNV infections have been reported in humans, horses,
birds, and mosquitoes (20, 21). While strains sequenced
from humans mainly belonged to the WNV lineage 1 (22),
mosquito surveillance revealed a high genetic diversity of
WNV (23). USUV strains detected in mosquitoes belonged
to a putative novel lineage Europe 5 (24). WNV/USUV
infections were also reported in other countries bordering the
Mediterranean Sea (France, Turkey, Cyprus) (5, 25–40). This
mini-review provides an update on the epidemiology/molecular
epidemiology of WNV and USUV infections in Southern Europe
and neighboring countries within a multidisciplinary “One
Health” context.

Data on WNV/USUV infections are presented in Table 1 and
Figure 1.

ALBANIA

Data on WNV infections in Albania are scarce. To date, only
two human cases were reported in 2011 (14). A serological
study conducted among horses from 12 districts in Albania
showed WNV seropositivity of 22.2%, with significant regional
differences (7.7–66.7%). The highest seroprevalence rates were
reported in districts near the Mediterranean Sea, whereas low or
negative seroprevalence was detected in districts located further
inland (41). Data on USUV infection are not available.

BOSNIA AND HERZEGOVINA

There is only one report, in 2013, of two cases of WNV
neuroinvasive disease (WNND) in Bosnia and Herzegovina
(detected in the Tuzla and Kladanj region). Three out of nine
patients screened for WNV met clinical criteria for WNND, of
which two had high serum IgM titres. RT-PCR for WNV RNA
was negative. Since the neutralization test was not performed,
cases were classified according to the European Union case
definition as probable WNV (42). So far, there are no data on
USUV infections in Bosnia and Herzegovina.

BULGARIA

In 2015, the first confirmed human case with fatal outcome
reported in Bulgaria was caused by a Central/Southern-European
lineage 2 WNV (43). Human cases were continuously detected
in the following seasons (12). A nationwide study conducted
among residents of all 28 districts in Bulgaria revealed a 1.5%
WNV seroprevalence with the highest seropositivity (up to 10%)
detected in districts near the Danube River (44). USUV infections
were not documented in Bulgaria.

CROATIA

The first outbreak of human WNND in Croatia was detected
in 2012 in eastern counties, thereafter outbreaks (2013, 2017)
and sporadic cases (2014–2016) were continuously notified in
continental Croatia (4, 45). The largest outbreak was recorded
in 2018 with 54 cases of WNND and 7 cases of WNV fever in
10 of the 21 counties (6). During the 2013 WNV outbreak, the
first three cases of neuroinvasive USUV disease were detected in
Zagreb and surrounding areas (4, 46). Three additional USUV
cases were confirmed in the 2018 outbreak, of which one was fatal
(6). A serological study conducted from 2010 to 2011 showed
WNV antibodies in 3.43% horses and 0.11% cattle with the
highest seropositivity in eastern counties bordering Hungary
and Serbia (47). Seropositivity and acute asymptomatic WNV
infections in horses were detected continuously in subsequent
years. Seroprevalence varied greatly by year and region (0–26%)
with the highest seropositivity in counties with documented
human cases (4, 48). Although passive monitoring of WNV in
birds was established in Croatia in 2012, WNV infections were
not detected until the summer of 2018, when WNV infection
was confirmed serologically in one buzzard presenting with
neurological symptoms, and WNV RNA was detected in two
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TABLE 1 | Summary of West Nile and Usutu virus infections in Southern Europe.

Country First human clinical

cases

Humans Horses Birds Mosquitoes

WNV USUV WNV USUV WNV USUV WNV USUV WNV USUV

Albania 2011

Bosnia and Herzegovina 2013

Bulgaria 2013 Lineage 2

Croatia 2012 2013 Lineage 2 Europe 2 Lineage 2 Europe 2 Europe 2

Cyprus 2016 Lineage 1

France 1962 2016 Africa 2

Africa 3

Greece 2010 Lineage 2 Lineage 2

Israel 1951 Lineage 1 Lineage 1 Europe 5

Lineage 2

Italy 2008 2009 Lineage 1

Lineage 2

Europe 2

Europe 3

Europe 4

Lineage 1

Lineage 2

Lineage 1

Lineage 2

Europe 2 Lineage 1

Lineage 2

Macedonia 2011

Montenegro 2012

Portugal 2004

Serbia 2012 Lineage 2 Lineage 2 Lineage 2 Europe 2

Slovenia 2013

Spain 2004 Lineage 1 Lineage 1 Lineage 2 Africa 2

Turkey 2010 Lineage 1 Lineage 1

Country First human clinical

cases

Humans Horses Birds Mosquitoes

WNV USUV WNV USUV WNV USUV WNV USUV WNV USUV

Albania 2011

Bosnia and Herzegovina 2013

Bulgaria 2013 Lineage 2

Croatia 2012 2013 Lineage 2 Europe 2 Lineage 2 Europe 2 Europe 2

Cyprus 2016 Lineage 1

France 1962 2016 Africa 2

Africa 3

Greece 2010 Lineage 2 Lineage 2

Israel 1951 Lineage 1 Lineage 1 Europe 5

Lineage 2

Italy 2008 2009 Lineage 1

Lineage 2

Europe 2

Europe 3

Europe 4

Lineage 1

Lineage 2

Lineage 1

Lineage 2

Europe 2 Lineage 1

Lineage 2

Macedonia 2011

Montenegro 2012

Portugal 2004

Serbia 2012 Lineage 2 Lineage 2 Lineage 2 Europe 2

Slovenia 2013

Spain 2004 Lineage 1 Lineage 1 Lineage 2 Africa 2

Turkey 2010 Lineage 1 Lineage 1
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FIGURE 1 | Geographic distribution of WNV (a) and USUV (b) infections/seropositivity in southern Europe and neighboring countries. Regional distribution of WNV

(black) and USUV (red) infections (clinical cases/IgM detection/seroconversion/RNA detection) in countries with a high prevalence: Serbia (c), Italy (d), and Greece (e).

dead goshawks fromNorthwest Croatia. Two USUV seropositive
horses were documented in 2011 in Northwest Croatia (49).
In 2018, USUV RNA was detected in one dead blackbird in
Zagreb County (6). To date, none of the mosquito pools tested
were WNV RNA positive. However, USUV-positive mosquito
pools were found in 2016 (Aedes albopictus), 2017 (Culex
pipiens), and 2018 (Cx. pipiens) in Northwestern counties (6, 50).
Sequenced strains from humans, wild birds, and mosquitoes
(2018) confirmed circulation of WNV lineage 2 and USUV
Europe 2 lineage (6).

GREECE

No WNV clinical cases in humans or horses had been reported
in Greece prior to the large WNV outbreak in 2010 when
262 human cases with extremely high fatality rates (17%) were
reported mostly in Central Macedonia (51). The outbreaks
continued in 2011 and 2012 in areas that had not been
affected before (52, 53). Thereafter, outbreaks occurred in
humans every year except 2015 and 2016 (14, 54). The Greek
WNV strains detected during 2010–2018 clustered within the
Central/Southern European subclade of lineage 2 (55). In 2018,
a novel genetic variant was detected that belonged to the
Eastern European subclade of lineage 2 (56). A nationwide

WNV seroprevalence study (2013) showed seropositivity of 1.5%
in the Greek population (57), whilst WNV antibodies were
detected in 4% of horse serum samples (2001–2008) (58). In
2010,WNV infection was reported in 17 horses with neurological
symptoms (59). Furthermore, a highWNV seropositivity (18.6%)
was reported in cattle (60). In Central Macedonia, pigeon
seroprevalence was 54 and 31% at the end of the 2010 and 2011
epidemic seasons, respectively, while one serum was positive for
USUV neutralizing antibodies (61). A small-scale entomological
study performed in Central Macedonia, at the epicenter of the
2010 WNV outbreak found two positive Cx. pipiens pools.
Following this large epidemic, an active mosquito surveillance
system was implemented in Greece for a 3-year period (2011–
2013). Positive Cx. pipiens pools were detected in different areas
of the country and preceded the diagnosed human cases (62).
WNV lineage 2 was detected in Cx. pipiens mosquito pools
during the 2017 outbreak (63).

ITALY

A multi-species national surveillance plan was implemented by
the Italian government in 2002, following the firstWNVoutbreak
(64). In the following years, the program has been adapted
according to the WNV new epidemiological scenarios and a
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National Integrated Plan Monitoring USUV and WNV is in
place since 2016. Human WNV outbreaks were continuously
notified since 2008 (14). WNV lineage 1 was responsible for
reported WNND cases in 2010. In 2011–2012, lineage 1 and 2
co-circulated with a higher proportion of lineage 1 and from
2013 to 2016 lineage 2 was most prevalent (64–66). From 2017,
only lineage 2 has been detected. Since 2008, WNV infections
were continuously detected also in horses and birds (65). WNV
lineage 2 was confirmed in wild birds (2014) (11, 67) and horses
with fatal WNV neuroinvasive infection (68). The presence
of USUV in humans was serologically confirmed for the first
time in four blood donors in 2009 (69). A survey conducted
retrospectively on cerebrospinal fluid (CSF) and serum samples
in Modena (2008–2011) found USUV RNA in 1.1% CSF samples,
while WNV RNA was not detected. USUV antibody levels
were significantly higher (6.57%) compared to that of WNV
(2.96%) indicating that USUV infection is not a sporadic event
in humans in Italy (70). A very high USUV seroprevalence
was found in forestry workers (18.1%) (71). Neuroinvasive
USUV infection was detected for the first time in Italy in two
immunocompromised patients in 2009 (72, 73). During 2017–
2018, USUV Europe 2, 3, and 4 lineages were confirmed in
blood donations in the Lazio region (15). USUV neutralizing
antibodies were detected in horses with a higher seropositivity in
2008 (89.2%) compared to 2009 (7.8%). In the same study, USUV
RNA was found in blackbirds and magpies (Emilia Romagna
and Veneto). Additionally, USUV neutralizing antibodies were
detected in rock pigeon, blackbird and, magpie (74). Culex
pipiens is the mosquito species most involved in the WNV
and USUV circulation in Italy, although other species would
also support the spread of both viruses during winter months
(75). An entomologic investigation conducted in 2013 showed
WNV RNA in 1.9% and USUV in 2.6% mosquito pools. Each
virus was detected mainly in Cx. pipiens pools; however some
pools tested positive for both viruses. The majority of the WNV
strains detected in mosquitoes belonged toWNV lineage 2, while
WNV lineage 1 which predominantly circulated in 2008–2012,
was still detected at low levels until 2016 (64, 76). Sequence
analysis of the first known isolate of USUV to cause human
encephalitis indicated European USUV lineage (77). The whole
genome sequences of USUV strains isolated frommosquitoes and
wild birds in Northern Italy (2010–2014) showed Europe 2 and
Europe 4 lineages, respectively (78).

PORTUGAL

In the summer of 2004, two human cases of WNV infection
were reported in Portugal in tourists (Ria Formosa, Algarve)
(79). Shortly after this report, a WNV monitoring program was
established. The presence of WNV was assessed by serological
surveys in horses (2004–2010), wild birds, and birds from
zoological parks. Detection of WNV antibodies in horses and
birds in all the years covered by the study as well as the
presence of WNV IgM antibodies in horses with neurological
signs supported the evidence of WNV circulation in Portugal
(80). However, no human clinical cases were reported in the

country from 2005 to 2010. In 2010, another WNV human
case was identified (81). Following a 5-year period of apparent
absence, WNV re-emerged in southern Portugal in 2015 when
WNND was diagnosed in a man from the Algarve region (82).
There are no data on USUV infections in Portugal.

SERBIA

The serological surveys (2005–2010) revealed the presence of
WNV IgG antibodies in 3.99% human serum samples in
Vojvodina Province (northern Serbia), with varying yearly rates
(1.97–6.04%) (83). The first outbreak of human WNND was
detected in 2012 (Belgrade and Vojvodina) with 69 reported
and 41 clinically and laboratory confirmed cases (14, 84). Each
year thereafter, seasonal outbreaks were observed. In 2013, 303
cases were reported from 18/25 districts in Serbia; 202 WNND
cases were confirmed with lethality of 11.6%. From 41 to 76
WNND cases were documented annually between 2014 and
2017. The largest epidemic so far was recorded in 2018 with
415 WNND cases detected in 13/25 districts (14). A serological
study conducted in 2009–2010 showed for the first time WNV
neutralizing antibodies in 12% of horses from Vojvodina (85).
Seropositivity and asymptomatic WNV infections in horses
were detected continuously in the subsequent years; 28.6%
seroprevalence from 2010 to 2011 and 49.23% in 2012 in
Vojvodina (86, 87). In 2014, seroconversion was detected in
2.57% horses from the whole country. In addition, in 2015, 2017,
and 2018, acute WNV infections were detected in 0.53, 0.41, and
1.47% of horses tested, respectively (88–90). WNV antibodies
were detected in 7.6% wild birds sampled from 2011 to 2012 in
Vojvodina, of which 133 birds were found dead. Virus presence
was confirmed in 9.87% of tissue samples and in the blood
sample of one bird (91). From 2014 onwards, WNV was detected
in wild birds, with the highest percentage of positive samples
being observed in 2018 when WNV was detected in 11.61%
of tissues and 6.56% of pharyngeal swabs (88–90). All WNV
isolates belonged to WNV lineage 2 (88, 91). Additionally, WNV
antibodies were identified in 15.4% farm pigs, 17.6% wild boars,
and 18.7% roe deer sampled from 2011 to 2012 (Vojvodina)
(92). WNV was detected in mosquitoes for the first time in 2010
in the city of Novi Sad. At that time, 3/841 mosquito pools
were positive by WNV specific RT-PCR. The pools originated
from 66 localities in 29 settlements in Vojvodina (60). More
than 9% of the mosquito pools examined during 2012–2013
were positive for WNV (93). Thereafter, country-wide surveys
detected WNV in 2.31, 2.09, and 2.51% of Cx. pipiens during
2014, 2015, and 2017, respectively, whereas 12.21% of Cx. pipiens
tested positive in 2018. Other naturally-infectedmosquito species
were Ae. vexans and Culiseta annulata (83). All isolates from
mosquitoes (2010–2018) were shown to belong toWNV lineage 2
(83, 88–92, 94–96). USUV neutralizing antibodies were detected
in 1/349 horses (2009-2010), and 4/318 wild boars (2011–2012) in
Vojvodina (85, 92). Additionally, USUV RNA was confirmed in
0.4% of Cx. pipiens pools from Vojvodina in 2014 (74). In 2015,
USUV was detected in 0.93% of Cx. pipiens pools while USUV
antibodies were detected in 5% of human serum samples from
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South Bačka District (Vojvodina) (97). Moreover, in 2017, USUV
RNA was detected in 2.75% of Cx. pipiens mosquitoes collected
in Vojvodina. Two isolates were typed as USUV Europe 2 lineage
(98). Thus, far, USUV has not yet been detected in wild birds
in Serbia.

SLOVENIA

Only four human cases of WNV infections were reported in
Slovenia so far. The first case was confirmed in 2013 in a patient
with meningitis. Thereafter, in 2018, three cases of WNND were
confirmed by detection of IgM antibodies in the CSF samples
(99). In 2009, 481/1912 (25.2%) clinically healthy horses were
positive for WNV IgG antibodies (100). From 2003 until 2009,
serum samples from 34 species of songbirds were tested with
WNV seroprevalence of 4.7% (101). Furthermore, from 2010
to 2012, wild bird carcasses were collected through passive
monitoring of wild bird mortality and tested for WNV RNA,
however, there was no evidence of wild bird mortality due to
WNV (102). As well, there was no evidence of USUV circulation
in Slovenia.

SPAIN

The first human clinical case of WNV infection was diagnosed in
2004 in a patient with aseptic meningitis visiting Southwestern
Spain (103). Autochthonous cases were subsequently notified
in 2010, 2016, and 2018 transmission seasons (14, 104). WNV
cases in horses caused by WNV lineage 1 were continuously
reported since 2010 (105). A seroprevalence study conducted
in equine populations of Mallorca Island (2011–2012) showed
seropositivity rates to WNV and USUV of 6.4 and 1.2%,
respectively (106). Another study conducted among horses from
central Spain (2011–2013) found WNV seroprevalence of 1.35%
(107). WNV lineage 1 was isolated from diseased and dead
golden eagles in 2007 (108). In 2011, a survey conducted in
waterfowl used as decoys in Andalusia showed that the frequency

of seropositive decoys ranged 1.5–3.1% for WNV and 4.4–5.9%
for USUV (109). Additionally, WNV and USUV antibodies were
found in 23 and 10% of hunted wild red-legged partridges
and pheasants from Cádiz (2011–2012) (110). In 2012, USUV
was confirmed in two song thrushes (111). WNV and USUV
antibodies were also detected in wild birds (2013) (112) as well
as pigeons and zoo birds from Cordoba (2013–2014) (113).
Moreover, USUV Africa 2 lineage in 2006 (Northeastern Spain)
and 2009 (Southern Spain) as well as WNV lineage 1 in 2008
(Southern Spain) were detected in mosquitoes (114, 115).

CONCLUSIONS AND FUTURE

PERSPECTIVES

An integrated “One Health” surveillance of mosquitoes and
birds in several countries has proven to be useful for early
detection of WNV/USUV circulation and identification of
enzootic areas (48, 61, 116). Virus detection in mosquitoes and
birds preceded human and horse cases (48, 62). In addition, a

high seroprevalence in sentinel animals was detected in areas
with documented human cases (4, 22, 48, 61).

There are still many challenges in the epidemiology of
WNV/USUV. In addition to birds, which are well-known
reservoirs, WNV and USUV antibodies were found in different
animal species. WNV and USUV neutralizing antibodies were
documented in red deer in Spain (117). WNV seropositive
dogs were detected in Italy, Spain, and Corsica Island (118),
while USUV antibodies were found in hunting dogs in Italy
(119). Moreover, WNV and USUV antibodies were found in
gray squirrels in Italy, broadening the host range for these
viruses (120). WNV neutralizing antibodies were also found
in two wild rodents (Apodemus flavicollis) captured in forested
areas of Italy (121). However, the short-term and low-level
viremia makes it unlikely that these animal species play a
role in the WNV transmission cycle. Culex pipiens mosquitoes
appear to be a major vector for WNV and USUV transmission
in Europe, but Cx. modestus and Cx. perexiguus play an
important role in marshlands of some southern countries (115).
However, detection of WNV and USUV in different field-
collected native (Ae. vexans) and invasive (Ae. albopictus, Ae.
japonicus) mosquito species indicates their possible role in
promoting the overwintering of these viruses (75, 83, 122–125).
Additionally, a recently published study identified Cx. torrentium
as a highly competent vector for WNV in Central and Northern
Europe (126).

While several licensed veterinary WNV vaccines are currently
available, there is no WNV or USUV vaccine for humans (127,
128). Since data from Europe indicate that bothWNV andUSUV
appear to be expanding their geographical ranges and the trends
indicate that this spread is likely to continue in future years, the
development of an effective vaccine is urgently needed to protect
at-risk populations from neurological complications.
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99. Knap N, Korva M, Ivović V, Kalan K, Jelovšek M, Zakotnik S, et al. West Nile

infections in Slovenia. In: Vilibić-Cavlek T, Barbić Lj, Savić V, Kaić B, editors.
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Neutralizing antibodies are the key mediators of protective immune response to

flaviviruses after both infection and vaccination. Plaque reduction neutralization test

(PRNT) is considered the “gold standard” for measurement of the immunity. To date,

little is known regarding neutralizing antibody response to Tembusu virus (TMUV), a

novel flavivirus emerging in ducks in 2010. Here, we developed a PRNT for detection

of TMUV neutralizing antibodies. Following optimization and validation, the PRNT was

applied to test serum samples from different flocks of ducks. Using sera prepared in

experimental conditions, the levels of 50% end point titer (neutralizing dose, ND50)

generated from positive sera (5,012–79,433) were significantly higher than those from

mock-infected sera (10 to 126), indicating that the test can be used in the detection

of TMUV-specific neutralizing antibodies. Dose-dependent efficacy test of a cell-derived

180th passage of a plaque-purified virus of the PS TMUV isolate (PS180) in combined

with immunization-challenge experiments revealed that ND50 titer of ∼1,258 is the

minimum capable of providing adequate protection against challenge with virulent TMUV.

In the investigation of serum samples collected from three flocks infected by TMUV and

four flocks vaccinated with a licensed attenuated vaccine (the 120th passage virus),

ND50 titers peaked at 1 week after both disease onset (7,943–125,893) and vaccination

(3,612–79,432), and high levels of ND50 titer were detected in sera collected at 15 weeks

after disease onset (5,012–63,095) and 17 weeks after vaccination (3,981–25,119).

Together these findings demonstrated that spontaneous and experimental infections by

TMUV and vaccination with the licensed TMUV attenuated vaccine elicit high, long-lasting

neutralizing antibodies. The highest ND50 titer of neutralizing antibodies elicited by PS180

was determined to be 3,162, suggesting that attenuation of TMUV by more passages

has a dramatic impact on the neutralizing antibody response of the virus.

Keywords: duck, Tembusu virus, TMUV infection, TMUV attenuated vaccine, humoral immune response,

neutralizing antibody, plaque reduction neutralization test

INTRODUCTION

Humoral immune response plays a significant role in protection of the host from flavivirus
infections (1). Generally, neutralizing antibodies are thought to be the key mediators of protection
against flaviviruses following both infection and vaccination (2, 3). Under some circumstances,
however, antibodies may enhance flavivirus infection, a phenomenon called antibody-dependent
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enhancement (ADE) of infection (4, 5). In the case of dengue
virus (DENV), the ADE phenomenon most frequently occurs
in secondary infections with different DENV serotypes and in
children with maternal antibodies declined to sub-neutralizing
concentrations (6, 7). In fact, any antibody that neutralizes at
sufficiently high concentrations can enhance flavivirus infectivity
at sub-neutralizing concentrations (3). Therefore, high levels of
neutralizing antibody are crucial to exerting a protective effect,
especially in the context of vaccine-mediated humoral immunity.

For assessing the host’s specific immune response to
flaviviruses, many useful serological tests have been developed,
such as hemagglutination inhibition, complement fixation,
enzyme-linked immunosorbent assay (ELISA), and plaque
reduction neutralization test (PRNT) (8). However, flavivirus
serological tests may present a classical challenge in differential
diagnosis owing to strong cross-reactivity between antibodies
and heterologous viral antigens (9, 10). PRNT measures
neutralizing antibodies, and is the most virus-specific serological
test. Thus, this test is considered the “gold standard” for the
differentiation of flavivirus infections and the measurement
of immunity to flaviviruses although it is time-consuming to
perform (2, 8, 11–18).

Tembusu virus (TMUV) is currently classified within the
genus Flavivirus of the family Flaviviridae (https://talk.ictvonline.
org/taxonomy). Based on the mode of transmission and
serological cross-reactivity, TMUV is also classified within the
Ntaya group of the mosquito-borne flavivirus group, along
with Bagaza virus (BAGV), Ntaya virus (NTAV), and Zika
virus (ZIKV) (8). TMUV-related disease in ducks emerged in
2010, which affects mainly ducks during egg-laying periods.
The disease is characterized by sudden onset, rapid spread,
severe drops in egg production, and degenerate ovaries with
hemorrhagic lesions (19–22). In affected flocks, the egg
production rate may reduce to 10% or less within ∼1 week
after disease onset (23). To control the disease, several vaccine
candidates have been developed, including live-attenuated
(24), inactivated (25, 26), and subunit-based (27–31) vaccine
candidates. Live-attenuated and inactivated vaccines have been
licensed to use in ducks in China (32, 33).

It has been shown previously that humoral immune response
to TMUV can be developed in ducks following vaccination
with various vaccine candidates as described above. Most
data regarding to antibody response were generated by using
ELISA-based assays, such as indirect ELISA (34), competition
ELISA (35), and blocking ELISA (36). In the study by Chen
et al. (27), a neutralization test was applied to detect serum
antibodies of ducks vaccinated with a vectored duck enteritis
virus expressing the TMUV envelope. That investigation showed
that the vaccine candidate elicits neutralizing antibodies, with
titers of 1:28 at 7 days after immunization and 1:24 at 15 weeks
after immunization. A serological investigation performed on
60 serum samples collected from six farms by using a blocking
ELISA revealed a high prevalence of 56.7% (36). To date, data
relating to TMUV neutralizing antibody response elicited by
infection and vaccine is still limited.

In this study, we describe the development of a PRNT for the
detection of TMUV neutralizing antibodies. We also describe the

application of the test to field serum samples from different flocks
of diseased and immunized ducks.

MATERIALS AND METHODS

Cells
BHK-21 cells were maintained in growth medium consisting of
Dulbecco’s Modified Eagle Medium (DMEM; Gibco, NY, USA)
supplemented with 10% fetal calf serum (FCS; Gibco, NY, USA),
100 U/ml penicillin, and 100 µg/ml streptomycin.

Viruses
The PS and Y isolates were originally recovered in China from
outbreaks of TMUV-related disease in a flock of egg-laying ducks
in 2011 and in a flock of 74-day-old ducks, respectively. The
fourth passage (strain PS4) in BHK-21 cells of the PS isolate
was applied to produce the working virus in PRNT. The fourth
passage (strain Y4) in BHK-21 cells of the Y isolate was applied
to produce TMUV antibody-positive sera. The 180th passage
(strain PS180) of a plaque-purified virus of the PS isolate was used
in immunization-challenge experiments. The PS180 virus was
prepared in our laboratory, which underwent five passages in 9-
days-old specific pathogen free chicken embryos, three passages
in BHK-21 cells, three-rounds of plaque purification, and 180
passages in BHK-21 cells (37, 38).

Virus Propagation
BHK-21 cells were prepared in T25 flasks, which were seeded at 8
× 106 cells/flask. When confluent, the cells were washed three
times with phosphate buffered solution (PBS), and inoculated
with PS4 at a multiplicity of infection (MOI) of 0.01 plaque
forming unit (PFU)/cell. Following 1-h adsorption at 37◦C,
the inoculum was removed, and 5ml of maintenance medium
consisting of DMEM supplemented with 2% FCS, 100 U/ml
penicillin and 100µg/ml streptomycin was added to each flask.
The cells were incubated at 37◦C in a 5% CO2 atmosphere. At
about 60 h post inoculation (pi), when a remarkable cytopathic
effect (CPE) was developed, the cell culture was subjected to a
cycle of freeze and thawing, followed by centrifugation at 10,000
× g for 1min. Cell-free supernatant was harvested for additional
three passages, generating the PS5, PS6, PS7, and PS8 strains. The
viruses were stored at−80◦C until use.

Serum Samples
TMUV antibody-negative and positive sera were prepared in
Pekin ducklings (Anas platyrhynchos domestica) and used for
the development of PRNT. The newly hatched ducklings were
obtained from a local duck farm, where TMUV infection
had never been observed and their parents had never been
immunized with TMUV vaccine. Antisera (n = 10) against
Y4 were taken from 14-days-old survived ducklings that were
inoculated intramuscularly (i.m.) with strain Y4 at 7 days of
age at the dose of 104 PFU per duckling. The TMUV antibody-
negative sera were collected from 1-day-old ducklings (n = 10),
and also prepared from 14-days-old ducklings (n = 10) which
were inoculated i.m. with 0.2ml of DMEM at 7 days of age.
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Three groups of serum samples collected from ducks showing
drops in egg production were used for investigation of the
levels of neutralizing antibody induced by TMUV infection. The
first group consisted of 20 samples collected in Inner Mongolia
autonomous region from 29-weeks-old Pekin ducks in which the
egg drop disease had been observed at 28 weeks of age. The egg
laying rate decreased by 20–30%, lower than those caused by
TMUV infection (23). Using previously reported TMUV-specific
reverse transcription (RT)-PCR assays (19, 20), no positives
were found in theca folliculi of diseased ducks. The second
group consisted of 50 samples collected at 1 week after disease
onset, including 20 samples taken in Hubei province from 28-
weeks-old Shaoxing duck (Anas platyrhynchos domestica) and 30
samples taken in Shandong province from 31-weeks-old Cherry
Valley Pekin ducks (a strain of Pekin duck; Anas platyrhynchos
domestica). The presence of TMUV infection in the flocks were
confirmed based on clinical features and detection of TMUV in
theca folliculus samples by using the RT-PCR assays (19, 20). The
third group comprised 75 samples collected in Liaoning province
from a flock of Jinding ducks (Anas platyrhynchos domestica). In
the flock, a severe drop in egg production was observed at 25-
weeks-old. TMUV was detected in theca folliculus samples. The
serum samples were taken at 1, 3, 7, 11, and 15 weeks after disease
onset. At each sampling time point, 15 samples were collected.

Two groups of serum samples collected from immunized
ducks were used for investigation of the levels of neutralizing
antibody induced by immunization with a licensed TMUV live-
attenuated vaccine, the 120th passage of the WF TMUV isolate
(32). The first group consisted of 110 samples collected at 1
week after immunization, including 30 samples collected in
Anhui province from 19-weeks-old Cherry Valley Pekin ducks,
30 samples collected in Shandong province from 21-weeks-old
Cherry Valley Pekin ducks, and 50 samples collected in Liaoning
province from 21-weeks-old Jinding ducks. The second group
comprised 70 serum samples, which were collected in Shandong
province from a flock of Cherry Valley Pekin ducks. The ducks
were vaccinated at 20 weeks of age. The samples were taken at 1
week before immunization, and at 1, 3, 5, 9, 13, and 17 weeks
after immunization. At each sampling time point, 10 samples
were collected. No clinical signs were observed during the course
of sampling.

Plaque Assay
The virus was prepared in serial 10-fold dilutions (10−1–10−6)
with DMEM. BHK-21 cells were cultured on 24-well plates
(Corning, NY, USA), which were seeded at 4 × 105 cells/well.
When confluent, the cells were washed three times with PBS, and
inoculated with 0.1ml of diluted virus, three cultures per dilution.
Following 1 h adsorption at 37◦C, the inoculumwas removed and
the cells were washed three times with PBS. The plates received
0.5ml of overlay medium consisting of DMEM containing 2%
FCS, 100 U/ml penicillin, 100µg/ml streptomycin and 1% low
melting-point agarose (Macgene, Beijing, China), and placed at
4◦C for 15min for agarose coagulation. After 3 days further
incubation at 37◦C in a 5% CO2, the cells were fixed with 0.5ml
of 4% paraformaldehyde at room temperature for 90min. The
paraformaldehyde and agarose were removed and the cells were

stained with 0.5ml of 0.2% (w/v) crystal violet. Fifteen minutes
later, crystal violet was removed and plaques were read. Virus titer
was calculated as described previously (39).

Growth Kinetics
Confluent monolayers of BHK-21 cells cultured in T25 flasks
were inoculated with TMUV at a MOI of 0.01 PFU/cell as
described above. For assessing virus growth, medium was
sampled every 12 h between 12 and 84 hpi. At each sampling
point, 0.2ml sample was collected. Virus titers were determined
using plaque assay as described above.

Development of PRNT
The PS7 strain was used as a working virus to develop PRNT
for the detection of TMUV-specific neutralizing antibodies in
sera of ducks. Ten antisera against the Y4 isolate and 10 sera
from 1-day-old ducklings were tested in a preliminary protocol.
Six antisera with 50% end point titers (neutralizing dose, ND50)
ranging from 10,000 to 125,893 and four sera with ND50 titers
ranging from 10 to 125 were selected for optimization of the
PRNT. To determine the optimal dilution of working virus, four
different dilutions (1:5 × 103, 1:7 × 103, 1:104, and 1:2 × 104)
of the PS7 virus were tested against the 10 sera. Subsequently,
varying incubation times around the following steps of PRNT
were tested: (i) virus-serum neutralization (30, 45, 60, 75, and
90min); (ii) adsorption of virus-serum inoculum to the cell
surface (30, 40, 50, and 60min); (iii) incubation after the plates
received overlay medium (60, 66, 72, 78, and 84 h). For each
condition, each serum sample was tested three times, generating
three ND50 titers (the observed results) and onemedian titer. The
optimal condition was confirmed if all serum samples tested had
the observed results within one 3-fold difference of the median
titer. For determination of the optimal dilution of working virus
and the optimal incubation time after the plates received overly
medium, the conditions to get readily discernable plaques and
minimize plaque overlap were considered to be acceptable.

PRNT Protocol
Serum was inactivated at 56◦C for 30min and diluted in a 10-
fold step to 10−5 with DMEM. Each dilution of the sera was
mixed with an equal volume of diluted virus, and incubated
at 37◦C for 1 h. BHK-21 cell cultures were prepared in 24-well
plates as described above. When confluent, the cells were washed
and inoculated with 0.2ml of the virus-serum mixtures, and
plaque assay was conducted as described above. Controls were
included in the experiment, including three virus control groups,
in which 0.1ml of virus was used to infect BHK-21 cells, and
an uninfected BHK-21 cell control group, in which 0.1ml of
DMEM was used as inoculum. The PRNT titer was calculated
using the Kärber method and expressed as ND50. The formula
is: log10 ND50 = m – 1 (

∑
p – 0.5), where m indicates log10 of

the highest dilution, 1 indicates log10 of dilution coefficient, and∑
p indicates the sum of number of plaques produced by virus-

serum inoculum/average number of plaques produced by virus
controls (40, 41).
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Validation of PRNT
The optimized PRNT assay was validated as described previously
(42). The precision of the assay was assessed by using 20 TMUV
antibody-negative sera and 10 antisera against Y4. The intra-
assay precision was determined by testing a single sample in
three independent assays by the same operator, and the inter-
assay precision was determined by testing a single sample in three
independent assays by three operators. The sensitivity of the test
was evaluated using 10 antisera against Y4. The serum samples
were individually diluted in DMEM at a 10-fold step to 10−3.
Each of undiluted and diluted samples was tested three times by
using the optimized PRNT.

Detection of TMUV Neutralizing Antibodies
in Serum Samples of Ducks
The PRNT was applied to test serum samples of ducks collected
in the field. To investigate the neutralizing antibody response
induced by PS180, vaccination experiments were conducted.

Sixty 1-day-old Pekin ducklings, which were derived from non-
immune breeders that had no antibody to TMUV, were randomly
divided into six groups (10 birds/group). Four groups were
vaccinated i.m. with PS180 at doses of 104 (designated PS180-
104), 103 (PS180-103), 102 (PS180-102), and 10 (PS180-10) PFU
per ducklings, respectively. Two groups (mock and control) were
inoculated with 0.2ml of DMEM. The birds were separately
reared in different isolators. Serum samples were taken from all
ducklings at 7 days p.i. and tested for neutralizing antibodies by
using PRNT.

Vaccination and Challenge Experiments
To assess the immunogenicity of TMUV PS180, the vaccinated
birds were challenged i.m. with TMUV Y4 (105 PFU per
duckling) at 7 days p.i. after serum collection. The groups
were designated PS180-104/Y4, PS180-103/Y4, PS180-102/Y4,
and PS180-10/Y4, respectively. Of the two unvaccinated groups,
one (mock/Y4) was challenged as described above, and another
(control) was inoculated i.m. with 0.2ml of DMEM. Ducklings
were monitored daily for 7 days. Living ducks were weighed at
the end of the experiment.

Statistical Analysis
The data derived from growth kinetic analysis, PRNT, and
immunization-challenge experiments were calculated at mean
± standard deviation (SD). Difference between groups were
compared using the analysis of variance method implemented in
the GraphPad Prism Software (Version 5.0; GraphPad Software
Inc., San Diego, CA, USA). A P < 0.05 value was considered
statistically significant.

RESULTS

The Seventh Passage of TMUV PS in
BHK-21 Cells Was Selected as Working
Virus
It has been shown previously that the fifth to tenth passages
of cell-derived virus are generally used as working virus in the
PRNT assay (13). To produce the working virus for TMUV

PRNT, the PS4 strain was passaged for four times in BHK-21 cells
and the growth properties of the resulting four strains (PS5–PS8)
were compared.

All the four viruses grew well in BHK-21 cells and exhibited
similar growth kinetics (Figure 1). The titers of the four viruses
showed increase since 12 hpi, and peaked at 60 hpi. Since
then, the titers of the viruses tended downwards. During the
observation period, the titers of PS7 and PS8 were slightly
higher than those of PS5 and PS6, whereas no significant
differences were observed between the viruses (P > 0.05). All the
viruses produced clear plaques in BHK-21 cells. Differences were
detected in plaque sizes, with 1–2mm in diameter in the PS7-
an PS8-infected cells and <1mm in diameter in the PS5- and
PS6-infected cells (Figure 2).

Based on above observations, the PS7 isolate was used as
working virus in TMUV PRNT. Thus, the working virus was
produced by infecting BHK-21 cells with the PS6 strain. The
PS7 virus was harvested at 60 hpi, dispensed into small aliquots,
and stored at −80◦C. The titer was determined to be 4.2 × 106

PFU/ ml.

The TMUV Antibody-Positive Sera Can Be
Clearly Distinguished From the TMUV
Antibody-Negative Sera by the PRNT
The 1:5 × 103 dilution of the working virus produced ∼80
plaques/well, which had an impact on the accuracy of counting.
The 1:7 × 103, 1:104, and 1:2 × 104 dilutions of the working
virus produced ∼60, 40, and 20 plaques/well, respectively, all of
which assured a good precision of counting. In PRNT using 1:7
× 103 and 1:104 dilutions of the working virus, all serum samples
tested showed the three observed values within one 3-fold
difference of the median ND50 titer (Supplementary Table S1).
1:104 was selected as the optimal dilution of the working virus.
On this basis, the 45, 60, and 75min neutralization times and
the 40, 50, and 60min adsorption times were all shown to
assure the accuracy of PRNT (Supplementary Tables S2, S3).
Sixty minutes, which was generally employed in the routine
neutralization test, was regarded as the optimal incubation time
for both neutralization and adsorption. After the plates received

FIGURE 1 | TMUV growth kinetics in BHK-21 cells. Virus titers in

plaque-forming units (PFU)/ml were measured between 12 and 84 hpi with a

12 h interval.
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FIGURE 2 | TMUV plaques in BHK-21 cells at 72 h post inoculation.

overlay medium, the 72, 78, and 84 h incubation times were all
considered to be acceptable as plaques with 1–2mm in diameter
formed at these time points were easily recognized and counted
(Supplementary Figure S1). Seventy-two hours was selected as
the optimal incubation time.

As shown in Tables 1, 2, there were only three and two

samples exhibited results that were outside ± 3-fold of the

medianND50 titer of the three results in the intra- and inter-assay

precision analyses, respectively. In the sensitivity analysis, all the

samples were shown to have an observed and expected ND50

titer within 3-fold of each other. For all serum samples tested,

antibodies were detectable at a 1:100 dilution, but not at a 1:1,000

dilution (Table 3). In the light of criteria previously defined for

DENV (42), the precision of intra- and inter-assays and the

sensitivity of the TMUV PRNT were considered acceptable.
The 10 antisera against Y4 produced high levels of ND50

titer, ranging from 5,012 to 79,433 (Tables 1, 2). In sharp

contrast to the antisera, the 10 sera collected from 1-day-old

ducklings and the 10 sera prepared from 14-days-old ducklings

that had been inoculated with DMEM produced significantly
lower ND50 values, ranging from 10 to 126 (Tables 1, 2). These
data indicated that the TMUV antibody-positive sera can be
distinguished clearly from the TMUV antibody-negative sera by
the optimized PRNT.

The Cell-Derived PS180 Virus Exhibits
Satisfied Immunogenicity
To assess the immunogenicity of the cell-derived 180th passage
of PS virus (PS180), groups of one-day-old Pekin ducklings were
vaccinated with PS180 at different doses and challenged with
virulent TMUV (Y4) seven days later. No clinical signs were
observed in control and ducks that had been vaccinated with
104 and 103 PFU of PS180. In contrast, ducks in other groups
developed signs of illness at 3 days after challenge. Mild signs,
such as mild depression and a slight decrease in feed intake,
were observed in ducklings vaccinated with 102 PFU of PS180.
More serious signs, including dramatic decrease in feed intake,
paralysis, and encephalitis, were seen in ducklings vaccinated
with 10 PFU of PS180 and unvaccinated ducklings (Table 4).

One duckling vaccinated with 102 PFU of PS180 died within
6–7 days post challenge (p.c.); four ducklings vaccinated with
10 PFU of PS180 died within 6–7 days p.c.; five unvaccinated
ducklings died within 5–7 days p.c. In contrast, no deaths
occurred in control and ducklings that had been vaccinated with
104 or 103 PFU of PS180. These data indicated that one-day-
old ducklings immunized i.m. with PS180 at higher doses (104

and 103 PFU) withstood an i.m. challenge of 105 PFU of virulent
TMUV (Y) 7 days later, whereas 102 and 10 PFU of PS180 did not
offered adequate protection (Table 4).

Frontiers in Veterinary Science | www.frontiersin.org 5 December 2019 | Volume 6 | Article 44247

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


Lv et al. Neutralizing Antibody of Tembusu Virus

TABLE 1 | Determination of intra-assay precision for TMUV PRNT.

Sample no. ND50 for antibody-negative sera† Sample no. ND50 for antibody-negative sera‡ Sample no. ND50 for anti-Y4 sera

Test 1 Test 2 Test 3 Test 1 Test 2 Test 3 Test 1 Test 2 Test 3

1 10 16 10 1 13 10 10 1 12,589 15,848 7,943

2 13 20 20 2 25 16 20 2 6,309 10,000 7,943

3 50 63 40 3 25 13 32 3 50,118 31,622 39,811

4 13 16 12 4 32 40 40 4 7,943 10,000 12,589

5 63 79 50 5 126 100 63 5 31,622* 10,000 10,000

6 32 25 40 6 100 79 79 6 5,012 6,309 10,000

7 126 79 63 7 100 79 25* 7 15,849 19,953 15,849

8 100 126 79 8 63 79 50 8 25,119 25,119 39,811

9 32 50 63 9 100 100 126 9 63,096 79,433 19,953*

10 13 16 10 10 40 32 32 10 10,000 12,589 15,849

†
Sera collected from 1-day-old ducklings.

‡
Sera prepared from 14-days-old ducklings that had been inoculated with DMEM at 7 days of age.

*Outside ± 3-fold of the median titer of three results obtained in triplicates.

TABLE 2 | Determination of inter-assay precision for TMUV PRNT.

Sample no. ND50 for antibody-negative sera† Sample no. ND50 for antibody-negative sera‡ Sample no. ND50 for anti-Y4 sera

Test 1 Test 2 Test 3 Test 1 Test 2 Test 3 Test 1 Test 2 Test 3

1 10 20 25 1 13 20 13 1 12,589 10,000 10,000

2 13 16 20 2 25 20 20 2 6,309 7,943 31,623*

3 50 64 50 3 20 10 20 3 50,118 39,811 63,096

4 13 25 16 4 32 25 32 4 7,943 10,000 15,849

5 63 79 63 5 100 79 50 5 31,622 39,811 15,849

6 32 40 50 6 126 32* 63 6 5,012 12,589 7,943

7 126 100 79 7 63 79 79 7 15,849 19,953 19,953

8 100 50 63 8 100 50 63 8 25,119 31,622 19,953

9 32 40 63 9 79 50 50 9 63,096 50,119 79,433

10 13 20 10 10 40 50 25 10 10,000 19,953 15,849

†
Sera collected from 1-day-old ducklings.

‡
Sera prepared from 14-days-old ducklings that had been inoculated with DMEM at 7 days of age.

*Outside ± 3-fold of median titer of three results obtained in triplicates.

The body weights of living ducks in vaccinated and
unvaccinated groups at 7 days after challenge were measured
to investigate further the immunogenicity of PS180 in terms
of weight gain. Challenge had no significant impact on weight
gain in ducks vaccinated with 104 and 103 PFU of PS180 when
compared with control (P > 0.05). In contrast, mean body
weights of ducks immunized with 102 and 10 PFU of PS180
and unvaccinated ducks were all significantly lower than that of
control (P < 0.05) (Table 4). Taken together, it is concluded that
PS180 exhibits satisfied immunogenicity.

Neutralizing Antibodies With a ND50 Titer
of Higher Than 1,258 Provides Adequate
Protection Against Infection With Virulent
TMUV
To define the minimal value of TMUV neutralizing antibodies
protecting ducks against TMUV infections, serum samples

were collected before challenge in above trials for vaccination-
challenge experiments and tested for TMUV neutralizing
antibodies by using PRNT (Table 4). Higher ND50 values,
ranging from 1,584 to 3,162 and 1,258 to 2,511, were
derived from sera of ducklings vaccinated with 104 and 103

PFU/bird PS180, respectively. Relatively low ND50 values,
ranging from 631 to 1,548 and 251 to 398, were detected
in sera of ducks after immunization with 102 and 10 PFU
of PS180, respectively. The levels of ND50 titer detected
in sera taken from unvaccinated ducks were very low,
ranging from 25 to 158, which were considered TMUV

antibody-negative according to the criterion defined above.

These data, in conjunction with results derived in the
immunization-challenge experiments, suggested that ND50

titer of ∼1,258 can be considered the minimum capable
of providing adequate protection against challenge with
virulent TMUV.
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TABLE 3 | Evaluation of the sensitivity for TMUV PRNT.

Sample

no.

ND50 titer of neutralizing antibody in serum sample with dilution indicated

Undiluted 1:10 1:100 1:1,000

Median† Median Expected‡ Median Expected Median Expected

1 39,811 5,012 3,981 794 398 20 40

2 7,943 1,000 794 50 79 16 8

3 15,849 3,162 1,585 79 159 13 16

4 15,849 1,995 1,585 100 159 50 16

5 50,119 6,310 5,012 316 501 63 50

6 15,848 1,000 1,585 200 159 20 16

7 12,589 1,000 1,259 79 126 32 13

8 31,622 5,012 3,162 200 316 63 32

9 12,589 2,511 1,259 126 126 25 13

10 79,433 7,943 7,943 501 794 125 80

†
Median titer, mean value of three titers obtained in triplicates from each of diluted serum samples.

‡
Expected titer, median titer of the undiluted sample divided by the dilution factor.

TABLE 4 | Correlation between levels of neutralizing antibody and protective

efficacies conferred by TMUV PS180.

Group† ND50 titer Mortality (%) Mean body weight (g)§

PS180-104/Y4 1,584–3,162 0 (0/10)‡ 572 ± 20

PS180-103/Y4 1,258–2,511 0 (0/10) 560 ± 30

PS180-102/Y4 631–1,548 10 (1/10) 450 ± 26*

PS180-10/Y4 251–398 40 (4/10) 414 ± 50*

Mock/Y4 25–158 50 (5/10) 400 ± 39*

Control 32–126 0 (0/10) 580 ± 18

†
Pekin ducks were inoculated with 104 to 10 PFU of PS180 and DMEM at 1 day of age.

Ducks in five groups were challenged with 105 PFU of TMUV Y4 at 7 days of age. Serum

was sampled from 7-days-old ducks before challenge.
‡
No. of death/no. of ducks challenged.

§The ducks were weighed at 7 days after challenge.

*Significant difference compared with control (P < 0.05).

TMUV Natural Infection Elicits High-Level,
Long-Term Neutralizing Antibody
Response in Ducks
To investigate the humoral immune response induced by
TMUV natural infections, the PRNT was applied to test
serum samples collected at 1 week after disease onset from
two flocks in which TMUV infection had been confirmed
and a flock in which TMUV infection had been excluded.
High levels of ND50 titer were generated from the serum
samples of Shaoxing ducks in Hubei province and of Cherry
Valley Pekin ducks in Shandong province, ranging from
7,943 to 79,433 and from 10,000 to 125,893 respectively.
In contrast, the ND50 values produced from the serum
samples of Pekin ducks in Inner Mongolia autonomous
region ranged from 25 to 200, significantly lower than those
obtained in Hubei and Shandong provinces (P < 0.001)
(Figure 3).

FIGURE 3 | Testing of sera of ducks showing drops in egg production by

using PRNT. The serum samples were collected at 1 week after disease onset

from three flocks of ducks in different regions. Based on clinical features and

molecular detection, TMUV infections had been confirmed to be responsible

for the egg drop disease occurred in ducks in Hubei and Shandong provinces,

but not for the disease occurred in ducks in Inner Mongolia autonomous

region. ***, significant difference in antibody titer between Hubei and Inner

Mongolia and between Shandong and Inner Mongolia (P < 0.001).

To investigate the kinetics of neutralizing antibodies in
sera of ducks after TMUV natural infections, the PRNT was
performed on serum samples collected at different time points
from a flock of Jinding ducks in which TMUV infection had
been confirmed. High neutralizing antibody titers ranging from
12,589 to 100,000 appeared in sera at 1 week after disease
onset. Although the ND50 titers showed tendency to decline
since then, high ND50 values ranging from 5,012 to 63,095
were detected in sera collected at 15 weeks after disease
onset (Figure 4).

Frontiers in Veterinary Science | www.frontiersin.org 7 December 2019 | Volume 6 | Article 44249

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


Lv et al. Neutralizing Antibody of Tembusu Virus

FIGURE 4 | Kinetics of TMUV neutralizing antibodies in sera from a flock of

Jinding ducks after an outbreak of the TMUV-related disease.

FIGURE 5 | Neutralizing antibody titers in sera of ducks at 1 week after

inoculation with a live-attenuated vaccine. The serum samples were collected

from three flocks of ducks in different regions.

Immunization With TMUV Attenuated
Vaccine Elicits High-Level, Long-Term
Neutralizing Antibody Response in Ducks
To evaluate the humoral immune response induced by TMUV
attenuated vaccine, the PRNT assay was applied to test serum
samples collected from three different flocks at 1 week after
immunization. The ND50 values were generally high, ranging
from 3,612 to 37,811 in sera of Cherry Valley Pekin ducks in
Anhui province, from 5,012 to 31,623 in sera of Cherry Valley
Pekin ducks in Shandong province, and from 3,981 to 79,432 in
sera of Jinding ducks in Liaoning province (Figure 5).

To investigate further the kinetics of neutralizing antibodies
induced by TMUV attenuated vaccine, the PRNT was employed
to test serum samples from a flock of Cherry Valley Pekin
ducks at 1 week before immunization and at different time
points after immunization. ND50 values detected in sera of ducks
before immunization were generally lower, ranging from 50 to
158. Following vaccination, the neutralizing antibodies increased

FIGURE 6 | Kinetics of TMUV neutralizing antibodies in sera from a flock of

Cherry Valley Pekin ducks vaccinated with a live-attenuated vaccine.

rapidly and reached 7,943–50,119 at 1 week after vaccination.
On subsequent 16 weeks the ND50 titers declined gradually.
Nevertheless, higher ND50 values ranging from 3,981 to 25,119
were detected at 17 weeks after vaccination (Figure 6).

DISCUSSION

The present study describes the development of a PRNT for the
detection of neutralizing antibodies against TMUV by using a
seventh cell-derived working virus. The PRNT was optimized
by comparative testing of different conditions and validated by
determination of intra- and inter-assay variations. The detection
limit was determined to be about 1:100 to 1:1,000 of serum
dilution, suggesting that the sensitivity of the test is acceptable.
The specificity of the test was proven by detection of neutralizing
antibodies induced by experimental and natural infections and
vaccination with two TMUV attenuated strains. We were unable
to carry out the differential detection of antibodies against BAGV,
NTAV, and ZIKV which have been classified within the same
antigenic complex group with TMUV (8, 43) since the reference
antisera or strains for these flaviviruses are unavailable. However,
we reasoned that the test might not exhibit cross-reactions with
other flaviviruses based on the following points. First, it has
been shown previously that PRNT is the most virus-specific
serological test (2, 8, 11–18). Second, there have been no reports
describing infections in ducks caused by other flaviviruses (e.g.,
BAGV, NTAV, and ZIKV) so far. We showed that the ND50

values obtained from negative sera can be easily distinguished
from those generated from positive sera. Using TMUV antibody
negative serum samples prepared in laboratory and collected
from flocks uninfected by TMUV in the field, the ND50 values
were determined to be <200, which can be regarded as a cut-
off ND50 value. The availability of a TMUV PRNT provides
a useful diagnostic tool with which investigations into TMUV
antibody-mediated protection can be undertaken.

Based on clinical features and molecular detection of tissue
samples collected from affected ducks, TMUV infections were
confirmed to be responsible for the egg drop disease occurred
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in Shaoxing ducks in Hubei province, Cherry Valley Pekin
ducks in Shandong province, and Jinding ducks in Liaoning
province, but not for the disease occurred in Pekin ducks in
Inner Mongolia autonomous region. Using the serum samples
from diseased ducks, we focused on understanding the duck
neutralizing antibody response to TMUV infection. We showed
that high levels of neutralizing antibody (7,943–125,893) were
detected in sera of ducks in Hubei and Shandong provinces,
indicating that ducks exposed to TMUV infections develop
strong neutralizing antibody response as early as 1 week after
disease onset. The detection of low ND50 values in sera collected
from Inner Mongolia autonomous region, indicating that these
samples could be considered negative for TMUV antibodies.
Thus, application of PRNT in serum samples is of help to
the definitive diagnosis of the TMUV-related disease. Further
detection of the kinetics of TMUV antibodies in a flock of Jinding
ducks demonstrated that higher levels of TMUV neutralizing
antibody induced by natural infection can persist in sera of
ducks for at least 15 weeks. These findings indicate that natural
infection can elicit high-level, long-lasting immunity to TMUV.

To date, a TMUV attenuated vaccine (32) has been widely
used in ducks in China. In this study, therefore, we also focused
on understanding humoral immunity elicited by the vaccine,
which is directly relevant to control of the TMUV-related
disease. We showed that neutralizing antibodies with ND50 titers
higher than 1,258 offer adequate protection against infection
of virulent TMUV. The detection of ND50 titers ranging from
3,612 to 79,432 in sera collected at 1 week after vaccination from
three different flocks located in Anhui, Shandong, and Liaoning
provinces supported the view that the licensed TMUV attenuated
vaccine elicits high levels of neutralizing antibody rapidly.
Further detection of the kinetics of neutralizing antibodies in
sera of an immunized flock of Cherry Valley Pekin ducks in
Shandong province further confirmed that TMUV attenuated
vaccine leads to a rapid seroresponse from seronegative before
immunization to seropositive status after vaccination and a
rapid rise of TMUV-specific serum neutralizing antibody titers.
Moreover, higher levels of neutralizing antibody persist for at
least 17 weeks. Together these findings indicate that vaccination
with the licensed live-attenuated vaccine can confer high-level,
long-lasting immunity to TMUV.

Compared with those of the licensed live-attenuated vaccine
(32), the PS180 strain elicited noticeably lower levels of
neutralizing antibody, which might be attributed to more
passages of PS180. This investigation may be of help for further
studies on molecular mechanism for TMUV attenuation and
antibody-mediated protection.

Taken together, we have developed a PRNT for the detection
of TMUV-specific neutralizing antibodies in sera of ducks. From
the investigations of TMUV antibody-positive and negative
sera we conclude that the test described here is a useful
diagnostic tool to serological diagnosis of TMUV infection
and measurement of neutralizing antibody-mediated immunity
to TMUV. Application of the test in sera from infected
and immunized ducks provided evidence that neutralizing
antibodies is a critical component of immunity to TMUV
following both infection and vaccination, which contributes
to the understanding of neutralizing antibody response to
TMUV. The data obtained from detection of the kinetics of
neutralizing antibodies in naturally infected and vaccinated
flocks provides a scientific basis for rational use of TMUV
live-attenuated vaccine.
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Early detection of emerging foreign animal diseases is critical to pathogen surveillance

and control programs. Rift valley fever virus (RVFV), Japanese encephalitis virus (JEV),

and African swine fever virus (ASFV) represent three taxonomically and ecologically

diverse vector-borne viruses with the potential to be introduced to the United States. To

promote preparedness for such an event, we reviewed the current surveillance strategies

and diagnostic tools in practice around the world for these emerging viruses, and

summarized key points pertaining to the availability of existing guidelines and strategic

approaches for early detection, surveillance, and disease management activities. We

compare and contrast the surveillance and management approaches of these three

diverse agents of disease as case studies to emphasize the importance of the ecological

context and biology of vectors and vertebrate hosts. The information presented in this

review will inform stakeholders of the current state of surveillance approaches against

these transboundary foreign animal disease which threaten the United States.

Keywords: emerging arboviruses, ticks, mosquitoes, biosurveillance, introduction, guidelines

INTRODUCTION

Rift Valley fever virus (RVFV), African swine fever virus (ASFV), and Japanese encephalitis virus
(JEV), are three vector-borne veterinary pathogens with the potential to invade the United States
(US). All of these viruses are notifiable animal diseases (1), and Rift Valley fever (RVF) is also
included on the “World Health Organization (WHO) Blueprint of priority pathogens” (2). While
these viruses would all have devastating health and economic impacts, the ecological context and
potential transmission dynamics of each are quite different and would require unique preparedness
and mitigation efforts. All of these agents are capable of vector-borne as well as direct transmission
(Table 1). JEV and RVFV are also zoonotic and capable of causing disease in humans, and the
potential vector, domestic, and wild animal species involved in enzootic and spillover transmission
are variable. Routes of potential entry into the US span importation of infected vectors (all three
agents), viremic travelers (RVFV), infected animal products (ASFV), or contaminated fomites
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TABLE 1 | Similarities and differences among the invasion and establishment of Rift Valley fever virus, Japanese encephalitis virus, and African swine fever virus into the

United States.

Rift Valley fever Japanese encephalitis African swine fever

Human pathogen Yes Yes No

Vaccine available No* Yes No

Vector-borne potential Mosquitoes Mosquitoes Ticks

Direct transmission Yes Yes Yes

Likely wildlife reservoir Deer Birds Feral hogs

Affected domestic hosts Goats, sheep, cattle Pigs Pigs

Possible route of entry People, mosquitoes Mosquitoes Swine products, fomites

*Currently there is no vaccine licensed in the U.S., but multiple vaccines have or are being developed.

(ASFV), hence requiring very different preparedness efforts. This
complexity in disease ecology and introduction potential presents
a challenge to our health infrastructure to prepare for one or
multiple such events.

The risk of introduction and establishment for RVFV, JEV,
and ASFV to the US have all been investigated. The emergence
of RVFV on the Arabian Peninsula (3) and recent reports of
RVFV-infected travelers returning to France and China from
areas of active RVFV transmission (4, 5) demonstrate the
feasibility of pathogen importation via air travel. Considering
five potential pathways of entry, Golnar et al. predicted the
most likely introduction would be through an infected human
traveler, but invasion of infected mosquitoes by plane or ship also
carried quantifiable risk (6). In a separate qualitative analysis,
Kasari et al. also concluded that RVFV could feasibly enter
the US through several pathways including importation of
infected animals, people, vectors, or live virus (7). If introduced,
many competent mosquito vectors exist in the US (8, 9), and
maintenance of the virus in mosquito populations by vertical
transmission is possible (10–12). Deer have recently been shown
to be a susceptible amplifying host (13) with viremias capable of
infecting blood-feeding mosquitoes, which significantly increases
the probability of enzootic establishment (14). Intensive livestock
production in the US also creates a vulnerable environment for
virus transmission among human and livestock communities
by opportunistic mosquito vectors adapted to agricultural
environments (15). Barker et al. modeled the potential for
RVFV transmission in California considering local vectors, hosts
and environmental conditions, but understanding the long-term
persistence of RVFV depended on the parameterization of the
models with data that were not available at the time this model
was developed (16).

Japanese encephalitis virus strains have a history of invasion
and establishment among new areas in Asia. Molecular
epidemiological evidence suggests that JEV strains are introduced
from continental south-east Asia to Japan regularly (17–19).
Introductions of JEV within Asia and between Asia and Australia
are believed to be through either infected windblown mosquitoes
or birds, where the virus then circulates enzootically among
native birds and Culex spp. mosquitoes (20–22). Considering
seven possible pathways of JEV entry into the US, entry of
infected adult mosquitoes through air travel was the most likely

scenario, however, the risk of establishment of JEV in the US
following this type of introduction was variable (23). Several
parameters complicated the establishment in the US, including a
relatively short host viremia, unpredictable contact rates between
hosts and vectors, particularly near airports, virus strain and
genotype differences, and the cross-protection of JEV with other
flaviviruses endemic to the US (23). North American Culex
mosquitoes have been shown to be competent for infection with
JEV under experimental conditions (24, 25). The predictable and
stochastic factors influencing an introduction are complex, which
makes risk assessment efforts challenging.

African swine fever virus has demonstrated its ability to
cross national borders and establish in diverse geographical
areas around the globe (26–29). A unique risk for introduction
of ASFV is that this DNA virus is exceptionally stable in
the environment, and remains viable in animal products. This
property opens a potential route of entry not available to
RVFV and JEV. If ASFV invades the US, competent vertebrate
amplifying hosts as well as transmission-competent soft ticks
are known to be present, although many questions remain
(30). California, Texas, and Florida were among the states
with the highest predicted risk for ASFV introduction through
imported swine or swine products (31, 32). Further, these
states plus much of the southwestern US were predicted
to have increased risk for ASFV establishment should this
virus be introduced. Additionally, operational procedures that

characterize small-scale and organic pig producers throughout

the southern US made these enterprises particularly vulnerable
to ASFV circulation given the potential exposure to feral swine
or Ornithodoros spp. soft ticks (32).

Preventing establishment of any or all of these viral pathogens
would require biosecurity and health infrastructure to have
a broad focus able to evaluate the risk of introduction and
establishment of these disease agents. For example, monitoring
passengers with febrile illness entering via airplane from RVFV-
endemic countries, inspecting aircraft entering the US from
JEV and RVFV-endemic countries for mosquitoes, testing
swine products for ASFV, educating agricultural, wildlife, and
veterinary professionals to recognize signs and symptoms of
infection with any of these agents, conducting surveillance on a
diversity of wildlife species spanning birds, deer, and feral swine,
and being prepared to mitigate local vector-borne transmission
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through mosquito and tick vector control. As an example of
extreme caution, the 2019 World Pork Expo to be held in June in
Des Moines, Iowa was canceled by the National Pork Producers
Council due to the concern for the risk of ASFV infected products
or fomites being introduced from infected countries (33).
Executing the scope and complexity of these activities effectively
with limited resources will make identification and early response
to any of these agents particularly challenging. Diagnostic labs
in the US testing samples from animals or arthropod vectors
do not routinely test for these three agents specifically. Still, an
extensive national network of veterinary diagnostic laboratories,
and valuable knowledge, guidelines, and diagnostic tools exist for
each of these viral pathogens to help prepare for such events. The
following sections compile information on the current status of
surveillance practices and diagnostic tools in use for RVFV, JEV,
and ASFV.

RIFT VALLEY FEVER VIRUS

Rift Valley fever is a notifiable disease to the World Organization
for Animal Health (OIE) and is additionally cross-listed as a
select agent with the USDA and US Department of Health and
Human Services (HHS). Due to the RVF disease severity, sizeable
outbreaks, and the significant health and economic impacts,
national and international guidelines for RVF surveillance and
response activities have been developed.

Surveillance
The ability to predict likely times when an outbreak may occur
would provide incredible power toward the timely mobilization
of intervention and control measures. For RVF outbreaks in East
Africa, a close association between epizootic activity and the
occurrence of El Niño has been documented (34), providing an
opportunity formonitoring weather patterns as an early indicator
of conditions consistent with historic outbreak conditions. In
particular, NASA has developed an outbreak riskmapping system
for RVFV that inputs a variety of satellite measurements to
produce a dynamic map of areas at potential risk of virus
transmission. This “Rift Valley Fever Monitor” (35), records
monthly RVF risk for Africa and the Middle East based on
interpretation of satellite vegetation indices, and is maintained
by the USDA and NASA (11, 36). In 2008, the WHO convened
a joint meeting of experts with the United Nations Food and
Agriculture Organization (FAO) to share experiences and discuss
the predictability of forecasting models for RVF, and develop
guidelines for improving prediction and response capabilities
to RVF outbreaks (37). How these predictive models might
translate to environmental risk in the US has been approached
(16) but needs further study. Still, the precedent has been set
for a potential contribution of climate monitoring and predictive
modeling into RVFV outbreak prevention.

In 2014, the African Union-InterAfrican Bureau for Animal
Resources (AU-IBAR) published a framework to support
consistency and coordination of disease control activities,
referred to as the “Standard Methods and Procedures (SMPs) for
control of RVF in the Greater Horn of Africa” (38). The overall
approach concerning the development of these SMPs relies on

the coordination of disease prevention and control activities in
each participating region (i.e., Greater Horn of Africa) to a set
of regional minimum standards and procedures that align with
the OIE standards (38). This SMP document provides valuable
information on surveillance and epidemiology, diagnosis and
laboratory detection, disease control, disease reporting and
information management, RVF and trade, and risk analysis and
risk mapping, and is supported by specific Standard Operating
Procedures (SOPs) for each subject area in accordance with the
structure and capabilities of each nation.

Of particular relevance to a potential introduction of RVFV
to the US, the AU-IBAR SMP document lists recommendations
for surveillance approaches in areas which have not yet
reported RVFV activity, in order to promote early detection
and rapid response to a virus introduction. Among these
recommendations are a combination of passive (continuous) and
active surveillance (as needed, according to perceived risk) (38)
(Table 2). Passive surveillance would involve the distribution of
educational materials to veterinary personnel, and syndromic
surveillance conducted by veterinarians, livestock handlers, and
wildlife agencies. A specific reporting network is outlined for
when suspicious cases are identified. Active surveillance would
include serosurveillance, syndromic surveillance, and the regular
monitoring of RVFV antibody levels in sentinel herds or
flocks. Enhanced vector surveillance is recommended during
interepidemic activities, to monitor for increased virus infection
rates in mosquito populations. Supporting these surveillance
activities should be administrative preparations, such as capacity
building and training, and development of a policy framework to
support surveillance activities (38).

The rapid deployment of available vaccines may aid
considerably in curtailing virus circulation. RVF vaccines
currently being deployed under emergency circumstances in
Africa include the formalin-inactivated attenuated Smithburn
strain. The Smithburn strain vaccine is “recommended for use
in pregnant animals and in RVF-free countries experiencing
outbreaks” (47); even though multiple boosters may be required.
At the time of this writing, there is no RVF vaccine approved
for human or veterinary use in the US, however RVF vaccine
research and development is being pursued (48–51). If the
decision to vaccinate is made, the vaccine must meet the
standards in the “OIE Manual of Standards for Diagnostic Tests
and Vaccines.” The final decision to vaccinate will be made by
the US Department of Agriculture (USDA) Animal Plant Health
Inspection service (APHIS) VS Deputy Administrator (US Chief
Veterinary Officer) (40). Once vaccination is implemented, the
ability to differentiate among infected and vaccinated animals
(DIVA) will be essential in order to assess vaccine coverage as
compared with virus exposure levels (48, 52).

The USDA APHIS has published “The Foreign Animal
Disease Preparedness and Response Plan (FAD PReP)—Disease
Response Strategy: Rift Valley Fever” (2013) (40) (Table 2). This
document is intended to provide responders with the critical
information necessary to mount an effective response effort
against RVF in domestic livestock in the US (40). This document
recommends approaches to disease control and eradication in the
event of an introduction, including the roles and responsibilities
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TABLE 2 | Guidelines and control recommendations for Rift Valley fever virus, Japanese encephalitis virus, and African swine fever virus.

Pathogen Available Guidelines and Resources Disease control recommendations References

Rift Valley Fever

virus

Standard Methods and Procedures (SMPs) for control of

Rift Valley Fever (RVF) in the Greater Horn of Africa

• Mass vaccination—Smithburn vaccine or Clone 13

• Vector control

• Animal quarantine and movement control

• Public education

(38)

Rift Valley fever surveillance: FAO Animal Health and

Production Manual No. 21

• Mass vaccination

• Vector control

• Communication and public outreach

(39)

The Foreign Animal Disease Preparedness and

Response Plan (FAD PreP)—Disease Response

Strategy: Rift Valley Fever

• Animal quarantine and movement control (state level)

• Possible restrictions on interstate commerce

• Vaccination, if vaccine is available

• Possible euthanasia and mass depopulation of

affected animals

• Wildlife management

• Vector control

(40)

Japanese

Encephalitis Virus

“Japanese encephalitis virus infection, diagnosis and

control in domestic animals”

• Vaccination of animals

• Vector control

(41)

WHO-recommended standards for surveillance of

selected vaccine-preventable diseases

• Vaccination of people,

• Assessment of the impact of vaccination

• Syndromic surveillance for acute encephalitis

syndrome

• Standardized, aggregate, data reporting

(42)

Manual for the Laboratory Diagnosis of Japanese

Encephalitis Virus Infection

• Detailed specimen handling, laboratory testing and

data management recommendations

(43)

The Foreign Animal Disease Preparedness and

Response Plan (FAD PReP)—Disease Response

Strategy: Japanese encephalitis virus

• Quarantine and movement control

• Stamping out—swine depopulation on infected

premises within 24 h

• Vaccination, if vaccine is available

• Public outreach campaigns

• Wildlife management

• Vector control

(40)

African Swine

Fever Virus

African swine fever. In OIE terrestrial manual 2012. • Detailed information provided on specific

diagnostic procedures

(44)

The Foreign Animal Disease Preparedness and

Response Plan (FAD PReP)—Disease Response

Strategy: Rift Valley Fever (2013)

• Biocontainment and stamping out on infected

premises

• Public outreach campaigns

• Prevent contact between feral and commercial swine

• Possible feral swine depopulation in affected areas

• Quarantine and movement control, particularly for

fomites

• Possible complete movement standstill for live swine

(45)

USDA: Swine Hemorrhagic Fevers: African and Classical

Swine Fever Integrated Surveillance Plan

• Detailed sampling and testing recommendations, case

definitions, and reporting for commercial, backyard,

and feral swine

(46)

of US government agencies (40). These control and eradication
strategies are based on four epidemiological principles: “1.
Prevent contact between RVFV and susceptible animals (i.e.,
quarantine and movement control), 2. Stop the production of
RVFV by infected or exposed animals, 3. Stop the production
of RVFV by insect vectors (i.e., vector surveillance and control),
and 4. Increase the disease resistance of susceptible animals
to RVFV (i.e., vaccination)” (40). Vector surveillance is only
considered in the context of an outbreak and rapid response
situation in these guidelines, and not as a potential strategy
for early detection. Because of the diverse infrastructure for
how vector surveillance and control is managed, these decisions
would be left to the agency responsible for conducting vector

surveillance activities at the county or municipal government
level (40). While these guidelines take some important first steps
in providing a framework for priority activities by responsible
parties, additional planning is needed to determine mechanisms
for inter-agency collaboration during surveillance and response
efforts, and identify capacity gaps for implementation of this
strategic plan on the ground in an emergency situation. Further,
no plan is outlined for conducting pre-introduction surveillance
activities, either active or passive, as is detailed in the USAID plan
(38). These gaps should be addressed for diseases, such as RVFV
which are considered serious risks for introduction.

In December of 2006, the “APHIS Centers for Epidemiology
and Animal Health in Fort Collins, Colorado,” hosted a
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working group meeting comprised of representatives from
several academic institutions and government agencies to discuss
the state of research and preparedness for RVF (53). Participants
presented and discussed key research areas to improve the
national capacity to respond to an introduction of RVFV,
including more research regarding the relative importance of
North American mosquitoes to transmission of RVFV, and
the role of wildlife species to enzootic maintenance of RVFV
circulation. Since the time of this publication, additional research
has been conducted on the vector competence of North
American mosquito vectors for RVFV (8, 9, 15), and the
susceptibility of deer (13). Discussion was held on interagency
cooperation and collaboration during outbreak events. On the
response side, organized vector control in the US is principally
concentrated in larger cities with high human densities. Rural
landscapes where the enzootic cycle of RVFV is likely to amplify
and spill-over into human and animals generally lacks organized
vector control. Vector control in large rural landscapes often
relies on partnerships with military capability (54). Similarly,
there is a deficit in veterinary surveillance, and the tools to
perform this type of surveillance safely. Veterinary surveillance is
and will be very important for early detection of invasive vectors
and pathogens. As an example, observations of Myiasis in Florida
key deer populations in 2016 led to the discovery of an invasion of
the screw worm fly, Cochliomyia hominivorax (Coquerel), which
had been eradicated from the US since 1959 (55). Re-eradication
of this fly was declared inMarch of 2017, after 35 releases of sterile
flies (55). Participants of the RVFWorking Group recommended
training relevant professionals “to recognize the early signs of
an RVF epizootic or epidemic,” and identified a shortage in
high containment biosafety laboratories to safely conduct the
necessary research (53).

Diagnostic Tools
The diagnostic tests for identification of RVFV listed in
the “OIE Manual of Diagnostic Tests and Vaccines for
Terrestrial Animals (2012)” include virus isolation, reverse
transcriptase polymerase chain reaction (RT-PCR)-based assays,
an agar gel immunodiffusion (AGID) assay, an enzyme-linked
immunosorbant assay (ELISA), and immunohistochemistry (40,
44). Mansfield et al. comprehensively reviewed clinical diagnostic
methods for RVFV infection as well as advancements in vaccine
development (56). Therefore, only some representative assays for
these widely-used techniques are highlighted below:

Serological Diagnosis
VanVuren and Paweska developed an ELISA based on the
capture of the nucleocapsid protein (NP) (57). Alternatively,
a monoclonal antibody-based competitive ELISA developed by
Kim et al. for the detected antibodies against RVFV in goats
and cattle with a sensitivity/specificity of 94.7/99.7% between
9 and 11 days post-inoculation (58). A multiplex fluorescence
microsphere immunoassay (FMIA) also detected cattle and
sheep IgM and IgG antibodies to the RVFV glycoprotein, non-
structural proteins, and nucleoprotein (59). They also reported
that the “N protein was the best target for early detection of
infection” (59). A novel lateral flow strip test has recently been

developed based on detection of the N protein, for use as a
pen side diagnostic (60). Importantly, McElroy et al. developed
an ELISA that can be used to differentiate infected from those
that had been vaccinated a 1NSm/1NSs double-mutant vaccine
(48, 52).

The MAGPIX R© and the Luminex xMAP platforms have also
been used to simultaneously detect IgG antibodies against a
multitude of key emerging viral species and families including
RVFV (61, 62). Therefore, many options exist for pathogen
detection, depending on the goals of the surveillance program
and institutional capabilities.

Molecular Detection

qRT-PCR
Bird et al. developed a robust pan-RVF virus quantitative RT-PCR
assay (63). Primers and a probe were designed from the genome
alignments of 40 virus isolates derived from representative vector
and vertebrate hosts over time. This assay was successfully
validated on human RVF clinical samples, and has clinical
diagnostic capabilities out to at least 10 days post-symptom-
onset. The assay developed by Wilson et al. amplifies the L
and M segments as confirmatory targets, and includes a third
target gene, NSs, which is deleted in multiple vaccine candidates
(64). This approach will be tremendously advantageous for
simultaneously monitoring vaccine coverage vs. virus spread.

Isothermal Amplification
Recently, isothermal nucleic acid amplification methods have
gained popularity for their ability to more rapidly detect
pathogen nucleic acids directly in a clinical or field sample, and
not necessarily require RNA extraction. Eular et al. developed
an “isothermal ‘recombinase polymerase amplification (RPA)’
assay” on an “ESEquant tubescanner device.” While lacking
in sensitivity compared to qRT-PCR, the portability of this
system could be a potential tool for field, pen side or bedside
diagnostics (65).

Nanotrap Particles
One innovative new approach to sample preparation, which also
addresses sensitivity issues that might arise during surveillance,

is the use of nanotrap particles to improve the detection of
RVFV in low-titer samples by ∼100-fold (66). Inactivation of
RVFV by detergents or heat treatments did not affect the efficacy
of virus binding to nanotrap particles, demonstrating that field
samples can be safely inactivated and processed with nanotrap
enrichment method to maximize sensitivity and maintain safety
precautions (66).

Multiplex Pathogen Detection
Rather than focus on specific detection of RVFV, there
are several multiplex assays that incorporate RVFV into
the testing panel. Fajfr et al. developed multiplex assays
targeting hemorrhagic filoviruses, arenaviruses, and bunyaviruses
including RVFV, using previously-published primers (67).
These assays are optimized for several types of real-time
PCR instruments, including a portable “Ruggedized Advanced
Pathogen Identification Device (R.A.P.I.D.)” (Idaho Technology,
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Inc.). Liu et al. developed a real-time PCR-based TaqMan array
card (TAC) that can screen up to eight samples within 3 h for
up to 26 agents simultaneously (68). The comprehensive panel
includes 15 viruses, eight bacteria, and three protozoa (68).
Anothermultiplex platform is the Lawrence LivermoreMicrobial
Detection Array which “detects 10,261 species of microbes
including 4,219 viruses, 5,367 bacteria, 293 archaebacteria, 265
fungi, and 117 protozoa”; RVFV spiked into Culex mosquitoes
were successfully detected by the platform (69).

BSL-2 Reagent Production
The select agent status of RVFV limits the tests and control
material that can be handled by veterinary diagnostic laboratories
that operate at BSL-2. Therefore, Drolet et al. “modified an
existing one-step real-time RT-PCR (rRT-PCR) assay for quick
virus inactivation and use in BSL-2 laboratories” (70). Further,
an immunohistochemical (IHC) assay was developed for use by
BSL-2 laboratories, using antiserum against recombinant RVFV-
nucleocapsid (N) (70). These advancements provide necessary
diagnostic tools to public health and veterinary labs to safely
test samples for RVFV and thereby enhance capacity for
rapid disease detection and response activities for this high
containment pathogen.

Diagnostic Considerations
When considering a diagnosis of RVF in animals in the US,
the symptoms observed tend to be non-specific. Therefore,
the below diseases are recommended to comprise the testing
panel for diagnosis: anthrax, bacterial septicemias, bluetongue,
brucellosis, heartwater, ephemeral fever, enterotoxemia of
sheep, Nairobi sheep disease, ovine enzootic abortion,
peste des petits ruminants, toxic plants, trichomonosis,
vibriosis, and Wesselsbron disease (40). Due to biosafety and
biosecurity concerns, aerosolization potential, and select agent
status, diagnostic testing for suspected RVF cases would be
performed at the Foreign Animal Disease Diagnostic Laboratory
(FADDL), part of the National Veterinary Services Laboratories
(NVSL) (40).

JAPANESE ENCEPHALITIS

Globally, Japanese encephalitis virus (JEV) is one of the most
prevalent encephalitic arboviruses, mainly found in eastern
and southern regions of Asia (71). Japanese encephalitis virus
is primarily recognized as a human pathogen, but affects
animal health as well. This virus is transmitted enzootically
among mosquitoes (i.e., Culex tritaeniorhynchus), swine
and wading birds, which serve as amplification hosts (72).
Adult pigs are typically asymptomatic to JEV infection,
however the virus is known to cause severe reproductive
complications and fetal abnormalities among infected swine
(41). Infection of horses with JEV has also been documented
(73). People are exposed to JEV through the bite of an
infectious mosquito but are considered dead-end hosts,
as there is no human-to-human transmission. Japanese
encephalitis virus is comprised of five genotypes (GI–GV)
which are classified according to the phylogeny of the envelope

(E) gene (74), with emergence and circulation of different
genotypes alerting public health professionals throughout
areas of endemicity. Commercial vaccines are available for
humans (75), and pigs and horses (76), however veterinary
vaccines for JEV are relatively less available than human
vaccines (41).

Surveillance
Japanese encephalitis virus (JEV), West Nile virus (WNV),
and St. Louis encephalitis virus (SLE) share the same
serocomplex (77). There is existing field and laboratory
surveillance infrastructure for these other flaviviruses in the
US. Operationally, collection and testing of Culex mosquitoes
and sentinel surveillance programs in place for WNV could
simultaneously also support vector surveillance for JEV through
expansion of the testing panel, and funding should allow for
supplementary surveillance activities.

The WHO publication, the “Manual for the Laboratory
Diagnosis of Japanese Encephalitis Virus Infection” (43),
covers JEV epidemiology, the role of the laboratory in
JEV surveillance, prevention, and control, coordination of
laboratory activities at local and national scales, specimen
collection and handling, laboratory diagnosis procedures, testing
algorithms/workflow, and data management (Table 2). Similarly,
the WHO publication, “WHO-recommended standards for
surveillance of selected vaccine-preventable diseases” (42)
provides surveillance guidelines for a number of diseases
including JE. Information included in this report include the
accepted case definition, laboratory criteria for confirmation, and
recommended types of surveillance (Table 2). Comprehensive
syndromic surveillance for acute encephalitis syndrome (AES)
is recommended for JEV (42). These resources will provide
some initial guidance in establishing a public health laboratory
surveillance network and testing algorithm for JEV in the US that
is consistent with global recommendations.

Surveillance for JEV in the US would comprise passive
and active surveillance of mosquito vectors, wildlife hosts, and
domestic animals as well as people. Considering the genotype
diversity of JEV, phylogenetic models have been developed
to study JEV host changes and patterns of dispersal for
different JEV genotypes using data collected through active
and passive surveillance programs. Through this study, the
authors concluded that active surveillance of mosquitoes was
important in characterizing the circulating strain diversity of
JEV, epidemiology, and transmission patterns, which informed
virus spatial and evolutionary patterns (78). Yoshikawa et al.
studied the serological and molecular epidemiology of JEV on
an island of Japan, by conducting active surveillance of pigs
as well as mosquitoes. Pigs were sampled at slaughterhouses
and pig farms, and mosquito collections were coordinated near
pig farms. The resulting data demonstrate seasonality of virus-
positivemosquitoes and seroconversions and virus isolation from
pigs over a 7-years period (19). This study presents the type
of information that is useful in identifying not only spatial foci
of transmission, but also seasonal patterns, which will direct
evidence-based surveillance and control programs and help
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conserve resources. Vector surveillance would play a key role in
monitoring JEV circulation after a virus introduction.

The practice of using of sentinel animals to detect active
transmission through seroconversion is widespread in arbovirus
surveillance programs. Cohorts of sentinel pigs in addition to
mosquito collections have been used to determine the rate of
JEV transmission to pigs in Cambodia (79). While virus infection
rates in mosquitoes were low, intense transmission was detected
in pigs through the seroconversion of almost all of the pigs over
the course of the study. This finding may be attributed to the
potential for transmission of JEV directly between pigs through
oral-nasal secretions (80), providing further support for an
integrated surveillance program involving vector and vertebrate
sampling. Chickens have also served as sentinel animals for
detecting virus circulation in serological surveillance programs
for WNV, JEV (81), and other flaviviruses (82).

Diagnostic Tools
A variety of serological and molecular diagnostics, using both
single- and multiplex platforms, have been developed for
detection of JEV (43).

Serological Diagnosis
Antibody detection (IgM and IgG) by capture ELISA is the
recognized standard for JE diagnosis (83, 84). However, an
important consideration for JE serological diagnosis is the
extraordinary cross-reactivity among flaviviruses due to shared
viral epitopes (85). This cross-reactivity challenges the ability of
diagnosticians to verify the identity of the infecting flavivirus,
particularly in endemic areas where multiple flaviviruses
are co-circulating. Diagnostic approaches to overcome these
challenges with flavivirus serology include the use of specific
IgM ELISAs during the early stages of infection, and plaque
reduction neutralization test (PRNT) (43). While PRNT may
provide serological differentiation among closely-related and/or
co-circulating flaviviruses, the technique is labor-intensive and
involves working with live virus, which may not be feasible for
many laboratories.

Currently, the recommended method for JE diagnosis of
human infections is the JEV-specific IgM antibody-capture
enzyme-linked immunosorbent assay (MAC-ELISA) in CSF and
serum (86). Several commercial ELISA kits have been developed
for the diagnosis of JEV and other flaviviruses. These kits offer
a standardized testing method for widespread use, however
sensitivity and specificity issues complicate interpretation of
results and may mis-inform stakeholders due to false negatives
or antigen-reactivity. The “JEV MAC-ELISA” has been used
since 2006 for laboratory-based surveillance of JE by the
WHO Japanese encephalitis (JE) laboratory network (86). Of
the available MAC ELISA kits available, comparative testing
determined that the “Panbio JE-Dengue IgM combo ELISA”
(Inverness Medical Innovations Inc., Queensland, Australia)
had a higher specificity than either the “InBios JE DetectTM

MAC-ELISA (JE Detect)” (InBios International Inc., Seattle,
WA) or the JEV CheX (XCyton Diagnostics Ltd., Bangalore,
India) kits, however the PanBio kit has not been commercially
produced since 2013 (86). Johnson et al. screened a panel of

JEV+ and DENV+ control serum and CSF with JE Detect and
DENV Detect InBios kits and developed a testing algorithm for
differential diagnosis of these two viral infections (86).

Recognizing the problem of serological cross-reactivity among
flaviviruses and its impact on surveillance and diagnosis, Cleton
et al. used sera from naturally and experimentally-infected
horses to develop a protein microarray to differentiate flaviviral
infections in horses by NS1-antigen (87). Differentiation among
flaviviral infections in horses using this method was possible,
however some cross-reactivity was still noted, and differentiation
between vaccinated and infected horses was not possible. Still,
this type of platform could be a tool for screening serum
samples of symptomatic individuals for multiple flaviviruses at
once (87). Microseroneutralization tests have also been used in
serosurveillance of JEV (88).

Molecular Detection
JEV viral RNA can be detected from viremic vertebrate
samples and mosquitoes by many different available assays
spanning traditional single-plex RT-PCR (89, 90), to more
complex multiplex assays to screen samples for multiple
arboviruses simultaneously (91). The multiplex assay developed
by Wang et al. targets; “WNV, Saint Louis encephalitis virus,
Venezuelan equine encephalomyelitis virus, Western equine
encephalomyelitis virus, Eastern equine encephalomyelitis virus,
Highlands J virus and JEV” (91).

AFRICAN SWINE FEVER

African swine fever virus (ASFV) (Asfaviridae: Asfavirus), is
transmitted among wild vertebrate reservoir species by soft
ticks in the genus Ornithodoros. Infection of wild and domestic
suids with this virus is associated with high mortality, and
hemorrhagic fever, however infections in African suid species
are asymptomatic (92). Until the 1980s ASF remained confined
to Africa, with the exception of Sardinia. In 2007 ASF was
reported from the country of Georgia (93). From Georgia,
ASFV expanded its range throughout the Caucasus and the
Russian Federation, and was reported from the European Union
(EU) in 2014. Incursions of ASFV into Caribbean and Brazil
were met with aggressive and costly responses that successfully
eradicated the virus (94). ASFV strains belonging to the vp72
genotype II currently circulate endemically among wild boar
populations in Eastern Europe and cause epidemics in domestic
pig and wild boar populations, while genotype I circulates in
Sardinia. From this history, many lessons have been learned from
curtailing ASFV circulation in resource-poor endemic areas in
Africa, as well as combatting outbreak activity in areas of recent
introduction throughout Europe.

Surveillance
While ASFV is known to be transmitted by ticks in the genus
Ornithodoros, most surveillance efforts are focused on disease
detection and diagnosis in domestic and wild suids, perhaps due
to the inconsistent involvement of ticks in outbreak situations.
In eastern and southern African countries, ASFV circulates
enzootically between ticks of the O. moubata species complex
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and common warthogs. In contrast, transmission in West Africa,
appears to occur among domestic pigs in the absence of ticks
(95). All available experimental data to date on which vertebrate
species become viremic upon infection with ASFV is restricted to
animals in the family Suidae, and was reviewed by Golnar et al.
Of these hosts, domestic pigs produced the highest circulating
virus titers, with bush pigs and warthogs producing lesser but
detectable viremias (30). Ornithodoros erraticus was determined
to be responsible maintaining ASFV transmission in outdoor
pig production facilities on the Iberian Peninsula. This is in
contrast to many other locations throughout Europe in which the
distribution and role of Ornithodoros ticks in the transmission of
ASF is poorly known (95). A recombinant rtTSGP1 ELISA kit
can detect antibodies to O. moubata salivary gland proteins with
100% sensitivity and 99.4% specificity and directly determines
the exposure history of pigs to blood feeding ticks (96). This and
similar tests can therefore be used in addition to conventional
tests for surveillance to determine potential exposure that could
portend risk to ASF through ticks. While it will be important
to understand the competence and distribution of potential
tick vectors of ASFV in the US and areas at risk of ASFV
establishment (30, 32), efforts to monitor for an introduction
event should likely focus on evidence for infection among wild
and domestic suids. Once ASFV establishes itself in a new area,
the role of ticks will become increasingly more important to the
environmental maintenance of this virus.

Passive surveillance of deceased wild boar and symptomatic
animals could serve as first indicators of ASFV activity in new
area of introduction (97, 98). Petrov et al. demonstrated that
molecular detection of ASFV as well as classical swine fever virus
were also detected reliably by quantitative PCR from dry and
semi-dry blood swabs collected from carcasses (98). Similarly,
Carlson et al. evaluated the reliability of detecting ASFV antibody
from blood swabs taken from deceased animals in the field
using commercially-available antibody-based detection kits (97).
Sensitivity and specificity of these kits on dried blood swabs well-
exceeded 90%. These studies demonstrate that molecular and
serological diagnostics are easily applied to a passive surveillance
strategy targeting carcasses, and a practical approach for early
detection of ASFV circulation.

Mur et al. tested oral fluids as a non-invasive alternative to
serum for ASF diagnosis (99). Oral fluid samples were collected
by allowing experimentally-infected pigs to chew on ropes,
and collecting fluid from the ropes. Paired samples of oral
secretions and serum were tested for antibody against ASFV
by both ELISA and the immunoperoxidase test (IPT). ASFV
antibodies were detected in oral secretions for the 65-days
duration of the experiment by both methods, introducing
the possibility of saliva-based surveillance and diagnostics
for ASF.

Fernandez-Carrion et al. developed a motion-based video
surveillance system, based on the concept of monitoring
animal behavior for signs of illness characteristic ASFV disease
(100). Among experimentally-infected pigs, changes in mobility
patterns preceded the onset of other disease symptoms (100).
Further, motion-based video surveillance can be combined with
temperature monitoring via biosensors, and linked to a smart

system to inform care takers when animals become feverish
and/or lethargic (101). This system offers a non-invasive early-
warning system for commercial animal facilities.

One challenge to surveillance is the potential for some suids
to serve as asymptomatic carriers of ASFV and drive epizootic
activity. Pigs surviving infection can contribute to virus spread
within the population as persistently-infected carriers (102).
Abworo et al. studied infection of pigs with ASFV genotype
IX in small farming operations along the border of Kenya
and Uganda (103). Approximately 16% of clinically-healthy pigs
sampled had ASFV detected in their tissues, suggesting a role
for persistently-infected pigs maintaining the virus in these
production systems (103). Bellini et al. reviewed precautionary
measures focused on minimizing the risk of spreading ASFV in
and among pig farms in the epidemiological context of European
systems (104).

Several gaps and priorities have been identified relative to
ASFV control and surveillance: “(1) raise awareness among
hunters, farmers and veterinarians, (2) ensure farm locations are
far from suitable wild boar areas, and in affected areas, promote
confinement, (3) prepare early warning systems, contingency
plans, and control measures, (4) implementation of surveillance
activities based on the risk of potential exposure, introduction,
and spread” (105). Strict sanitation and early detection of ASFV
in new areas are paramount, because no vaccine is currently
available (102). Educational campaigns will be instrumental
in raising awareness among key stakeholders to ensure rapid
detection and response (106). Rapid disease recognition in
the field and on farms is critical, followed by laboratory
confirmation. Awareness of hunters, farmers, and veterinarians
to the signs and symptoms of ASF, further understanding of
ASFV epidemiology in areas of introduction, and preparedness
with appropriate diagnostic capabilities are all critical next steps
to the detection and mitigation of an introduction of ASFV into
the US. The USDA-APHIS Veterinary Services (VS) recently
proposed an integrated active surveillance plan for ASF and
classical swine fever targeting higher-risk populations, sick pigs,
and mortality events. Currently, detection of ASF will rely on
passive disease reporting. The approval of tonsil and spleen
tissues as additional valid tissue types for diagnostic testing in the
National Animal Health Laboratory Network (NAHLN) presents
an opportunity to integrate ASF surveillance with current CSF
surveillance efforts as an active surveillance plan for swine
diseases (46). USDA APHIS has also posted a disease response
strategy for ASF (45). A subset of NAHLN laboratories has
trained and proficiency tested analysts ready to participate in
foreign animal disease investigations or surge capacity testing as
needed (107).

Diagnostic Tools
Multiple molecular and serological detection platforms
exist for ASFV, and are reviewed in detail by Gallardo
et al. (102) and Arias et al. (105). Importantly,
Gallardo et al. also provide valuable information on
the interpretation of ASF diagnostic results in the
context of differing clinical presentation and strain
diversity (108).
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Serological Detection
Currently, there is no approved vaccine for ASFV. Therefore,
all antibody detections in field samples are indicative of natural
exposure to virus circulation. Though caution must be taken in
endemic epidemiological situations zero antibody positivity has
been observed PCR ASF positive animal (109). Average animal
positivity for ASFV by PCR in Southwestern Kenya was 28%,
despite these animals being asymptomatic and sero-negative by
ELISA (109). Such results demand for parallel confirmatory test
to rule out infection or exposure, e.g., combination of molecular
tools and serology. Gallardo et al. compared three commercial
ELISAs with varying antigenic targets, the OIE-ELISA test, and
the confirmatory immunoperoxidase test (IPT) (102). While the
ELISA-based tests were rapid, high-throughput, and could be
automated, sensitivity was generally poor compared to that of the
Universal Probe Library (UPL-PCR) molecular test (see below)
(102). The IPT was advantageous in detection of ASF antibodies
earlier during the course of infection when titers were low (102).
More recently, an indirect ELISA can be used to detect ASFV
antibodies in either serum or oral secretions, and has been
validated on field samples (110). Serological assays optimized for
use on both oral and serum samples will be useful in endemic
areas where virulence is low (110).

Molecular Detection
Recommended PCR assays for ASFV have become standard
diagnostic tool in reference laboratories (111, 112). A side-
by-side proficiency test of the UPL-PCR (113), and the
recommended OIE conventional (44, 111) and real-time PCR
assays (44, 111) assays revealed almost perfect agreement
between these methods, however the UPL-PCR had greater
diagnostic sensitivity for early detection of the disease. Due to
some potential primer mis-matches between the primers in the
OIE PCR assay (111). Luo et al. designed novel conventional
PCR primers to address these sensitivity issues observed with the
OIE assay for detection of European strains of ASFV (114). This
updated PCR assay demonstrated improved diagnostic sensitivity
than the two OIE over comparable PCR assays (111, 112) when
detecting diverse virus strains (114).Wozniakowski et al. recently
developed a polymerase cross-linking spiral reaction (PCLSR).
This sensitive new test does not cross-react with other porcine
pathogens, and has been validated on multiple sample types
derived from ASFV-infected wild boars and pigs (115).

Because ASF is only one porcine pathogen of veterinary
significance, some diagnostic efforts have included ASF in
multiplex assays targeting multiple agents. Grau et al. developed
a multiplex real-time PCR (mRT-qPCR) for concurrent detection
of ASFV, classical swine fever virus, and foot and mouth disease
virus, and evaluated use of this assay on swine oral secretions
(116). This mRT-qPCR consisted of previously published single-
plex RT-qPCR or qPCR assays (117–119) in use at the USDA-
NVSL-FADDL and within the NAHLN, that for this study were
combined into the multiplex format (116). A multi-plexed real
time PCR assay has also been developed for ASFV and classical
swine fever virus (120).

DISCUSSION

While all three of these pathogens are arthropod-borne viruses,
the unique biology of these three systems demonstrates that there
is no single approach for the surveillance and diagnostics. Vector,
animal, and public health infrastructure needs to sustain broad
capacity to rapidly detect and respond to these three viruses and
more. The NVSL system, including the over 60 NAHNL labs and
the FADDL will play a critical role in the diagnostic testing and
confirmation of these disease agents. Currently, many NAHLN
laboratories are already approved for ASFV testing (107). While
vector collection and vector-based surveillance approaches are
an integral component to post-introductory surveillance and
management (Table 2), the first indicators of an introduction
event of any of these diseases would likely be through recognition
of sick wildlife or domestic animals or pathogen detection from
carcasses. The USDA foreign animal diseases preparedness plans
for each of these transboundary viruses includes a component of
animal culling for biocontainment purposes, together with vector
control and vaccination, if possible (40, 45) (Table 2). With this
in mind, capacity for passive surveillance focused on the
recognition of disease symptoms in domestic and wild animals
by appropriate professionals (i.e., producers, veterinarians,
wildlife professionals), particularly those near high risk ports of
entry and in first-responding agencies, should be prioritized in
order to detect and diagnose these cases early. Rapid response
and containment will minimize the spread of the disease, and
broader impacts on producers. Aspects of these diseases that
have been exploited as predictors of virus transmission in other
parts of the world may also be effective surveillance tools in the
US, including outbreak forecasting using climate models for
RVF. Vector surveillance activities will likely be most informative
and important immediately after initial pathogen detection in
animals or humans. Vector surveillance will help to incriminate
particular vector species, determine vector abundance and
infection rates, genotype circulating virus strains, and evaluate
the efficacy of control strategies on vector populations and
pathogen infection rates. National or international guidelines
on surveillance and diagnosis also exist for each of these three
agents (Table 2). These documents comprise a valuable

starting place for critical discussions and development
of action plans for surveillance and response activities in
the US.
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The genus capripoxvirus consists of sheeppox virus, goatpox virus, and lumpy

skin disease virus, which affect sheep, goats, and cattle, respectively. Together

capripoxviruses cause significant economic losses to the sheep, goat, and cattle industry

where these diseases are present. These diseases have spread into previously free

bordering regions most recently demonstrated with the spread of lumpy skin disease

virus into the Middle East, some Eastern European countries, and Russia. This recent

spread has highlighted the transboundary nature of these diseases. To control lumpy

skin disease virus, live attenuated viral vaccines are used in endemic countries as

well as in response to an outbreak. For sheeppox and goatpox, live attenuated viral

vaccines are used in endemic countries; these diseases can also be contained through

slaughter of infected animals to stamp out the disease. The thermostability, narrow

host range, and ability of capripoxviruses to express a wide variety of antigens make

capripoxviruses ideal vectors. The ability to immunize animals against multiple diseases

simultaneously increases vaccination efficiency by decreasing the number of vaccinations

required. Additionally, the use of capripoxvirus vectored vaccines allows the possibility

of differentiating infected from vaccinated animals. Arboviruses such as bluetongue

virus and Rift Valley fever viruses are also responsible for significant economic losses

in endemic countries. In the case of Rift Valley fever virus, vaccination is not routinely

practiced unless there is an outbreak making vaccination not as effective, therefore,

incorporating Rift Valley fever vaccination into routine capripoxvirus vaccination would

be highly beneficial. This review will discuss the potential of using capripoxvirus as a

vector expressing protective arboviral antigens.

Keywords: capripoxviruses, Rift Valley fever, bluetongue, vaccine, arboviruses, vector

CAPRIPOXVIRUSES

Capripoxviruses represent a genus of the poxviridae family under the subfamily chordopoxviriniae;
the genus includes three animal virus species that have a devastating impact on sheep, goats,
and cattle in Africa, Asia, and most recently Eastern Europe (1–4). The viruses in the genus are
sheeppox virus (SPPV), goatpox virus (GTPV), and lumpy skin disease virus (LSDV) which affect
sheep, goats, and cattle, respectively (1, 4). Capripoxviruses share 98% sequence similarity between
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all three species; 147 putative genes are shared between goatpox
and sheeppox while lumpy skin disease virus has nine additional
genes which are not functional in SPPV and GTPV (2).

It is believed that SPPV was first reported in the second
century in central Asia before spreading to surrounding countries
and Europe (5, 6). SPPV/GTPV are endemic in a large portion
of the world [North and central Africa, the Middle East, Indian
subcontinent, Southwest and central Asia (7)]. Outbreaks of
sheep and goatpox can occur in new regions bordering endemic
regions as illustrated by outbreaks in Mongolia and Vietnam (8).
The transmission of sheep and goatpox can occur via aerosol,
contact with contaminated material such as bedding, direct
contact between infected animals (1, 9). Historically LSDV is
a relatively new disease first described in 1929 originating in
sub-Saharan Africa, where it has spread into most regions of
Africa (10) and was historically thought of a disease affecting
only Africa. Unfortunately, lumpy skin disease has expanded its
geographic range out of Africa into the Middle East to Eastern
Europe and Asia (7, 11). Most recently, LSDV spread in the
Balkans including, Greece, Bulgaria, Serbia, Kosovo, Albania,
Montenegro, the Caucasus Region including Russia, and Asian
countries of Kazakhstan and recently China (11, 12). The rapid
spread of LSDV into previously free regions is cause for concern,
since if not effectively dealt with through using mass vaccination
with an effective vaccine, LSDV will spread into bordering
regions through either animal movement or dispersion of insect
vectors (11). Therefore, there are numerous at risk countries for
LSDV outbreaks in Asia with more countries becoming endemic
with sheeppox, goatpox, and LSDV.

Although LSDV is not an arbovirus, insect and arthropod
vectors spread the disease through mechanical transmission. The
most likely vectors involved in transmission of LSDV are stable
flies, mosquitos and hard ticks (13, 14). Since capripoxviruses
have a tissue tropism for epithelial tissue, this allows transmission
of the virus by insect or arthropod vectors to be efficient in the
absence of replication in the vector (15). Capripoxviruses cause
severe production losses and are world organization for animal
health (OIE) listed diseases (2, 5, 16–19). LSDV also has an
additional effect on lactation causing decreased milk production
as well as temporary and permanent infertility (7, 19). SPPV
and GTPV are associated with a relatively high morbidity and
mortality (16), while LSDV is usually associated with a high
morbidity and low mortality rates ranging between 1 and 5%
(17, 19). The damage and loss caused by capripoxvirus on small
ruminants and cattle causes substantial economic loss due to
trade restrictions, limitations on movement of animals, and co-
ordination and implementation of vaccination campaigns (19).
This not only affects countries which rely on export of small
ruminants and cattle and by products but it also impacts small
scale farmers and pastoral societies whose livelihood is directly
affected by the survival of their herds (5, 19). Control of sheep and
goatpox can be achieved through slaughter of infected animals.
Unfortunately with LSDV slaughter is not effective and can only
be achieved using live attenuated vaccines (1, 2, 17); illustrated by
mass vaccination of cattle in Eastern Europe where vaccination
has eliminated clinical disease (6, 12).

CURRENTLY USED VACCINES FOR

CONTROL OF CAPRIPOXVIRUSES

The most effective and widely used vaccines against
capripoxviruses are live attenuated vaccines (19). These live
attenuated vaccines are generated by passaging field isolated
viruses serially in tissue culture and/or eggs until attenuation
is achieved (9, 20). An example of a commonly used vaccine
is one developed in 1997 by Precausta et al. (20) which is a
Romanian SPPV vaccine developed through passaging in lamb
kidney cells 30 times until attenuated. This vaccine demonstrated
protection against disease and generation of neutralizing
serum antibodies (9, 20). The vaccine is a freeze-dried vaccine
without an adjuvant and can be stored for 2 years at 6 degrees
allowing for flexibility in storage and production (9). There
are numerous live attenuated capripoxvirus vaccines which
are used in the field reviewed by Tuppurainen et al. (21).
The close antigenic relation between sheeppox, goatpox, and
lumpy skin disease in theory allows a single vaccine to protect
against all members. However, sheeppox virus based vaccines
do not seem to protect cattle against lumpy skin disease virus.
There have also been reported cases where vaccination with
the RM65 strain of sheeppox virus did not elicit complete
protection against LSDV (22). For this reason, capripoxvirus
vaccines require evaluation in all animal species to ensure they
are efficacious.

Due to regulatory issues related to trade, preventative
vaccinations against capripoxviruses are not in use in disease
free countries (2, 19). In South Africa, sheeppox, and goatpox
vaccines are not used, instead licensed attenuated LSDV vaccines
such as the OBP LSDV vaccine have been demonstrated to
be safe for use and elicit long-term immunity in immunized
animals (23). In other regions of Africa that are affected by all
three capripoxviruses, several different capripoxvirus vaccines
are used (7).

ARBOVIRUSES

Arboviruses are a diverse group of arthropod-borne viruses that
are able to replicate in arthropods and vertebrate hosts (24–
26). Arboviruses are classified based on their transmission cycle
and consist of a variety of RNA and DNA viruses (25). The
transmission of arboviruses through arthropods occurs by an
injection of an infected blood meal followed by replication of
the virus in the arthropod. Viral replication occurs specifically
in the salivary glands, allowing transmission to a vertebrate host;
after which the infected host will most likely become viremic,
a period that can last from 2 days to over a week (24–26).
The ability of Arboviruses to remain in circulation is due to
the maintenance of a reservoir cycle by both types of hosts
(arthropod and vertebrate), which are equally necessary (24, 26).
Horizontal transmission of arboviruses occurs through bites and
vertical transmission through eggs (24). The main arboviral
viruses affecting trade in sheep, goats, and cattle are Rift Valley
fever virus and bluetongue virus.
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BLUETONGUE VIRUS

Bluetongue virus (BTV) is a virus in the family reoviridae
under the genus orbivirus that causes bluetongue disease, an
OIE listed hemorrhagic disease, in wild and domestic ruminants
(27–30). BTV is a non-enveloped segmented double stranded
RNA virus with five core proteins surrounded by a triple layered
icosahedral capsid made up of two major proteins (28, 29). BTV
is responsible for a significant damage of ruminant populations
and the associated economic loss in countries where it is
endemic (30–32). Culicoidesmidges exclusively transmit BTV to
ruminants (33, 34). In sheep, clinical signs of disease are fever,
nasal discharge, drooling, facial edema, and muscle weakness,
accompanied by viremia (27, 35, 36). Animals surviving acute
infection still remain at risk for long-term effects such as chronic
dermatitis and the presence of lesions at mucosal and inter-
digital surfaces (37). Mortality rates of BTV vary significantly
between outbreaks; these outbreaks occur due to integration of
susceptible sheep breeds into BTV endemic areas or through
the spread of virus to BTV free sheep from infected sheep
in areas between endemic and non-endemic areas (34). All
ruminants are susceptible to BTV; however, European breeds of
sheep are usually more severely affected (34). While disease is
generally associated with sheep, BTV is also able to infect cattle
asymptomatically; despite the disease’s asymptomatic nature,
IgE mediated hypersensitivity can occur in cattle (27, 38). In
fact, it has been observed that insect vectors of BTV prefer to
feed on cattle leading to a hypothesis that the virus reservoir
is maintained by a cycle of infection going from vector to
cattle (27, 39, 40).

There are 29 BTV serotypes that have been characterized
to date, with different serotypes distributed among different
continents, including Africa, Asia, Europe, the Americas; BTV
was most recently detected in Australia in 2017 (30). There is also
diversity observed within the same serotype in which viruses of a
single serotype undergo genetic drift as a result of mutations and
re-assortment of gene segments (30, 41, 42). Since 1988, there
have been numerous BTV outbreaks in Europe which resulted
in widespread vaccination campaigns to stop the spread of the
disease; prior to 1988 there were only sporadic outbreaks in

Mediterranean countries (41, 43, 44). Climate change is likely
responsible for the rapid spread of BTV globally due to increasing
vectoral capability of Culloides midges (45). The rapid spread
of BTV and the emergence of new strains throughout the
years is cause for concern and greatly impacts approaches to
vaccination and surveillance. Low levels of cross-protection have
been observed between different serotypes making vaccination
strategies even more difficult (36).

VACCINES USED AGAINST BLUETONGUE

VIRUS

Two types of vaccines against BTV in use are modified-live
virus (MLV) vaccines or inactivated vaccines, neither of which
is available for all serotypes of BTV (39, 46). MLV BTV vaccines
are attenuated by passage in embryonated chicken eggs and/or

tissue culture (28, 47, 48). MLV vaccines developed in South
Africa are widely used in the control of BTV and its spread
in Africa (38). After the re-introduction of BTV in Europe,
MLV vaccines were used to vaccinate sheep despite the risks
involved with re-assortment (43). Modified-live virus vaccines
generally provide a good protection and are relatively inexpensive
to manufacture, however, they can result in clinical signs and
side effects along with the possibility of re-assortment with genes
of wild type virus (38, 41). The negative effects associated with
MLV vaccines include but are not limited to viremia, teratogenic
effects, abortion, and reduced milk production (39). The possible
unwanted effects of MLV vaccines along with trade restrictions
due to the lack of differentiation between vaccinated and infected
animals has highlighted the need for new vaccine strategies to
control the spread of BTV (31, 39).

Inactivated or killed vaccines have also been commercially
available to immunize against BTV. They are inactivated
chemically, using heat, or through exposure to UV or
gamma radiation (39, 49, 50). Inactivated virulent BTV strains
have demonstrated long-term protective immunity (49). These
vaccines have been used in Europe, namely in France and
Italy (41). A downside to using inactivated virus vaccines is
the decreased immunity generated due to lack of replication in
these vaccines, requiring multiple injections to confer protective
immunity (38). Inactivated vaccines are more expensive than
using MLV vaccines, however, inactivated vaccines can prevent
clinical disease, lower economic loss due to outbreaks, and
allow for the safe trade of animals (36). Inactivated vaccines
used against BTV serotype 8 were proven effective in Europe
in 2006 during the emergence of the highly pathogenic virus
by significantly reducing the potential economic impact of an
outbreak (43); however they are still not considered ideal because
of cost (39). Due to the obvious downsides of vaccines currently
in use against BTV, it is important to consider novel vaccination
strategies to account for the presence of numerous serotypes of
the virus that show diverse antigenicity; a secondary issue that has
yet to be addressed is the ability to distinguish vaccinated animals
from infected ones.

Next generation BTV vaccines include recombinant vaccines
(sub-unit, vectored, virus-like particles) and disabled infectious
single cycle vaccines. Recombinant subunit vaccines use a
specific protein expressed in vitro (28). Notably, immunization
with purified VP2 resulted in the production of neutralizing
antibodies and was able to protect experimentally infected sheep,
demonstrating the utility of VP2 as a vaccine antigen (28, 51).
VP5 can also induce neutralizing antibodies and the inclusion
of both VP2 and VP5 in vaccination strategies has resulted
in better protection of experimentally infected animals (52).
Virus like particles (VLPs) for bluetongue have been generated
by expression of VP2, VP3, VP5, and VP7 using baculovirus
(53, 54). VLPs have the structural antigenicity of the virus without
the genetic information, allowing these vaccines to have a high
safety profile. A multi-serotype cocktail VLPs vaccine can protect
against several serotypes (55).

Disabled infectious single cycle/animal (DISC/A) vaccines
have also been developed against BTV. These vaccines generally
lack an essential gene, which results in an inability to replicate in

Frontiers in Veterinary Science | www.frontiersin.org 3 December 2019 | Volume 6 | Article 45068

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


Teffera and Babiuk Capripoxvirus Vectored Vaccines

the host cells for more than one cycle. A DISC vaccine lacking
VP6, a structural protein has been successfully produced and
has been experimentally shown to provide immunity against
challenge in sheep (56–58). Although a much higher dose of
vaccine is required to elicit protective immunity, they are a safer
alternative to using MLV vaccines.

Recombinant vectored vaccines are live attenuated virus
vaccines modified to express genes encoding antigens to elicit
protective immunity. Many viral vectors have a limited capacity
to express foreign antigens. Therefore, it is important to select
the best antigen(s) to elicit protective immunity following
vaccination. For BTV, it has been shown from the use of
subunit vaccines that structural proteins VP2, VP5, and VP7
confer protective immunity, VP2 being the most effective (28).
Multiple different viral vectors have been generated to express
different BTV proteins (VP2, VP5, VP7, NS1, andNS3) including
poxviruses such as vaccinia virus (52, 59), canarypox virus (60),
capripox virus (31, 61), herpes virus vectors including equine
herpesvirus 1 (62), bovine herpesvirus type 4 (63), adenoviruses
including canine adenovirus 2 (64), and human adenovirus 5
(65) as well as vesicular stomatitis virus (43, 66). These viral
vectors elicited different levels of protection against bluetongue
challenge and given the different antigens expressed as well as the
different BTV challenge models it is difficult to directly compare
the results. Nevertheless, there is room for improvement for
vectored BTV vaccines. No viral vector to date has expressed
VLPs using VP2, VP5, VP3, and VP7 proteins as previously
demonstrated using baculovirus or plant expression systems (67).
In addition, there is no vaccine currently available to differentiate
vaccinated and infected animals (DIVA). There are currently
available diagnostics for BTV serology using a competitive ELISA
against VP7 (68). It may be possible to identify the specific
epitope interacting with the monoclonal antibody used in the
test though epitope mapping and then modify the VP7 antigen
to allow for a DIVA vaccine.

RIFT VALLEY FEVER VIRUS

Rift Valley fever virus (RVFV) is an enveloped segmented
negative stranded RNA virus of the family Bunyaviridae, genus
Phlebovirus (69, 70). It causes Rift valley fever (RVF) in livestock
and humans (69, 71). Despite the presence of several lineages of
RVFV, there is low genetic diversity observed with up to 99%
similarity at the protein level (72).

RVFV has been responsible for devastating outbreaks
throughout the African continent and has most recently been
reported in the Arabian Peninsula (71, 73, 74). RVF was first
described in 1931 after the infection of sheep in Kenya where
close to 5,000 animals died within a month (71, 75). RVFV was
endemic only in Africa and Madagascar until 2000, after when
outbreaks were reported in Saudi Arabia and Yemen (73, 74).
Suitable habitats for maintenance RVFV are known to be shallow
depressions with the presence of wet soil or flood plains of rivers;
this might explain why RVFV has only been detected in the
Afrotropical region (72). Artificial interference such as irrigation
and direct intervention of natural ecosystems, which modify

water flow, have also been associated with increased RVFV (76).
RVFV outbreaks are generally associated with increased abortion
of neonates reaching 100% and mortality rates averaging 10–20%
in adult livestock (71, 75). The varying mortality rate in adult
ruminants is thought to be because of differences in host genetic
background. Severity of RVFV can also differ within the same
breed of sheep (75). Due to the zoonotic nature of RVFV, it is
a threat not only to the veterinary medical communities but the
overall public health of a community (71, 73, 77).

RVFV is transmitted through an infected insect bite or direct
contact of infected animal tissues and body fluids (78–80). RVFV
is transmitted by mosquitoes with Aedes spp. being the primary
vectors (77, 81, 82). RVFV can also be transmitted transovarially
to offspring in mosquito vectors (73, 83), allowing maintenance
of the pathogen between outbreaks (83). RVFV vectors are
generally divided into maintenance or amplifying, which refer to
Aedes spp. mosquitoes found in fresh flood and semi-permanent
fresh-water or Culex spp. found in more permanent fresh-water
(72, 77). Natural events such as rainfall and flooding increase
freshwater species of mosquitoes which in turn increases the risk
of RVFV outbreaks in a given area (73, 84). RVFV can infect a
number of vectors and vertebrate hosts including: sheep, goats,
cattle, rodents, and humans (72, 84). Although mosquitoes are
considered primary vectors, other vectors such as ticks (85),
midges (86), and sandflies (87) have also been reported (80).
Following transmission of RVFV to a host, there is an incubation
period, ranging from 24 to 36 h depending on variables such
as dose, strain, route of infection, and age of animal (88). The
incubation period is followed by the appearance of clinical signs
which can last up to 5 days usually characterized by a high
fever of over 42◦C and viremia (88, 89). Based on experimental
infections, RVFV infections result in severe acute lethal infection,
mild infection, or delayed onset complications of infection (89–
91). The liver is the primary site of lesions in RVFV infections and
hepatic damage is associated with severe RVF disease (73, 89, 92)
although RVFV also replicates in the spleen, kidney, lung, and
skin (82, 93).

Neutralizing antibodies against the RVFV proteins can protect
against disease (94). Due to the damage and economic loss
associated with an RVFV outbreak, successful vaccination
campaigns are necessary to prevent and lower the amount
of virulent RVFV circulating in endemic countries (73, 84).
Unfortunately, the cyclical nature of RVFV outbreaks leads to
reduced annual vaccination as the disease is out of mind.

VACCINES USED AGAINST RIFT VALLEY

FEVER VIRUS

The first vaccine developed against RVFV was a live attenuated
vaccine generated from the Entebbe RVFV isolate that was
attenuated by serially inoculating mice interacerebrally (75, 95,
96). This vaccine, known as the Smithburn vaccine, is partially
attenuated and can cause abortions and teratogenesis following
vaccination. Despite this, the Smithburn vaccine and its modified
live virus variants are still in use during outbreaks in non-
pregnant animals (70, 72, 75, 96). Following an outbreak in Egypt
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in 1977, the United States army medical research institute of
infectious diseases developed another RVFV vaccine known as
MP12. This vaccine was generated using random mutagenesis of
a virulent Egyptian strain (ZH548) of RVFV using 5-fluorouracil
over twelve passages of the virus (46, 69, 94). The MP12 vaccine
was more attenuated than the Smithburn vaccine as it had
mutations in all its segments and showed no virulence when
tested inmice. It also induced full protection in ruminants during
experimental infection with a virulent RVFV strain (46, 94, 97,
98). MP12 evaluation trials in South Africa resulted in abortions
and teratogenesis in pregnant ewes; despite this, MP12 is still
under development to be used against RVFV in animals and
humans (72, 99). The third live attenuated vaccine known as
Clone 13 was obtained through a large deletion in the non-
structural S protein (100, 101). Clone 13 is an ideal vaccine
because of its ability to grow to very high titres in cell culture
while reversion to the original strain is prevented by the large
deletion in the genome. Additionally, Clone 13 was demonstrated
to elicit full protective immunity in immunized animals with
the lack of any negative effects in ruminants, including pregnant
ewes (75, 100, 101). Despite the associated risks, live attenuated
vaccines are the most effective vaccines used in the field. While
most of the focus has been on the development of modified live
vaccines, formalin inactivated RVFV vaccines have been used
to immunize laboratory works and veterinary staff (101). The
associated high cost, difficulty in production, and low yieldmakes
inactivated RVFV vaccines not ideal in controlling the spread of
RVFV in livestock (99).

Current vaccine candidates in development include
recombinant RVFV vaccines, vectored subunit vaccines,
subunit vaccines and virus-like particle vaccines. A recombinant
MP12 vaccine has been developed where there is a mutation in
the S segment similar to the clone 13 vaccine (72). Additional
MP12 vaccines have been generated by deletion of the non-
structural S protein completely and through a dual mutation of
the non-structural S and M proteins. These vaccines were able to
elicit protective immunity in trials while remaining non-virulent
upon immunization (72). The other types of vaccines that
have been developed are based on the expression of RVFV
glycoproteins in recombinant vectors (72). The vectors that
have been utilized include lumpy skin disease virus (70, 102),
an alphavirus (103, 104), an adenovirus (105, 106), and the
new castle disease virus (107, 108). A subunit vaccine based
on Gn and Gc glycoproteins expressed using baculovirus was
demonstrated to protect sheep following two vaccinations (109).
Baculoviruses and tissue culture have also been utilized to express
RVFV glycoproteins that then assemble into VLPs (110, 111).

CAPRIPOXVIRUS AS A VECTOR

It has been demonstrated that other poxviruses have been used
as successfully as vectors, including vaccinia virus to control
rabies in wildlife (112) and fowl pox to protect chickens against
Newcastle disease (113). The genomic stability, thermostability,
relatively large genomic size of capripoxviruses allowing large
genes to be inserted, and ability to be administered at a relatively

low dose make them good candidates for use as recombinant
vaccines (19, 114, 115). The tissue tropism of capripoxviruses
to epithelial cells in the skin and nasal turbinate (15, 17) allows
for intradermal as well as potential intranasal administration of
vaccines. One of the most important features of capripoxvirus is
the ability of this vector to elicit protective immunity consisting
of both antibody and cellular immunity following a single
immunization. This is especially important in regions that do
not have high levels of veterinary services available. The major
advantage of using capripoxvirus as a vector over vaccinia virus
is its limited host range and being non-pathogenic to humans
(23, 114, 116). This has led to the use of capripoxviruses as
a suitable recombinant vector to protect cattle from diseases
like rinderpest (114, 117). The thymidine kinase gene is a
common gene insertion site in vectored vaccines (23). The idea
of bi/multivalent vaccines is very important because it allows
protective immune responses against two or more antigens of
interest using a single dose of vaccine (118, 119). Due to the
many advantages, capripoxviruses are increasingly being utilized
as vectors to make recombinant vaccines (119, 120). Though the
exact method of immunity elicited by the recombinant vaccines
is not clearly defined, it is assumed to be cell mediated and
humoral (117). The North African KS-1 vaccine which is a LSDV
and the South African Neethling LSDV vaccine have been the
most commonly used capripoxvirus vaccine strains to generate
recombinant vectors (23).

The first recombinant capripoxvirus vaccine developed
conferred dual protection against Rinderpest Virus (RPV)
and LSDV in cattle. The recombinant vaccine was generated
in lamb testicular cells using LSDV. The cells were then
transfected with plasmid DNA containing the fusion (F)
protein of RPV and a selectable marker (gpt) to replace
the TK gene of LSDV; recombinant virus was then isolated
through rounds of plaque purification (114). This vaccine
was able to protect cattle completely against challenge with a
virulent strain of RPV and LSDV (114, 121). The success of
the first recombinant capripoxvirus experimental vaccine led
to the development of numerous recombinant capripoxvirus
vectored vaccines against an array of diseases afflicting small
ruminants and cattle. Following the development of the first dual
capripoxvirus vaccine, recombinant KS-1 capripoxvirus vaccine
strains expressing either the F or hemaglutinin (H) genes of
RPV were developed followed by their subsequent evaluation as
possible dual vaccines against peste des petits ruminants [PPR
(122)]. Both vaccines were found to be protective in experimental
settings in goats against lethal challenge with PPR due to the
similarity of the H and F proteins of PPR and RPV (122). In
1996, it was reported that expression of the outer capsid protein
VP7 of BTV on the KS-1 strain of SPPV was able to provide
partial protection of sheep against a virulent BTV challenge (31).
The use of recombinant capripoxvirus to protect sheep against
BTV and capripoxvirus began because of previous experiments
that showed vaccination with structural proteins could elicit
protective immunity in experimental animals (31). Recombinant
capripoxvirus generation was also done by Ngichabe et al.
(117, 118) where they generated LSDV expressing RPV H
and F proteins followed by immunization. They reported full
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protection against challenge with both diseases; protection was
also observed several years after initial vaccination in some
animals (117). An attenuated LSDV vaccine strain (Neethling)
was similarly utilized to successfully express a rabies virus
glycoprotein in cattle where there was an antibody response from
the cattle upon inoculation with the recombinant virus (115).

Wallace and Viljoen (23) generated recombinant LSDV (SA-
Neethling) expressing the glycoproteins of RVFV and Bovine
ephemeral fever virus (BEFV). These bivalent vaccines were
constructed by inserting the foreign genes into the LSDV TK
gene, conferred protective immunity against challenge with both
viruses, respectively. The recombinant BEFV vaccine challenges
resulted in the production of neutralizing antibodies similar to
that elicited by commercial vaccines in cattle; this however, did
not result in full protection in cattle while the RVFV recombinant
vaccine did (23). In 2006, Diallo et al., were also able to make
a recombinant capripoxvirus (KS-1 strain) expressing the H
protein from PPR, they reported that at their suggested dose,
it was able to protect goats against virulent PPR. This was
contrary to observations where a 100X lower dose expressing
the F protein of PPR showed complete protective immunity
(123). The use of capripoxviruses as recombinant vectors has
continued with proteins from numerous infectious viruses being
expressed to provide full or partial protection against virulent
challenge (124–126).

GENERATION OF RECOMBINANT

CAPRIPOXVIRUS VECTORS

Homologous Recombination
Homologous recombination is a commonly used method of
editing genomes and has been used to successfully delete or add
antigen-encoding genes into capripoxviruses. Recombinant
capripoxvirus vaccine generation using homologous
recombination is achieved by infection of permissive cells
with a capripoxvirus vector followed by a transfection with
a transfer plasmid. The transfer plasmid contains selectable
markers and the gene of interest with flanking regions for a
non-essential capripoxvirus gene, often thymidine kinase (TK)
(114–116, 120). Other insertion sites such as the IL-10 homolog
gene (127) and interferon-gamma receptor-like gene have also
been used as insertion sites (128). Deletion of the TK as well as
open reading frames 8-18 was demonstrated to further attenuate
the AV41 sheeppox vaccine (129). Deletion of the sheeppox-019
kelch like protein gene from a virulent Kazakhstan sheeppox
isolate was able to attenuate the virus (130). These studies
demonstrate that there are many different sites available to insert
genes. There are likely many more non-essential gene targets for
use as insertion sites, which have not been demonstrated to date.

Wallace et al. (120) evaluated different selection methods in
order to determine the most appropriate markers. The selectable
markers evaluated were Esherichia coli (E. coli) β-galactosidase
gene, use of green fluorescent protein (GFP) genes and/or the use
of E. coli xanthine phosphoribosyltransferase (gpt) gene (23, 120).
Efficiency wise, it is logical to use a dual selectable marker to
allow for a visual confirmation and an additional marker that

allows for growth in a selective media. LacZ and GFP act as
visual markers where expression of these genes demonstrates
homologous recombination has occurred without any further
process than infection and transfection (120). Gpt is a dominant
selectable marker and an added advantage as it allows for the
selective growth of virus expressing the gene of interest on gpt
selective media (120). Selectable markers are not acceptable to
use in a licensed vaccine and can be removed in one of two ways.
The first method would be to insert a P11 promoter oriented
in the same direction placed before and after the selectable
markers (131). The promoter is able to drive the expression of
the selectable markers while also allowing for a recombinant
excision of the markers once the selective pressure is removed
from the growth media of the virus during negative selection
(131). The second method to remove selection markers is the
cre-loxP system. Similar to the presence of the P11 promoter, it
involves the incorporation of a loxP sequence on either side of
the selectable markers. Then following positive selection, once a
pure recombinant virus is present it would be passaged in cells
expressing cre recombinase which will recombine the two loxP
sites and excise the selectable markers (Figure 1) (126, 132).

CRISPR/Cas
CRISPR refers to clustered regularly interspaced short
palindromic repeats. CRISPR is found in prokaryotes where
it functions as a defense system to attack invading foreign
DNA where the foreign DNA is inserted following the CRISPR
sequence and CRISPR associated (Cas) genes to produce
guide RNAs that then target the sequence of foreign DNA for
destruction should it ever be re-introduced into the prokaryote
(133, 134). CRISPR/Cas is a system that can be utilized in place of
or in parallel with homologous recombination for the generation
of recombinant vaccines. Although CRISPR/Cas has yet to
be reported in the generation of recombinant capripoxvirus,
it has been reported in the modification of vaccinia virus
(134) and African swine fever virus (135) to improve the
efficiency of genetic engineering. The similarity between pox
and vaccinia opens the door for the use of CRISPR/Cas system
as a gene-editing tool in the process of recombinant vaccine
generation (133, 134).

Synthetic Generation of Capripoxviruses
A novel method of recombinant poxvirus generation has recently
been demonstrated involving large scale gene synthesis (136).
The process involves the synthetic generation of large fragments
of DNA up to 30 kb containing overlapping sequences of at
least 1 kb. The fragments are synthesized in a plasmid then
restricted and ligated in optimized cells with the presence of
a helper virus to generate functional poxvirus (136). Using
the molecular methods stated, horsepox virus was generated
from 10 fragments of synthetic DNA using Shope Fibroma
virus as a helper virus (136). The potential of this research is
limitless in terms of new capripoxvirus vaccine generation. The
ability to synthetically make capripoxvirus would allow for the
modification of multiple genes at once reducing the laborious
process of plaque purification and selection. In addition, using
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FIGURE 1 | A visual representation of the generation of a capripoxvirus expressing a bluetongue virus or Rift Valley fever virus gene. (A) The full genome of

capripoxvirus and an insertion plasmid which contains the gene of interest, two selection markers (eGFP, GPT) with loxP sites on either side, and two flanking sites

corresponding to genomic regions outside the capripoxvirus gene to be replaced (e.g., Thymidine Kinase). (B) Alignment of the flanking regions on an insertion

plasmid ideal for homologous recombination to occur with TK gene of capripoxvirus. Homologous recombination will occur in transfected cells after which selection

markers can be used to identify mutant virus. (C) After rounds of positive selection, cre recombinase can be introduced using a plasmid or via cell lines expressing the

protein to excise the selection markers present in the capripoxvirus genome. (D) Following successful excision of selection markers, the TK gene will have successfully

been replaced with BTV/RVFV gene(s).

synthetic biology will allow for tailoring of the vector to enhance
safety and immunogenicity.

Recombinant Capripoxvirus Vaccines as

DIVA Vaccines
Differentiating infected from vaccinated individual (DIVA)
vaccines are possibly the most promising means to control
and monitor the spread of rapidly spreading infectious diseases
in small ruminants and cattle. Previously known as marker
vaccines, DIVA vaccines refer to genetically altered conventional
vaccines, which have at least one antigenic region missing (137).
This results in quantifiably different antibody response from a
vaccinated animal where there is a lack of antibodies against
the missing antigen, allowing for the development of a test do
differentiate the antibody response (16, 137, 138). This not only
allows for the differentiation of vaccinated and unvaccinated
animals but it also will likely decrease the amount of wildtype
virus circulating in animal populations aiding in the possible
eradication of a given virus (137, 138). Previously, the advantage
of DIVA vaccines and accompanying serological diagnostic
tests has been experimentally shown to be effective against
Aujeszky’s Disease virus (139) and herpes virus (138, 140). The
expression of foreign proteins on capripoxvirus vectors allows
for the application a DIVA companion diagnostic test allowing
differentiation of vaccinated animals based on the absence of
antibodies for proteins not expressed by the vectored vaccine.
For example, a capripoxvirus vectored vaccine expressing the
GnGc glycoproteins would generate antibodies against GnGc but
would not generate antibodies against RVFV NP. The expression
of foreign antigens also allows for the development of a test
to detect the presence of antibodies specific to the foreign
proteins expressed with the absence of other antibodies that
would be present during a natural infection (141). Additionally,

the simultaneous removal of a non-essential but antigenically
relevant gene on the capripoxvirus vector would allow for DIVA
capability for capripoxvirus vaccination with the development of
an accompanying serological assay.

Currently there is no DIVA vaccine and companion diagnostic
test for capripoxviruses, although there are molecular based
methods available to discriminate between vaccine and wild type
viruses (142–144). The development of a DIVA capripoxvirus
vaccine and companion diagnostic test is theoretically feasible
and technically possible. However, to do this, first a validated
diagnostic ELISA is required and the antigen target used in the
test must be a non-essential protein for the capripoxvirus. These
two requirements are prerequisites for the development of a
DIVA vaccine and companion diagnostic test.

Future Directions to Improve Capripoxvirus

Vaccine Vectors
The continuing spread of lumpy skin disease into previously
free regions is leading to more countries where all capripoxvirus
members are present. Since these viruses cannot be differentiated
using serology, the only method to identify the specific virus is
PCR and/or sequencing. The historical method used to identify
the virus used the ruminant host that the virus was isolated
from to characterize the virus. This worked generally well;
however, there is an exception where this method did not identify
the virus properly (7). The sequencing and analysis done by
Tulman et al. (2, 145) has allowed for the study of capripoxvirus
genes leading to studies where specific genes have been used to
differentiate between sheeppox virus, goatpox virus, and lumpy
skin disease virus. For example, the RPO30 and GPCR homolog
genes in capripoxvirus have been used to develop real time
and classical PCR tests to differentiate sheeppox from the other
two capripoxviruses and between all three viruses, respectively
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(146–148). Although the above mentioned genes have been
used to determine the species of capripoxvirus, unfortunately,
the understanding of what specific genes/mutations and or
gene combinations are involved in determining whether a
capripoxvirus is a sheeppox, goatpox of LSDV is unknown.
Analyzing the sequence information obtained from several
capripoxviruses including virulent wild type and attenuated
vaccines offers insight for future recombinant vaccine design
(149). Understanding gene deletions found in capripoxvirus
vaccines will allow strategic attenuation to target ideal virulence
genes without compromising the vaccine integrity. It is likely that
there are many possible gene deletion combinations available to
generate a live attenuated vaccine. This information can be used
to develop improved capripoxvirus vectors based on sheeppox,
goatpox, and lumpy skin disease for different regions. To alleviate
this issue, a universal capripoxvirus vector generated through
gene synthesis, with specific gene markers for the different
capripoxviruses deleted could be developed, with the inclusion of
a DIVA capability with a companion diagnostic test to alleviate
political issues and potentially allow the vector used in non-
endemic regions. This universal capripoxvirus vaccine would
be able to protect against all capripoxviruses in sheep, goats
and cattle.

Capripoxvirus vectors can be tailored to include antigens for
specific disease agents in the region. This is especially important
in the case of BTVwhere there are 29 serotypes present, designing
vectored vaccines based on geographically prevalent and cross-
reactive serotypes is crucial to maximize the protective capability
of a multivalent vaccine. The limit of the number of foreign
antigens expressed simultaneously in a capripoxvirus vector is
currently unknown; however, it is likely more than two antigens.
In addition, it is possible that VLPs can be expressed using a

capripoxvirus vector, however, this has not be demonstrated to
date. It is possible to develop a capripoxvirus vector encoding
the protective antigen GnGc from Rift Valley fever virus along
with protective VLPs from bluetongue to generate a multivalent
vaccine to protect sheep, goats and cattle from these diseases.

CONCLUSIONS

Capripoxvirus vectors have tremendous potential for use as
multivalent vaccines to protect sheep, goats and cattle from
arboviruses, capripoxviruses and other devastating diseases such
as peste des petits ruminants. The difficulty in vaccinating
animals against arboviruses such as Rift Valley fever virus is the
cyclical nature of the disease where producers do not have the
resources to vaccinate for a disease that may or may not occur.
Using a multivalent capripoxvirus vaccine can alleviate these
issues by having a vaccine that can protect against Rift Valley
fever together with endemic capripoxvirus diseases that occur
muchmore frequently (150). The use of multivalent recombinant
vaccines can provide a cost efficient strategy compared to the use
of multiple conventional vaccines.
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Most of the modern techniques used for identification of viral-induced disease are based

on identification of viral antigens and/or nucleic acids in patient’s blood. Diagnosis in the

field or in remote locations can be challenging and alternatively samples are shipped

to diagnostic labs for testing. Shipments must occur under controlled temperature

conditions to prevent loss of sample integrity. We have tested the ability of magnetic

Nanotrap® (NT) particles to improve stability and detection of Venezuelan equine

encephalitis virus (VEEV), viral capsid protein, and viral genomic RNA in whole human

blood at elevated temperature and prolonged storage conditions. NT particles have

previously been shown to capture and enrich multiple pathogens including respiratory

syncytial virus, influenza virus, coronavirus, and Rift Valley fever virus. Our study indicates

that samples incubated with NT particles had detectable levels of infectious VEEV in

blood equal to or greater than samples without NT treatment across all temperatures.

Viral RNA detection was increased in the presence of NT particles at later time points

(72 h) and higher temperature (40◦C) conditions. Likewise, detection of VEEV capsid

protein was enhanced in the presence of NT particles up to 72 h at 40◦C. Finally, we

intranasally infected C3H mice with TC-83, the live attenuated vaccine strain of VEEV,

and demonstrated that NT particles could substantially increase the detection of VEEV

capsid in infected blood incubated up to 72 h at 40◦C. Samples without NT particles

had undetectable capsid protein levels. Taken together, our data demonstrate the ability

of NT particles to preserve and enable detection of VEEV in human and mouse blood

samples over time and at elevated temperatures.

Keywords: alphavirus, diagnostics, surveillance, Venezuelan equine encephalitis virus, nanotrap particles,

nanoparticles

INTRODUCTION

Venezuelan equine encephalitis virus (VEEV) is one of the most neglected viruses among
biowarfare agents. It is classified as a Category B biothreat pathogen by National Institute of Allergy
and Infectious Diseases (NIAID), USA, due to its high dissemination rate, minimal infectious dose
to induce disease in human, and the requirement for specific and enhanced diagnostic capacities.
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VEEV causes disease with symptoms ranging from influenza-
like illness to more severe illnesses including myalgia, arthralgia,
and neurological disorders that can lead to lethal encephalitis
in susceptible hosts. All these characteristics made VEEV an
attractive candidate for weaponization (1). VEEV was first
isolated from an infected horse brain during a VEEV outbreak
in Venezuela in 1938 followed by major outbreaks in Venezuela
and Columbia in 1960s (2), infecting thousands of people and
animals. Despite its high contagiousness, VEEV has drawn little
public attention due to only sporadic outbreaks occurring in
Central and South America since 1995. Other reasons for being
neglected may be a low mortality rate in humans (<1%) while as
high as 90% in horses, as well as no reports of VEEV outbreaks
in the US since the only epidemic outbreak in Texas in 1971 (3).
However, the spillover of VEEV infection from infected horses to
humans during epidemics remains a concern.

VEEV is an arthropod-borne epizootic RNA virus, belonging
to the Togaviridae family, genus Alphavirus, and is maintained
within lower animals (rodents) and mosquitos (4). The
transmission of VEEV is primarily mediated by mosquitoes,
where it replicates in salivary glands and is passed to hosts, such
as human and horses with overt symptoms (5, 6). Moreover,
aerosolized VEEV can be directly disseminated and can infect
humans or susceptible experimental animal models, causing
encephalitis, and possibly limb paralysis (7–9). Historically,
since the late 1930s the former Soviet Union regarded VEEV
as an operational biological weapon to incapacitate the rear
services and reinforcement behind the front line, leading to
the spread of the disease among infected individuals with flu-
like symptoms that are difficult to distinguish from epidemic
influenza outbreaks. Weaponized VEEV was not expected to kill
the soldiers, but cause panic and ultimately maim the military
targets (10). Notably, there are no effective antiviral agents
available and approved by the US Food and Drug Administration
(FDA) and only supportive treatment is available for humans.
As a result, it is important to establish a preventive surveillance
system based on prompt diagnosis methods.

Viral stability is an essential factor for diagnosis of VEEV
to confirm the presence of virions or viral RNA in a clinical
sample. The current diagnostic approaches to confirm VEEV
infection in humans or horses rely on direct detection of viral
nucleic acids in serum or spinal fluid samples during the
acute-phase of infection using reverse-transcription PCR (RT-
PCR) (11) and ELISA for VEEV-specific IgM (12). However,
despite high sensitivity of the above-mentioned methods, false
negative results can be obtained if samples have been collected
during the initial asymptomatic phase of infection where
the viral load is low (13–15). Moreover, the necessity of
extra steps of plasma or serum preparation complicates fast
virus identification and diagnostic. Therefore, virus stabilization
directly in collected sample without extra preparation steps is
highly desirable. Ideally, supplementation of the blood collection
device with some type of stabilization agent that can minimize
pathogen loss during sample transportation and storage at
ambient temperatures is appealing. In view of these challenges,
Nanotrap R© (NT) particles were evaluated for their ability to
stabilize VEEV. NT particles are hydrogel polymer particles

comprised of N-isopropylacrylamide (NIPAm), allylamine (AA),
and crosslinked with N,N′-methylenbisacrylamide (BIS). These
particles are functionalized with various dye affinity baits
that facilitate capture and retention of analytes from complex
biological matrixes (such as blood, saliva, nasal swabs and urine)
and concentrate them into a smaller volume (16–20). Previous
work with NT particles has shown the benefit of their use in
the enrichment of infectious virus and viral genomic material of
Rift Valley fever virus (RVFV), coronavirus, influenza virus, and
respiratory syncytia virus (19, 21).

In this study, we sought to apply new magnetic NT particles
that consist of NIPAm copolymers functionalized with reactive
red 120 to evaluate the efficacy of preservation of infectious
VEEV, viral RNA, and VEEV capsid protein in whole blood
samples at ambient and elevated temperature as well as at low and
high humidity conditions. Our results indicate that: (i) magnetic
NT particles enhance preservation of infectious VEEV in whole
human blood at 40◦C; (ii) NTmaintain significantly higher levels
of VEEV RNA in whole human blood at 40◦C; (iii) NT retain
their functional activity at both normal and elevated humidity
conditions and significantly preserve VEEV infectivity in such an
environment; and (iv) blood samples from VEEV TC-83 infected
animals are better protected from capsid protein degradation if
they are incubated with NT. Our results demonstrate for the first
time the capability of NT particles to stabilize virus in blood at
elevated temperatures, the direct interaction of NT particles with
VEEV (via transmission electron microscopy), and the utility of
NT particles with viral clinical samples.

MATERIALS AND METHODS

Viruses, Body Fluids, and NT Particles
VEEV-TC83 viral stocks were produced from electroporation of
in vitro transcribed viral RNA generated from the pTC83 plasmid
[a kind gift from Ilya Frolov, The University of Texas Medical
Branch at Galveston] as described (22). All experiments were
performed under BSL-2 conditions. Whole human blood and
plasma was purchased from BioIVT (www.bioivt.com). All of
the NT particles were provided by Ceres Nanoscience, Manassas,
VA (ceresnano.com).

NT Particle Screening
VEEV TC83 was diluted to 1 × 106 PFU/mL in whole human
blood followed by incubation with NT particle suspension
(0.5mg of NT/ml of sample or 1.25mg of NT/ml of sample) or
without NT particles, rotating for 30min at room temperature.
Viral RNA was purified using RNeasy kit (Qiagen). The
amount of the viral RNA was determined by RT-qPCR using
SuperScriptTM III PlatinumTM SYBRTM Green One-Step qPCR
Kit w/ROX (Thermo Fisher Scientific) with the following set
of primers (Integrated DNA Technologies): 5′-TCTGACAAG
ACGTTCCCAATCA-3′ and 5′-GAATAACTTCCCTCCG
ACCACA-3′. The Taq-Man probe (5′-6-carboxyfluorescein-
TGTTGGAAGGGAAGATAAACGGCTACGC-6-carboxy-
N,N,N′,N-tetramethylrhodamine-3′) was designed against the
RNA packaging signal as described previously (23). RT-qPCR
was performed using a StepOne Plus Real Time PCR System
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instrument from ABI. Fold enrichment was calculated based on
the enriched viral genomic copy number divided by those in the
“without NT particle” group.

Virus Enrichment Experiment
VEEV TC83 was diluted to 1 × 106 PFU/mL in whole human
blood or plasma followed by incubation with or without NT
particles at the indicated humidity and temperature conditions
for various time points. Viral RNA was purified using a
combination of a TriZol R© LS from Ambion and RNeasy mini
kit (Qiagen). Briefly, whole human blood containing viral virions
was mixed in 1:3 ratio with TriZol LS. Hundred microliter
of PBS were added to the sample in order to increase the
amount of the aqueous fraction. Samples were vortexed and
200 µL of chloroform were added to the blood TriZol LS
mixture. After intensive vortexing and spinning down the upper
aqueous fraction containing nucleic acids was collected and
used for RNA purification by RNeasy kit (Qiagen) according
to the manufacturer’s protocol. Purified RNA was used for
cDNA synthesis followed by PCR reaction (30 cycles) using
a One Step RT-PCR kit (ThermoFisher Scientific). For this
purpose, the following set of primers was used: 5′-CTG CTC
GCC AAT GTG ACG TTC-3′; 5′-AGC CTG CTC TGT TGA
CTA TAG TGT TAT ACG-3′. To visualize the quantity of
viral cDNA 10 µl of the PCR product were loaded on 1%
agarose gel supplemented with ethidium bromide, followed by
gel electrophoresis. Samples were visualized on a ChemiDoc
instrument from Bio-Rad and densitometrically analyzed using
Image Lab Software from Bio-Rad.

Plaque Assay
1 × 106 PFU of the VEEV TC-83 were spiked into whole
human blood supplemented (1.25mg of NT/ml of sample) or
not supplemented with NT particles. Samples were incubated
at the indicated temperature and humidity conditions for the
designated amount of time. At the end of the incubation, NT
particles containing samples were placed on a magnet rack to
separate NT particles from the blood. Particles were resuspended
in 100 µl of PBS and used for standard plaque assay as described
elsewhere (24). Samples that were incubated without NT particles
were processed using the same method.

Western Blotting
VEEV TC83 was diluted to 1 × 106 PFU/mL in plasma followed
by incubation with or without NT particles (1.25mg of NT/ml
of sample) at indicated humidity and temperature conditions
for various time points. Blue lysis buffer (2× Novex Tris-
Glycine Sample Loading Buffer SDS, T-PER Tissue Protein
Extraction Reagent, 0.5M EDTA, complete protease cocktail
tablets, 0.1M Na3VO4, 0.1M NaF, and 1M DTT) was added
to the samples in 1:1 volume ratio, followed by boiling at 95◦C
for 10min. Protein lysates were then electrophoresed in a 4–
12% of Bis-Tris SDS-PAGE gel and transferred to a PVDF
membrane. A 1:2,000 dilution of primary anti-VEEV capsid
antibody (Cat#NR-9403, BEI, Manassas, VA USA) in 5% non-
fat milk blocking buffer was applied on the membrane at 4◦C
for overnight incubation followed by washing with PBS +

0.05% Tween 20 three times. Horseradish peroxidase (HRP)-
conjugated anti-goat IgG secondary antibody (ThermoFisher
Scientific) at a 1:2,000 dilution was incubated with the membrane
for 1 h at room temperature. The membrane was washed
an additional three times with PBS + 0.05% Tween 20
before adding SuperSignalTM West Femto Maximum Sensitivity
Substrate (Thermofisher Scientific) to develop the membrane
and image the chemiluminescent signal. Samples were visualized
on ChemiDoc instrument from Bio-Rad and densitometrically
analyzed by the Image Lab Software from Bio-Rad.

Animal Experiment
A total of 27 C3H/HeN mice (6–8-week-old) were randomly
divided into three groups (n = 9) and VEEV-TC83 was
diluted to 2 × 107 PFU/mL with PBS followed by intranasally
administrated to anesthetized mice in the amount of 20
µL/mouse. By 2, 3, and 4 days post-infection, 9 mice
were sacrificed at each time point and the blood was
collected in EDTA-treated tubes to prevent coagulation.
RT-qPCR was performed to quantify the level of viremia
and the 6 samples with the highest viremia were pooled
together and then incubated with or without NT particles
to compare the capsid stability by western blot analysis.
Experiments were performed in animal biosafety level 2
(ABSL-2) laboratories in accordance with the National Research
Council’s Guide for the Care and Use of Laboratory Animals
(25) and under George Mason University IACUC protocol
number 0384.

Protein Docking Prediction
The VEEV structural protein (E1, E2, E3, and capsid) was
retrieved from PDB website (ID: 3J0C) and the chemical
structure of reactive red 120 was downloaded from
Chemspider website. The heterodimer of E1 and E2 were
extracted from the total protein structure with Molsoft
ICM-Browser followed by submitting it to Swissdock for
prediction of possible docking pockets (26). The docking
models were displayed in ball-and-stick style of reactive
red 120 and residue surface style of each amino acid on
the heterodimer and represented images were selected
based on two of the lowest free energy values (1G) on
each subunit.

Negative Staining and Electron Microscopy

(EM) Imaging
Inside the laboratory biosafety cabinet (BSC) the NT particle—
VEEV suspension was mixed well with the same volume
of 4% Glutaraldehyde to achieve a final concentration of
2% Glutaraldehyde. Virus samples were inactivated with 2%
Glutaraldehyde inside a BSC for 24 h according to industry
standard practice (27), prior to removal and transfer to the
BSL-2 EM facility. A drop (8 µl) of the glutaraldehyde treated
sample was placed onto a formvar/carbon coated transmission
electron microscopy (TEM) grid for 10min in a moist chamber
to reduce evaporation. This step ensures that the grid did not
dry. Using fine forceps to hold the grid, the liquid was wicked
away from the grid surface from the side with filter paper.
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The grid was then washed three times by touching the grid
to the surface of drops of deionized (dI) water. Remaining
water was wicked away by touching filter paper to the side
of the grid. A small drop of 1% phosphotungstic acid (PTA)
was applied to the grid and allowed to remain from 10 s to
1min depending on the sample. The stain was wicked away by
touching the edge of the grid to a piece of filter paper. The grid
was air dried at room temperature and stored for subsequent
TEM imaging.

TEM grids were evaluated on a JEOL 1011 transmission
electron microscope at 80 kV and all digital images were
acquired using an Advanced Microscopy Techniques (AMT)
camera system.

Statistical Analysis
Kruskal-Wallis test and unpaired t-test were performed
throughout this study to calculate the statistical significance
among groups with and without NT particles unless
indicated elsewhere.

RESULTS

Screening of NT Particle Types for

Enriching VEEV-TC83
NT particles contain affinity baits that enable interactions with
analytes through poorly defined characteristics. For example,
triazine dyes such as cibacron blue and reactive red 120 bind
to proteins through hydrophobic and electrostatic interactions
(28). Therefore, the initial step of our study was to screen the
panel of magnetic NT particles shown in Table 1, to evaluate
their efficacies in enriching VEEV-TC83. NT particles were
mixed with blood-spiked VEEV-TC83 (0.5mg of NT/ml of
sample) and incubated for 30min prior to determination of
viral RNA levels by RT-qPCR. We screened 9 different types of
NT particles and found that all the NT particles were capable
of enriching VEEV, but to different levels (Figures 1A,B). To
further confirm and test the limit of capture efficiency of the
NT particles, we selected three batches of NT particles shown
with the best binding efficiencies and enrichment performance,
CN3170, CN3160, and CN3080, and mixed NT particles with
the blood-spiked VEEV-TC83 (1.25mg of NT/ml of sample).
All NT particles were capable of enriching VEEV when used
at this concentration, but CN3080 showed the most significant
enrichment (bound/unbound = ∼10, Figure 2A), suggesting
that the NT particle conjugated with reactive red 120 chemical
bait could be the most suitable for the following experiments.
We also compared the ability of CN3080 to a non-magnetic
version (CN1030) and found that CN3080 was more effective at
capturing VEEV (Supplemental Figure 1).

To confirm virion capturing by CN3080, we conducted
western blot analysis toward the VEEV-TC83 capsid protein.
The capsid protein is only detected in samples that have been
incubated with CN3080, but not in samples without NT particles
regardless of whether virus was spiked into blood or plasma
(Figure 2B). These data demonstrate the documented ability of
NT particles to enrich viral analytes that are below the limit of
detection (20). To characterize the performance of CN3080 we

TABLE 1 | Nanotrap particles tested.

NT# Description

CN3150 Nanotrap ice blue

CN3170 Nanotrap neutral red

CN3140 Nanotrap blue—custom magnetic

CN3160 Nanotrap basic fuchsin

CN3080 Nanotrap reactive red 120

CN3000 Nanotrap purple

CN3130 Nanotrap yellow

CN3120 Nanotrap orange

CN3110 Nanotrap blue

utilized various concentrations of CN3080 ranging from samples
without NT particles to a 5mg of NT/ml of sample to determine
the optimal concentration for VEEV capsid enrichment and
detection. To our surprise, the lower concentrations (up to
1.25mg of NT/ml of sample) seemed to exhibit the most
abundant enrichment, but not higher concentrations like 5 and
2.5mg of NT/ml of sample (Figure 2C). Next, we tested for
the optimal incubation time required for NT particle capture
of the majority of virions in a sample. Thus, we measured the
viral capsid concentration at different incubation time-points.
As early as after 5min of incubation, VEEV capsid protein was
detected and by 15–30min, the capture ability started to reach
a saturation level (Figure 2D). These data show that CN3080
magnetic NT particles provide efficient capture of VEEV TC-
83 virions over short time periods and the binding efficiency
of CN3080 to viral samples can be optimized by adjusting
both the incubation time and the NT particle concentration.
Based on these data, we chose an incubation time of 30min
and a NT particle concentration of 1.25 mg/ml of sample
for the remainder of our experiments to ensure maximal
VEEV capture.

VEEV Binds to the Outside of NT Particles
It has been shown in our previous studies that NT particles
capture and enrich various viruses, such as influenza virus
and RVFV (19, 21, 29), but it has never been shown if
NT particles can directly bind to viruses. Using transmission
electronic microscopy (TEM) we visualized the direct interaction
between NT particles and virions. The photo in Figure 3

reveals that a single NT particle is capable of capturing
multiple virions.

Our TEM data clearly showed that NT particles directly
interact with viral particles. Therefore, we sought to elucidate
the sites of the interaction between the NT particles and
VEEV-TC83. We applied docking simulation via the SwissDock
website and determined the free energy of binding (1G)
toward the affinity bait, reactive red 120, and viral envelope
proteins, E1 and E2 (PDB ID: 3J0C) (30). As shown in
Figure 4, the docking predictions against the external domains
of E1-E2 heterodimer protein reveal that the affinity bait
overall interacted with E1 and E2 subunits where the strongest
binding was predicted in the groove between E1 and E2 (panel
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FIGURE 1 | Screening of magnetic NT particles for the ability to enrich VEEV TC-83. VEEV at 1 × 106 PFU/mL was spiked into human blood followed by incubation

with nine different magnetic NT particles (0.5mg of NT/ml of sample). (A) The genomic copies of VEEV were determined by RT-qPCR after incubation for 30min in the

presence of NT particles. The dashed line indicates the minimal threshold for identification of enrichment. (B) Fold enrichment was calculated based on the following

formula: NT-captured RNA/total input viral RNA. Data were presented as mean ± SEM from results of two independent experiments (n = 2). Statistical significance

was determined by Kruskal-Wallis test where P-value under 0.05 was considered significant.

FIGURE 2 | Validation of CN3080 for enrichment of VEEV. (A) VEEV at 1 × 106 PFU/mL was spiked into human blood followed by incubation with CN3170, CN3160,

or CN3080 magnetic NT particles (1.25mg of NT/ml of sample). Unbound (Unb) = virus remaining in solution following NT particle incubation, –NT = samples

processed without NT particles. The dashed line emphasizes the minimal threshold of enrichment. (B) VEEV TC-83 was spiked into blood or plasma at a final

concentration 1 × 106 PFU/mL and incubated with CN3080 (1.25mg of NT/ml of sample). The level of VEEV capsid protein was determined via western blot analysis.

(C) The concentration-dependent efficiency of CN3080 to preserve VEEV-TC83 was established using different concentration of NT beads to human blood (as

indicated). The efficiency of VEEV capture was judged based on the capsid levels visualized by western blot analysis. (D) Time-dependent incubation of VEEV TC-83

in presence of CN3080 at room temperature. Data were evaluated based on western blot analysis of the capsid levels captured from a 1:20 blood:PBS mixture spiked

with VEEV.

2a). The free energies of NT binding to each E1 and E2
subunits is summarized in Supplemental Table 1. In general, the
prediction results suggest that there may be strong interactions

between NT particles and VEEV envelope proteins which
may potentially contribute to the viral enrichment exerted
by CN3080.
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FIGURE 3 | TEM of NT particle-captured VEEV virions. VEEV TC-83 spiked in

DMEM was incubated with NT particles according to the standard protocol.

TEM images were taken and magnification at 25,000X is displayed.

Stability of VEEV-TC83 Virions With or

Without Nt Particles
Previous studies have shown that NT particles are efficient in the
preservation of RVFV and nucleoproteins in biologically relevant
matrices (19, 29). However, the effect of NT in the stabilization
of virions in a complex matrix such as whole human blood has
never been tested before. Thus, after determination of the best
NT composition that is most efficient in capturing VEEV TC-
83, our next step was to test stability of the virus in whole blood
at ambient and elevated temperatures for extended time periods.
For this purpose, we spiked 106 PFU of VEEV-TC83 in 0.5mL of
humanwhole blood and incubated samples at temperatures of 22,
37, 40, and 54◦C for 0, 24, 48, and 72 h followed by measurement
of viral infectivity by plaque assays. We observed a gradual
drop of virus titers at 37 and 40◦C, whereas viral infectivity
remained relatively consistent at 22◦C (Figure 5A). However, our
several attempts to incubate virus at 54◦C for 24 h repeatedly
resulted in complete virus inactivation. It should be noted that
at 54◦C after 24 h of incubation the blood samples became
solidified which made it impossible to completely resuspend
samples in buffer for quantitation via plaque assay (Figure 5A).
Therefore, we cannot exclude the possibility that some viral
particles were captured by coagulated blood and still remained
in the sample. As a result of these finding, for most of the
following experiments we focus primarily on 37 and 40◦C
temperature conditions.

We next investigated whether CN3080 can prolong the
stability of VEEV-TC83 in human whole blood. We found
that the stability of VEEV at 37◦C over the time points we

tested was not substantially sustained in the presence or absence
of CN3080 (Figure 5B) whereas the infectivity of VEEV TC-
83 after 72 h of incubation at 40◦C appeared to be better
preserved despite the lack of statistical significance (Figure 5C).
However, it should be noted that only once in four repeats
did we observed two plaques developed by virus after 72 h
of incubation without NT. In contrast, in all four repeats we
were able to detect virus-produced plaques (ranging from 2 to
6 plaques per well) if samples were incubated in presence of
CN3080. This indicates that the addition of CN3080 in samples
may stabilize the VEEV virions and preserve infectivity for
diagnostic purposes.

NT Particles Help to Preserve Viral RNA

and Capsid Protein Detection at Elevated

Temperatures
The primary approach for confirming VEEV infection in
suspected clinical cases is based on detection of the virus
specific IgM and neutralizing antibodies. Reactions based on
amplification of the nucleic acid is often used in fatal cases
to confirm pathogen presence (5, 19, 31). RT-qPCR is a very
reliable method and highly sensitive for the detection of minimal
amounts of viral nucleic acids in the patient samples (11).
However, this method is based on the detection of relatively
short fragments of the viral genome and analysis of a longer
stretch of viral RNA (vRNA) would provide a more stringent
measure of RNA stability. Thus, we investigated the stability
of both long viral RNA (1.5 kb product) by RT-PCR and
short vRNA (75 bp) by RT-qPCR. VEEV was spiked in blood
and incubated in the presence or absence of CN3080 for the
indicated amount of time, followed by RNA purification, cDNA
synthesis and PCR or qPCR reactions. Minimal differences in
long vRNA levels were observed in samples incubated at 37◦C
(Figure 6A). CN3080 overall stabilized long vRNA and increased
its detection by RT-PCR especially at higher temperature (40◦C)
conditions compared to samples that were incubated without
NT particles (Figure 6B). Densitometric analysis of the PCR
products indicated preservation of long vRNA in the presence
of CN3080 after 72 h of incubation at 40◦C. Likewise, RT-
qPCR results indicated preservation of short vRNA after 72 h at
40◦C (Figure 6C).

For comparison, we also monitored the degree of VEEV
capsid protein decay in the presence or absence of CN3080. Given
the difficulty in analysis of blood samples via western blot, these
experiments were performed in blood diluted 1:20 with PBS. As
a starting point we tested the ability of CN3080 to prevent capsid
protein degradation at standard blood storage conditions. For
this purpose, we incubated virus with and without CN3080 at
4◦C and assessed by western-blot analysis the amount of capsid
protein in the incubated samples. Even though VEEV capsid was
overall more stable at 4◦C, we observed a decrease in capsid
protein detection by 72 h, which was rescued by incubation with
CN3080 (Figure 7A, bottom panel). Western blot analysis of the
samples incubated at 37 and 40◦C also demonstrated that only
when incubating with CN3080, capsid can be preserved andmore
available for detection (Figures 7A,B). Thus, NT particles not
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FIGURE 4 | Docking simulation of reactive red 120 and heterodimer of VEEV E1 and E2 glycoproteins. The heterodimer of E1 (sky blue) and E2 (lemon chiffon) was

depicted with MolBrowser v3.8 and subdomains of E1 or E2 were labeled as I, II, III (E1) and A, B, C (E2). The E1 and E2 subunits were alternatively presented in

protein contact surface style in two distinct colors and the reactive red 120 in red was presented in ball-and-stick style. The star and triangle symbols indicated the

locations of stem loop and E3 subunit, respectively, and the representative enlarged images were selected based on the lowest delta G free energy provided by

Swissdock. TM, transmembrane domain. Inserted panel d displays one of the strong docking predictions which is located on the rear side of the E1 glycoprotein.

FIGURE 5 | Detection of infectious VEEV TC-83 in human blood with and without CN3080. (A) VEEV was incubated at 22◦C (room temperature), 37, 40, and 54◦C

for up to 72 h and viral titer determined by plaque assays. VEEV was diluted and spiked in human blood to 1 × 106 PFU/mL and blood-spiked VEEV was

co-incubated with CN3080 (1.25mg of NT/ml of sample) or without CN3080 for 10min at room temperature and infectious virus determined by plaque assays at

37◦C (B,C) or 40◦C for up to 96 h. Data were shown as mean ± SEM from results of at least two independent experiments (n = 2–4).

only profoundly enriched capsid protein in all samples at all

temperature conditions but in their presence the capsid protein

degradation was significantly reduced at high temperature.

Results from the above RT-PCR and protein analyses suggest that

CN3080 could efficiently enrich and preserve VEEV RNA and

capsid protein against the harsh temperature storage conditions.

Stability of Viral Titer of VEEV-TC83 With or

Without NT Particles at Various Humidity

Conditions
Some studies have shown that relative humidity can affect the
stability of airborne viruses including aerosolized VEEV (32–34).
Therefore, we investigated whether CN3080 could contribute to
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FIGURE 6 | CN3080 efficiently preserved viral RNA in human blood. VEEV TC-83 was spiked in human blood to 1 × 106 PFU/mL in the presence (1.25mg of NT/ml

of sample) or absence of CN3080 and incubated up to 96 h at different temperatures. The preservation of the VEEV TC-83 RNA at (A) 37◦C and (B) 40◦C was

quantified and analyzed based on the densitometry analysis of the 1.5 kbp RT-PCR product of the VEEV genome. (C) Samples incubated at 40◦C were also analyzed

by RT-qPCR. Data plotted as mean ± SEM from two independent experiments.

FIGURE 7 | CN3080 efficiently preserved VEEV capsid protein in human blood. (A) 2.25 × 108 PFU/mL of VEEV TC-83 was added to blood diluted 1:20 in PBS

followed by incubating in the presence (1.25mg of NT/ml of sample) or absence of CN3080 to assess the preservation efficacy of NT against VEEV capsid protein

degradation over 0, 24, 48, and 72 h at 4, 37, and 40◦C. (B) Densitometry analysis of western blot images shown in (A).

the blood-spiked VEEV stability across environmental humidity
ranges. We placed the viral samples with or without CN3080
in two incubators with relative humidity at 16 or 98% at 37◦C
and incubated them for up to 96 h followed by determination
of viral titers. Our plaque assay results indicated that viral titers
of the blood-spiked VEEV-TC83 were preserved at both 16%
and 98% humidity when incubating with CN3080 for 72 and
96 h post-incubation (Figure 8). Samples incubated in higher
humidity conditions were generally more stable, but the addition
of CN3080 further enhanced the stability regardless of the level
of humidity. Our data support the conclusion that NT particles
efficiently stabilize infectious virus at elevated and dry humidity
conditions for an extended amount of time.

NT Particles Stabilized VEEV Capsid

Protein in Blood Samples Collected From

VEEV-TC83 Infected Mice
To better illustrate the application of CN3080 in clinical samples,
we infected C3H/HeN mice via intranasal infection of VEEV-
TC83 and measured the viral load in mouse blood at 2, 3,

and 4 days post-infection (d.p.i.) followed by supplying CN3080
to demonstrate the preservation capability of NT particles ex
vivo. Since the mouse blood samples from day 2 showed the
highest viral RNA concentration among all tested time points
(Figure 9A), we used blood harvested from mice at 2 d.p.i.,
added CN3080, and compared the capsid protein stability with
or without NT particles at 40◦C for the indicated amount of time.
This experiment was performed with whole blood. In the absence
of NT particles, VEEV capsid was undetectable at all time points
(Figure 9B). Incubation of mouse blood with CN3080 enable
capsid detection at each time point, highlighting the potential use
of NT particles in clinical samples.

DISCUSSION

NT particles are made of a hydrogel matrix and can be
customized with various affinity baits such as acrylic acid,
Cibacron blue dye, and reactive red dye by polymerization (35).
As such, they can bind a range of biomolecules. In our previous
studies, we have found that NT particles containing a reactive
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FIGURE 8 | CN3080 preserves infectious VEEV in humid and dry

environments. 2.25 × 108 PFU/mL of VEEV TC-83 was added to blood

diluted 1:20 in PBS followed by incubating with (1.25mg of NT/ml of sample)

or without CN3080 at 37◦C in 16 or 98% humidity conditions and preservation

was measured by plaque assays with CN3080 or without CN3080. Values

below the detection threshold were set to 1. Data are plotted as the geometric

mean ± SEM from results of two independent experiments (n = 2).

red 120 affinity bait allows NT particles to capture a wide range
of RNA viruses (19, 29). Using the newly developed magnetic
NT particles could simplify workflows allowing the isolation
of NT particles in 3–5 s instead of long centrifugation steps.
This processing allows the virions present in clinical samples
and bound to NT particles to be easily and quickly separated
from body fluids using either manual or automated methods.
However, one of the obstacles in pathogen identification in
whole blood is the natural abundance of host proteins and red
blood cells that prevent direct identification of the pathogen
from blood and often require additional preparation steps.
Another inconvenience related to working with whole blood
or other body fluid sample is a necessity to keep it at low
temperatures during transportation. Such obstacles make blood
a very difficult matrix for sample preparation and diagnostic
analysis. However, despite the existence of the above-mentioned
obstacles, we observed efficient separation of VEEV viral
particles from blood by NT particles at various temperature
and humidity conditions. Moreover, NT particles efficiently
preserved infectious VEEV TC-83 at conditions where it was
otherwise undetectable.

As much as our NT particle work has shown a significant
benefit in preservation and enhancing detection of VEEV virions
confirmed by stabilization of viral capsid protein, viral RNA,
as well as infectious virions, there are limitations in the use
of NT particles. When the environmental conditions are too
harsh, the NT particles are only capable of partially alleviating
the negative effects. Despite the trend showing more preservative
via NT particles, not all viral titers at the later time points

FIGURE 9 | CN3080 preserves and enhances the detectable level of

VEEV-TC83 capsid protein in blood of infected mice. (A) Mouse blood was

collected at day 2, 3, and 4 after intranasal infection of C3H/H3N mice (n = 9

at each time point) with VEEV-TC83. The concentration of VEEV RNA in

mouse blood was determined by RT-qPCR. Data are plotted as the geometric

mean ± SEM. (B) Blood collected at day 2 was incubated with (1.25mg of

NT/ml of sample) or without CN3080 for 72 h at 40◦C. Viral capsid protein

preservation was evaluated by western blot analysis. The bottom panel

displays the densitometry analysis of the western blot results.

exhibited statistical differences, suggesting the preservation of
NT particles may not be sufficient to prevent the ultimate decay
of virions under the most extreme environmental conditions.
Another limitation for the use of NT particles is the difficulty
in separating virions from NT particles. We have previously
shown very strong binding of RVFV virions to NT particles
(19). Working with RVFV we were able to elute only 5.5%
from the total virions bound to NT. For this purpose we used
sodium chloride in the highest concentration that does not
induce virus degradation (2M), but even this concentration was
not enough to completely elute virions fromNT. Although strong
lysis buffers, such as Trizol reagent and RIPA buffer, can be
utilized for precipitating RNA or extracting viral proteins for
diagnosis purposes, we have not found a method to elute the
virions while retaining the viral infectivity. As shown in our
electronic micrograph (Figure 3), a NT particle is potentially
bound with dozens of virions, indicating the efficient capturing
ability of NT particles. However, the principle of plaque assay
is to dilute viral samples until a single virion can form a
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plaque, so called plaque-forming unit, visualized, and countable
by investigators. Overwhelming capture affinity of NT particles
to virions is an obstacle for the accuracy of the plaque assay
method, which might lead to an underestimation of initial viral
titers (Figure 5). Therefore, a better way to elute virions needs to
be developed to enable more accurate viral titer determination.
One possibility for future testing is to competitively elute VEEV
via addition of increasing concentration of the reactive red
affinity bait.

Despite the limitations discussed above, our data indicate
that NT particles are a useful innovation to researchers. The
NT particles can be customized with various affinity baits to
bind different microorganisms or biomolecules. In addition to
the viruses, NT particles have been shown to be capable of
binding the outer surface protein of Borrelia, the bacteria that
causes Lyme disease, and increasing the specificity of diagnosis
for early stage of Lyme disease (18). Also, biomarkers in clinical
fluid samples or secreted extracellular organelles like exosomes
can be captured and the sensitivity of their detection enhanced
via NT particles (36–38). The ability of the NT particles to
preserve VEEV and its components including capsid protein
and genomic RNA in such complex matrix such as whole blood
highlight an importance to further study the capabilities of the
NT particles.

Overall, the magnetic NT particle presented in this study
demonstrated efficient binding affinity to capture one of the
biological warfare agents, VEEV, allowing laboratory technicians
to detect this particular pathogen from clinical samples of
patients or soldiers in the front line. Moreover, the high efficiency
in preservation of live pathogen and its proteins and nucleic
acids make NT particles an attractive candidate to be used as
a stabilization agent in a new blood collection medical device
that are currently undergoing development and testing. Hence,
utilization of the NT particles can be an alternative method to
enhance the surveillance system to monitor and prevent the
outbreaks. Our study provides mechanistic insights for broad use
of NT particles.

DATA AVAILABILITY STATEMENT

All datasets generated for this study are included in the
article/Supplementary Material.

ETHICS STATEMENT

The animal study was reviewed and approved by George Mason
University Institutional Animal Care and Use Committee.

AUTHOR CONTRIBUTIONS

IA, S-CL, AP, LA, TM, BL, MH, and KK-H designed experiments.
IA, S-CL, and CL performed the experiments and analyzed
the data. MS provided TEM data and analysis. IA and S-CL
wrote the manuscript. AP, MS, LA, BL, MH and KK-H edited
the manuscript.

ACKNOWLEDGMENTS

The authors thank Kathleen Kuehl and Rahul Raychaudhuri,
United States Army Medical Research Institute for Infectious
Diseases, for assistance with the TEM sample preparation
and imaging, respectively. The authors thank Erwin Berthier
and Emily Welch, Tasso Inc, for helpful discussions. The
following reagent was obtained through the NIH Biodefense
and Emerging Infections Research Resources Repository, NIAID,
NIH: Polyclonal Anti-Venezuelan Equine Encephalitis Virus,
TC-83 (Subtype IA/B) Capsid Protein (antiserum, Goat), NR-
9403. This work was supported by a grant from Defense
Threat Reduction Agency (DTRA) grant, HDTRA1-17-C-0069,
to Tasso, Inc with a subcontract to KK-H and MH. DTRA
does not have any role in the design of the study and
collection, analysis, and interpretation of data and nor in writing
the manuscript.

Opinions, interpretations, conclusions, and recommendations
are those of the authors and are not necessarily endorsed by
the U.S. Army, the U.S. Department of Defense, or the U.S.
Department of Health and Human Services, nor does mention
of trade names, commercial products, or organizations imply
endorsement by the U.S. Government.

SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found
online at: https://www.frontiersin.org/articles/10.3389/fvets.
2019.00509/full#supplementary-material

REFERENCES

1. Ryan JR. Biosecurity and Bioterrorism: Containing and Preventing Biological

Threats. Amsterdam: Elsevier/BH, Butterworth-Heinemann is an imprint of

Elsevier (2016).

2. Beck CE, Wyckoff RW. Venezuelan equine encephalomyelitis. Science. (1938)

88:530. doi: 10.1126/science.88.2292.530

3. Zehmer RB, Dean PB, Sudia WD, Calisher CH, Sather GE, Parker RL.

Venezuelan equine encephalitis epidemic in Texas, 1971. Health Serv Rep.

(1974) 89:278–82. doi: 10.2307/4595031

4. Knipe DM, Howley PM. Fields Virology. Philadelphia, PA: Wolters

Kluwer/Lippincott Williams &Wilkins Health (2013).

5. Zacks MA, Paessler S. Encephalitic alphaviruses. Vet Microbiol. (2010)

140:281–6. doi: 10.1016/j.vetmic.2009.08.023

6. Sharma A, Knollmann-Ritschel B. Current understanding of the molecular

basis of venezuelan equine encephalitis virus pathogenesis and vaccine

development. Viruses. (2019) 11:E164. doi: 10.3390/v11020164

7. Steele KE, Davis KJ, Stephan K, Kell W, Vogel P, Hart MK. Comparative

neurovirulence and tissue tropism of wild-type and attenuated strains

of Venezuelan equine encephalitis virus administered by aerosol

in C3H/HeN and BALB/c mice. Vet Pathol. (1998) 35:386–97.

doi: 10.1177/030098589803500508

8. Julander JG, Skirpstunas R, Siddharthan V, Shafer K, Hoopes JD, Smee DF,

et al. C3H/HeN mouse model for the evaluation of antiviral agents for the

treatment of Venezuelan equine encephalitis virus infection. Antiviral Res.

(2008) 78:230–41. doi: 10.1016/j.antiviral.2008.01.007

9. Rusnak JM, Dupuy LC, Niemuth NA, Glenn AM, Ward LA. Comparison

of aerosol- and percutaneous-acquired venezuelan equine encephalitis

Frontiers in Veterinary Science | www.frontiersin.org 10 January 2020 | Volume 6 | Article 50987

https://www.frontiersin.org/articles/10.3389/fvets.2019.00509/full#supplementary-material
https://doi.org/10.1126/science.88.2292.530
https://doi.org/10.2307/4595031
https://doi.org/10.1016/j.vetmic.2009.08.023
https://doi.org/10.3390/v11020164
https://doi.org/10.1177/030098589803500508
https://doi.org/10.1016/j.antiviral.2008.01.007
https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


Akhrymuk et al. Magnetic NT Particles Preserve VEEV

in humans and nonhuman primates for suitability in predicting

clinical efficacy under the animal rule. Comp Med. (2018) 68:380–95.

doi: 10.30802/AALAS-CM-18-000027

10. LeitenbergM, Zilinskas RA, Kuhn JH. The Soviet BiologicalWeapons Program:

A History. Cambridge, MA: Harvard University Press (2012).

11. Linssen B, Kinney RM, Aguilar P, Russell KL, Watts DM, Kaaden OR, et al.

Development of reverse transcription-PCR assays specific for detection of

equine encephalitis viruses. J Clin Microbiol. (2000) 38:1527–35.

12. Martin DA, Muth DA, Brown T, Johnson AJ, Karabatsos N, Roehrig

JT. Standardization of immunoglobulin M capture enzyme-linked

immunosorbent assays for routine diagnosis of arboviral infections. J

Clin Microbiol. (2000) 38:1823–6.

13. de Morais Bronzoni RV, Baleotti FG, Ribeiro Nogueira RM, Nunes M,

Moraes Figueiredo LT. Duplex reverse transcription-PCR followed

by nested PCR assays for detection and identification of Brazilian

alphaviruses and flaviviruses. J Clin Microbiol. (2005) 43:696–702.

doi: 10.1128/JCM.43.2.696-702.2005

14. Wang E, Paessler S, Aguilar PV, Carrara AS, Ni H, Greene IP, et al. Reverse

transcription-PCR-enzyme-linked immunosorbent assay for rapid detection

and differentiation of alphavirus infections. J Clin Microbiol. (2006) 44:4000–

8. doi: 10.1128/JCM.00175-06

15. Laurent P, Le Roux K, Grivard P, Bertil G, Naze F, PicardM, et al. Development

of a sensitive real-time reverse transcriptase PCR assay with an internal

control to detect and quantify chikungunya virus. Clin Chem. (2007) 53:1408–

14. doi: 10.1373/clinchem.2007.086595

16. Luchini A, Geho DH, Bishop B, Tran D, Xia C, Dufour RL, et al. Smart

hydrogel particles: biomarker harvesting: one-step affinity purification, size

exclusion, and protection against degradation. Nano Lett. (2008) 8:350–61.

doi: 10.1021/nl072174l

17. Luchini A, Longo C, Espina V, Petricoin EF 3rd, Liotta LA. Nanoparticle

technology: Addressing the fundamental roadblocks to protein biomarker

discovery. J Mater Chem. (2009) 19:5071–7. doi: 10.1039/b822264a

18. Douglas TA, Tamburro D, Fredolini C, Espina BH, Lepene BS, Ilag L, et al.

The use of hydrogel microparticles to sequester and concentrate bacterial

antigens in a urine test for Lyme disease. Biomaterials. (2011) 32:1157–66.

doi: 10.1016/j.biomaterials.2010.10.004

19. Shafagati N, Narayanan A, Baer A, Fite K, Pinkham C, Bailey C, et al. The

use of NanoTrap particles as a sample enrichment method to enhance the

detection of Rift Valley Fever Virus. PLoS Negl Trop Dis. (2013) 7:e2296.

doi: 10.1371/journal.pntd.0002296

20. Shafagati N, Patanarut A, Luchini A, Lundberg L, Bailey C, Petricoin

E 3rd, et al. The use of Nanotrap particles for biodefense and

emerging infectious disease diagnostics. Pathog Dis. (2014) 71:164–76.

doi: 10.1111/2049-632X.12136

21. Shafagati N, Fite K, Patanarut A, Baer A, Pinkham C, An S, et al. Enhanced

detection of respiratory pathogens with nanotrap particles. Virulence. (2016)

7:756–69. doi: 10.1080/21505594.2016.1185585

22. Lundberg L, PinkhamC, de la Fuente C, Brahms A, Shafagati N,Wagstaff KM,

et al. Selective inhibitor of nuclear export (SINE) compounds alter new world

alphavirus capsid localization and reduce viral replication inmammalian cells.

PLoS Negl Trop Dis. (2016) 10:e0005122. doi: 10.1371/journal.pntd.0005122

23. Kim DY, Firth AE, Atasheva S, Frolova EI, Frolov I. Conservation of

a packaging signal and the viral genome RNA packaging mechanism in

alphavirus evolution. J Virol. (2011) 85:8022–36. doi: 10.1128/JVI.00644-11

24. Baer A, Kehn-Hall K. Viral concentration determination through plaque

assays: using traditional and novel overlay systems. J Vis Exp. (2014) e52065.

doi: 10.3791/52065

25. Council NR. Guide for the Care and Use of Laboratory Animals. 8th ed.

Washington, DC: The National Academies Press (2011).

26. Grosdidier A, Zoete V, Michielin O. SwissDock, a protein-small molecule

docking web service based on EADock DSS. Nucleic Acids Res. (2011)

39:W270–7. doi: 10.1093/nar/gkr366

27. Moller L, Schunadel L, Nitsche A, Schwebke I, HanischM, LaueM. Evaluation

of virus inactivation by formaldehyde to enhance biosafety of diagnostic

electron microscopy. Viruses. (2015) 7:666–79. doi: 10.3390/v7020666

28. Gianazza E, Arnaud P. Chromatography of plasma proteins on immobilized

Cibacron Blue F3-GA. Mech Mol Interact Biochem J. (1982) 203:637–41.

doi: 10.1042/bj2030637

29. Shafagati N, Lundberg L, Baer A, Patanarut A, Fite K, Lepene B,

et al. The use of Nanotrap particles in the enhanced detection of

Rift Valley fever virus nucleoprotein. PLoS ONE. (2015) 10:e0128215.

doi: 10.1371/journal.pone.0128215

30. Zhang R, Hryc CF, Cong Y, Liu X, Jakana J, Gorchakov R, et al. 4.4 A cryo-EM

structure of an enveloped alphavirus Venezuelan equine encephalitis virus.

EMBO J. (2011) 30:3854–63. doi: 10.1038/emboj.2011.261

31. Jaworski E, Saifuddin M, Sampey G, Shafagati N, Van Duyne R, Iordanskiy

S, et al. The use of Nanotrap particles technology in capturing HIV-1

virions and viral proteins from infected cells. PLoS ONE. (2014) 9:e96778.

doi: 10.1371/journal.pone.0096778

32. Ehrlich R, Miller S. Effect of relative humidity and temperature on airborne

Venezuelan equine encephalitis virus. Appl Microbiol. (1971) 22:194–9.

33. Zhao Y, Aarnink AJ, Dijkman R, Fabri T, de Jong MC, Groot Koerkamp PW.

Effects of temperature, relative humidity, absolute humidity, and evaporation

potential on survival of airborne Gumboro vaccine virus. Appl Environ

Microbiol. (2012) 78:1048–54. doi: 10.1128/AEM.06477-11

34. Kudo E, Song E, Yockey LJ, Rakib T, Wong PW, Homer RJ, et al.

Low ambient humidity impairs barrier function and innate resistance

against influenza infection. Proc Natl Acad Sci USA. (2019) 116:10905–10.

doi: 10.1073/pnas.1902840116

35. Patanarut A, Luchini A, Botterell PJ, Mohan A, Longo C, Vorster P, et

al. Synthesis and characterization of hydrogel particles containing Cibacron

Blue F3G-A. Colloids Surf A Physicochem Eng Asp. (2010) 362:8–19.

doi: 10.1016/j.colsurfa.2010.03.023

36. Longo C, Patanarut A, George T, Bishop B, Zhou W, Fredolini

C, et al. Core-shell hydrogel particles harvest, concentrate and

preserve labile low abundance biomarkers. PLoS ONE. (2009) 4:e4763.

doi: 10.1371/journal.pone.0004763

37. Longo C, Gambara G, Espina V, Luchini A, Bishop B, Patanarut AS,

et al. A novel biomarker harvesting nanotechnology identifies Bak as a

candidate melanoma biomarker in serum. Exp Dermatol. (2011) 20:29–34.

doi: 10.1111/j.1600-0625.2010.01187.x

38. Barclay RA, Schwab A, DeMarino C, Akpamagbo Y, Lepene B, Kassaye S, et al.

Exosomes from uninfected cells activate transcription of latent HIV-1. J Biol

Chem. (2017) 292:14764. doi: 10.1074/jbc.A117.793521

Conflict of Interest:AP and BL are employed by the company Ceres Nanosciences,

Inc. KK-H is a member of the Scientific Advisory board at Ceres Nanosciences,

Inc. BL is a shareholder at Ceres Nanosciences, Inc. The nanoparticles used in this

study were research grade and provided by Ceres Nanosciences, Inc. which are

not commercially available products. The authors declare that Tasso Inc had no

role in the design of the study and collection, analysis, interpretation of the data or

writing of the manuscript.

The remaining authors declare that the research was conducted in the absence of

any commercial or financial relationships that could be construed as a potential

conflict of interest.

Copyright © 2020 Akhrymuk, Lin, Sun, Patnaik, Lehman, Altamura, Minogue,

Lepene, van Hoek and Kehn-Hall. This is an open-access article distributed under the

terms of the Creative Commons Attribution License (CC BY). The use, distribution

or reproduction in other forums is permitted, provided the original author(s) and

the copyright owner(s) are credited and that the original publication in this journal

is cited, in accordance with accepted academic practice. No use, distribution or

reproduction is permitted which does not comply with these terms.

Frontiers in Veterinary Science | www.frontiersin.org 11 January 2020 | Volume 6 | Article 50988

https://doi.org/10.30802/AALAS-CM-18-000027
https://doi.org/10.1128/JCM.43.2.696-702.2005
https://doi.org/10.1128/JCM.00175-06
https://doi.org/10.1373/clinchem.2007.086595
https://doi.org/10.1021/nl072174l
https://doi.org/10.1039/b822264a
https://doi.org/10.1016/j.biomaterials.2010.10.004
https://doi.org/10.1371/journal.pntd.0002296
https://doi.org/10.1111/2049-632X.12136
https://doi.org/10.1080/21505594.2016.1185585
https://doi.org/10.1371/journal.pntd.0005122
https://doi.org/10.1128/JVI.00644-11
https://doi.org/10.3791/52065
https://doi.org/10.1093/nar/gkr366
https://doi.org/10.3390/v7020666
https://doi.org/10.1042/bj2030637
https://doi.org/10.1371/journal.pone.0128215
https://doi.org/10.1038/emboj.2011.261
https://doi.org/10.1371/journal.pone.0096778
https://doi.org/10.1128/AEM.06477-11
https://doi.org/10.1073/pnas.1902840116
https://doi.org/10.1016/j.colsurfa.2010.03.023
https://doi.org/10.1371/journal.pone.0004763
https://doi.org/10.1111/j.1600-0625.2010.01187.x
https://doi.org/10.1074/jbc.A117.793521
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


ORIGINAL RESEARCH
published: 29 January 2020

doi: 10.3389/fvets.2020.00015

Frontiers in Veterinary Science | www.frontiersin.org 1 January 2020 | Volume 7 | Article 15

Edited by:

Giovanni Savini,

Experimental Zooprophylactic Institute

of Abruzzo and

Molise G. Caporale, Italy

Reviewed by:

Venkatramana D. Krishna,

University of Minnesota Twin Cities,

United States

Daniel Marc,

INRA Centre Val de Loire, France

*Correspondence:

Heidi Auerswald

hauerswald@pasteur-kh.org

†These authors have contributed

equally to this work

Specialty section:

This article was submitted to

Veterinary Infectious Diseases,

a section of the journal

Frontiers in Veterinary Science

Received: 23 September 2019

Accepted: 09 January 2020

Published: 29 January 2020

Citation:

Auerswald H, Ruget A-S, Ladreyt H,

In S, Mao S, Sorn S, Tum S, Duong V,

Dussart P, Cappelle J and Chevalier V

(2020) Serological Evidence for

Japanese Encephalitis and West Nile

Virus Infections in Domestic Birds in

Cambodia. Front. Vet. Sci. 7:15.

doi: 10.3389/fvets.2020.00015

Serological Evidence for Japanese
Encephalitis and West Nile Virus
Infections in Domestic Birds in
Cambodia
Heidi Auerswald 1*, Anne-Sophie Ruget 2,3, Helena Ladreyt 3,4,5, Saraden In 1,

Sokthearom Mao 1, San Sorn 6, Sothyra Tum 7, Veasna Duong 1, Philippe Dussart 1,

Julien Cappelle 2,3,4,8† and Véronique Chevalier 2,3,4†

1 Virology Unit, Institut Pasteur du Cambodge, Institut Pasteur International Network, Phnom Penh, Cambodia,
2 Epidemiology and Public Health Unit, Institut Pasteur du Cambodge, Institut Pasteur International Network, Phnom Penh,

Cambodia, 3Centre de Coopération Internationale en Recherche Agronomique pour le Développement (CIRAD), Unité Mixte

de Recherche ASTRE, Montpellier, France, 4 ASTRE, Université Montpellier, CIRAD, INRAE, Montpellier, France,
5 Epidemiology Unit, Laboratory for Animal Health, French Agency for Food, Environmental and Occupational Health and

Safety (ANSES), University Paris-Est, Maisons-Alfort, France, 6General Directorate for Animal Health and Production, Ministry

of Agriculture, Forestry and Fisheries, Phnom Penh, Cambodia, 7National Animal Health and Production Research Institute,

General Directorate for Animal Health and Production, Ministry of Agriculture, Forestry and Fisheries, Phnom Penh,

Cambodia, 8UMR EpiA, INRAE, VetAgro Sup, Marcy lÉtoile, France

Mosquito-borne flaviviruses with an enzootic transmission cycle like Japanese

encephalitis virus (JEV) and West Nile virus (WNV) are a major public health concern.

The circulation of JEV in Southeast Asia is well-documented, and the important role

of pigs as amplification hosts for the virus is long known. The influence of other

domestic animals especially poultry that lives in high abundance and close proximity

to humans is not intensively analyzed. Another understudied field in Asia is the presence

of the closely related WNV. Such analyses are difficult to perform due to the intense

antigenic cross-reactivity between these viruses and the lack of suitable standardized

serological assays. The main objective of this study was to assess the prevalence

of JEV and WNV flaviviruses in domestic birds, detailed in chickens and ducks, in

three different Cambodian provinces. We determined the flavivirus seroprevalence using

an hemagglutination inhibition assay (HIA). Additionally, we investigated in positive

samples the presence of JEV and WNV neutralizing antibodies (nAb) using foci reduction

neutralization test (FRNT). We found 29% (180/620) of the investigated birds positive for

flavivirus antibodies with an age-depended increase of the seroprevalence (OR = 1.04)

and a higher prevalence in ducks compared to chicken (OR= 3.01). Within the flavivirus-

positive birds, we found 43% (28/65) with nAb against JEV. We also observed the

expected cross-reactivity between JEV and WNV, by identifying 18.5% double-positive

birds that had higher titers of nAb than single-positive birds. Additionally, seven domestic

birds (10.7%) showed only nAb against WNV and no nAb against JEV. Our study provides

evidence for an intense JEV circulation in domestic birds in Cambodia, and the first
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serological evidence for WNV presence in Southeast Asia since decades. These findings

mark the need for a re-definition of areas at risk for JEV and WNV transmission, and

the need for further and intensified surveillance of mosquito-transmitted diseases in

domestic animals.

Keywords: Japanese encephalitis virus, West Nile virus, domestic birds, poultry, Cambodia, serology

INTRODUCTION

Japanese encephalitis virus (JEV) and West Nile virus (WNV)
are the most common encephalitic flaviviruses. The family of
Flaviviridae contains more than 70 members that were originally
distinguished based on the cross-reactivity of the antibodies they
induce. Early investigations with polyclonal antisera revealed
the antigenic relationships and allowed the separation of
the mosquito-borne flaviviruses into seven subgroups, called
serocomplexes (1, 2). Members of the same serocomplex are
defined by the cross-neutralization of the antibodies they induces.
JEV and WNV belong to the JEV serocomplex together with
other viruses like Murray Valley encephalitis virus (MVEV), St
Louis encephalitis virus (SLEV), and Usutu virus (USUV).

Both JEV and WNV share some ecological similarities as
they maintain an enzootic transmission cycle with several bird
families as natural reservoirs and mosquitoes of the Culex
species as main vectors (3, 4). Humans and horses are generally
considered dead-end hosts, as they do not develop a viremia
high enough to infect mosquitoes. An exception are pigs, as
they serve as amplification hosts for JEV because they develop
sufficient viral titers to support further infection of mosquitoes
(5–7). Although the role of ardeid birds as reservoir hosts for
JEV is admitted (8, 9), the role of domestic birds as potential
amplifying hosts has been little investigated so far. Several surveys
implemented in different continents suggest the involvement

of domestic birds, especially ducks, in WNV epidemiological
cycle, either as an amplifying host or as a reservoir (10–13).
With regards to JEV, two experimental studies suggest that
young ducks and chickens might produce a sufficient viremia to
infect mosquitoes when biting (14, 15). Because of their close
association to humans, and the varying levels of seroprevalence
observed in domestic birds, their role in the epidemiological cycle
as secondary reservoirs may be of importance (16–18).

JEV is mainly found across Eastern, Southern, and
Southeastern Asia where it is the most commonly identified
pathogen for encephalitis cases in humans (19). Despite
the availability of several vaccines since the 1990s, Japanese
encephalitis (JE) is still a clinically important disease with
around 70,000 cases per year, causing 10,000–15,000 deaths
(20–22) and leaving ∼30-50% of the survivors with definitive
neurological or psychiatric sequelae (4). WNV is nearly globally
distributed even if human outbreaks are sporadically reported
because fewer than 1% of human WNV infections develop into
severe disease (1, 23). However, the impact of WNV on human
and animal health increased dramatically during the last two
decades, particularly in the United States of America, with more
than 2,000 deaths between 1999 and 2018 (24), and in Europe

(25, 26). Human WNV cases were also reported in several Asian
countries (27–30) but little is known about its epidemiology and
its potential impact on health in this continent.

JEV is endemic in Cambodia and the major cause of central
nervous system infections leading to encephalitis and other
severe clinical outcomes in children (31). In 2007, the estimated
clinically-declared JE incidence in the country was 11.1 cases per
100 000 children under 15 years of age (32). A better knowledge of
JE epidemiology and areas at risk would help focusing preventive
measures, such as vaccination, in the future. Regarding WNV in
Cambodia, there is little known besides sporadic findings in the
1960s of WNV and its subtype Kunjin virus (33).

As part of a large research program on JE epidemiology
in Cambodia (ComAcross project http://www.onehealthsea.org/
comacross), this study aimed to investigate the exposure to
JEV and WNV of domestic birds sampled in three different
rural provinces in Cambodia. The collected serum samples were
analyzed for flavivirus antibodies by hemagglutination inhibition
assay (HIA) and subsequently JEV and WNV specific antibodies
by foci reduction neutralization test (FRNT).

MATERIALS AND METHODS

Study Design
Three geographical areas of Cambodia were selected to get
three ecologically contrasted areas according to their landscape
characteristics (abundance of rice fields), in addition with their
accessibility (distance to Institut Pasteur’s laboratory in Phnom
Penh) and the ability to provide sufficient number of samples.
The fieldwork was conducted in three different provinces in
March 2016: Kandal, being a rural area dominated by rice
fields, Mondulkiri, mainly dominated by forests and Kratie
as an intermediate landscape (Figure 1). The objective was to
collect samples from at least ten farms per area to get as much
representativity as possible. In each farm, animals were randomly
selected and according to the owner agreement.

Ethics Statement
During this study, we followed the World Animal Health

Organization (OIE) guiding principles on animal welfare
included in the OIE Terrestrial Animal Health Code (34). All
sampling campaigns were implemented with the supervision of
the National Animal Health and Production Research Institute
(NAHPRI), and local veterinary services.

Sample Collection
Only chickens and ducks born in the sampling area were included
in the study. Blood samples were taken from the ulnar or
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FIGURE 1 | Location of sampling sites. Map showing the locations of the

sampled farms (red dots), and the abundance of rice fields (green). The map

was created using QGIS 2.14.3 and the base layer data were obtained from

DIVA GIS (https://www.diva-gis.org/gdata).

metatarsal vein. The blood was transferred into serum tube,
stored on ice and at 4◦C, and centrifuged later (within the
sampling day or up to 5 days after sampling depending on the
province) to acquire the respective serum sample. Characteristics
of the farm and the GPS coordinates of each farm were collected.
If known, the age of the birds was given by the farmers.

Cells and Viruses
Vero cells (ATCC CCL-81) were used for the detection of
neutralizing antibodies via FRNT. They were cultivated in
Dulbecco’s modified Eagle medium (DMEM; Sigma-Aldrich,
Steinheim, Germany) supplemented with 10% fetal bovine serum
(FBS; Gibco, Gaithersburg, MD, USA) and 100 U/ml penicillin-
streptomycin (Gibco) at 37◦C and 5% CO2 atmosphere. All
viruses were grown in C6/36 Aedes albopictus cells and harvested
from the supernatant. The mosquito cells were cultured in
Leibovitz-15 medium (Sigma-Aldrich) supplemented with 10%
FBS, 1% L-glutamine (Gibco), 10% tryptose-phosphate (Gibco)
and 100 U/ml penicillin-streptomycin at 28◦C.

The HIA was performed with the following flavivirus strains:
JEV Nakayama (Genbank EF571853), Dengue 2 (DENV-2) strain
New Guinea C (Genbank AF038403), Dengue 3 (DENV-3)
H87 (Genbank M93130), and Zika (ZIKV) HD78788 (Genbank
KF383039, KF383084, KF383047). The FRNT was performed
with the above-mentioned JEV reference strain Nakayama and
the WNV lineage 1 isolate EG101 (Genbank AF260968).

Hemagglutination Inhibition Assay (HIA)
The presence of antibodies in the serum samples was analyzed
with theHIA using antigen originated from the above-mentioned
JEV, DENV-2, DENV-3, and ZIKV strains. The assay followed
the protocol previously described (33) adapted to 96 well
microtiter plate.

Foci Reduction Neutralization Test (FRNT)
Due to the high cross-reactivity of the HIA, we aimed to
characterize the flavivirus antibodies with a more virus-specific
assay. Therefore, we analyzed a subset of 65 sera (39 chicken,

26 duck samples) by foci reduction neutralization tests (FRNTs)
against JEV and WNV. The respective samples were chosen
because (i) there was sufficient sera volume remaining to perform
the FRNT, and (ii) the sample was formerly positive in the HIA
for at least one of the tested viruses (JEV, DENV-2, DENV-3,
and ZIKV).

The FRNT micro-neutralization assay using reference viruses
for JEV andWNVdetermined the level of neutralizing antibodies
and was performed as described previously (35). Briefly, heat
inactivated serum samples were analyzed using Vero cells
(ATCC CCL-81) seeded in 96 well plates. Serum samples were
serial diluted and mixed with equal volume of virus. Virus-
serum mixtures were incubated for 1 h at 37◦C, and then
used for inoculation of Vero cell monolayers. After 1 h of
incubation at 37◦C on Vero cells, the virus-serum mixtures were
replaced by a semi-solid overlay containing 1.6% carboxymethyl
cellulose (Sigma-Aldrich) in DMEMmedium supplemented with
3% FBS. The plates were incubated at 37◦C and 5% CO2

atmosphere, and stained the following day. Cells were fixed with
4% paraformaldehyde (Sigma-Aldrich) in phosphate buffered
saline (PBS) for 30min. Afterwards, the plates were incubated
sequentially with 0.5% Triton X-100 (Sigma-Aldrich) in PBS for
20min and with 10% FBS in PBS, polyclonal anti-JEV or anti-
WNV mouse hyperimmune ascites fluids (IPC, Cambodia) and
anti-mouse IgG antibody conjugated to horseradish peroxidase
(Bio-Rad, Marnes La Coquette, France) for 1 h each. Finally,
the infected cells were visualized with TrueBlue peroxidase
substrate (KPL, Gaithersburg, MD, USA). The amount of
neutralizing antibodies (nAb) is expressed as the reciprocal
serum dilution that induces 50% reduction of infection visualized
as foci (FRNT50) compared to the controls (flavivirus-negative
control serum and virus dilution without added serum) and was
calculated via log probit regression analysis (SPSS for Windows,
Version 16.0, SPSS Inc., Chicago, IL, USA). FRNT50 titers below
10 were considered negative.

Statistical Analysis
All FRNT titer calculations were performed as log probit
regression by using SPSS for Windows, version 23.0. The
statistical analyses were performed using R 3.6.0 (36). The
arithmetic means of antibody titers were used for comparative
analysis. Given the different diagnostic tests used, we considered
the results from the HIA test for flavivirus prevalence, which
has been carried out on all samples. Association between
seroprevalence and species, age and province was first tested on
the whole dataset (n = 620) using a Chi-square test. Age was
categorized in 3-month increments (Table 1): 1–3 months old,
4–6 months old, 7–9 months old, and 10 months or older. The
age was not precisely known for 128 domestic birds, however 22
of these birds which were adults, were categorized as 10 months
or older.

A generalized linear model (glm) was used to assess the link
between seroprevalence and age, species and province. Animals
for which the exact age was unknown, including all sampled in
Mondulkiri, were excluded from the multivariate analysis, and
age was used as a discrete variable (age in months). Due to
the sampling frame and potential overdispersion, the province
(Kandal and Kratie), was incorporated in the model, either as a
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TABLE 1 | Flavivirus seroprevalence based on hemagglutination inhibition

assay (n = 620).

Samples

tested n

(%)

HIA positive*

n (%)

Total 620 180 (29.0)

Province

Kandal 296 (47.7) 58 (19.6)

Kratie 283 (45.6) 98 (34.6)

Mondulkiri 41 (6.6) 24 (58.5)

Species

Chicken 417 (67.3) 99 (23.7)

Duck 203 (32.7) 81 (39.9)

Age mean

(95% CI)

7.93

(7.19–8.67)

Age groups Samples

tested

n (%)

HIA

positive*

n (%)

1 month 11 (1.8) 2 (18.2) 1–3 month 195 (31.5) 33 (16.9)

2 months 105 (16.9) 20 (19.0)

3 months 79 (12.7) 11 (13.9)

4 months 96 (15.5) 23 (24.0) 4–6 months 144 (23.2) 29 (20.1)

5 months 18 (2.9) 2 (11.1)

6 months 30 (4.8) 4 (13.3)

7 months 10 (1.6) 2 (20.0) 7–9 months 28 (4.5) 6 (21.4)

8 months 17 (2.7) 4 (23.5)

9 months 1 (0.2) 0 -

10 months 8 (1.3) 4 (50.0) ≥10 months#147 (23.7) 75 (51.0)

11 months 1 (0.2) 0 -

12 months 32 (5.2) 18 (56.3)

18 months 9 (1.5) 4 (44.4)

24 months 57 (9.2) 35 (61.4)

27 months 2 (0.3) 0-

30 months 10 (1.6) 0 -

36 months 6 (1.0) 2 (33.3)

Unknown # 128 (20.6) 49 (38.3) Unknown 106 (17.1) 37 (34.9)

*HIA titer ≥ 80 in at least one of the tested flaviviruses (JEV, DENV-2, DENV-3, ZIKV).
# Including 22 birds with an estimated age of <12 months.

HIA Hemagglutination inhibition assay; JEV Japanese encephalitis virus; WNV West Nile

virus, DENV dengue virus, ZIKV Zika virus.

fixed or a random effect (glmm). The best model was selected
according to the Akaike Information Criteria (AIC).

RESULTS

Sample Collection
In total, 620 samples were collected (Table 1) in 41 backyard
farms with an average of 15 samples per farm. The collection
contained 417 (67.3%) blood samples collected from chickens
(Gallus gallus domesticus) and 203 (32.7%) from ducks (Anas
platyrhynchos domesticus). In detail, 296 samples (47.7%) were
collected in the Kandal province, 283 samples in Kratie (45.6%)
and 41 samples (6.6%) in Mondulkiri. The age of the 492
(79.4%) domestic birds could be obtained, and ranged from
one to 36 months (mean 7.93 months; 95% CI 7.19–8.67;
Supplementary Table 1).

TABLE 2 | Results of the univariate analysis (χ2) between seroprevalence and

other factors (n = 620).

Variable Df P-value

Species 1 3.20e-5

Province 2 3.35e-8

Age group 3 4.79e-12

Flavivirus Seroprevalence Based on HIA
Overall, 180 samples (29%) were detected positive by HIA for
at least one of the flaviviruses tested (JEV, DENV-2, DENV-3,
and ZIKV) (Table 1). The univariate analysis (Table 2) revealed a
significant higher proportion of ducks (39.9%, 81/203 samples)
with anti-flavivirus antibodies compared to the amount of
positive tested chickens (23.7%; 99/417). The observed flavivirus
seroprevalence was also different for the investigated provinces
with the lowest seroprevalence in Kandal (19.6%, 58/296
samples), and the highest for Mondulkiri (58.5%; 24/41 samples).
Additionally, the seroprevalence rate increased with the age of
the birds as antibodies were found in 16.9% (33/195 samples) of
young birds (1–3 months old) rising to 51.0% (75/147 samples)
in birds that were 10 months or older. For 22.3% (138/620)
of the samples, JEV hemagglutinating antibodies were detected
(Supplementary Table 1). Also, 157 samples (25.3%) were tested
positive for antibodies against DENV-2 and/or DENV-3, and 63
samples (10.2%) against ZIKV. Most of the HIA positive samples
showed a positive reaction against more than one of the tested
viruses (Table 4), as 76.6% (138/180) of the positive samples had
antibodies against JEV, and 87.2% (157/180) against DENV-2
and/or DENV-3.

Regarding the HIA titers for the individual domestic birds,
the mean HIA titers differ significantly between the investigated
viruses (Supplementary Figure 1). The mean JEV HIA titer
was 83.47 (95% CI 58.5-108.5) and therefore significantly lower
than for DENV-3 (mean 263.4; 95% CI 146.1–380.8; p =

0.0006; Friedman test with Dunn’s multiple comparison test).
The DENV-3 HIA titers were also significantly higher than for
DENV-2 (mean 177.2; 95% CI 111.1-243.4; p < 0.0001). Overall,
the mean ZIKV HIA was significantly lower than for the other
three viruses (mean 39.97; 95% CI 25.28–54.65; p < 0.0001). The
JEV HIA titers correlated moderate with the HIA titers against
the other flaviviruses (DENV-2 r= 0.62; DENV-3 r= 0.59; ZIKV
r = 0.65; Supplementary Figure 2). The DENV-2 and DENV-3
titers correlated strongly (r = 0.90) but less so with the closely
related ZIKV (DENV-2 r = 0.53; DENV-3 r = 0.49).

According to AIC (AICglm = 553 vs. AICglmm = 558), the
best generalized linear model with the flavivirus serological status
based on HIA as outcome, and age, species and province as
explanatory variables, incorporated the province as a fixed effect.
This model confirmed the results of the univariate analysis: the
seroprevalence rate is significantly higher in ducks compared to
chickens (OR = 3.01, 95%CI: 1.97–4.63) and slightly increased
with age (OR = 1.04, 95% CI: 1.0–21.07; Table 3, Figure 2).
Domestic birds were also more exposed in Kratie than in Kandal
(OR= 2.01, 95%CI: 1.31–3.09).
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JEV- and WNV-Specific Seroprevalence
Based on FRNT
Among all the HIA-positive samples (n = 180), we analyzed
a subset of 65 sera by foci reduction neutralization tests
(FRNTs) against JEV and WNV based on criteria previously
exposed (see Materials and Methods). The comparison of FRNT
and HIA results showed that from the 65 samples tested
positive for flavivirus hemagglutinating antibodies, only 35 had

TABLE 3 | Results of generalized linear model (n = 492*).

Explanatory variable P-value OR [IC 95%]

Intercept <2e-16 0.11 [0.07–0.17]

Species (ref=chicken) 3.89e-7 3.01 [1.97–4.63]

Province (ref=Kandal) 1.39e-3 2.01 [1.31–3.09]

Age 7.29e-5 1.05# [1.02–1.07]

*Birds with unknown or only estimated age (e.g., “>12 months”) were removed from

the analysis.
#Odds ratio of being seropositive for an additional month of age is 1.04.

detectable levels of nAb for JEV and/or WNV (Table 4). From
this subset, 28 samples showed nAb against JEV, including
12 sera that additionally had detectable levels of WNV nAb
(Figure 3A). Interestingly, seven bird samples had nAb only
against WNV and not against JEV. Most samples with detected
nAb also showed HIA antibodies against more than one
of the tested viruses (Table 4). Only one adult duck from
Kandal with nAb against WNV was HIA positive exclusively
against ZIKV.

The mean FRNT50 titer of JEV nAb (21.14; SD 35.08; 95%
CI 12.45–229.83) was similar to the mean WNV FRNT50

titer (19.43; SD 46.89; 95% CI 7.81–31.05). The number
of FRNT positive birds (Supplementary Table 2) and the
levels of nAb (Supplementary Figure 3) did not significantly
differ between poultry species or province of origin. Also,
the nAb titers were significantly higher in the birds that
were tested double positive for both JEV and WNV nAb
compared to single positive sera (JEV p = 0.002; WNV
p = 0.014; Mann-Whitney, Supplementary Figure 3C).
We observed a weak correlation of the nAb titers

FIGURE 2 | Flavivirus seroprevalence predicted by GLM. Predicted flavivirus seroprevalence in Kandal and Kratie provinces, for chicken (red line) and ducks (blue line)

by age with 95% confidence interval (dark gray area) based on the generalized linear model.
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TABLE 4 | Comparison of HIA and FRNT results.

1 2 3 4 6 7

Number of positive results* Flavivirus HIA JEV HIA DENV # HIA ZIKV HIA JEV FRNT50
§ WNV FRNT50

§

1 Flavivirus HIA 180 138 157 63 28 19

2 JEV HIA 138 118 60 21 18

3 DENV HIA# 157 118 53 26 15

4 ZIKV HIA 63 60 53 8 5

5 JEV & WNV FRNT50 35 27 31 10 28 19

6 JEV FRNT§
50 28 21 26 8 - 12

7 WNV FRNT§
50 19 18 15 5 12 -

§ FRNT tested subset of 65 sera.

* HIA titer ≥80, FRNT50 titer ≥10.
# HIA for DENV-2 and/or DENV-3.

FIGURE 3 | FRNT50 for JEV and WNV. A subset of 65 HIA-positive samples

were analyzed for neutralizing antibodies against JEV and WNV by FRNT50.

(A) Frequency of FRNT50 results. (B) Correlation of individual FRNT50 titer for

JEV and WNV. Spearman correlation: r = 0.6397, p < 0.0001.

between both viruses (Figure 3B; r = 0.64; p < 0.0001;
Pearson correlation).

DISCUSSION

Our study found an overall flavivirus seroprevalence of 29%
in domestic birds. This high percentage of seropositive poultry
is highly likely due to the fact that JEV is endemic in
Cambodia (31). This is similar to the findings of other JEV
seroprevalence studies in Southeast Asia. In Bali (Indonesia)
20.6% of ducks and 36.7% of chickens were tested positive
(37), and a study in Malaysia found 28.9% of the tested
domestic birds positive for JEV antibodies (38). In addition,
several experimental studies showed that domestic birds can
be infected with JEV (5, 14, 15) and might even act as JEV
reservoirs (39, 40). However, it is controversially discussed if
they develop a sufficient viremia to infect mosquitoes (14, 41–
43). In our study, ducks were more likely to be seropositive
when they are 10 months or older than chickens (87.1% of
ducks seropositive compared to 33.3% of chickens of that age).
This could be due to feeding behavior of certain mosquitoes,
different exposure due to distinct housing conditions or simply
because ducks are usually kept longer before slaughtering
than chickens.

Flavivirus detection in animals and humans especially in
prevalence studies is mainly done serologically, as the viremic
phase is rather short (44), e.g., JEV viremia lasts <1 week
in chicks and ducklings (14). Yet, the co-circulation of
several flaviviruses poses a diagnostic challenge due to the
broad antibody cross-reactivity within and across the different
serocomplexes (45). Indeed, extensive cross-reactivity is known
for JEV and WNV even leading to reports of cross-protection
(46, 47). Despite intensive attempts to develop specific diagnostic
assays, the neutralization test is still considered to be the gold
standard for the serological differentiation of flaviviruses (3). Due
to the cross-reactivity, retrospective seroprevalence studies for
flaviviruses are challenging in regions where more than one of
these viruses circulate. The HIA is characterized by a high cross-
reactivity which generally only allows a qualitative conclusion
about the presence of flavivirus antibodies (48–51). Our HIA
analysis and the moderate correlation of HIA titers among
all viruses also demonstrated a high cross-reactivity especially
between the two DENV serotypes 2 and 3 (Spearman r= 0.8999).
In contrast, the correlation between the DENVHIA titers and the
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other viruses was less pronounced. This could be a consequence
of the degree of antigenic similarities between the viruses (52),
as the closely related DENV serotypes showed a high degree of
correlation whereas JEV belongs to a different serocomplex than
DENV and ZIKV. Additionally, DENV infection is not reported
in poultry and therefore the antibodies measured against DENV
might be the result of a non-specific immune response after a
JEV infection. As a consequence of the endemicity of several
flaviviruses in Cambodia, we chose a high threshold of ≥80 for
HIA positivity. For the much more specific neutralization assay
(FRNT), we chose the less stringent criteria for positivity by
using the FRNT50 titer instead of FRNT90 and a threshold of
≥10 for positivity. This strategy was also used in other flavivirus
seroprevalence studies in birds (48, 53, 54).

A limitation of our study is the uneven sample distribution
regarding species, age and province of the animals. There were
much less birds sampled in Mondulkiri province and ducks
were overall underrepresented in the study cohort. We also had
proportionally more samples from young chickens (1–3 months
old) and older ducks (≥10 months; see Supplementary Table 1).
Furthermore, we did not include WNV in the HIA because
WNV is not endemic in Cambodia and therefore this virus is
not part of our routine serological testing. Moreover, not all
HIA positive samples could be tested with FRNT because of
insufficient sera volume. Additionally, this assay is time- and
labor-consuming. However, the samples analyzed with FRNT
were not significantly different from the samples not tested with
FRNT and from all samples that were tested positive for any
flavivirus HIA (Supplementary Table 2), even if the HIA titers
are slightly lower for the subset of FRNT samples compared to all
HIA positive samples.

To our knowledge, this is the first serological evidence of
WNV circulation in Cambodia, where the virus was last found
before the 1980s (4). However, with our study we were only
able to trace nAb against WNV in 7 domestic birds in the
absence of JEV nAb. The direct detection of WNV in poultry,
humans or mosquitoes as thorough evidence is still missing.
The global distribution of WNV in tropical and temperate
regions of Europe, Africa, the Americas, Western and central
Asia is well-documented (17, 18, 55). In Southeast Asia, the main
encephalitic flavivirus is still JEV (56). However, concerns about
the ability of WNV to spread along bird migration routes are
appropriate based on the recent expansion of WNV circulation
in Eurasia (57) and the explosive dissemination of WNV in the
Americas since the New York city outbreak in 1999 (58, 59).
Importantly, despite their high serological cross-reactivity and
virological similarities, JEV and WNV show distinct ecological
and epidemiological specificities. Despite that both can be
transmitted by Culexmosquitoes, the main vector of JEV is Culex
tritaeniorhynchus, even as it was found in over 30 other mosquito
species (9), whereas WNV is mainly transmitted by females of
the Culex pipiens complex and their hybrids. For the endemic
circulation of JEV, pigs play an important role as amplification
hosts (60). In contrast, WNV can exclusively replicate in birds,
especially in Passerines (61, 62).

Overall, recent studies investigated intensely the role of pigs
in the JEV epidemiology as these are well-known amplification
hosts for the virus. However, the contribution of poultry to the

circulation of JEV remains understudied. Our study provides
confirmation of a high seroprevalence for JEV in poultry as well
as the first evidence of the circulation of WNV in domestic birds
in the region. These findings may have consequences for the
definition of areas at risk for JEV transmission, as the JEV might
be able to circulate in areas with low densities of pigs or no pigs.
This emphasizes the need for further and intensified surveillance
of mosquito-transmitted diseases where backyard animals serve
as potential amplification hosts.
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Worldwide, arthropod-borne disease transmission represents one of the greatest threats

to public and animal health. For the British Isles, an island group on the north-western

coast of continental Europe consisting of the United Kingdom (UK) and the Republic of

Ireland, physical separation offers a barrier to the introduction of many of the pathogens

that affect animals on the rest of the continent. Added to this are strict biosecurity rules at

ports of entry and the depauperate vector biodiversity found on the islands. Nevertheless,

there are some indigenous arthropod-borne pathogens that cause sporadic outbreaks,

such as the tick-borne louping ill virus, found almost exclusively in the British Isles, and a

range of piroplasmid infections that are poorly characterized. These provide an ongoing

source of infection whose emergence can be unpredictable. In addition, the risk remains

for future introductions of both exotic vectors and the pathogens they harbor, and can

transmit. Current factors that are driving the increases of both disease transmission and

the risk of emergence include marked changes to the climate in the British Isles that

have increased summer and winter temperatures, and extended the period over which

arthropods are active. There have also been dramatic increases in the distribution of

mosquito-borne diseases, such as West Nile and Usutu viruses in mainland Europe

that are making the introduction of these pathogens through bird migration increasingly

feasible. In addition, the establishment of midge-borne bluetongue virus in the near

continent has increased the risk of wind-borne introduction of infected midges and the

inadvertent importation of infected cattle. Arguably the greatest risk is associated with

the continual increase in the movement of people, pets and trade into the UK. This,

in particular, is driving the introduction of invasive arthropod species that either bring

disease-causing pathogens, or are known competent vectors, that increase the risk of

disease transmission if introduced. The following review documents the current pathogen

threats to animals transmitted by mosquitoes, ticks and midges. This includes both

indigenous and exotic pathogens to the UK. In the case of exotic pathogens, the pathway

and risk of introduction are also discussed.
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INTRODUCTION

The threats posed to public health from vector-borne diseases are
a subject of considerable investigation, particularly as changes
to the climate may increase such threats (1, 2). Less attention
has been paid to the threat to animals, and by animals, we
include livestock, domestic pets and wildlife. To address this, and
with a focus on the United Kingdom (UK), we have compiled
both an inventory that includes the actual and potential vector-
borne diseases that are a threat to animals and assess the risk
they pose. The impact of vector-borne diseases to animals is
varied. Many of the diseases considered are zoonotic so infection
may not cause overt disease in animals, but their infection
provides a pathogen reservoir that could eventually affect the
human population. Where disease results from infection, this
can lead to morbidity and mortality. In the case of livestock,
certain diseases are considered notifiable (defined below) and
could result in cessation of trade with other countries. This
will have an economic impact that could take years to resolve
and is a powerful motivating force to control disease outbreaks
and limit the resulting losses. For wildlife, the emergence of
disease in naïve host species could lead to a decline in population
numbers that combined with anthropogenic factors that reduce
available habitat or reproductive activity, could threaten species
with extinction.

The definition of a notifiable disease is any disease that
is required by law to be reported to a competent authority,
usually governmental. The primary purpose of this, whether
from a human or governmental perspective, is to prevent disease
spread. In the UK the competent authority for human diseases
is Public Health England within the Department of Health. For
animals, this is the Department for Environment, Food and
Rural Affairs (Defra). Devolution has led to the development of
agencies that investigate animal disease on behalf of the devolved
governments for example the Scottish Agricultural College (SAC)
in Scotland and the Agri-Food Biosciences Institute (AFBI) of
Northern Ireland. Veterinary investigations of livestock, poultry
and equines are carried out by the Field Services Division of the
Animal and Plant Health Agency (APHA). This is supplemented
by veterinary services offered by university-associated Veterinary

Schools of which there are six in England and two in Scotland.
Other organizations offer veterinary support including The
Pirbright Institute (Livestock Virology), the Institute of Zoology,
and the Animal Health Trust. Domestic pets are usually dealt
with by private veterinary surgeons (PVS). Wildlife monitoring,
surveillance and health can involve all the above organizations
and a large number of charitable bodies.

Some of the diseases discussed below are endemic. However,
many are not and understanding how they can enter the UK is
a key step in understanding the risk of emergence. For vector
borne diseases there is the added concern of the vector and its
distribution. Like diseases, not all potential vectors are present in
the UK. The routes of pathogen entry are often termed pathways
of introduction. For vector borne diseases this could take the
form of an infected human or animal. For notifiable diseases
some screening of animals for disease prior to movement is
usually required to prevent importation of infected livestock or

domestic animals. Another pathway is the introduction of the
vector of a particular disease. For midges, wind movements can
lead to their introduction. For other vectors, such as mosquitoes
and ticks, passive introduction, for example the importation
of dogs infested with Rhipicephalus sanguineus s.l. ticks, does
occur (3). Another pathway is through the movement of wildlife.
For the UK, separated from the mainland of Europe by the
English Channel, the main risks are associated with pathogens
and vectors that are associated with migrating birds. Although
not conclusively shown, it is possible that viraemic birds could
expose the indigenous mosquito population to a number of
viruses that would then threaten public and veterinary health.
Alternatively, migrating birds are occasionally infested with ticks
and this can be a route for exotic ticks, such as Hyalomma spp.
to enter the UK. In addition, invasive mosquito species have
established across Europe and are spreading further north. This
spread into countries in Western Europe has been the source for
importation of the Asian tiger mosquito (Aedes albopictus) into
southern England, probably through passive transport in cars or
lorries (4).

One overarching factor that could affect the risk of vector-
borne disease is the impact of climate change. There is general
consensus that average temperatures will rise in the UK over a
timescale measured in decades. However, the impact this will
have on arthropod populations is unclear as higher temperatures
alone are not the only critical factor for many vector life-
cycles. Both mosquitoes and ticks require moisture, mosquitoes
for larval development and ticks to avoid desiccation during
maturation phases between feeds. In addition, extremes of
weather, such as storms or drought could have a negative effect
on vector populations. One possible scenario is that indigenous
vectors may become more abundant and active for longer in
the year. The UK could also become colonisable to exotic
species. This could lead to a larger diversity of tick, mosquito
or midge species, and the potential introduction of new vectors,
such as sandflies. Consequently, understanding the existing
diversity and distribution of vectors, and how this evolves in
response to climate change remains critical to predicting future
disease threats.

Arthropod vectors are usually associated with nuisance biting.
For mosquitoes there are currently no diseases that indigenous
UK species transmit to humans. However, malaria was endemic
in marshy areas in the east of England until the start of
the twentieth century (5). Despite reintroductions after both
World Wars, the parasite was eliminated, as it was from the
rest of Europe until recently (6). For ticks there are a larger
number of indigenous diseases of animals associated with bites,
particularly from themost common tick species in the UK, Ixodes
ricinus, which transmits louping ill virus, Babesia divergens and
Anaplasma phagocytophilum in the UK. For humans, tick bites
from this species can result in Lyme disease. Cases of Lyme
disease have also been reported in dogs (7) and pet dogs have
been proposed as a sentinel for disease risk (8). Finally, biting
midges are amajor vector for a number of high-impact veterinary
diseases. The following sections describe and discuss the actual
and potential threats to animals within the UK grouped by
arthropod vector.
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MOSQUITOES AND MOSQUITO-BORNE

DISEASES

There are over 30 mosquito species present in the UK
(listed in Table S1). All obtain nutrition through feeding on
vertebrate hosts (Figure 1). Potentially the most important
from a disease transmission perspective is the species Culex
pipiens, a vector for a number of viruses including notifiable
viruses, such as West Nile virus (WNV). Cx. pipiens is
a species complex containing a number of morphologically
similar forms with different bionomic properties that influence
virus transmission (9). A key property of Cx. pipiens is
its abundance across many areas of the country that put
many areas at risk of virus spread. Other species, such as
Aedes detritus, have also been associated with transmission

of a number of viruses (10–12). However, in contrast to Cx.
pipiens, its distribution is limited to coastal sites and estuaries
because of its requirement for salt water for oviposition and
larval development.

A key feature of mosquitoes within the UK is their seasonality.
Activity begins in early spring but most species only become
abundant during the summer months (13). Activity declines
during autumn and there is a complete cessation of activity
with species over-wintering in a variety of forms (desiccated
eggs, diapaused larvae and mature females). This restricts the
period over which mosquito-borne transmission can occur and
may be one of the reasons why there has been no evidence of
autochthonous mosquito-borne virus transmission in the UK
since the inadvertent introduction of both yellow fever virus and
its vector, Aedes aegypti, in 1865 (14).

FIGURE 1 | Schematic showing the life cycle of mosquitoes.
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Another key feature is the host feeding preference of
mosquitoes for a vertebrate host. All species within the UK
require a blood meal to provide sufficient nutrition to enable
egg development and maturation. Mosquitoes generally target
either a mammalian host or an avian host with this having clear
implications for the ability to transmit viruses between non-
conspecifics. Some mosquito species that feed on multiple hosts
can act as a “bridge” vector enabling transmission of a virus
that normally replicates in birds being transmitted to humans
and livestock. A number of previous studies have confirmed
that mosquitoes feed on a range of livestock and wildlife (15–
19). In the case of some mosquito species including Culiseta
annulata and Anopheles messeae, they appear to feed exclusively
on large ruminants. Others, such as Anopheles atroparvus, are
more opportunistic. The recent observation of Culex modestus
in the Kent Estuary (20), a bridge vector for WNV in mainland
Europe, has raised concerns that this could provide a vector
population if the virus was introduced, although surveillance has
not detected WNV in this mosquito population to date (21).

Threats From Mosquito-Borne Viruses

Present in Europe
The most prominent disease threat to UK public and animal
health is from those viruses that are already present in Europe
as these could be more readily introduced by migratory birds.
Predominantly these are flaviviruses, which are known to be
transmitted by arthropod vectors and can cause disease in
wildlife, livestock and in some cases humans. Below we expand
on some of these economically important flaviviruses (Table 1).
A number of these are currently active in Europe and capable of
causing disease in wildlife, livestock and humans (22).

West Nile Fever (WNF)
Until the start of the twenty-first century, WNV caused
sporadic outbreaks in Europe that affected both human
and equine populations, but rapidly resolved once mosquito
activity declined at the end of the summer. Notable outbreaks
occurred in the Camargue region, France, in 1962 (23)
and Bucharest, Romania, in 1996 (24). Figure 2 shows the

TABLE 1 | Bird associated viruses within the genus Flavivirus.

Virus Distribution Susceptible vertebrates

Bagaza virus (BAGV) Spain, sub-Saharan

Africa, India

Partridge, pheasants

Israel turkey

meningo-encephalitis virus (ITV)

Israel, South Africa Turkey

Japanese encephalitis virus

(JEV)

Asia Humans, pigs, equids

Louping ill virus United Kingdom Sheep, cattle, grouse

St. Louis encephalitis virus

(SLEV)

North America Humans

Tembusu virus (TMUV) Asia Duck, goose, chicken

Usutu virus (USUV) Africa, Europe Passeriformes, Strigiformes

West Nile virus (WNV) Africa, Europe,

Americas, Asia

Passeriformes,

Accipitriformes, humans

equids

European countries that have reported cases of WNV in
humans and/or horses. Domestic poultry have been affected
in Europe (25), but this is not a common observation
considering its prevalence and transmission by ornithophilic
mosquitoes. A more common observation is disease within
birds of prey (26) and these are a distinctive target for
syndromic surveillance.

Over the past two decades, outbreaks due to various lineages
of WNV have increased to the point where the virus is now
considered endemic in some countries of southern Europe,
resulting in regular outbreaks in particular regions, such as the
Po Valley in Italy and the Camargue in France. This distribution
changed in 2018, a year that experienced a particularly warm
summer with above average temperatures for a number of
months. Possibly as a result, WNV cases occurred in Germany
at latitudes considerably further north than reported in previous
years (27). Whether WNV establishes at these northerly latitudes
and continues to spread will likely depend on the climatic
conditions across northern Europe over subsequent summers.
However, surveillance is critical to provide early detection of
virus in arthropod and avian reservoirs prior to transmission to
humans (28, 29).

WNV is notifiable in the UK in horses. The virus has
not been detected in the UK although a seropositive horse
(30) has been reported resulting from importation. However,
the risk of introduction was recognized and a protocol put
in place to investigate suspected cases without unnecessarily
implementing the full range of veterinary control measures (31).
Horses are considered a dead-end host, due to low viraemia
and consequently are incapable of infecting other horses directly
or infecting potential vectors. A risk assessment published by
the Department for Environment, Food and Rural Affairs,
identified eight potential pathways (Table 2) that could lead to
the introduction of WNV into the UK (32). Overall, the greatest
risk was associated with introduction by migratory birds and
even this was considered “very low,” being defined as very rare
but cannot be excluded. The caveat to that has been a dramatic
change in the distribution of WNV in Europe that has led to
infected birds being detected in northern Europe, reducing the
potential distance that birds would need to migrate across to
reach the UK.

Israel Turkey Encephalitis (ITE)
Israel Turkey encephalitis virus (ITV), the causative virus of ITE,
was first reported in 1960 following descriptions of a neuro-
paralytic disease of turkeys (Melaeagris gallipavo) in Israel (33).
In addition, Bagaza virus (BAGV) was isolated from Culex
spp. mosquitoes in the Central African Republic (34) and has
since been detected across sub-Saharan Africa and India (35).
Interestingly, genomic sequence analysis has shown that these
viruses are very closely related flaviviruses, to the point where
they are effectively the same virus species. The repeated isolation
of the BAGV in mosquitoes from countries in Africa suggests
that mosquitoes are the vector, a feature shared with many
viruses within the genus. BAGV was detected in Europe in 2010
following the death of large numbers of red-legged partridges
(Alectois rufa) in southwestern Spain (36) and was coincident
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FIGURE 2 | Map of Europe showing the countries affected by West Nile virus to 2018 (marked in green). Inset shows the reservoir cycle between mosquitoes, mainly

Culex species, and birds, and spillover into mammalian species.

TABLE 2 | Risk pathways for the introduction of West Nile virus into the UK

[adapted from Defra (32)].

Pathway Risk

Introduction by migrating birds Very low

Importation by legal trade in horses Very low

Importation by legal trade in biological materials

(equine semen, ova, embryos)

Negligible

Importation by legal trade in poultry Negligible

Importation by legal trade in non-equine/non-avian

species

Negligible

Illegal importation of infected animal Impossible to quantify

Importation of infected vector Very low

Air-borne movement of vector from continental Europe Negligible

with cases of WNV in horses in the region. Common pheasants
(Phasianus colchicus) were also affected during the epizootic. The
source of the introduction, presumably from Africa, was not
identified and there have been no further reports of disease in
Europe, although seroprevalence studies have suggested that the
virus continues to circulate in wild bird populations in Spain (37)
and thus continues to present a risk of disease to poultry if it
spreads more widely.

Usutu Virus Infection
Disease caused by Usutu virus (USUV) has not been defined into
a single disease entity. Infection in birds can lead to a range
of disease signs and at necropsy virus is found throughout the
organs of the infected animal (38), while infection in humans
is rarely associated with disease. The virus is a flavivirus closely
related toWNV that exists in a reservoir cycle betweenCulex spp.
mosquitoes and birds. Unlike WNV, USUV is not particularly
pathogenic in mammals, although occasional human infections
are reported, but infection does appear to be more virulent

for avian species (39). The first reports of USUV date back
to the late 1990s and retrospective analysis of bird samples
has found evidence for its introduction into Italy in 1996
(40). Various strains of the virus rapidly established in parts
of the Mediterranean Basin and have been repeatedly detected
during surveillance for WNV (41). The viral strains have also
spread north, being detected in Germany (42) and Belgium (43)
often associated with increased mortality in species, such as
the blackbird (Turdus merula). Vector competence studies have
shown that Culex pipiens mosquitoes from the Netherlands are
highly competent to transmit USUV (44) that does not appear
to be reflected by those present in the UK (45). However, the
introduction of USUV by short distance avian migrants from
the European mainland is possible, especially during the summer
months, and justifies limited surveillance in target bird species
(46). The major threat of USUV would be to avian species
abundance and diversity, as infection may reduce populations of
susceptible species.

Infections Caused by Other Pathogens in

Europe
Two further mosquito borne viruses that are implicated in
disease in animals have been reported in Europe. Batai virus
(BATV) is an orthobunyavirus related to Schmallenberg virus
(see below). Repeated isolation of BATV suggest that mosquitoes
are a competent vector for the virus (47, 48) although an
association with a particular species has not been confirmed. Also
the evidence that the virus causes disease in livestock is equivocal
although serology studies in Germany detected evidence of
infection (49) and BATV was recently implicated in the death of
a harbor seal (50).

Sindbis virus (SINV) is an alphavirus that is transmitted
between birds and ornithophilic mosquitoes. It is one of the
most widespread viruses with evidence for its presence in Europe,
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including Scandinavia, where it causes a mild febrile illness and
arthralgia in humans called Ockelbo in Sweden. SINV has also
been detected in Asia and South Africa. It is assumed that
birds are refractory to disease, although surveillance occasionally
detects the virus in bird tissues (51). There is also evidence
that SINV can cause neurological disease in African horses (52),
although this has not been observed in Europe.

Canine Heartworm
Canine heartworm, also known as subcutaneous dirofilariosis, is
caused by the parasitic worms Difilaria repens and D. immitis
(53). Immature microfilariae circulate in the bloodstream where
they can be taken up by mosquitoes and transmitted to a
new host. The adult form migrates to muscular tissue where
they remain, eventually leading to disease. In the early 2000s,
the distribution of D. immitis in Europe was associated with
countries around the Mediterranean Sea (54), but infections
have been documented in the UK, likely following import from
mainland Europe (55). Recent surveys of PVS inWestern Europe
provide anecdotal evidence that cases are on the increase (56),
related in part to the increasing number of dogs being taken on
holidays in southern Europe (57).

SIGNIFICANT MOSQUITO-BORNE

VIRUSES AFFECTING ANIMALS

GLOBALLY

Japanese Encephalitis
Japanese encephalitis virus (JEV) is a zoonotic virus that is found
throughout Asia. Like WNV and USUV, the virus persists in a
bird-mosquito cycle that can spill-over into human and livestock
populations. In contrast to the other viruses, pigs can act as a
vertebrate reservoir host for JEV. As its name suggests it causes
severe encephalitis in humans often leaving the patient with
long term neurological deficit. It is also an economic disease
of pigs causing abortion, still-birth and death in piglets (58).
A range of Culex species transmit the virus, particularly Cx.
tritaeniorhynchus, a species found in south east Europe (59). A
number of recent reports have presented evidence for JEV in
Europe (60, 61). However, these results are based on detection
of partial genomic sequences not a complete genome, and live
virus has not been isolated and as such there is some controversy
over whether these are genuine cases of infection. If they are
confirmed, it would represent a dramatic translocation of the
virus. However, a single case of JEV has been reported from
Africa in a human co-infected with yellow fever virus (62).
Overall, the threat posed by this virus to the UK is low, although
continued increase in air travel from Asia could lead to viraemic
humans arriving in Europe where indigenous mosquitoes are
competent to transmit JEV (10, 63, 64).

Rift Valley Fever
Rift Valley fever (RVF) is a zoonotic disease of ruminants causing
sporadic outbreaks among livestock caused by the Rift Valley
fever virus (RVFV). RVF occurs across much of sub-Saharan
Africa (65). Transmission is facilitated by bites from infected
mosquitoes, although humans can become exposed through

contact with infected carcases. In sheep and cattle, disease is
initially a short-term febrile illness progressing to jaundice,
hepatic failure, and hemorrhagic disease. Mortality is severe in
juvenile animals reaching 90% in some outbreaks and high rates
of abortion and neonatal malformation are common. Significant
outbreaks have affected countries of North Africa and the
translocation of infected animals has led to RVF being introduced
into the Arabian Peninsula in 2000 (66–68). Other examples of its
transmission beyond the African mainland include its emergence
in Islands of the Indian Ocean including Madagascar (69) and
Mayotte (70). In addition, serological studies have suggested
that RVFV may be circulating in Turkey (71) and Iran (72).
To date there has been no evidence of RVFV introduction into
Europe, although some researchers have speculated that this is
likely based on previous examples of translocation out of Africa
and a number of studies have shown that mosquito species in
Europe are competent vectors for the virus (12, 73). With the
possible exception of human travel from Africa, it seems unlikely
that RVFV could be introduced inadvertently in livestock or
livestock products to the UK due to paucity of such trade at
the current time. However, an increase in livestock trade with
Africa or its introduction into mainland Europe would change
this assessment. However, there is currently concern that RVFV
could be introduced into the United States (US) and Europe (74).

Saint Louis Encephalitis
St. Louis encephalitis virus (SLEV) is a flavivirus that appears
to occupy the same ecological niche in the New World that
WNV occupies in the Old. Indeed, whenWNV emerged in North
America in 1999 the initial cases were suspected to be infected
with SLEV. Similar to WNV the primary transmission cycle
of SLEV is between mosquitoes and birds, although mammals
may also contribute. In addition, the virus may cause sporadic
outbreaks of human encephalitis throughout North and South
America. Phylogeographic investigations have suggested that
SLEV emerged in the seventeenth century in Central America
and been translocated by bird migration (75). Serological surveys
suggest that livestock can be infected asymptomatically with
SLEV (76) and there has been a report of a horse with
neurological disease associated with infection with the virus (77).
Critically, there is currently no evidence for SLEV infection
outside of the Americas.

Equine Encephalitis
The New World also hosts a number of zoonotic alphaviruses
that cause encephalitis in humans and horses. These are
collectively termed the equine encephalitides and the complex
is composed of three viruses: Eastern equine encephalitis
virus (EEEV); Western equine encephalitis virus (WEEV); and
Venezuelan equine encephalitis virus (VEEV). Each is widely
distributed, transmitted by a range of mosquito species and all
viruses cause severe disease in equids and humans (78). As with
SLEV, there has been no evidence for these viruses outside of the
Americas despite extensive intercontinental transport of horses
and the risk of introduction is considered negligible.
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Duck Egg-Drop Disease
Tembusu virus (TMUV) was first isolated in mosquitoes in
Malaysia in 1955, and subsequently shown to cause encephalitis
and growth retardation in chicks (79). Birds are the natural
amplifying host and a number of wild species have been identified
as playing a role in TMUV persistence. Interest in the virus has
increased in recent years as it has been demonstrated as the
causative agent of duck egg-drop disease in China (80). The virus
has only been detected in South-east Asia and is not considered a
threat to Europe currently.

The Threat Posed by Invasive Mosquito

Species
Non-native or invasive mosquito species have had a dramatic
impact on public health in Europe. The introduction and spread
of the Asian tiger mosquito (Aedes albopictus) in particular
has been a major factor in outbreaks of chikungunya virus
in Italy, and repeated outbreaks of dengue fever in southern
France (81). Surveillance for invasive mosquitoes in the UK
is conducted by Public Health England (82) and there have
been a number of detections in England in recent years (83).
The impact on animals from the introduction of invasive
mosquito species is uncertain and there is little evidence
from Europe that the establishment of such mosquitoes has
led to increased disease prevalence in animals. The feeding
preference of Aedes albopictus is varied depending on the
availability of potential hosts (84, 85) and there are reports of
the species feeding on cattle (86, 87). However, there is no
evidence that were Ae. albopictus to establish in the UK, there
would be greater risk of disease transmission to livestock or
domestic animals.

TICKS AND TICK-BORNE DISEASES

There are over 20 species of ticks indigenous to the UK (see
Table S2) and all acquire nutrition through feeding on vertebrate
hosts (Figure 3). Surveillance for ticks in the UK indicates that
the species most often associated with tick bites to humans is the
common sheep tick Ixodes ricinus (88, 89). Other species that feed
on livestock but show limited geographical distribution include
the ornate cattle tick (Dermacentor reticulatus) (90) and the red
sheep tick (Haemaphysalis punctata) (91).

Louping Ill
Louping ill virus (LIV) is the only indigenous tick-transmitted
virus present in the UK. The disease results from viral
encephalomyelitis, mainly affecting sheep, which show signs of
neurological impairment including incoordination, altered gait
and ataxia. Other mammals can be infected although such cases
are rare. Of further economic significance is the susceptibility
of red grouse (Lagopus lagopus scoticus) to infection (92). LIV
occurs in upland areas of the British Isles (93, 94) with sporadic
reports of disease in sheep from the west of Scotland, Cumbria,
Wales, and Devon.

Louping ill is classified within the family Flaviviridae and
genus Flavivirus, and is closely related to tick-borne encephalitis
virus, a virus found across Eurasia causing disease in humans

rather than livestock. The disease louping ill has been observed
in sheep for centuries, but it was not until the late 1920s that
the infectious agent was isolated from the central nervous system
of sheep showing disease signs and demonstrated, through
filtration, to be a virus (95). Shortly after this, the role of Ix.
ricinus ticks in disease transmission was established (96). Since
that time, most research has been directed at understanding
the susceptibility of particular mammal species to LIV infection
(97, 98) and the interaction of the tick vector, wild mammals and
livestock in maintaining the virus within the upland ecosystem
(99). Ticks can also be infected with LIV through co-feeding
(defined as feeding in close proximity to another infected tick),
without infection or viraemia in the host (100). This is thought to
contribute to the persistence of LIV even when control measures
in sheep, such as vaccination, are applied. Experimental studies in
support of field observations have shown that duel infection with
LIV and Anaplasma phagocytophilum (see below) can increase
the severity of disease in sheep (101).

In addition to vaccination, alternative control measures
include acaricide treatment of livestock and habitat management
as means of preventing tick feeding and suppressing tick
numbers, respectively. The identification of certain wildlife
species that promote LIV persistence in upland areas (102) has
led to the controversial management practice of cullingmountain
hares as a means of controlling tick abundance.

A number of viruses related to LIV are present in Europe.
These are rarely reported but have very similar properties to
LIV, including transmission by Ix. ricinus ticks and causing
encephalitis in ovine species, but these viruses are restricted
geographically. The most recent example of LIV-like infection
was the detection of a virus causing encephalitis in goats in
northern Spain (103). This was initially attributed to LIV due to
genetic similarities to existing strains in the UK, but the virus
has subsequently been renamed Spanish goat encephalitis virus
(SGEV) based on differences across the complete genome (104)
and its exclusive presence in Spain.

Babesiosis
Babesiosis is a tick-borne intraerythrocytic protozoan disease
that affects mammals and is caused by species within the genus
Babesia. The disease presents with a range of signs. Many cases
may be subclinical or show mild signs of low grade fever and
anorexia that may be missed. However, clinical disease results
from a combination of the host immune response and hemolytic
anemia caused by destruction of erythrocytes. This can lead to
hemoglobinuria (classically a port wine coloration in urine). In
cattle the common name for the disease in the UK is redwater
fever. Overt signs include a rapid onset fever reaching 41◦C and
non-specific signs including anorexia, depression and weakness.
Death can result from hepatic and respiratory complications,
and renal congestion caused by deposition of hemoglobin in
the renal tubules. Following recovery, low levels of infection
may be maintained within erythrocytes of affected animals for
a number of years without signs of clinical disease and which
may form a reservoir of infection for feeding ticks. Calves below
9 months of age demonstrate an innate, inverse, age related

Frontiers in Veterinary Science | www.frontiersin.org 7 February 2020 | Volume 7 | Article 20104

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


Folly et al. Arthropod-Borne Threats to the UK

FIGURE 3 | Schematic showing the life cycle of Ixodid ticks.

resistance, unrelated to maternal immunity, and do not suffer
clinical disease.

Babesia spp. only infect female ticks following blood feeding
on infected animals and the parasites are transmitted via
transovarial transmission to the next larval generation and
subsequently to nymphal and adult ticks via transstadial
transmission. Thus, at least one complete generation of ticks may
be infected and are capable of transmitting the disease to naïve

animals. Globally, the most significant species causing babesiosis
in cattle are B. bigemina and B. bovis (105) with both being found
on almost all continents. The most common species causing
disease in Europe is B. divergens (Figure 4A), which is also the
most widespread Babesia species affecting cattle in temperate
regions and was first described in England by McFadyean and
Stockman (106). It was originally named Piroplasma divergens,
referencing the pear shaped paired merozoites lying at a typically
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FIGURE 4 | Blood films stained with Giemsa stain for (A) B. divergens in

erythrocytes, (B) B. major in erythrocytes, and (C) A. phagocytophilum in the

cytoplasm of neutrophils.

divergent angle within the erythrocyte. Genetic evidence for the
presence of B. divergens in British livestock has only recently
been confirmed (107). Infections occur sporadically throughout
Europe and may extend as far south as North Africa (108).
Its distribution is defined by that of its tick vector, Ix. ricinus,
which requires a microhabitat with at least 80% humidity to
support metamorphosis and survival of life cycle stages off the
host. This may include unimproved permanent pasture, rough
moorland grazing, headlands and hedges of well-maintained
pasture as well as forest floor. In addition B. divergens is zoonotic
and has resulted in death in a number of humans, particularly
in splenectomised or immunocompromised individuals (109).
A second Babesia species has been detected in English cattle

(110) transmitted by H. punctata in the South-east and based
on its morphology is now considered to be the relatively non-
pathogenic species B. major (111, 112) (Figure 4B). Additional
species that can infect cattle include B. bovis, B. bigemina,
B. ovata in Eastern Asia, B. occultans in Africa and more
recently the Mediterranean area and B. venatorum (formerly
Babesia sp. EU1) (105). Treatment may include supportive
therapy including intravenous administration of fluids, blood
transfusion and administration of vitamins as well as anti-
protozoal chemotherapy using Imidocarb diproprionate.

A threat to equines in the UK is equine piroplasmosis caused
by Babesia caballi or Theileria equi infection. Historically, the
UK has been considered free of equine piroplasmosis despite the
presence of seropositive and pathogen positive horses resident
within the country (113) and populations of one of its tick
vectors, Dermacentor reticulatus, being present in Wales and
southern England (90). Nevertheless, the risk of causative
pathogens becoming established within the vector population
is evident and could lead to autochthonous transmission in
the future.

A range of Babesia species cause mild disease in sheep and
goats. These include B. ovis, B. motasi, and B. crassa (114).
Of these, B. motasi has been detected in Wales (115, 116)
and England (117), both are associated with H. punctata ticks.
In Europe, disease presents as hemolytic anemia and chronic
wasting, although it is rare.

Canine babesiosis is caused by a small number of piroplasms
(see Table 3). Disease can be unapparent but in severe cases, dogs
can develop fatal anemia (118). All canine-associated Babesia
species are considered exotic to the UK. However, there have
been a number of reports of individual dogs infected with B. canis
and B. vogeli following travel in Europe (119–121). In 2015/2016
there were reports of autochthonous transmission of B. canis by
D. reticulatus ticks in Harlow, southern England (122).

Theileriosis
Theileriosis is a tick borne hemoparasitic disease of livestock
including cattle, sheep, goats and equids caused by Theileria
spp., which are apicomplexan protozoa closely related to Babesia.
Unlike Babesia sp., transmission of Theileria spp. within the tick
vector is transstadial only. Infection is acquired by larval or
nymphal ticks feeding on infected animals and is maintained
in the following nymphal and adult stages. No transovarial
transmission of Theileria spp. has been demonstrated within
tick vectors. Whilst both Babesia and Theileria spp. are
transmitted through the bite of infected ticks, Babesia sp directly
enter erythrocytes of infected animals whereas Theileria spp.
initially undergo a lymphocytic phase of division (Schizogony)
to produce merozoites which are released to invade host
erythrocytes where further division occurs. Three species of
Theileria cause significant economic impact on cattle farming
worldwide, T. parva (East Coast Fever), T. annulata (Tropical
Theileriosis), and T. orientalis (Far East, Australasia). Clinical
bovine theileriosis is mainly reported from The Middle East,
Africa, Asia (123) and most recently in Australia and New
Zealand (124). East Coast Fever caused by T. parva is the
most severe form of disease in cattle presenting with fever and
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TABLE 3 | Tick-borne diseases of livestock in Europe.

Disease Pathogen Vector species Susceptible

species

Comment

African Swine fever African swine fever virus Ornithodoros spp. Pig The vector is absent from Europe,

transmission is directly from pig

to pig.

Louping ill Louping ill virus Ixodes ricinus Sheep

Red grouse

Restricted distribution, mainly found

within the British isles.

Babesiosis Babesia bigemina Rhipicephalus bursa Cattle

Babesia bovis Rh. annulatus Cattle

Babesia major Haemaphysalis punctata Cattle

Babesia divergens Ix. ricinus Cattle

Babesia occultans Hy. Marginatum Cattle

Babesia canis Rh. sanguineus Dog

Babesia vogeli Rh. sanguineus Dog

Babesia gibsoni Rh. sanguineus Dog

Babesia ovis Rh. bursa Sheep

Babesia motasi Ha. punctata Sheep

Babesia caballi Various tick species Horse

Theileriosis Theileria annulata Hyalomma marginatum Cattle

Theileria lestoquardi Hyalomma spp. Sheep

Theileria equi Hyalomma spp. Horse

Theileria orientalis Ha. punctata Cattle

Ha. punctata Sheep

Theleria luwenshuni Ha. punctata Sheep

Anaplasmosis Anaplasma phagocytophilum Ix. ricinus Cattle

Anaplasma marginale Ixodes and Rhipicephalus spp. Cattle

Hepatozoonosis Heptatozoon canis Rhipicephalus sanguineus s.l. Dog Infection through ingestion of

infected ticks

enlarged lymph nodes, particularly near tick bites (125). Other
disease signs include anorexia, nasal discharge, and diarrhea
with mortality reaching 100% during severe outbreaks. Blood
smears show the presence of parasite in both leukocytes and
in erythrocytes.

A benign form of Theileria has been detected in cattle in
southern England transmitted by the tick H. punctata (126).
Based on morphology of the parasite in blood smears it was
identified as T. mutans. However, serology suggested that it was
identical with Theileria sp. from Asia (127). Recently, there has
been further evidence of Theileria species present in UK through
the detection of the parasite in the blood meal of mosquitoes
that have fed on cattle (128) grazing a known site of H. punctata
activity. This was identified as T. orientalis based on genomic
sequence data and although T. orientalis strains cause severe
disease in cattle in Asia and Australasia, there have been no
records of clinical bovine theileriosis in the UK. Ovine theileriosis
caused by Theileria luwenshuni has been reported in North Kent
associated with high tick burden (117).

Anaplasmosis (Tick Borne Fever, Pasture

Fever)
Tick-borne fever was recognized as a discrete disease of
cattle in the late 1940’s (129). The causative agent is a gram
negative bacterium now known as Anaplasma phagocytophilum

(130) a name that has replaced three synonyms, Cytoecetes
phagocytophila, Erhlichia phagocytophila, Ehrlichia equi and is the
causative agent of human granulocytic anaplasmosis (HGA). As
the common disease name suggests, infection presents as a fever
and anorexia. There have been repeated reports of tick-borne
fever in dairy herds in the UK (131, 132) and reduction in milk
yield can indicate infection. In more serious cases, abortion and
stillbirth are signs of disease (133). Some animals are also affected
by respiratory distress in response to infection.

In Europe A. phagocytophilum is transmitted by the sheep
tick Ix. ricinus, so like B. divergens, its occurrence is dictated by
the presence and abundance of this tick species. The disease has
been reported from across the UK and Ireland. In continental
Europe, cases have been reported from Spain, France, Germany
and the Scandinavian countries. Anaplasma phagocytophilum
is also present in North America and transmitted by ticks,
such as Ix. scapularis and is more commonly identified as a
cause of HGA (134). Cases of HGA in Europe are rare but
do occur, often as a mild fever (135). Most outbreaks occur
following the introduction of naïve cattle onto tick-infested fields
(136). Following feeding by an infected tick, the bacteria are
detectable in circulating granulocytes, particularly neutrophils
(Figure 4C). This coincides with the onset of fever (>40◦C). Due
to the infection of granulocytic cells, infected animals become
immunosuppressed and this can lead to increased susceptibility
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to other infections, such as tick pyaemia caused by Staphylococcus
aureus (137). This can be particularly devastating in sheep herds
(138). Treatment is typically based around the administration of
oxytetracycline or sulfamethazine.

EMERGING TICK-BORNE THREATS IN

EUROPE AND AFRICA

A significant emerging threat to the pig production industry
has been the emergence of African swine fever virus (ASFV) in
Europe. The virus evolved in Africa where it is transmitted by soft
ticks within the genus Ornithodoros. Infection in native species,
such as warthogs (Phacocherus africanus) causes subclinical
disease, whereas infection in domestic pigs can be devastating
with mortality reaching 100% in some cases (139). ASFV
was introduced in the Caucasus region in 2007 and spread
rapidly north into the Russian Federation, presumably through
movement of livestock. It then entered the wild boar population
in the Baltic States and from there emerged in Western Europe
in the summer of 2018 (140, 141). In Northern Europe there are
no known tick vectors, so transmission is through direct contact
between animals which has resulted in the culling of wild boar
populations in an attempt to reduce disease spread.

Additional exotic threats include infection with Crimean-
Congo hemorrhagic fever virus (CCHFV) and Nairobi sheep
disease virus (NSDV). The former is transmitted by Hyalomma
ticks to livestock that can become infected, but do not show signs
of disease. The main risk is to humans that have contact with
infected meat or milk, as this may lead to fatal haemorrhagic
fever (142). CCHFV has a wide distribution from Spain and the
Balkans in Europe, Africa and Asia (143). Nairobi sheep disease
is a potentially fatal disease of ovines and found in parts of Africa
where Rhipicephalus ticks are active (144). A variant of NSDV,
Ganjam virus has been reported in India, although this represents
no immediate threat to the UK.

RISKS FROM EXOTIC TICKS

The introduction and establishment of exotic ticks could lead
to a change in the current risk assessment of animal diseases
due to tick-borne pathogens. This could lead to either the
direct introduction of a pathogen with the ticks or provide a
reservoir population should a pathogen be brought in by an
infected vertebrate. A range of pathways for introduction exist,
perhaps the most important being those enabled by humans.
The importation of ticks on animals, such as dogs, have been
well-documented for Rh. sanguineus (3, 145) and can lead to
infestation of houses. A further risk associated with this tick
species is the potential for introduction of Hepatazoon canis,
a common disease of dogs in southern Europe resulting from
ingestion of infected ticks. There have been a number of recorded
cases in the UK (146). However, expert opinion and surveillance
suggest that this tick species cannot persist in the British climate
at present. Another pathway is the introduction of ticks on
migrating birds. A number of studies have reported Hyalomma
spp. on birds migrating north through Europe (147, 148). Further

studies have confirmed that such ticks can be infected with
zoonotic pathogens (149), such as Crimean-Congo haemorrhagic
fever virus. But again, it is unlikely that such ticks will survive
and thrive in the UK, so onward transmission of pathogens will
be limited. A recent report has suggested that the presence of an
adult H. rufipes found on an untraveled horse in the south of
England could have been introduced as a nymph by migrating
birds (150). This is of concern as it suggests partial completion of
the ticks’ lifecycle within the UK.

MIDGES AND MIDGE-BORNE DISEASES

Biting midges (Figure 5) within the genus Culicoides (Latreille,
1809) are the vectors of a number of significant diseases of
livestock including bluetongue virus and African horse sickness
virus (AHSV). Species within the genus are small, ranging
from 1 to 3mm in length and so morphological identification
can be challenging, and with over 1,000 species within the
genus a comprehensive classification is not currently available
(151). However, within Europe the main species identified as
responsible for virus transmission are C. obsoletus, C. scoticus, C.
dewulfi, C. chiopterus, C. pulicaris, and C. punctatus (152). Whilst
mosquitoes and ticks can be introduced by human interventions
including cars, freight lorries, shipping, and migratory animals,
midges can be moved over large distances by wind movements
(153). This mechanism has been responsible for the introduction
of a number of exotic livestock viruses in the UK (154). The
following midge-vectored viruses represent those that have either
caused disease outbreaks in recent years, or have the potential to
do so if introduced, to theUK. Bovine ephemeral fever is included
in this section, although there is still uncertainty over the role of
midges and mosquitoes in transmitting this virus (155).

Bluetongue
Bluetongue is a midge-borne disease caused by serotypes of the
Orbivirus, bluetongue virus (BTV). Ruminants are susceptible
to disease with cattle presenting with elevated temperature and
congestion of, and discharge from, the mucous membranes. This
can develop into crusts and erosion of the nasal and oral mucosa.
Animals can become lame due to coronitis, inflammation of
the coronary band above the hoof, and ulceration of the teats
can occur. Transplacental transmission can lead to congenital
deformities and developmental defects in live births (156).
Diagnosis is based on serology and detection of virus using RT-
PCR (157). Critically BTV serotype 8 emerged in the Netherlands
in 2006 (158) and proceeded to spread across Europe. Cases
of BTV infection were reported in England in 2007, likely the
result of airborne spread of the midge vector across the North
Sea. As a notifiable disease, control measures were introduced
that eliminated the disease in the UK. In 2015, BTV serotype 8
re-emerged in France and has persisted over two winters (159).
Despite its proximity, the potential of transmission to the UK is
considered to be low.

Schmallenberg
Schmallenberg virus (SBV) was first reported in a herd of cattle
in Germany experiencing a drop in milk yield and diarrhea (160).
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FIGURE 5 | Schematic showing the life cycle of Culicoides midges.

Infection with SBV in adult ruminants can be mild but infection
in utero can lead tomalformation and abortion, and this is usually
how the disease presents. The virus is an Orthobunyavirus and
is transmitted by Culicoides biting midges. SBV spread rapidly
across Europe and the first case of disease reported in England
occurred in East Anglia in April of 2012. Subsequently, there
were repeated outbreaks of SBV infection in both cattle and
sheep in England (161). Although currently there are no active
UK outbreaks, the threat of disease remains high. Malformation
in new born animals is typical of SBV infection including
contraction of the limbs, arthrogryposis, and microencephaly.
The diagnosis can be confirmed by detection of virus by RT-PCR
(162) or detection of SBV antibodies in the mother (163).

African Horse Sickness
African horse sickness is characterized by a sudden onset fever
and edema of the head and neck. Amore severe form is associated
with pulmonary illness that leads rapidly to death. Mortality rates
can reach as a high as 70%. The main vector for transmission is
C. imicola, a species absent from northern Europe. The disease
is caused by another Orbivirus, African horse sickness virus
(AHSV) that is endemic in tropical and sub-tropical regions of
Africa. Outbreaks in Europe have occurred, most notably the
introduction of AHSV in a consignment of zebras brought into
a safari park near Madrid in 1987 causing the disease to persist in
the Iberian Peninsula until 1990 (164).

Bovine Ephemeral Fever
Bovine ephemeral fever or three-day sickness is caused by
infection with bovine fever ephemerovirus (BEFV—formerly
bovine ephemeral fever virus). Infection causes transient fever
with ocular and nasal discharge, depression and recumbency

(165). Severe disease can lead to livestock deaths and recent
outbreaks in Israel and Turkey have reported significant
mortality (166, 167). The virus is transmitted by arthropod
vectors although an exact association with a particular species
has not been established, with BEFV being detected in both
Culicoides midges and mosquitoes in Australia (165). Bovine
ephemeral fever is either enzootic or occasionally epizootic in
Africa, Asia and Australia (168–170). There have been no cases
reported from Europe, with the exception of possible cases in the
European region of Turkey, so currently there is a low risk of its
emergence in the UK.

DISCUSSION

This review has highlighted a large number of pathogens that
infect animals in the UK, and others that are at risk of
introduction (Figure 6). A striking feature of this extended
list is the small number of arthropod-borne viruses that are
currently present in the UK, limited to one tick-borne virus,
LIV. Various reasons for this have been suggested including a
low level of competence of indigenous species (171) and climatic
factors, such as lower mean temperatures and a shorter active
season for vectors than in other parts of Europe. However,
a growing number of studies have shown that indigenous
species of mosquitoes are capable of transmitting viruses under
experimental conditions similar to that found during the summer
months (10, 12, 45). Another key factor is the absence of
certain vector species, for example sandflies and tick species.
Phlebotomus sandflies transmit Leishmania infantum to dogs
causing canine leishmaniosis in southern Europe. The absence
of sandflies in the UK means that there is no vector borne
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FIGURE 6 | Schematic showing the distribution of virus pathogens of animals in the British Isles, Europe and the World.

transmission, although infected dogs are imported (172) and
there is suspicion that dog to dog transmission can occur
(173). The introduction of exotic ticks, such as Hyalomma and
Rhipicephalus spp., vectors of viruses, such as CCHFV and NSDV,

respectively, could lead to the introduction and establishment of
these diseases. In the case of Hyalomma species, ticks are being
introduced by migrating birds but have so far failed to establish
a detectable reproductive population. Changes to the climate
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may make the UK more permissive for such species. Increases
in a range of parameters will influence vector populations. For
example, an increase in mean temperatures throughout the year
will extend the period over which vectors are active and lead to
extended periods where temperatures are permissive for virus
replication, which may promote vector competence. Another
area of uncertainty is the ability of pathogens to survive the
winter. An increase in midwinter temperatures will promote
vector survival and increase the probability that infected vectors
will enable overwintering of pathogens. Critically, WNV is
successfully overwintering in Central Europe, which is driving
repeated outbreaks of disease and increasing its distribution.
For anthropophilic mosquitoes, such as Ae. albopictus, climate
modeling suggests that only the southeast of England has
suitable climatic conditions for the mosquito species to establish,
coincidentally the one part of the UK where Ae. albopictus has
been detected. The current trends in climate change, particularly
to the daily temperature range will increase the areas of the UK
that can accommodate the species (174).

In addition to climate change, human action in activities,
such as international travel by air, livestock movements and
conversion of land to agricultural use can lead to the movement
of disease vectors (175, 176). The introduction of Ae. albopictus
into southern England may have been introduced by cars or
lorries entering the country. Whilst the introduction of an
anthropophilic mosquito species may not change the risk of
disease transmission to animals, the addition of an invasive tick
may be more significant, particularly as there are already tick-
borne diseases active in the UK. The emergence of the Asian
long-horned tick, Haemaphysalis longicornis, in North America
is a dramatic demonstration of how quickly an invasive tick
species can establish in a new environment. As its common name
suggests, the tick is a native of East Asia and had been repeatedly
intercepted on quarantined livestock entering the United States.
However, in 2017 it was detected in a sheep flock in New Jersey
(177). Subsequent surveillance confirmed the presence of the
tick in a further eight US states. Modeling has suggested that
the tick could eventually spread across much of the US and
Mexico (178). Of significant concern is the ability of this species
to transmit a number of diseases including severe fever with
thrombocytopenia syndrome in humans (179) and Theileriosis
in livestock (180), in addition to transmitting existing tick-borne
diseases already present in the US.

The implication of these observations are that surveillance
for the introduction and spread of invasive arthropod species is
necessary to offer an opportunity to prevent establishment and to
predict at-risk areas well before a pathogen is introduced. Allied
to this is an understanding of the assemblage, behavior, ecology
and abundance of indigenous vectors. The monitoring of the
mosquito species Culex modestus in the UK, is an example of
this (181). Genetic studies suggest that this species is a recent

introduction from continental Europe (182). The population has
expanded across large areas of the Thames Estuary and East
Anglia, and these areas are now considered at greater risk of
WNV spread, were the virus to be introduced. Monitoring for
other invasive arthropod vectors, such as ticks and sandflies will
provide an early warning for increases in the risk of arbovirus

emergence. This reflects trends observed in southern Europe
where there is push for harmonization between governments in
response to an increasing risk to public health (183). In addition
to field-based surveillance for vector species, there are initiatives
in the UK to introduce innovative measures to detect changes
to vector distribution, prevalence on animals and incidence of
disease (184, 185).

CONCLUSIONS

A key driver in the application of surveillance of livestock,
domestic pets, and wildlife is to detect disease before there is
widespread transmission of disease. This reduces the risk of spill-
over of some diseases into the human population, ameliorates
the economic impact of the outbreak to industry, reduces
potential harm to domestic animals and limits challenges to
biodiversity within wildlife. The cost of surveillance needs to
be proportionate to the risk and balanced against the cost of
an outbreak. The estimated cost to the agricultural sector as a
result of the 2001 outbreak of foot and mouth disease in the UK
was £3.1 billion with the tourism sector being equally affected
(186). It is unlikely that the introduction of an exotic arbovirus
disease will be as costly in strict financial terms as this, although
the ability to eliminate the disease will be highly dependent
on a range of factors, including competent vector distribution
and the movement of compromised animals. The experience
from mainland Europe is that once established, vector-borne
diseases with a wildlife reservoir are difficult to eliminate
and subsequent emergence is unpredictable and challenging to

control. The early identification of the source of the introduction,
controlling infected vector populations and the availability of
effective interventions, such as vaccination, all help to reduce
the impact of disease but not continued transmission. For many
disease-vector combinations, these interventions will be difficult
to implement and thus elimination may not be possible and
control will be replaced by prevention. The UK is in a fortunate
position with respect to vector-borne diseases in animals due
in part to geographical barriers. However, with changes in
vector and pathogen distribution this is likely to change in the
coming decades.
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The susceptibility of sheep, cattle, pigs, chickens and chicken embryos to Zika virus

infection was evaluated by experimental inoculation with Zika virus Thailand strain

isolated from a Canadian traveler in 2013. The inoculated animals did not develop

any clinical signs of disease nor evidence of Zika virus replication in peripheral blood,

cerebrospinal fluid and tissues including brain and spinal cord assessed by real-time

RT-PCR. Sera were also negative for Zika virus antibodies by Zika virus neutralization

assays as well as Zika virus immunoperoxidase staining of Zika infected Vero cells.

Chicken embryos were inoculated by different routes including yolk sac (4 day old

embryos), chorioallantoic membrane (8 day old embryos), amniotic fluid (8 day old

embryos) and intravenous routes (12 day old embryos). Virus replication in chicken

embryos was observed in the brain and body tissues following intravenous (IV), yolk sac

(YS), chorioallantoic membrane (CAM), and amniotic fluid (AF) inoculation routes. The

highest mortality was observed in embryos inoculated via yolk sac. The dead embryos

showed diffuse muscular hemorrhages. The yolk sac inoculated chicken embryos

showed delayed hatching and displayed neurological signs immediately after hatching.

These studies demonstrate that 8 week old sheep, 6 month old cattle, 4 week old pigs,

and 4 week old chickens are not susceptible to Zika virus infection when inoculated

experimentally and therefore unlikely to pose a risk as Zika virus reservoirs. However,

chicken embryos are highly susceptible to Zika virus resulting in clinical disease of chicks

after hatching. This study demonstrates that Zika virus has a tropism for embryonic

tissue and that chicken embryos can be used as a model to study Zika virus replication

and pathogenesis.

Keywords: Zika virus, embryo, tissue tropism, susceptibility, chicken

INTRODUCTION

Zika virus is a Flavivirus originally identified in a febrile Rhesus macaque from the Zika forest
region in Africa in 1947 (1). It is spread by Aedes aegypti, a mosquito that can also transmit
dengue fever, chikungunya and yellow fever viruses. In recent outbreaks in humans, Zika virus
caused a mild self-limiting infection with clinical signs of fever, rash, conjunctivitis, arthralgia, and
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arthritis during an outbreak on Yap Island of the Federated States
of Micronesia in 2007 (2). Zika virus then spread to French
Polynesia in 2013 (3) where it continued to spread to islands of
the Pacific Ocean and then to South America (4). The spread of
Zika virus in the Western Hemisphere became a public health
emergency due to the link between Zika virus infection and
microcephaly in infants (5–7).

Most of the arboviruses depend on nonhuman animal
species for maintenance in nature. Many animal species
act as reservoirs for these arboviruses, and humans are
generally dead-end or accidental hosts to these viruses.
Some arboviruses such as dengue virus however, have
adapted completely to humans and can be maintained in a
mosquito-human-mosquito transmission cycle that does not
depend on nonhuman reservoirs. Antibodies to Zika virus
have been detected in a number of animal populations
including nonhuman primates, farm animals and wild
animals (8, 9). In these studies, however, the differentiation
between presumably Zika virus specific antibodies and
antibodies against other closely related flaviviruses was not
comprehensively performed.

Susceptibility of domestic farm animals to experimental Zika
virus infection has previously been evaluated in calves, pigs,
goats and chickens demonstrating these species as juveniles,
young adults or adults are not susceptible (10). However, a
different study demonstrated that neonatal pigs were susceptible
to Zika virus infection indicating that the age of the animal
may be an important factor for Zika virus infection (11). Farm
animals, if susceptible to Zika virus infection, may serve as
reservoirs for Zika virus increasing the risk of transmission to
farm workers, veterinarians and others associated with animal
husbandry. Therefore, the main goal of this study was to
confirm if sheep, cattle, pigs and chickens are susceptible to Zika
virus infection.

Understanding the effect of Zika virus infection on embryonic
development is critical. Currently a few animal models using
nonhuman primates (12, 13) and mice have been developed
(14). These animal models have expanded our knowledge on
Zika pathogenesis, however new animal models could provide
additional information on Zika virus induced neurological
lesions in susceptible hosts. Most current mouse models utilize
mice lacking at least one component of the IFN-signaling
pathway indicating that IFN signaling is critical for controlling
Zika virus replication (15). Although pregnant mouse models
using normal mice have been developed in which pups have
been demonstrated to be infected with Zika virus (16, 17).
In the study reported here, four different domestic animal
species were experimentally infected with Zika virus, and they
were closely monitored for clinical signs, viral replication and
development of humoral immune response to the virus. If
Zika virus replicates in these animal species to titers which
are high enough to allow for transmission of the virus,
they may serve as reservoir for the virus. If they develop
clinical signs or pathological lesions similar to that observed in
humans, they may be useful animal models to study Zika virus
induced pathology.

MATERIALS AND METHODS

Animals, Zika Virus Inoculation, and

Sample Collection
Six (8 week old) Rideau Arcott sheep, four (6 months old)
Holstein calves, and four (4 week old) Landrace/Large White
cross piglets were obtained from a high health status herd
operated by a recognized commercial supplier in Manitoba,
Canada. Six (2–4 week old) Leghorn chickens were obtained
from a specific pathogen free status flock operated by CFIA
Ottawa. The age of animals selected was based on availability to
procure animals of the youngest age which were not neonates. All
animals were housed in separate Biosafety Level 3 animal cubicles
at the National Centre for Foreign Animal Disease (Winnipeg,
Canada), and were fed a complete balanced diet and water ad
libitum with a 1 week acclimation period. On day “0,” sheep,
cattle and pigs were inoculated intradermally (0.1ml per site for
5 sites/animal) and intravenous inoculation of 1.0ml with Zika
virus Thailand (18) at 106 TCID50/ml propagated in Vero cells.
Chickens were given five subcutaneous inoculations 0.1ml each
and 0.5ml intravenous inoculation of Zika virus Thailand (106

TCID50/ml). All animal experiments were conducted under the

approval of the Canadian Science Centre for Human and Animal
Health Animal Care Committee, which follows the guidelines
of the Canadian Council on Animal Care. All animals were
observed twice daily, with clinical signs recorded throughout the
study. Rectal temperatures were measured prior to inoculation
for baseline levels and daily from 1 to 21 days post-infection (dpi).
Blood and sera, were collected from sheep on days 1, 2, 3, 6, 8, 10,
13, and 21 post-inoculation. Blood and sera were collected from
cattle on days 1, 3, 6, 8, 10, 13, and 20 post-inoculation. Blood and
sera were collected from pigs on days 3, 5, 6, 7, 10, 12, 14, and 21
post-inoculation. Blood and sera were collected from chickens on
days 3, 4, 6, 10, 13, 17, and 21 post-inoculation. Three weeks after
inoculation, sheep, cattle, pigs, and chickens were euthanized and
necropsies were performed. During the necropsy, animals were
assessed for gross pathology cerebrospinal fluid (CSF) as well as
tissues including the brain (cortex, midbrain and cerebellum) and
spinal cord were collected during the necropsies.

Egg Inoculations
Zika virus Thailand was inoculated into fertilized specific
pathogen free (SPF) chicken eggs (Canadian Food Inspection
Agency Fallowfield, Ottawa) at different embryonic stages using
different routes of inoculations. The virus was administered using
100 µl inoculations at various doses with the highest doses of 107

PFU/ml, or as 10-fold dilutions. The inoculation procedures were
done as follows. For intravenous (IV) inoculations 12 day old
embryonated chicken eggs (ECEs) were used. For yolk sac (YS)
inoculations 4 day old ECEs were used and for chorioallantoic
membrane (CAM) and amniotic fluid (AF) inoculation 8 day old
ECEs were used.

Prior to inoculations, eggs were allowed to cool at room
temperature for approximately 1 h. For IV inoculation, 27 gauge
hypodermic needles were used. For all other routes 1½ inch
23 gauge needles were used. Once inoculated the eggs were
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incubated at 33◦C in a nonrocking incubator for 24 h with
55% relative humidity (RH), and transferred to a nonrocking
incubator set at 37◦C with 55% RH. Eggs were candled twice
daily. All eggs dying within the first 24 h were discarded. The
dead eggs were stored at 4◦C a minimum of 1 h before the
tissues (allantoic fluid, CAM, brain, heart, liver, and eye balls)
were harvested. From small embryos, all organs were pooled as
body parts.

Hatching Experiments
Two hatching experiments were conducted, one via CAM
inoculation and the second via YS inoculation. For CAM
inoculation, a group of thirty six 8 day-old embryonated eggs
were inoculated with Zika virus dose of 104 PFU/ml and 36
control eggs were inoculated with sterile phosphate buffered
saline (PBS). Eggs were incubated for 7 days in the egg incubator
in the laboratory and transferred to a table top hatching incubator
with turning trays located in animal pens.

For the yolk sac inoculation, a total of 50 embryonated eggs
were used. Zika virus Thailand was inoculated into 30 eggs via
yolk sac on day 4 using a dose of 104 PFU/ml, and 20 eggs
with sterile PBS. The eggs were incubated for 11 days in the egg
incubator and transferred to a table top hatching incubator in the
animal pens.

Following inoculation, all eggs were assessed for viability by
candling twice daily, and were allowed to hatch. Hatchability was
determined and hatched chicks were evaluated for potential birth
defects and abnormal clinical signs.

RNA Extraction and Zika Virus Real-Time

RT-PCR
Total RNA was extracted from allantoic fluid, yolk, whole
blood and 10% tissue homogenates using MagMAx 5X
Pathogen DNA/RNA kit Extraction Kit following the
manufactures protocol (Applied Biosystems, USA). Two
independent Zika real-time RT-PCR assays were performed
to detect Zika virus RNA in the samples. Assay #1 (19)
detects all known genotypes of Zika virus (FP Zika1087-
5′CCGCTGCCCAACACAAG-3′, Probe 1108FAM-5′-
AGCCTACCTTGACAAGCAGTCAGACACTCAA-3′ and RP
1163c 5′-CCACTAACGTTCTTTTGCAGACAT-3′). Assay #2
which uses FP Zika4481 FP 5′-CTGTGGCATGAACCCAATAG-
3′, Probe 4507cFAM 5′-CCACGCTCCAGCTGCAAAGG-3′,
and RP4552c 5′-ATCCCATAGAGCACCACTCC-3′ is specific
for Zika Asian genotype viruses that are currently circulating
in the Western Hemisphere [CDC unpublished data, updated
January 14, 2016; (20)]. All real-time RT-PCR assays were
performed on an ABI 7500 Sequence Detection System (Applied
Biosystems, USA). The reaction volume for the mastermix was
20 µl per sample and contained mixture 12.5 µl of 2×Quantitec
Probe master mix (Qiagen), 5.95 µl of RNase-free water, 0.25
µl Quantitect Enzyme, 0.5 µl of 100µM of forward and reverse
primers and 0.3 µl of 25µMof TaqMan probe. To the mastermix
5 µl of extracted RNA was added, and real-time RT-PCR assays
were run under the following conditions: an initial reverse
transcription step at 50◦C for 30min, followed by 95◦C for
15min and 45 cycles of amplification (15 s at 94◦C and 1min at

60◦C). Zika virus Thailand spiked blood and tissue samples were
used as positive controls. The data were analyzed using the 7500
software V2.3 properties (Applied Biosystems, USA).

Zika Serology
Sera were assessed for Zika virus neutralization activity using
Vero cells. Animal sera from DPI 0 and DPI 21 post-inoculation
were diluted 10-fold in BA-1 diluent and mixed with 200
focus-forming units of Zika virus. The virus-sera mixtures were
incubated for 1 h at 37◦C and transferred onto a monolayer of
Vero cells in a 24-well plate at 37◦C. After a 1 h incubation,
the monolayers containing the virus-sera mixture were overlaid
with MEM (2x) (Gibco, Life Technologies) containing 4% fetal
bovine serum and 1% Noble Agar (Difco, BD). The plates were
incubated at 37◦C with 5% CO2 for 4 days and a second overlay
was applied containing 1%Noble agar and 0.02% neutral red vital
stain (Sigma) in MEM (2x). Plates were incubated at 37◦C with
5%CO2 for an additional 3 days. Zika virus plaques were counted
using a white light of a transilluminator (Fisher Scientific).

Immunoperoxidase staining: Presence of Zika virus specific
antibodies in serum collected from infected animals were
assessed by immune-peroxidase staining. Vero cells were infected
with Zika virus using MOIs of 0.1, 0.01, 0.001 and incubated for
5 days at 37◦C with 5% CO2. The medium was removed and cells
were washed three times with phosphate-buffered saline (PBS)-
Tween (200 ml/well) (PBST). The cells were then fixed with 10%
neutral-buffered formalin in PBS (200 ml/well) for overnight
at 4◦C. The fixative was removed, and the cells were washed
3 times with PBS-T (200 ml/well) and blocked with blocking
buffer (Sigma) for 1 h at 37◦C. The blocking buffer was removed,
and wells were washed three times with PBST. Sera were diluted
10-fold in PBS and 100 µl of diluted sera was added to the
fixed cells and incubated for 1 h at 37◦C. The primary antibody
was removed and wells were washed three times with PBST.
One hundred microliters of HRP-rec- Protein G antibody (Life
Technologies) for sheep, pig, calf and donkey anti-chicken IgG
(Jackson ImmunoResearch Laboratories) diluted 1:1,000 in PBS
was added to each well for 1 h at 37◦C. Plates were washed again
three times with PBST and TrueBlue peroxidase substrate (KPL,
Gaithersburg, MD) was added. After development, the substrate
was removed and the plates were rinsed with water and dried.
Plates were assessed for immunostaining by microscopy.

RESULTS

Susceptibility of Sheep, Cattle, Pigs, and

Chickens to Zika Infection
Following inoculation with Zika virus, sheep, cattle, pigs, and
chickens did not develop any clinical signs. All infected animals
were clinically normal, had physiological body temperatures
throughout the study, and displayed no change in appetite.
Whole blood collected at various time points from sheep, cattle,
pigs and chickens was assessed for the presence Zika virus
genomic material using two different real-time RT-PCR assays.
Zika virus RNA was not detected in any blood sample collected
at any time point following Zika virus inoculation. Three weeks
after inoculation the animals were euthanized and necropsies
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were performed. There was no gross pathology observed during
the necropsy and neural tissues (cortex, midbrain, cerebellum,
and cerebrospinal fluid) from the sheep, cattle, pigs and chickens
were negative for Zika virus RNA. Sheep, cattle, pigs, and
chickens did not develop any detectable antibodies specific for
Zika virus at any time points following inoculation by virus
neutralization testing and immunoperoxidase staining.

Susceptibility of Chicken Embryos to Zika

Infection via Different Routes
Zika virus Thailand strain inoculated by four different routes
including IV, CAM, AF, YS were lethal to chicken embryos
(Figure 1). YS inoculation of 4 day old embryos resulted in
100% mortality within 5 days, whereas AF inoculation resulted
in 90% mortality within 4 days. Embryos inoculated via CAM
route resulted in 80% and those inoculated via IV route resulted
in 60% mortality within 7 days with no significant differences
in mortality observed between the different inoculation routes.
All the embryos that died following inoculation showed stunted
growth and generalized hyperemia compared to PBS inoculated
control embryos of same age (Figure 2). Zika genomic material
was detected by real-time RT-PCR around the inoculation sites,
in the brain and other tissues in embryos inoculated using the
CAM and AF routes. In IV inoculated embryos, viral RNA was
detected in brain and body tissues but CAM and AF samples
were not tested. In yolk sac inoculated embryos, viral RNA was
detected in yolk, brain and other tissues (Table 1).

Determining the Optimal Dose of Zika

Virus Thailand for the Hatching Experiment
To determine if Zika virus infection of embryonated chicken
eggs will lead to congenital defects a hatching experiment was
performed. Since Zika virus is lethal to chicken embryos, a dose
titration was performed to determine the optimal dose which was
defined as the highest dose of Zika virus Thailand that will result
in less than 25% embryo deaths. This was chosen to allow for
infection of the embryos without causing high levels of killing
allowing embryos to hatch. Two routes of inoculation, CAM and
YS, were selected for this experiment. YS route was used as it
was the earliest route that could be used to infect embryonated
chicken eggs. CAM route was selected for the inoculation of
8 day old embryos. IV route was not selected because it was
accessible only after 11 day of embryonation so the impact of
early Zika virus infection cannot be assessed. Eight day old
chicken embryos inoculated via CAM route with Zika virus at
105 titer resulted in 60% survival by 5 dpi and 106 titer resulted in
40% survival by 6 dpi. Doses 104 or less resulted in no mortality
in inoculated embryos. Eggs inoculated with 104 Zika virus via
YS route showed 20%mortality by 5 dpi, and 80% of the embryos
survived (Figure 3).

Hatching Experiment
Detection of Zika viral RNA in tissues in embryonated chickens
following yolk sac inoculation was performed in 20 day old
embryos prior to hatching. Zika virus RNA was detected in the
brain, eyes, heart, liver, CAM, and YS (Table 2).

FIGURE 1 | Susceptibility of Chicken embryos to Zika infection via different

routes. Embryonated eggs were inoculated with 100 µl of cell culture amplified

Zika virus at 107pFU/ml via different routes, at different times (Cam at 8 dpi; AF

at 8 dpi, YS at 4 dpi and IV at 12 dpi). Eggs were incubated at 33◦C in an egg

incubator and monitored daily for live embryos by candling.

FIGURE 2 | Effect of Zika virus infection on embryo development. A dead

embryo from eggs inoculated with Zika virus via CAM showing malformations

and hyperemia. PBS inoculated eggs were used as controls.

The eggs started to hatch Day 21. By day 22, 15 eggs inoculated
via YS route were hatched and one of the chicks (#2) showed
depression, ataxia and was sitting on hocks. Another chick (#4)
was mildly depressed and ataxic (Figure 4). On day 23 chick
#2 died and chick #4 started show ataxia, depression, labored
breathing, and was sitting on hocks. It was euthanized the same
day and assessed for Zika virus replication. Zika virus RNA
was detected in the brain, eyes and heart of both chick #2
and #4 (Table 2). Fifteen eggs inoculated via YS route remained
unhatched by day 25, and they were necropsied. The hatched
chicks were maintained until day 30. Two additional chicks
died on day 26; one exhibited crusted feathers and did not gain
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TABLE 1 | Detection of Zika viral RNA in tissues (CT values) of embryonated

chicken following CAM, allantoic, IV, and YS inoculations.

Route Sample dpi CAM AAF Brain Tissues

(A)

Chrioallantoic membrane 1 6 27.65 33.28 27.28 26.52

2 6 31.66 27.51 31.52

3 6 35.21 29.64 25.21

4 6 28.37 31.56 29.11 31.97

5 6 26.96 30.50 31.84 34.55

6 6 28.72 34.13 32.12 34.80

Allantoic fluid 1 2 25.00 27.38 32.28 23.91

2 2 24.14 30.83 35.23 33.69

3 2 34.37 30.34 33.82 31.27

4 2 27.80 28.46 30.16 28.84

5 2 31.41 31.11 31.12 28.82

6 3 32.69 32.15 32.20 32.22

Route Sample dpi Brain Tissues

(B)

Intravenous 2 2 29.87 27.11

3 2 27.19 25.83

4 2 26.08 24.73

5 3 25.32 27.43

6 6 22.49 24.61

7 7 25.14 25.64

8 7 22.33 27.87

9 7 24.81 27.83

Route Control dpi Yolk Tissues

(C)

Yolk Sac 1 5 30.08 28.08

2 5 31.50 26.12

3 5 29.14 28.23

4 5 34.11 29.61

5 5 33.32 25.38

6 5 34.77 23.25

7 5 28.33 Path

8 5 34.06 Path

weight. In control group all except 4 eggs hatched and physical
deformity (crooked neck and had difficulty walking straight) was
only observed in one chick.

In eggs inoculated with Zika via CAM route showed no
significant differences in hatchability and health of the chicks
compared to the PBS controls. The hatchability of YS inoculated
embryos was lower with only 50% eggs hatching compared to
control and CAM inoculated embryos which showed over 80%
hatchability although not significantly significant (Figure 5).

DISCUSSION

It was recently demonstrated that pig cell line PK-15 and chicken
cell line DF-1 were able to support Zika virus replication (21).

The ability of Zika virus to grow in these cell lines suggested
that these hosts, pigs and chickens, have cells that are susceptible
to Zika virus infection. The results from this study demonstrate
that young sheep, cattle, pigs and chickens with an intact
immune system were not susceptible to Zika virus infection.
These findings are similar to another study where infectious
virus was not detected in multiple species of animals common to
North America, although Zika specific antibodies were detected
in pigs and cottontail rabbits following experimental infection
(10). The study used two different Zika virus strains, one human
isolate from Cambodia in 2010, and the other isolated from
a patient from Puerto Rico in 2015. The virus from Puerto
Rico induced stronger neutralizing antibodies in pigs and rabbits
compared to the Cambodian Zika virus eliciting antibodies at
the limit of detection. This study demonstrated the influence of
the Zika virus strain in the induction of antibodies in pigs (10).
The Thailand Zika virus strain is greater than 98% similar to
both the Cambodian and Puerto Rico strains previously used to
infect animals (10).

The lack of viremia observed in sheep, cattle, pigs, and
chickens demonstrate that these animals are not likely to serve
as reservoirs for Zika virus. It was recently demonstrated that
both rhesus and cynomologus macaques are highly susceptible
to Zika infection under experimental conditions (13) and that
Zika virus RNA could be detected in the brains of these animals
with lymph nodes and reproductive tissue having Zika virus
RNA at late stages of infection (28 days following infection).
Since no Zika virus RNA was detected in neural tissues of sheep,
cattle, pigs and chickens 3 weeks following infection, this is
further evidence that these animal species are not susceptible
hosts for Zika virus. Although viral replication in these tissues
cannot be excluded at earlier times since they were not evaluated.
Interestingly, fetal pigs are highly susceptible to infection during
gestation (22). An additional study demonstrated that 1 day
old pigs could be infected with Zika virus when inoculated
by intracerebral, intradermal or intraperitoneal routes (11)
indicating that neonates can still have some cells which are
similar to embryonic cells with respect to permissiveness to Zika
virus infection. The route of inoculation likely plays an important
role for successful replication of Zika virus in neonatal pigs.
Unfortunately, there have been no studies in neonatal pigs using
an inoculation by infected mosquitoes. This study demonstrates
that nonneonate animals are not susceptible to Zika virus
infection. The biological relevance of this is that embryos of
nonsusceptible animals are unlikely to become infected by a
natural infection since if an infected mosquito transmitted the
virus into the host, the host would not replicate the virus allowing
infection of the embryo. Despite this embryos of different host
animals can be infected experimentally through inoculation to
serve as animal models for Zika virus infection.

It has been reported that a small percentage of cows,
sheep, goats and chickens had Zika specific antibodies in sero
surveillance studies (8, 9). However, it needs to be understood
that the antibody detection assays used in these studies were of
uncertain specificity and sensitivity. In addition, since there is
cross-reaction between Zika virus and other flavivirus antibodies,
this further complicates the interpretation and relevance of the
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FIGURE 3 | Dose titration of Zika virus Thailand by CAM and YS inoculations. Eight day old chicken embryos and 4 day old chicken embryos were inoculated with

10-fold dilutions of Zika Thailand strain via CAM and YS routes, respectively. Eggs were incubated at 33◦C in an egg incubator and monitored daily for live embryos

by candling.

TABLE 2 | Detection of Zika viral RNA in tissues (CT values) of embryonated

chickens and hatched chicks following yolk sac inoculation.

Embryo DO DPI Brain Eyes Heart and Liver CAM Yolk Sac

(A) EMBRYOS

1 20 15 28.93 36.43 28.24/31.89 35.07 33.45

2 20 15 26.81 35.29 28.73/32.85 34.29 37.15

3 20 15 25.06 33.94 25.03/29.67 33.15 33.10

4 20 15 24.73 35.31 26.52/29.47 34.90 32.68

Chicken Clinical signs DPI DO DPH Brain Eyes Heart Liver

(B) ZIKA INOCULATED EMBRYOS WHICH HATCHED

1 None 25 30 9 No CT No CT No CT No CT

6 None 25 30 9 No CT No CT No CT No CT

7 None 25 30 9 No CT 35.54 No CT No CT

10 None 25 30 9 38.18 No CT No CT No CT

2 Yes/found dead 18 23 2 32.66 32.04 33.66 No CT

4 Yes 18 23 2 35.44 32.23 29.91 No CT

12 Hatched small 25 30 9 36.74 No CT 37.63 No CT

data. In the experimental infections in sheep, cattle, pigs and
chickens antibodies to Zika virus were not observed at 3 weeks
following infection.

Even though these animal species were not susceptible to Zika
virus infection, this does not mean that embryos of these species
are not susceptible (11). It has been demonstrated that Zika
virus can replicate in embryonated chicken eggs (23), indicating
that Zika virus has a tissue tropism for embryonic tissue. Our
results demonstrate that Zika virus can replicate in embryonated

chicken eggs following several different inoculation routes. In
addition, Zika virus can kill embryos when administered at high
viral loads. These results agree with previous studies (23, 24). In
addition, infection with African isolates caused higher embryo
mortality compared to Asian-lineage isolates (25). In the current
study, Zika virus RNA was detected in the brain, eye, heart
and liver in embryos at 15 days post-inoculation. This is in
agreement with a recent study where Zika virus was detected
in brain, eye, heart and liver at 7 and 11 days post-inoculation
into the brain vesicle in 5 day old embryos and that Zika virus
suppressed chicken embryo development (25). In another study,
it was also demonstrated that Zika virus infected embryonic
chicken brains following injection of Zika virus into the neural
tube of 2 day old chicken embryos (26). The results of Zika virus
infection in chicken embryos demonstrate that Zika virus infects
a broad range of tissues and cells; similar to what is observed
in human infection during the first trimester of pregnancy
although the cells types and tissues where Zika virus resplication
occurred were different (27). Furthermore, Zika virus RNA
was detected in chickens which were hatched from inoculated
embryos that displayed clinical signs. In this experiment the
numbers of hatched chickens that displayed clinical signs was
small because it is difficult to administer a dose that will allow
the embryos to hatch without killing them, and still have enough
virus replication to cause birth defects similar to embryonated
chicken eggs infected with high doses of Zika virus. These studies
demonstrate that Zika virus has a broad tropism for chicken
embryonic tissue. In addition, Zika virus has been demonstrated
to be able to infect fetuses from multiple species including pigs
(22), mice (16, 28), rhesus macaques (29) and humans (30).
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FIGURE 4 | Zika virus infection can result in smaller and poorly developed

chicks with neurological signs. Some chicks hatched from YS inoculated eggs

showed poor development, malformations and neurological signs.

FIGURE 5 | The effect of Zika virus infection on hatchability of embryonated

chicken eggs. Eggs inoculated via CAM and YS were incubated for 7 days in

the egg incubator and transferred to a table top hatching incubator and

allowed to hatch. The eggs were candled daily throughout the experiment and

the eggs with dead embryos were removed.

Therefore, it is likely that the embryos of sheep and cattle could
possibly be susceptible to Zika virus directly inoculated, however
further experiments are required to determine if this is true. It
was demonstrated that mosquito eggs from Zika virus-infected
mosquitoes had a slightly decreased hatch rate (31).

The results from this study confirms the study by Ragan
et al. (10) that farm animals in North America are unlikely
to be susceptible to Zika virus infection. Further study’s

using animals from different regions with different genetic

backgrounds are needed to confirm that these species are not
susceptible. Neonatal rabbits and pigs (10) especially neonatal
pigs (11) may potentially serve as sentinel species in North
America where virus is transmitted by A. albopictus, which
will feed on these species, although further evaluation of
these species as sentinels is required. The use of birds as a
sentinel species as a surveillance tool for West Nile virus has
been previously demonstrated (32) and is of great value in
monitoring rapid global spread of zoonotic pathogens (33).
The results of these studies contribute to our understanding
of host tropism for Zika virus and demonstration that Zika
virus has a tropism for embryonic tissue. This information is
required to develop appropriate risk assessments for human and
animal health.
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Japanese encephalitis (JE) is a zoonotic, emerging disease transmitted by mosquito

vectors infected with the Japanese encephalitis virus (JEV). Its potential for emergence

into susceptible regions is high, including in the United States (US), and is a reason of

economic concern among the agricultural community, and to public health due to high

morbidity and mortality rates in humans. While exploring the complexities of interactions

involved with viral transmission, we proposed a new outlook on the role of vectors,

hosts and the environment under changing conditions. For instance, the role of feral

pigs may have been underappreciated in our previous work, given research keeps

pointing to the importance of susceptible populations of wild swine in naïve regions

as key elements for the introduction of emergent vector-borne diseases. High risk of

JEV introduction has been associated with the transportation of infected mosquitoes

via aircraft. Nonetheless, no JEV outbreaks have been reported in the US to date and

results from a qualitative risk assessment considered the risk of establishment to be

negligible under the current conditions (environmental, vector, pathogen, and host). In

this work, we discuss virus-vector-host interactions and ecological factors important for

virus transmission and spread, review research on the risk of JEV introduction to the

US considering the implications of risk dismissal as it relates to past experiences with

similar arboviruses, and reflect on future directions, challenges, and implications of a

JEV incursion.

Keywords: arbovirus, Japanese encephalitis, JEV, perspective, risk assessment

INTRODUCTION

The Japanese encephalitis virus (JEV) is a flavivirus transmitted by mosquitoes and the most
important cause of viral encephalitis in Southeast Asia and the Western Pacific Rim. Affecting
around 68,000 people yearly, Japanese encephalitis (JE) is a debilitating disease with no cure,
although there is a vaccine available, which is used extensively in most endemic countries. The case
fatality risk may approach 25% and up to 50% of the patients that survive can develop debilitating
permanent neurological damage (1, 2). Chronic sequelae, including cognitive dysfunction and
neurologic deficits, affect mainly children and are responsible for the high burden of disease of
JE globally (3, 4).
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Viral transmission is influenced by complex interactions
that occur among virus, vector and host, and is driven by
environmental, genetic, and ecological determinants (5). The
enzootic cycle of JEV is maintained by pigs (the main JEV
amplifying host) and ardeid birds, with more than 30 mosquito
species identified as potential vectors (3, 6–9). Humans are dead-
end hosts that do not amplify the virus nor sustain mosquito
infection due to low peaks of viremia (3).

Having expanded from Japan, where it was first isolated,
JEV has spread to all neighboring countries, now covering
most regions in Southeast Asia. Besides the wide distribution of
JEV, recent evidence of geographical genotype displacement has
pointed to the changing dynamics of JEV transmission, raising
public health concern regarding virus spread to susceptible
regions of the globe (4, 10–12). Japanese encephalitis virus genetic
material has already been identified in mosquitoes and birds
collected in northern Italy, where human cases are unreported to
date (13, 14); concurrently, other arboviruses have been emerging
in previously unaffected areas, with one of the most recent
examples being the occurrence of outbreaks of Zika (although
humans are reservoir of this virus) virus in South America
(15). In the United States (US), specifically, the introduction of
the West Nile virus (WNV) has demonstrated the vulnerability
for the emergence of exotic pathogens (16). Moreover, the
presence of competent vectors and hosts, the apt weather and
climatic conditions in most US states, the non-existence of
active JEV surveillance programs and cross-reactivity of JEV with
other flaviviruses in diagnostic testing, as well as the increased
international travel and trade, make the US a suitable region for
JEV introduction and spread (7, 16–18).

Geographical expansion of the virus depends on biotic and
abiotic factors which are not static; changes in those factors,
such as vector and host population abundance, distribution,
and composition, can influence forecasted local transmission
cycles. Thus, the aim of this article is to: (1) discuss current
advances in virus-vector-host interactions and ecological factors
important for virus transmission and spread with a review of
research addressing the risk of introduction of JEV in the US,
and (2) consider future directions, challenges and implications
for JEV introduction, including potential surveillance, and vector
mitigation strategies.

CURRENT ADVANCES

Virus-Vector-Host-Environment

Interactions
Lessons Learned Regarding Virus-Vector-Host

Interactions
Our previous studies focused on the relative role that various
vectors and hosts have on the epidemiology of JEV (7–9).
Mosquito vectors other than Culex tritaeniorhynchus were found
to have higher pooled proportions of JEV infection (7, 8), as
well as infection and transmission risks (9). To date, Culex
tritaeniorhynchus has been considered the most important JEV
vector in Southeastern Asia (6); however, this may be the result
of an overrepresentation of this species in the literature due to

issues related to study and sampling design (19). In fact, the
highest pooled infection rate estimates were observed in Culex
annulirostris, Culex sitiens, and Culex fuscocephala (9). Aedes
japonicus has also been identified as a vector with high JEV
infection1 (90%) and transmission2 rates (75%), pointing to its
importance as a potential vector species for the spread of JEV
to susceptible regions where it is also present, such as the US
(21) and Europe (22). Furthermore, reported pooled estimates
of JEV transmission risk in C. tritaeniorhynchus are as low as
36% (9), which is much lower than estimates for other mosquito
species that are not commonly associated with JEV infection
or transmission.

Despite being the primary mammalian amplifying host for
JEV (6), meta-regression modeling did not identify domestic
pigs as the host species with the highest proportion of JEV
infection (7). Nonetheless, North American domestic pigs were
shown to be susceptible to JEV experimental infection (23–
25) and although the majority of pigs in the US are housed
indoors, commercial housing does not preclude mosquito
exposure (26–28).

Other hosts, including wild pigs [i.e., pigs that have escaped or
been released in the wild (GISD)], have greater pooled proportion
of infection estimates when compared to domestic pigs (53 vs.
41%) (7)3. This could be related to the intensification of industrial
pig farming and biosecurity measures, as well as the decrease
in backyard pig rearing in Asia (4). Conversely, increasingly
higher populations of wild swine have been identified in certain
regions of Asia, potentiating the role of these animals in the
ecology of JEV (29–32). Wild pigs are known to play a role in the
transmission of several disease agents, including JEV (32), and
represent a rapidly growing, free-range population of vertebrate
hosts that is expanding worldwide (32–36). In the US, this species
has expanded to 35 states due to their adaptability to geographic
and climatic conditions and the lack of natural predators (37).
The potential of wild pigs as reservoirs and drivers of disease
is further increased due to their destructive behavior, which
has created new mosquito larval habitats (38), and the possible
vector-free JEV transmission between pigs (39, 40).

The estimated proportion of JEV infection in ardeid birds
such as herons, although lower than in swine, was reported
to be 28% (7). In the US, national surveys from 1966 to
2015 showed that some ardeid bird populations are increasing
annually (41). This includes ring-bill gulls (Larus delawarensis)
and great egrets (Ardea alba), which are susceptible to JEV under
experimental conditions, with virus shedding via oral and cloacal
secretions (17). The epidemiological significance of the latter is
not yet known, but like the recent evidence of vector-independent

1Infection rate being defined as the sum of individual mosquitoes that test positive

for JEV (or pools of mosquitoes, if applicable) divided by the total number of

mosquitoes (or pools) tested (9).
2Transmission rate is the proportion of mosquitoes that were orally exposed to

JEV and transmitted the virus on refeeding or contained the virus in their saliva or

salivary glands (9, 20).
3Global Invasive Species Database (GISD). Invasive Species Specialist Group.

Available online at: http://www.iucngisd.org/gisd/species.php?sc=73 (accessed

September 26, 2019).
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FIGURE 1 | Map of the geographic distribution of JEV genotypes. *No human cases of JE have been reported in Italy to date.

transmission in pigs, it highlights fundamental knowledge gaps
surrounding JEV transmission.

JEV Genomics and Phylogeny
The JEV strains that have been isolated since its discovery can
be classified into one of five JEV genotypes [genotype I (GI) to
V (GV)] (42). Historically, JEV circulated throughout most of
Asia, but various genotypes have spread geographically or have
re-emerged in recent years (Figure 1). In 1995, JEV (genotype
GII) demonstrated to spread outside of Asia with widespread
activity in the Torres Strait of the Australasia region for the first
time (43). Approximately 5 years later, a new JEV genotype (GI)
was isolated from sentinel pigs andmosquitoes found in the same
area as the previous outbreak (44).

Genotype V virus was first isolated in Malaysia in the 1940s
and then went undetected until 2009, when it was isolated
from a pool of mosquitoes in Tibet and then again in 2010 in
the Republic of Korea (45, 46). Genotype V is not a common
genotype, with only three isolates having been detected. However,
the question arises if the re-emergence after so many years is
indicative of genotypic shift in the area.

In addition to the geographic spread, changes in the molecular
epidemiology of JEV have occurred throughout Asia. Until
the 1990s, GIII was the dominant genotype in Asia, however,
surveillance data revealed that GI gradually replaced GIII as
the most frequent genotype in many Asian countries. Sequence

analysis identified a few variations in the genome that may
have played a role in the phenotypic change (42). However,
further research is needed to determine if these genetic changes
provided an advantage for the virus to survive and thrive in the
temperate area. Other studies compared replication efficiency
of GI isolates to GIII isolates. Depending on the study, GI
was shown to replicate more efficiently in pig, avian, and
mosquito cells than GIII (10, 47, 48). Genotype I had a higher
infection rate and shorter extrinsic incubation period than GIII
during in vivo studies using C. quinquefasciatus (12). Whereas,
these studies help to explain how GI might have displaced the
previous genotype, other host and environmental factors, such
as effects of immunity of a population to the different genotypes,
changes in farming, and animal husbandry practices, and changes
in migratory patterns of birds, may have also contributed to
the emergence of GI. The recent spread and displacement of
JEV demonstrates the importance of understanding how small
changes in viral genetics or the introduction of a different
strain can lead to an expansion in host range, enhanced vector
competence, and hence, arboviral emergence, and increase
transmission potential (49).

Ecological Factors Important for Viral Transmission

and Spread
Emergence of arboviruses frequently follows change in one
or various ecological or environmental factors. For JEV, these
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include precipitation, humidity, temperature, altitude, as well
as aspects related to vegetation, land usage, and agricultural
practices (5, 50, 51).

Gould et al. (50) discussed the impact of urbanization due to
the increase in population densities, which have led to a higher
exposure of humans to mosquito vectors and to changes in the
interaction patterns occurring among virus, vectors, and hosts.
The intensification of deforestation, agriculture, and animal
production is the natural response to the pressures of a growing
urbanized population. Likewise, the domestication of arthropods
in order to adapt to the modern human environment is rampant,
as is the invasion of humans into areas that were previously only
inhabited by wild flora and fauna, hence changing completely
pre-existing dynamics (50). Increased urbanization can also lead
to concentration of susceptible human hosts, which depending
on their socioeconomic status, can also be conducive to enhanced
transmission (49).

Geographic expansion of the virus can result from viral
adaptation and displacement. Vector and host population growth
and expansion, and improved viral amplification in vertebrate
hosts may be related to elongation of seasons, shortening of
gonotrophic cycles, and creation of new niches that are associated
with environmental changes (e.g., global warming). Invasion and
expansion of hosts and vectors through dispersal or migration,
are also facilitated by tropical storms or other natural disasters
(e.g., flooding) (51).

FUTURE DIRECTIONS AND CHALLENGES

Future Directions and Implications for the

Risk of Introduction
Assessing the Risk of Introduction of JEV
Several epidemiological studies have been conducted to quantify
vector and host parameters and to evaluate the risk of emergence
of JEV in the US (5, 7–9, 52, 53). Risk assessment, as a decision
tool, is a method to make decisions under uncertainty (54). This
implies that approximations and assumptions often need to be
made using data that are available, rather than ideal data (55).

The risk of introduction of JEV in the US, evaluated using
a risk assessment framework, through infected adult mosquito
vectors was predicted to be very high: there is a 0.95 median
probability (95% CI: 0.80–0.99) of at least one infected mosquito,
and a median of three infected mosquitoes (95% CI: 1–7),
being introduced during March to October via aircraft, the most
likely pathway of entry, to the US from JEV-affected countries
(52). Mediterranean California and Eastern Temperate Forests
ecoregions (covering all US states on the East Coast, except
Southern Florida, the Midwest, and the Southeast), which are
similar to the ecosystems found among the regions at risk, were
the areas in the US with the highest risk of JEV introduction via
infected mosquitoes transported in aircraft (52).

When considering other pathways of entry (e.g., birds, hosts,
vaccines, other biologicals), the risk of JEV introduction was
considered negligible. The risk of transmission was considered
variable and the risk of establishment negligible given current
conditions (53). Changing aspects and preconditions related to

the introduction and transmission of JEV will also imply a
change in probability estimation. Thus, revisiting the pathways
of introduction and considering paths that were previously
deemed as non-important (e.g., domestic and wild pigs)
can lead to different assumptions and therefore, different
probability estimates.

As discussed elsewhere (53), bird migration (e.g., flyways
coming from Asia into the US through Alaska) was considered
a negligible pathway for JEV introduction into the US. Short
viremia in avian hosts [2-4 days (56)] and their long migration
flights, life-long immunity after infection, the low probability
of co-occurrence of an infectious migrant bird with competent
vectors and susceptible birds, low number of competent vectors
(e.g., Aedes vexans) in Alaska, where flyways coming from
Asia and heading south to the US overlap, and Alaska’s short
mosquito season, are factors contributing to the dismissal of this
pathway for JEV to enter and establish in the US (17, 53). When
disregarding the entry of viremic migratory birds as a potential
pathway of introduction for JEV, we may have not considered
the role of climate change and land perturbation, which could
push birds toward new habitats, with new mosquito vectors, and
modulate pathogen dynamics.

Legal and illegal importation of potentially infected birds
was deemed not important. Legal import of birds is regulated
through the U.S. Department of Agriculture, Animal and Plant
Health Inspection Service and the U.S. Fish and Wildlife Service.
Although quarantine procedures are unlikely to support virus
transmission to mosquitoes and to other birds, illegally imported
birds, if infected, not subjected to quarantine or examination
would be more likely to transmit the virus to mosquitoes and
other birds (57).

It is important to note that all pathways of JEV introduction
assessed in both the qualitative and quantitative risk assessment
models (52, 53) pertained to inadvertent and intentional sources.
Despite being considered of low, negligible or unknown risk,
most intentional (e.g., illegal importation of animals) causes
should not be disregarded. However, the scarcity and uncertainty
of empirical data on movement of increasing populations of
potentially infected competent vertebrate host animals (e.g., feral
swine or ardeid birds) or illegal importation of animals, make
these routes extremely challenging to be examined (51, 58).

Parallels With Other Arboviruses
Bluetongue virus, and Venezuelan equine encephalitis virus are
examples of arboviruses whose emergence has been associated
with the dispersal of vector species, introduction of animal
hosts, climate effects, urbanization and globalization, among
other factors (49). Similarly, WNV, a closely related flavivirus,
was introduced to and became endemic in North America over
a period of a few years (59). During the summer of 1999,
several Culex pipiens complex mosquitoes were identified as the
principal vector and house sparrows as important maintenance
hosts (60–64). American crows (and some other corvids) suffered
fulminating systemic disease and were deemed critical amplifying
hosts (65–69). Previous experience in temperate regions of
Europe suggested that introduced strains of WNV from Africa
or the Mediterranean did not persist, and re-introduction was
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necessary for repeated outbreaks of disease (70); however, WNV
is now endemic in Europe (as well as in the Middle East, Africa,
Asia and Australia) (71). In North America, where WNV is also
endemic, virus persistence was achieved, and sustained by long-
term infections of both mosquitoes and birds (72, 73). Factors
such as normal migration and legal or illegal importation of
zoo, pet, domestic, or wild birds have been hypothesized to have
played a role in the introduction of the WNV to the western
hemisphere, whereas complex ecological factors determined its
geographic spread (57). It is important to note that the North
American introduction and establishment of theWNV overcame
similar unfavorable circumstances to the ones faced with JEV,
given sufficient time and introduction opportunities.

Challenges
The recent decline in overall arboviral surveillance capacity (and
lack of JEV surveillance in particular) in the US can compromise
our ability to rapidly detect and respond to existing and emerging
threats (74). There have been 14 travel-associated JE human
cases reported among US citizens from 1973 to 2008, with cases
most likely being acquired in Thailand, the Philippines, Vietnam,
Singapore, Japan and China (75). Cases occurred among military
personnel, tourists visiting friends and relatives, and expatriates.
Since then, two additional cases were recorded, one fatal case in a
US child that visited the Philippines, and a refugee traveling from
Thailand to the US (76). All cases, thus far, have been imported.

Despite an estimated high risk of entry into the US via
infected adult mosquitoes by aircraft (52, 53), no evidence of
JEV emergence, transmission, or establishment has been reported
up until now in the US under current conditions related to
virus, vector, host and environment. Potential hypotheses for
explaining the non-emergence of JEV in the US include: (1) the
fragility of JEV in the environment, which is easily destroyed by
heat, UV light and common detergents (52, 77); (2) potentially
lowmosquito distribution and host density in airport and seaport
areas (which are considered the most likely pathways of US
introduction) (52, 53, 78); (3) short apparent periods of viremia
in pigs and ardeid birds, ranging from 3–4 days (56, 79); (4)
insufficient contact rates between hosts and vectors; (5) cross-
protection of JEV with other endemic flaviviruses, such as WNV
and St. Louis encephalitis virus; and (6) a potentially limited
infection capacity of mosquitoes during establishment.

Co-circulation and strain displacement are not new to
flaviviruses as they have occurred in multiple areas for
dengue virus and in the US for WNV (80–83). Gould et al.
(50) speculated that given the vectors’ widespread geographic
range and high adaptability toward changing environmental
conditions, another genotype could emerge in new regions
(50). Similarly, the possible movement of vectors and hosts
associated with urbanization, carried by tropical storms, or other
natural disasters, could increase rates of contact and hence,
transmission potential.

Future genotype displacement or genetic modifications
can compromise current cross-protection, and in turn
threaten vaccine effectiveness, current immunization and
other public health programs (12). Other challenges associated
with emergence or reemergence of JEV genotypes could

include changes in transmission paths, disease burden, or host
demographics (11, 84).

Although viremia in the amplifying host is short, recent
studies pointing at transmission via oronasal secretions between
pigs without the involvement of vectors (39), suggest a previously
unrecognized mechanism of transmission may exist. Incomplete
knowledge regarding JEV transmission in wild and domestic pigs
may cause the role of these species in the epidemiology of JEV to
be underestimated.

Japanese encephalitis is a vaccine-preventable disease, but
recent research suggests that currently available vaccines (both
inactivated and attenuated) may not provide complete protection
against GV infection (85). Additionally, and because humans
are dead-end hosts, JEV vaccination does not provide herd
immunity (3). Whether or not new vaccines are needed to
deal with this challenge is still under debate. Moreover, the
introduction of JEV could have devastating public health
consequences, especially in locations with naïve and aging
populations such as in the US, usually affected by chronic
diseases (immunocompromised population), where there is
potentially no herd immunity against JEV. In addition to
vaccines, reducing contact between mosquito vectors with
humans and animal reservoirs would limit the duration and
extent of viral outbreaks in the environment (5). In JE endemic
countries, larval habitat treatment of rice fields by chemical
or mechanical manipulation (86, 87) and adult aerial spraying
(88) are the main methods used for management of mosquito
vectors; these methods are also used by mosquito and vector
control districts throughout the US. The public perception of
the health and environmental effects associated with the use of
pesticides, however, has greatly impacted the area coverage and
the type of products used for mosquito mitigation. Larval habitat
treatments with Bacillus thuringiensis israelensis, spinosad, and
other dipteran-specific larvicides are largely unimpacted, but
adulticidal treatments are heavily regulated by US state and
federal agencies. States like California limit the application
of some adulticide active ingredients in riparian zones (e.g.,
coastal marshes) where endangered species are found. Mosquito
vector control districts in this state must consult the Pesticide
Regulation’s Endangered Species Custom Realtime Internet
Bulletin Engine or PRESCRIBE dataset, prior to pesticide
application in public areas, however, pesticide application in
residential areas does not have such restrictions (89). These
limitations could make proper and timely mitigation of vectors
very difficult.

Although JEV has not established in the US, the conditions
are rapidly changing. Reduced mosquito control in areas at
highest risk (i.e., west coast), no active surveillance for JEV
in place, increasing populations of vector species and host
reservoirs, and emerging viral genotypes that may change the
probability of establishment, may dictate the future emergence,
and subsequent spread of JEV in the US. Similarly, the increase
in population density and in human and animal movement,
coupled with climate effects, habitat modification and other
anthropogenic factors, emphasize the need for early detection
of arboviral diseases through surveillance in areas at higher
risk. Hence, we propose monitoring changes in host or vector
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population composition or dynamics, and/or environmental
configuration that can be beneficial for virus introduction, in
US areas at higher risk. Similarly, ongoing identification of
emerging disease risks through surveillance (e.g., detection of
virus in vectors and hosts) efforts will increase the speed by which
US officials can detect pathogen emergence. Rapid response
to outbreaks can be achieved by increasing preparedness
efforts including education of citizens (e.g., through citizen
science campaigns), clinicians and laboratory diagnosticians
on disease recognition and prevention, and improvement of
laboratory detection capabilities. Lastly, conducting an economic
assessment linking disease risk at the wildlife-livestock interface
and comparing the benefits and costs of risk management (e.g.,
surveillance, biosecurity) in both livestock and wildlife, as well
as determining where public health efforts are required, can
reduce the vulnerability and potential consequences of a JEV
incursion in the US. The potential impact of the emergence
of arboviral diseases, in particular JEV, a disease with high
morbidity and mortality rates in humans, in a susceptible
region such as the Americas and the US specifically, which has
an increasingly globalized commerce and tourism as well as
concentrated and interconnected livestock production, is large

and can lead to long lasting effects on public health, economies,
and production systems.
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This paper reports a case of bluetongue virus (BTV) infection in the Smolensk and

Kaluga regions of Russia in 2011–2012. The virus was initially detected in heifers

transferred in Russia from Germany through Poland and Belarus in 2011. On day 27

of quarantine, RNA and infectious viruses of BTV were detected in four heifers, but

five were serologically positive. However, on day 3 before shipment, all heifers were

seronegative and PCR-negative for BTV. Thus, a few animals from this consignment

were viremic without any evident subclinical infection. Based on Seg-2 (VP2 gene) and

Seg-5 (NS1 gene) sequencing, the recovered virus had 99.86–100% nucleotide identity

with BTV-14-like viruses such as the vaccine BTV-14 strain RSArrrr/BTV 14 and the

BTV-14 isolates detected in Lithuania and Poland in 2012. Subsequently, BTV-14 was

also reported in local animals in two regions of Russia. During the monitoring survey,

1623 local animals within a 300-km radius were tested, of which 471 tested positive by

ELISA and 183 by PCR for BTV-14 RNA. No other serotypes were identified in either

imported or aboriginal animals within that radius. The Culicoides midges trapped at the

site of the outbreak in May 2012 tested positive for the BTV-14 genome, indicating that

the possible mechanism of spread most likely occurs via vector bites. However, further

investigation is required to confirm this hypothesis, which would provide an improved

understanding of the circulation and overwintering of BTV in northern latitudes.

Keywords: bluetongue virus, Orbivirus, phylogenetic analysis, serotype 14, blood-sucking midge vectors, spread,

Russia

INTRODUCTION

Historically, bluetongue (BT) was considered endemic within Africa and was first discovered after
fine-wool sheep imported from Europe (1). The affected sheep exhibited the typical symptoms of
swollen lips and tongue accompanied by a characteristic tongue cyanosis, giving a name to the
disease (2).

The etiologic agent of BT was later discovered to be a double-stranded RNA virus with a
segmented genome of the genus Orbivirus and family Reoviridae (3, 4). The virus is transmitted by
blood-sucking midges of the genus Culicoides (5–8). Ticks have also been implicated as a vector (9).
A total of 27 serotypes were recently recognized, with another few pending (10–16). The serotypes
exhibit various patterns of transmission, including direct contact (17, 18), which contradicts the
accepted concept that bluetongue virus (BTV) is only transferred via a Culicoides vector (19).
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BTV is endemic throughout Africa within the range of its
primary vector Culicoides imicola. The virus was first confirmed
outside Africa in India (20) and then in Australia, where the
virus was isolated from Culicoides collected near Darwin in 1975
(21). The distribution of BTV has been substantially expanding,
although historically, before 1998, its range was confined to
regions between the latitudes of 35◦S and 40◦N (7).

BTV was never expected to reach areas far beyond its
traditional northernmost latitude. That could be explained by
the relatively cold climate and short period of seasonal midge
activity preventing this virus from establishment [reviewed by
(22)]. However, in 2008, BT arrived in northern Europe and
caused unprecedented outbreaks (7). The arrival of BTV could
be attributed to the movement of infected ruminants or the wind
dispersal of infected midges (23). Notably, the key role in the
transmission of BTV in northern Europe was played by novel
Palaearctic vectors, the Obsoletus and Pulicaris complexes (24).
Considering the abundance of vectors and the recent changes
in climate, it is not surprising that new BTV strains have
appeared. These strains include reassortants and serotypes from
the Mediterranean region, which are now considered endemic,
and new strains are expected to continue to regularly appear
(18, 25, 26), putting Eastern Europe and the European part of
Russia at risk.

In Russia, the first historical outbreak of BTV among sheep
caused morbidity of 58.3% and mortality of 66.3% in 1993
in Eastern Siberia (Republic of Buryatia) (27). Vaccination
successfully contained the outbreak. The serotype was identified
as BTV16, which is related to the eastern topotype (unpublished

data). Considering that Europe has recently experienced multiple
incursions of different serotypes (25), the risks of BTV
introduction into European Russia has increased dramatically
owing to cattle trading between Russia and Europe. The first
cases of BTV-8 infection were identified in cattle imported from
Germany and the Netherlands in 2008 (28). Notably, BTV-8 was
only isolated from imported animals. BTV-8 infection among
local animals was prevented as all PCR and seropositive animals
were immediately slaughtered (unpublished data). In addition,
as reported here, in 2011 in the Smolensk region, another set
of imported animals imported from Germany was identified
as carrying the BTV genome and anti-BTV antibodies during

TABLE 1 | Examination of the samples from the imported cattle for the presence of BTV genome and anti-BTV antibodies made during the quarantine (3–207 days) on

the territory of Russia by real-time RT-PCR and ELISA.

No

animal

3 days 27 days 73 days 104 days 138 days 189 days 207 days

RT-PCR, Ct ELISA RT-PCR, Ct ELISA RT-PCR, Ct ELISA RT-PCR, Ct ELISA RT-PCR, Ct ELISA RT-PCR, Ct ELISA RT-PCR, Ct ELISA

75981 Neg Neg 27.8 Pos 30.3 Pos 27.3 Pos 25.7 Pos Neg Pos Neg Pos

01051 Neg Neg 24.9 Pos 27.9 Pos 23.8 Pos 24.2 Pos Neg Pos Neg Pos

94835 Neg Neg Neg Pos neg Pos Neg Pos Neg Pos Neg Pos Neg Pos

01244 Neg Neg 26.3 Pos 28.6 Pos 25.9 Pos 24.9 Pos Neg Pos Neg Pos

10055 Neg Neg 25.6 Pos 30.0 Pos 26.7 Pos 25.7 Pos Neg Pos Neg Pos

Results are representative of three independent experiments.

RT-PCR, real-time reverse transcription–PCR; Ct, cycle threshold; Pos, positive study result; Neg, negative study result.

the quarantine period, although the laboratory results obtained
before shipment into Russia were negative.

In this study, the BTV-14 strain isolated in the 2011
outbreak in the Smolensk region in Russia was characterized.
Serotype/topotype analysis of the Russian BTV isolate relied on
the comparison of Seg-2 and Seg-5 sequences and conventional
serotyping. To determine the source of the infection and
investigate its spread within the country, phylogenetic and
evolutionary divergence data, as well as data from monitoring
studies in the Smolensk region and neighboring areas,
were analyzed.

MATERIALS AND METHODS

Sample Collection
Serum and blood samples of 71 heifers from the farm “Smolensky
Gallovei” in the Smolensk region of Russia (55◦00’05.0“N,
34◦28’49.1”E) were submitted in September 2011 to the Federal
Research Center for Virology and Microbiology (Pokrov, Russia)
for routine testing during quarantine in accordance with Russian
legislation. The 71 young heifers of the Galloway breed were
imported from Germany (Jurgen Greiner Ginsterweg) into

the Smolensk region, following transport through Poland and
Belarus. Before shipment, the animals were declared seronegative
and PCR-negative for BTV (veterinary certificate 132 no.
0007170-0007171, dated 29.08.11).

The farm “Smolensky Gallovei” is typical in that
it has a barn with open windows and animals are
grazed daily in the field and rounded up twice a day
for milking.

According to the BTV testing protocol, the animals were
sampled for PCR and ELISA twice, at days 3 (05.09.2011) and
27 (29.09.2011) of the quarantine. Following the identification of
infection, the quarantine was extended, and additional samples
from the seropositive animals were collected on days 73, 104, 138,
189, and 207 (Table 1).

As part of the study, in 2012, an additional 1623 serum
and whole-blood samples were collected from clinically healthy
cattle, sheep, and goats from different farms in the Kaluga and
Smolensk regions within a radius of 300 km from the outbreak
site (Figure 1).
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FIGURE 1 | Map showing the distribution of BTV-14 in Poland and Russia. (A) Map of the European part of Russia and Eastern Europe. (B) Map of the European part

of Russia showing the areas of monitoring survey. The blue circles show the location of the site of the first case of BTV-14 in the Smolensk region, Russia (the farm

“Smolensky Gallovei”) and the location of Łowczyki village, the site of the first case of BTV in Poland, both in 2011. The areas of monitoring survey (Smolensk and

Kaluga regions) are marked in orange. The orange squares refer to farms with BTV-infected animals identified in 2011 and 2012. The BTV-14 cases identified in

Poland in 2012 are indicated by yellow circles, while the red circles indicate BTV cases detected in Poland in 2014.

Virus Isolation
Blood was used for the first round of virus isolation in 10- to
12-day-old chicken embryos, according to the protocol described
by Clavijo et al. (29). The inoculation of embryonating chicken
eggs is more sensitive than cell culture, allowing detection of BTV
in samples containing a low viral concentration (30). The blood
(1/10 dilution) was intravenously inoculated into an embryo
vein, incubated at 33.5 ± 0.5◦C, and monitored daily for 7
days. Chicken embryos with pathological signs were further
processed for downstream inoculation onto Vero cells, which
were inoculated with filtered material in a T25 flask. Cytopathic
effects (CPE) in the cell monolayers were used to detect the virus.
The development of CPE was observed daily for up to 7 days
post-inoculation. The virus was titrated by visualization of CPE
in Vero and BHK-21/13 cell cultures. Titers were expressed as
median tissue culture infectious dose (TCID50), according to the
Reed–Muench method (31).

Laboratory Diagnosis and Virus
Identification
Laboratory diagnosis of infection was performed using
enzyme-linked immunosorbent assay (ELISA) and reverse-
transcription polymerase chain reaction (RT-PCR). Blood serum
was tested for anti-VP7 antibodies by using an ID Screen
Bluetongue Competition ELISA kit (IDVet, France) following
the manufacturer’s recommendations. The signal-to-noise ratio
(S/N% = OD Sample/OD NC × 100) was calculated, and a
sample with a ratio greater than or equal to 40% was considered
negative, whereas a sample with a ratio less than 40% was
considered positive. Then, serum samples with inconclusive
results were retested.

Total RNA was extracted from the samples with TRIzol
(Thermo Fisher Scientific, USA), precipitated with isopropanol,
and washed with 75% ethanol, according to the manufacturer’s

protocol. Universal real-time RT-PCR directed against the non-
structural protein 3 (NS3) fragment of the BTV genome was
initially used to detect virus dsRNA in blood samples (32). The
serotype 14 was identified using serotype-specific RT-PCR for
genome segment 2 (Seg-2) (33). For both assays, the cutoff was
set at a Ct-value of 38.

To exclude the other epidemiologically significant BTV
serotypes in Russia, serotype-specific RT-PCR was used to test for
BTV 1, 2, 4, 6, 8, 9, 11, and 16 (34).

To confirm the identified serotype, virus neutralization tests
(VNT) against reference antisera to each of the 25 BTV serotypes
(1–24, 26) were conducted. The VNT was performed using Vero
and BHK-21/13 cell cultures as described by Koltsov (35).

Sequencing and Phylogenetic Analysis
The serotype was confirmed by sequencing of the cDNA
amplicons and by phylogenetic comparisons with previously
characterized reference strains of each serotype.

Then, the samples that were identified as positive by universal
real-time RT-PCR were subjected to VP2 (Seg-2, 2,922 nt) and
NS1 (Seg-5, 1,772 nt) sequencing. Seg-2 and Seg-5 were chosen as
serotype- and topotype-determining genes. Seg-2, together with
Seg-5, encodes the proteins that define the BTV serotype, with the
major contribution coming from VP2 (36). The complete gene
sequences of VP2 and NS1 were determined by amplification
of overlapping PCR products (three for segment 2 and two for
segment 5) in the PCR assay, as previously described (35).

The cDNA was synthesized with primers specific to the ends
of the BTV genome segments, using the SuperScript First-Strand
Synthesis System for RT-PCR (Invitrogen, USA). The PCR was
performed using specific primers and Quick-Load R© Taq 2X
Master Mix (NEB, USA). The PCR products were purified using
a MinElute Gel Extraction Kit (Qiagen, USA). Sanger sequencing
was used to assemble the complete sequences of Seg-2 and
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Seg-5 from overlapping PCR amplicons. The sequencing was
conducted using the same primers in both directions.

SeqScape R© Software for Mutation Profiling v. 2.5 (Applied
Biosystems, USA) was used to obtain a consensus sequence.
The VP2 and NS1 gene sequences were aligned using ClustalX
(37). The full-length VP2 and NS1 sequence data of a
BTV isolate were subjected to blast analysis using the NCBI
BLAST tool (https://blast.ncbi.nlm.nih.gov/Blast.cgi) and were
compared with sequences of commonly used reference strains
and other strains represented in the GenBank (https://www.
ncbi.nlm.nih.gov/genbank). Phylogenetic trees were constructed
using the maximum likelihood method in which phylogenetic
distances were estimated using Kimura’s two-parameter model
(K2P) (38) in the MEGA 7 program (39).

Entomological Surveillance
Entomological investigations were conducted in the territory
of the Smolensk region in 2012. Culicoides biting midges were
collected in May from farms where BTV-14-infected animals
were detected, and trapped using a CDC light trap with UV light
(OVI traps) using a common technique. The trap was elevated
1.5m above the ground near the cows and was operated from
dusk (1800) to dawn (0800).

The collected midges were cooled, pooled, and
morphologically identified into the Obsoletus and Pulicaris
complexes using the keys described by Glukhova (40).

To identify the complexes at the species level, midge
pools were tested using PCR assays based on mitochondrial
cytochrome c oxidase subunit I gene amplification (41).
RNA from insect pools (100 midges) was isolated using
Trizol (Thermo Fisher Scientific, USA) according to the
manufacturer’s recommendations.

Statistical Analyses
Statistical analyses were performed in the program
VassarStats (http://vassarstats.net/).

RESULTS

Blood and serum samples of the 71 heifers from the same
consignment in the Smolensk region were tested for the BTV
genome using real-time RT-PCR and for anti-BTV antibodies
using ELISA at days 3, 27, 73, 104, 138, 189, and 207 of
quarantine. At day 3 of quarantine, all the animals were tested
negative by real-time RT-PCR and ELISA (Table 1). At day 27,
as well as at days 73, 104, and 138, antibodies were detected in
five animals (nos. 01051, 01224, 75981, 94835, and 10055), four
of which (the exception was no. 94835) were RT-PCR positive for
the BTV genome at 138 days (Table 1).

At days 189 and 207, BTV RNA was no longer detected in
the blood of the five animals, although anti-BTV antibodies were
still detected.

Virus Isolation
In the positive blood samples collected on day 27 of quarantine,
the virus was isolated by inoculation into chicken embryos,
followed by cultivation on Vero cells. After a 7-day incubation,

the virus was harvested at 5.0 lg TCID50/cm3. A total of four BTV
isolates were isolated.

The isolated BTV was capable of replication in different cell
cultures (Vero, BHK-21/13, SK). The viral titer, depending on the
cell line and the multiplicity of infection, ranged from 5.5 to 7.5
lg TCID50/cm3. Viral reproduction led to the destruction of the
cell monolayer at 3–5 days post-infection.

Virus Identification
The highest neutralization index (3.0 lg) was observed when the
viruses isolated from the four animals (01051, 01224, 75981, and
10055) tested positive for reference BTV serotype 14 antiserum
in the VNT. Simultaneously, the neutralization indexes when
testing the virus samples with other reference sera did not exceed
0.75 lg, indicating that only the one serotype was present in
the field.

The BTV-14 genome was detected in all blood samples of
infected animals, as well as in the samples of infected chicken
embryos and cell cultures that previously tested positive by
universal real-time RT-PCR based on the NS3 protein. In the
serotype-specific RT-PCR testing, the results were negative for
BTV 1, 2, 4, 6, 8, 9, 11, and 16.

Thus, the virus isolated from the infected animals in the
Smolensk region was identified as serotype 14 of BTV.

Molecular Characterization
The VP2 and NS1 gene sequences of the G244/11 strain were
deposited in GenBank under the accession numbers KR233814.1
and MN746787, respectively. The Seg-2 and Seg-5 nucleotide
sequences of the four isolated viruses were all identical. In the
phylogenetic analysis based on Seg-2 sequences of the G244/11
strain and previously characterized reference strains, the result
of virus typing by VNT and serotype-specific real-time RT-
PCR was confirmed. Thus, in the maximum likelihood tree,
the G244/11 strain was grouped with BTV strains of serotype
14 with a bootstrap confidence value of 54–100% (Figure 2).
Phylogenetic inference was used to place the G244/11 strain in
a group comprising serotypes 6, 14, and 21 (Nucleotype C).

The sequence of the VP2 gene (Seg-2) had 99.93% nucleotide
identity with that of the VP2 of the RSArrrr/BTV 14 (AJ585135)
strain that was part of a polyvalent vaccine preparation, which
included serotypes 1, 4, 6, 12, and 14 (Onderstepoort Biological
Products, South Africa). The Seg-2 sequence was also similar
to the sequences of European BTV-14 strains SPA2012/01
(isolated in Spain from animals imported from Lithuania) and
POL2012/01 (isolated in Poland), with nucleotide identity of
99.86 and 99.90%, respectively.

The NS1 gene analysis showed that G244/11 belonged to
the western topotype, sharing 100% nucleotide identity with
RSArrrr/14 and BT87/59, both being BTV-14.

Monitoring Survey
In 2011, BTV-14 was detected for the first time in the Russian
Federation. As described previously, the virus was isolated only
from cattle imported from Germany, during the quarantine
period. To evaluate the incidence of BTV-14 among local
livestock, local cattle, sheep, and goats grazing within a 300-km
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FIGURE 2 | The maximum likelihood phylogenetic tree showing the relationships of the complete Seg-2 sequences (2,922 nt) of the G244/11 strain and other BTV

strains of the Nucleotype C (BTV-21, BTV-6, BTV-14). The phylogenetic tree was constructed using MEGA 7. The percentage of replicated trees in which the

associated taxa clustered together in the bootstrap test (500 replicates) with a percentage higher than 54 are shown next to the branches. The Russian BTV G244/11

strain isolated in the Smolensk region in 2011 is indicated by the black circle.

TABLE 2 | Serological and virological investigation of local animals in the

Smolensk and Kaluga regions during 2011–2012.

Region Year Animals Number of

animals

Seroprevalence Number of PCR-

positive animals

(Ct)

Smolensk 2012 Cattle

Sheep

Goats

1065 17.46%

(186/1065,

CI = 15.25–19.9)

85 (Ct 26.1–37.6)

Kaluga 2012 Cattle

Sheep

Goats

558 51.08%

(285/558,

CI = 46.85–55.29)

98 (Ct 26.8–37.7)

Total 1623 29.02%

(471/1623,

CI = 26.83–31.31)

183 (Ct 26.1–37.7)

radius were sampled. To assess the prevalence of BTV infection,
a serological and virological survey was conducted in local cattle,
sheep, and goats from farms in the Smolensk and Kaluga regions
between 2011 and 2012 (Figure 1).

A serological survey was conducted between 2011 and 2012
for specific antibodies against BTV using ELISA. The results
for the seroprevalence of BT among animals in these regions
are presented in Table 2. The seropositivity of cattle, sheep,
and goats for BTV was 29.02% (471 of 1,623 animals, 95%
CI = 26.83–31.31%). The highest seroprevalence was among
ruminants in the Kaluga region (51.08%; 285 of 558 animals,
95% CI= 46.85–55.29%). Additionally, the BTV-14 genome was
detected in 183 of the serologically positive animals (Ct values
ranged from 26.1 to 37.6) by serotype-specific real-time RT-PCR
and by universal real-time RT-PCR, whose results were 100%
correlated (Table 2).

The negative results of the serotype-specific RT-PCR tests for
BTV 1, 2, 4, 6, 8, 9, 11, and 16 eliminated the other serotypes and
indicated that only the BTV-14 serotype was actively circulating
in the populations of local animals in the studied regions.

Entomological Investigation
A total of 4,963 midges were collected, of which 366 (7.37%)
belonged to the Obsoletus complex and 4,597 (92.63%) to the
Pulicaris complex. Molecular analysis confirmed that the four
species of the C. pulicaris complex (C. pulicaris s.s., C. punctatus,
C. impunctatus, and C. grisescens) were present in the pools of
biting midges.

Four pools of Obsoletus complex midges and 46 pools of
Pulicaris complex midges were tested. Among them, only three
pools of Pulicaris complex midges tested positive for BTV-14
RNA, with Ct values ranging from 31.3 to 33.9. The Obsoletus
complex midges had no detectable BTV genome. When Seg-2
was sequenced, the sequences of the positive midge pools proved
identical to those of the animals, indicating the same virus.

DISCUSSION

The key factors driving the incursions, transmission, and
overwintering of BTV in Europe remain poorly understood (42).
In particular, the unexpected incursions into new territories, of
which the arrival of BTV-8 in Northern Europe is a good example
(43), require elucidation.

The Russian territory bordering Europe experiences
prolonged, cold winters followed by relatively short summers,
which do not seem to favor the spread of BTV and make
overwintering unlikely (44). Nevertheless, midges are abundant
across the country (45). The first peaks of blood-sucking midge
activity occur as early as late May, and secondary peaks, although
less abundant, occur in July in Western Russia, dwindling
dramatically in August (44, 46). However, the genetics and
vectorial capacity of Russian midges remain to be poorly
understood to conduct a risk analysis.

The serendipitous detection of BTV-14 in the cattle in the
Smolensk region in 2011–2012 represents the first historical
incidence of BTV in the European part of Russia in which
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antibodies and live viruses were identified in local livestock. The
circulation of the live virus was confirmed by detection of BTV-
14 in the neighboring Smolensk and Kaluga regions in 2012
(Figure 1, Table 2), as well as in Poland in 2012 and 2014 (47).

Sequencing of the VP2 (Seg-2) and NS1 (Seg-5) genes resulted
in the Russian BTV-14 strain being grouped with a vaccine-
like BTV-14 strain used in African countries (Figure 2). In
addition to these findings, a related BTV-14 strain was also
documented in Poland in animals near the Polish–Belarusian
and Polish–Lithuanian borders in 2012 (47). Notably, Russian
strain G244/11, strain SPA2012/01 detected in cattle in Spain
imported from Lithuania, and Polish strain POL2012/01 shared
approximately 99.9% identity based on the VP2 gene. However,
the Russian strain carried two non-synonymous substitutions
at position 1622 (C/T) and position 2427 (A/G) that were
missing from the Polish and Lithuanian strains. This observation
indicates the circulation of a live BTV-14 vaccine strain that
spread asymptomatically and evolved in the field, likely in
midges, before its detection in the Russian territory in 2011.
The different BTV-14 strains were likely derived from a
common source. However, when compared with the North
American strains BTV-14, CAR1982/04, and USA2003/FL, Seq-2
of G244/11 shared 87.4 and 87.2% identity, respectively.

According to data obtained from Rosselhosnadsor (Russia),
there was no evidence of infection in local animals before 2011
or after 2012 (http://fsvps.ru/fsvps/iac/rf/reports.html). However,
58 seropositive animals were identified in the Kaluga region in
2010 during monitoring studies in Russia (n = 39,113 during
2009–2010) (http://fsvps.ru/fsvps/iac/rf/reports.html). In blood
serum samples (n = 1963) collected in 2011 from different
regions of Poland, antibodies against BTV were detected in 494
animals. However, no virus or viral genome was detected (47).
Currently, no information is available on the prevalence of the
disease in past decades in Belarus. Thus, the initial source of
infection remains unclear.

Notably, the animals did not present with any clinical signs
and remained asymptomatic throughout the outbreak, which
significantly limited understanding of BTV epidemiology in
the moderate continental climate. The third day of quarantine
occurred in early September 2011, whereas the 27th day (when
the virus could still be recovered) occurred in late September.
The average temperature at dusk between the dates was 7–13◦C.
This range comprised temperatures that include the minimum
temperature or even outside the optimal range for flight activity
of midges at this time of the year in Smolensk (44–46). In
addition, little actual flight activity was recorded during this
period. Thus, the entomological evidence does not support
the hypothesis that the outbreak originated in Russia with
the animals becoming infected during quarantine. Moreover,
although the infectious virus was recovered in late September
(day 27), for infection to occur, the midges had to be active and
abundant, which was not the case in Smolensk in September
2011. Therefore, the most likely scenario is that the heifers were
infected en route in Poland or Belorussia, which have a milder
climate and where, from May to September, the highest midge
activity is observed (47). The failure to detect the virus at day 3 of
the quarantinemay be attributable to the incubation period of the

disease. In this study, BTV RNA could be detected for only 111
days (Table 1), although the maximum period for which RNA
can be detected in infected animals is up to 160 days (48).

Due to this outbreak and the following report by Russia
in 2011 (Ref. OIE: 11439, Report Date: 30/12/2011, Country:
Russia), the attention of the World Organization for Animal
Health (OIE)1 was drawn and BTV-14 became the focus of
attention in Eastern Europe beginning in 2012 (47, 49). Although
Russia was the first to report BTV-14, the report followed the
import and testing of the consignment of heifers and therefore
does not mean that the infection first appeared in Russia. The
infection may have appeared elsewhere, and spread over a long
distance via midges that are not bound by national borders.

Importantly, a live vaccine containing BTV-14 is not available
on either the EU or the Russian market, which indeed suggests
previous illegal use of a BTV-14-based vaccine. Although no
evidence is available to support this contention, according to
Nomikou et al. (49, 50), whole-genome sequencing data suggest
that BTV-14 strains that have spread in Europe and Russia are
reassortants containing genome segments derived from different
reference vaccine strains originating from South Africa (49, 50).
Nevertheless, although a possible vaccine incident is suggested as
the source of the infection, consistent with the sequencing data
presented herein, evidence of the illegal use of a live vaccine is
lacking, as previously noted. Moreover, the use of a polyvalent
vaccine preparation that included serotypes 1, 4, 6, 12, and 14
(Onderstepoort Biological Products, South Africa) does not seem
logical, because the greatest threat to this area is associated with
the BTV-8 serotype.

A possible alternative explanation for the present incidence
is infection via BTV-contaminated fetal bovine serum, which
is used as a semen extender for artificial insemination of cattle
(51). Unfortunately, data on the extent of its use in the farming
industry are not available. In addition, contaminated serum or
other components may have been used to produce other live
vaccines for cattle or small ruminants, which have already shown
potential for contamination with BTV, as reported for a sheep-
pox vaccine (16). Following vaccination, the contaminating
BTV can escape and begin to circulate in the field. This
route seems most plausible for the reported case; however, this
hypothesis lacks evidence on what type of vaccine may have
been contaminated.

Collectively, the literature indicates that blood-sucking insects
drive BTV transmission across countries (8, 19). The reassortant
nature of BTV-14 in Eastern Europe suggests that midges
are most likely responsible for the BTV diversity (49, 52).
Nevertheless, the vector species for the virus in Western Europe
remains to be determined.

Entomological surveillance conducted in the Smolensk and
Kaluga regions in 2012 demonstrated detection of the BTV-14
genome in midges of the C. pulicaris complex but not in those
of the C. obsoletus complex. This study is the first to show that
midges in Russia can potentially serve as a vector for BTV.
However, this claim is made with the following caveats. In this

1https://www.oie.int/fileadmin/Home/eng/Animal_Health_in_the_World/docs/

pdf/Disease_cards/BLUETONGUE.pdf.
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study, midges were not sorted into nulliparous and engorged
midges, and the focus was only on PCR positivity. Therefore,
the results could indicate a positive blood meal rather than
infected midge heads. This finding warrants further study to
determine whether Russian midges can potentially be infected
and subsequently transmit BTV. Another interesting observation
was that Pulicaris complexmidges dominated the catch, although
Sprygin et al. (44) reported that Obsoletus complex midges are
very abundant in the Smolensk region. In addition, although
BTV RNA was not detected in Obsoletus complex midges, only
four pools were tested.

Another limitation of the current study is that archived
samples approximately 1 year before importation of the animals
could not be accessed. This information would have provided
insight into the actual prevalence of BTV-14 in the area during
that period.

To obtain an update on the epidemiology of BTV in Russia,
including serotype 14, an annual monitoring survey has been
conducted. According to published reports by Rosselhosnadsor,
no infected animals were detected from 2013 to 2019 in Russia
(n= 217,286) (http://fsvps.ru/fsvps/iac/rf/reports.html).

In summary, this study describes the detection of
asymptomatic BTV-14 infection in cattle in the Smolensk
region of Russia in 2011. The identified BTV strain was
genetically related to a vaccine BTV-14 strain, based on Seg-2
sequencing. However, the origin of the outbreak remains
speculative. Although the possible mechanism of spread seems
to be via vector bites because the collected midges tested positive
for BTV dsRNA, this assumption merits further investigation.
Elucidation of the mechanism involved would provide crucial
insights into the circulation and overwintering of BTV in
northern latitudes.
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In this paper, the results of the diagnostic activities on Bluetongue virus serotype 3 (BTV-3)

conducted at Kimron Veterinary Institute (Beit Dagan, Israel) between 2013 and 2018

are reported. Bluetongue virus is the causative agent of bluetongue (BT), a disease

of ruminants, mostly transmitted by competent Culicoides species. In Israel, BTV-3

circulation was first detected in 2013 from a sheep showing classical BT clinical signs.

It was also evidenced in 2016, and, since then, it has been regularly detected in Israeli

livestock. Between 2013 and 2017, BTV-3 outbreaks were limited in sheep flocks located

in the southern area only. In 2018, BTV-3 was instead found in the Israeli coastal area

being one of the dominant BTV serotypes isolated from symptomatic sheep, cattle and

goats. In Israeli sheep, BTV-3 was able to cause BT classical clinical manifestations and

fatalities, while in cattle and goats infection ranged from asymptomatic forms to death

cases, depending on either general welfare of the herds or on the occurrence of viral

and bacterial co-infections. Three different BTV-3 strains were identified in Israel between

2013 and 2018: ISR-2019/13 isolated in 2013, ISR-2153/16 and ISR-2262/2/16 isolated

in 2016. Sequencing and phylogenetic analysis of these strains showed more than

99% identity by segment (Seg) 2, 5, 6, 7, and 8 sequences. In contrast, a wide range

of diversity among these strains was exhibited in other viral gene segments, implying

the occurrence of genome reassortment between these local circulating strains and

those originating from Africa. The genome sequences of the BTV-3 isolated in 2017

and 2018 were most closely related to those of the ISR-2153/16 strain suggesting their

common ancestor. Comparison of BTV-3 Israeli strains with those recently detected

in the Mediterranean region uncovered high percentage identity (98.19–98.28%) only

between Seg-2 of all Israeli strains and the BTV-3 Zarzis/TUN2016 strain. A 98.93%

identity was also observed between Seg-4 sequences of ISR-2019/13 and the BTV-3

Zarzis/TUN2016 strain. This study demonstrated that BTV-3 has been circulating in the

Mediterranean region at least since 2013, but, unlike the other Mediterranean strains,

Israeli BTV-3 were able to cause clinical signs also in cattle.

Keywords: orbivirus, sheep, cattle, clinical signs, phylogeny, descriptive epidemiology
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INTRODUCTION

Bluetongue (BT) is a non-contagious, arthropod-borne viral
disease of domestic and wild ruminants, listed as a notifiable
disease by theWorld Organization for Animal Health (OIE). The
Bluetongue virus (BTV) is the prototypemember of theOrbivirus
genus within the Reoviridae family (1, 2).

BTV is a double-stranded (ds) RNA virus (3), its genome
consists of ten segments (Seg-1 to Seg-10) of linear dsRNA
coding 7 structural (VP1–VP7) and 5 non-structural (NS1, NS2,
NS3/NS3a, NS4, and NS5) proteins (4) At present twenty-eighth
distinct BTV serotypes have been officially recognized based on
Seg-2 gene sequence (5, 6). Other putative novel BTV serotypes
have also been described (7–11).

Transmission between mammalian hosts and spread of the
infection rely mostly on competent Culicoides species (12–
14), so the presence of the disease is then strictly related to
the distribution of competent vectors (2). Even though they
don’t seem to be epidemiologically important, vertical and
horizontal transmissions have also been described (15–18). For
BTV-26, BTV-27 v02 and, probably, BTV-X ITL2015 and BTV-
28 transmission by direct contact has been demonstrated or
hypothesized (6, 10, 19, 20).

Clinical signs of BT are more severe and most commonly
observed in sheep or in white-tailed deer, often leading to animal
fatality especially in naïve animals (1, 2). In cattle, BTV infection
is usually asymptomatic, although symptoms were reported after
infection with some strains (21–24).

As a RNA virus with a segmented genome, BTV can undergo
reassortment which can occur when a cell is simultaneously
infected with more than one BTV strain and involves the
packaging, into a single virion, of full length of genomic segments
of different ancestry. Reassortment in BTV is very flexible, and
can involve any genome segment (25–27). However, the genome
sequence of BTV isolates generally reflects their geographic
origins (28–30).

Seg-2 and Seg-6 encoded the BTV outer capsid proteins VP2
and VP5. They represent the primary target for neutralizing
antibodies generated during infection of the mammalian host
(31–33). Their highly variable sequences are associated with virus

serotype (particularly in VP2/segment) (34–36) and, within each
serotype, with the geographic origin of the virus strain (28, 34–
37).

Among BTV serotypes, Seg-2/VP2 sequences of BTV-3, BTV-
16, and BTV-13 are closely related. All of them are included
within the nucleotype B reflecting a serological relationship (3).
BTV-3 strains can be subdivided into at least two main clusters.
1st cluster includes strains originated fromAfrica,Mediterranean
Basin and North America (western topotypes, w); 2nd-includes
strains originated from Japan, India, and Australia (eastern
topotypes, e). The nucleotide (nt) identity between Western and
Eastern topotype Seg-2 can be as small as 71.5% (7, 38–43).

Between 2016 and 2018, two novel BTV-3 western strains have
been identified in two different geographical areas of Tunisia-
one in the north-eastern part of the country (Peninsula of Cap
Bon, prototype BTV-3 TUN2016) and the other in the South-
East near by the border with Libya (prototype strain BTV-3

TUN2016/Zarzis). The BTV-3 TUN2016 spread in 2017 to Italy
infecting a single 3-year-old female crossbred sheep belonging to
a flock located in the municipality of Trapani, Sicily, which are
150 km distant from Peninsula of Cap Bon (7, 39, 40) and in 2018
in the Southern area of Sardinia causing numerous outbreaks
(38). Clinical signs in infected sheep included depression, fever,
nasal discharge, submandibular edema, and crusted discharge
around the nostrils. Four animals died because of the severity of
infection (38). In 2016, another BTV-3 strain closely related to
TUN2016/Zarzis strain was detected in Egypt (38).

The present paper reports the results of the diagnostic
activities on BTV conducted at Kimron Veterinary Institute
between 2013 and 2018 and the evidence of BTV-3 circulation
in Israel. Clinical signs of infected sheep, goats and cattle along
with the genetic characterization and phylogenetic analysis of the
BTV-3 strains are also described.

MATERIALS AND METHODS

Field Samples
During years 2013, 2016, 2017, and 2018, 3,149 samples (714 in
2013, 669 in 2016, 744 in 2017, and 1,022 in 2018) from domestic
and wild ruminants were collected and examined at the Kimron
Institute, Beit Dagan, Israel (KVI). Samples included whole blood
from symptomatic animals, spleen or/and lung samples from
dead animals and spleen, lung, placenta and brain samples from
aborted fetuses. Details on number, samples, species from which
samples were collected are shown in Table 1.

Clinical and Epidemiological Follow Up
Farms where domestic clinically ill ruminants were confirmed by
laboratory tests as BTV-3 infected were recorded and numbered
in Table 3. Information in Table 3 included location of the farm
or animal grazing place, type of farming, breed, and number of
animals in the farm/group. All clinical events observed in the
farms were followed and reported (Table 4).

Laboratory Tests
Internal organs were examined for aerobic and anaerobic
bacteria and Salmonella spp. growth according to standard

procedures (45).
From all field samples and virus isolates (chicken embryo

homogenate and tissue culture supernatant) viral RNA was
extracted using Invisorb Spin Virus RNA Mini Kit (STRATEC
Molecular, Berlin, Germany), and by MagMAXTM CORE Nucleic
Acid Purification Kit (Thermo Fisher Scientific), according to
recommendations of manufacturers. To detect bovine ephemeral
fever virus (BEF), the RNA extraction and RT-qPCR were
performed on white blood cells from whole EDTA blood samples
of cattle origin according to Erster et al. (46).

Presence of Malignant Catarrhal Fever virus (MCFV) DNA
was determined according to the method described by Cunha
(47). Most samples from cattle were also tested for the presence
of Epizootic Hemorrhagic disease virus (EHDV) RNA by EHDV
Real-Time PCR Kit (Applied BiosystemsTM, Thermo Fisher
Scientific Inc., Lissieu, France) according to manufacturer’s
instructions. The method described by Boxus (48) was used to
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TABLE 1 | Field samples tested by Pan-BTV RT-qPCR from different kinds of domestic and wild/zoo ill or dead animals and subsequent virus isolations during 2013, and

2016–2018.

Species Cattle Sheep Goat Wild ruminants

Year w.b. s/l a.f w.b. s/l a.f w.b. s. a.f w.b. s. a.f Total samples Total VI

2013 No. of tested samples 564 10 3 68 28 3 6 12 2 0 16 2 714

No. of pos. samples 113 3 1 18 13 2 0 5 1 0 2 0 158

No. of isolated BTV-2 1 1

No. of isolated BTV-3 1 1

No. of isolated BTV-4 1 6 7

No. of isolated BTV-16 3 3 6

2016 No. of tested samples 484 41 10 73 20 18 1 4 5 0 11 2 669

No. of pos. samples 159 13 1 49 5 0 0 1 0 0 0 0 228

No. of isolated BTV-2 3 3

No. of isolated BTV-3 3 3

No. of isolated BTV-4 1 1

No. of isolated BTV-8 24 1 26 51

No. of isolated BTV-15 1 1

2017 No. of tested samples 402 35 7 173 41 10 9 24 0 17 23 3 744

No. of pos. samples 93 6 0 51 9 0 0 6 0 1 2 0 168

No. of isolated BTV-2 1 1

No. of isolated BTV-3 4 4

No. of isolated BTV-4 1 12 13

No. of isolated BTV-6 6 10 16

No. of isolated BTV-15 6 6

2018 No. of tested samples 629 18 53 72 32 156 8 21 14 4 13 3 1,022

No. of pos. samples 217 6 1 36 0 6 3 2 0 0 0 0 271

No. of isolated BTV-2 1 1

No. of isolated BTV-3 1 6 1 8

No. of isolated BTV-4 1 9 10

No. of isolated BTV-6 2 2

No. of isolated BTV-15 9 9

No., number; w.b, whole blood samples; s/l, spleen or lung samples; s., spleen samples; a.f., aborted fetus; VI, virus isolation. Data from 2017 was also used in publication (44).

detect Bovine Respiratory Syncytial virus (BRSV) RNA from lung
cattle samples, while an in-house RT-qPCR (unpublished) and
Kishimoto et al. (49) methods were used for detecting bovine
Parainfluenza 3 (BPI3) and bovine Corona virus (BCoV) RNAs,
respectively. A specific RT-qPCR was used for detection and
identification Simbu serogroup RNA viruses in plasma samples
(50) and, finally, the VetMAXTM BTV NS3 All Genotypes Kit
(Applied BiosystemsTM, Thermo Fisher Scientific Inc., Lissieu,
France) RT-qPCR kit targeting Seg-10 of the BTV genome was
used for detecting BTV RNA.

Those samples which were positive to the BTV RT-qPCR
with Cycle Threshold (Ct) values ≤33, were further tested
for determining the serotype. Virotype R© BTV pan/4 RT-
PCR and Virotype R© BTV pan/8 RT-PCR kits (QIAGEN,
Leipzig, Germany) were applied directly to RNA extracted from
diagnostic samples to detect and identify BTV-4 and BTV-8
serotypes, respectively. The same samples were also retroactively
tested for the presence of BTV-3 by an in-house specific RT-qPCR
according to the method described by Lorusso et al. (7).

In an attempt to isolate BTV, all BTV RT-qPCR positive
samples were inoculated in 9 to 11 day old embryonated chicken

eggs (ECE) according to the method described by Komarov
and Goldsmith (51) and adopted by Golender et al. (52). In
the homogenate of the ECE organs, the presence of BTV was
confirmed by BTV RT-qPCR. BTV-positive ECE homogenates
were subsequently tested for the presence of the RNA of all BTV
serotypes that have circulated in Israel and neighboring countries
during the recent decades (BTV-2, −3, −4, −5, −8, −12, −15,
−16, and−24) by using a conventional specific in-house RT-PCR
(primers are listed in Table S1) using a One-Step RT-PCR kit
(Qiagen, Hilden, Germany).

Primers 3VP2-1F (5′-GTT AAA AAC GCT GTC CCG AGA-
3′) and 3VP2-637R (5′-GAG CGC CCA CTC TAA ATT CCT
C-3′) targeting a portion of 658 bp of the Seg-2 of BTV-3 by RT-
PCR were used for BTV-3 identification. All positive in in-house
conventional serotype specific RT-PCR tested BT virus isolates
from all serotypes were consequently sequenced.

All viral-segment amplicons of Israeli BTV-3 were sequenced
by standard Sanger methods with an ABI 3730xl DNA
Analyzer (Hylabs, Rehovot, Israel). The cDNA fragments
were purified with a MEGAquick-spin Total Fragment DNA
Purification Kit (iNtRON Biotechnology, Gyeonggi-do, South
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TABLE 2 | Field samples tested by BTV serotype specific RT-qPCRs from different kinds of domestic ill or dead animals during 2018.

Species Cattle Sheep Goat

Specific RT-qPCR w. b. s/l w. b. w. b. s. Total

BTV-3 No. of tested samples 133 5 32 3 2 175

No. of positive samples 13 2 8 1 1 25

BTV-4 No. of tested samples 133 5 32 3 2 175

No. of positive samples 11 2 18 1 0 32

BTV-8 No. of tested samples 133 5 32 3 2 175

No. of positive samples 0 0 0 0 0 0

No., number; w.b., whole blood samples, s/l, spleen or lung samples; s., spleen samples.

Korea). The resulting nucleotide sequences were assembled and
nucleotide (nt) and amino acid (aa) sequences were aligned and
pairwise compared by using Geneious version 9.0.5 (Biomatters,
Auckland, New Zealand). Phylogenetic trees were constructed
with the Mega 7.1 software (53).

RESULTS

BTV Detection by RT-qPCR From Field
Samples
Data regarding the presence of BTV in the samples examined by
BTV RT-qPCR between 2013 and 2018 are shown in Table 1.
A total of 3,149 samples were tested for the presence of BTV.
Of these 792 were found positive by BTV RT-qPCR. Of the 714
samples collected in 2013, 125 were found positive for BTV, 228
of the 669 collected in 2016, 168 of the 744 collected in 2017,
and 271 of the 1,022 collected in 2018. Details on the BTV results
obtained from the tested samples are also shown in Table 1.

Field Samples Serotyping by Specific
RT-qPCR, 2018
Of the 271 field samples collected during 2018 and found positive
for BTV by RT-qPCR, 175 (138 from cattle, 32 from sheep and 5
from goats) had Ct values of ≤33. These positive samples were
further tested by BTV-4, BTV-8 and BTV-3 specific RT-qPCR.
Of the 175 BTV positive samples, 25 were found positive for
BTV-3 (15 whole blood samples from 14 cattle; from one cattle
blood samples were collected twice), 8 from sheep and 2 from
goats) and 32 for BTV-4 (13 from cattle, 18 from sheep and 1
from a goat). Additional 2 samples, one newborn calf and one
placenta from case of abortion in sheep, were found positive to in-
house conventional RT-PCR unveiling Israeli BTV-4 strain in the
both cases. One whole blood sample from sheep and 2 samples
from cattle (one whole blood and one spleen samples), were
contemporaneously positive for BTV-3 and BTV-4 in specific RT-
qPCRs. All samples positive for BTV-4 were received between
March and December 2018, while all samples positive for BTV-
3 were received between August and December 2018. No BTV-8
positive samples were found in 2018 (Table 2).

Virus Isolation
Of the 792 BTV RT-PCR samples inoculated into ECE, 136 BTV
strains were isolated, 15 were isolated from the batch of samples

collected in 2013, 59 from the batch of samples collected in 2016,
40 from the samples collected in 2017 and 25 from the samples
collected in 2018. The 15 BTV strains isolated in 2013 were
identified as BTV-2 (n = 1), BTV-3 (n = 1), BTV-4 (n = 7),
and BTV-16 (n = 6). The 59 strains isolated in 2016 included
BTV-2 (n = 3); BTV-3 (n = 3), BTV-4 (n = 1), BTV-8 (n =

51), and BTV-15 (n = 1). In one sample BTV-3 and BTV-8
mixed infection was found. The 40 BTV strains isolated in 2017
comprised BTV-2 (n= 1), BTV-3 (n= 4), BTV-4 (n= 13), BTV-
6 (n = 16), and BTV-15 (n = 6) (Table 1). The 30 BTV isolated
in 2018 included BTV-2 (n= 1), BTV-3 (n= 8), BTV-4 (n= 10),
BTV-6 (n = 2), and BTV-15 (n = 9). In 4 occasions BTV-3 and
BTV-4 mixed infection was observed (Tables 1, 3, 4). Notably,
where only one out of four samples was positive in BTV-4 specific
RT-qPCR, from which mixed BTV-3 and BTV-4 were isolated,
probably pointing out undetected cases by BTV-4 RT-qPCR test.

Clinical and Epidemiological Follow Up
Associated With BTV-3 Infection
In this study, BTV-3 was detected in 20 farms numbered from 1
to 21 (Tables 3, 4). From 2013 till 2017, BT-like symptoms were
recorded from sheep flocks located in Southern Israel, only. In
2018, BTV-3 was detected in sheep, goat and cattle farms situated
in southern and central areas of Israel (Figure 1, Tables 3, 4).

The main clinical signs in sheep included pyrexia, nasal
discharge, hyperemia and ulceration of the oral and/or nasal
mucosa, facial and/or thorax and hindlimbs edema, fatigue,
apnea, recumbency, and few abortions. Morbidity in flocks was
seen both in young and adult animals and ranged from 5 to
33.3%, with case mortality ranging from 0 to 30% (Table 3).
In farms number 1, 2, 6, and 9, no additional pathogen
was identified, while in farms number 3, 4, 5, 10, and 11
additional BTV serotypes were contemporaneously identified
or/and isolated in the farm or/and in the same animals (BTV-4, 6,
8, Tables 2, 3). In one farm (number 17), where the only clinical
sign was abortion, additionally to BTV-3, Shuni virus (SHUV)
was detected in plasma sample from an ewe after abortion.
Interestingly, in sheep farm from the southern part of Israel,
BTV-3 recurrent infection was observed in fall period of 2017
and 2018 (farms number 4 and 9, Tables 3, 4). Moreover, cases
of acutely affected animal showing classical BT clinical signs
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TABLE 3 | Geographic localities and epidemiological aspects on sheep and cattle farms, where BTV-3 was identified.

Year Locality/geographic

zone/distinct

Farm Species/No. of

animals in the farm

Breed Affected group No. of dead animals/No.

of ill animals/total

animals in affected group

Morbidity/case

mortality (%)

2013 Pri Gan/Negev desert/Southern

Distinct

1 Sheep/no data Merino,

Romanov,

Charolais

No data No data No data

2016 Moshav Tkuma/Negev desert/

Southern Distinct

2 Sheep/400 Fin, Merino

and Afek

(Borulla)

All ages 10/50/400 12.5/20

2016 Mikne Dekel/Negev desert/

Southern Distinct

3 Sheep/1250 Charolais Adult ewes and

5-month old lambs

60/150/no data No data/40

2017 Moshav Lachish/ Negev Desert/

Southern Distinct

4 Sheep/750 Merino,

Romanov,

Asaf,

Puld-Dorset

Lambs 4–15 month

and primipara ewes

20–30/100/no data No data/20–30

2017 Sde David/ Negev desert/

Southern distinct

5 Sheep/450 Asaf x Merino Lambs of different

ages

10/50/150 33.3/20

2017 Rahat/Negev desert/Southern

distinct

6 Sheep/no data No data No data No data No data/high

2018 Kfar Silver/Sothern distinct 7 Goat/700 Alpine Adult doe 1/1/350 0,14/100

2018 Moshav Avigdor/ Southern

distinct

8 Cattle/ 550 Holstein-

Friesian

Pregnant calf (24m)

and adult cows

4/4/550 0,72/100

2018 Moshav Lachish/ Negev Desert/

Southern Distinct

9 Sheep/ 900 Merino,

Romanov,

Asaf,

Puld-Dorset

Lambs 4-12 month 30-40/200/400 10/15-20

2018 Mikne Dekel/Negev desert/

Southern Distinct

10 Sheep/1250 Charolais Lambs and adult

ewes

5/no data/1250 <1/no data

2018 Moshav Nordia/Sharon plain/

Central distinct

11 Sheep/2200 Asaf Lambs and adult

ewes

No data/no data/2200 No data

2018 Kfar Maimun/ Southern Distinct 12 Goat/400 Saanen Pregnant does 0/40/150 0/0

2018 Kibbutz Kvutsat Yavne/ Southern

coastal plate/Sothern distinct

13 Cattle/760 Holstein-

Friesian

2 adult pregnant

cows

2/2/400 0.5/100

2018 Moshav Beer Tuvya/ Shfela/

Southern Distinct

14 Cattle/ no data Holstein-

Friesian

Adult bulls No data No data

2018 Moshav Nir Galim/ Southern

coastal plain/ Southern distinct

15 Cattle/ 800 Holstein-

Friesian

4 month old calves 15/20/400 5/75

2018 Kfar Vitkin/ Hefer Valley/ Central

distinct

16a Cattle/185 Holstein-

Friesian

18-month old female

calf

0/1/30 3.3/0

2018 Kfar Vitkin/ Hefer Valley/ Central

distinct

16b Cattle/400 Holstein-

Friesian

18-month old female

calf

0/1/180 0.56/0

2018 Havat Shikmim/ Negev

desert/Southern distinct

17 Sheep/4000 Charolais Adult ewes 0/100/2000 5/0

2018 Beit Yitzhak/ Central distinct 18 Cattle/200 Holstein-

Friesian

One-year-old female

calf an one adult cow

2/2/200 1/100

2018 Kfar Shmuel/ Shfela/ Central

distinct

19 Cattle/120 Holstein-

Friesian

An adult cow 0/1/70 1.3/0

2018 Kibbutz Berot Ithak/ Central

distinct

20 Cattle/574 Holstein-

Friesian

A calf and an adult

milking cow

0/2/574 0.35/50

2018 Kibbutz Yad Mordechai/Southern

Distinct

21 Cattle/1200 Holstein-

Friesian

A single one-year-old

female calf

0/1/100 1/0

were seen in this farm during 2 month period and confirmed by
successful virus isolation (Table 4).

In 2018, BTV-3 was also detected in two goat farms
(Tables 3, 4). One was detected in the spleen of a sudden
dead goat and the other in a blood sample collected from
a doe right after abortion. In the first case, the low BTV-
3 load (Ct 32) found in the spleen was the only laboratory

finding as neither bacteriological nor toxicological investigation
was conducted. Regarding the farm with abortion cases,
BTV-4 was also detected in the blood of another doe
after abortion. In both farms the pathogen was detected in
adult does.

BTV-3 was also identified in field samples collected from
10 cattle farms situated in southern and central areas of the
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TABLE 4 | Clinical signs, virus isolation, and additional laboratory diagnoses found in BTV-3 affected domestic ruminants.

Farm Beginning of

disease

Clinical signs Sample date Pos/

total

BTV-3 strain Other laboratory

investigations/

method

Pos laboratory

tests/method

1 Beg-Nov-2013 Classical clinical manifestations of BT

disease

Beg-Nov-2013 2/3 ISR-2019/13 VI No

2 End-Sep-2016 Fever, nasal discharge, hyperemia and

ulcers in the oral and/or nasal mucosa, face

and/or thorax edema, fatigue, and apnea

28-Sep-2016 1/1 ISR-2153/16 VI No

3 Oct-2016 Fever, nasal discharge, severe hyperaemia,

ulceration of oral and/or nasal mucosa,

severe face and/or thorax edema,

recumbency, and apnea

16-Oct-2016 3/3 ISR-2262/2/16 VI BTV-8/VI from

another two

samples

4 Mid-Sep-2017 Fever, followed by lameness and stiffness in

legs and back muscles, conjunctivitis, nasal

discharge, ulceration of oral and nasal

mucosa, recumbency, fatigue, mild

respiratory distress, and a few abortions

14-Sep-2017;

28-Nov-2017

3/3;

2/2

ISR-2107/2/17;

ISR-2396/2/17

VI BTV-6/VI from

another sample

5 Beg-Sep-2017 Fever followed by skin erythema 6-Sep-2017 3/3 ISR-2079/2/17 VI BTV-6/VI

6 Oct-2017 Fever, fatigue, reluctance to move,

inappetence, pneumonia, and subsequent

high mortality

16-Oct-2017 1/1 ISR-2219/17 VI No

7 23-Aug-2018 Abrupt death 23-Aug-2018 1/1 No BTV-4,−8/PCR; VI No

8 Beg-Sep-2018 Fever, recumbency with following death 2-Sep-2018 1/1 No BTV-4,−8/PCR;

BEF/PCR; BEF/SN;

VI; bacterial culture

Clostridium

perfringens (calf) and

few cases in the

farm

9 Beg-Sep-2018 Classical clinical manifestations of BT

disease

13-Sep-2018;

29-Oct-2018

2/2 ISR-1965/18;

ISR-2210/18

BTV-4,−8/PCR; VI No

10 Mid-Sep-2018 Fever, facial, neck, and hind limbs edema,

stiff gate

17-Sep-2018 3/3 ISR-1975/1/18;

ISR-1975/2/18

BTV-4,-8/PCR; VI BTV-4/PCR;

BTV-4/VI

11 Beg-Oct-2018 Fever, lips and facial edema, stiff gate 10-Oct-2018 3/4 ISR-2078/2/18;

ISR−2078/4/18

BTV-4,-8/PCR; VI BTV-4/PCR;

BTV-4/VI

12 Oct-2018 Abortions 21-Oct-2018 2/2 ISR-2144/2/18 BTV-4,-8/PCR; VI;

pan-Simbu/PCR

BTV-4/PCR (in

another goat

sample)

13 End-Oct-2018 Recumbency, death 24-Oct-2018 1/1 No BEF/PCR; BEF/SN;

BTV-4,-8/PCR; VI

No

14 No data 24-Oct-2018;

4-Nov-2018;

21-Nov-2018;

19-Dec-2018

1/8;

1/4;

2/10;

1/10

No BTV-4,-8/PCR; VI No

15 End-Oct-2018 Recumbency and death after few hours

from beginning of illness. Post mortem

examination- pneumonia

25-Oct-2018 1/1 No BTV-4,-8/PCR; VI;

BSRV/PCR;

BPI-3/PCR;

BCoV/PCR;

bacterial culture

Salmonella spp.

16 End-Oct-2018 Fever, recumbency, tremor/stiffness of neck

muscles

25-Oct-2018;

31-Oct-2018

2/2 No BTV-4,-8/PCR;

pan-Simbu/PCR;

EHDV/PCR; VI

No

17 Oct-2018 Abortions 28-Oct-2018 2/3 No BTV-4,-8/PCR;

pan-Simbu/PCR; VI

SHUV/PCR

18 Beg-Nov-2018 Hypersalivation, neural ketosis, neck tense

muscles (adult cow); fever, fatigue,

conjunctival hyperemia (calf)

28-Oct-2018;

5-Nov-2018

1/1 ISR−2255/18 BTV-4,-8/PCR;

EHDV/PCR; VI-adult

cow; BTV-4,-

8/PCR;BEF/PCR;

EHDV/PCR; BLV/ID;

VI- calf

BEF/PCR (calf)

19 Beg-Nov-2018 Fever, indifference, inapetence, sharp

decrease in milk production

4-Nov-2018 1/1 No BTV-4,-8/PCR;

MCFV/PCR VI

No

(Continued)
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TABLE 4 | Continued

Farm Beginning of

disease

Clinical signs Sample date Pos/

total

BTV-3 strain Other laboratory

investigations/

method

Pos laboratory

tests/method

20 End-Nov-2018 Foamy salivation, nystagmus, hypothermia,

mucosal cyanosis and death (calf). Post

parturient ketosis, sharp blindness,

endometritis, tachycardia (adult cow); after

symptomatic treatment- recovery. Generally

in farm- cases of diarrhea and abortions

29-Nov-2018;

16-Dec-2018

1/1 No BTV-4,-8/PCR; VI;

MCFV/PCR

BTV-4/PCR (calf)

21 Mid-Dec-2018 Bloody-purulent nasal discharge 13-Dec-2018 1/1 No BTV-4,-8/PCR; VI,

IBRV/PCR;

BEF/PCR;

EHDV/PCR;

IBRV/ELISA-Ab

BTV-4/PCR

Pos/total, number of positive and number of total samples received from the farm; VI, virus isolation; BEF, bovine ephemeral fever; EHDV, epizootic hemorrhagic disease virus; MCFV,

malignant catarrhal fever virus; BLV, bovine leukemia virus, pan-Simbu- panel of Simbu serogroup viruses (Peribuniaviridae family); ID, immune diffusion; BRSV, bovine respiratory

syncytial virus; BPI−3, bovine parainfluenza 3 virus; BCoV, bovine corona virus; SHUV, Shuni virus; IBRV, infectious bovine rhinotracheitis virus.

country (Figure 1;Tables 3, 4). Except for the cattle farm number
14, where clinically healthy animals were tested for commercial
purposes, BTV-3 was detected in samples of sick and dead
cattle received from the beginning of September till the middle
of December 2018. In two cattle farms (farms 8 and 15) with
unusual mortality rates, Clostridium perfringens and Salmonella
spp. were also found in calves, respectively (Tables 3, 4). In farm
number 18, a post parturient BTV-3 positive adult cow was
euthanized 2 days after showing hypersalivation, neural ketosis,
and neck tense muscle. In addition, a one-year-old calf died after
suffering from fever, fatigue, and conjunctival hyperemia. From
blood sample of this calf, BEFV and BTV-3 were detected and
BTV-3 was successfully isolated. In farm number 20, the clinical
cases associated with BTV-3 detection included a calf which
died after showing foamy salivation, nystagmus, hypothermia,
and mucosal cyanosis and an adult cow showing post parturient
ketosis, sharp blindness, endometritis, and tachycardia, which
recovered after treatment with antibiotics and anti-inflammatory
drugs. BTV-4 was also identified by RT-qPCR in tested samples.
Similarly, BTV-3 and BTV-4 mixed infection was detected in
a cow with bloody-purulent nasal discharge in farm number
21. Oppositely to previously described cases, no additional
pathogens other than BTV-3 were found in farms number 13
and 19. In farm number 13, two adult pregnant cows showed
recumbency before dying several days after appearance of clinical
signs. No additional laboratory investigations were done for
identifying the reason of the death. In farm 19, BTV-3 was
detected in an adult cow which recovered after showing fever,
indifference, inappetence, and sharp decrease inmilk production.

Field samples from ill cattle were not investigated for BTV-15
by RT-qPCR, due to absence of in-house or commercial RT-qPCR
validated with currently circulating Israeli strains.

Sequence, BLAST, Pairwise and
Phylogenetic Analysis of the Israeli BTV-3
The three BTV-3 strains isolated in 2013 and 2016 were fully
sequenced. Partial sequencing of Seg-2 of the four BTV-3 isolated
in 2017 and partial sequencing of Seg-2 of the eight BTV-3

isolated in 2018 revealed very close relationship between strains
isolated during the same year. For this reason, two out of
four BTV-3 strains isolated in 2017 from two different sheep
farms and two out of eight strains isolated in 2018 (one-
from sheep from the southern distinct and one from cattle
from central distinct of Israel) were selected for further study.
The coding regions of all 10 segments of ISR-2019/13, ISR-
2153/16, ISR-2262/2/16, ISR-2219/17, ISR-2210/18, and ISR-
2255/18 (accession numbers of NCBI GenBank and length of
sequenced region of every sequence are shown in Table S2)
were almost full sequenced, when most segments of ISR-
2396/2/17 strain were sequenced partially. Partial sequences of
segment 2 (Seg-2) of all other Israeli BTV-3 isolates were also
submitted to NCBI GenBank (accession numbers MH107823,
MH107824, MN398282- MN398287) (https://www.ncbi.nlm.
nih.gov/nucleotide/).

Israeli BTV-3 strain sequences were also compared and data
on nt and aa substitutions were summarized in the Table 5. Due
to very close relationship (99.45–99. 92% of nt identity in all
genome segments) between BTV-3 strains isolated during 2017–
2018 and ISR-2153/16 strain isolated in 2016, only sequences of
the ISR-2153/16 strain were considered in the genetic analyses
when nt sequences were compared to those of the global BTV
strains (Table 6). First Israeli BTV-3 isolate (ISR-2019/13) was
used as a prototype Israeli BTV-3 strain. Based on the data
on number nt and aa substitutions, as well as on the identity
with local or global BTV sequences, genome sequences were
considered as homologous, or reassorted (Table 5).

Seg-1
According to BLAST and pairwise analyses, the ISR-2019/13
and the ISR-2262/2/16 strains were closely related (99.59%
nt and 99.61 aa identity, Table 5). They also showed high
degree of nt sequence identity with Tunisian (TUN2000/01) and
French (FRA2001/01) BTV-2 strains, with which they shared
97.63–97.71% identity, respectively. The ISR-2153/16 strain was
instead most closely related to the BTV-22 84/184 strain, with
which it shared 96.66% nt identity (Table 6, Figure S1A).
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FIGURE 1 | Geographic location of Israeli sheep, goat and cattle farms where BTV-3 was identified. Location of farms with BTV-3 affected domestic ruminants in

2013 were sign by yellow, 2016- by green, 2017- by blue and in 2018 by red triangles.

The ISR-2019/13 and the ISR-2262/2/16
strains clustered with BTV-2 and BTV-4
strains isolated in France, Spain and Morocco

between 2001 and 2004 while the ISR-2153/16
strain clustered with BTV-16,−22, and−24
African strains.
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TABLE 5 | Comparison between nucleotide (nt) and amino acid (aa) sequences of Israeli BTV-3 strains and ISR-2019/13 strains, which was considered as the prototype

Israeli BTV-3 strain.

Strain ISR-2262/2/16 ISR-2153/16 ISR-2219/17 ISR-2396/2/17 ISR-2210/18 ISR-2255/18

Segment type/nt/aa type/nt/aa type/nt/aa type/nt/aa type/nt/aa type/nt/aa

Seg-1 H/16/5 R/220/18 R/215/16 R/NA R/225/16 R/227/16

Seg-2 H/16/3 H/20/5 H/22/4 H/NA H/23/4 H/23/4

Seg-3 H/7/0 R/74/1 R/75/0 R/NA R/75/1 R/76/0

Seg-4* R/36/8 R/105/9 R/107/9 R/108/9 R/107/9 R/106/9

Seg-5 H/5/2 H/6/2 H/6/2 H/NA/NA H/6/2 H/8/2

Seg-6 H/1/0 H/2/0 H/6/1 H/NA/1 H/10/1 H/11/2

Seg-7 H/3/1 H/4/1 H/4/1 H/NA/NA H/6/1 H/4/1

Seg-8* H/6/2 H/5/2 H/6/3 H/7/3 H/7/3 H/6/3

Seg-9 R/38/12/0 H/7/2/0 H/8/3/0 **H/8/3/0 H/9/4/0 H/9/3/0

Seg-10 R/101/8/16 R/129/12/19 R/131/12/19 R/129/12/19 R/131/14/19 R/131/13/19

*Segments 4 and 8 of ISR-2019/13 strain are partial. The comparison was done between the same genome regions. **The sequenced region of BTV-3 ISR-2396/2/17 strain is partial

and considered from nucleotide position 85. NA, not analyzed. The results were shown in the next sequence: type/-type of origin (homologous (H) or reassorted (R)/nt- number of

nucleotide substitutions/ aa- number of amino acid substitutions). In case of segments 9 and 10, where two different open reading frame codding two proteins, aa substitutions in both

proteins are shown.

Seg-2
The pairwise analysis showed that all isolated BTV-3 Israeli
strains were closely related, sharing 99.39–99.52% nt and 99.47–
100% aa identity (Table 5). Israeli BTV-3 strains isolated in 2017
(ISR-2219/17 and ISR-2396/2/17) and 2018 (ISR-2210/18 and
ISR-2255/18) were most closely related to the ISR-2153/16 strain.
According to the pairwise and BLAST analyses, the Israeli BTV-
3 nt sequences showed a very high identity (98.12–98.28%) with
the BTV-3 TUN2016/Zarzis strain (Table 6).

The phylogenetic analysis showed that Israeli and Tunisian
BTV-3 belonged to the same western topotype/lineage; based on
Seg-2 analyses, two different subclusters of closely related BTV-
3 isolates circulating in Africa and the Mediterranean region
were revealed. One included the closely related BTV-3 Israeli
and the BTV-3 TUN-Zarzis/2016 isolates, the second subcluster
included BTV-3TUN2016 and the BTV-3 ZIM2002/01 strain
from Zimbabwe (Figure 2A).

Seg-3
The BLAST and the pairwise analyses showed that the BTV-3
ISR-2019/13 and the ISR-2262/2/16 strains had almost identical
nt sequences (99.75% nt and 100% aa identity, Table 5). They
showed also high identity (97.73–97.83%) with the South
African BTV-3 strain 3/O. aries-tc/ZAF/2017/Smithfield_VR33
(Table 6). The ISR-2153/16 and South African BTV-5 O. aries-
tc/ZAF/2011/Benoni_01012015 strains were most closely related
to each other, sharing 98.41% of nt identity (Table 6).

The phylogenetic analysis of Seg-3 nt sequences also revealed
two sub-clusters. The ISR-2019/13 and the ISR-2262/2/16
strains grouped with South African BTV-3 and BTV-16 strains
isolated in 2017 (3/O. aries-tc/ZAF/2017/Smithfield_VR33
and 16/O. aries-tc/ZAF/2017/Bethal_VR08 strains, respectively,
Figure S1B), while the ISR-2153/16, ISR-2219/17, ISR-2296/2/17,
ISR-2210/18, and ISR-2255/18 strains clustered with the South
African BTV-4 O. aries-tc/ZAF/2017/Smithfield VR30 strains

and BTV-5 aries-tc/ZAF/2011/Benoni_01012015 strains
(Figure S1B).

Seg-4
The BLAST and pairwise analyses showed a very high nt
sequence identity (98.93%) between the BTV-3 ISR-2019/13
and TUN2016/Zarzis strains. The ISR-2153/16 strain was
most closely related to Chinese, South African, and Nigerian
BTV-1 and BTV-16 (strains SZ97/1, NIG1982/10, and 5012,
respectively), with which it shared 95.39–95.74% nt identity. The
ISR-2262/2/16 strain was most closely related to Israeli BTV-24
(the representative strain ISR2008/02), with which it shared 99.39
% nt identity (Table 6, Figure S1C).

Except for the ISR-2153/16 –like isolates, which formed a
separate branch, the phylogenetic analysis showed that Tunisian
and the other Israeli BTV-3 strains were closely related and
formed a single cluster with some BTV-2,−4, and−24 strains
that circulated in the Mediterranean Basin between 2000 and
2010. The phylogenetic analysis also confirmed the very high
nucleotide sequence identity between the ISR-2019/13 and the
TUN-Zarsis/2016 strains, which clustered together, and between
the ISR-2262/2/16 and Israeli BTV-24 strains (Figure S1D).

Seg-5
The BLAST and the pairwise analyses confirmed that all Israeli
BTV-3 strains had high nt and aa sequences (99.64–99.71% and
99.47–100% respectively, Table 5). They also showed high nt
(98.19–98.31%) identity with BTV-1 and BTV-4 strains from the
Mediterranean Basin (Table 6). The phylogenetic analysis of Seg-
5 resulted in a single cluster grouping Israeli BTV-3 strains and
BTV-1 and BTV-4 strains circulating in the Mediterranean Basin
between 2006 and 2010 (Figure S1E).

Seg-6
The pairwise analysis showed that the three Israeli BTV-3 strains
were closely related, sharing 99.82–99.94% nt and 99.61–100%
aa identity (Table 5). According to the BLAST and the pairwise
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TABLE 6 | Comparison between nt composition of Israeli BTV-3 strains and the

closest global BTV strains.

Strain Segment Closest sequence-nt identity (%)

ISR−2019/13 Seg-1 KP820917/BTV-2/TUN2000/01/2000-97.71

Seg-2 MF124293/BTV-3/TUN2016/Zarzis/2016-98.28

Seg-3 MG255621/BTV-3/ZAF/O.aries-

tc/ZAF/2017/Smithfield_VR33/2017-97.83

Seg-4 MF124295/BTV-3/TUN2016/Zarzis/2016-98.93

Seg-5 JX861492/BTV-1/FRA2007/18*-98.19

Seg-6 AJ586694/BTV-16/NIG1982/10-97.00

Seg-7 MG255625/BTV-3/O.

aries-tc/ZAF/2017/Smithfield_VR33/2017-98.17

Seg-8 KP821732/BTV-1/LIB2007/06-97.61

Seg-9 KP821904/BTV-24(4)/4ISR2008/02-98.95

Seg-10 KP821951/BTV-16/CYP2006/01-99.87

ISR−2153/16 Seg-1 JX272389/BTV-22/ZAF/84/184-96.66

Seg-2 MF124293/BTV-3/TUN2016/Zarzis/2016-98.19

Seg-4 JN848762/BTV-1/CHN/SZ97/1-95.74

Seg-5 JX861492/BTV-1/FRA2007/18*-98.27

Seg-6 AJ586694/BTV-16/NIG1982/10-96.75

Seg-7 MG255625/BTV-3/O.

aries-tc/ZAF/2017/Smithfield_VR33/2017-97.99

Seg-8 KP821732/BTV-1/LIB2007/06-97.59

Seg-9 KP821904/BTV-24(4)/4ISR2008/02-98.76

Seg-10 MG255688/BTV-12/ZAF/O.aries-

tc/ZAF/2017/Queenstown_VR55/2017-97.13

ISR−2262/2/16 Seg-1 KP820917/BTV-2/TUN2000/01/2000-97.66

Seg-2 MF124293/BTV-3/TUN2016/Zarzis/2016−98.19

Seg-3 MG255621/BTV-3/ZAF/O.aries-

tc/ZAF/2017/Smithfield_VR33/2017-97.73

Seg-4 KP821302/BTV-24(4)/ISR2008/02/2008-99.39

Seg-5 JX861492/BTV-1/FRA2007/18*-98.31

Seg-6 AJ586694/BTV-16/NIG1982/10-96.94

Seg-7 MG255625/BTV-3/O.

aries-tc/ZAF/2017/Smithfield_VR33/2017-97.93

Seg-8 KP821732/BTV-1/LIB2007/06-97.44

Seg-9 KP821870/BTV-2/FRA2001/03-97.13

Seg-10 FJ713330/BTV-19/600579-92.47

*Strain sharing the same nt identity with several other BTV strains belonging to BTV-1

and BTV-4.

analyses, sequences of the Israeli strains showed up to 97%
identity with the Nigerian BTV-16 NIG1982/10 strain (Table 6,
Figure 2B).

Phylogenetic analysis of Seg-6 showed that the Israeli BTV-
3 strains formed a separate branch which clustered with
Nigerian BTV-16 (NIG1982/10), ZIM2002/01 BTV-3 strain from
Zimbabwe, German and Israeli BTV-6 strains (GER2008/05 and
ISR-2095/3/17, respectively) and Tunisian BTV-3 TUN2016 and
TUN2016/Zarzis strains (Figure 2B).

Seg-7
The BLAST and the pairwise analyses showed that Israeli
BTV-3 strains had almost identical nt and aa sequences
(99.65–99.73% and 99.41–100%, respectively, Table 5). They
also showed highest identity with the South African BTV-3

3/O. aries-tc/ZAF/2017/Smithfield_VR33 strain (97.93–98.17%)
(Table 6). Phylogenetic analysis confirmed the close relationship
between Israeli BTV-3 and South African BTV-3 3/O. aries-
tc/ZAF/2017/Smithfield_VR33 strains (Figure S1E).

Seg-8
The BLAST and the pairwise analyses also showed a very high
nt and aa sequence identity between Israeli BTV-3 strains
(99.14–99.82% and 98.85–100%, respectively, Table 5). A high nt
identity (97.30–97.61%) was also observed with the Libyan BTV-
1 LIB2007/06 strain (Table 6). Phylogenetic analysis showed that
Israeli BTV-3 strains formed a separate branch which clustered
with Libyan BTV-1 strain LIB2007/06, BTV-2 French and
Tunisian strains (TUN2000/01 and FRA2001/03, respectively),
BTV-4 SUD1983/01 strain from Sudan and BTV-5 South
African strain 5/ZAF/O.aries-tc/ZAF/2011/Benoni_01012015
(Figure S1F).

Seg-9
The pairwise and the BLAST analyses showed a very high nt
and aa sequence identity (99.33–99.39%, respectively) between
BTV-3 ISR-2019/13 and ISR-2153/16 strains (Table 5). They
also showed high nt sequence identity with the Israeli BTV-
24 ISR2008/02 strain (98.76–98.95%, Table 6). Conversely, the
BTV-3 ISR-2262/2/16 strain was most closely related to the BTV-
2 FRA2001/03 French strain with which it shared 97.13% nt
identity (Tables 5, 6).

Phylogenetic analysis showed that Israeli BTV-3 ISR-2019/13
and ISR-2153/16 strains formed a separate sub-cluster with
the Israeli BTV-24 2008/02 strain. The ISR-2262/2/16 strain
instead clustered with the British BTV-8 8UKG2007/06 strain
(Figure S1G).

Seg-10
The BLAST and pairwise analysis of Seg-10 nt sequences
showed that the BTV-3 ISR-2019/13 strain was closely
related to Israeli BTV-5, 16 and 24 (strains ISR-1405/11;
ISR-1794/4/12; ISR-3027/6/10, respectively), and to Cypriot
BTV-16 CYP2006/01 strain, sharing 99.62–99.87% nt identity
(Table 6, the only CYP2006/01 strain is shown). The BTV-3
ISR-2153/16 strain was closely related to some European BTV-8
(UKR2007/06 and NET2006/04 strains), BTV-12 O.aries-
tc/ZAF/2017/Queenstown_VR55and South African BTV-18
(BT32/76 and 600578 strains), sharing 97.13% nt identity (only
BTV-12 12/ZAF/O.aries-tc/ZAF/2017/Queenstown_VR55 strain
is shown in Table 6). The BTV-3 ISR-2262/2/16 strain had the
closest relationship with BTV-19 (600579 and RA 19 OP strains),
sharing 91.88–92.47% nt identity (Table 6).

The phylogenetic analysis showed that the ISR-2019/13
strain clustered with local (Israeli and Cypriot) BTV-
5,−16, and−24 strains. ISR-2262/2/16 strain clustered with
BTV-19 strains, while the ISR-2153/16 strain clustered with
South African BTV-12,−14 and 18 (strains 12/ZAF/O.aries-
tc/ZAF/2017/Queenstown_VR55, BT87/59, and BT32/76,
respectively; Figure S1H).
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FIGURE 2 | Phylogenetic trees of segment 2 and 6 of Israeli BTV-3 isolates compared with globally published, closely related BTV sequences (A) phylogenetic

analyses of segment-2; (B) phylogenetic analyses of segment 6. Sequences were analyzed and phylogenetic relationships were inferred by using the Neighbor-Joining

method. Numbers below branches indicate bootstrap values, based on 1,000 replicates. As outgroup BTV-16 (ITL2002) was used for phylogenetic tree of segment 2,

when BTV-X ITL2015 was used as outgroup for phylogenetic tree of segment 6. Israeli BTV-3 strain from 2013 is signed in green, 2016- in blue, and 2017–2018- in

pink colors. Viruses are identified by accession number/serotype/isolate/location/year.
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DISCUSSION

The first recorded cases of BTV-3 in the Mediterranean Basin
date back in themiddle of 20th century, when BTV-3 was isolated
from sheep samples in 1943 and 1958 (www.ncbi.nlm.nih.gov/
pubmed). For the next several decades, no evidence of BTV-3
circulation was reported. BTV-3 circulation has been recently
reported in Tunisia, Egypt and Italy. Even though detected either
in goats or cattle (7, 38, 54) in these countries clinical signs
associated to BTV-3 infection were observed and described in
sheep only (7, 38, 39). According to the retrospective findings of
this study, during 2013–2017 BTV-3 outbreaks were restricted
to Negev Desert area, in the southern district, while in 2018
it spread among most coastal and some central areas of Israel
(Figure 1, Table 3). An additional difference between 2018 and
2013–2017 BTV-3 outbreaks was the exposure of Israeli goats and
cattle in 2018 outbreaks. In this year, in fact, BTV-3 infection was
occasionally associated with BT typical and atypical clinical signs,
occurrence which was never observed before either in Israel or
in the Mediterranean region (7, 38, 54). These events may imply
an increased infectivity and pathogenicity of the BTV-3 Israeli
strains circulating in 2018 or/and their adaptation to the local
vectors. However, because of the exiguous number of samples
from diseased and clinically healthy animals received from the
BTV-3 affected farms, it was hard to estimate the real exposure
of ruminants and real effect BTV-3 infection on these animals.
In Israeli goats and cattle, making any conclusion regarding the
role of BTV-3 in causing illness and death was even harder
due to involvement of different bacterial and viral agents in the
clinical cases or to the absence of bacterial and toxicological
investigations in some fatal cases. According to what observed
in this survey, all Israeli BTV-3 strains were definitely capable of
inducing classical manifestations of BT disease in sheep. These
symptoms were more severe in case of BTV mixed infections
(BTV-3 and BTV-4, BTV-6, or BTV-8). Notably, cases of acutely
affected animal showing classical BT clinical signs were seen
in one sheep farm during two-month period and confirmed by
successful virus isolation. This fact illustrated presence of newly
infected animals and probably infected vector during prolonged
period during two seasons 2017 and 2018 (farms number 4 and

9, Table 4).
Interestingly, in some cattle and sheep farms, BTV-3 as well

as BTV-4 were detected in fetal tissues, placenta and in newborn
animals. Although these findings were not sufficient to establish
the definitive involvement of BTV-3 in determining reproductive
failures, its presence in fetal tissues and/or newborn animals,
provided evidence of its capability to infect placenta and probably
also cross the placental barrier. As far as we know, apart from
BTV-8, causing numerous abortions and malformations, and
lastly BTV-1, this capability is proper of vaccine or lab derived
strains (18, 55).

Higher susceptibility observed in sheep reflected the number

of successful virus isolations achieved in this species (33%)

compared to cattle (7.7%), which, in turn, may imply a higher

number of sheep acutely infected by BTV-3 than cattle.
Two different strains named TUN2016 and TUN2016/Zarzis

have been identified as responsible of the Northern African and

Italian BTV-3 outbreaks (7, 38, 39, 54). This study revealed
that three additional BTV-3 strains have been circulating in the
Mediterranean Basin and in Israel, in particular, at least since
2013. Genome comparison allowed a tentative reconstruction
of the ancestral viral genome of these strains. When the Israeli
BTV-3 strain sequences were compared, it was evident that Seg-
2, 5, 6, 7 and 8 of the Israeli strains derived from a common
ancestor. According to Seg-2 phylogenetic analyses, the BTV-3
Israeli strains also shared common ancestors with the Tunisian
TUN2016/Zarzis strain. For the ISR-2019/13 strain, this was
evident for Seg-4 too.

In all these strains, reassortment phenomena were also found.
When compared with the prototype ISR-2019/13 strain, the
ISR-2262/2/16 and the ISR-2153/16-like strains have 3 and 4
reassorted segments, respectively. Moreover, their Seg-4, Seg-
9, and Seg-10 sequences clearly evidenced a different origin.
“Traces” of untyped South African strains and BTV serotypes
(BTV-18, BTV-19, BTV-22) exotic for the region in the Israeli
BTV-3 genomes were clear, at least in their last segments. These
results may indicate the circulation of exotic strain/serotypes in
the region.

Between 2013 and 2017, only a low proportion of the BTV
strains isolated from sick domestic ruminants was identified as
BTV-3. Thus, in 2013 only one out of 15, in 2016, 3 out of 58,
in 2017 4 out of 40 virus isolates were BTV-3. In these years, the
BTV-3 circulation was limited to southern Israel only. In 2018,
the number of BTV-3 isolates among the total number of BTV
isolated, sharply increased (8 out of 25). The BTV-3 circulation
also spread along all coastal area of Israel, suggesting an increased
infectivity of the BTV-3 ISR-2153/16 strain among susceptible
Israeli domestic ruminants which can be explained by point
mutations both in coding and non-coding regions (not shown
in this work) or possible introduction closely related viruses to
ISR-2153/16 strain into Israel.

In spite of a long history of BTV-3 infections in ruminants
in South Africa, India, Caribbean and Northern America (41,
42, 56, 57), epidemiological data as well as information on
pathogenicity and infectivity of BTV-3 infection from these
regions are absent or scarce. Even if it was not possible to
evaluate their pathogenicity in cattle and goats, this paper still
gives important information on the possible origin of the BTV-
3 strains circulating in the Mediterranean basin, elucidating
their possible routes of incursion. However, further investigation
is needed to improve our understanding on their biological
properties and their impact on livestock.
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Figure S1 | Phylogenetic trees of segment 1, 3–5, and 7–10 Israeli BTV-3 isolates

compared with globally published, closely related BTV sequences. (A)

phylogenetic analyses of segment 1; (B) phylogenetic analyses of segment 3; (C)

phylogenetic analyses of segment 4; (D) phylogenetic analyses of segment 5; (E)

phylogenetic analyses of segment 7; (F) phylogenetic analyses of segment 8; (G)

phylogenetic analyses of segment 9; (H) phylogenetic analyses of segment 10.

Sequences were analyzed and phylogenetic relationships were inferred by using

the Neighbor-Joining method. Numbers below branches indicate bootstrap

values, based on 1,000 replicates. As outgroup BTV-26 (KUW2010) was used for

phylogenetic trees of most segments. Israeli BTV-3 strain from 2013 is signed in

green, 2016- in blue, and 2017–2018- in pink colors. Viruses are identified by

accession number/serotype/isolate/location/year.

Table S1 | List of segment 2 primers used for identification and sequencing of

circulating Israeli bluetongue serotypes.

Table S2 | Accession numbers of Israeli BTV-3 and sequenced regions.
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Epizootic congenital abnormalities caused by Akabane, Aino, and Chuzan viruses have

damaged the reproduction of domestic ruminants in East Asia for many years. In the past,

large outbreaks of febrile illness related to bovine ephemeral fever and Ibaraki viruses

severely affected the cattle industry in that region. In recent years, vaccines against these

viruses have reduced the occurrence of diseases, although the viruses are still circulating

and have occasionally caused sporadic and small-scaled epidemics. Over a long-term

monitoring period, many arboviruses other than the above-mentioned viruses have been

isolated from cattle and Culicoides biting midges in Japan. Several novel arboviruses

that may infect ruminants (e.g., mosquito- and tick-borne arboviruses) were recently

reported in mainland China based on extensive surveillance. It is noteworthy that some

are suspected of being associated with cattle diseases. Malformed calves exposed to

an intrauterine infection with orthobunyaviruses (e.g., Peaton and Shamonda viruses)

have been observed. Epizootic hemorrhagic disease virus serotype 6 caused a sudden

outbreak of hemorrhagic disease in cattle in Japan. Unfortunately, the pathogenicity of

many other viruses in ruminants has been uncertain, although these viruses potentially

affect livestock production. As global transportation grows, the risk of an accidental

incursion of arboviruses is likely to increase in previously non-endemic areas. Global

warming will also certainly affect the distribution and active period of vectors, and thus

the range of virus spreads will expand to higher-latitude regions. To prevent anticipated

damages to the livestock industry, the monitoring system for arboviral circulation and

incursion should be strengthened; moreover, the sharing of information and preventive

strategies will be essential in East Asia.

Keywords: arthropod-borne virus, cattle, Culicoides, mosquito, orbivirus, orthobunyavirus, rhabdovirus

INTRODUCTION

Arthropod-borne (arbo-) viruses are transmitted by hematophagous arthropods. The arboviruses
include various taxonomic groups, such as Rhabdoviridae, Nairoviridae, Peribunyaviridae,
Phenuiviridae, Orthomyxoviridae, Flaviviridae, Togaviridae, Reoviridae, and Asfarviridae (1, 2).
They cause a broad spectrum of illness ranging from asymptomatic to severe and fatal disease in
vertebrate hosts. Because some of the arboviruses have affected human and domestic animal health,
the efforts to prevent and control the diseases caused by arboviruses continue, but novel arboviruses
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have continuously emerged and have sometimes been involved in
human and animal diseases. The battle thus seems to have no end.

Bluetongue virus (BTV; the genus Orbivirus, the family
Reoviridae) is probably the most well-known arbovirus affecting
livestock ruminant productions in the world (3). The virus
causes severe illness in ruminants and its presence can act
as a barrier for international trades of animals and animal
products. Since end of the last century, the global range of BTV
has remarkably changed (4). The incursion of BTV serotype
8 into northern Europe caused large economic damage to
the livestock industry. Another important arbovirus, epizootic
hemorrhagic disease virus (EHDV; the genus Orbivirus), also
has been regarded as a threat to European counties in recent
years, because its outbreaks has been reported in the countries
bordering the region (3, 5). The ruminant diseases caused by both
viruses have been listed as notifiable terrestrial animal diseases
by World Organization for Animal Health (OIE) and well-
investigated through the world. In addition, recent appearance of
an emerging arbovirus, Schmallenberg virus (SBV), in northern
Europe (6) has caught the world’s attention (7). However,
many other arboviruses, which are not listed by OIE, also
have been involved in ruminant illness and their epizootic
might have severely impacted on the livestock industry in
each region. Unfortunately, the situation of arbovirus infections
of ruminant livestock remains uncertain in many parts of
the world.

East Asia, i.e., the eastern subregion of Asia, has the largest
human population in the world, and the livestock industry is an
important component of the lives of the region’s populations.
The estimated global distribution data for livestock animals
indicated that East Asia is one of the regions with the highest
population density of domestic ruminants in the world (8).
Significant concern about the health and safety of livestock
for consumption has thus been expressed. Unfortunately, along
with other important diseases, a variety of arbovirus infections
has probably damaged the production of domestic ruminants
(Tables 1, 2), although there is insufficient statistical data at this
time to draw any conclusion.

Akabane disease and bovine ephemeral fever (BEF) are
still problematic in East Asia, despite the widespread use of
vaccines against them. Outbreaks of other endemic arbovirus
infections such as Aino virus infection and Ibaraki disease
have occasionally been reported. In addition, recent progress
in the research tools for virus hunting have enhanced the
detection of the circulation of arboviruses that were previously
unrecognized in East Asia (Table 1). Notably, some of the
arboviruses are suspected of being associated with ruminant
diseases such as epizootic congenital abnormalities, febrile
illness, and neurological disorders (Table 3). Many reports
about arboviruses infecting domestic ruminants have been
provided from mainland China, Japan, the Republic of Korea,
and Taiwan, which are part of East Asia. This review
provides a compilation of the available knowledge about the
arboviruses that are associated with domestic ruminants in
the East Asia region at present. Gaps in the research that
remain to be addressed and future research directions are
also discussed.

HISTORY OF ENDEMIC AND EMERGING

ARBOVIRUSES AFFECTING DOMESTIC

RUMINANTS

Bovine Ephemeral Fever
BEF is characterized by sudden fever, anorexia, depression, and
ananastasia, and it can be regarded as the first recognized
arbovirus infection in domestic ruminants in East Asia. Due to
the cessation of lactation in dairy cattle and the loss of condition
in beef cattle, BEF has had considerable economic impact (9).
The etiological virus is bovine ephemeral fever virus (BEFV;
species Bovine fever ephemerovirus, genus Ephemerovirus, family
Rhabdoviridae). The virus was widely distributed through Africa,
the Middle East, Asia, and Australia. Phylogenetic analysis
based on the surface glycoprotein (G) gene demonstrated that
BEFV isolates are grouped into four lineages with different
geographical origins: Africa, the Middle East, Asia, and Australia
(9, 10). Recently, several BEFV isolates clustered into Asian
lineage have been appeared in Turkey and Iran, indicating
its expansion to the westward (11, 12). Outside of East Asia,
large BEF epizootics have been reported in Israel, Turkey, and
Australia (11, 13, 14).

Old records indicated that epidemics of BEF occurred in
the central and western parts of Japan in the late nineteenth
century (15). Between 1949 and 1951,∼700,000 cases and 10,000
deaths were reported in the same region (16). The disease was
initially called “bovine epizootic fever,” but the etiological virus
was later identified as BEFV based on the serological relationship
between the Japanese isolate and BEFVs isolated in Australia
and South Africa (17). Large- and medium-scale outbreaks of
BEF repeatedly occurred in Japan until 1989 (18, 19). Since then,
the epidemics had been limited to the southwestern islands of
Japan, which are close to Taiwan (20, 21). However, in 2015 a
reoccurrence of BEF was reported in the southern end of Kyushu,
which is one of the main islands of Japan (22).

From 1955 to 2011, BEF epidemics were often recorded
in mainland China (23). China’s nationwide sero-surveillance
in cattle between 2012 and 2014 demonstrated that the range
of BEFV covered most of the area of mainland China (24).
Epidemics of BEF have also occurred in Korea, and some of
them were probably linked to those in Japan (19). Meteorological
analysis demonstrated that a low-jet stream blew from mainland
China, along the Korean Peninsula, to western Japan at the
peak of BEF epidemic in China and Korea in 1988 and
1991 (19, 25, 26). The stream probably brought the infected
vectors and contributed to the BEF expansion to Japan. The
seroprevalence of BEFV without clinical cases was demonstrated
in Korea between 2009 and 2012 (27). Several intervals of BEF
epidemic have been documented in Taiwan between 1967 and
2014 (28).

Although the mortality rate of BEF is known to be <1% (9),
a high case-fatality rate due to a novel genogroup of BEFV was
observed in several recent outbreaks in mainland China and
Taiwan (23, 29). This novel genogroup of BEFV was first isolated
in mainland China in 2011 and was then detected in Taiwan and
Japan 2 and 4 years later, respectively (22, 23, 30). These reports
indicate that the virus rapidly spread in East Asia. The impact of
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TABLE 1 | Arboviruses associated with domestic ruminants in East Asia.

Family Genus Species Virus/serotype (abbreviation) Arthropod vectors Geographical location

of isolation/detection*

Peribunyaviridae Orthobunyavirus Akabane orthobunyavirus Akabane virus (AKAV) Culicoides spp. CHN, JPN, ROK, TWN

Aino orthobunyavirus Aino virus (AINOV) Culicoides spp. CHN, JPN, ROK, TWN

Peaton orthobunyavirus Peaton virus (PEAV) Culicoides spp. CHN, JPN, ROK, TWN

Schmallenberg

orthobunyavirus

Sathuperi virus (SATV) Culicoides spp. JPN, ROK

Shamonda virus (SHAV) Culicoides spp. JPN, ROK

Batai orthobunyavirus Batai virus (BATV) Mosquitoes CHN, JPN

Phenuiviridae Banyangvirus Huaiyangshan banyangvirus Severe fever with thrombocytopenia

syndrome virus (SFTSV)

Ticks CHN, JPN, ROK

Nairoviridae Orthonairovirus Crimean-Congo

hemorrhagic fever

orthonairovirus

Crimean-Congo hemorrhagic fever

virus (CCHFV)

Ticks CHN

Reoviridae Orbivirus Epizootic haemorhagic virus Epizootic hemorrhagic disease virus 1

(EHDV-1)

Culicoides spp. JPN

Epizootic hemorrhagic disease virus 2

(EHDV-2)

Culicoides spp. JPN, ROK, TWN

Epizootic hemorrhagic disease virus 6

(EHDV-6)

Culicoides spp. JPN

Epizootic hemorrhagic disease virus 7

(EHDV-7)

Culicoides spp. CHN, JPN

Epizootic hemorrhagic disease virus 10

(EHDV-10)

Culicoides spp. JPN

Bluetongue virus Bluetongue virus 1 (BTV-1) Culicoides spp. CHN, JPN, ROK

Bluetongue virus 2 (BTV-2) Culicoides spp. CHN, JPN, ROK, TWN

Bluetongue virus 3 (BTV-3) Culicoides spp. CHN, JPN, ROK

Bluetongue virus 4 (BTV-4) Culicoides spp. CHN, ROK

Bluetongue virus 5 (BTV-5) Culicoides spp. CHN

Bluetongue virus 7 (BTV-7) Culicoides spp. CHN, ROK

Bluetongue virus 9 (BTV-9) Culicoides spp. CHN, JPN

Bluetongue virus 12 (BTV-12) Culicoides spp. CHN, JPN, TWN

Bluetongue virus 15 (BTV-15) Culicoides spp. CHN, ROK

Bluetongue virus 16 (BTV-16) Culicoides spp. CHN, JPN, ROK

Bluetongue virus 20 (BTV-20) Culicoides spp. JPN

Bluetongue virus 21 (BTV-21) Culicoides spp. CHN, JPN

Bluetongue virus 24 (BTV-24) Culicoides spp. CHN

Unclassified strain XJ1407 Culicoides spp. CHN

Palyam virus Chuzan virus (CHUV) Culicoides spp. CHN, JPN, ROK, TWN

D’Aguilar virus (DAGV) Culicoides spp. JPN

Bunyip Creek virus (BCV) Culicoides spp. JPN

Yunnan orbivirus Yunnan orbivirus (YUOV) Mosquitoes CHN

Unclassified Guangxi orbivirus (GXOV) NR CHN

Unclassified Tibet orbivirus (TIBOV) Mosquitoes,

Culicoides spp.

CHN

Unclassified Sathuvachari virus (SVIV) Mosquitoes JPN

Seadornavirus Banna virus Banna virus (BAV) Mosquitoes CHN

Rhabdoviridae Ephemerovirus Bovine fever ephemerovirus Bovine ephemeral fever virus (BEFV) Mosquitoes/Culicoides

spp.

CHN, JPN, ROK, TWN

Unclassified KSB-1/P/03 NR JPN

Ledantevirus Fukuoka ledantevirus Fukuoka virus (FUKV) Mosquitoes/Culicoides

spp.

JPN

Flaviviridae Flavivirus Japanese encephalitis virus Japanese encephalitis virus (JEV) Mosquitoes CHN, JPN, ROK, TWN

West Nile virus West Nile virus (WNV) Mosquitoes CHN, ROK

(Continued)
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TABLE 1 | Continued

Family Genus Species Virus/serotype (abbreviation) Arthropod vectors Geographical location

of isolation/detection*

Kyasanur Forest disease

virus

Kyasanur Forest disease virus (KFDV) Ticks CHN

Tick-borne encephalitis virus Tick-borne encephalitis virus (TBEV) Ticks CHN, JPN, ROK

Unclassified Unclassified Jingmen tick virus (JMTV) Ticks CHN

Togaviridae Alphavirus Getah virus Getah virus (GETV) Mosquitoes CHN, JPN, ROK, TWN

NR, none reported; CHN, mainland China; JPN, Japan; ROK, Republic of Korea; TWN, Taiwan.

*Locations with virus isolation (bold letter), serological evidence (Italics), genetic detection (underline) or the latter two (Italics and underline).

TABLE 2 | Important endemic arbovirus infections in ruminant livestock in East

Asia.

Disease Etiological virus Clinical signs (affected

ruminant species)

Akabane disease AKAV Abortion, premature birth,

stillbirth, congenital malformations

(cattle, buffalo, sheep, goat)

Neurological disorders caused by

encephalomyelitis (postnatally

infected cattle)

Aino virus infection AINOV Abortion, premature birth,

stillbirth, congenital malformations

(cattle, buffalo, sheep, goat)

Chuzan disease CHUV Congenital malformaitons (cattle)

Bovine ephemeral

fever

BEFV Sudden fever, anorexia,

depression, tachypnea,

lacrimation, foamy salivation,

arthritis, limping, ananastasia

(cattle, buffalo)

Ibaraki disease EHDV-2 (Ibaraki strain) Fever, anorexia, lachrymation,

salivation, nasal discharge,

conjunctival injection, swallowing

difficulty (cattle)

Bluetongue BTV Fever, nasal discharge,

tachpypnea, lethargy,

hemorrhages (cattle, sheep, goat)

Congenital malformations (cattle)

BEF caused by the novel genogroup on dairy and beef production
should thus be evaluated.

At laboratory diagnosis, the virus neutralization test (VNT) is
generally used to detect rising titers of neutralization antibody
in paired acute and convalescent sera from affected cattle which
show the typical clinical signs of BEF (14). For serological
detection of BEFV, an indirect-ELISA with the recombinant
protein of BEFV G gene was also developed (31). In recent
years, conventional RT-PCRs targeting the G gene was available
to detect BEFV in the diseased cattle (32–34). Real-time
RT-PCR and reverse-transcription, loop-mediated isothermal
amplification (LAMP) assays were also established for rapid and
sensitive detection of BEFV gene (32, 35, 36).

Vaccination is now the current gold standard to prevent BEF.
Commercial attenuated and killed vaccines have been developed
and widely used in Japan, Korea, China and Taiwan (23, 27, 33,

TABLE 3 | Emerging arboviruses suspected to cause diseases in domestic

ruminants in East Asia.

Virus Clinical signs (affected ruminant species)

PEAV Congenital malformations (cattle, experimentally in sheep)

SHAV Congenital malformations (cattle)

SATV Congenital malformations (cattle)

EHDV-6 Anorexia, fever, cessation of rumination, salivation, swallowing

difficulty (cattle)

EHDV-7 Abortion, stillbirth, salivation, swallowing difficulty (cattle)

DAGV Congenital malformations (cattle)

YUOV Neurological disorders (cattle, sheep)

TABLE 4 | Zoonotic arboviruses infecting domestic ruminants in East Asia.

Virus Symptoms in humans Symptoms in domestic

ruminants (species)

BATV Mild flu-like illness Mild illness (sheep, goat)

SFTSV Severe fever with

thrombocytopenia

syndrome

NR

CCHFV Hemorrhagic fever NR

BAV Encephalitis NR

JEV Encephalomyelitis Encephalomyelitis (cattle)

WNV Febrile illness, encephalitis,

meningitis

Lymphoplasmacytic

meningoencephalitis (sheep)

KFDV Hemorrhagic fever NR

TBEV Febrile illness, encephalitis NR

NR, none reported.

37–39). Repetitive outbreaks of BEF in East Asia indicate that
continuous vaccination program is essential to provide sufficient
immunity against BEFV among naïve population and minimize
economical loss caused by BEF. Antigenic association between
the vaccine strains and recent field isolates of BEF should be
assessed to guarantee the vaccine efficacy.

Ibaraki Disease
During a large epidemic of an acute febrile disease in 1959 and
1960 in Japan, deglutitive difficulty based in the esophageal and
laryngopharyngeal musculature was observed among affected
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cattle (40). A total of 43,793 cases and 4,298 deaths were reported
during the epidemic. That febrile disease was at one time called
“bluetongue-like disease” because its clinical signs resembled
those caused by BTV. The etiological agent was isolated from
naturally and experimentally infected cattle and was designated
as Ibaraki virus (IBAV), which denotes the location from which
it was isolated (40, 41). The clinical signs of IBAV were exhibited
by the experimentally infected cattle. IBAV was later identified
as a strain of EHDV serotype 2 (EHDV-2) based on a virus
neutralization test (42). Smaller outbreaks were reported in
southern Japan in 1982 and 1987 (43–45), but no case report
was known between 1988 and 2012. A resurgence of IBAV was
observed in southern Japan in 2013, although only a few cattle
showed the typical symptoms (46).

An occurrence of Ibaraki disease was recognized in Korea in
1982, when the epidemic was observed in southern Japan (47). In
Taiwan, IBAV was initially obtained in 1990 from the cerebellum
of a calf with non-suppurative encephalitis, and an occurrence of
Ibaraki disease was observed at several farms in the same year
(48). IBAV was also isolated from the affected cattle and from
asymptomatic cattle from the same cowsheds where the affected
cattle were raised. The seroprevalence (25–85%) of IBAV in dairy
cattle was revealed in Taiwan between 1987 and 1990. There
is no available information about Ibaraki disease outside of the
above-mentioned regions.

At laboratory diagnosis, detection of neutralization antibody
to IBAV and virus isolation from diseased cattle are usually
tested (41, 43–46). IBAV-specific RT-PCR based on segment 2
is available to detect the virus from infected cattle (46). A real-
time RT-PCR assay for typing of EHDV would be able to detect
the presence of IBAV in diagnostic samples (49). Currently,
commercial attenuated and killed vaccines to IBAV are prepared
in Japan (50, 51).

Akabane Disease
A large outbreak of abortions, premature births, still births,
and congenital malformations in calves was reported in
Japan between 1972 and 1975 (52). The number of affected
calves reached ∼42,000 during the outbreak. The malformed
calves had congenital lesions characterized by arthrogryposis-
hydranencephaly (A-H) syndrome (53, 54). A serological survey
of affected calves demonstrated that Akabane virus (AKAV;
speciesAkabane orthobunyavirus, genusOrthobunyavirus, family
Peribunyaviridae) was a causative agent of the disease (54). The
virus is widely distributed in Africa, the Middle East, Asia and
Australia (55) and severe outbreaks of Akabane disease have
sometimes occurred in Japan, Australia, and Israel (52, 56–59).

Although AKAV was first isolated in 1959 from mosquitoes
(60), its relationship with ruminant disease had been unknown
until the outbreak. The etiology of AKAV in bovine and caprine
fetuses was demonstrated by experimental infections of pregnant
cows and goats (61, 62). Stillbirths and congenital malformations
of neonate lambs caused by AKAV were observed in northern
Japan between late 1985 and early 1986 (63). The isolation of
AKAV from Culicoides biting midges, cattle, and a piglet has
also been successful (64–67). In 1984, AKAV was isolated from a

postnatally infected calf with encephalitis during a small outbreak
in Japan; it was a suspected causative agent (68).

Outbreaks of encephalomyelitis caused by postnatal AKAV
infection occurred in 2006 and 2011 with 180 and 165 deaths,
respectively (67, 69). The AKAVs isolated in Japan since 1959
are clustered into two genogroups (I and II) (67, 70). Genogroup
I AKAVs have frequently been detected and/or isolated from
affected cattle with encephalomyelitis (67, 69). These isolates
probably have high neurotropic and/or neurovirulence and
cause the neurological disorders in cattle. Recent monitoring
in Japan revealed that the frequent incursion of genogroup
I AKAVs increased the number of postnatal encephalitis
cases (65). There have been repeated epidemics of Akabane
disease including both in utero and postnatal infections in
Japan (52, 67).

The first recognition of Akabane disease in Korea was in 1979
(71). Several AKAV isolates were then obtained from aborted
fetuses, affected cattle with neurological disorders, and sentinel
cattle between 1993 and 2010 (72–75). Serological surveillance of
domestic ruminants revealed that frequent incursions of AKAV
had occurred, and the virus occasionally spread widely (27, 76–
78). Ruminants affected by AKAV have been reported since the
first recognition (52, 79). In 2010, a large outbreak of epizootic
encephalomyelitis in postnatally infected cattle also occurred in
the southern part of Korea (74). The causative AKAV isolates
were classified into genogroup I (75). Before that outbreak,
several sporadic cases of bovine encephalomyelitis were reported
in 2000 and 2001 (80).

In 1992, AKAV was isolated in Taiwan from affected calves
with non-suppurative encephalitis and healthy calves (81). The
307 sera collected from 341 affected calves with encephalitis
in 1989 and 1990 contained the specific antibodies to AKAV
(82). A high seroprevalence (94.3%) of AKAV was also observed
in 1994 (82). Since 1998, AKAV has been isolated from
mosquitoes, bamboo rats (Rhizomys pruinosus), and a goat
in the southern part of mainland China (83–87). Large-scale
serological surveillance demonstrated that AKAV infection was
relatively common in cattle and sheep in most of mainland
China (83). However, no detailed description of AKAV outbreaks
in mainland China can be obtained from published references,
and the impacts of AKAV on the Chinese livestock industries
remain unknown.

Diagnosis of Akabane disease is usually conducted by VNT
for detection of specific antibodies to AKAV in fetal fluids or
precolostrum sera of malformed newborns (55). ELISAs were
also established for serological tests to detect antibodies to AKAV
(88, 89) and the commercial ELISA kits are often used for the
diagnosis and serological surveillance (90–92). The virus may
be isolated from aborted fetuses (93). Because the neutralization
antibodies to AKAV probably clear the virus and virus infected
cells before the delivery of affected neonates, virus isolation is not
successful from them. The virus gene is also unable to be detected
from most of the affected calves. However, conventional and
real-time RT-PCR assays can provide a sensitive detection of the
AKAV-specific gene in central nervous system of the postnatally
infected cattle with encephalomyelitis (69, 74, 94). Attenuated
and inactivated vaccines against AKAV for breeding cows have
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been developed (95–97) and commercially provided in Japan
and Korea.

Aino Virus Infection
Aino virus (AINOV; species Aino orthobunyavirus, genus
Orthobunyavirus) was first isolated from mosquitoes in Japan
in 1964 (98). Culicoides biting midges are currently regarded
as incriminate vectors for AINOV (65). During the outbreak
of bovine congenital abnormalities caused by AKAV in Japan
in 1972–1975, the precolostral sera of several affected calves
with A-H syndrome contained antibodies to AINOV, but not
to AKAV (53). Since then, cases suspected of being associated
with AINOV have been sporadically reported in the western
part of Japan (99–102). AINOV was also obtained from an
aborted bovine fetus with brain lesions (103, 104). These findings
indicated that AINOV was involved in abnormal deliveries in
the region. Later, teratogenicity characterized by arthrogryposis,
hydranencephaly, and cerebellar hypoplasia was demonstrated in
neonate calves intrauterinely injected with AINOV (105). Several
outbreaks (from 17 to 700 cases) of Aino virus infection in Japan
were reported between 1995 and 2006 (52). All known Japanese
AINOVs likely belong to a single genogroup, but genetically
distant from Australian AINOVs (106–108).

A few cases of Aino virus infection were also reported in
Korea, and the virus was isolated from a healthy cow in 1999
(52). The seroprevalence of AINOV was demonstrated in cattle
(≤33.2%) and goats (13.3%) in Korea (27, 77, 78). Although
there has been no report of Aino virus infection in China, 10
of 50 AKAV-positive cattle sera collected during the nationwide
surveillance of AKAV in mainland China neutralized AINOV
(83). A partial genome of AINOV was detected from Culicoides
biting midges and mosquitoes collected at dairy farms in Taiwan
between 2012 and 2015 (109).

In Australia, AINOV was also isolated (110, 111) and its
association with congenital abnormalities was reported (112).
Shuni virus, which is closely related with AINOV and distributed
in Africa and the Middle East, caused abortions and congenital
malformations in sheep, goat, and cattle (113), and neurological
disorders in cattle (114).

VNT for precolostral sera of the affected neonates is the
most common diagnostic test at present. Commercial inactivated
vaccines for breeding cattle are available in Japan and Korea
(51, 115).

Chuzan Disease
From the winter of 1985 to the spring of 1986, an epizootic
of congenital abnormalities of calves with hydranencephaly-
cerebellar hypoplasia (HCH) syndrome occurred in southern
Japan (116). Unlike Akabane disease, the affected calves did
not show arthrogryposis. Approximately 2,400 affected calves
were reported during the epizootic. In the autumn of 1985,
a virus classified as a member of the Orbivirus genus was
isolated from Culicoides biting midges and bovine blood samples
collected in the epizootic region; it was tentatively designated as
Chuzan virus (CHUV) (117). The etiological role of CHUV in
the epizootic was suggested by serological tests for the affected
calves (116). In addition, a newborn calf with HCH syndrome
was delivered from a dam experimentally infected with CHUV,

and the disease caused by CHUV was named Chuzan disease
(118). It was later reported that CHUV is serologically cross-
reacted with Kasba virus (KASV), which was isolated in India
in 1957 and is a serotype of the species Palyam virus (119).
Recent genetical characterization of Palyam virus group also
demonstrated the closed relationship between CHUV, KASV, and
Vellore virus, which was isolated in India in 1956 (120, 121). After
the large 1985–1986 outbreak in southern Japan, the disease has
sporadically occurred there.

The isolation of the virus and its seroprevalence (91%) among
dairy cattle in Taiwan in 1993 were reported (122). In Korea,
the prevalence of CHUV has been recognized since 1993, but
only a few sporadic cases of affected calves have been reported in
recent years (27, 52, 77). Two isolates of CHUV were obtained
from sentinel cattle in the southern part of mainland China
in 2012 (123, 124). CHUV was also detected from yaks in the
Qinghai-Tibetan Plateau in 2016–2017, although no affected case
was reported (125). The impact of CHUV in mainland China
remains unclear.

Presence of antibody to CHUV in precolostral serum
from abnormal calves indicates its association with lesions in
central nervous system (126). For serological diagnosis, VNT
is appropriate. Inactivated vaccines against CHUV for breeding
cows was developed and are commercially available in Japan and
Korea (51, 115, 127).

Bluetongue
Bluetongue is an infectious hemorrhagic disease in domestic
ruminants and is caused by BTV, which belongs to the genus
Orbivirus and consists of at least 27 serotypes (128). Culicoides
biting midges play a principal role in its transmission. The virus
is widely distributed through the world. The circulation of a
variety of BTV serotypes has been detected in East Asia. In 1974,
bovine sera shown to be BTV-positive by a complement-fixation
(CF) test were obtained from cattle in southern Japan (129).
Thereafter, at least eight BTV serotypes have been found in Japan
based on virus isolation and serological surveillance (130–132).
In 1994 and 2001, a total of 23 and 45 sheep, respectively, on
the same farm in central Japan developed typical symptoms of
bluetongue (131). Twenty-three cattle also developed bluetongue
in the same region in 1994.

Suspected bluetongue cases in sheep were first reported in
the southern part of mainland China in 1974, and the virus
was isolated in 1979 during an outbreak of bluetongue-like
disease (133, 134). The prevalence of 12 BTV serotypes in
mainland China was determined based on virus isolation (135).
A probable novel serotype of BTV spread in the northwestern
part of China in 2014 (136). Extensive research including risk
analyses of BTV spread were conducted in areas with large sheep
populations (137–139).

The first BTV isolation in Taiwan was in 2003 (140). The
circulation of two BTV serotypes in Taiwan has been identified to
date (141). A retrospective study revealed that antibodies to BTV
have been present in goat sera in Taiwan since 1989. However,
no clinical cases of bluetongue have been observed. In Korea,
BTV-1 was isolated from a bovine blood sample collected at an
abattoir in 2012 (142), and thereafter, the circulation of BTV
was confirmed in goats, deer, and dairy cattle by serological
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surveillance (143–145). Seven BTV serotypes have been detected
in Korea to date. Recently, BTV-3 was also obtained from a blood
sample of cattle reared in Korea (146).

The genomic analysis of BTV isolates in East Asia
demonstrated that most of them cluster within the eastern
BTV topotype from Asia and Australia (132, 135, 146–150).
However, a part of segments of Chinese BTV-7 isolate probably
originated from those of African BTV isolates which cluster
within the western BTV topotype (151). The finding suggests
that genetic reassortment events between different topotypes
have occurred in regions neighboring to East Asia.

Various serological and molecular assays have been developed
and used for laboratory diagnosis (152). Competitive ELISA,
VNT, and conventional/real-time RT-PCR assays have been
apricated for BTV surveillances in mainland China and Korea
(137–139, 141, 143–145). The agar gel immunodiffusion (AGID)
test for detection of antibodies to BTV also had been used
(131). However, cross-reactions between IBAV and BTV may
result in false-positive to BTV-AGID (153). There is no available
information for applicable BTV vaccines in East Asia.

Other Orthobunyaviruses
Around the year 2000, the circulation of three orthobunyaviruses
(genus Orthobunyavirus) which were new in East Asia was
identified. In 1999, Peaton virus (PEAV; species Peaton
orthobunyavirus), which was initially isolated in Australia in 1976
(154), was obtained from sentinel cattle and Culicoides biting
midges in Japan (155). A stocked virus isolated in 1987 was also
identified as PEAV (107). Australian researchers reported that the
experimental infection of a pregnant ewe with PEAV induced
congenital defects in its lamb (156). Precolostral sera obtained
from 31 malformed calves between 1996 and 2016 were positive
for PEAV, but negative for known teratogenic viruses (157). These
findings suggested that, like AKAV and AINOV, PEAV causes
congenital malformations in calves and lambs. Antibodies to
PEAV were detected in cattle in mainland China during large-
scale sero-surveillance for AKAV (83). The seroprevalence (1.1%)
of PEAV among cattle was also demonstrated in Korea during
2013–2015 surveillance (78). In Taiwan, a partial sequence of
PEAV was obtained from Culicoides biting midges (109). The
PEAV circulation was also observed in Israel (158). During the
epizootic, PEAV specific gene was detected from a calf with
hydranencephaly (159).

Sathuperi virus (SATV; species Schmallenberg
orthobunyavirus) was isolated from mosquitoes in India in
1957, and its prevalence in Nigeria in the 1960s was identified
(160, 161). The virus has been isolated from sentinel cattle and
Culicoides biting midges since 1999, and an association between
SATV and congenital abnormalities in calves was suggested
because precolostral sera from several calves with congenital
malformations neutralized SATV (162, 163). The seroprevalence
(4.9%) of SATV in Korea was also reported (78).

Shamonda virus (SHAV; species Schmallenberg
orthobunyavirus) was initially isolated in Nigeria in 1960s
(161), and since then there had been no report of it for a long
while. In 2002, SHAV suddenly emerged in southern Japan,
which is geographically far from Africa (164). Precolostral sera
from several malformed calves delivered after the SHAV spread

in the epizootic region contained neutralization antibodies to
SHAV (164–166). Between the winter of 2015 and the spring
of 2016, over 20 malformed calves exposed to intrauterine
infection with SHAV were reported in southern Japan (166, 167).
Antibodies to SHAV (5.6%) were also detected in Korea,
but there is no information regarding its association with
abnormal deliveries (78).

The pathogenicity of these orthobunyaviruses is poorly
understood, because no experimental infections to cattle
successfully developed clinical signs that are observed in the
clinical cases in the field. The reported cases that were probably
affected by PEAV, SATV, or SHAV were highly sporadic after
their epizootic in Japan. The congenital lesions in the brains of
calves infected with PEAV or SHAV were milder than those of
calves infected with AKAV or AINOV (157, 166). It is probable
that the viruses currently circulating in East Asia have relatively
low pathogenicity. However, like other segmented viruses, a
genetic shift of orthobunyaviruses with three segmented genomes
potentially strengthens their virulence to ruminant hosts (168).

It is of interest that the “S” and “L” RNA segments of SBV
have a high degree of sequence identity with that of SHAV, but
the sequence of the “M” RNA segment of SBV was genetically
close to that of SATV (163, 169). In vitro coinfection assays
in mammalian and insect cells easily generate reassortants
between SATV and SHAV (170). The genetic reassortment might
have also occurred among other orthobunyaviruses isolated
from ruminants in East Asia and Australia in their evolutional
history (70, 107). Although the impacts of PEAV, SATV, and
SHAV remain unclear, these viruses should be listed among the
teratogenic viruses in ruminants, and their circulation and the
suspected cases associated with them should be monitored in
East Asia.

Orbiviruses Other Than IBAV, CHUV, and

BTV
In 1997, over 1,000 cases of abortion and stillbirths in cattle
occurred in southern Japan. A potential etiological agent was
isolated from aborted fetuses, sentinel cattle, and Culicoides
biting midges and was identified as a strain of EHDV (65,
171, 172). The EHDV strain was initially regarded as a variant
of IBAV, because the virus was cross-reacted with IBAV by a
virus neutralization test, and the sequence of its segment 2
was reported to show a degree of similarity to that of IBAV
(172, 173). Later research demonstrated that this virus belongs to
the serotype 7 group of EHDV, based on phylogenetic studies of
segment 2 sequences encoding the outermost capsid protein (46,
174). Ibaraki disease-like symptoms (e.g., swallowing difficulty)
in cattle were also reported during the epizootic. In 2013, EHDV-
7 was also isolated in the southern part of mainland China from
sentinel cattle, but its pathogenicity remains unknown (175).

In 2015, an outbreak of febrile illness resembling Ibaraki
disease in cattle occurred in a limited part of mainland Japan
(176). The EHDV serotype 6 (EHDV-6) gene was detected in
all affected cattle by serotype-specific RT-PCR. Although EHDV
serotype 1 has been detected and isolated in Japan (46, 174,
177), its association with clinical cases in ruminants has not
been demonstrated. A strain of EHDV that was isolated in the
southwestern islands of Japan was serologically and genetically
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distinct from the known EHDV serotypes and was tentatively
assigned to the new serotype 10 (174).

D’Aguilar virus (DAGV), which is a member of the species
Palyam virus, was first isolated in Australia in 1968 (110).
The analysis of stocked viruses revealed that the incursion of
DAGV occurred in Japan’s southwestern islands in 1987 at the
least (178). DAGV spread in southern Japan in the autumn of
2001, and affected calves with Chuzan disease-like symptoms
were observed during the following winter and spring. During
the epizootic period, no CHUV was isolated from cattle in
the affected region. Precolostral sera of these calves clearly
neutralized DAGV, suggesting its association with congenital
malformations. The virus has been repeatedly isolated in the
southern part of mainland Japan and Japan’s southwestern
Islands (179, 180).

Bunyip Creek virus (BCV), which is another serotype of
species Palyam virus, was isolated from cattle and Culicoides
biting midges in Japan in 2008 and 2009 (179, 180). There is no
evidence that BCVwas associated with ruminant disease in Japan
or in Australia, where BCV was initially isolated (181).

Yunnan orbivirus (YUOV) was first isolated from mosquitoes
collected in the southern part of mainland China in 1997, and it
was identified as a member of a new orbivirus species, Yunnan
orbivirus, in 2005 (182). A second serotype of Yunnan orbivirus
(YOUV-2), which is also called Middle Point virus, was obtained
from healthy cattle in Australia in 1998 (183, 184). In addition,
another orbivirus related with YOUV was isolated from a blood
sample of cattle in the southern part of mainland China in 2015
and was designated as Guangxi orbivirus (185). Interestingly,
YOUV was also isolated from cattle, sheep, a donkey, and a dog
in Peru in 1997 (186). The infected animals showed neurological
signs. Although no evidence of an association between YOUV
and animal disease in East Asia has been described, this finding
suggests its potential ability to cause neurological disease in
domestic ruminants.

ZOONOTIC ARBOVIRUSES

Mosquito-Borne Arboviruses
Several zoonotic arboviruses of importance to human health have
been detected from domestic ruminants in East Asia (Table 4).
Some of these arboviruses cause clinical signs in both infected
humans and ruminants, but the others produce asymptomatic
and negligible mild disease in ruminants.

Japanese encephalitis virus (JEV; species Japanese encephalitis
virus, genus Flavivirus, family Flaviviridae) caused severe
encephalitis not only in humans but also in horses and cattle
(187). The JEV infection resulted in abortion and stillbirth in
sows and aspermia and disruptions of spermatogenesis in boars
(187). Although JEV has spread across a wide area in Japan (188),
only a few affected cases of cattle have been sporadically recorded
in Japan (189–193).

Outbreaks of West Nile virus (WNV; species West Nile
virus, genus Flavivirus) infection have occurred across the
Mediterranean region, Eastern Europe, Africa, Asia, and North
America (194). Human cases of WNV infection were also
reported in western China in 2011, andWNVwas simultaneously

isolated from mosquitoes in the affected area (195). The WNV
gene was detected from domestic pigeons in Korea in 2014
(196). It was recently demonstrated that sporadic cases of
severe lymphoplasmacytic meningoencephalitis were associated
with WNV in California (197). However, ruminants are not
considered hosts severely affected by WNV, and no ruminant
illness associated with WNV has been recorded in East Asia.

Banna virus (BAV), which belongs to the species Banna
virus of the genus Seadornavirus within the family Reoviridae,
was first isolated in mainland China in 1987 from a patient
with meningoencephalitis (198, 199). Since then, BAV has been
obtained from pigs, cattle, ticks, mosquitoes, and Culicoides
biting midges over a wide range of mainland China (200, 201).
The virus is thought to cause encephalitis in humans, and
many cases associated with it might have been misdiagnosed as
Japanese encephalitis (200). At present, there is no evidence of a
relationship between BAV and ruminant illness.

Batai virus (BATV), which belongs to the species Batai
orthobunyavirus of the genus Orthobunyavirus, has been isolated
in Japan and mainland China since 1994 (202–205). BATV is
widely distributed in Asia and Europe, and its infection has been
observed in cattle, sheep, and goats (202, 206, 207). BATV was
reported to cause amild flu-like illness in humans andmild illness
among sheep and goats. At present, no affected case associated
with BATV has been reported in East Asia. Ngari virus, which
is a possible reassortant between Bunyamwera virus and BATV,
has been implicated in human hemorrhagic fever in Africa (202,
208, 209). In the future, BATV may obtain a higher virulence
by genetic reassortment with other related orthobunyaviruses.
The potential risk of BATV to public health in East Asia should
be considered.

Tick-Borne Arboviruses
Four medically important tick-borne arboviruses that infect
domestic ruminants are prevalent in East Asia (Table 4).
Crimean-Congo hemorrhagic fever virus (CCHFV; species
Crimean-Congo hemorrhagic fever orthonairovirus, genus
Orthonairovirus, family Nairoviridae) was involved in human
clinical cases in the northwestern part of mainland China (210).
Although infected domestic ruminants play a crucial role as
reservoirs of CCHFV in an endemic cycle of transmission,
they do not develop any symptomatic illness after CCHFV
infection (211).

Tick-borne encephalitis virus (TBEV; species Tick-borne
encephalitis virus, genus Flavivirus, family Flaviviridae) is widely
distributed in mainland China, Japan, and Korea (212). This
virus sometimes causes severe encephalitis in humans. In Europe,
TBEV infection in humans following the consumption of
unpasteurized milk and cheese from domestic ruminants has
been reported (213). However, the role of domestic ruminants
in TBEV endemics in East Asia remains unknown. Another
zoonotic tick-borne flavivirus, Kyasanur Forest disease virus
(KFDV), was isolated from a febrile patient in the southern
part of mainland China in 1989 (214). Although domestic
ruminants may be infected with KFDV (215), their role in the
viral transmission remains unclear.
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Severe fever with thrombocytopenia syndrome virus (SFTSV;
species Huaiyangshan banyangvirus, genus Banyangvirus, family
Phenuiviridae) was recognized in mainland China, Japan, and
Korea (216–218). Although this tick-borne virus has probably
been circulating in East Asia for many years, its association
with the severe illness in humans was not recognized until
2011. The seroprevalence of SFTSV in domestic ruminants in
mainland China, Japan, and Korea was reported (219–222), and
epidemiological studies suggested that farmers in rural areas are
at risk of SFTSV infection (223). The continuous monitoring
for SFTSV in domestic ruminants is therefore necessary to
assess the ruminants’ contribution to SFTSV endemics in the
affected regions.

Compared to mosquito/Culicoides-borne viruses, tick-borne
viruses are not likely to expand their range within a short period
of time. However, it was suggested that migratory birds play an
important role as long-distance transporters for ticks infected
with arboviruses (224, 225). The role of birds in any sudden
incursion and occurrence of tick-borne virus infections in a
region that was previously free of the infections should thus
be considered.

OTHER ARBOVIRUSES

Several arboviruses with unknown impacts have been confirmed
to infect domestic ruminants. The infected ruminants usually do
not develop apparent clinical signs, and thus these viruses have
been neglected for many years. Nevertheless, the recent progress
in genetic analyses can characterize their properties and assign
their taxonomy.

Getah virus (GETV; species Getah virus, genus Alphavirus,
family Togaviridae) is an etiological agent of fever, rash, and
leg edema in horses (226) and of fetal death and reproduction
disorders in pigs (227, 228). The prevalence of GETV has
been confirmed in mainland China, Japan, Korea, and Taiwan
(229, 230). Outbreaks of GETV infection have occurred among
Japanese racehorses (231, 232). It is known that GETV also
infects cattle, although there is no evidence of illness in the
infected cattle (226, 233, 234). However, cattle may contribute to
a GETV endemic as a reservoir.

Fukuoka virus (FUKV) is assigned to the species Fukuoka
ledantevirus of the genus Ledantevirus within the family
Rhabdoviridae and was initially isolated from Culicoides
punctatus and the mosquito Culex tritaeniorhynchus in southern
Japan in 1982 (235). The virus was first regarded as a member
of the ephemeral fever serogroup but was subsequently classified
as a member of the Kern Canyon serogroup viruses (236, 237).
FUKV was later isolated from sentinel cattle in a different
region in Japan and, simultaneously, the seroprevalence of
FUKV in cattle was demonstrated (238). Although cattle were
identified as a susceptible host of FUKV, the pathogenicity of
this virus in cattle remains uncertain. Full-genome analysis of
ledanteviruses demonstrated that FUKV has a closed relationship
(79.5% nucleotide identity) with Barur virus which has been
isolated from ticks, fleas, mosquitoes and a rodent in India and
Africa (239). Nishimuro virus from a wild boar in Japan (240) is
also genetically similar to FUKV. Further studies are needed to
determine their vertebrate hosts and arthropod vectors.

Sathuvachari virus (SVIV) is a member of the genus Orbivirus
and was initially isolated in 1963 from starlings (Brahminy myna)
collected in southern India (241). The virus was also isolated from
an unidentified source collected in Vietnam over 50 years ago
(242). The genetic characterization of SVIV suggested its close
relationship with other mosquito-borne orbiviruses (241). An
unassigned virus isolated from bovine blood collected in Japan’s
southwestern islands in 2005 was recently identified as SVIV
(243). No illness in the infected cattle was reported when their
blood samples were collected, but the finding demonstrated that
cattle are a susceptible host of SVIV and indicated that the virus
has a wider host range than previously thought.

An ephemerovirus tentatively called KSB-1/P/03 was isolated
from sentinel cattle in southern Japan in 2003 (179). The
phylogenetic analysis based on the L protein of rhabdoviruses
revealed that this virus is clustered with other ephemeroviruses.
The infected cattle did not demonstrate any clinical signs. Other
than BEFV, no ephemerovirus had been isolated in East Asia.
Further genetic analyses should be conducted to determine the
taxonomic assignment of KSB-1/P/03.

A virus isolated from mosquitoes in Tibet, China in 2009
was identified as a novel species of the genus Orbivirus (244).
Designated as Tibet Orbivirus (TIBOV), the virus has been
obtained from mosquitoes and Culicoides biting midges in other
regions of mainland China (86, 245, 246). Phylogenetic analysis
of inner core (T2) protein of known orbiviruses demonstrated
that TIBOV is clearly categorized into theCulicoides-borne group
with BTV, EHDV, and PALV (244, 245). The amino acid sequence
diversity among outermost capsid proteins of TIBOV isolates
indicated that the species consists of at least two serotypes (246).
The neutralization antibodies to TIBOV were detected in cattle
reared in the southern border region of mainland China (246).

A novel segmented RNA virus which is genetically related to
flaviviruses was detected in ticks collected in mainland China
in 2010 and was designated as Jingmen tick virus (JMTV)
(247). Together with insect viruses that have a similar genome
composition, JMTV is tentatively referred as the Jingmenvirus
group (248). Cattle sera collected in mainland China were
reported to contain antibodies against JMTV (247). The genome
of JMTV was also detected in a part of the seropositive
samples by RT-PCR screening. JMTV was recently identified as
a potential human pathogen, because patients infected with the
virus showed clinical manifestations such as fever, headache, and
myalgia (249).

ARTHROPOD VECTORS OF IMPORTANT

RUMINANT ARBOVIRUSES

The identification of the vectors of arboviruses is essential to
understand the epidemiology of the arboviruses and to develop
control measures against them. In this section, we focus on the
potential vectors of arboviruses that affect domestic ruminants
in East Asia. Many orbiviruses (e.g., BTV and EHDV) and
orthobunyaviruses (e.g., AKAV and SBV) that are pathogenic
to domestic ruminants were reported to be transmitted by
Culicoides biting midges (250, 251). Long-term monitoring for
virus detection in Culicoides biting midges in southern Japan
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TABLE 5 | Isolation sources of hematophagous invertebrates for arboviruses

affecting domestic ruminants in East Asia.

Virus Mosquitoes Culicoides biting midges

AKAV Aedes vexans, Culex tritaeniorhynchus,

Cx. quinquefasciatus, Anopheles

sinensis, An. vagus

C. oxystoma

AINOV Cx. tritaeniorhynchus C. oxystoma, C. punctatus

PEAV NR C. jacobsoni

SHAV NR C. tainanus

SATV NR C. oxystoma

CHUV NR C. oxystoma

DAGV NR C. oxystoma, C. sumatrae

BCV NR C. oxystoma

EHDV-1 NR C. punctatus

EHDV-2 NR C. oxystoma, C.

lungchiensis, C. punctatus

EHDV-7 NR C. oxystoma

BTV-2 NR Culicoides spp.

BTV-9 NR C. asiana

BTV-12 NR Culicoides spp.

BTV-16 NR C. tainanus

YUOV Cx. tritaeniorhynchus NR

NR, none reported.

demonstrated that various arboviruses such as AKAV, AINOV,
SATV, CHUV, DAGV, BCV, and EHDV were preferentially
isolated from C. oxystoma (Table 5) (65, 179).

AlthoughCulicoides bitingmidges are regarded as incriminate
vectors of AKAV, the virus has been obtained from three major
mosquito genera (Aedes, Culex, and Anopheles) in mainland
China and Japan (Table 5) (60, 84, 86). A small portion of
mosquitoes that feed on infected cattle during viremia may be
infected with AKAV, as observed in the experimental infection of
Culexmosquitoes with SBV (252).

Culicoides species such as C. imicola and C. sonorensis, which
play the principal role for ruminant arbovirus transmission
in other regions, are not distributed in East Asia (253). The
distribution of C. brevitarsis, which is a incriminate vector
of ruminant arboviruses in Australia (254) was described in
southern Japan and Taiwan (255–257). However, molecular
analyses using mitochondrial and nuclear DNA indicated that
the specimens collected in southern Japan were distinct from the
C. brevitarsis specimens collected in Australia, and thus a new
species was recorded: Culicoides asiana (258, 259). The isolation
of BTV fromfield-collectedC. asianawas successful (260), and an
experimental infection indicated that this species is susceptible to
AKAV (261).

These findings suggested the vector capacity of C. asiana
as with C. brevitarsis. The above-cited studies also suggested
that C. brevitarsis and C. asiana were co-distributed throughout
Southeast Asia and its neighboring regions, including Hainan
Island, which is in a subtropical zone in China (258, 259). The
role of these two species in arbovirus transmission should be
further evaluated in their distribution ranges.

A laboratory rearing system of Culicoides biting midges was
successfully established for limited species distributed in North
America and Europe (251, 253). This limitation hampers the
progress in the assessments of the vector capacity of various other
Culicoides species. Instead, field-collectedmidges have often been
used for checking the oral susceptibility and vector competence
of ruminant arboviruses (262–266). Unfortunately, the vector
competence of Culicoides biting midges distributed in East Asia
is poorly understood. The viral isolations from pools of field-
collected midges which were identified at the species level have
helped estimate vector species (65, 179).

The oral susceptibility of several Japanese Culicoides species
for AKAV was demonstrated (261). As the virus isolation from
field-collected midges suggested, C. oxystoma was susceptible
to AKAV, and the viral replication and dissemination were
demonstrated in the infected midges. Interestingly, C. tainanus
and C. punctatus, which have not been considered AKAV-
competent vectors, were also orally infected with AKAV. During
the AKAV endemic in northern Japan in 2010, C. tainanus and
C. punctatus were dominant/subdominant species at cowsheds
in the endemic region, but C. oxysoma has been never collected
there (267). These species, which are common in East Asia (268–
271) probably contributed to the AKAV transmission during
that period.

BEFV has been isolated from several mosquito and Culicoides
species in Africa, Australia, and Central Asia (9), but there has
been no record of the isolation of BEFV from invertebrate vectors
in East Asia so far (28). A laboratory experimental infection of
Culicoides biting midges indicated that, at the least, they are not
efficient vectors of BEFV (272). The vector search will be essential
to understand the epidemiology of BEFV in East Asia.

In light of the BTV and SBV endemic experiences in northern
Europe, it appears that the Culicoides species that are indigenous
in northern temperate regions have the potential to transmit
ruminant arboviruses (273, 274). It is necessary to assess the
vector capacity of Culicoides species which are distributed in
the higher-latitude regions in East Asia. It is also important
to determine their distribution range and seasonality to gain a
greater understanding of the potential risks of arbovirus spreads,
even in previous arbovirus-free regions.

RESEARCH GAPS AND FUTURE

DIRECTIONS

Vaccinations are probably the most effective preventive measures
for arbovirus infections in domestic ruminants. The numbers of
animals affected by AKAV, AINOV, CHUV, IBAV, and BEFVwere
dramatically reduced in Japan after the spread of vaccinations
(52). However, limited effectiveness of the current vaccination
strategy for BEFV was suggested in Taiwan and Israel (33, 275).
It might be difficult to confer long-lasting effective immunity
in vaccinated and infected cattle (276, 277), and this probably
caused the repetition of BEF occurrence in the above-mentioned
regions. It remains difficult to prevent the encephalomyelitis
caused by postnatal AKAV infection (67). Vaccines for AKAV
are generally administered to breeding cows but not other cattle
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such as fattening cattle and bulls. There is not yet enough
preparation for the pathogens that have recently emerged, such
as PEAV, SATV, SHAV, and YUOV, which are suspected to cause
ruminant illnesses. Probable loss and future threat caused by
these viruses also remain uncertain. Depending on the situation,
the development of preventive measures for these arboviruses
that have newly emerged in East Asia would be necessary.

The genogroup shifts of AKAV in Japan clearly reflected the
change in the types of disease (67). The newly emerged clade
of BEFV seems to be more virulent than those of previously
endemic strains (28). In addition, the reassortment of segmented
RNA viruses (such as orthobunyaviruses and orbiviruses) may
increase the viral fitness in vertebrate hosts and/or invertebrate
vectors and enhance the virulence in vertebrate hosts and/or
the transmission efficacy by invertebrate vectors. Therefore,
continuous monitoring of the virulence and pathogenicity of
endemic arboviruses should be conducted in East Asia.

The recent emergence of “new” arboviruses in East Asia
has attracted interest in their origins and incursion routes. In
addition, genogroup shifts of endemic arboviruses in the region
have probably been induced by the introductions of viruses from
a different genetic pool in other regions. Extensive surveillance in
Australia obtained many arboviruses, and some of them are also
endemic or were recently emerged in East Asia (278). However,
phylogenetic studies of orthobunyaviruses and BEFV indicated
that they evolved independently in separate gene pools with
different geographical origins (22, 108, 279). In contrast, BEFV,
BTV, BANV, and JEV strains, which were isolated in Southeast
Asia, often have closed genetic relationships with those isolated
in East Asia (280–283).

The circulation of other ruminant arboviruses such as
AKAV, AINOV, PEAV, and BATV has also been demonstrated
in Southeast Asian countries by serological surveillance and
virus isolations (284–287). Unfortunately, there are not enough
reports to determine the current status of these arboviruses
in Southeast Asia. Further virological surveillance and genetic
characterizations of isolated viruses are essential to elucidate the
epidemiological linkage of ruminant arboviruses between East
Asia and Southeast Asia.

The long-range dispersal of vector insects by winds is
considered a principal cause of the introduction of arboviruses to
geographically distant locations, including previously arbovirus-
free areas (288). Historically, windborne introductions of
Culicoides-borne animal diseases from distant endemic areas
have been estimated based on meteorological data (289, 290).
Plausible dispersal events from eastern Indonesia, Timor-
Leste, and southern Papua New Guinea explored by using an
atmospheric dispersion model helped elucidate the incursion of
exotic Culicoides species and BTVs into northern Australia (291).
Atmospheric dispersion models would be useful to assess the
potential sources of arbovirus incursions from outside of East
Asia and their spread within the region.

As a pioneering study, a backward-trajectory analysis of the
BEF epidemic in 2012 in Japan’s southwestern islands showed
that the estimated potential sources of infected vectors were
Southeast Asian countries such as Vietnam and Philippine (21).

Reassessments of historical outbreaks of ruminant arbovirus
infections with an atmospheric dispersal model could also help
determine their incursion sources and spread patterns.

With the exception of BEFV, which has a higher incident rate
in cattle (9), almost all of the arboviruses generally result in a
lowmorbidity, asymptomatic/mild illnesses or no apparent acute
phase in domestic ruminants, and thus they silently circulate
in the endemic regions. Active surveillance such as sentinel
and vector surveillance systems are therefore needed for the
efficient detection of the arboviruses’ circulation in the field
prior to disease outbreaks (292). The recent increase in the
number of emerging arboviruses in East Asia indicates that other
undetected arboviruses may have circulated. The expansion of
global transportation may also enhance the risk of arbovirus
introductions from geographically distant areas. Global warming
will certainly affect the distribution and active period of vectors,
and thus the ranges of virus spread will expand to higher-
latitude regions.

Although sensitive detection systems are essential to identify
the incursion and circulation of arboviruses, the current
serological and genetic techniques cannot cover all arboviruses,
especially if they are novel. Next-generation sequencing (NGS)
technologies will support the detection and characterization of
such viruses (293). The findings revealed by NGS will contribute
to the development of diagnostic/detection systems suitable for
the arboviruses and to the progress of etiological studies.

Clearly, knowledge gaps remain regarding the transmission
cycles of arboviruses and vector ecology in East Asia. To
the best of our knowledge, there is no detailed distribution
map of vectors in the East Asia region. The vector capacity
for arboviruses of veterinary importance has been evaluated
for only a limited number of species. Further studies of the
systematics, biology, and vector competence of mosquitoes,
Culicoides biting midges, and ticks should be conducted.
The knowledge obtained from vector studies will contribute
to increased accuracy of epidemiological analyses based on
landscape and meteorological data. Risk assessments based on
such analyses will enable the development of better surveillance
and preventive measures for arbovirus infections which threaten
the production of ruminant livestock, as suggested in earlier
investigations (294, 295).

Finally, the construction of a network in East Asia and
its neighboring countries would be essential to promote
research on arbovirus infections of importance to livestock.
The sharing of epidemiological information, diagnostic tools,
and control/preventive strategies are highly important because
neighboring countries are likely to experience the same problems
due to arboviruses. Language barriers may present a challenge
to information exchanging and sharing. Many scientific reports
and public records from East Asian countries have been
written in national languages such as Chinese, Japanese, and
Korean, but a limited portion of them might have been
translated in English. Unfortunately, the status of arbovirus
infections in domestic ruminants in Mongolia and North Korea
remains unclear. Regional cooperation would therefore be a
crucial key to clarify the current status of arbovirus infections
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and minimize their impacts on the livestock industries in
East Asia.
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Bluetongue virus (BTV) is an arbovirus transmitted to domestic and wild ruminants by

certain species of Culicoides midges. The disease resulting from infection with BTV is

economically important and can influence international trade and movement of livestock,

the economics of livestock production, and animal welfare. Recent changes in the

epidemiology of Culicoides-transmitted viruses, notably the emergence of exotic BTV

genotypes in Europe, have demonstrated the devastating economic consequences of

BTV epizootics and the complex nature of transmission across host-vector landscapes.

Incursions of novel BTV serotypes into historically enzootic countries or regions, including

the southeastern United States (US), Israel, Australia, and South America, have also

occurred, suggesting diverse pathways for the transmission of these viruses. The

abundance of BTV strains and multiple reassortant viruses circulating in Europe and

the US in recent years demonstrates considerable genetic diversity of BTV strains and

implies a history of reassortment events within the respective regions. While a great

deal of emphasis is rightly placed on understanding the epidemiology and emergence

of BTV beyond its natural ecosystem, the ecological contexts in which BTV maintains

an enzootic cycle may also be of great significance. This review focuses on describing

our current knowledge of ecological factors driving BTV transmission in North America.

Information presented in this review can help inform future studies that may elucidate

factors that are relevant to longstanding and emerging challenges associated with

prevention of this disease.

Keywords: bluetongue virus, evolution, ecology, epidemiology, infectious disease dynamics

INTRODUCTION

Arthropod-borne viruses (arboviruses) constitute a significant group of emerging pathogens,
many of which are increasing in global distribution as a result of climate change, urbanization,
and changing of travel or trade (1–3). Bluetongue virus (BTV) is the etiologic agent
of bluetongue (BT), an economically important arboviral disease of wild and domestic
ruminants that is transmitted by various species of Culicoides midges (4–7). The expansion
of Culicoides-transmitted arboviral diseases (BT, epizootic hemorrhagic disease [EHDV],
Schmallenberg) on essentially every continent confirms that these diseases constitute a growing
threat to ruminant communities (8–13). They also have substantial economic consequences.
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During an outbreak of EHDV in Israel in 2006, losses caused by
reduced milk production and increased mortality were estimated
at ∼$2.5 million US dollars (USD), whereas the annual losses to
the US livestock industry due to enzootic BTV infection were
estimated at $144 million USD ∼15 years ago (14, 15). In 2006,
an unprecedented, multi-year epizootic of highly virulent BTV-
8 began in Western Europe, outside of the assumed range of the
disease. Country-specific costs associated with lost production,
trade restrictions, control, and vaccination are estimated to be as
high as 207e million (16), and the cost per country to vaccinate
animals alone is estimated in the tens of millions of Euros (17).
Still, otherCulicoides-borne threats loom that could be evenmore
economically devastating, such as African horse sickness, which
as the potential to severely impact the $122 billion USD US horse
industry (18).

Novel BTV serotypes have also recently been identified
in historically enzootic countries or regions including the
southeastern United States (US), South America, Israel, and
Australia, reflecting diverse means for spread of these viruses
between regions (13, 19–22). Despite the link of climate change
to recent incursions of BTV in Europe and expansion of
geographic range in North America, there is limited information
on how factors related to the ecology of BTV’s vertebrate and
invertebrate hosts might impact the evolution, distribution, and
transmission dynamics of BTV (1, 23, 24). This is potentially
important because a changing climate interacts with habitat
and landscape variability to jointly determine opportunities for
host-vector contact and the competence of vectors engaged in
contact (25, 26). While transmission patterns of midge-borne
viruses have been linked to heterogeneity in climate and land use
worldwide, the role of host density and diversity in regulating the
spread or viral evolution of these multi-host pathogens has been
underappreciated (27–29). Identification and characterization of
these ecological drivers could play a role in analyses to estimate
the risk of BTV transmission and to inform appropriate strategies
for control and prevention. In this article, we briefly summarize
the current understanding of ecological factors driving BTV
transmission within North America.

BLUETONGUE VIRUS

BTV is within the genus Orbivirus, family Reoviridae (30).
The BTV genome consists of 10 segments of double-stranded
RNA (dsRNA), and each gene segment encodes at least one
protein (31, 32). The BTV virion includes seven proteins (VP
1–7), and at least five additional non-structural proteins (NS
1,2,3/3A,4) that are produced in virus-infected cells (32, 33).
The structural protein VP7 expresses group antigens common
to all BTV strains and serotypes, whereas segregation of BTV
into serotypes is largely determined by VP2 outer capsid protein
(34–37). At least 29 serotypes are recognized worldwide, but the
virus strains of the same serotype may have markedly different
virulence even to highly susceptible ruminants (38–42). Genetic
diversity is generated among field strains of the virus by both
genome segment reassortment and mutation (43). Intrasegment
recombination also can occur between virus strains, either within

the vertebrate (ruminant) or invertebrate host (Culicoidesmidge)
(43, 44). North American BTV isolates have been previously
characterized by genotype based on segment 10 sequences
(820bp region of the NS3 protein) (45). Although these analyses
have provided key information into the relationships of BTV
strains that circulate within the US and adjacent (such as the
Caribbean Basin and Central America) and distant (such as
Europe, Africa, Asia, and Australia) regions, there is a lack of
comprehensive sequence data for all genomic segments. As a
result, estimates of gene flow among field strains of BTV tend
to be highly speculative. Similarly, the genetic determinants of
viral phenotype that may impact spread and persistence, such
as virulence, remain poorly characterized. Genome sequencing
of field and laboratory strains of BTV has shown a high
degree of segment reassortment resulting in the variety of
currently circulating viral strains in the field, as compared
to historic isolates, which could lead to amplification of viral
transmission (46–49).

Emergence of a virulent virus (by reassortment or mutation)
could stem from enzootic viruses that currently circulate in
the US, or the translocation of a novel virus from an adjacent
(Caribbean Basin, Latin South America) or distant (Asia, Europe,
and Africa) region. In North America, BTV-2 was recently
(2010) isolated in California, representing trans-continental
dissemination of this virus serotype first described in the US
in Florida in 1982 and that had previously been considered
restricted to the southeastern US (21). The strain of BTV-2
isolated in California is a reassortant of BTV-2 and BTV-6,
the latter a previously exotic serotype to North America (50).
Similarly, strains of BTV-3 that have recently expanded their
range beyond the southeastern US are able to readily reassort
with BTV strains historically enzootic in the US (51). Recent
studies based on BTV field isolates have shown reassortment is
common and may drive phenotypic change resulting in a fitness
advantage for the virus (46, 48, 49, 52).

Additionally, there is the issue of live attenuated vaccines
being able to reassort with enzootic viruses contributing
to the genetic backbone and potentially introducing novel
biological properties of circulating viruses (53). Studies in both
North America and Europe suggest that live-attenuated BTV
vaccine viruses (or individual genome segments thereof) used
to vaccinate livestock can be acquired and transmitted in
the field by vector midges, thereby contributing to the gene
pool of circulating viruses (54–57). Midge movement between
vaccinated livestock populations and susceptible wild ruminant
populations could drive viral evolution and reduce the efficacy of
vaccination. Most of the major BTV vector species, including C.
sonorensis, the primary US vector, feed opportunistically on large
mammals (58), and are potential bridge vectors between livestock
and wildlife populations.

Since the recent European BT epizootic, considerable focus
has been placed on quantitatively defining aspects of Culicoides
vector ecology and the genetic diversity of BTV strains (27, 59–
61). Studies on the small-scale movement of Culicoides between
farms and adjacent wildlife habitats, as well as on the frequency
of contact between livestock and wildlife (e.g., deer and sheep
sharing pasture) are needed to better understand BTV ecology.
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With the advent of next-generation sequencing and other
technologies, quantifying within-host pathogen evolution is
happening increasingly (62, 63). Acquisition of such information
is pivotal for the future prediction of emergence and impact of
Culicoides-disseminated viruses in divergent ecosystem contexts
with transmission models.

DISTRIBUTION

The global distribution of BTV infection corresponds with that
of competent Culicoides vectors and suitable environmental
ecosystems and the range historically has been between 40–
50◦N and 35–40◦S (5, 39). The global distribution of BTV
has altered recently, perhaps as a consequence of the impact
of climate change on Culicoides midges that serve as the
biological vectors of the virus (1, 6, 23). In particular, since 1998
multiple BTV serotypes spread throughout the Mediterranean
Basin and, in 2006, additional virus serotypes invaded and
spread throughout extensive portions of northern Europe to
precipitate an economically devastating epizootic (64–66). This
epizootic was ultimately controlled in 2010 with an extensive
vaccination campaign and use of inactivated vaccines; however,
the re-emergence of BTV-8 in France in 2015 has caused
speculation with regards to source or mechanism of viral
introduction (67). Additionally, novel serotypes of BTV have
recently invaded historically-enzootic countries (Israel, South
America, and Australia) and non-enzootic countries (China,
Republic of South Korea) (1, 11–13, 19, 22, 68). The expansion
of novel BTV serotypes into these regions demonstrates the
wide distribution of competent Culicoides species and, with the
impact of climate change, it can be anticipated that new BTV
strains and serotypes will continue to be introduced on a regular
basis (40, 69).

Coincident with this invasion of novel serotypes in Europe
and elsewhere, 11 previously exotic serotypes (serotypes
1,3,5,6,9,12,14,18,19,22,24) have been isolated in the southeastern
US since 1999 (39). Four serotypes (serotypes 10,11,13,17) have
long been enzootic throughout much of the US (40, 70, 71).
While BTV serotype 2 has been considered enzootic in the
US since its identification in 1982, infection was thought to be
confined to the southeastern US (Florida and adjacent states)
until the isolation of this virus in California in 2010 (21, 72). Most
recently, BTV serotype 3 has spread throughout much of the
US exhibiting extensive reassortment with genes of traditionally
enzootic serotypes (BTV-10, 11, 13, 17) (51). Historically,
national surveys conducted by United States Department of
Agriculture (USDA)/Animal and Plant Health Inspection Service
(APHIS) have utilized a threshold of <2% seroprevalence to
differentiate between BTV-free and BTV-enzootic areas (73).
The latest survey conducted from 1991 to 2004 concluded
that BTV was enzootic in all states excluding Alaska, Hawaii,
Michigan, Minnesota, New York, and Wisconsin (74). There is
regional variation in the prevalence of BTV infection of livestock
throughout the US (75–78). Additional serologic surveys of wild
ruminant species have confirmed that several species (white-
tailed deer, black-tailed deer, mule deer, elk, pronghorn, and
bighorn sheep) are infected in enzootic areas (79). Although the
strains of BTV that currently circulate in the US typically cause

mild disease, epizootics of severe BT occur regularly amongst
sheep and wildlife (white-tailed deer in particular).

Within North America, Culicoides midges were initially
confirmed to be vectors of BTV by experimental infection of
sheep using Culicoides midges collected during an outbreak of
BT in Texas (80). At least two distinct and apparently stable
BTV ecosystems have been identified in the Americas: one that
includes Central and South America, the Caribbean Basin, and
portions of the southeastern US, and a second area consisting of
the remaining section of North America (72, 81, 82). Culicoides
sonorensis is the predominant, if not exclusive, vector of BTV
serotypes 10, 11, 13, and 17 across most of the US, south
and west of the so-called “Sonorensis Line” which extends
from approximately Washington State to Maryland (81). In the
southeast US, C. sonorensis is rarely collected in areas with
active BTV transmission (83), and so is not considered to be
the primary vector in this area and the Caribbean. Although not
conclusively proven to transmit BTV, several wildlife-associated
species, including C. stellifer and C. insignis, are implicated in
transmission in the southeast, as they are known to feed on
livestock and wild ruminants and frequently test positive for
BTV and/or EHDV (58, 83, 84). Many other Culicoides species
known to feed on large ruminants are present within the US, but
their contribution to the transmission of BTV remains uncertain
(85). The absence of BTV in the northeast US appears to be due
to a lack of a competent vector species. Culicoides variipennis,
a sister species to C. sonorensis, is present in the northeast in
livestock habitats, but either its vector competence or vectorial
capacity are low enough that it apparently cannot support BTV
transmission (81). Historical serological studies of ruminants
in northern North America over many years have confirmed
that climatic conditions prevent substantial virus transmission to
ruminants (86).

C. sonorensis has also been recorded in parts of Canada, and
BTV has periodically and transiently incurred in the Okanagan
Valley, British Columbia, though these outbreaks appeared to
be seasonal introductions without evidence of overwintering
(87, 88). More recently, C. sonorensiswas identified in Ontario on
multiple farms during consecutive years (2013–14), suggesting
established, overwintering populations (79). The discovery of C.
sonorensis in Ontario was quickly followed in 2015 by the first
recorded case of BTV in Canada outside of the Okanagan Valley,
in an animal near where midges were collected (88). Although
Canada was previously thought to be unable to support persistent
C. sonorensis populations, the discovery of both virus and vector
in Ontario suggests that a changing climate may be allowing a
northward expansion of the disease.

TRANSMISSION

Inter-seasonality and Maintenance of Virus

in Seasonally Enzootic Regions
The primary route of BTV transmission to its vertebrate
(ruminant) host is through the bites of virus-infected
hematophagous Culicoides midges which serve as biological
vectors of the virus (5, 39, 58, 65). Although BTV is transmitted
between ruminants in tropical regions throughout the year,
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infection is distinctly seasonal in temperate areas where the
vast majority of infections occur during the late summer and
autumn months (3, 76, 89–91). The virus largely disappears
from resident ruminants in much of the Northern Hemisphere
between early winter until mid-summer (mid-November until
at least late July) (39). The precise mechanism of this highly
seasonal nature of annual BTV infection remains poorly defined,
including the relative contributions of animals and insects to the
process of “over-wintering” (92). Even in subtropical regions
of the US, C. sonorensis population density is seasonal, with
peaks in mid to late summer and low abundance during the
winter (93, 94). In these areas, Culicoides populations may
persist trans-seasonally as long-lived adults with potentially
some continued reproduction. Recent studies in California
have confirmed the presence in mid-winter of BTV-infected
parous female Culicoides midges without concurrent infection
of adjacent sentinel cattle, suggesting that vectors infected in
the prior seasonal period of transmission might sustain BTV
throughout the over-wintering period in seasonally enzootic
areas (93). Adult midges could survive for long periods during
the winter months in farm buildings, or other habitats such
as tree holes and vegetation, sporadically re-surfacing to feed
on hosts or nectars from plant sources (93, 95). In temperate
enzootic zones, like Colorado, freezing winter temperatures
preclude adult activity, and it is thought that in these areas,
C. sonorensis populations persist as overwintering larvae (81).
However, laboratory experiments have shown that eggs are the
most cold-tolerant life stage (96), and are also highly desiccation
tolerant (97), suggesting that they may be the true overwintering
stage. Although eggs may be how the vector persists, they are
unlikely to be how the virus persists. Despite a single report of
BTV RNA being detected in field-collected C. sonorensis larvae
in the north-central US, subsequent studies have been unable
to recover either RNA or live virus from Culicoides larvae, and
transovarial transmission of virus has not been described in
Culicoides spp. (98, 99).

Although the bite of infected Culicoides remains the primary
source of BTV infection, transmission of BTV can occur
independent of the vector. Some of the novel, small ruminant
BTV strains (BTV-25, BTV-26, BTV-27) may be transmitted
by contact (horizontally) without the involvement of Culicoides
midges (100–102). Oral BTV infection of both ruminant livestock
and wild and zoo carnivores has been described, including
infection of calves by infectious colostrum (103–106). Vertical
transmission of BTV in animals has been described, in particular
with live-attenuated BTV and European BTV-8 vaccine strains
(107–109). Lastly, the movement of BTV-infected animals may
be responsible for translocation of BTV; however, these events
are only relevant if the local vector population is competent and
capable of transmitting the virus.

ECOLOGICAL DRIVERS OF BTV

TRANSMISSION

The dynamics of BTV transmission in multi-host ruminant
systems are complex (110, 111), particularly with the additional

complication of one or more vector species with heterogeneous
host feeding preferences and contact rates (112, 113). Vertebrate
host communities are variable in space and dynamic in time,
making it particularly difficult to generalize about the impacts of
host community structure on pathogen transmission. There may
also be potential to confuse effects of host density and diversity
on transmission given inherent challenges associated with
experiments that have been performed to address effects of host
diversity on pathogen transmission (110, 111). This ecological
context is especially rich with arboviruses, which are subject to
selective pressures in multiple host species and experience an
environmentally sensitive stage in ectothermic vectors.

Vertebrate Host
Culicoides feeding can cause physiologic and immunologic
responses in mouse models resulting in the recruitment of
leukocytic cells to bite sites (114). Recruitment of susceptible
cell populations to the position of deposited virus occurs within
hours of feeding and may explain a single infected midge’s ability
to transmit BTV to naive sheep with an efficiency of 80–100%
(114, 115). BTV preferentially infects endothelial cells that line
the walls of blood vessels, mononuclear phagocytic cells, and
dendritic cells (114). After replication, BTV is released into
the bloodstream where it interacts with blood cells (platelets,
erythrocytes). Due to the intimate association of BTV with
ruminant erythrocytes, viremia can be prolonged and is critical
for transmission of the virus to susceptible Culicoides vectors via
contaminated blood meals (116–118).

Virus-mediated damage to endothelial cells leads to vascular
thrombosis, infarction of the tissue, necrosis, and hemorrhage
(117, 119). The lesions of bluetongue are characterized
by coronitis and laminitis, mucosal erosions, myonecrosis,
subcutaneous and fascial edema, gastrointestinal ulceration,
pulmonary edema, pericardial effusion, hemorrhage, ecchymoses
and petechiae, and coagulopathy, among other features (38, 116).
All ruminants are susceptible to BTV infection, but the most
severely affected are sheep of European breeds (38). Bluetongue
may also occur in other domestic and wild ruminant species (e.g.,
bighorn sheep, white-tailed deer, pronghorn, etc.), but severe
clinical BT was rarely described in cattle prior to the 2008 BTV-
8 epizootic in Europe (120, 121). Within enzootic regions such
as the US, disease tends to be subclinical although sporadic
epizootics have occurred. The most significant epizootic reported
within the last two decades occurred throughout southern
Montana and Wyoming during November of 2007 (122). Over
three-hundred domestic sheep died as the result of BTV-17
infection that also affected wildlife populations of pronghorn
antelope, white-tailed deer, and mule deer (122).

The ability for BTV to result in an epizootic requires the
virus to overcome significant barriers. Aside from a susceptible
host’s physical presence, BTV needs to evade the ruminant host’s
adaptive and innate immune responses. Infected animals respond
with interferon production to BTV infection, and both humoral
and cell-mediated immune responses (123). The VP2 outer
capsid protein induces serotype-specific neutralizing antibodies
and provides protection against reinfection with homologous
virus serotypes with minimal cross reactivity between serotypes
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(124–126). Such antibodies are detected about 2 weeks after
natural infection and can last for up to 4–6 years (106, 127).
Once an animal has developed immunologic memory to BTV
serotypes circulating within a region, herd immunity can provide
a limitation for viral infection and should be considered during
epidemiologic investigations and surveillance strategies.

BTV’s intimate association with erythrocytes facilitates both
sustained ruminant infection and infection of Culicoides vectors
that feed on viremic ruminants (128). With regards to disease
ecology, this unique feature inevitably determines its potential for
enzootic stability and geographic spread. The duration of viremia
is highly variable among different ruminant species. Although
the duration of viremia in cattle ranges from 7 to 63 days
based on virus isolation, the maximum duration in other wild
ruminants has varied by species: 17 days in blesbok (Damaliscus
dorcas); 41 days in bison (Bison bison); 22–28 days in white-
tailed deer (Odocoileus virginianus);10 days in North American
elk (Cervus elaphus), and 35 days in mountain ganzelle (Gazella
gazella) (118, 129–131). The variability in duration of viremia
reported in these species can depend on the virus serotype, blood
fraction examined, and virus detection system used. Ultimately,
the duration of viremia in BTV-infected ruminants that is
infectious to vector insects is a prerequisite to understanding
disease transmission and ecology.

Invertebrate Host
After BTV-infected ruminant blood is ingested by a competent
female Culicoides midge, it passes with the blood meal into
the lumen of the hind portion of the midgut. From there, the
virus must pass several epithelial tissue infection and escape
barriers to infect, disseminate within, and be transmitted by
the insect. In the midgut, viral infection and multiplication
occurs in the mesenteronal cells, followed by release of progeny
virus into the hemocoel (dissemination). Recent studies have
identified a functional response to RNAi in KC cells derived from
C. sonorensis which are successful in inhibiting BTV infection
(132). While other studies have demonstrated that putative RNAi
pathway members exist in C. sonorensis, it is unclear how these
interactions limit viral replication within the invertebrate host
(133). Successful release of BTV into the hemocoel allows for
transit and subsequent multiplication in multiple tissues and
organs. In a disseminated infection, BTV infects nearly every
tissue in the insect’s body, with the exception of the reproductive
tissues, and this likely explains the lack of observed vertical
transmission in Culicoides (99). Infection of the salivary glands,
and escape into the salivary gland lumen, is required before the
vector can transmit BTV to a susceptible vertebrate host during
blood feeding. The time required to achieve this cycle is called the
extrinsic incubation period (EIP), and lasts, on average, between
1 and 2 weeks, but the range can vary substantially depending on
environmental conditions (primarily temperature) (99).

ENVIRONMENTAL INFLUENCES

As with all vector-borne diseases, the natural transmission cycle
of BTV is dependent on relationships between the pathogen
(BTV), vector (Culicoides spp.), and host (ruminant). Many

of these interactions can be influenced by environmental and
anthropogenic factors (134). A mathematical quantity known
as vectorial capacity has been established to better estimate the
relative capability of a vector population to transmit a pathogen
to a population of susceptible hosts (135–137). This quantity is
defined as:

C =
ma2Vpn

−lnp
,

where C = vectorial capacity, m = vector-host ratio, a = bites
per vector per day, V = vector competence (suitability of the
vector population for pathogen infection and transmission), p
= the daily probability of survival of the vector, and n =

the extrinsic incubation of the pathogen (136). An important
limitation of this formulation is that, in reality, its components
are altered by fluctuating environmental factors. Due to the
complexity of the factors that influence vectorial capacity, few
studies have attempted to calculate it based on field data for any
pathogen. Gerry et al. (136) estimated the vectorial capacity of C.
sonorensis on a southern California dairy farm by experimentally
measuring all components of the equation in the field. Their
model was predictive of sentinel calf seroconversions in 2 of 3
years. Different components of the vectorial capacity equation
may be more or less influential in the outcome in different
vector-pathogen systems. For BTV, host biting rate may have
the greatest effect on vectorial capacity and is heavily influenced
by temperature (136).

While a variety of factors (humidity, food quality, and adult
body size) can influence seasonal activity of C. sonorensis,
temperature remains one of the most predictable variables
in determining fluctuations of the total population (87, 136,
138). Within temperate regions such as North America, the
greatest abundance of adult C. sonorensis populations occurs
with temperatures ranging from 28 to 30◦C (77, 94, 139, 140).
Temperature affects the daily survival probability, p, the biting
rate, a, and the ratio of vectors to hosts, m, through shorter
generation times. A four-degree increase in temperature (13–
17◦C) was associated with a 5 day decrease in egg development
time. Fecundity in females held at 13◦C was also significantly
lower than in females held at temperatures of 17◦C or higher
(141). The increase in reproductive output associated with higher
temperatures is somewhat offset by a decrease in daily survival
at temperatures above 20◦C (142, 143). However, it is important
to note that the environmental air temperature measured in the
field may not be equivalent to the actual temperature experienced
by midges. Culicoides are crepuscular insects and likely rest in
shaded or otherwise protected locations during the heat of the
day, and the temperature in these microhabitats may be much
lower than the overall air temperature. The number of adults
generated per season is also dependent on the development and
survival of immature midges, which are sensitive and directly
related to temperature (144).

Vector Survivorship and Larval

Development
As with adult midges, warmer temperatures reduce the time of
development for the four larval instar stages allowing pupae to
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emerge at a faster rate. Increasing the temperature from 20 to
30◦C reduced C. variipenniis larval development time from first
instar to pupation by 9.0 days for a New York population (141)
and 17.8 days for a Virginia population (145), but the speed of
emergence during warmer conditions compromises the size and
fecundity of newly emergent female Culicoides (141, 145). Small
body size is also associated with a higher susceptibility to viral
infection in mosquitoes (146).

Recent studies have identified that habitat suitability for C.
sonorensis is associated with a number of biotic factors including
temperature, land use, distribution of hosts, and Normalized
Vegetation Index (23, 27, 29, 147). However, the relationship
of these variables to C. sonorensis populations remains poorly
defined in North America. Additional environmental factors that
support larval populations of C. sonorensis include standing or
slow-moving, sunlight-exposed aquatic environments, especially
those contaminated with manure (148, 149). C. sonorensis
larval habitats commonly have higher salinity concentrations
than those of C. variipennis (148). Dramatic fluctuations in
precipitation can indirectly affect the development of immature
C. sonorensis by providing alterations in breeding habitat, but
temperature remains the most influential factor affecting their
development rates (150, 151). While C. sonorensis is typically
associated with man-made livestock habitats, the putative BTV
vectors in the southeast US (e.g., C. stellifer and C. insignis) are
often found in sylvatic environments. Studies on the ecology of
other BTV vectors in North America are far less numerous than
those on C. sonorensis, but recent work indicates that standing
water and stream margins support the development of species
such as C. hematopotus, C. stellifer, and C. venustus (152).

Vector Competence to BTV
Vector competence of adult midges is genetically determined
but environmentally influenced. Susceptibility to BTV infection
is specific and may vary between Culicoides species, serotype of
BTV ingested, or even geographical populations of Culicoides
of the same species (153). The infection and dissemination
process can be complicated by genetic (midgut infection and
escape barriers) or temperature influences (148, 154). For
example, optimal BTV transmission by C. sonorensis occurs
at high temperatures 27–30◦C, whereas the virus is unable
to develop at temperatures below 14–15◦C. As temperatures
increase, virogenesis increases in a competent vector (153,
155). Due to increased virogenesis at higher temperatures,
the extrinsic incubation period varies dramatically based on
ambient temperature fluctuations. Studies have identified that
the duration to reach peak virus titre is 4–8 days when C.
sonorensis are held at 27–30◦C, whereas it can take 16–22
days for titer to peak when held at 21◦C (91, 153). Therefore,
transmission of BTV is optimized during periods of warmer
weather, at least above a threshold level of ∼9–15◦C, when the
extrinsic incubation period has shortened sufficiently to permit
transmission within the lifespan of C. sonorensis (91, 138, 153).

Temperature may have additional effects on Culicoides
competence for BTV beyond increasing the speed of viral
replication. C. nubeculosis is considered refractory to BTV
infection under normal conditions; however, when larvae

are held at high temperatures during their development, a
proportion (∼10%) of those individuals can become infected
with African horse sickness virus as adults (156). It has been
suggested that high temperatures may damage the midgut
epithelium such that viruses are able to bypass the midgut
infection barrier and pass directly from the gut lumen into
the hemocoel, thereby allowing non-vector species to transmit
arboviruses, and that climate change may increase the frequency
of these events (157).

ANTHROPOGENIC INFLUENCES

Beyond temperature, the ecology of BTV transmission is highly
unpredictable, as many other factors can serve as drivers of
transmission. Studies have quantified the effect of measurable
parameters such as temperature, wind speed, or precipitation
on BTV transmission in invertebrate and vertebrate hosts,
but most of these studies are limited to work with a single
vector species, or used Culicoides reared in laboratory conditions
(64, 147, 158–160). While important, these studies cannot
account for the ecological interactions occurring in the field
due to anthropogenic confounders, like land use and animal
husbandry practices. These anthropogenic influences are difficult
to measure, both locally and globally, and it is challenging to
assess the tangible effect humans have had or will have on the
transmission cycle of BTV. On the largest scale, there is a great
deal of uncertainty as to how climate volatility will be either
associated or driven by anthropogenic influences altering the
dispersion of arboviral diseases (147, 161).

Many authors have suggested that pathogen-vector-host
relationships may be affected by landscape alterations that
contribute to changes in the conditions of vector breeding.
Although C. sonorensis is stereotypically considered to develop
primarily in livestock wastewater ponds, thesemidges would have
evolved to develop in more transient water sources associated
with wild ruminant species. In the plains states, C. sonorensis
larvae can be found in active bison wallows, which share features
with artificial wastewater ponds that make them appropriate for
development: gentle slopes, free from vegetation, and enriched
with animal manure (162). These wallows are temporary puddles,
and the transient nature of this resource would naturally limit
midge population sizes. Wastewater ponds, on the other hand,
are largely permanent water sources, providing excellent year-
round development sites for C. sonorensis, and encouraging high
levels of vector-host contact (140). On individual California dairy
farms, these local management/land use practices are necessary
to operate a successful and profitable business. However, these
practices also increase the processes that result in the intersection
of multiple natural and anthropogenic landscapes. Ecotones were
originally identified as specialized wildlife habitat characterized
by readily identifiable edges or transitions zones between
major types of vegetation (134, 163). Recent definitions have
described ecotones as a dynamic process where constituents of
ecological systems influence biodiversity and ecosystem function
(164). This expands the definition of ecotones as areas where
biophysical factors, biological activity, and ecological evolution
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are associated and may be intensified (164). Recent studies have
suggested that the occurrence of BT and associated Culicoides
populations could be related to either landscape features (forest,
open pasture, and areas without vegetation) or host distribution.
However, little information is provided as to a clear mechanism
by which landscape indices could influence BTV circulation (23,
147, 165, 166).

By concentrating large populations of vectors near large
populations of suitable hosts, BTV transmission is likely
intensified in livestock systems compared to normal sylvatic
cycles. This intensification provides suitable opportunities for
BTV to infect multiple vertebrate and invertebrate host species,
and genetically reassort genome segments which may lead to
increased virulence. It can be concluded then that human
activity has resulted in alterations of the spatial hierarchy of
BTV infection leading to “ecotones within ecotones” from
local habitat (enzootic California dairies) to the global biome
(Northern Europe epizootic). Two principal points remain to
be thoroughly characterized with regards to the influence of
anthropogenic factors on BTV transmission: local management
and landscape scale alterations (i.e., forest edge habitat,
wastewater lagoons), and larger scale climate alterations from
anthropogenic influences [i.e., climate change secondary to
greenhouse gas emission; (167–170)].

EPIDEMIOLOGIC SURVEILLANCE

STRATEGIES INFORMING PREDICTIVE

MODELS

Better characterization of the environmental and anthropogenic
drivers of emergence of BTV infections is clearly a prerequisite
to predicting future occurrence and distribution of the disease,
and to its control (10, 142, 171, 172). Surveillance in the
veterinary community is described as surveying the occurrence of
a disease and its status in the animal population. Entomological
surveillance for vector-borne diseases involves collecting insects
from the environment using mainly passive traps, and testing the
species most likely to be infected with the pathogen of interest
in pools of multiple individuals. Most often this is done to
obtain basic information about a disease (incidence, prevalence,
transmission, enzootic presence, and epizootic spread) required
to inform statistical analyses and ultimately guide policy makers
to make informed decisions for mitigation strategies or policy
change. Therefore, it is critical to understand the questions
driving the purpose of surveillance before designing strategies
to achieve those goals (159, 173, 174). Many countries focus
their surveillance efforts on diseases notifiable to the World
Organization for Animal Health (the OIE); however, the
collection of surveillance data, regardless of criteria for reporting,
can be an invaluable first step and critical when developing
accurate models to predict risk and assess mitigation strategies
for the future (174, 175).

Vertebrate Host
Surveillance systems utilized to monitor BTV among ruminant
hosts in North America have largely relied on disease reporting

or periodic cross sectional testing of sera from slaughter cattle
or the monitoring of hunter-killed white-tailed deer (74, 75,
122). While additional surveillance has been conducted within
individual states of the US, there are limited nationwide strategies
to account for both the temporal and spatial variation of
BTV infection among ruminants and vectors within a given
season (77, 78, 160, 176, 177). Sentinel animal surveillance,
as recommended by the OIE code, provides a useful tool in
monitoring arthropod populations and viral infection rates of
sentinel ruminant hosts in order to detect arboviral activity. The
advantage to this targeted surveillance vs. other forms of random
surveillance is the ability to act as an early warning system.
Many countries experiencing both enzootic (e.g., Australia) and
epizootic (e.g., Switzerland) cycles of infection utilize sentinel
animal surveillance as a successful monitoring tool to advise
their models for decision support and mitigation strategies [e.g.,
info-gap theory, scenario tree modeling; (173, 174, 178)].

Invertebrate Host
As with vertebrae host surveillance, one of the most critical
points in invertebrate surveillance is assessing the goals of
the program. There are many ways to categorize an insect
population but optimal trapping systems have been developed to
characterize species of insects present in a particular geographic
location in order to: (1). examine host associations of animal-
biting insects; (2). assess the seasonal activity or geographic
distribution of insect species, (3). or measure parameters
of pathogen transmission including host feeding preference,
pathogen infection prevalence, or host biting rate (bites per
host per time) (93, 154, 179–182). Animal-baited trapping
provides the most useful tool when researchers are seeking to
understand arboviral transmission in a natural ecosystem (136,
181, 183, 184). Host biting rate is of particular interest in the
transmission cycle, as one would expect that an increase in
biting rate would result in increased pathogen transmission to
susceptible hosts (136, 185). Accurate measurement of biting
rate can be difficult for hematophagous insects even when using
animal-baited aspiration methods, but these methods provide
the most accurate information in the field setting. Some rather
important limitations include enclosures or aspirations that may
trap biting insects in addition to those simply attracted to
the vicinity of the host but not feeding (186–188). Assessing
engorgement rate and parity of these species can provide
additional information with regards to feeding status, but other
complications include competition of the human collector who
stands in close proximity to the target host.

Besides the biological considerations, use of bait animals
is labor- and cost-intensive, and there are inherent risks of
injury to the handlers or animals themselves. Therefore, other
trapping devices are most often used in field surveillance. These
traps [e.g., New Jersey light trap, CDC miniature light trap,
encephalitis vector/vector surveillance (EVS) trap] are either
baited with artificial semiochemicals (e.g., CO2) or light of an
appropriate wavelength (e.g., UV), and capture a diverse subset
of the Culicoides population. However, these trap designs may
reduce the overall capture of insects at individual locations
compared to animal-baited aspiration, as observed in southern
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California, where C. sonorensis abundance was 3.7 times greater
when captured from “bait” cattle than from suction traps baited
with CO2 (136). Furthermore, subsequent studies demonstrated
that BTV field infection rates in C. sonorensis were lower in
insects collected by suction traps baited with both CO2 and
UV light vs. traps baited with CO2 alone, suggesting that light
actually repelled infected midges (184, 189). Further evaluation
of viral dissemination within C. sonorensis demonstrated strong
signal for viral deposition within the cornea and rhabdom
(189). These structures within the compound eye are responsible
for collecting and focusing light to form images; therefore, it
was hypothesized that viral damage reduced Culicoides visual
acuity, with subsequent changes in behavioral phenotypes (189).
Pathogen manipulation of C. sonorensis behavior toward visual
cues is supported by transcriptome analyses showing significant
downregulation of genes known to be involved in sensory
processes, particularly vision, after infection with EHDV, as well
as downregulation of genes associated with memory and startle
responses (190). It is unknown whether this effect is adaptive to
BTV transmission, or whether it is a side effect of disseminated
viral infection (189, 190). Therefore, the use of traps baited with
UV light may provide a poor estimate of biting rate and lead to
a misunderstanding of pathogen transmission, factors of critical
importance when modeling risk of BTV transmission.

FUTURE RESEARCH NEEDS

Host-vector-virus transmission systems are dynamic and
complex, with a variety of ecological drivers. Knowledge
of the mechanisms driving the emergence or incursion of
BTV from its natural maintenance cycle is still very limited.
Studies have reported that maintenance and distribution
of BTV is attributed to biotic factors, whereas patterns of
vector behavior and abundance are likely related to abiotic
factors (165). Understanding and defining these interactions
is critical to predicting the occurrence of BTV infection
of livestock through comprehensive determination of the
impact of these drivers on vector abundance, competence,

and vectorial capacity (87, 138, 191). Individual species of
Culicoides midges require distinct and specific conditions for
breeding, which could explain in part the increased rate of
BTV transmission within certain geographic areas (180, 192).
However, few studies to date have attempted to specifically
address how biotic and abiotic drivers of infection are related to
abundance of vectors and virus transmission among ruminants in
North America.

Many questions about bluetongue remain, in part because
of a lack of data and in part because of the overwhelming
complexity of the studies that are necessary to capture important
features of the ecology and evolution. Although data collection
and accessibility are developing, more precise data are necessary
to uncover some of the most pressing mysteries of this particular
arbovirus. Identifying mechanisms for defining interactions
among ecological drivers, host diversity, and the emerging risk
of vector-borne diseases within ruminant communities could
offer new insights into understanding the ecology of this virus.

The domestic animal-wildlife-human interface is becoming an
increasingly greater concern as a result of habitat fragmentation
and land-use change. The ultimate goal is to provide tangible
outcomes for predicting risk andmitigating vector-borne disease,
particularly in the face of climate variability. These questions
establish context for developing innovative ecological studies
linking processes across multiple scales and have the potential
to inform cost-effective, science-driven approaches to the
development of mitigation strategies.
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High impact, mosquito-borne flaviviruses such as West Nile virus (WNV), Usutu virus

(USUV), Japanese encephalitis virus (JEV), Tembusu virus (TMUV), and Bagaza/Israel

turkey meningoencephalomyelitis virus (BAGV/ITV) are emerging in different areas of

the world. These viruses belong to the Japanese encephalitis (JE) serocomplex (JEV,

WNV, and USUV) and the Ntaya serocomplex (TMUV and BAGV/ITV). Notably, they

share transmission route (mosquito bite) and reservoir host type (wild birds), and some

of them co-circulate in the same areas, infecting overlapping mosquito and avian

population. This may simplify epidemiological surveillance, since it allows the detection

of different infections targeting the same population, but also represents a challenge, as

the diagnostic tools applied need to detect the whole range of flaviviruses surveyed, and

correctly differentiate between these closely related pathogens. To this aim, a duplex

real-time RT-PCR (dRRT-PCR) method has been developed for the simultaneous and

differential detection of JE and Ntaya flavivirus serocomplexes. The method has been

standardized and evaluated by analyzing a panel of 49 flaviviral and non-flaviviral isolates,

and clinical samples of different bird species obtained from experimental infections or

from the field, proving its value for virus detection in apparently healthy or suspicious

animals. This new dRRT-PCR technique is a reliable, specific and highly sensitive

tool for rapid detection and differentiation of JE and Ntaya flavivirus groups in either

domestic or wild animals. This novel method can be implemented in animal virology

diagnostic laboratories as screening tool in routine surveillance and in the event of bird

encephalitis emergence.

Keywords: flavivirus, Japanese encephalitis serocomplex, Ntaya serocomplex,West Nile virus, diagnostics, duplex

real-time RT-PCR
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Elizalde et al. Duplex RRT-PCR for JE-Ntaya Serocomplex Flaviviruses

INTRODUCTION

The genus Flavivirus, within the family Flaviviridae, comprises
more than 70 different viruses, many of which represent
relevant pathogens for humans and animals (1, 2). Serological
affinities allowed their classification into eight antigenic groups
or serocomplexes (3). Two of these, namely Japanese encephalitis
(JE) and Ntaya groups, comprise a number of pathogenic viruses
associated with neurological diseases in different vertebrate
species, including domestic species and human beings, being
most of them potentially or factually zoonotic (4–7). Clinically
relevant viruses within the JE group are, for instance, West
Nile virus (WNV), Saint Louis encephalitis virus (SLEV),
Japanese encephalitis virus (JEV), Murray Valley encephalitis
virus (MVEV), and Usutu virus (USUV), while the Ntaya
serocomplex includes Bagaza virus (BAGV), its synonymous
Turkeymeningoencephalomyelitis virus (ITV) (8), and Tembusu
virus (TMUV). All these viruses are maintained in nature in a
cycle involving avian reservoir hosts and Culex spp. mosquitoes.
Also, all of them have caused an increasing number of outbreaks
over the last years (9–11). In fact, the incidence and geographic
spread of these flaviviral infections has risen dramatically
worldwide and should be regarded as a threat to animal and
human health (12). In Europe and the Mediterranean region,
increasing flavivirus activity has been observed in recent times
(13). The number of WNV outbreaks has intensely risen since
late 1990’s (14–16) and USUV has spread widely since its first
detection in Austria in 2001 (17–19). In 2010, BAGV emerged
in Southern Spain (20) in an area where WNV and USUV were
co-circulating in the same avian population (21). Its synonymous
virus, ITV, also re-emerged in Israel in the same time period
(22). Likewise, in other areas of the world, similar patterns of
flavivirus emergence are being observed, particularly involving
those belonging to the JE and Ntaya groups (7, 23, 24). Also, the
risk of emergence of any of those viruses in distant territories
should not be disregarded, as some members of these groups
have demonstrated their capacity to undergo transcontinental
displacements. Notably, WNV was able to reach the Americas
in 1999, probably introduced from the Mediterranean area (25).
Similarly, USUV and BAGV were able to reach Europe likely

from Sub-Saharan Africa (12, 20, 26).
As the number of flaviviruses circulating in given geographic

areas (such as those already mentioned) grows, molecular
diagnosis of flaviviral infections relies more and more on generic
RT-PCR approaches, which may be particularly advantageous
in bird disease diagnostics and surveillance. However, pan-
flavivirus PCR methods described so far are focused essentially
on public health application or entomological surveillance (27–
33), and no PCR-based system is currently available for avian
monitoring. Most important bird-pathogenic flaviviruses belong
to the above-mentioned JE and Ntaya serocomplexes. The
generic detection of viral species of both serocomplexes in a
single test would potentially provide more accurate and rapid
diagnostic results in monitoring programs, where high-sensitive
methods are demanded for large screening. This study describes
the development and standardization of a quantitative duplex
real-time RT-PCR (dRRT-PCR) method for the simultaneous

detection and differentiation of flaviviruses from the JE and
Ntaya serocomplexes, to be used as a screening tool in routine
avian surveillance and in the event of bird encephalitis outbreaks.

MATERIALS AND METHODS

Viruses
A collection of 49 different viral isolates was used for the
development and standardization of the dRRT-PCR assay
(Table 1). Briefly, a flavivirus panel composed of 27 isolates
from JE serocomplex, 7 isolates from Ntaya serocomplex and
5 reference strains of other flavivirus species was employed.
When needed, viral isolates were propagated and titrated by cell
culture standard techniques. All flavivirus isolates used in the
study belong to the virus collection held in reserve at INIA-CISA,
Valdeolmos, Spain, and were originally obtained from different
providers or collaborators as described in Table 1.

Additionally, a set of 10 avian or equine non-flavivirus isolates
were analyzed in the specificity studies, namely: Avian influenza
virus (AIV, subtypes H5N2, H7N1, H1N1), Newcastle disease
virus (NDV), African horse sickness virus (AHSV, serotype 4),
Western equine encephalitis virus (WEEV), Equine herpesvirus-
1 (EHV-1), Venezuelan equine encephalitis virus (VEEV),
Equine influenza virus (EIV, subtype H3N8), and Vesicular
stomatitis virus (VSV, Indiana serotype). AIV isolates were
provided by IZSLER (Brescia, Italy); WEEV, EHV-1 and VEEV
were obtained from ANSES (Maisons-Alfort, France); NDV,
AHSV, EIV, and VSV belong to the virus collection maintained
at INIA-CISA (Valdeolmos, Spain).

Experimental and Field Samples
Clinical samples collected from in vivo experiments carried out
with different bird species (house sparrow, red-legged partridge
and gray partridge) in the BSL-3 animal facilities at INIA-CISA
(36–38) were used for this particular study. Specifically, a panel
of 20 immature feathers, 20 blood samples and 24 tissues (heart,
liver, brain, spleen, and kidney) obtained from non-infected
control birds, and 2 blood, 2 immature feathers and 20 tissue
samples collected at different times post-infection from birds
experimentally inoculated with WNV or BAGV were analyzed

(Table 2A).
On the other hand, a set of 9 WNV-positive (lineage

1) field samples (5 feathers, 2 swabs, and 2 brain samples)
collected from different avian species were included in this
study. The samples were obtained from WNV cases occurred
in wild birds in Southern Spain, and were provided as WNV
PCR positive by the National Reference Laboratory (NRL) for
avian diseases, Laboratorio Central de Veterinaria (LCV, Algete,
Spain). Seven samples (feather and tissues) obtained from a
red-legged partridge found dead during the BAGV outbreaks
occurred in Southern Spain in 2010, which was submitted
by Estación Biológica de Doñana (EBD-CSIC, Seville, Spain)
for diagnostic confirmation, were incorporated to this study
(Table 2B).

In addition, a panel of 25 feathers and tissue samples (heart,
liver, brain, lung, spleen and kidney), obtained from 4 individuals
(2 little owls, 1 goshawk, and 1 crow) showing neurological
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TABLE 1 | Flavivirus isolates used in this study and results obtained by the dRRT-PCR and the RT-PCR methods used as reference.

Flavivirus sero complex Virus Isolate (lineage) Geographical

origin

Species of origin Year of

isolation

Source Duplex RRT-PCR Reference PCR

Fam (JE) Joe (Ntaya)

Japanese encephalitis (JE) WNV E-101 (1a) Egypt Human 1951 Institut Pasteur

Lyon (France)

21.33 No Ct 22.8a

IS-98 STD (1a) Israel White stork 1998 ANSES (France) 29.55 No Ct 31.2a

NY99 034EDV (1a) New York American crow 1999 Diagnostic

Virology

Laboratory USDA

Ames (USA)

17.34 No Ct 17.02a

04.05 (1a) Morocco Horse 2003 Biopharma Rabat

(Morocco)

18.26 No Ct 19.57a

GE-1b/B (1a) Spain Golden eagle 2007 INIA-CISA Madrid

(Spain)

18 No Ct 19.73a

15803 (1a) Italy Magpie 2008 IZSLER Brescia

(Italy)

23.48 No Ct 26.61a

225677/2009 (1a) Italy Jay 2009 IZSLER Brescia

(Italy)

24.55 No Ct 25.46a

233184/4/2009 (1a) Italy Black headed gull 2009 IZSLER Brescia

(Italy)

24.19 No Ct 26.87a

Spain/2010/H-1b (1a) Spain Horse 2010 INIA-CISA Madrid

(Spain)

20.74 No Ct 20.98a

Spain/2012 (1a) Spain Horse 2012 LCV Algete (Spain) 19.35 No Ct 20.57a

Kunjin KJ359-11 (1b) Australia Horse 1984 ISCIII Madrid

(Spain)

29.4 No Ct 33.67a

B956 (2) Uganda Human 1937 ATCC (USA) 16.53 No Ct 17.07a

Austria/2008 (2) Austria Goshawk 2008 VetMedUni Vienna

(Austria)

26.48 No Ct 31.8a

WN/Horse/RSA/1/08 (2) South Africa Horse 2008 Onderstepoort

Veterinary Institute

Pretoria (South

Africa)

31.48 No Ct 35.22a

178907/2013 (2) Italy Culex pipiens 2013 IZSLER Brescia

(Italy)

16.72 No Ct 19.32a

Rabensburg 97-103 (3) Czech

Republic

Culex pipiens 1997 ISCIII Madrid

(Spain)

18.78 No Ct Posc

MP502-66 (putative 6) Malaysia Culex pseudovishnui 1966 ISCIII Madrid

(Spain)

25.86 No Ct Posc

Koutango ArD96655 (putative 7) Senegal Rhipicephalus guihoni 1993 Institute Pasteur

Dakar (Senegal)

16.42 No Ct Posc

USUV SAAR 1776/1958 South Africa Culex neavei 1958 ANSES (France) 24.77 No Ct 28.31a

939 Austria Blackbird 2001 ISCIII Madrid

(Spain)

19.9 No Ct 22.25a

(Continued)
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TABLE 1 | Continued

Flavivirus sero complex Virus Isolate (lineage) Geographical

origin

Species of origin Year of

isolation

Source Duplex RRT-PCR Reference PCR

Fam (JE) Joe (Ntaya)

231247/2011 Italy Blackbird 2011 IZSLER Brescia

(Italy)

22.19 No Ct 25.37a

206795-3/2012 Italy Culex pipiens 2012 IZSLER Brescia

(Italy)

24.77 No Ct 28.31a

229615-1/2013 Italy Culex pipiens 2013 IZSLER Brescia

(Italy)

23.3 No Ct 28.11a

HautRhin7315/France/2015 France Blackbird 2015 ANSES (France) 25.39 No Ct 28.27a

JEV Nakayama Japan – 1935 ISCIII Madrid

(Spain)

23.9 No Ct Posc

MVEV MV/1/1951 – – 1951 ISCIII Madrid

(Spain)

26.91 No Ct Posc

SLEV FL52 – – – ISCIII Madrid

(Spain)

38 No Ct Negc

Ntaya BAGV Spain H/2010 Spain Red-legged partridge 2010 INIA-CISA Madrid

(Spain)

No Ct 25.46 24.71b

ITV Vaccine strain Israel Domestic turkey 1985 Kimron Veterinary

Institute (Israel)

No Ct 27.73 26.74b

618 Israel Domestic turkey 1995 Kimron Veterinary

Institute (Israel)

No Ct 26.34 24.53b

107458 Israel Domestic turkey 2010 Kimron Veterinary

Institute (Israel)

No Ct 19.19 17.61b

106819 Israel Domestic turkey 2010 Kimron Veterinary

Institute (Israel)

No Ct 29.11 27.68b

105520 Israel Domestic turkey 2010 Kimron Veterinary

Institute (Israel)

No Ct 30.69 27.96b

TMUV UVE/TMUV/1955/MY/MM1775 Malaysia Culex tritaeniorhinchus 1955 European Virus

Archive (EVAg)

No Ct 19.85 Posc

Other flaviviruses TBEV Neudorfl – – – ISCIII Madrid

(Spain)

No Ct No Ct Posc

Hypr – – – ANSES (France) No Ct No Ct Posc

LIV – – – – ISCIII Madrid

(Spain)

No Ct No Ct Posc

ZIKV – – – – ISCIII Madrid

(Spain)

No Ct No Ct Posc

DENV Hawaii – – – ISCIII Madrid

(Spain)

No Ct No Ct Posc

TBEV, Tick-borne encephalitis virus; LIV, Louping-ill virus; ZIKV, Zika virus; DENV, Dengue virus.
aDel Amo et al. (34). bBuitrago et al. (35). cScaramozzino et al. (27).
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TABLE 2A | Clinical samples used in this study and results obtained by the dRRT-PCR and the RT-PCR methods used as reference; experimental samples from in vivo

experiments performed at INIA-CISA.

Virus Species Animal Id Type of

Sample

DPI* DUPLEX RRT-PCR WNV-1/WNV-2/USUV RRT-PCRa BAGV RRT-PCRb (Ct)

JE (Ct) NTAYA (Ct) WNV-1 (Ct) WNV-2 (Ct) USUV (Ct)

WNV L1 (GE-1b/B

Spain 2007)

House sparrow 11 Brain 7 28.44 No Ct 31.25 No Ct No Ct

Kidney 27.37 No Ct 29.15 No Ct No Ct

Spleen 24.01 No Ct 25.68 No Ct No Ct

Heart 26.85 No Ct 28.53 No Ct No Ct

Liver 24.78 No Ct 27.15 No Ct No Ct

WNV L2 (Austria/2008) Red-legged

partridge

7 Brain 7 28.41 No Ct No Ct 32.45 No Ct

Kidney 26.43 No Ct No Ct 31.20 No Ct

Spleen 27.6 No Ct No Ct 35.19 No Ct

Heart 24.48 No Ct No Ct 30.89 No Ct

Liver 36.75 No Ct No Ct 39.03 No Ct

Blood 35.84 No Ct No Ct No Ct No Ct

Feather 23.38 No Ct No Ct 30.01 No Ct

BAGV (Spain H/2010) Red-legged

partridge

4 Brain 6 No Ct 31.19 29.54

Kidney No Ct 26.17 25.81

Spleen No Ct 24.31 25.69

Heart No Ct 23.47 25.81

Liver No Ct 26.05 26.84

Grey partridge 4 Brain 4 No Ct 35.83 27.11

Kidney No Ct 22.97 21.19

Spleen No Ct 24.27 19.66

Heart No Ct 29.16 20.5

Liver No Ct 26.37 22.45

Blood No Ct 24.95 20.81

Feather No Ct 23.28 19.98

*DPI: days-post-infection. aDel Amo et al. (34). bBuitrago et al. (35).

disorders were also incorporated in the study. These samples
remained undiagnosed and were submitted by the Veterinary
Faculty of Universidad de Extremadura (UEX, Cáceres, Spain)
for diagnostic investigation (Table 2B).

Finally, the dRRT-PCR technique was transferred to IREC
(Ciudad Real, Spain) and applied in a surveillance study of wild
birds in Castilla-La Mancha (Spain). Briefly, a total of 237 birds
were sampled, belonging to the following families: Alcedinidae (n
= 1), Certhiidae (n = 6), Corvidae (n = 20), Emberizidae (n =

15), Fringillidae (n = 10), Hirundinidae (n = 13), Laniidae (n =

8), Muscicapidae (n = 1), Oriolidae (n = 1), Paridae (n = 61),
Passeridae (n = 36), Prunellidae (n = 1), Sylviidae (n = 27), and
Turdidae (n = 36). As far as possible, blood, immature feathers
and oral and cloacal swabs were collected; the feather being the
sample tested, when available, in the PCR screening.

Nucleic Acid Extraction
Total RNA was extracted at INIA-CISA (Valdeolmos, Spain)
from 200 µl of sample (virus suspension, blood, feathers, swabs
and tissue homogenates 10% in PBS) using the automated
BioSprint 15 workstation and the BioSprint DNA blood kit
(Qiagen, Valencia, CA), according to manufacturer’s instructions
with small modifications (carrier RNAwas added to AL buffer for

a final concentration of 5µg/ml). Finally, RNA was recovered in
100 µl of nuclease-free water.

The Macherey-Nagel NucleoSpin TriPrep kit (Fisher
Scientific, Leicestershire, UK) was used for RNA extraction
of field samples at IREC (Ciudad Real, Spain), following the
protocol recommended by the manufacturer, using 200 µl of
sample and recovering RNA in 50 µl of nuclease-free water.

Duplex Real-Time RT-PCR: Design and Methodology
A comprehensive selection of Ntaya and JE serocomplex viruses’
full-length genome sequences available from GenBank was
individually aligned using Clustal Omega software (European
Bioinformatic Institute, Hinxton, Cambridge CB10 1SD, UK).
Two primers and TaqMan probe set, each specific for one
serogroup covering all representative virus species were designed,
targeting non-structural protein 2A (NS2A) gene and 3’ end non-
coding region (3’NCR) for JE and Ntaya groups, respectively.
Properties of the designed primers and probes were analyzed
in silico with Primer Express 2.0 (Applied Biosystems, Life
Technologies Corporation, Carlsbad, CA, USA). Probes were
labeled with different reporter dyes, FAM for JE serocomplex
and JOE for Ntaya serocomplex, to allow a simultaneous, but
differential detection of both groups in a single run (Table 3).
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TABLE 2B | Clinical samples used in this study and results obtained by the dRRT-PCR and the RT-PCR methods used as reference; field samples from wild birds

collected in Spain.

Virus Species Source/

Animal Id

Type of

Sample

DUPLEX RRT-PCR WNV-1/WNV-2/USUV RRT-PCRa BAGV RRT-PCRb (Ct)

JE (Ct) NTAYA (Ct) WNV-1 (Ct) WNV-2 (Ct) USUV (Ct)

WNV L1 Red-legged

partridge

LCV/30/11 Brain 28.54 No Ct 31.36 No Ct No Ct

LCV/2496/15 Cloacal swab 38.10 No Ct 33.71 No Ct No Ct

LCV/3179/13 Oral swab 31.60 No Ct 34.83 No Ct No Ct

White stork LCV/2439/16-

1

Feather 36.89 No Ct No Ct No Ct No Ct

Black vulture LCV/2442/16-

5

Brain 24.34 No Ct 28.17 No Ct No Ct

LCV/2442/16-

4

Feather 28.28 No Ct 30.75 No Ct No Ct

Cinereous

vulture

LCV/2442/16-

3

Feather 31.66 No Ct 31.49 No Ct No Ct

Duck LCV/2439/16-

11

Feather 27.58 No Ct 30.43 No Ct No Ct

LCV/2858/16 Feather 34.10 No Ct 39.15 No Ct No Ct

Little owl UEX/10B Feather 22.34 No Ct 26.36 No Ct No Ct

Brain 24.65 No Ct 25.69 No Ct No Ct

Liver 24.67 No Ct 27.64 No Ct No Ct

Lung 18.79 No Ct 21.54 No Ct No Ct

Heart 23.21 No Ct 26.09 No Ct No Ct

Spleen 34.38 No Ct 38.32 No Ct No Ct

UEX/A Feather 19.38 No Ct 22.26 No Ct No Ct

Brain 27.62 No Ct 29.25 No Ct No Ct

Liver 25.26 No Ct 28.48 No Ct No Ct

Lung 18.85 No Ct 21.89 No Ct No Ct

Heart 19.70 No Ct 22.96 No Ct No Ct

Spleen 26.77 No Ct 30.64 No Ct No Ct

Kidney 24.21 No Ct 25.51 No Ct No Ct

USUV Common

blackbird

IREC/A18/177 Oral swab 35.99 No Ct No Ct No Ct 39.37

Cloacal swab No Ct No Ct No Ct No Ct No Ct

BAGV Red-legged

partridge

EBD/2010A Feather No Ct 24.98 23.26

Brain No Ct 28.98 28.62

Kidney No Ct 28.86 28.3

Eye No Ct 22.72 22.47

Heart No Ct 32.93 33.13

Muscle No Ct 32 32.08

Skin No Ct 29.98 28.34

Only the results of the individuals giving positive result to any JE or Ntaya flavivirus serogroup are shown. aDel Amo et al. (34). bBuitrago et al. (35).

A BLASTn search of the selected primers and probes sequences
against the GenBank database confirmed the specificity to the
corresponding JE or Ntaya flavivirus serogroup.

Initially, RRT-PCR assays were optimized individually for
JE or Ntaya serocomplex detection under the same reaction
conditions, to be afterwards modified into a duplex format
using the commercial AgPath-ID one-step RT-PCR kit (Life
Technologies, Thermo Fisher Scientific, USA). For the dRRT-
PCR, a reaction mix was prepared containing (per vial) 3
µl of RNA template, 0.75µM of each primer and 0.2µM
of each probe (Table 3), 0.8 µl of 25X RT-PCR enzyme

mix (containing ArrayScriptTM Reverse Transcriptase and
AmpliTaq Gold R© DNA Polymerase) and 10 µl of 2X RT-PCR
Buffer (includes ROXTM passive reference dye for quantitative
fluorescent signal normalization), and nuclease-free water to
reach a reaction volume of 20 µl. Reaction mixes for individual
RRT-PCR assays were prepared with same reagents, volumes
and concentrations described for the dRRT-PCR, except only
primers/probe for the target flaviviral serocomplex were added.
All reactions were carried out using Mx3005P equipment
and software (Stratagene Inc., La Jolla, CA, USA) using
the following thermal profile: reverse transcription at 48◦C
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TABLE 3 | List of primers and probes designed for the detection of JE and Ntaya serocomplexes by dRRT-PCR assay.

Primer/Probe name Sequence and labeling (5’→ 3’)a Nucleotide positions Product size Target genome region

Japanese encephalitis serocomplex

JE-3533F TCAGYTGGGCCTTCTGGT 3,533–3,550b 65 bp NS2A

JE-3597R TGGCCGTCCACCTCTTSC 3,597–3,580b

JE-FAM-3553 6FAM-TGTTYTTGGCCACCCAGGAGGT -BHQ1 3,553–3,574b

Ntaya Serocomplex

NT-10510F GTTGGATGACGGTGCWGYCTG 10,510–10,530c 171 bp 3′ NTR

NT-10680R GCTGCACTGCATGCTARTGGC 10,680–10,660c

NT-JOE-10594 JOE-TACCGWCTCGGAGARCTCCCTGGC-BHQ1 10,594–10,617c

Primers and probes were purchased from Roche Applied Science (Spain).
aCode for mixed bases positions: R:A/G, Y:C/T, S:G/C, and W:A/T.
bNucleotide positions regarding to the WNV L1 Spain/2010/H-1b strain. GenBank accession no. JF719069.
cNucleotide positions regarding to the BAGV Spain H/2010 strain. GenBank accession no. HQ644143.

for 20min, initial PCR activation step at 95◦C for 10min,
followed by 45 cycles of 15 s at 95◦C and 1min at 60◦C. The
fluorescence signal emitted by FAM and JOE reporter dyes
was measured simultaneously and independently at the end
of each cycle. A threshold cycle value (Ct) >40 was set as
negative result.

Construction of in vitro-Transcribed RNA Standards
Two ssRNA standard controls were produced for analytical
sensitivity estimation of the dRRT-PCR. Specifically, WNV-
L1 GE-1b/B and BAGV Spain H/2010 strains were used
as templates in a PCR using outer primers of the duplex
assay. The resulting products were sequenced to ensure
the specificity of the amplification. Likewise, the cDNAs
were gel-purified with Wizard SV Gel and PCR Clean-Up
System (Promega, USA) and quantified by spectrophotometry.
Each cDNA was cloned into pGEM-T easy vector system
(Promega, USA) and DNA plasmids were further purified
using Wizard Plus SV Miniprep DNA purification system
(Promega, USA) and finally quantified by spectrophotometry.
In vitro transcription was performed with Riboprobe R© in
vitro Transcription System (Promega, USA) over linearized
DNA plasmid, following the manufacturer’s instructions. RNA
transcripts were then purified using MEGAclear Transcription
Clean-Up Kit (Ambion, Thermo Fisher Scientific, USA),
treated with 2U of TurboTM DNase (Ambion, Thermo Fisher
Scientific, USA) and re-purified with TriPure Isolation
Reagent (Roche Applied Science, Germany). The produced
RNA standards were quantified by ND-1000 NanoDrop
spectrophotometer (Thermo Fisher Scientific, USA). Mean
concentration values were 1.57 E+11 and 4.72 E+11 RNA
copies/µl for WNV-L1 and BAGV in vitro-transcribed
RNA control preparations, respectively. A series of dilutions
were generated for each quantified WNV and BAGV RNA
and stored as standard RNA samples for further use in
sensitivity assays.

Best-fit lines (standard curves) were calculated by the least
squares regression method from the Ct values obtained for the
serial dilutions of the two RNA standards produced to determine
the dynamic range and detection limit of the dRRT-PCRmethod.

Reference RT-PCR Methods
Two previously validated techniques, namely a triplex RRT-PCR
for WNV (lineages 1 and 2) and USUV simultaneous detection
(34) and a single RRT-PCR for BAGV detection (35), were
employed as reference methods in comparative assays. For
detection of other flaviviruses, a widely used conventional
RT-PCR (27) was performed with minor modifications, and
amplification products were further sequenced to confirm the
virus identity.

RESULTS

Analytical Performance: Dynamic Range,
Linearity, Efficiency, and Detection Limit
Initially, the analytical sensitivity of the dRRT-PCR was studied
by analyzing duplicates of 10-fold serial dilutions of viral
suspensions of WNV-L1 (Spain/2010/H-1b), WNV-L2 (B956),
USUV (SAAR 1776/1958), and BAGV (Spain H/2010). All
experiments were run in parallel with the equivalent reference
RRT-PCRmethod (34, 35), obtaining a similar (BAGV) or at least
10 times higher (WNV-L1, WNV-L2, USUV) sensitivity with the
dRRT-PCR (Supplementary Table 1).

The analytical performance of the dRRT-PCR method was
assessed by analyzing the in vitro-transcribed RNA standards
produced for WNV and BAGV, as above described. Specifically,
the dilutions containing a range from 1.57 E+8 to 1.57 E+0

RNA copies/µl for WNV-L1 and 1.32 E+7 to 1.32 E+0 RNA
copies/µl for BAGV were tested in triplicates to construct
the standard curves for both JE and Ntaya serocomplexes,
respectively. The assays reacted in a dose-dependent manner
with each reference RNA standard along a dynamic range of
eight and seven 10-fold dilutions for both WNV-L1 and BAGV,
respectively. The detection limit of the dRRT-PCR was estimated
to be below 50 RNA copies for both JE and Ntaya serogroups.
The standard curve produced with the WNV-L1 RNA standard
showed a value of correlation coefficient (R) of 0.996 and
efficiency rate (E) of 105.1%. For BAGV RNA standard, R was
0.999 and the efficiency of the dRRT-PCR was 99.7% (Figure 1,
Supplementary Table 2).
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FIGURE 1 | Standard curves of the dRRT-PCR for the detection of JE (top graph) and Ntaya flavivirus serocomplexes (bottom graph). The curves were generated by

analysis of triplicates of 10-fold serial dilutions of the quantified in vitro-transcribed WNV (top graph) and BAGV (bottom graph) RNA standards produced as synthetic

positive controls. Each � corresponds to the mean value of three replicates.

Finally, the capacity of the dRRT-PCR to detect the
presence of two target viruses in a single sample was
evaluated with a set of WNV+BAGV RNA standards
combinations. Specifically, dilutions of both RNA standards
representing strong (Ct < 20) and weak (Ct > 33)

positive samples were mixed in equivalent and disparate
proportions. The panel of artificial “co-infected samples”
were analyzed in triplicates and in parallel with triplicates
of the corresponding “single infected samples.” All
preparations were correctly scored and Ct values were
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similar for each dilution analyzed pooled or individually
(Supplementary Table 3).

Specificity Assays and Detection Range
To assess the analytical specificity of the dRRT-PCR, a panel
of RNAs from 39 different flavivirus isolates and 10 avian
and equine non-flavivirus isolates were analyzed. Fluorescence
signals were obtained correctly for the range of JE and Ntaya
serocomplex isolates analyzed, being able to clearly differentiate
between them without any cross-reactions. The reference RRT-
PCR techniques were carried out in parallel for comparison, the
dRRT-PCR reporting similar or lower Ct values for the range
of WNV-L1, WNV-L2, and USUV isolates tested, while some
slightly higher Ct values were obtained for BAGV/ITV isolates
(Table 1). The specificity of the assay was further proved since no
fluorescence signal was reported with any heterologous flavivirus
(Table 1) and non-flavivirus isolates (data not shown).

Performance With Clinical Samples
The performance of the developed dRRT-PCR method for
practical use in diagnosis was assessed initially by analyzing
a panel of samples (n = 24), including blood, feathers, heart,
spleen, liver, kidney, and brain, obtained from house sparrows,
red-legged partridges and gray partridges experimentally infected
with GE-1b/B Spain 2007 strain of WNV-L1, Austria/2008 strain
of WNV-L2, or Spain H/2010 strain of BAGV, at INIA-CISA
BSL-3 animal facilities (36–38). All experimental samples were
correctly reported by the duplex assay, overall showing similar
or lower Ct values for those samples infected with WNV-L1 or
WNV-L2 than those obtained using the corresponding reference
technique. For samples infected with BAGV, Ct values scored
by the dRRT-PCR were generally higher than by the reference
RRT-PCR (Table 2A). No fluorescence signal was obtained when
experimental samples (n = 64) from non-infected control birds
were tested, confirming the diagnostic specificity of the dRRT-
PCR (data not shown).

A first collection of WNV-L1 positive field samples (n =

9) provided by the Spanish NRL was subjected to analysis to
evaluate the diagnostic sensitivity of the dRRT-PCR. All feathers,
swabs and tissues were scored correctly in the JE serocomplex.
Running in parallel the reference RRT-PCR, most WNV-L1
samples reported lower Ct values in the dRRT-PCR, and even one
feather was missed by the triplex reference method (Table 2B). In
addition, all samples (n = 7) of a red-legged partridge (Alectoris
rufa) found dead during the outbreaks of BAGV in 2010 were
reported as positive for the Ntaya serocomplex by the dRRT-PCR,
andwere confirmed as BAGVpositive by the reference technique.
Similar Ct values were obtained for most samples by the two
techniques (Table 2B).

To evaluate the competence of the dRRT-PCR with
undiagnosed field material, a panel of feathers and tissue
samples (n = 25) of different wild birds (2 little owls, 1 goshawk,
and 1 crow), that had died with neurological signs, were
examined in parallel by the dRRT-PCR and the two reference
RRT-PCR techniques. An infection due to JE serocomplex virus
was detected in all samples of the two little owls (Athene noctua)
by the dRRT-PCR and WNV-L1 was identified by the triplex

reference RRT-PCR, reporting the dRRT-PCR lower Ct values
in all positive samples (Table 2B). Samples from the other two
individuals remained negative by all assays.

Finally, the developed dRRT-PCR technique was implemented
as screening tool in a surveillance study carried out in Castilla-
La Mancha (Spain) by IREC. Of 237 sampled wild birds, 175
feathers, 58 oral swabs, and 4 cloacal swabs were analyzed. One
feather from a common blackbird (Turdus merula) was found
positive (Ct = 15) for the JE serocomplex. Further sequencing
confirmed the infection due to USUV in this bird. Unfortunately,
this sample could not be analyzed by the triplex reference RRT-
PCR. Alternatively, oral and cloacal swabs of the same blackbird
were examined at INIA-CISA by the dRRT-PCR and the WNV-
L1/WNV-L2/USUV triplex reference RRT-PCR, obtaining a
weak positive signal in the oral swab for JE serocomplex and
USUV, respectively (Table 2B).

Repeatability Assessment
Positive extraction controls employed throughout this study were
used to assess the intra- and inter-assay repeatability of the dRRT-
PCR. These were prepared diluting two viral suspensions of
WNV-L1 (as positive control for JE serocomplex) and BAGV
(as positive control for Ntaya serocomplex) until getting the
dilutions to give an expected Ct value of 30 ± 2 for each
target. Aliquots of the two WNV and BAGV positive controls
were stored at −20◦C and further included in each RNA
extraction run.

The analysis of 10 WNV and 10 BAGV positive extraction
controls in 10 duplex RRT-PCR runs proved the inter-assay
repeatability, obtaining mean Ct values of 30.39 and 30.04,
with a standard deviation (SD) of 0.59 and 0.43, respectively.
Finally, RNAs (stored at −20◦C) from the same batch of WNV
and BAGV positive extraction controls (n = 10+10) were
tested in one single dRRT-PCR run to evaluate the intra-assay
repeatability, giving a mean Ct value of 30.84 (SD = 0.74) for
WNV and of 30.57 (SD= 0.59) for BAGV.

DISCUSSION

The recent emergence of different flaviviruses in wide regions
of the world makes co-circulation of these pathogens in same
geographic areas more likely (12, 13, 39). Furthermore, there
is a range of flavivirus species sharing vectors and hosts,
producing similar disease pattern in susceptible animals. This is
of current relevance for the Japanese encephalitis (JE) and Ntaya
serogroups, which include Culex-borne viral species infecting
the same bird population, in which they can produce a similar
encephalitic disease. The increasing spread and incidence of
the viruses belonging to these two groups requires that avian
surveillance plans, in countries where they can potentially emerge
and circulate, implement methods capable of detecting any of
them. These methods could be of particular interest in certain
geographic regions such as Southern Spain, Israel and several
African countries (e.g., South Africa or Senegal) where WNV,
USUV, and BAGV/ITV are present and infect bird and mosquito
population (21, 40–42).
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Although some pan-flavivirus PCR methods have been
described so far, most are focused on public health application
or entomological surveillance (27–33), while none of them
has been developed for birds. This is significant in the
current epidemiological situation, where the recent and potential
emergence of bird-pathogenic flaviviruses in different territories
poses a complex challenge for the diagnostic laboratories and for
the veterinary authorities. On the other hand, the combination of
the relevant bird-pathogenic flaviviruses species (those belonging
to the JE and Ntaya serocomplexes) in a single assay makes
very difficult to develop a PCR test with the high sensitivity
level demanded for a screening tool. This was solved, in this
study, by designing a duplex RRT-PCR (dRRT-PCR) method
for the generic and differential detection of these two target
flavivirus serogroups. It is well-known that the design of generic
molecular tools may be challenging to cover the range of target
pathogens and may limit their sensitivity (43), especially when
clinical material is analyzed. However, the new dRRT-PCR has
demonstrated to be a specific and highly sensitive tool, capable
of detecting the wide range of JE and Ntaya flaviviral species
analyzed, and posing a performance similar to the RRT-PCR
methods used as reference (34, 35). On the other hand, most PCR
methods described for flaviviruses detection have been verified
with human or mosquito samples, when available (28, 31–33).
In this study, WNV, USUV and BAGV positive samples from a
variety of wild bird species were available for the evaluation of the
dRRT-PCR. The results analyzing an extensive panel of clinical
material from experimental studies and from the field have
proved its diagnostic capacity. In this regards, it deserves to point
out the usefulness showed by the dRRT-PCR in the detection of
viral infection in undiagnosed field samples (WNV in little owls)
and in outbreak investigations (BAGV in red-legged partridge).
Furthermore, the implementation of the dRRT-PCR technique
in a wild bird monitoring study allowed the identification of a
common blackbird infected with a JE-serogroup virus that was
further confirmed as USUV. This is a relevant finding to support
the potential value of this method for its use as a screening tool in
routine diagnosis. Therefore, by combining twomethods, one for
JE and one for Ntaya in one duplex assay it is possible to detect a
wide range of bird flaviviruses, including most important ones.
In addition, by differentiating these two groups in one single
analysis, we obtain a useful information to narrow the range of
suspicious agents to analyse in a second, more specific method.

This quantitative method can also be used to estimate viral
loads in blood and/or other organs or samples. Albeit not
mandatory for diagnostic or surveillance studies, this ability
can be used to monitor the clinical course of the infection
and to determine if a given species develops enough viremia
to act as a competent host (able to transmit the virus to the
mosquito vector), which is essential to understand its role in the
epidemiology of these flaviviruses.

Finally, the new dRRT-PCR was developed bearing in mind
the current situation in some Mediterranean countries, where
different flaviviruses of the two target serogroups have emerged
and co-circulate in the avian population. However, this method
can also be very useful in other geographic regions such as South-
East Asia, where viruses belonging to the Ntaya serocomplex, e.g.,

Tembusu and Tembusu-related viruses, are spreading into areas
where Japanese encephalitis virus is historically present (23, 44–
47). As well, according to the epidemiological scenario, the RRT-
PCR can be turned into individual tests for the only detection of
JE or Ntaya serogroup providing equal diagnostic performance
than the duplex format.

In conclusion, the duplex quantitative real-time RT-PCR
described in this study provides a novel tool for the diagnostic
and epidemiological surveillance of JE and Ntaya serocomplex
flaviviruses, comprising a wide range of arboviral pathogens
threatening animal and public health worldwide. This new
method allows for the rapid detection and differentiation of
these two serocomplexes being especially helpful as screening
tool in bird flavivirus surveillance and in the diagnosis of avian
encephalitis cases.
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Roberto Bechere 1, Marco Di Domenico 2, Giovanni Savini 2, Alessio Lorusso 2 and
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Bluetongue (BT) is a major Office International des Epizooties (OIE)-listed disease of

wild and domestic ruminants caused by several serotypes of Bluetongue virus (BTV),

a virus with a segmented dsRNA genome belonging to the family Reoviridae, genus

Orbivirus. BTV is transmitted through the bites of Culicoides midges. The aim of this

study was to develop a new method for quantification of BTV Seg-10 by droplet digital

RT-PCR (RTdd-PCR), using nucleic acids purified from complex matrices such as blood,

tissues, and midges, that notoriously contain strong PCR inhibitors. First, RTdd-PCR

was optimized by using RNAs purified from serially 10-fold dilutions of a BTV-1 isolate

(105.43TCID50/ml up to 10−0.57 TCID50/ml) and from the same dilutions spiked into

fresh ovine EDTA-blood and spleen homogenate. The method showed a good degree

of linearity (R2 ≥ 0.995). The limit of detection (LoD) and the limit of quantification

(LoQ) established were 10−0.67TCID50/ml (0.72 copies/µl) and 100.03TCID50/ml (3.05

copies/µl) of BTV-1, respectively. Second, the newly developed test was compared,

using the same set of biological samples, to the quantitative RT-PCR (RT-qPCR) detecting

Seg-10 assay widely used for the molecular diagnosis of BTV from field samples. Results

showed a difference mean of 0.30 log between the two assays with these samples (p <

0.05). Anyway, the analysis of correlation demonstrated that both assays provided similar

measurements with a very close agreement between the systems.

Keywords: Bluetongue, Reoviridae, RNA quantification, droplet digital RT-PCR, Quantitative Real Time -RT- PCR

INTRODUCTION

Digital polymerase chain reaction (dPCR) is a recent technology enables an accurate absolute
quantification of target nucleic acids. The principle of dPCR was first described in the 1990s (1, 2).
The dPCR approach combines limiting dilutions, PCR, and Poisson distribution to quantitate the
total number of amplifiable targets within a sample (1).

Digital technology is based on end-point PCR that provides the direct measure of nucleic acids
without relying on a standard curve (3). In a dPCR assay, the sample is randomly partitioned into
individual reactions, such that some contain no nucleic acid template and others contain one or
more template copies (4). The very high number of partitions of the sample allows a significant
precision on results (5).
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After end-point PCR amplification, each partition is analyzed
and distinct as positive (presence of PCR products) or negative
(absence of PCR products). The fraction of amplification positive
partitions is used to estimate the concentration of the initial target
sequence using binomial Poisson statistics (4, 6). Nowadays,
different dPCR commercial platforms are available as a useful
tool for precise quantification of nucleic acids in a variety of basic
research and clinical applications (4, 7–9).

Despite the fact that quantitative PCR or real-time PCR
(qPCR) has been widely utilized to quantify nucleic acid in
many areas of research and diagnostics tests, it has same
disadvantages such as the necessity for a standard curve, the
lack of universal standards of known quantity, and also the
efficiency can be influenced by many factors including inhibitors.
The qPCR is the gold standard for molecular quantitation in
viral diagnostics; dPCR offers several potential advantages over
qPCR (10). Digital PCR uses an amplification reaction system
similar to a system of standard qPCR, but does not require
the same level of calibration or controls as traditionally used in
qPCR (5).

Digital PCR overcomes the need for a standard curve, and
it is increasingly used for DNA/RNA viral quantification, in
human and animal health (11–17). Bluetongue (BT) is an Office
International des Epizooties (OIE)-listed infectious disease of
domestic and wild ruminants (18), transmitted mainly through
the bites of Culicoides midges. Bluetongue virus (BTV), which
belongs to the genus Orbivirus of the family Reoviridae,
causes significant economic losses due to mortality, decline in
production, and restrictions on trade in animals from infected
areas (19). BTV genome consists of 10 linear double strand
segments (Seg-1 to Seg-10), encoding seven structural proteins
(VP1-Vp7) and five non-structural proteins (NS1 to NS4 and
S10-ORF2) involved in viral replication, morphogenesis, and
assembly processes (20).

Currently, there are 24 classic serotypes of the virus, all capable
of causing BT, plus a series of new serotypes, defined as atypical
because infected animals are asymptomatic (21–27).

For molecular diagnostic laboratories, OIE recommends the
use of a real-time RT-PCR (RT-PCRNS3) assay in order to confirm
clinical cases, to establish uninfected animals before handling, to
check the prevalence of infection, and for surveillance purposes.

The method real-time RT-PCRNS3 (21) allows to detect
all circulating known BTV serotypes, by retro-transcription
and amplification of a region of segment 10 of the viral
RNA, coding for a non-structural NS3 protein, purified
by blood-EDTA, biological liquid, and organ tissues taken
from susceptible species and by hematophagous insects.
RT-PCR targeting in Seg-2 coding for a least conserved
virion outer capsid protein (VP2) identifies the specific BTV
serotype (28, 29).

Because of its accuracy and precision, real-time quantitative
RT-qPCR is the method of choice when quantitative analysis is
required. However, there are no available reference certificated
material (standard) for the quantification of bluetongue virus.
Toussaint et al. (30) used recombinant plasmid obtained by
inserting BTV PCR product into PCRII-TOPO vector by TA-
cloning and RNA synthesized in vitro with Riboprobe system

T7 (Promega). (31) employed RiboMax Large scale RNA
production System (Promega) for transcription of standard RNA
by bluetongue recombinant plasmid PGEM –T Easy Vector
RNA. Maan et al. (32) transcribed from recombinant pGEMT
plasmid RNA BT using the mMessage mMachine T7 Ultra Kit
(Life Technologies). Overall, the use of different calibration
standards in different performing assays can lead to non-
reproducible results between laboratories, even when testing the
same material (12, 33).

To overcome these limitations, we aimed to develop a
new method for quantification of BTV Seg-10 by droplet
digital RT-PCR (RT-dd-PCR), using nucleic acids purified from
complex matrices such as blood, tissues, and midges, that
notoriously contain strong PCR inhibitors. The RT-PCRNS3

method recommended by OIE was transferred to the digital
platform, optimized by using RNAs purified from serially 10-fold
dilutions of a BTV-1 isolate, spiked into fresh ovine EDTA-blood
and spleen homogenate. The limit of detection (LoD) and the
limit of quantification (LoQ) were established by using serial
dilutions of BTV-1 RNA purified. Using RNAs purified from
field samples, the newly developed assay was compared, with the
RT-qPCR NS3 detecting the same target Seg-10.

MATERIALS AND METHODS

Virus Strain, Spiked-In Samples, and Field
Samples Collection
BTV-1/2006 strain, isolated from the spleen of an infected sheep
that succumbed during the BTV-1 outbreak in Sardinia (Italy)
during 2006, was employed for the study. The BTV-1/2006 strain
was titrated by end-point onto VERO cells by Sperman/Karber
method (105.43/TCID50/ml). Four 10-fold serial dilutions of
BTV-1 suspensions (from 102.43 to 10−0.57 TCID50/ml) spiked
into ovine blood samples and in ovine spleen homogenates (10%
w/v) were used to evaluate possible inhibition caused bymatrices.
The optimized droplet digital RT-PCR (RT-ddPCR) was finally
evaluated on a total of 44 field samples tested positive for real-
time RT-PCRNS3, including 16 of Culicoides imicola and 28 of
ovine blood EDTA. Culicoides samples were collected in farms
of southern Sardinia, during entomological surveillance, by the
national surveillance plan, in the years 2017 and 2018. The blood
samples were collected from farms located in the same part of
the region. Four negative blood samples were used as negative
controls. The blood samples were refrigerated at 5◦ ± 3◦C. C.
imicola samples were stored at −70 ± 10◦C until the time of
processing and analysis. The results were compared with those
obtained by the RT-qPCRNS3.

Nucleic Acid Purification
RNA purification from viral suspensions, spiked-in samples, and
field samples, mosquitos included, was performed by MagMax
Core Nucleic Acid Purification Kit (Applied Biosystems-
ThermoFisher Scientific-USA) in automated sample preparation
workstation MagMAX Express 96 (Applied Biosystems)
according to the manufacturer’s instructions. Primers and probe
were the same published by OIEb (34), which amplify a portion
of Seg-10. This RT-PCRNS3 assay is widely used for molecular
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diagnosis of BTV. In order to optimize RT-ddPCR assay, the
same set of primers and probe were used in all experiments.

Droplet Digital RT-PCR (RT-ddPCR)
Optimization
Purified nucleic acids were quantified using QX200TM Droplet
Digital PCR System (BioRad Laboratories, USA). The assay was
performed in 20 µl using the One-step RT-ddPCR Advanced
Kit for Probe (Bio-Rad) consisting of: 5 µl supermix 4 X,
2 µl of reverse transcriptase (20 U/µl), 1 µl of 300mM
DTT, 2 µl of RNA template, and the primers and probe at
final concentrations of 0.9 and 0.25µM, respectively, according
to the manufacturer’s instructions. In order to optimize RT-
ddPCR assay, primers and probe were further tested at different
concentrations within the range of 0.4–0.9µMand 0.15–0.25µM
by using RNA purified from different BTV-1 suspensions (titer
102.43, 101.43, 100.43, 10−0.57 TCID50/ml). RNA was denatured
with primers for 5min at 95◦C, stabilized for 3min at 4◦C,
and then added to the RT-ddPCR mixture reaction as indicated
above. No template controls (NTC) were used for monitoring
primer-dimer formation and contaminations. Twentymicroliters
RT-ddPCR mixture/sample were placed in each well of droplet
generator DG8 cartridge (BioRad Laboratories, USA) with 70
µl of droplet generator oil (BioRad Laboratories, USA) and
emulsified in QX-200 Droplet Generator (BioRad Laboratories,
USA) partitioning in 20,000 water in oil nanoliter-size droplet.
Then, a volume of 40 µl of emulsion/sample was transferred
to a 96-well reaction plate (Eppendorf, Hauppauge, NY), heat-
sealed with pierceable foil sheets by the PX1TM PCR Plate Sealer
(BioRad Laboratories, USA), and amplified in C1000 TouchTM

Thermal Cycler (BioRad Laboratories, USA). So as to allow
an optimal distinction between positive and negative droplets,
PCR annealing temperature was optimized by thermal gradient
from 55 to 65◦C. Cycling conditions were the following: 48◦C
for 30min, 95◦C for 2min, followed by 50 cycles of 95◦C
for 15 s, 55C-65◦C for 30 s, and 72◦C for 30 s. At the end
of amplification, the PCR plates were read by the QuantaSoft
Droplet Reader (BioRad Laboratories, USA) that measures the
fluorescence intensity of each droplet and detects the size and
shape as droplets pass detector. The absolute concentration of
each sample was automatically reported as copy number of Seg-
10 of BTV/µl by the ddPCR QuantaSoft Software V.1.7.4.0917
(BioRad Laboratories, USA) by calculating the ratio of the
positive droplets over the total droplets combined with Poisson
distribution with 95% confidence interval.

Performance of RT-ddPCR Assay
Linearity of the assay was defined by using 10-fold dilutions
of BTV1-RNA purified (ranging from 102,43 TCID50/ml up to
10−0,57 TCID50/ml), analyzed in seven replicates, with optimized
conditions of primers, probe, and amplification program. The
range of linearity was defined by plotting the log value of
titers (TCID50/ml) BTV-1 dilution against the absolute measured
value (copies/µl). The LoD and LoQ were evaluated by using
20 replicates of 5-fold serial dilutions of BTV-1 RNA purified
(ranging from 101.43 to 10−1.37 TCID50/ml). The LoD of RT-
ddPCR was determined as the last serial dilution detected in

95% of replicates, whereas the LoQ was set at the lowest dilution
showing a coefficient of variation percentage below the threshold
(CV% = 25) for acceptance criteria of quantitative methods
(35, 36). Furthermore, to evaluate the intra-assay and inter-
assay repeatability, three different dilutions of BTV-1 (102.43,
101.43, 100.43 TCID50/ml) were tested in seven replicates in
two different days; the CV% was then considered. pGEM T-
easy vector (Promega, Milan-Italy) carrying Seg-10 of a BTV-
1 strain in serial dilutions, from 2 × 104 to 2 × 101 copies,
was also used to evaluate accuracy of the RT ddPCR for
quantification purposes. Finally, matrix effect was evaluated
comparing R2 values of RNA isolated from four BTV-1 dilutions
(from 102.43 to 10−0.57 TCID50/ml), and RNA isolated from four
blood and four spleen homogenates spiked (10% w/v) with the
same BTV-1 TCID50/ml.

Quantitative Real Time Assay (RT-qPCRNS3)
RT-qPCRNS3 assay, as described above, was performed using
the 7900HT Fast Real-Time PCR System (Applied Biosystems)
and SuperScriptTM III PlatinumTM One-Step qRT-PCR Kit
(ThermoFisher- Life Technologies). RNA was denatured with
0.4µM primers for 5min at 95◦C, stabilized for 3min at 4◦C,
and then added to the RT-qPCR mixture reaction as indicated
above. The one step RT-qPCR mixture was prepared in 25 µl
reaction volume, 12.5 µl 2X Reaction Mix, 0.5 µl of 50X ROX
Reference Dye, 1 µl Mg2SO4 50mM, 0.5 µl SSIII RT-PlatinumTM

Taq Mix, 0.2µM probe, and 2 µl of RNA. Cycling conditions
were the following: 48◦C for 30min, 95◦C for 2min, followed
by 50 cycles of 95◦C for 15 s, 60◦C for 30 s, and 72◦C for 30 s.
In order to assess the standard curve the pGEM T-easy vector
(Promega, Milan-Italy) carrying Seg-10 of a BTV-1 strain was
employed, available at IZSAM (pGEM-BTV-NS3, 108 copies/µl).
The standard curve was constructed placing Cq values of seven
serial 10-fold dilutions of pGEM-BTV-NS3 (1 × 107 copies/µl
up to 1 × 101 copies/µl), performed in triplicate wells, against
the log value of the number of copies of BTV-1 Seg-10. BTV-1
Seg-10 copy number in each sample was determined by Cq value
to the standard curve. Cq value was generated by 7900 Software
SDS 2.4.1 (Applied Biosystems). Amplification Efficiency and R2

of the calibration curve were calculated.

Comparison of RT-ddPCR and
RT-qPCRNS3 Assays for Quantitation of
BTV-1 Seg-10 in Field Samples
To evaluate the performance of RT-ddPCR against the RT-
qPCRNS3, 44 field samples were tested in triplicate wells with both
assays and the difference of log of quantification was evaluated to
verify the agreement between two assays.

Statistical Analysis
Data were converted into a logarithmic format. Linear regression
analyses were conducted using Microsoft Excel 2010. In order
to compare quantification by RT-ddPCR and RT-qPCRNS3

statistical analysis was conducted by Statgraphics 18 Centurion
Software (Version 18.1.06).

Frontiers in Veterinary Science | www.frontiersin.org 3 April 2020 | Volume 7 | Article 170201

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


Rocchigiani et al. Bluetongue Virus Quantification by RT-ddPCR

RESULTS

Optimization of RT-ddPCR
The primers and probe concentrations were optimized by
using RNA purified from dilution of BTV-1 from 102.43

to 10−0.57. As shown in Figure 1, the optimal primers and
probe concentrations were 0.9 and 0.25µM per reaction,
respectively, i.e., the highest concentrations, among those
tested, as recommended by the manufacturer (Biorad). PCR
annealing temperature was optimized by thermal gradient
from 55 to 65◦C. The optimum annealing temperature was at
58.8◦C, which resulted in the greatest difference of fluorescence
amplitude between positive and negative droplets. The optimal
cycling conditions were: 48◦C for 30min, 95◦C for 2min,
followed by 50 cycles of 95◦C for 15 s, 58.8◦C for 30 s,
and 72◦C for 30 s, 1 cycle of 98◦C for 10min essential for
droplet stabilization and infinite 12◦C hold. It was used a
2.5◦C/s ramp rate to ensure each droplet reached the correct
temperature for each step during the cycling. The parameters
above were used in following RT-ddPCR experiments of
our study.

Performance of RT-ddPCR Assay
The trend line of detection BTV-1 concentration by RT-ddPCR
exhibited a good degree of linearity (R2 ≥ 0.995) in the
range from 102.43 TCID50/ml to 10−0.57 TCID50/ml (Figure 2).
According to the definition, the LoD established was 10−0.67

TCID50/ml BTV1 corresponding to 0.72 copies/µl (Table 1).

Conversely, the LoQ determined was 100.03 TCID50/ml of BTV-
1 (3.05 copies/µl) with a CV% value 21 (Table 1). Results of the
copy number obtained by RT-ddPCR relative to the four pGEM
10-fold dilutions give a good degree of linearity (R2 = 0.998),
especially in the range 20–2000 copies as reported in Table 2

and Figure 3. The CV% values were also considered to assess
repeatability. The analysis of the seven replicates for the three

FIGURE 1 | Optimization of droplet digital RT-PCR (RT-ddPCR). Fluorescence

amplitude plotted against annealing temperature gradient for 0.7µM primers

(lanes A02-H02) and 0.9µM primers (lanes A05-H05): 65, 64.3, 63, 61.3,

58.8, 56.9, 55.7, and 55◦C; 0.25µM probe. Lane A03 No Template Control

(NTC).

dilutions gave back CV% lower than the threshold (CV% = 25)
in all cases for both intra- and inter-assay (Table 3).

Evaluation Matrix-Effect of RT-ddPCR
BTV-1 suspensions from 102.43 to 10−0.57 TCID50/ml spiked in
blood and in spleen tissue showed good resilience to inhibitor
blood and tissue factors compared to same viral suspensions
without matrix, in linear range of the RT-ddPCR assay. As
indicated in Figure 4 quantitative linearity analysis in matrices
showed a good linearity with R2 close to 1.

FIGURE 2 | Linear regression of RT-ddPCR assay using RNA extracted from

10-fold dilution of BTV-1/2006 from TCID50 102.43 to 10−0.57, analyzed in

seven replicates, at the final optimized conditions.

TABLE 1 | Limit of detection (LoD) and limit of quantification (LoQ) of droplet

digital RT-PCR (RT-ddPCR).

BTV-1 Log10 TCID50/ml Mean values (copies/µl) ± SDa CV (%)b

1.43 195 ± 4.35 2.23

0.73 29 ± 1.17 4.01

0.03 3.05 ± 0.64c 21

−0.67 0.72 ± 0.40d 25

−1.37 0.09 ± 0.09 91

aMean values of copies number BTV-1 in µl detected by RT-ddPCR and

standard deviation.
bCoefficient of variation.
cLoQ.
dLoD.

TABLE 2 | pGEM detection of the RT-ddPCR.

Concentration of

pGEM (copies/2 µl)

Concentration of

pGEM (log)

Detected

concentration

copies

Detected

concentration

(log)

20000 4.30 14220 4.15

2000 3.30 1997 3.30

200 2.30 169 2.23

20 1.30 22 1.34
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Comparison of RTdd-PCR and
RT-qPCRNS3 Assays for Quantitation of
Seg-10 of BTV in Field Samples
The two assays were compared calculating the difference between
the logarithm of RT-qPCRNS3 quantification, i.e., copies of Seg-
10 of BTV /µl of sample and the RT-ddPCR correspondent
data. In field samples, the log difference average was 0.30 (p =

FIGURE 3 | Linear regression of RT-ddPCR assay using four 10-fold dilution of

pGEM-BTV-NS3 from 2 × 104 to 2 × 101, analyzed in three replicates, at the

final optimized conditions.

0.04968), in detail of 0.20 and 0.40, respectively, for blood EDTA
samples and Culicoidesmidge as shown in Table 4 and Table S1.
Figure 5 shows the correlations between the log copies of Seg-10
of BTV/µl of sample in RT-ddPCR with those in RT-qPCRNS3.

DISCUSSION

BTV is responsible for an important disease of ruminant that
induces variable clinical signs, its pathogenicity depends on
the host species. Seasonal incursions of the disease in parts
of Europe (Mediterranean basin) during the summer cause
economic losses due to direct impact on livestock and trade
restriction. In the last few years, new serotypes have been
identified, probably, originated under evolutionary dynamics
and selection pressure (37); new potential vectors have been
identified (38, 39); some field strains/serotypes proved to be
able to transmit vertically or horizontally, to reassort their
RNA, and to alter their pathogenicity, specificity, and spread
capacity (37). Nowadays, the molecular diagnosis of BTV (real
time RT-PCRNS3) by Hofmann allows to identify all circulating
serotypes. These knowledges designate a complex contest in
which it is necessary to have more sensitive and accurate
methods, not only to assess the presence/absence of the virus
but also to evaluate the RNA viral load in natural and/or
experimental infected samples. In this study, we established a
novel RT-ddPCR assay for the quantification of RNA BTV at

TABLE 3 | Repeatability of RT-ddPCR assay.

Intra-assay Inter-assay

Concentration of

BTV-1 (TCID 50/ml)

Mean values of seven replicates

(copies /µl) ± SDa

CV (%)b Mean values of seven replicates

(copies /µl) ± SDa

CV (%)b

1 × 10 2.43 2066.43 ± 53.05 2.56 2017.43 ± 41.35 2.05

1 × 10 1.43 200.86 ± 5.61 2.79 200.71 ± 8.47 4.22

1 × 10 0.43 12.84 ± 1.62 12.62 12.07 ± 1.26 10.51

aMean values of copies number BTV-1 in µl of seven replicates detected by RT-ddPCR and standard deviation.
bCoefficient of variation.

FIGURE 4 | RT-ddPCR Matrix effect. Linear regression analysis of 10-fold serial dilutions of BTV-1/2006, blood and spleen spiked with the same BTV-1/2006

TCID50/ml. Blue rhombus BTV-1/2006 viral suspension R2 = 0.9954; Green triangle BTV-1/2006 spiked-spleen R2 = 0.9964; Red square BTV-1/2006 spiked-blood

R2 = 0.9996.
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TABLE 4 | Comparison of RT-qPCRNS3 and RT-ddPCR assays for quantitative detection of BTV in field samples.

Real time RT-qPCRNS3 RT-ddPCR

Field samplea Copies BTV/µl sampleb Log (copies/µl)c Copies BTV/µl sampled Log (copies/µl)e Log differencef

Culicoides 79633/1 9701.38 4.0 9787.50 4.0 0.0

Culicoides 79633/3 7277.90 3.9 5400.00 3.7 0.2

Culicoides 79633/5 91433.73 5.0 60356.25 4.8 0.2

Culicoides 79633/8 75950.56 4.9 38812.00 4.6 0.3

Culicoides 79633/9 242211.14 5.4 116325.00 5.1 0.3

Culicoides 79633/10 1226.22 3.1 387.00 2.6 0.5

Culicoides 79633/11 70.02 1.8 38.50 1.6 0.2

Culicoides 71189/1 68638.03 4.8 97.20 4.6 0.2

Culicoides 71189/6 44221.17 4.6 48.15 3.9 0.7

Culicoides 71189/7 44530.87 4.6 22.95 3.6 1.0

Culicoides 71820/6 257642.51 5.4 96.08 4.8 0.6

Culicoides 71820/8 1090.00 3.0 5.18 1.9 1.1

Culicoides 72678/1 3625.14 3.6 8140.05 3.9 −0.3

Culicoides 72678/4 119916.18 5.1 72.90 4.5 0.6

Culicoides 72678/5 3642.75 3.6 4250.00 3.6 0.0

Culicoides 72678/7 144674.11 5.2 48.83 4.5 0.7

Blood 79384/1 1625.47 3.2 1433.25 3.2 0.0

Blood 79384/2 36.93 1.6 26.30 1.4 0.2

Blood 79384/3 160.06 2.2 117.90 2.1 0.1

Blood 79386/1 1187.62 3.1 695.25 2.8 0.0

Blood 79386/2 546.29 2.7 155.70 2.2 0.5

Blood 79386/3 1291.15 3.1 409.50 2.6 0.5

Blood 79390/1 168.73 2.2 101.70 2.0 0.2

Blood 79390/2 2712.23 3.4 191.25 2.3 1.1

Blood 79390/3 935.12 3.0 621.00 2.8 0.2

Blood 79364/1 36.02 1.6 18.00 1.3 0.3

Blood 79364/2 136.48 2.1 30.15 1.5 0.6

Blood 79364/3 100.49 2.0 57.82 1.8 0.2

Blood 127 2571.00 3.4 2944.35 3.5 −0.1

Blood 236 9.00 1.0 2.70 0.4 0.5

Blood 341 88.00 1.9 73.35 1.9 0.1

Blood 449 1550.00 3.2 806.85 2.9 0.3

Blood 695 390.00 2.6 226.35 2.4 0.2

Blood 8123 5.00 0.7 4.50 0.7 0.0

Blood 9124 1599.00 3.2 1134.00 3.1 0.1

Blood 11173 106.00 2.0 108.45 2.0 0.0

Blood 13247 577.00 2.8 264.15 2.4 0.3

Blood 14262 60.00 1.8 24.75 1.4 0.4

Blood 15278 11.00 1.0 11.70 1.1 0.0

Blood 16279 24750.00 4.4 8892.00 3.9 0.4

Blood 17290 20904.00 4.3 12326.85 4.1 0.2

Blood 18296 63.00 1.8 44.55 1.6 0.2

Blood 19301 66.00 1.8 252.00 2.4 −0.6

Blood 20307 1.00 0.0 0.45 −0.3 0.3

aField samples analyzed in RT-qPCRNS3 and RT-ddPCR.
bcopies BTV/µl of sample in RT-qPCRNS3.
cLog of copies number BTV in µl/sample in RT-qPCRNS3 assay.
dcopies BTV/µl of sample in RT-ddPCR.
eLog of copies number BTV in µl/sample in RT-ddPCR assay.
fLog (RT- qPCRNS3 quantification) – Log (RT-ddPCR quantification).
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FIGURE 5 | Correlations between real-time RT-qPCRNS3 and ddPCR for field

samples. Fit regression model (blue). 95% Confidence limits (gray). 95%

Prediction limits (green).

low concentration of virus and in spiked and field samples
including whole blood, tissues, and midges, showing the power
and the potential of RT-ddPCR assay. This assay has been
enabled to detect absolute target copy number in field samples
without employing recombinant DNA or RNA plasmid to
construct the standard curve. As a consequence, the amplification
efficiency bias observed with quantitative RT-qPCR isminimized.
A certified reference material (CRM) for BTV quantification
is not available; therefore, further independent quantification
methods are needed in order to quantify the BT virus as
number of copies/µl sample, in the greatest way possible. NS3
gene primers and probe sequences used in RT-ddPCR assay
were from the previously published BT reverse transcriptase
real-time PCR (RT-PCRNS3) by Hofmann et al. (21) and OIE
(34), mentioned above for diagnostic purposes. RT-qPCRNS3 is
performed using degenerate primer and probe set that detect
all serotypes of BTV; RT-ddPCRs were done with some specific
modifications in order to optimize all parameters. RT-ddPCR
assay exhibited a good degree of linearity (R2 ≥ 0.995) in the
range from 102.43TCID50/ml to 10−0.57 TCID50/ml, overcoming
the dependence on the availability of references or standards.
BTV-1 102.43TCID50/ml was considered the first point of
dynamic range. Evaluating the dynamic range of the digital assay,
the 103.43 TCID50/ml viral dilution (corresponding to Cq 22.5
in RT-qPCRNS3) was excessively concentrated to be detectable
because all of the droplets were positive (saturation of the
reaction). In contrast, the last point of the range (BTV-1 10−1.57

TCID50/ml) was excessively diluted (data not shown); then the
last point was 10−0.57 TCID50/ml viral dilution. As expected, the
dynamic ranges of newly RT-ddPCR were lower (four orders of
magnitude) than those obtained for the corresponding qPCRs
for all samples. Several studies reported that digital PCR shows
higher tolerance to inhibitors; as an end-point measurement,
it can reduce the biases linked to matrix type often observed
with qPCR (40), especially in clinical specimen (stool, sputum,
tissue) (16, 17, 41). Pavšič et al. (42) suggested that it may
be possible to perform ddPCR on samples without extraction

of nucleic acid. Quantitative RT-ddPCR data obtained from
blood and spleen showed a good level of tolerance to inhibitors
when compared to the same TCID50/ml BTV-1 dilutions with
a good linearity close to 1. Despite pGEM plasmid not being
a properly standard reference, the use of serial dilutions of
the plasmid allowed us to evaluate the precision of the RT-
ddPCR for quantification purposes. These results suggest that
RT-ddPCR assay provides an accurate quantification of BTV,
unevenly distributed in different matrices, without precluding
the quantitation efficiency due to impurities in the sample.
The LoD and the LoQ were established at 10−0.67 TCID50/ml
and 100.03 TCID50/ml of BTV-1 corresponding to 0.72 and
3.05 copies/µl, respectively. Data of intra- and inter-assay
repeatability of the RT-ddPCR showed a good repeatability
with a variability below the threshold (CV 25%) for acceptance
criteria of quantitative methods (35, 36) and were assessed in
two different days with <13% variability between the results.
The good precision of RT-ddPCR is linked to the intrinsic
characteristics of the method, enabling absolute quantification
of the viral target at different work conditions. In the last part
of this study, we compared the RT-ddPCR against RT-qPCRNS3

using 44 field samples that resulted positive to real-time RT-
PCRNS3. Applicability of the technology has been tested on
characteristic matrices of field and on the range of viral load
generally distributed in routine samples. The collected whole
blood samples, tested as positive with the official method, stored
at 4◦C, and selected for comparative study with both assays,
showed the same Cq found in RT-qPCRNS3 during the diagnosis
(data not shown). These results support a previous work in
which the persistence of BTV in stored blood samples were
observed (43). The main limitation of RT-ddPCR respect to RT-
qPCRNS3 was that the higher concentration of template resulted
in saturation of positive droplets, confirming the saturation at
high concentration of RNA. Thus, the concentrated samples were
diluted for viral load quantification in RT-ddPCR. The results
showed a log difference average of 0.30 in field samples. A
higher Seg-10 BTV-1 quantification by RT-qPCRNS3 could be
addressed to the Cq values that are established on transcription
and amplification efficiency. This could affect the RT-qPCR,
but does not have any effects on digital PCR. Anyway, the
analysis of correlation demonstrated that both assays provided
similar measurements with a very close agreement between
the systems. On the other hand, the main advantage of the
RT-ddPCRNS3 is the ability to quantify any BTV serotype
without the use of standard curves properly constructed for each
specific group. Moreover, the implementation of the serotype-
specific multiplexing system should be suitable to detect and
quantify simultaneously different BTV serotypes in case of viral
coinfection in areas that are circulating different BTV serotypes.
Despite its general advantages, compared to qPCR, dPCR is
more time consuming and labor intensive, but will certainly give
further, in terms of applicability and throughput.
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Rift Valley Fever virus (RVFV) is a zoonotic mosquito-borne virus that belongs to the

Phenuiviridae family. Infections in animal herds cause abortion storms, high mortality

rates in neonates, and mild to severe symptoms. Infected animals can also transmit

the virus to people, particularly people who live or work in close contact with livestock.

There is currently an ongoing effort to produce safe and efficacious veterinary vaccines

against RVFV in livestock to protect against both primary infection in animals and zoonotic

infections in people. To test the efficacy of these vaccines it is essential to have a

reliable challenge model in relevant target species, including ruminants. In this study

we evaluated three routes of inoculation (intranasal, intradermal and a combination of

routes) in Holstein cattle using an infectious dose of 107 pfu/ml and a virus strain from

the 2006–2007 outbreak in Kenya and Sudan. Our results demonstrated that all routes

of inoculation were effective at producing viremia in all animals; however, the intranasal

route induced the highest levels and longest duration of viremia, the most noticeable

clinical signs, and the most widespread infection of tissues. We therefore recommend

using the intranasal inoculation for future vaccine and challenge studies.

Keywords: virus, Rift Valley Fever, cattle, animal model, Phenuiviridae

INTRODUCTION

Rift Valley Fever virus (RVFV) is a single-stranded RNA virus that belongs to the Phenuiviridae
family. It was first described in Eastern Africa in the early 1900s (1) and initially drew attention
during animal outbreaks that resulted in high rates of abortion. Since it was first detected, RVFV
has spread to new regions and continues to circulate widely throughout much of Africa (2, 3).
Serosurveys have demonstrated the presence of antibodies against RVFV in a variety of animal
species including domestic ruminants such as sheep, goats, cattle, alpacas and camels in addition to
a variety of wildlife such as the African buffalo (2, 4–8). Interestingly, these serosurveys have shown
that RVFV circulates not only during outbreaks but also during inter-epidemic periods including
areas where outbreaks have never occurred (9, 10). Although the number of seropositive animals
varies widely based on timing and region, where seropositivity ranges from 0 to 100% in sheep and
cattle, to 0–50% in goats and 0–30% in camels and humans (2, 3), these studies clearly highlight the
important role that animals play in the evolution and spread of RVFV.

Despite its widespread presence in Africa, RVFV outbreaks only occur sporadically and do
not necessarily occur in every area with seropositive animals. Outbreaks typically occur during

208

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://doi.org/10.3389/fvets.2020.00137
http://crossmark.crossref.org/dialog/?doi=10.3389/fvets.2020.00137&domain=pdf&date_stamp=2020-04-29
https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles
https://creativecommons.org/licenses/by/4.0/
mailto:shawn.babiuk@canada.ca
https://doi.org/10.3389/fvets.2020.00137
https://www.frontiersin.org/articles/10.3389/fvets.2020.00137/full
http://loop.frontiersin.org/people/754465/overview
http://loop.frontiersin.org/people/850098/overview
http://loop.frontiersin.org/people/748218/overview
http://loop.frontiersin.org/people/881734/overview


Kroeker et al. Intranasal RVFV Infection in Cattle

periods of increased rain which are associated with an increase
in mosquito populations (11). In ruminants, outbreaks are
characterized by abortion storms and high rates of mortality,
especially in neonates. Although mortality rates can vary
significantly between different outbreaks, during the South
African outbreak in 2010–2011, adult cattle, sheep and goats
had an estimated 50–62% mortality rate while camels, buffaloes
and other wildlife species experienced 100% mortality (12).
Other studies have also reported high rates of abortions such as
70% in sheep and goats during out outbreak in Mauritania in
2003 (13).

RVFV outbreaks also pose significant risks to human
populations. Susceptible animals such as ruminants amplify the
virus to titers that are high enough to transmit to humans
and are one of the primary reservoirs for human infections.
The major risk factors associated with RVFV infections in
humans are related to close proximity with livestock, including
animal husbandry, animal slaughtering and exposure to raw
milk (14–18). In addition to health risks, the loss of fetuses and
newborn livestock to RVFV infections can have a severe socio-
economic impact on farmers (19). Together this data suggests
that vaccinating livestock against RVFV may be highly beneficial
not only in protecting livestock but also to the people who are
in direct contact with them (20, 21). Since the risk of human
infections increases as the seropositivity increases in animal
populations (22), surveillance systems in countries where RVFV
circulates are extremely important. Although RVFV surveillance
data for many African or other at-risk countries is currently
sparse, the development of international surveillance networks
(23–26) will make it much easier to monitor and share data
regarding the presence of RVFV. Surveillance data will also be
useful for informing vaccination programs about areas requiring
preferential targeting. These regions should also be studied to
identify potential barriers against uptake of the vaccine; for
example, limited health education and cost of the vaccine have
prevented vaccination of livestock in the past (27).

There are currently several RVFV veterinary vaccine options
available to African farmers such as formalin-inactivated vaccines
and the Smithburn vaccine. However, the formalin-inactivated
vaccine is inadequate at preventing viremia (28) and safety issues
have been identified with the live attenuated Smithburn vaccine
(29), which have stimulated the development of several new
RVFV vaccines (30). Some of the new RVFV vaccines have
already undergone safety and immunogenicity testing in sheep
such as a four-segmented RVFV vaccine (31), a Gn subunit
vaccine (32), a DNA vaccine containing either GP and NP genes
(33), a non-spreading (NSR) RVFV vaccine (34) and an equine
herpesvirus type 1 vector (35); others have been tested for safety
and immunogenicity in other natural host species including a
Gn-based vaccine with a paramyxovirus vector in sheep and
calves (36, 37), a Gn-based vaccine with a modified vaccinia
Ankara vector in sheep and baboons (38, 39), a Gn-based vaccine
with a Chimpanzee adenovirus vector in sheep, calves and camels
(40), a Gn-based vaccine with capripox vector (33, 41, 42), MP12
in sheep, goats and cattle (43), and Clone 13 in sheep, goats,
calves and camels (44–50). In terms of efficacy, many novel RVFV
vaccines have proven efficacious in mouse models; however,

as of yet, only a few efficacy challenges have been performed
in ruminants: a Gn subunit vaccine (51), R566 (52) and non-
spreading vaccine were 100% efficacious in sheep (52), and Clone
13 was 100% efficacious in sheep (45) and cattle (50).

Recently, in partnership with Kansas State University, we
sought to develop optimal RVFV infections in ruminants to
provide tools for evaluation of vaccines. These include sheep
(53, 54), goats (54–56), and cattle (57) which were tested
using a variety of factors such as different virus doses, viral
strains, routes of inoculation, and animal breeds. While sheep
and goats had consistent viremia, cattle proved to be more
resistant to infection as only 2 out of 5 animals developed robust
viremia (57). Therefore, the aim of this study was to develop a
robust RVFV infection with an increased proportion of cattle
with viremia.

The experimental design of this study was based on the
cattle model developed at Kansas State University (57) as well
as previous sheep and goat model development at the NCFAD
(54–56), but with several adaptations. Holstein calves were used
instead of the Angus breed, although the age range of the animals
was similar and at an appropriate age for vaccination (4–6
months). A unique virus isolate from the Kenya/Sudan 2006–
2007 outbreak, previously characterized in goats [RVFV-UAP
(55), at a slightly higher inoculation titer (107 pfu instead of
106 pfu). The RVFV-UAP virus isolate was chosen for the goat
study because the Wilson group had had good success with the
Ken06-128b isolate in terms of inducing viremia and systemic
spread to the tissues, including liver lesions and detection of
virus in the brain (57). However, due to the complexities in
shipping live viruses between countries, the RVFV-UAP isolate
was evaluated instead. Since the RVFV-UAP isolate and the
107 pfu dose proved to be robust in goats (55), it was used in
the current study. The inoculation titer of 107 pfu was chosen
based on previous sheep and goat model data from NCFAD
(54, 55). Different routes of inoculation were evaluated. Whereas,
Wilson et al. had used subcutaneous inoculation which is widely
utilized in the literature, it was previously demonstrated that
the intranasal route could induce higher levels of viremia in
goats than the subcutaneous route (55) and therefore it was
hypothesized that the intranasal route may work well in cattle
as well. Although most of the literature utilizes subcutaneous
injections, it is possible that a different subset or a greater number
of dendritic cells could be infected by intradermal injection.
For example, dendritic cells have been shown to infiltrate the
dermis upon infection and play a role in presenting antigens
from skin vaccinations and infections (58, 59). In addition, a
combination of routes was used (107 pfu subcutaneous, 107

pfu intradermal and 107 pfu intranasal) in the anticipation that
cattle could be fairly resistant to infection and may require more
than just a single injection. It was previously demonstrated that
intravenous injection was not any better than a subcutaneous
injection at inducing viremia (54), and similarly, inoculating
twice (once on day 1 and a second inoculation on day 2) did
not increase viremia titers over and above a single inoculation
(54). By modifying the parameters from the previous RVFV
challenge models, we sought to increase the robustness of the
cattle challenge model to more effectively test RVFV vaccines
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FIGURE 1 | Clinical signs, viremia, and shedding. (A) All animals were assessed daily for signs of disease, rectal temperature, eating and drinking habits, disposition

and stool consistency and given a clinical score. The average clinical score per group of animals (n = 4) is shown. (B) Rectal temperatures for each animal on a daily

basis; each value represents an individual animal. (C) Infectious virus was measured in the blood by plaque assay on a daily basis; each value represents an individual

animal. The horizontal dashed line indicates the detection limit of the plaque assay. (D) Viral RNA was measured in nasal swabs by RT-PCR on a daily basis; each

value represents an individual animal. The horizontal dashed line indicates the diagnostic detection limit of the RT-PCR assay.

and to minimize the number of animals needed to produce
statistically relevant vaccine efficacy data.

RESULTS

Clinical Signs, Temperature, Clinical

Chemistry, and Viremia
Throughout the experiment, animals were evaluated for clinical
signs of disease on a daily basis. The clinical score was a sum
of the animals’ general appearance, rectal temperature, alertness,
eating and drinking habits, and stool consistency. The endpoint
was defined as reaching a clinical score of 11, not eating or
drinking for more than 24 h or for any other unforeseen cause
identified by the institutional veterinarian. For the intradermal
and combination groups, the signs of disease were very mild with
clinical scores of 1.3 to 2.5 after inoculation (Figure 1A); with
the exception of a mild fever around 39.5–40◦C (Figure 1B), the
animals were generally asymptomatic. In contrast, the intranasal
inoculation produced mild but noticeable clinical signs with a
clinical score of 6 and 7 on days 3 and 4 (Figure 1A), which

was accompanied by a more pronounced fever between 40–41◦C
(Figure 1B). A summary of the individual scoring data can be
found in Supplementary Table 1.

Viremia was measured daily using plaque assays. All animals
in all groups became viremic, although the duration and level
of viremia varied. In the intradermal group, infectious virus was
detected on days 1 and 2 with peak levels of 103 pfu/ml serum
(Figure 1C). The combination group generated 102 pfu/ml of
infectious virus only on day 1 (Figure 1C). The intranasal
group developed the highest levels of virus, showing viremia
on all 4 days with infectious virus ranging from 7 × 102

to 6 × 105 pfu/ml serum (Figure 1C) with peak levels on
day 3 or 4.

In addition, a clinical biochemistry panel was performed on
the serum to evaluate the impact of RVFV infection on organ
function. Mild increases were observed in ALB, TP, ALP, CA
in all groups and additional increases in BUN were seen in
the intranasal group. The average values for each group are
listed in Tables 1–3, and the individual data can be viewed in
Supplementary Table 2.
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TABLE 1 | Average serum clinical chemistry values for the intradermal inoculation

group.

Normal

range

DPI 0 DPI 1 DPI 2 DPI 3 DPI 4

ALB 2.5–3.8 3.40 4.68 5.18 3.95 3.90

ALP 23–135 127.50 201.25 236.75 160.25 145.50

AST 66–211 70.25 108.50 129.00 75.75 67.75

CA 7.9–9.6 10.75 13.73 15.33 11.88 11.70

GGT 12–48 16.50 22.75 28.00 18.50 20.00

TP 6.6–9.3 7.60 9.20 11.13 7.63 7.50

GLOB 4.4–5.5 3.50 4.50 5.45 3.68 3.60

BUN 6–20 14.25 12.50 15.25 10.75 9.25

CK 83–688 320.00 437.25 482.50 363.00 252.50

PHOS 4.1–9.2 7.00 9.00 10.40 7.48 7.60

MG 1.7–2.9 2.38 2.73 3.25 2.30 2.28

Shedding and Mucosal Immunity
No infectious virus was isolated in the nasal and oral swabs at any
time or in any group, and no viral RNAwas detected in any of the
oral swabs. However, viral RNA was observed in nasal swabs by
qRT-PCR in the intranasal group with levels between 105 and 107

copies/swab at days 1, 3, and 4 post infection (Figure 1D).
Due to the lack of infectious virus despite high levels of viral

RNA in the nasal swabs, it was hypothesized that any virus in
the nasal cavity had been inhibited directly, for example through
the antiviral action of interferons on cells in the nasal cavity.
Therefore, ELISAs were performed to monitor the levels of
interferons alpha (IFN-α), beta (IFN-β) and gamma (IFN-γ) in
the swabs. In the intranasal group, IFN-α, IFN-β, and IFN-γwere
all detected in the nasal swabs starting at 1 or 2 dpi and peaked at
40–60 ng/swab at 3 or 4 dpi (Figures 2A–C); in comparison, the
oral swabs from the intranasal group contained similar amounts
of IFN-α but did not contain significant amounts of IFN-β or
IFN-γ, except in one animal (Figures 2D–F). The intradermal
inoculation also contained levels of IFN-β and IFN-γ in the
nasal swabs, with peak levels at 20–50 ng/swab at 4 dpi, but
not IFN-α (Figures 2A–C); in comparison, the oral swabs from
two animals in the intradermal group had increased IFN- β after
infection, while IFN-α and IFN-γ did not change from baseline
(Figures 2D–F).We did not detect INFs in the nasal or oral swabs
from the combined inoculation route group except for a low level
of INF-α at 3–4 dpi (Figure 2E).

Infection of Tissues and Pathology
The endpoint was determined by the parameters chosen to
compare future vaccinated and non-vaccinated groups including:
viremia, virus isolation from tissues, changes in blood chemistry,
viral shedding in swabs, clinical signs and liver pathology. If
present, all of these parameters should be detectable throughout
the acute phase of infection (usually within the first week after
infection); however, based on data from Wilson’s cattle model,
infectious virus is only present in the tissues at days 3 and 4
post infection (57); therefore 4 dpi was chosen as the endpoint.
Inspection of the animals at necropsy did not indicate any gross
pathology, except for animal #1835 in which we noted significant

TABLE 2 | Average serum clinical chemistry values for the intranasal inoculation

group.

Normal

range

DPI 0 DPI 1 DPI 2 DPI 3 DPI 4

ALB 2.5–3.8 3.68 4.80 3.98 3.78 4.38

ALP 23–135 136.00 181.00 138.00 137.25 183.00

AST 66–211 63.50 99.25 78.50 142.25 189.25

CA 7.9–9.6 11.28 13.97 12.00 11.00 12.55

GGT 12–48 89.00 100.00 75.75 68.25 79.75

TP 6.6–9.3 7.33 10.40 7.75 7.35 9.00

GLOB 4.4–5.5 3.65 5.63 3.78 3.55 4.60

BUN 6–20 16.50 22.75 16.75 18.75 24.75

CK 83–688 281.50 444.50 554.50 312.25 393.25

PHOS 4.1–9.2 6.73 8.23 7.30 5.70 8.33

MG 1.7–2.9 2.28 3.13 2.33 1.98 2.50

TABLE 3 | Average serum clinical chemistry values for the combination

inoculation group.

Normal

range

DPI 0 DPI 1 DPI 2 DPI 3 DPI 4

ALB 2.5–3.8 3.68 4.49 5.28 4.63 4.37

ALP 23–135 136 143.38 234.92 174.08 159.25

AST 66–211 63.5 87.00 105.42 86.25 81.08

CA 7.9–9.6 10.01 12.15 11.30 7.21 12.80

GGT 12–48 16.5 20.94 22.17 18.08 17.83

TP 6.6–9.3 7.33 9.17 11.01 9.19 8.56

GLOB 4.4–5.5 3.65 4.67 5.71 4.54 4.19

BUN 6–20 16.5 15.88 23.17 18.75 18.83

CK 83–688 281.5 306.50 328.08 291.50 284.58

PHOS 4.1–9.2 6.73 9.93 10.84 9.02 9.28

MG 1.7–2.9 2.28 2.74 3.43 2.54 2.63

fibrosis in the liver. Tissues were collected fresh to evaluate viral
loads using virus isolation or placed into formalin for sectioning
to identify lesions if present.

The intradermal and combination groups presented the fewest
number of tissues infected by the virus; the intradermal group
harbored virus in the spleen, turbinates, prescapular lymph
nodes, and retropharyngeal lymph node (Figure 3, ID group) and
the combination group contained virus in the liver, turbinates,
olfactory bulb and trigeminal nerve (Figure 3, ID-IN-SQ group).
In contrast, the intranasal group had the greatest number of
tissues infected by RVFV; infectious virus was isolated from
mesenteric and retropharyngeal lymph nodes, spleen, liver, lung,
trachea, turbinate, ileum, heart, brainstem, cerebellum,midbrain,
and cerebral spinal fluid (Figure 3, IN group). Some of the tissues
were consistently infected in all four animals within a group;
however, some tissues were only infected in one or two animals
within a group, in line with the variability between animals that
is commonly seen in livestock.

Livers from all 3 groups of inoculated animals had lesions
that were consistent with RVFV infection; however, they differed
slightly in severity and stage of pathogenesis. Livers from
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FIGURE 2 | Interferons alpha, beta and gamma in nasal and oral swabs. IFN-α (A,D), IFN-β (B,E), and IFN-γ (C,F) were measured in nasal and oral swabs by ELISA;

each value represents an individual animal. The horizontal dashed line indicates the diagnostic detection limit of the RT-PCR assay.

animals in the ID-IN-SQ combined inoculation group had small
numbers of lesions (Figure 4A, arrow, calf 1818) which on
higher magnification (Figure 4B) were characterized by areas
of hepatocyte necrosis (arrows) and loss with replacement by a
mixed inflammatory infiltrate (∗); the presence of RVFV in the
lesions was confirmed using in situ hybridization (Figure 4C, calf
1818). Most livers from the intranasally inoculated animals had
numerous lesions (Figure 4D, arrows, calf 1836) which on higher
magnification (Figure 4E) were characterized by replacement of
normal hepatocytes (∗) with large areas of necrosis (delineated
by arrows); the presence of RVFV lesions was confirmed using in
situ hybridization (Figure 4F, calf 1836). Numerous lesions were
also observed in several livers from the intradermally inoculated
group (Figure 4G, arrows, calf 1912). In this group there was
significant hemorrhage associated with the areas of hepatocyte
loss (Figure 4H); the presence of RVFV in the lesions was
confirmed using in situ hybridization (Figure 4I, calf 1912). In
contrast, no lesions were found in the spleen of any animal.

METHODS

Ethics Statement
All animal experiments were carried out in the enhanced
biosafety level 3 (BSL3) facility at the National Centre for Foreign

Animal Disease (NCFAD) in Winnipeg, Manitoba. All protocols
for animal use were approved under the animal document use
number C-17-002 at the Canadian Science Centre for Human
and Animal Health (CSCHAH) in Winnipeg, Manitoba by the
Animal Care Committee. Care was taken to minimize animal
suffering and to follow the Canadian Council on Animal Care
guidelines for animal manipulations.

Cells
Mosquito C6/36 cells (ATCC, USA) were grown and infected
in 1:1 EMEM and ESF-921 (Expression Systems, USA)
supplemented with 10% fetal bovine serum (FBS, Hyclone)
and 1% L-glutamine and maintained at 28◦C without CO2.
Mammalian Vero E6 (VE6) cells were grown and infected in
DMEM (Gibco) supplemented with 10% FBS and maintained at
37◦C with 95% relative humidity and 5% CO2.

Virus Production and Titration
VE6 cells were infected with a virus isolate from the 2006–
2007 Kenyan outbreak (RVFV-UAP; Genbank #MH175203,
MH175204, MH175205) (55) at an MOI 0.1 and maintained
in DMEM with 10% FBS. Thereafter, virus was alternatively
propagated between VE6 and C636 cells twice. All passages were
titrated on VE6 cells with a plaque assay to determine virus
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FIGURE 3 | Virus load in tissues. Infectious virus was measured in tissues by plaque assay; each value represents an individual animal. All samples were run, but

negative results were not included on the graph. The horizontal dashed line indicates the detection limit of the plaque assay.

concentration. The calves were then infected using passage 6
C6/36-derived virus.

RVFV Inoculation of Cattle
Twelve Holstein calves (3–4 months) were inoculated with
RVFV-UAP that was grown in mosquito cell culture. Group 1
(n = 4) received intradermal (ID) inoculation; group 2 (n = 4)
received intranasal (IN) inoculation; and group 3 (n= 4) received
a combination (SQ/ID/IN) of all three routes. The subcutaneous
injections consisted of 1× 107 pfu in 100 µl PBS in the left flank;
the intradermal inoculations consisted of five injections of 2 ×

106 pfu in 100 µl PBS each in the left lumbosacral region; and the
intranasal inoculations consisted of 1× 107 pfu in 1ml PBS with
half in each nostril.

Sampling
All calves were carefully monitored for signs of illness and rectal
temperature on a daily basis. We also collected serum on a daily
basis and stored at −70◦C. Nasal and oral swabs were collected
on a daily basis, placed into 2ml sterile PBS containing antibiotics
and an antifungal and stored at−70◦C.

Clinical Chemistry
Serum biochemistry was evaluated daily with the VetScan
VS2 blood analyzer (Abaxis, USA) and Large Animal Profile
rotors (Abaxis, USA). All assays were run as per manufacturer’s
instructions and the bovine reference ranges were provided
by Abaxis.

Post-mortem Tissue Collection
At 4 days post infection we examined the calves for changes
in gross pathology and collected fifteen tissues including
liver, spleen, kidney, lung, ileum, retropharyngeal lymph node,
prescapular lymph node, mesenteric lymph node, cerebral
spinal fluid, brainstem, midbrain, cerebellum, olfactory bulb
and trigeminal nerve. Separate pieces of each tissue were
collected fresh and subsequently frozen at −80◦C or placed in
10% formalin.

Tissue Homogenization
We made 10% homogenates of each tissue by placing 5 g of
tissue in a 7ml PreCellys tube and adding 5ml with PBS.
This sample was then homogenized for 30 s at maximum speed
using the Personal Homogenizer. A single homogenate was used
for both downstream qRT-PCR and plaque assays without any
freeze/thaw cycles.

Virus Isolation From Oral and Nasal Swabs
Virus was isolated from oral and nasal swabs using two blind
passages in 95% confluent monolayers of Vero E6 cells: 200 µl
of each swab was adsorbed to cells in 24-well plates for 1 h at
37◦C with gentle rocking, then overlaid with 1ml serum-free
DMEM, incubated for 7 days, and were visually checked for
cytopathic effects. The entire contents from each well were then
transferred to cells in T25 flasks, adsorbed to cell for 1 h at 37◦C
with gentle rocking, then overlaid with 4ml serum-free DMEM,
incubated for a further 7 days, and were visually checked for
cytopathic effects.
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FIGURE 4 | Liver histopathology and in situ hybridization. Livers from animals in the ID-IN-SQ combined inoculation group had small numbers of lesions (A, arrow)

which on higher magnification (B) were characterized by areas of hepatocyte necrosis (arrows) and loss with replacement by a mixed inflammatory infiltrate (*). Most

livers from intranasally inoculated animals had numerous lesions (D, arrows) which on higher magnification (E) were characterized by replacement of normal

hepatocytes (*) with large areas of necrosis (delineated by arrows). Numerous lesions were also observed in several livers from the intradermally inoculated group (G,

arrows). In this group there was significant hemorrhage associated with the areas of hepatocyte loss (H). The presence of RVFV in the lesions was confirmed using in

situ hybridization, in bright pink (C,F,I).

Virus Quantitation by qRT-PCR
RVFVRNAwas extracted from serumusing the TriPure Isolation
Reagent (Roche) according to the manufacturer’s instructions.
Purified RNA was stored at −70◦C. Viral RNA was detected
using the TaqMan Fast Virus 1-Step RT-PCR master mix as per
manufacturer’s instructions and ran the samples on the ABI 7500
thermocycler with the following conditions: 5min at 50◦C, 2min
at 95◦C and 40 cycles of 3 s at 95◦C and 30 s at 60◦C. Primers
(Invitrogen) and probe (Biosearch) targeted nucleotides 2912 to
3001 for the RVFV L gene segment. All Ct values were plotted on
a standard curve using a DNA plasmid containing the targeted
RVFV L gene segment (GenScript) and quantified.

Virus Quantitation by Plaque Assay
Serial dilutions of serum, nasal swabs, oral swabs and 10% tissues
homogenates were used to infect confluent monolayers of VE6
cells in 48-well plates. Seventy five microliter of inoculum was

added to the cells in triplicate for 1 h at 37◦C with rocking. The
inoculum was then removed and the cells were overlayed with
2ml 1.75% carboxymethylcellulose (CMC). After 4 days the cells
were formalin-fixed and stained with 0.5% crystal violet (Sigma)
to visualize and count plaques.

ELISA for Interferons
We used bovine interferon alpha (IFN-αA), beta and gamma
ELISA kits (Kingfisher Biotech Inc., USA) to detect protein in
nasal and oral swabs. 96-well MaxiSorp ELISA plates (Nunc)
were coated with 2.5 ng/ml capture antibody diluted in DPBS and
incubated at room temperature for 24 h. The plates were blocked
with DPBS+4% bovine serum albumin at room temperature
for 1 h. Oral and nasal samples were diluted 1:2 in DPBS
before plating, standards were diluted in DPBS+4% bovine
serum albumin and plates were incubated at room temperature
for 1 h. Detection antibody was diluted in DPBS +4% bovine
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serum albumin at room temperature for 1 h, followed by 5
washes in TBS-Tween20 (0.05%). Plates were then incubated
with Streptavidin-HRP at room temperature for 1 h, followed
by 5 washes in TBS-Tween 20 (0.05%). TMB was added for
colorimetric development, followed by 2N sulfuric acid as a stop
solution. Plates were read on an Epoch (Biotek) plate reader at
450 nm.

Tissue Sectioning and Staining
Five-micron paraffin-embedded formalin fixed tissue sections
were cut, air-dried, and melted onto charged slides in a 60◦C
oven. The slides were then cleared and hydrated in xylene and
100% ethanol, and then air-dried. The sections were stained
with hematoxylin and eosin (H&E) and imaged with a Zeiss
microscope at 40X and 200X.

In situ Hybridization
For the ISH technique, 5 um paraffin-embedded formalin fixed
tissue sections were cut, air dried then melted on to the
charged slides in a 60◦C oven. Then the slides were cleared
and hydrated in xylene and 100% ethanol then air dried. The
sections were quenched for 10min in aqueous H2O2, boiled
in target retrieval solution for 15min, rinsed in 100% ethanol
and air dry again. Then a final pre-treatment of protease plus
enzyme for 15min at 40◦C was applied. The probe (V-RVFV-
ZH501-NP, from Advanced Cell Diagnostics) was applied and
incubated at 40◦C for 2 h. Then the Hybridization amplification
steps (AMP 1-6) are applied to the slides for the recommended
times and temps as per the manual for the RNAscope R©

2.5HD Detection Reagent – Red kit (ACD). The signal is
then visualized by the chromogen Fast Red. The sections were
then counter stained with Gill’s 1 hematoxylin, dried, cleared
and cover-slipped.

DISCUSSION

Robust and reliable models are essential for efficient vaccine
evaluation. For RVFV, there are currently a variety of effective
small animal, NHP, sheep and goat models, although cattle
have proven more difficult to reliably infect. In this study,
successful infection of 3–6 month old Holstein calves with three
different inoculation routes was demonstrated: intradermal (ID),
intranasal (IN) and a combination of intradermal, intranasal
and subcutaneous (SQ/ID/IN). All three routes reliably elicited
viremia, with the combination and ID routes producing similar
viral titers while the IN route generated much higher viral
titers. The clinical scores for each group correlated strongly
with the intensity of viremia, where higher clinical scores and
rectal temperatures were seen in the IN group whereas mild
to asymptomatic clinical scores were observed in the ID and
combination groups.

Clinical biochemistry markers were evaluated to monitor
organ function throughout infection which indicted mild
increases in albumin (ALB), total protein (TP), alkaline
phosphatase (ALP) and calcium (CA) in all groups and elevated
blood urea nitrogen (BUN) levels in the intranasal group.
Interestingly, a more prominent elevated level of ALP was

detected in Wilson’s cattle model in both SA01 and Ken06
infected groups, but not in the uninfected control group (57). The
mild increases in our current model could potentially be due to
bone growth as our cattle are still growing; however, in light of
Wilson’s data it is also possible that the increase could be due to
the infection. More data is needed to evaluate this further. Other
clinical chemistry values that were elevated in this study include
ALB, TP, and CA, which might indicate mild dehydration; the
same mild elevations were not found in Wilson’s study (57).
Another change that was specific to the intranasal group was
an increase in BUN levels. One cause of elevated BUN levels
could be dehydration; however since only the intranasal group
was affected and only the intranasal group had infectious virus
isolated from the kidney, this may again be RVFV specific. Future
experiments could include a urinalysis to confirm this. During
the necropsy, it was noted that calf 1,835 had significant areas
of portal fibrosis and bile duct hyperplasia in the liver which
likely caused impairment of liver function prior to arriving at
our facility and explains the high GGT values in that specific
animal. Liver necrosis was also detected in all animals; however,
as liver enzyme levels such as AST were not considered clinically
abnormal, the extent of liver damage was likely not extensive
enough to compromise organ function.

Interestingly, infectious virus was found in the turbinates of
all three groups, suggesting that the nasal swabs could contain
virus. Yet, only the intranasal group had detectable viral RNA
in the nasal swabs and none of them contained infectious virus.
These results were consistent with previous reports in Nubian
goats (55); however, one other study has reported infectious virus
in nasal swabs (57). While assaying potential virus neutralizing
components in swabs, we found both ID and IN infections
induced IFN-β and IFN-γ secretion, but only the IN infection
contained IFN-α in nasal swabs. Many cell types can secrete
interferons, which then act on the same or nearby cells to
induce an intracellular antiviral state. Therefore, the presence of
interferons in the swabs could indicate that the nasal and oral
mucosal environment may be able to prevent active replication
of RVFV through activation of an antiviral state via interferon
and copies of viral RNA detected may represent incomplete virus
found in the cytoplasm of cells. Alternatively, other components
that were not measured may also be present in the swabs that are
able to neutralize infectious virus, such as antibodies.

The only tissue to be consistently infected in all three
experimental groups was the turbinate. The IN infection was
much more widespread than the other groups and had a higher
number of infected tissues, which may have been due to the
increased titers and duration of viremia in this group. Perhaps
most strikingly, some brain tissues and the cerebral spinal fluid
(CSF) in one animal produced infectious virus in the IN group
but not in the other groups, at least as measured at 4 days post
infection. Other studies have identified RVFV in brain tissues
as well, although it is unusual to find data on different areas
of the brain. For example, RVFV was isolated from the brains
of 21 day old calves infected subcutaneously with RVFV (60),
4 month old calves infected subcutaneously with RVFV (57) or
4 month old goats infected subcutaneously with RVFV (55). In
addition, clinical neurological manifestations could be readily
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seen in young 21 day old calves (60), but not in the 4 month
old animals.

In comparison to Wilson’s previous cattle model study, it was
hypothesized that the success in infecting all animals was due to
differences in virus dose, isolate, or cattle breed. Unfortunately
there is no information about how the pathogenicity compares
between the Kenya-128b isolate used in Wilson’s study and the
RVFV-UAP isolate used in the current study. The two isolates
were shown to be phylogenetically distinct but still very similar
in sequence (55). Any sequence or amino acid changes did not
fall within critical sites that have been characterized such as the
RNA polymerase active site or phosphorylation sites, although
point mutations are not well-characterized in RVFV and their
effects are unknown. It is also difficult to speculate whether the
Holstein cattle breed was more susceptible to RVFV than the
Angus breed as we did not directly compare the two with the
same parameters. While more groups and more comparisons
would have been scientifically interesting, we could not justify all
of them due to the number of animals required. Since the focus
was on developing an effective challenge model, parameters were
chosen that would most likely produce a reliable challenge model
with viremia.

Age is an important factor in RVFV cattle infections as
both disease severity and the ability to mount an immune
response to a vaccine are age dependent. For example, young
ruminant neonates (1–2 months) are highly susceptible to RVFV
with mortality rates of up to 100% and would demonstrate
a severe RVFV infection. However, the goal was to create a
RVFV infection for testing vaccines at an age with a mature
immune system. It was previously demonstrated that 3–6month-
old sheep, goats and cattle all mount robust immune responses
against RVFV infection (54–57). Perhaps because of these strong
immune responses, the overall disease severity in our model was
quite mild, especially considering the fact that RVFV can be lethal
to adult ruminants during outbreaks. In this respect, it is also
worth considering the fact that our animals were all of high health
status, well-fed, in temperature-controlled housing, free of any
obvious underlying disease, and free of many stressors.

CONCLUSION

This study was conducted to determine an optimal RVFV
infection in cattle for vaccine efficacy studies. Overall, it was
demonstrated that RVFV infection could be achieved via three
different routes of infection in vaccine-aged cattle using an
endpoint at 4 days post infection. This day coincides with the
peak of infection and is ideal to compare vaccinated to non-
vaccinated animals. Interestingly, all three routes were effective
at inducing viremia and producing liver lesions, which are two

major hallmarks of RVFV infection. However, a major difference
between the groups consisted of increased systemic spread of the
virus to tissues in the intranasal group by 4 dpi, which was much
less pronounced in the other groups. As the intranasal route
is not thought to be a natural route of infection for livestock,
the intradermal or subcutaneous models may mimic a natural
infection more closely. However, the intranasal route generated
the most severe clinical disease and most robust virus replication,
making it an excellent challenge model to use to evaluate the
ability of RVFV vaccines to decrease viremia in cattle.
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With several human cases reported annually since 2008 and the unapparent risk of

infection of blood donors, the West Nile virus (WNV) is emerging as an important health

issue in Europe. Italy, as well as other European countries, experienced a recrudescence

of the virus circulation in 2018, which led to an increased number of human cases.

An integrated surveillance plan was activated in the Emilia-Romagna and Lombardy

regions (Northern Italy) since 2008 in order to monitor the intensity and timing of WNV

circulation. A fundamental part of this plan consists in entomological surveillance. In 2018,

the surveillance plan made it possible to collect 385,293 mosquitoes in 163 stations in

the two Regions. In total 269,147 Culex mosquitoes were grouped into 2,337 pools and

tested for WNV, which was detected in 232 pools. Circulation started in the central part of

the Emilia-Romagna region in the middle of June, about one month before the previous

seasons. Circulation suddenly expanded to the rest of the region and reached the

Lombardy region in the middle of July. WNV circulatedmore intensively in the eastern part

of the surveyed area, as confirmed by the highest number of human cases. A relationship

between the number of mosquitoes collected and the virus incidence emerged, but the

data obtained highlighted that the probability of detecting the virus in a given site was less

than expected with a higher number of collected mosquitoes. A significant relationship

was observed between the temperature recorded one week before the sampling and

the number of collected mosquitoes, as well as between the estimated number of

WNV-positive mosquitoes and the temperature recorded two weeks before the sampling.

The two weeks delay in the influence of temperature on the positive mosquitoes is in line

with the time of the virus extrinsic incubation in the mosquito. This finding confirms that
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temperature is one of the principal drivers in WNV mosquito infection. The surveillance

system demonstrated the ability to detect the virus circulation early, particularly in areas

where circulation was more intense. This allowed evaluating the effect of mosquito

abundance and weather factors on virus circulation.

Keywords: West Nile virus, Culex pipiens, surveillance, infection rate, temperature, one-health

INTRODUCTION

The West Nile Virus (WNV) is a flavivirus that circulates in
the environment among birds and mosquitoes, but can infect
other animals such as equids and humans as dead-end hosts.
In humans, virus infection is generally, asymptomatic, but
about 20% of infected subjects can develop a febrile illness,
which can evolve into a neuro-invasive disease (WNND) in
a minority of cases (less than 1% of infected subjects). In
addition to symptomatic human cases, the presence of infected,
but asymptomatic, blood and organ donors is a primary health
issue (1).

After sporadic reports in the ’90s in Romania (2) and in Italy
(3), as from 2008, the circulation of the virus was recorded at
a different extent every season in Europe. In 2018, an alarming
recrudescence of the virus circulation was recorded in Europe
(4). This recrudescence was also noticed in Northern Italy,
including the Emilia-Romagna and Lombardy regions, where an
interdisciplinary surveillance plan targeting WNV was set up in
2008 and implemented over the years (5–10).

The plan focuses on the early detection and the pinpointing
of the virus circulation area, including those areas where the
virus did not circulate the previous season. Over time, the
system has shown that it is capable of WNV circulation’s early
detection at provincial scale (6) and it is economically sustainable
(11). Moreover, the plan was able to detect other arboviruses
circulating in the surveyed area (12).

The plan has a one-health approach in order to maximize
early detection, involving searching for the virus in humans,
horses, birds, and mosquitoes. Entomological surveillance is a
fundamental part of the plan, characterized by regular scheduling
of samplings, and the precise geographic characterization of
obtained samples. This permits a fine characterization of the virus
circulation on the surveyed area. In this work, we characterize
the extraordinary WNV circulation observed in 2018, utilizing
data from entomological surveillance obtained in the Emilia-
Romagna and Lombardy regions. In particular, we describe
the relationship between WNV detection and the abundance
of collected mosquitoes, as well as the influence of weather
conditions, such as weekly maximum temperatures and number
of wet days, on the virus circulation in mosquitoes.

MATERIALS AND METHODS

Surveyed Area
The surveyed area included the plan area of the Emilia-Romagna
and Lombardy regions. This is a large portion of Italy’s main
plain, the Pianura Padana (or Pianura Padano-Veneta), which
includes about 24,000 km2 (51.3%) of the total area of 44,700

km2. This area encompasses about 10 million inhabitants, with
many urban areas, including two of the biggest Italian cities
(Milan and Bologna), as well as several important industrial
districts. This area has a relevant livestock patrimony and is
one of the more important agricultural areas in Italy; distinctive
cultivations such as rice fields, vineyards and orchards are highly
represented in specific areas.

In general, a strong anthropicmodification, with the abundant
presence of industrial and urban settlements, characterizes the
surveyed area. The rural part of the territory is connoted by an
intensive agriculture and animal husbandry, with few hedges,
rare scattered trees, and a dense irrigation network. Natural areas
are rare, mainly represented by river borders, characterized by
riparian vegetation, or re-naturalized areas. The eastern part
of the surveyed area ends in the Adriatic Sea, where some of
the largest wetlands in Europe are present (Valli di Comacchio
and the Po River Delta); pinewood and typical Mediterranean
vegetation can be found in this zone.

Trapping sites, with different densities, were selected to
cover the entire plain area of the two regions: 95 traps in
Emilia-Romagna (surveillance grid of 110 km2) and 39 traps in
Lombardy (surveillance grid of 400 km2) (Table 1, Figure 1).
These traps worked regularly throughout the surveillance season
(seasonal traps). Surveillance was focused on rural areas, semi-
natural, rural, or peri-urban locations in Emilia-Romagna, and
farms in Lombardy. A supplementary effort was carried out
by activating 23 specific traps along the surveillance season in
Lombardy, and 9 supplementary traps, which worked once (on
August 10th), among selected urban areas in Emilia-Romagna.

Mosquito Analysis
We collected mosquitoes in fixed geo-referenced stations using
attractive traps baited by carbon dioxide, working overnight,
roughly from 5:00 p.m. to 9:00 a.m. Every site regularly included
in the surveillance was sampled every fortnight. Mosquitoes

TABLE 1 | Features of surveillance in the two surveyed regions.

Emilia-Romagna Lombardy

Number of seasonal traps 95 39

Number of extra traps 9 23

Maximum number of mosquitoes

per pool

200 100

Maximum number of mosquitoes

tested per sampling

all sampled 1000

Start date June 12 June 4

End date October 16 October 25
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FIGURE 1 | Map showing the location of traps working throughout the season (circles) and for part of the season (squares), with reference to WNV detections (red),

and the reference of the surveyed area on a map of Italy in which the Pianura Padano-Veneta is depicted in gray.

were identified using morphological characteristics according
to the classification key of Severini et al. (13). Due to the
used trap model, baited with carbon dioxide, we collected
almost exclusively host seeking females, the catching of males
was very rare. Identified mosquitoes were counted and pooled
according to date, location, and species. The maximum number
of specimens per pool was 200 in Emilia-Romagna and 100
in Lombardy. A maximum of 1,000 specimens per species
was tested for every sample in Lombardy. Pooled mosquitoes
belonging to the genus Culex, and selected pools of other species,
were prepared and submitted to biomolecular tests as described
elsewhere (14).

In brief, pooled mosquitoes were ground by a vortex mixer
with 2-3 4.5-mm-diameter copper-plated round balls (H&N
Sport, Münden, Germany) in 2ml of PBS. After centrifugation,
200 µL aliquots were collected and submitted to biomolecular
analysis, for extracting and retrotranscribing RNA. We tested
samples by a WNV real-time RT-PCR, according to the method
described by Tang et al. (15). This was confirmed by the protocol
of Del Amo et al. (16) and by an universal PCR protocol for the
identification of flaviviruses (17).

We estimated the number of positive mosquitoes for every
site and the day of sampling utilizing the Maximal Likelihood

Estimation (MLE) of the PooledInfRate 4.0 excel add-in (18),
multiplying the MLE of the infectious rate for the number of
collected mosquitoes, and rounding up the obtained result. MLE
cannot be estimated when all sample pools test positive. In this
case, we approximated the number of infected mosquitoes using
the Minimum Infection Rate (MIR), assuming that only one
positive mosquito was present in each pool.

We tested the relationship between the fraction of infected
mosquitoes collected in each province, with at least two working
seasonal traps, and the incidence of WNND cases in the same
province through a linear model. Additionally, we checked the
hypothesis of normality in the distribution of model residuals

through the Shapiro-Wilk test.

Mosquito Abundance and WNV Circulation
We tested the effect of mosquito abundance in a given area
(using the catches per trap as a proxy of abundance) on the
probability of WNV circulation in the same area in 2018. To
guarantee comparable catching efforts, considering the start/end
of trapping seasons differed among traps, we used the total
number of mosquitoes caught in each trap in July and August
(for a total of four sampling sessions) as a measure of mosquito
abundance. Traps with less than four sampling sessions in the
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July-August time window were excluded from the analyses. We
built a generalized linear model (GLM) with binomial error
distribution and logit link function to estimate the probability
of observing a WNV-positive trap in 2018, using the observed
number of mosquitoes caught in each trap and the region where
the trap was deployed as explanatory variables. In this model,
the effect on the GLM of caught mosquitoes (namely, MOBS)
represents the marginal increase in the probability of observing
a WNV-positive trap due to an additional mosquito caught (in
the logit link).

To test the effect of mosquito abundance onWNV circulation,
we built a null model where the probability of each mosquito
to test WNV-positive only depends on the region where the
mosquito was caught and not on the abundance of mosquitoes
in the trap area. These probabilities, namely pNULL_ER and
pNULL_LO, were estimated by maximizing the likelihood of
obtaining the observed pattern of positive traps in 2018, given
the number of mosquitoes caught in each trap in Emilia-
Romagna and Lombardy, respectively. We then randomly
generated 10,000 synthetic samples where we assigned a WNV-
positive/negative status to each mosquito caught in Emilia-
Romagna [resp. Lombardy] with probabilities pNULL_ER [resp.
pNULL_LO]. Analogously to the observed sample, we estimated for
each synthetic sample the effect of the number of mosquitoes
caught on the probability of observing a WNV-positive
trap (namely, MNULL) through GLMs. Thus, we generated a
distribution of the estimated MNULL which represents the null
hypothesis where mosquito abundance in a given area does not
affect the probability of each single mosquito testing WNV-
positive. We then tested the observed effect, MOBS, against the
distribution of MNULL. If MOBS is significantly higher [resp.
smaller] than MNULL (i.e., it falls outside the 95% range of
the MNULL distribution), then mosquito abundance provides
an amplification [resp. dilution] effect on WNV circulation.
Analyses were performed with R software.

In order to spatially characterize mosquito abundance, we
interpolated the number of mosquitoes sampled in each seasonal
trap between July-August (expressed as a natural logarithm) on
a map, using the inverse distance weighting method (IDW). The
virus circulation’s spatial pattern was obtained using positive trap
location with the kernel density estimation (KDE) method, with
the bandwidth size of 15 km. The area of more intense WNV
circulation was estimated through the 50% volume contour of the
obtained WNV KDE surface. We used QGIS 3 software (http://
www.qgis.org) to perform these analyses.

Meteorological Factors, Mosquito
Abundance and Infection Rate
We retrieved daily maximum temperatures and precipitations
data from the ECA&D dataset (19) and extracted the data for
every surveyed trap site in 2018. We aimed to estimate the
association of meteorological parameters with the number of
sampled Culex mosquitoes and with the infection rate (namely
the proportion of WNV-positive mosquitoes). Since the effect of
meteorological parameters on the outcomes of interest might be
delayed (lag-effect), we focused on themeteorological parameters

TABLE 2 | Mosquitoes sampled during the 2018 surveillance season.

Species Emilia-Romagna

(%)

Lombardy

(%)

Extra traps Total (%)

Ae. albopictus 4557 (1.6) 1743 (1.7) 665 (19.3) 6965 (1.8)

Ae. berlandi 1 (<0.5) 1 (<0.5)

Ae. caspius 43526 (15.7) 45299

(43.4)

118 (3.4) 88943

(23.1)

Ae. cinereus 3 (<0.5) 3 (<0.5)

Ae. geniculatus 15 (<0.5) 15 (<0.5)

Ae. vexans 7634 (2.8) 606 (0.6) 412 (11.9) 8652 (2.2)

An.

maculipennis s.l.

753 (<0.5) 7007 (6.7) 1 (<0.5) 7761 (2.0)

An. plumbeus 10 (<0.5) 4 (<0.5) 14 (<0.5)

Cq. richiardii 658 (0.2) 658 (0.2)

Cs. annulate 3 (<0.5) 32 (<0.5) 35 (<0.5)

Cs. longiareolata 1 (<0.5) 1 (<0.5)

Cx. modestus 35 (<0.5) 35 (<0.5)

Cx. pipiens 220255 (79.4) 49697

(47.6)

2258 (65.4) 272210

(70.7)

Total 277451 104338 3454 385293

recorded up to 4 weeks (lag 1–4) before the night of sampling.
Starting from the day before the sampling, we computed the
weekly average of maximum temperatures and the weekly
number of wet days (number of days in a week with precipitation
> 0.5 mm).

Analyses were performed in the framework of the generalized
linear mixed models (GLMMs) (20). Specifically, we applied a
GLMM including a site-specific and week-specific random effect
to account for site and temporal heterogeneity. The abundance of
mosquitoes sampled per trap and night was analyzed by applying
a linear mixed model with a normal distribution and identity link
function. We used the natural logarithm of the count of sampled
mosquitoes as the dependent variable and the meteorological
parameters recorded up to 4 weeks before the sampling as
predictors (lag 1–4). The per trap and night infection rate was
analyzed by applying a generalized linear mixed model with
Poisson distribution and log link function. We used the estimate
of infected mosquitoes as the dependent variable, the number of
sampled mosquitoes as offset and the meteorological parameters
recorded up to 4 weeks before the sampling as predictors
(lag 1–4). The association between temperatures and outcomes
was assessed by estimating the coefficient for a unit increase
(1◦C) in the weekly average of maximum temperatures. The
association between precipitations and outcomes was assessed by
estimating the coefficient for a unit increase (1 day) in the weekly
number of wet days. Analyses were performed with R software
(lme4 package).

RESULTS

Mosquito Results
385,293 mosquitoes belonging to 13 species were sampled
between June 4 and October 25, (Table 2). Mosquitoes of the
Culex genus were grouped into 2,337 pools, of which 232
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TABLE 3 | Tested and WNV-positive mosquito pools for the 2018 surveillance season.

E-R Lom Extra-traps Total

Species N Pools pos N pools pos N pools pos N pools pos

Ae. albopictus 16 2 177 11 193 13

Ae. caspius 8211 160 5 1 107 5 8323 166

Cx. modestus 35 6 35 6

Cx. pipiens 220255 1554 194 46599 700 32 2258 77 6 269112 2331 232

Total 228501 1720 194 46620 703 32 2542 93 6 277663 2516 232

TABLE 4 | Details of entomological surveillance at provincial level during the 2018 surveillance season.

Region Prov. First WNV/+

pool

Last WNV/+

pool

Days Average

sampled*

CI Total

sampled

Est. positive

mosq.

WNND

cases

Emilia-Romagna BO 19/6 7/9 80 227 180-273 30603 49 41

FC 5/7 2/8 28 103 38-168 2780 2 2

FE 19/6 6/9 79 248 201-295 61730 89 14

MO 3/7 14/8 42 243 182-303 25864 39 23

PC 10/7 2/10 84 380 292-468 37619 8 2

PR 17/7 28/8 42 303 202-404 24257 14 1

RA 24/7 21/8 28 124 88-160 6574 5 13

RE 15/6 24/8 70 334 241-428 30067 25 5

RN 31/7 31/7 88 22-154 1584 1 0

Lombardy BS 26/7 23/8 28 185 115-255 13811 3 1

LO 2/8 2/8 0 152 70-234 4103 1 1

MI 7/8 6/9 30 62 38-85 2895 2 6

MN 17/7 20/8 34 164 98-230 14047 14 4

PV 30/7 20/8 21 175 120-230 11919 17 1

BG 40 16-63 1472 0 0

CO − 20 0 1

CR 92 38-147 2444 0 2

LC 57 12-102 341 0 0

MB 6 2-10 48 0 0

VA − 32 0 0

* In traps which work throughout the season.

tested positive for lineage 2 of the WNV. The vast majority
of tested pools and all pools which tested positive were
composed of Culex (Cx.) pipiens (Table 3). The 134 seasonal
traps collected 269,952 Cx. pipiens specimens; of these, 266,854
were tested in 2,254 pools, and 226 were WNV-positive. From
among the 134 seasonal traps, 85 collected at least one WNV-
positive pool (Figure 1). A total of 1,101 mosquitoes were
sampled in the 9 extra traps activated in cities (Bologna,
Modena, and Ferrara) in August. All mosquitoes from these
samples (823 Cx. pipiens, 171 Aedes (Ae.) albopictus, and 107
Ae. caspius) were tested, and 6 out of the 14 Cx. pipiens
pools resulted positive. No positive pools were detected in
the other extra traps only activated for part of the season,
mainly in northern Lombardy. In order to evaluate the
possible involvement of Ae. caspius in virus circulation, we also
tested 160 selected pools of this species (for a total of 8,211
specimens) collected between July 17 and August 14. All gave
negative results.

The average of collected mosquitoes per sample at provincial
level showed the highest values in the western part of Emilia-
Romagna, in Piacenza, Reggio Emilia, and Parma provinces
(Table 4). A significant difference in the number of collected
mosquitoes was recorded between Lombardy and Emilia-
Romagna traps (considering only seasonal traps: µE−R= 258, CI
233-283, µLOM= 135, CI 110-159, t = 5.9016, p= 4.6e-9).

Characterization of Virus Circulation
In 2018,WNV circulation was first detected on June 15 in Emilia-
Romagna and on July 17 in Lombardy. We collected the last
positive pools on September 6 and October 2 in Lombardy and
Emilia-Romagna, respectively (Table 4). The epidemic curve of
WNNDhuman cases was postponed with respect to the detection
of positive mosquitoes (Figure 2).

Only taking seasonal trap data into account, we evaluated
the intensity of circulation at the provincial level considering
the number of estimated WNV positive mosquitoes on total
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FIGURE 2 | Average of sampled Cx. pipiens mosquitoes (black line) with CI (dashed lines), positive estimated mosquitoes (white, number above the bar) and number

of WNND cases (gray, number above the bar) for Emilia-Romagna (A) and Lombardy (B), during the surveillance.

mosquitoes tested (Figure 3). This highlighted groups of
provinces with a different circulation intensity: (i) a group of
provinces with a more intense circulation (including central
Emilia-Romagna and Pavia); (ii) a group of provinces with an
intermediate circulation intensity (in the central and eastern
surveillance zones); (iii) a group with a low circulation intensity
(Lodi, Brescia, and Piacenza); and (iv) a group in which the virus
was undetected (northern Lombardy). Provinces with a more
intense circulation often recorded an early and more prolonged
virus circulation (Table 4), and a major number of WNND cases.

We found the existence of a significant relationship between
the rate of infected mosquitoes collected in each province and
the incidence of WNND cases in the same province (p= 0.0013).
Specifically, we estimated that an increase of 1‰ in the rate of

WNV positive pools leads to an additional 1.88WNND cases per
100,000 inhabitants (Figure 4).

Relationship Between the Number of
Collected Mosquitoes and WNV Incidence
We found a significantly higher probability of finding WNV-
positive traps in Emilia-Romagna with respect to Lombardy
(p-value = 8.7e-5). We also estimated the marginal increase
in the probability of observing a WNV-positive trap due to
an additional mosquito caught as MOBS = 0.00102 (p-value
= 0.0021). Figure 5B shows the distribution of the marginal
increase in the probability of observing a WNV-positive trap
due to an additional mosquito caught obtained with the null
model (MNULL, gray bars) compared to MOBS (black line). We
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FIGURE 3 | Evaluation of WNV circulation intensity according to number of estimated positive mosquitoes on 1,000 sampled mosquitoes at provincial level (A) and

the same on a map (B).

FIGURE 4 | Linear model showing the relationship between the fraction of

infected mosquitoes at provincial level, and the incidence of WNND cases in

the same province.

found that MOBS is significantly lower than MNULL (p-value =

0.0232), this means that real number of captured mosquitoes
affects less than in the simulations the probability to detect WNV
in a trap, suggesting that mosquito abundance in a given site
provides a dilution effect on WNV circulation. Figure 5 displays
the probabilities of observing a WNV-positive trap as a function
of the number of mosquitoes per trap in Lombardy (panel A)
and Emilia-Romagna (panel C), estimated through the observed
data (black solid lines: best fit, dashed lines: 95% confidence
interval) and the null model (white lines: median, gray areas: 95%

interval). Panels A and C in Figure 5 show that the probability
of finding WNV-positive traps is higher than expected when
the abundance of caught mosquitoes is low (i.e., black lines are
higher than the white lines), while the opposite is true when the
abundance of caughtmosquitoes is high (i.e., black lines are lower
than the white lines).

Despite the probability of finding thatWNV increases with the
number of mosquitoes (i.e.,MOBS > 0), the probability of a single
mosquito being infected decreases as the number of collected
mosquitoes increases. Thus, the estimated probability of a single
mosquito collected in one site being infected decreased with the
increase in the number of collected mosquitoes in the same site.

Fifty percent of the positive traps’ KDE revealed a single hot
spot in Emilia-Romagna where WNV circulation is more intense
(in orange in Figure 6). Overlaying this map onto the map of
sampled mosquitoes, directly related to mosquito abundance,
highlighted that areas where mosquitoes are most abundant are
not necessarily included in this WNV hot spot (Figure 6).

Association Between Weather Data and
WNV Circulation
Table 5 and Figure 7 report the β coefficients and 95% CI for
the fixed effects of lagged meteorological parameters. Fixed effect
coefficients are average estimates from among all sampled traps
of the association between a unit increase in the meteorological
parameters and the outcomes. β coefficients are estimated under
the null hypothesis of absence of association (β = 0), thus a
positive estimate of β coefficient suggests that an increase in
the meteorological parameter is associated with an increase in
the outcome under study (number of sampled mosquitoes or
infection rate).

As shown in Table 5 and Figure 7, we found an association
between the logarithm of the number of sampled mosquitoes and
the weekly average of maximum temperatures recorded the week
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FIGURE 5 | Probability of observing a WNV-positive trap as a function of the number of mosquitoes per trap in Lombardy (A) and Emilia-Romagna (C) estimated

through observed data (black solid lines: best fit, dashed lines: 95% confidence interval) compared with the null model (white lines: median, gray areas: 95% interval).

(B) distribution of the marginal increase in the probability to observe a WNV-positive trap due to an additionally caught mosquito obtained with the null model (MNULL,

gray bars) compared to MOBS (black line).

before sampling (β at lag1 : 0.24, 95% CI 0.16–0.31). In contrast,
we did not find evidence of association between the logarithm of
the count of sampled mosquitoes and the number of wet days at
any lag (Table 5).

When analyzing the proportion of WNV positive mosquitoes,
we observed a positive association between the infection rate
and the weekly average of maximum temperatures recorded two
weeks before the sampling (β lag 2: 0.22; 95% CI: 0.02-0.42)
(Table 5). No evidence of association was detected between the
infection rate and the weekly number of wet days observed in the
previous 4 weeks (Table 6).

DISCUSSION

In 2018, in Italy as in other European countries (4), the
WNV transmission season began earlier than in previous
years. In fact, in Emilia-Romagna, the season started earlier

by about one month with respect to previous transmission
seasons and the Lombardy region. Circulation intensity and

the number of human cases were also the highest observed
since the first appearance of WNV in Italy. Starting from
the central Provinces of Emilia-Romagna (Modena, Bologna,

and Ferrara), WNV circulation progressively extended to both
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FIGURE 6 | Map of the surveyed area with the IDW interpolation of Cx. pipiens females collected between June and August (expressed as natural logarithm) and the

hot-spot of WNV circulation (represented by 50% of the KDE of sites with at least one positive pool).

TABLE 5 | Linear regression coefficient (β) and 95% Confidence Interval (CI) for

the logarithm of the number of Culex pipiens Sampled and Lagged Meteorological

Parameters.

Parameter β
1 95% IC

1◦C Increase in weekly average maximum temperatures

Lag1 0.24 0.16 – 0.31

Lag2 0.05 −0.03 – 0.12

Lag3 −0.01 −0.09 – 0.07

Lag4 −0.01 −0.09 – 0.08

1 Day increase in the weekly number of wet days

Lag1 0 −0.10 – 0.10

Lag2 −0.06 −0.13 – 0.01

Lag3 −0.01 −0.08 – 0.06

Lag4 −0.04 −0.11 – 0.03

1Linear regression coefficient (β): it indicates the average change in the logarithm

of Cx. pipiens sampled associated with a 1◦C increase in weekly average maximum

temperatures and 1 day increase in weekly number of wet days. p value < 0.05 in bold.

the western and eastern part of the surveyed area covering
all the Emilia-Romagna region right up to Lombardy (Pavia,
Brescia, Milano, Lodi, and Mantua). However, the virus was

undetected in mosquitoes collected in Cremona, Bergamo,
Monza Brianza, Varese, and Lecco. The early detection of
the virus circulation at provincial level makes it possible

to start test blood bags when an area is affected, avoiding
infected transfusions.

Reported data confirmed the Cx. pipiensmosquito as the main
vector ofWNV in the surveyed area. To evaluate the involvement
of other species, pools of Ae. caspius and Ae. albopictus were
also tested during this survey, without any positive results.

The possible involvement of Ae. albopictus as a bridge vector
in the WNV cycle was deduced due to WNV positive pools
collected in the field in the U.S. (21) and Turkey (22), and

the vectorial competence demonstrated in experimental studies
(23, 24). The possible vector role of Ae. caspius, since WNV-
positive pools of this mosquito were collected in the field in the

surveyed area (25), still remains to be demonstrated as we have
no clues as to these two mosquitoes’ involvement in the WNV
cycle in our epidemiological scenario. Independently of intrinsic

competence, this was likely due to the host preference of these
mosquitoes which, contrary toCx. pipiens (strictly ornithophilic),
are mammophilic feeders. Also, Cx. modestus, a species more

competent for WNV than Cx. pipiens in a laboratory study (26),
had a marginal role in the monitored area’s WNV cycle. This
is due to the scarcity of this species, which is strictly linked to
the natural environment (13). Results of extra-plan samples in
some cities highlighted the intensive viral circulation in 2018, also
involving urban areas which are usually less suitable than rural
areas for WNV circulation. It is likely that virus circulation in

urban areas, also sustained by Cx. pipiens, had an important role
in causing the large amount of human cases recorded in 2018.
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FIGURE 7 | Beta coefficients (black dots) and 95% Confidence intervals (bars) with respect to a 1◦C increase in weekly average maximum temperatures in the previous

4 weeks (lag 1–4). Linear regression estimates for the logarithm of the number of sampled Culex pipiens (A); Poisson regression estimates for Infection Rate (B).

The surveillance system showed a relevant difference inWNV
circulation intensity between the two regions, which was also
confirmed by the difference in the number of human cases.
Nevertheless, different mosquito sampling efforts between the
two regions, and the difference recorded in the GLM, was largely
ascribable to the different circulation extent between the two
areas. The applied models demonstrate the final number of
infected mosquitoes increases when the number of mosquitoes
also increases. However, the probability of a single mosquito
being infected decreased with mosquito abundance, revealing a
non-linear relationship between mosquito abundance and virus
circulation. This result agreed with the absence of a direct
correlation between mosquito abundance and virus circulation
in years with a lower WNV circulation (7). The geographic
interpolation of the data utilized to characterize this relationship

demonstrated that the rate of infected mosquitoes was not
higher where mosquito density was highest. This confirms a less
than linear correlation between virus presence and mosquito
abundance, temporally and spatially.

The data obtained demonstrated the obvious importance of
mosquito abundance but highlighted that this is not the limiting
factor for virus circulation in the considered area, which we
identified as likely in the number of infected hosts. If we postulate
the finite number of infected hosts as a limiting factor, and then
the finite capacity to attract mosquitoes, we can hypothesize
a dilution effect exerted by the mosquitoes not attracted to
them, above a certain number of mosquitoes. In this theoretical
scenario, the synchronization of mosquito population peaks and
WNV-susceptible birds is fundamental in determining WNV
dynamics and the environmental viral load for the season. The
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TABLE 6 | Poisson regression coefficient for Infection Rate and Lagged

Meteorological Parameters.

Parameter β
1 95% IC

1◦C Increase in weekly average maximum temperatures

Lag1 −0.04 −0.26−0.18

Lag2 0.22 0.02—0.42

Lag3 0.12 −0.10−0.34

Lag4 −0.1 −0.26−0.10

1 Day increase in number of wet days

Lag1 0.07 −0.17−0.32

Lag2 0.13 −0.06−0.32

Lag3 −0.18 −0.37−0.02

Lag4 0 −0.16−0.16

1Poisson regression coefficient (β): the exponential of β indicates the rate ratio, namely the

change in the infection rate (multiplicative term) associated with a 1◦C increase in weekly

average maximum temperatures and 1 day increase in weekly number of wet days. p

value < 0.05 in bold.

observed pattern may also support the hypothesis that increased
mosquito density leads to increased avian defensive behaviors,
leading to a shift in mosquito feedings toward less defensive
hosts, such as mammals which are notWNV-susceptible (27, 28).

A complex interaction between mosquito abundance and
susceptible hosts determines the level of virus circulation, which
differed in direct relation (namely more mosquitoes, more
virus) and is usually retained in vector-borne diseases. We
recommend that this result is considered in the construction of
epidemiological models and in the cost-efficacy analysis of vector
control methods.

In this study, temperature was confirmed as one of the
most important factors in determining the virus circulation.
We detected an association between temperatures recorded
one week and two weeks before mosquito sampling and the
mosquito infection rate. Temperature influenced the bionomics
of mosquitoes in several ways, for example, by increasing
vectorial capacity or shortening the extrinsic incubation period
and development times (29). These results are consistent with
previous studies that observed a positive association between
temperatures and WNV-positive mosquitoes and human cases
observed in the following weeks (30–32). This association,
already confirmed by several research studies in different
ecological settings, is alarming in a global warming scenario,
since it implies that increasing temperatures will increase the risk
of WNV circulation. The same association can partially explain
the recent emergence of the virus, which could be linked to the
increase in temperatures recorded in recent years in the surveyed
area (33). Interestingly, we observed the difference of one or
two weeks in the temperature’s ability to influence the number
of mosquitoes and the virus infection rate. This observed delay
could be explained with the virus’ extrinsic incubation period,
which consistently lasts about one week at temperatures recorded
in the surveyed area (34, 35).

As recorded in another study (31), we were unable to find a
consistent link between rainfall (expressed as wet days), mosquito
abundance and the mosquito infection rate. An issue related to

this process, which can hide the effects of rain, could be the
background noise linked to the fall in temperature caused by
rainfall. However, water availability under ordinary conditions
was not a limiting factor in the study area (due to the widespread
presence of irrigating networks, rivers, and water basins).

A human case of WNND is of striking relevance, due to the
severity of the symptoms associated with the infection. However,
occurrence is rare and not relevant for the environmental
persistence of the virus. Despite this, occurrence of WNND was
the best available indicator of circulation intensity in people,
since there was no organic and standardized system for WNV
fever diagnosis. The timing and location of WNND cases are
random due to the low rate of WNND cases in infected
persons (<1%), the complexity in defining a certain site of
patient infection and has human density as one of the main
determinants (36), in a particular area. Despite this, we were
able to find a clear relationship between the rate of positive
mosquitoes and human cases, highlighting the surveillance
ability to assess the intensity of virus circulation in a given area
at an early stage.

The entomological monitoring described in this work
is part of a multidisciplinary surveillance integrating other
monitoring systems (wild bird testing and syndromic
surveillance of horses). Entomological surveillance often
provided the first sign of WNV circulation and, due to the
sampling program’s standardized regularity, allowed for a
fine characterization of the period, area and intensity of
circulation. This provides essential data for modulating
actions to limit the health risks associated with the circulation
of WNV.
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African swine fever virus (ASFV) is the sole member of the family Asfarviridae, and the

only known DNA arbovirus. Since its identification in Kenya in 1921, ASFV has remained

endemic in Africa, maintained in a sylvatic cycle between Ornithodoros soft ticks and

warthogs (Phacochoerus africanus) which do not develop clinical disease with ASFV

infection. However, ASFV causes a devastating and economically significant disease

of domestic (Sus scrofa domesticus) and feral (Sus scrofa ferus) swine. There is no

ASFV vaccine available, and current control measures consist of strict animal quarantine

and culling procedures. The virus is highly stable and easily spreads by infected swine,

contaminated pork products and fomites, or via transmission by theOrnithodoros vector.

Competent Ornithodoros argasid soft tick vectors are known to exist not only in Africa,

but also in parts of Europe and the Americas. Once ASFV is established in the argasid soft

tick vector, eradication can be difficult due to the long lifespan of Ornithodoros ticks and

their proclivity to inhabit the burrows of warthogs or pens and shelters of domestic pigs.

Establishment of endemic ASFV infections in wild boar populations further complicates

the control of ASF. Between the late 1950s and early 1980s, ASFV emerged in Europe,

Russia and South America, but was mostly eradicated by the mid-1990s. In 2007, a

highly virulent genotype II ASFV strain emerged in the Caucasus region and subsequently

spread into the Russian Federation and Europe, where it has continued to circulate

and spread. Most recently, ASFV emerged in China and has now spread to several

neighboring countries in Southeast Asia. The high morbidity and mortality associated

with ASFV, the lack of an efficacious vaccine, and the complex makeup of the ASFV

virion and genome as well as its lifecycle, make this pathogen a serious threat to the

global swine industry and national economies. Topics covered by this review include

factors important for ASFV infection, replication, maintenance, and transmission, with

attention to the role of the argasid tick vector and the sylvatic transmission cycle, current

and future control strategies for ASF, and knowledge gaps regarding the virus itself, its

vector and host species.

Keywords: African swine fever virus, DNA arbovirus, soft tick, domestic swine, wild boar, transmission, virus

replication

232

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://www.frontiersin.org/journals/veterinary-science#editorial-board
https://doi.org/10.3389/fvets.2020.00215
http://crossmark.crossref.org/dialog/?doi=10.3389/fvets.2020.00215&domain=pdf&date_stamp=2020-05-13
https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles
https://creativecommons.org/licenses/by/4.0/
mailto:nng5757@vet.k-state.edu
mailto:jricht@ksu.edu
https://doi.org/10.3389/fvets.2020.00215
https://www.frontiersin.org/articles/10.3389/fvets.2020.00215/full
http://loop.frontiersin.org/people/748227/overview
http://loop.frontiersin.org/people/914483/overview
http://loop.frontiersin.org/people/917716/overview
http://loop.frontiersin.org/people/77864/overview


Gaudreault et al. ASFV Emergence and Arbovirology

ASFV EMERGENCE AND RE-EMERGENCE

Since its identification in Kenya in 1921 (1, 2), African swine
fever virus (ASFV) has remained endemic in Africa, affecting
up to 35 African countries (3). Between the late 1950s and
early 1980s, ASFV genotype I emerged in Europe, Russia, the
Caribbean and South America. ASFV was first identified in
Europe in 1957 in Portugal, then was re-introduced in 1960
from which it quickly spread into Spain, Italy, France, Sardinia,
Malta, Belgium, and The Netherlands (1, 4, 5). ASFV was
first reported in Russia in 1977 (4), and in the late 1970s it
emerged in Brazil, Cuba and the Caribbean Islands, with the
last outbreaks in the Americas occurring between 1980 and 1984
(6). By the mid-1990s, ASFV had been eradicated outside of
Africa, with the exceptions of an isolated outbreak in Portugal
in 1999 and the island of Sardinia where it has remained
endemic (7, 8).

In 2007, ASFV genotype II emerged in the Republic of
Georgia and continued to spread through the Caucasus region
and subsequently into the Russian Federation and Eastern
Europe, where it has continued to circulate and spread as
illustrated in Figure 1A (1, 4, 9). ASFV re-emerged in north-
western Europe in Belgium in 2018 in wild boar (10). More
recently it was detected in carcasses of wild boar in western
Poland near the German boarder (https://www.vettimes.co.uk).
In August 2018, ASFV was reported for the first time in the
People’s Republic of China, and by the end of September of
2019, ASFV was detected in neighboring countries including
Mongolia, Vietnam, Cambodia, Democratic People’s Republic
of Korea (North Korea), Lao People’s Democratic Republic,
Myanmar, Timor-Leste, the Philippines, the Republic of Korea
(South Korea), and Indonesia as shown in Figure 1B (FAO
situation update, www.fao.org). African countries which have

FIGURE 1 | Recent ASF status in Europe, Asia, and Africa. (A) Eurasian Epidemic, 2007-September 2019: Within European nations, continuing outbreaks (yellow) are

reported in Sardinia, Belgium, Bulgaria, Hungary, Latvia, Moldova, Poland, Romania, Slovakia, Serbia, Russian Federation, and Ukraine. Resolved outbreaks (blue) are

reported for Belarus, Czech Republic, Estonia, and Lithuania. (B) Transcaucasus and Asian Epidemic, 2007-September 2019: Continuing outbreaks (yellow) are

reported in People’s Republic of China, Democratic People’s Republic of Korea, Lao People’s Democratic Republic, Myanmar, The Philippines, Russian Federation,

Republic of Korea, and Vietnam. Resolved outbreaks (blue) include Armenia, Azerbaijan, Cambodia, Republic of Georgia, and Mongolia. (C) African Nations with

OIE-Notified ASF Outbreaks Since 2018: Countries which have notified the OIE of the presence of ASF from 2018 through September 2019 include Benin, Burkina

Faso, Burundi, Cabo Verde, Central African Republic, Democratic Republic of the Congo, Gambia, Ghana, Guinea-Bissau, Madagascar, Malawi, Mozambique,

Namibia, Nigeria, Rwanda, Senegal, Sierra Leone, South Africa, Tanzania, Togo, Uganda, Zambia, and Zimbabwe. Source: OIE WAHIS African Swine Fever (ASF)

Report: September 13–26, 2019.

notified the OIE of the presence of ASF from 2018 through
September 2019 include Benin, Burkina Faso, Burundi, Cabo
Verde, Central African Republic, Democratic Republic of the
Congo, Republic of the Congo, The Gambia, Ghana, Guinea-
Bissau, Madagascar, Malawi, Mozambique, Namibia, Nigeria,
Rwanda, Senegal, Sierra Leone, South Africa, Tanzania, Togo,
Uganda, Zambia, and Zimbabwe, indicated in Figure 1C [OIE
WAHIS African Swine Fever (ASF) Report: September 13–26,
2019; www.oie.int].

Impact of Recent ASFV Emergence as of

February 2020
ASFV does not cause disease in humans, is highly contagious
and causes high mortality in domestic and feral swine, and has a
significant economic impact on the global swine industry. While
the situation remains ever-changing due to continued outbreaks
and spread of ASFV globally, information from peer-reviewed
manuscripts, situation reports, and press releases provide some
indication of the impact of ASFV emergence on animal health
and economics of effected countries.Table 1 summarizes the ASF
affected countries of Europe and Asia from 2007 to February
2020 including reported estimates of number of animals lost.

ASF has especially affected China, which is the world’s largest
pork producer and consumer, producing about 50 percent of the
world’s pork supply (ChinaDaily.com.cn, 9/11/2019, “Swine fever
may affect pork for several years,” global.chinadaily.com.cn).
Since the first reported outbreak in China in August 2018, ASF
has been detected in at least 8 other countries in Asia and has
resulted in the death or culling of more than 5 million pigs,
with losses accounting for more than 10 percent of the total
pig population in China, Mongolia and Vietnam [(11, 12); FAO
situation update, www.fao.org; FAO press release, 09/08/2019,
“One year on, close to 5 million pigs lost to Asia’s swine fever
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TABLE 1 | ASFV in Eurasia from January 2007 to February 2020.

Country Year or date reported Status Estimated animal losses Species

Georgia 2007–2008 Resolved 87,412 Swine

Armenia 2007–2008, 2010–2011 Resolved 2,483 Swine

Azerbaijan 2008 Resolved 4,832 Swine

Russian Federation 2007–2019 Continuing 79,632 Swine, wild boar

Ukraine 2012, 2014–2019 Continuing 20,166 Swine, wild boar

Belarus 2013 Resolved 20,627 Swine

Lithuania 2014–2019 Resolved 23,735 Swine

Latvia 2014–2019 Continuing 294 Swine, wild boar

Estonia 2014–2019 Resolved 26 Wild boar

Poland 2014–2019 Continuing 37,396 Swine, wild boar

Czech Republic 2017, 2018 Resolved 202 Wild boar

Romania 2017–2019 Continuing 90,698 Swine, wild boar

Hungary 2018–2019 Continuing 1,536 Wild boar

Bulgaria 2018–2019 Continuing 137,973 Swine, wild boar

Moldova 2016–2019 Continuing 348 Swine, wild boar

Belgium 2018–2019 Continuing 540 Wild boar

Slovakia 2019 Continuing 70 Swine, wild boar

Serbia 2019 Continuing 290 Swine

People’s Republic of China/32 provinces August 3, 2018 Continuing 1,193,000 Swine, wild boar

Mongolia/6 provinces January 15, 2019 Resolved 3,115 Swine

Vietnam/19 provinces February 19, 2019 Continuing 5,960,000 Swine

Cambodia/5 provinces April 2, 2019 Resolved 3,673 Swine

Democratic People’s Republic of Korea May 23, 2019 Continuing 124 Swine, wild boar

Lao People’s Democratic Republic /15 provinces June 20, 2019 Continuing 40,130 Swine

The Philippines July 25, 2019 Continuing 70,000 Swine

Myanmar August 1, 2019 Continuing 128 Swine

Republic of Korea September 17, 2019 Continuing 10,000 Swine, wild boar

Timor-Leste September 9, 2019 Continuing 1,600 Swine

Indonesia September 2019 Continuing 42,000 Swine

FAO situation update, www.fao.org, 02/19/2020; OIE WAHIS Interface, Disease information, Immediate notifications and Follow-ups, www.oie.int, 09/21/2019; OIE WAHIS Interface,

Disease information, Disease Timelines, www.oie.int, 10/23/2019.

outbreak”], and industry insiders predict a 30–60% loss of pig
stocks due to ASF (ChinaDaily.com.cn, 9/11/2019, “Swine fever
may affect pork for several years,” global.chinadaily.com.cn). This
has put other countries on high alert, including Thailand which
culled 200 pigs in response to mysterious pig deaths although
no confirmed cases of ASF had been reported, as of September
2019 (Reuters Health News, 09/18/2019, “Thailand culls 200 pigs
amid heightened fears over African swine fever,” www.reuters.
com). Since its identification in 1921, outbreaks of ASFV have
been reported in more than 60 countries around the world, and
global ASF outbreaks since late 2018 have increased 25 percent
according to media reports (Global Times, 09/18/2019, “A global
battle against African swine fever,” www.globaltimes.cn).

ASFV INFECTION, MAINTENANCE, AND

TRANSMISSION

Ornithodoros Soft Ticks
The Ornithodoros genus of soft ticks in the family Argasidae
serve as biological vectors and reservoir hosts for ASFV. To date,
eight Ornithodoros species have been demonstrated as vector

competent for ASFV (13). ASFV-infected Ornithodoros porcinus
porcinus soft ticks (often referred to asO. moubata porcinus orO.
moubata) in Africa have been well-documented (14–19) and have
also been found in Madagascar (20). Additionally, competent
Ornithodoros vectors are also known to exist in parts of Europe
and the Americas (13, 18). Ornithodoros erraticus (also known as
O. marocanus and renamed Carios erraticus) soft ticks inhabit the
Iberian Peninsula and Mediterranean areas of Africa and Asia,
and were an important vector and reservoir for ASFV in Portugal
and Spain during the ASF epidemic in the twentieth century
(7, 21–23).

Ornithodoros ticks have long lifespans, and ASFV can replicate
to high titers and be maintained for long periods of time in the
vector with minimal cytopathological effects or increased tick
mortality (7, 14–18, 20, 24, 25); although increased mortality
rates have also been reported (26–31). A study following ASFV
infection in O. porcinus porcinus ticks after feeding on viremic
pigs showed ASFV titers of 6 log10 HAD50/tick, which were
maintained at that level for at least 290 days and declined only
2 log10 HAD50/tick or less after 3 years (18, 25). ASFV was
isolated fromO.moubata ticks from a farm inMadagascar 4 years
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after the culling of all pigs (20). ASFV transmission to pigs by
infected the Iberian soft tick has been demonstrated up to 588
days after infection (29) and ASFV persistence has been shown
for at least 5 years in O. erraticus ticks collected from infected
farms in Portugal (7). However, viral clearance after one year has
also been observed (28, 32). Nonetheless, virus-tick adaptation
is likely necessary to achieve high virus titers since significantly
lower infection rates and viral titers, and increasedmortality have
been observed in studies using ASFV isolates not derived from
ticks, or Ornithodoros species not native to Africa (18, 25, 33).

Multiple ASFV genetic elements have been identified as
being associated with infectivity, replication, and generalized
dissemination of ASFV in Ornithodoros ticks. Deletion of three
multigene family (MGF) 360 genes (3Hl, 3IL, and 3LL) from
the tick-derived pathogenic ASFV Pr4 isolate resulted in reduced
infectivity and a 2–3 log10 decrease in viral titer within O.
porcinus porcinus ticks compared to the parental virus (34).
CD2v, the protein responsible for viral hemadsorption (HAD)
in ASFV strains displaying the HAD phenotype, has also been
demonstrated to possess an important function in virus-tick
interaction. Restoration of the HAD phenotype to the non-
hemadsorbing NH/P68 strain carrying a CD2v gene interrupted
by frameshift mutations results in an∼1,000-fold increase in viral
titer within O. erraticus ticks after feeding on infectious whole
blood, most likely due to effects on virus uptake and replication
in the tick midgut epithelium (35).

Studies of ASFV infection and replication in soft ticks
show that ASFV infection takes 15–21 days to reach the
midgut epithelium where viral replication is initiated, with peak
virus titers achieved by 28 days post-infection (25). Restricted
replication within midgut epithelial cells reduces the infectivity
of the Malawi Li 20/1 strain for soft ticks orally exposed to the
virus (36). For successful transmission, ASFV replication in the
coxal and salivary glands is required, which is usually achieved
by 48 days post-infection (25).

Within the tick life cycle, ASFV can be transmitted sexually
from infected male to female (17, 32), transovarially from
infected female to offspring (15, 27, 37), and maintained
transstadially through the various life stages [(28, 29, 38, 39); see
Figure 2]. An increase in mortality rates in ASFV-infected ticks
has been reported during the first three ovipositions (18, 32).
The number of infected ticks observed under field conditions is
typically lower than infection rates observed after experimental
infections (18, 40).

ASFV Sylvatic Cycle
In Africa, ASFV is mainly maintained in a sylvatic cycle between
Ornithodoros soft ticks and warthogs (Phacochoerus africanus);
warthogs become viremic but do not develop clinical disease
after ASFV infection (3, 19, 22, 41). The sylvatic cycle has been
documented primarily for countries in southern and eastern
Africa (3). Juvenile warthogs dwelling in burrows are infected
by soft ticks carrying the virus, and transmission to naive ticks
occurs when the ticks take a blood meal from viremic young
warthogs [(14, 41); Figure 2]. ASFV warthog blood titers of at
least 103 HAD50/mL are required to infect feeding ticks, which
is typically only achieved in young warthogs compared to adults

which rarely have ASFV titers above 102 HAD50/mL (19, 41).
Other wild suids in Africa such as bush pigs (Potamochoerus
larvatus) can also become infected and transmit ASFV, but are
generally considered to play a minor role compared to warthogs
in the sylvatic cycle since their behaviors are less conducive for
interactions with soft ticks; only one incidence of infection in a
giant forest hog (Hylochoerus meinertzhageni) has been reported
(3, 19, 22, 42, 43).

Tick-Pig (Sus scrofa domesticus and Sus

scrofa) Transmission
Ornithodoros soft ticks including species of O. moubata complex
in Africa and O. erraticus in Europe are capable of transmitting
ASFV to domestic swine (Sus scrofa domesticus), and can become
infected after feeding on viremic animals [(22, 25, 29, 44);
Figure 2]. In Africa and Madagascar, infected ticks of the O.
moubata complex have been isolated from pig sties and farms in
locations affected by ASF outbreaks, including sites where little or
no contact between wild and domestic swine occurs, suggesting
an important role for soft ticks in disease maintenance in these
areas (20, 45–47). A similar pattern was also observed in the
Iberian Peninsula, where O. erraticus ticks were associated with
the persistence of ASFV (7, 21–23, 40).

The genotype II Georgia 2007/1 strain responsible for the
contemporary European epidemic has been experimentally
demonstrated to replicate efficiently in liveO. erraticus ticks (48).
However, it is unlikely that a soft tick cycle plays a significant
role in the ongoing outbreak in Europe and most likely also Asia,
as soft ticks are largely absent in Central Europe and the Baltic
nations, and most of the soft tick species in Eastern Europe and
the Caucasus region do not infest domestic and wild swine (49).
A study investigating potential contact between wild boar and
soft ticks in Germany via serum screening for antibodies against
O. erraticus in wild boar showed little evidence for feeding and
infestation of wild boar by soft ticks, and limited interaction
between these ASFV hosts is assumed (50).

Domestic (Sus scrofa domesticus) and

Wild Boar (Eurasian Wild Pig; Sus scrofa)
ASFV Infection in Domestic Swine
Infection with ASFV can produce a variety of clinical
presentations ranging from chronic, subclinical, or low-level
disease to hemorrhagic fever and peracute death, depending
on viral strain, and host susceptibility (51). Studies of highly
virulent Eurasian genotype II isolates have produced mortality
rates of 100% in domestic pigs and wild boar, with disease
rapidly progressing from non-specific clinical symptoms (fever,
depression, anorexia, diarrhea) to death (52, 53). In contrast,
the non-fatal genotype I isolates OUR T88/3 and OUR T88/4
obtained from O. erraticus ticks on a farm in Portugal
produce no clinical disease after experimental infection of
pigs (44). Genotype I ASFV strain NH/P68, isolated from
a chronically-infected pig, is another example of a naturally
occurring, non-fatal ASFV strain (54). However, attenuated
ASFV strains including OUR T88/3 and NH/P68 can cause
chronic infection in some pigs and have been associated with

Frontiers in Veterinary Science | www.frontiersin.org 4 May 2020 | Volume 7 | Article 215235

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


Gaudreault et al. ASFV Emergence and Arbovirology

FIGURE 2 | Schematic of ASFV transmission cycles. In Europe, Asia, and Africa, ASFV is readily transmissible between domestic pigs through direct contact and

contaminated pork products and fomites. (A) In Europe and Asia, two-way transmission between pigs and boars can occur at the livestock-wildlife interface,

especially where poor farm biosecurity exists. Transmission between wild boar is capable of maintaining and spreading the virus across large geographic areas. ASFV

can be transmitted between soft ticks of the Ornithodoros erraticus complex and domestic swine, and soft ticks can serve as persistent reservoirs for the virus as

seen in the Iberian Peninsula. There is little evidence to support transmission between soft ticks and Eurasian wild boar and domestic pigs in contemporary European

and Asian epidemics. (B) The sylvatic cycle in Africa involves virus transmission between juvenile warthogs (Phacochoerus africanus) and soft ticks of the

Ornithodoros moubata complex. Infected ticks transmit ASFV to juvenile warthogs when taking a blood meal, and uninfected ticks are infected after feeding on viremic

juvenile warthogs, while adult warthogs typically do not maintain high levels of viremia and are dead-end hosts. (C) Within soft ticks of the O. moubata and O.

erraticus complexes, virus is transmitted via sexual and transovarial routes and can be maintained across multiple life stages.

chronic lesions affecting the skin and joints (54–58). Swine
populations displaying increased resistance to clinical ASF
have been previously described; however, offspring from these
pigs reared in quarantine facilities showed no difference in
survival rates compared to non-selected, susceptible animals
after virulent ASFV challenge, suggesting resistance is not
directly heritable (59). Clinical outcomes of ASFV infection

are therefore influenced by a variety of host, virus, and
epidemiological factors.

Domestic Pig-Wild Boar Transmission
Domestic pigs readily transmit ASFV to other susceptible swine,
and outbreaks of virulent strains display high levels of morbidity
and mortality (22). Direct contact with infected pigs effectively
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spreads disease to other wild and domestic pigs (22, 60); however,
varying levels of transmission efficiency have been observed
for high-, moderate-, and low-virulence strains, likely due to
differences in levels of viremia and virus shedding (44, 60–63).
Blood, body fluids, feces, and carcasses of infected pigs serve as
indirect routes of infection (60). Animals which recover from
infection with low or moderate virulent strains can become
subclinical carriers potentially capable of spreading the virus to
other pigs (60, 61, 64, 65). The illegal movement of infected pigs
by producers or pork products has played a significant role in
outbreaks of ASF in Africa, Europe, and Asia (9, 11, 66).

Eurasian wild boar are highly susceptible to the virulent
ASFV genotype II isolates circulating in Europe (52, 53), and
contact between infected wild boar and domestic pigs has been
a significant contributing factor to the spread of ASFV in Eastern
Europe, the Caucasus and the Russian Federation, where small-
scale backyard pig farms with poor biosecurity are common (9).
ASFV has been detected in wild boar throughout Eastern and
Central Europe, and as far west as Belgium (1, 10). The existence
of a geographically widespread wild pig population in which
ASFV can circulate poses a significant challenge to disease control
and eradication efforts.

Other Modes of Transmission
ASFV is stable under extreme environmental conditions,
allowing it to be easily spread and transmitted. Modes of
transmission other than direct contact with infected swine,
tissues, carcasses or bites from infected soft ticks, include
importation of infected pork products and contamination
of fomites such as feed, equipment, vehicles, and clothing
(22). ASFV can remain viable in a variety of animal feed
ingredients under a range of environmental conditions, including
those characteristic of trans-Atlantic shipping routes (67, 68),
and efficient disease transmission through ASFV-contaminated
liquids and plant-based animal feeds has been experimentally
demonstrated (69). The movement of contaminated pork
products and swill-feeding of domestic swine have been
important epidemiological factors in ASFV outbreaks in the
Caucasus and Russian Federation as well as the emergence of the
disease in China (9, 11).

MOLECULAR PROPERTIES OF ASFV

ASFV has a large double-stranded DNA genome ranging
from 170 to 190 kilobase pairs (kbp) that encodes more
than 150 open reading frames (ORFs), depending on viral
strain; it is the only known DNA arbovirus (70, 71). The
observed significant differences in genome size are primarily
due to gain or loss of gene copies belonging to the multigene
families (MGFs) and variation within the number of tandem
repeats in non-coding regions of the ASFV genome (70, 71).
Mass spectrometry has identified 68 virion-associated structural
proteins from purified virions of strain BA71V and up to 94
virion-associated polypeptides were detected in virions from
3 different mammalian cell lines infected with a recombinant
OURT 88/3 strain; the precise function of a significant proportion
of the structural and non-structural ASF viral proteins is

unknown (72, 73). The virion is ∼200 nm in diameter and
possesses a multi-layered structure consisting of the nucleoid,
core shell, inner envelope, capsid, and a host-derived outer
envelope (74). The p72 major capsid protein and four minor
capsid proteins, M1249L, p17, p49, and H240R, make up the viral
capsid (75).

Genotyping of ASFV has historically been based on the
nucleotide sequence of a 478 bp variable region in the C-terminus
of the viral p72 gene (76), though other viral genes have also been
used to further characterize ASFV strains (77–79). Currently,
there are 24 genotypes based on themajor capsid protein p72, and
8 serotypes based on the viral hemagglutinin CD2-like protein
(CD2v) and C-type lectin (80–83). All of the 24 ASFV genotypes
have been identified in Africa (3). Strain virulence cannot be
accurately predicted by p72 genotype (80). The first emergence
of ASFV outside of Africa consisted of genotype I viruses, which
are predominantly described in West Africa (22). Genotype II
ASFVwas introduced into the Caucasus in 2007, most likely from
East Africa, and remains the current ASFV genotype circulating
throughout Europe, the Russian Federation and Southeast Asia
(22, 84).

Details of virus-host interactions and events involved in the
ASFV replication cycle have been reviewed previously (71, 85–
88) and are summarized in the following sub-sections and
Figure 3.

Target Cells
In swine, ASFV preferentially replicates in cells of the
monocyte/macrophage lineage (89). It can also replicate in some
established cell lines although with less efficiency (87, 90). The
virulent ASFV BA71 strain was adapted to replicate in Vero
cells (BA71V). Vero cells derived from African green monkey
kidney, and have been widely used as a model for in vitro ASFV
infection and replication studies (91). However, adaptation in cell

culture can cause genetic modifications to the virus that result in
attenuation of virulence and decreased fitness in primary swine
macrophage cultures, which is the case for BA71V and other
cell-adapted ASFV strains (92, 93). Therefore, only virus derived
from infected animal tissues or propagated in primary swine
macrophage cultures usually retains the natural characteristics
and phenotype of the original virus (90).

ASFV Entry and Early Events in the

Infectious Cycle
Several modes of cell entry for ASFV have been demonstrated
(86, 94–96). Early studies on ASFV entry indicate receptor-
dependent mechanisms including low pH and temperature-
dependent events, and determined that ASFV binding to cell
surfaces was saturable (97–100). Given the cell tropism of ASFV,
several macrophage receptors have been implicated as playing
a possible role including CD163, CD45, MHC II, and others,
although no specific receptor for ASFV has yet been identified
(101, 102). Earlier in vitro studies supported CD163 as being a
significant receptor for ASFV, demonstrating that monoclonal
antibodies could block infection (101). However, ASFV infection
of gene-edited pigs lacking CD163 showed no difference in
the course of infection or survival compared to wild type
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FIGURE 3 | ASFV replication cycle. (A) ASFV entry is primarily mediated through an unknown receptor and/or macropinocytosis; Fc-receptor mediated entry and

phagocytosis have also been suggested entry mechanisms. (B) The virus is then trafficked through early endosomes or macropinosomes to late endosomes, where

viral uncoating takes place via endosomal acidification. (C) Viral replication takes place in the cytoplasm in viral factories, with brief replication events occurring in the

nucleus. Gene expression occurs temporally, first with early genes to produce replication proteins, followed by intermediate and late genes that produce structural

proteins that are assembled into the virion. (D) Virions are assembled and bud from the infected cell within 24 hpi. Known major host (orange dots) and viral (blue

diamonds) factors involved in the ASFV replication cycle, which are discussed in the text, are indicated. ASFV, African swine fever virus; mpi, minutes post-infection;

hpi, hours post-infection; vRNApol, viral RNA polymerase; vDNApol, viral DNA polymerase; PI3K, phosphoinositide-3-kinase; Rac1, Rac-1 Rho-GTPase; Pak1, Pak-1

kinase; PtdIns3P, phosphatidylinositol-3-phosphate; PtdIns (4, 6); P2, biphosphate PtdIns (4, 6) diphosphorus.

CD163-expressing pigs, indicating that other receptors or entry
mechanisms are critical (103).

Fc-receptor mediated entry of ASFV into cells has also
been proposed, although the results from one study indicated
Fc-receptors do not mediate ASFV infection of macrophages
(104). Nonetheless, several studies suggest antibody-dependent
enhancement of ASFV infection characterized by early and
increased viremia and accelerated disease, supporting in vivo Fc-
receptor involvement (105). Antibody-dependent enhancement
of infection occurs through entry of macrophage-tropic
microorganisms facilitated by IgG antibody-antigen complexes
and Fc-receptor signaling, and has been demonstrated for several

viruses including porcine reproductive and respiratory virus,
Dengue virus, and West Nile virus, among others (106–110).
Accelerated disease has been observed in vaccinated swine
compared to non-vaccinated controls following virulent ASFV
challenge (111–113), and enhancement of ASFV infection was
observed in vitro in the presence of sera from immunized
animals, all of which coincide with the presence of non-
neutralizing ASFV-antibodies (111, 114). Further investigations
are warranted to elucidate the mechanisms involved in ASFV
enhancement of infection and pathogenesis.

Other mechanisms including phagocytosis (115) and non-
receptor mediated entry by macropinocytosis have also been
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investigated (94, 116). Macropinocytosis is the non-selective,
actin-dependent uptake of molecules, and is utilized by several
large DNA viruses, including poxviruses and herpesviruses (117).
ASFV apparently also utilizes macropinocytosis, demonstrated
by the use of chemical inhibitors, purified labeled virions, and
fluorescent and transmission electron microscopy to monitor
early events of ASFV infection in swine macrophages (94, 116).

The current working model for ASFV entry includes both
clathrin-mediated endocytosis andmacropinocytosis (86, 95, 96).
Actin modulation through phosphoinositide-3-kinase (PI3K),
Rac-1 Rho-GTPase and Pak-1 kinase signaling is important
for ASFV internalization via macropinocytosis (85, 94, 96,
118). PI3K is essential for ASFV infection, likely playing a
critical role in endosomal trafficking of ASFV (85, 94, 118).
Clathrin, dynamin, and cholesterol are required for ASFV
transport through endosomes in both Vero cells and swine
macrophages (118–120). Following internalization into early
endosomes or macropinosomes, ASFV particles are transported
to late endosomes where the cellular factor Rab7 was shown to
play an important role (116, 118). ASF virions can be found in
early endosomes between 1 and 30min post-infection (mpi) and
in late endosomes at 30-90 mpi. Increasing acidification through
endosomal trafficking plays an essential role in the uncoating
of the ASFV outer envelope and capsid. A pH below 5.0 was
shown to be required for virion uncoating (116). Fusion then
occurs between the ASFV inner envelope and late endosomal
membranes, releasing the viral core into the cytoplasm where
viral factories will subsequently form and ASFV replication takes
place. Host cell phosphatidylinositol-3-phosphate (PtdIns3P)
and biphosphate PtdIns (4, 6) diphosphorus are important for
the progression of early infection events to the start of ASFV
replication (85, 118).

ASFV Proteins Involved in the Initial Steps of Infection
ASFV structural proteins involved in virus attachment to
permissive cells include p12, p72, and p54 (121–124). ASFV
p30 is an early and abundantly expressed phosphoprotein and is
necessary for virus internalization (124). The pp220 polyprotein
is cleaved into 4 major protein components of the viral core, all
of which are required for core detachment and release (125–127).
The internal envelope protein pE248R is essential for viral fusion
with endosomal membranes and core release (116, 128).

ASFV Gene Expression and Replication
Similar to other large DNA viruses such as poxviruses and
herpesviruses, ASFV uses a temporal gene expression strategy
(71, 85). The viral RNA polymerase recognizes and initiates
the expression of early, intermediate and late genes throughout
the respective stages of the ASFV replication cycle. Early
gene expression occurs around 4–6 h post-infection (hpi), and
produces proteins necessary for viral replication. At 6–8 hpi,
ASFV replication is initiated via its own DNA polymerase
encoded by gene G1211R. While ASFV replication primarily
occurs in viral factories in the perinuclear region of the
cytoplasm, an initial brief replication phase takes place in the cell
nucleus (88). Intermediate and late gene expression then follows
at 8–16 hpi producing structural proteins that are incorporated

into the virion. ASFV encoded E2 ubiquitin-conjugating enzyme
[E215L; (129)], histone-like protein [pA104R; (130)], RNA
helicases [QP509L and Q706L; (131)], and topoisomerase II
[pP1192R; (132, 133)] have all been shown to localize to
viral factories as well as diffusely within the cell cytoplasm
and nucleus. Localization and expression studies along with
siRNA knockdown experiments indicate that these viral factors
play important roles during ASFV gene expression, genome
replication and packaging (134).

Virion Assembly and Transport of Mature

Virus Particles
Microtubules play an essential role in ASFV cellular transport
and viral factory formation (85, 86, 135, 136). Microtubules and
kinesin work together to support budding of ASF virions from
the infected cell (136). ASFV p54 interacts with microtubules and
is required for formation of viral factories and the recruitment
of envelope precursors to virion assembly sites (137, 138). The
viral capsid protein pE120R facilitates transport of mature virus
particles from assembly sites to the plasma membrane, where
the virus acquires its host-derived outer envelope (74, 139).
Altogether, an entire ASFV infection cycle, from attachment and
entry to budding of mature virus particles, is completed within 24
hpi (85).

ASFV Gene Functions and Virulence

Factors
ASFV encodes for at least 150 proteins. So far, 38 ASFV
proteins are associated with known or predicted functions in
nucleotide metabolism, transcription, replication and repair;
more than 24 ASFV proteins are involved in virion structure
and morphogenesis, and at least 8 ASFV proteins are likely
involved in host cell interactions (71). However, the functions of
a large number of ASFV-encoded proteins still remain unknown.
ASFV encodes several gene products involved in virulence and
counteracting host antiviral responses. The ASFV protein DP96R
has been shown to inhibit the cGAS-STING pathway, thereby
blocking IFN-β production, a key mediator between innate and
adaptive immune responses (140, 141); ASFV gene product I329L
has been shown to inhibit toll-like receptor 3 signaling and
type I interferon induction (142). In addition, ASFV proteins
CD2v and I215L block the transcription of immunoregulatory
genes, and ASFV proteins DP71L, A179L, A224L, and EP153R
promote cell survival (71, 85). CD2v has also been shown to
bind to host adaptor protein 1 (AP-1) and localizes around viral
factories, which suggests a role in subversion of cell protein
trafficking to promote viral replication and packaging (143).
ASFV genes of the multigene families MGF360 andMGF505/530
are also associated with counteracting antiviral host responses
involving interferon-associated mechanisms (144–146), and are
host range determinants (147). MGF360 genes have the most
copies and are the most variable among ASFV strains (71).
Naturally attenuated ASFV strains typically lack multiple copies
of MGF360 and MGF505/530 genes as well as the CD2v gene
(70, 71). Furthermore, it has been demonstrated that targeted
deletion of certain genes within MGF360 and MGF505, or of
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CD2v, is capable of attenuating certain wild-type ASFV strains,
but not all, indicating other ASFV virulence genes/factors are also
important for the virulence of ASFV (148–151).

CONTROL OF ASFV

Successful prevention and mitigation of ASF outbreaks is
hindered by multiple factors, including the lack of an effective
vaccine, the broad geographic distribution of wild and feral
swine and potential arthropod vectors capable of maintaining
the virus, as well as the increasingly globalized nature of animal
agriculture. As a result, ASF control strategies primarily focus
on early detection, restriction on livestock movement, and
culling of herds affected by or potentially exposed to the virus.
The development of effective countermeasures for ASF will be
essential in combatting current and future epidemics, and the
associated trade restrictions.

Vaccines
Despite decades of research, a broadly protective, commercially
available vaccine for ASFV remains elusive. Multiple vaccine
development strategies have been employed, with varying
levels of success. Inactivated whole viral antigen does not
induce protective immunity (152). Subunit, vector-based,
and DNA vaccines targeting specific viral proteins have
produced inconsistent results, ranging from variable protection
to enhancement of disease and accelerated mortality (105,
113, 153–155). Attenuated modified live virus (MLV) vaccines,
derived from extensive viral passaging in cell lines or through
targeted gene deletions, have been extensively investigated
and can confer protection against homologous parental virus
challenge (156), but generally provide little to no cross-protection
against heterologous virulent strains (157). Additionally, MLV
vaccines usually have a limited safety profile with modest to
severe side effects causing arthritis, skin necrosis and chronic
infections. Further research into the correlates of protection
and basic ASFV immunology is needed to facilitate targeted,
rationally-designed vaccine development (105, 157–159). A
number of highly immunogenic ASFV antigens have been
identified, yet the role of ASFV-specific cellular and humoral
immune responses in protection from ASF is still not completely
clear. Results regarding the role of ASFV-specific neutralizing
antibodies in protection are conflicting, and high levels of non-
neutralizing antibodies appear to have a detrimental effect (105,
160). For example, the presence of neutralizing antibodies does
not always confer protection and in some cases immunization
with ASF proteins is associated with enhanced ASFV infection
and pathology, despite induction of antibodies which are
neutralizing in vitro (105, 113, 153). Importantly, cell-mediated
immunity, including induction of CD8+ T-cells and natural
killer cells, appears to play an important role in protection
against ASF (54, 161, 162), since pigs exposed to the low-
virulence OUR/T88/3 strain and subsequently depleted of CD8+
lymphocytes were no longer protected from challenge with the
virulent OUR/T88/1 isolate.

Basic research to elucidate ASFV gene functions and the
mechanisms of ASFV replication, pathogenesis and immune

responses is critically needed to facilitate rational vaccine
development (105, 157–159). This research will be important
for identifying protective proteins as vaccine targets and feasible
delivery systems that induce both humoral and cellular immune
responses which correlate with protection. Other important
elements needed for successful ASFV vaccine development are
a permanent cell culture system for MLV vaccine production
as well as the design of companion diagnostic assays that
are capable of differentiating infected from vaccinated animals
(DIVA) (157, 158).

Detection and Diagnosis
Since its discovery over 90 years ago, an array of diagnostic
assays have been developed and employed for ASF. However,
current methods for ASFV diagnosis often possess significant
limitations such as (i) suboptimal analytical and clinical
sensitivity/specificity, (ii) inadequate ability to detect early
acute or chronically-infected animals, (iii) high cost, (iv) long
time intervals for receiving results, and/or (v) the need for
specialized equipment and high containment facilities (163).
Consequently, the development of accurate, rapid, affordable,
and field-deployable highly sensitive and specific diagnostic tests
for ASFV remains a significant priority.

Detection of Virus and Viral Antigen
Methods for detection of virus and viral antigens include
virus isolation and hemadsorption (HAD), fluorescent antibody
testing, and antigen detection by ELISA or lateral flow tests
(163, 164). A positive virus isolation or HAD test is considered
definitive for ASFV; however, both assays are expensive, require
primary cell cultures, and take >7 days to complete, and are
therefore only performed by a few reference laboratories (163,
165, 166). Furthermore, not all ASFV isolates are hemadsorbing
and some would therefore test negative in the HAD test. Direct
fluorescence antibody testing and a commercial antigen-based
ELISA and lateral flow tests are available, but their utility is
hampered by lower sensitivity and specificity (163, 164, 167).
Because of these limitations, PCR is often the best methodology
for detecting virus in clinical samples.

Molecular Detection of ASFV DNA
Real-time quantitative PCR (qPCR) testing is the recommended
method for screening and confirmatory testing during active
infection, due to high sensitivity, specificity, and sample
throughput (163, 164). Both, conventional and qPCR formats
targeting conserved regions of the viral p72 gene and capable of
detecting multiple genotypes have been developed and validated,
though real-time qPCR assays are considered preferable (164,
168–171). The two OIE-recommended qPCR assays use TaqMan
or Universal Probe Library (UPL) probes, the latter of which
provides greater sensitivity for animals with low level viremia
(164, 169, 171). The two qPCR assays recommended by the
OIE possess significantly greater sensitivity than commercially-
available antigen detection ELISAs, for both experimental and
field isolates, and can be useful for detecting ASFV in poorly
preserved or degraded samples where virus isolation and direct
antigen detection may not be viable (164, 166, 167). In addition
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to its use as a diagnosticmethod in swine, conventional and qPCR
formats can be used to detect ASFV inOrnithodoros ticks, and are
used in combination with sequencing to genotype viral isolates
(40, 76, 172, 173).

Traditional real-time qPCR testing typically needs high-
throughput thermocyclers and associated laboratory equipment
such as automated RNA/DNA extraction instruments which
are costly, difficult to transport, and require reliable access
to electricity, as well as the use of reagents that must
be kept cold (166, 174). Consequently, these assays are
generally restricted to laboratory settings. Several challenges
are associated with performing PCR in the field beyond
the need for a portable, battery-operated thermocycler,
which include performing nucleic acid extractions without
a centrifuge/electricity, protecting samples against cross-
contamination, and maintaining a cold chain for materials
that may require refrigeration. Additionally, available portable
thermocyclers for qPCR assays are low-throughput because
they can only run a limited number of samples at one time.
Selection of the proper thermostable PCR reagents and diluents
can overcome some of the above mentioned issues (174).

Progress toward field-deployable molecular diagnostics for
ASFV has involved research into novel DNA amplification and
detection strategies, as well as the usage of portable equipment
which can be run independent of electricity (e.g., GeneReach
PockitTM or Biomeme FranklinTM), and lyophilized reagents
which are stable at room temperature for several years (174).
In addition, portable next generation sequencing (NGS) devices
(e.g., Nanopore MinION) can be efficiently utilized to rapidly
determine the genotype of PCR positive ASFV isolates and even
sequence a significant part or the entire genome for downstream
phylogenetic analyses.

The use of a commercial battery-powered portable
thermocycler (T-COR 4TM) for the detection of ASFV via a
real-time PCR assay has previously been evaluated (174, 175).
In one study, reduced sensitivity of the portable thermocycler
for clinical samples with very high Ct values on the gold
standard qPCR was observed on a RT-PCR/PCR duplex assay
for Classical and African swine fever viruses (175). In our
hands, portable thermocyclers (e.g., GeneReach PockitTM or
Biomeme FranklinTM) show comparable clinical and analytical
sensitivity and specificity using ASF positive and negative
experimental and field samples when compared to a laboratory
thermocycler (Bio-Rad CFX 96). Rapid detection of ASFV is
key to activate respective control measures. To address this
need and provide near immediate detection of ASFV infected
swine at the farm, fair, the sale barn, or the slaughter house, our
group has developed a point of need (PON) molecular detection
method using the USDA-approved qPCR ASFV assay for the
detection of the ASFV p72 gene (170). The POCKITTM Nucleic
Acid Analyzer (GeneReach USA) is a portable PCR device,
which uses insulated isothermal polymerase chain reaction
(iiPCR) technology and reports out plus/minus detection of the
gene target for up to 8 samples within 1 h. DNA preparation
is performed on the portable TacoTMMini (GeneReach, USA)
automatic nucleic acid extraction system using the GeneReach
total NA extraction kit using a magnetic bead extraction

protocol (113). EDTA whole blood was collected from swine
experimentally infected with genotype II ASFV at various time
points post-infection and the ASFV p72-specific qPCR was run
side-by-side on the laboratory thermocycler BioRad CFX 96
and on the POCKITTM portable iiPCR device. The results from
this side-by-side analysis demonstrated similar sensitivity and
specificity of the laboratory and portable PCR devices for the
detection of ASFV p72 in blood samples.

Isothermal amplification strategies are performed at a single
temperature, thereby avoiding the need for thermal cycling
of traditional laboratory thermocycler. Early research into a
linear isothermal amplification assay for ASF by combining
an oligonucleotide with an overlapping probe and the cleavase
enzyme (Invader R©) showed high specificity but poor sensitivity
relative to other molecular diagnostic techniques (176). A study
of loop-mediated isothermal amplification (LAMP) targeting the
viral topoisomerase II gene (P1192R) showed good sensitivity
near that of the OIE TaqMan real-time PCR assay and
demonstrated the potential feasibility of a lateral flow device
for detecting LAMP amplicons (177). Subsequent comparison of
LAMP and TaqMan-based qPCR showed comparable sensitivity,
depending on the cutoff value set for a positive LAMP
reaction; the variability in reaction time to positivity for
different samples on LAMP assays and its poor correlation
with ASFV DNA levels as determined by qPCR Ct highlights
the difficulty in establishing robust diagnostic parameters
for LAMP assays (166). Two studies using the recombinase
polymerase amplification (RPA) technique targeting the ASFV
p72 gene have shown high sensitivity in this very rapid assay
format that produces results in under 10min; importantly,
robust sensitivity could be maintained when the ASFV RPA
assay was combined with a convenient lateral flow dipstick
to detect ASFV amplicons (178, 179). Further validation of
isothermal amplification assays for ASFV is needed to better
understand the reliability and utility of these techniques as ASF
diagnostic methods.

Detection of ASFV Antibodies
Duet to the lack of an available vaccine, ASFV-specific antibodies
are always the result of current or prior ASFV infection (or are
maternally-derived). ASFV-specific antibodies in convalescent
animals can persist for months or years (163, 164). Several
immunogenic proteins of ASFV have been previously identified,
including both structural and non-structural proteins (55, 180–
185). A variety of serological tests for the detection of ASFV-
specific antibodies have been developed using multiple formats
including ELISAs, immunoblots, indirect fluorescent antibody
tests (IFATs), indirect immunoperoxidase tests (IPTs), and lateral
flow tests (LFTs); several of these tests are recommended by the
OIE for disease surveillance and for determining freedom from
ASFV infection prior to animal movement (163, 164, 182, 184–
190). The above-mentioned serological assays are limited by a low
sensitivity in detecting ASFV-infected animals with early-stage
infections (<7 days post-infection) or swine which are infected
with highly virulent strains that produce peracute ASF disease
and death before the induction of ASFV-specific antibodies can
occur (163, 164).
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ELISA is the most commonly used method for high
throughput ASF serological testing, with multiple commercial
and in-house formats validated as fit-for-purpose by the OIE
(164). Soluble antigens from the cytoplasmic fraction of ASFV-
infected Vero cells are more sensitive than semi-purified viral
p72 at detecting early antibody responses and can be used in
an indirect ELISA format that is well-established but requires
BSL-3 biocontainment facilities capable of handling live ASFV
(164, 188). Utilization of recombinant ASFV proteins as ELISA
antigens circumvents the need for virus propagation in BSL-
3 containment and can provide comparable or even improved
sensitivity and specificity, as well as better consistency, compared
to the indirect ELISA using native ASFV antigens, especially
with poorly preserved sera (184, 185, 191, 192). Variable
sensitivity using sera from different geographic areas of East
and West Africa have been demonstrated for recombinant ASFV
protein ELISAs, depending on the ASFV protein used as target
antigen (185). ELISAs have also been adapted to screen other
clinical samples besides serum such as oral fluids or meat
juice, which are easier or less invasive to collect than serum.
A modified version of the OIE recommended indirect ELISA
was able to detect ASFV-specific antibodies in oral fluids from
pigs experimentally inoculated with the attenuated genotype I
strain and challenged with virulent genotype II ASFV, albeit
with reduced sensitivity relative to serum; this is likely due
to the comparatively lower level of ASFV-specific antibodies
in oral fluids (193). Indirect ELISAs using semi-purified p72
derived from genotype I ASFV isolate BA71V grown in Vero
cell culture or using recombinant ASFV p30 have also shown
positive reactivity with ASFV-specific antibodies present in feces
from pigs infected with the attenuated Ken05/Tk1 isolate (194).
Further evaluation of fecal, meat juice and oral fluid specimens
collected from experimentally and field-infected pigs are needed
to assess their viability and reliability as diagnostic samples for
serological testing.

Confirmatory testing using an alternative serological or
antigen/virus detection assay is recommended for ELISA-positive
serum, especially for endemic areas, and/or poorly preserved
samples (164). The IFAT is an established confirmatory test
utilizing African green monkey kidney cells (Vero cells) infected
with culture-adapted viral (e.g., BA71V) and a fluorophore-
conjugated secondary antibody capable of detecting swine
immunoglobulins (Ig). It provides a high level of specificity
by allowing direct visualization of antibody reactivity with
intracellular ASFV antigens in virus factories of infected cells,
facilitating discernment from background noise (164, 189,
195). The ASFV IPT is conceptually similar to IFAT and
has comparable sensitivity and specificity but instead uses a
peroxidase-tagged secondary anti-swine Ig detection antibody,
thereby avoiding the requirement for a fluorescent microscope
and facilitating larger scale testing (164, 186). The IPT has
been shown to possess greater sensitivity in detecting early
ASFV-specific antibody responses than the OIE-recommended
indirect ELISA and multiple commercial ELISAs (167). Both the
IFAT and IPT are OIE-recommended confirmatory serological
tests recommended for ELISA-positive samples from areas
free of ASFV and for inconclusive ELISA samples from

endemic areas; the IPT is considered preferable over the IFAT
(164). Immunoblots (IBs) or Western blots (WBs) use soluble
cytoplasmic ASFV proteins as antigens, and can be used as an
alternative to the IFAT and the IPT. They are highly specific and
not too difficult to interpret since the immunoreactive proteins
of ASFV detected by antibodies in the IB/WB test have been well-
described (164, 187). Antibodies from positive animals maintain
reactivity on IBs for longer than with the OIE-recommended
indirect ELISAwhen the test serum is stored at room temperature
or 37◦C; the IB can be advantageous for poorly-preserved
sera samples or where reliable refrigeration is not available
(196). IBs using recombinant p54, a highly immunogenic ASFV
protein expressed in Escherichia coli or baculovirus systems,
have been described, and are easier to interpret than ASFV-
infected cell-based IBs, and avoid the need for ASFV antigens
produced in cells (182, 191). E. coli-expressed p30 has also
been demonstrated to be a highly sensitive and specific antigen
for IBs, capable of detecting serological responses as early as
6–8 days post-infection (197). IBs/WBs based on individual
ASFV proteins do not offer the multiple ASFV antigen array
present in ASFV-infected cell lysate. Therefore, future IB/WB
approaches for ASF serological diagnosis should include multiple
recombinant ASFV antigens in order to increase specificity
and sensitivity.

CONCLUDING REMARKS

ASFV is a complex DNA arbovirus having a significant impact
on the global swine industry. The lack of a safe and efficacious
vaccine and the reliance on culling of herds to prevent disease
spread has resulted in in significant economic losses. Therefore,
improved early detection, and on-farm biosecurity measures, as
well as movement control continue to be of significant priority.
Further studies on ASFV gene functions, virus and cellular
factors involved in ASFV replication, pathogenesis, as well as
host immune responses to determine the correlates of protection,
will be critical for the development of a rationally-designed, safe,
efficacious, and DIVA-compatible ASFV vaccine. In addition,
given the vast distribution of susceptible soft tick vectors, wild
boar, and feral pigs, methods to prevent and control ASFV
establishment, and spread in populations of these species are also
critically important.
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Lumpy skin disease and Rift Valley fever are two high-priority livestock diseases which

have the potential to spread into previously free regions through animal movement and/or

vectors, as well as intentional release by bioterrorists. Since the distribution range of

both diseases is similar in Africa, it makes sense to use a bivalent vaccine to control

them. This may lead to the more consistent and sustainable use of vaccination against

Rift Valley fever through a more cost-effective vaccine. In this study, a recombinant

lumpy skin disease virus was constructed in which the thymidine kinase gene was

used as the insertion site for the Gn and Gc protective glycoprotein genes of Rift Valley

fever virus using homologous recombination. Selection markers, the enhanced green

fluorescent protein and Escherichia coli guanidine phosphoribosyl transferase (gpt), were

used for selection of recombinant virus and in a manner enabling a second recombination

event to occur upon removal of the gpt selection-pressure allowing the removal of both

marker genes in the final product. This recombinant virus, LSD-RVF.mf, was selected

to homogeneity, characterized and evaluated in cattle as a vaccine to show protection

against both lumpy skin disease and Rift Valley fever in cattle. The results demonstrate

that the LSD-RVF.mf is safe, immunogenic and can protect cattle against both diseases.

Keywords: lumpy skin disease, recombination, vaccine, Rift Valley fever, cattle

INTRODUCTION

Capripoxviruses are large double-stranded DNA viruses in the family Poxviridae comprised of
sheeppox, goatpox and lumpy skin disease viruses. Lumpy skin disease (LSD) causes fever and skin
lesions in cattle leading to major economic losses as a result of high morbidity, and occasionally
mortality (1). No country in sub-Saharan Africa claimed freedom from this disease since its
discovery (OIE, HandiSTATUS, 02/02/05). LSD has rapidly spread from its historical range in
most of Africa, through the Middle East into Eastern Europe (2) and many countries in Asia (3),
currently as far as China, Bangladesh and India. The disease is most likely spread by insect and
other arthropod vectors via mechanical transmission and is not highly contagious in the absence
of potential vectors. This makes control of LSD difficult and impractical, even in non-endemic
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countries experiencing occasional incurrences, which have often
used stamping-out through slaughter of infected cattle. Effective
control can, however, be achieved through vaccination using
live attenuated vaccines, as was more recently demonstrated in
Europe usingmass vaccination (4). Lumpy skin disease and sheep
and goat pox are ranked in the top 20 global diseases for impact
on the poor (5).

Rift Valley fever virus (RVFV) is an RNA virus and member
of the Phenuiviridae family (6) originally described in the 1930’s
in Kenya in the Rift Valley (7). The geographic distribution of
Rift Valley fever (RVF) was limited to sub-Saharan Africa until
outbreaks in Egypt in the 1970’s (8). In 2000, RVFV spread
into Yemen and Saudi Arabia (9). Fortunately, the outbreak was
contained and it appears that RVFV is not currently present
in the Middle East. However, there is always the risk of new
outbreaks, which could become endemic. Rift Valley fever virus
is a vector-borne pathogen spread by mosquitos and can infect
a wide range of ruminants including cattle, sheep, goats and
camels. In livestock, disease is characterized by fever, diarrhea,
and abortions. Unlike LSDV, RVFV is a zoonotic virus that
regularly causes epidemics among people (10, 11). As a zoonotic
disease, RVF is ranked in the top 10 globally. The virus is also
of major economic importance in livestock across sub-Saharan
Africa and more recently in the Middle East, primarily as a result
of trade embargoes on exports of mainly sheep from Africa to the
Arabian Peninsula. There are vaccines available for controlling
RVF and numerous experimental vaccines in development (12,
13). Since both LSDV and RVFV infect cattle and share the
same geographic distribution in Africa, a bivalent vaccine able to
protect against both diseases would be advantageous. This can
be achieved by either formulating a vaccine combining a live
attenuated LSD vaccine strain together with a live attenuated
RVF vaccine or by generating a single, recombinant vaccine with
protective components of both viruses.

Previously, an LSD-vectored candidate vaccine expressing
the RVFV Gn (G2) and Gc (G1) glycoproteins was developed
by the Agricultural Research Council-Onderstepoort Veterinary
Institute (ARC-OVI) in collaboration with Onderstepoort
Biological Products (OBP Ltd). This vaccine utilizes the South
African live attenuated Onderstepoort LSD vaccine as vector,
which co-expresses the RVFV structural glycoprotein (GP) genes
under control of the vaccinia virus P7.5K early/late promoter
inserted into the LSDV viral thymidine kinase gene (14). Two
selectable marker genes are also present (the E. coli guanine
phosphoribosyl transferase (gpt) gene and the enhanced green
fluorescent protein (EGFP) gene), which assist with the initial
stages of recombinant virus selection. This bivalent LSD-RVF
vaccine has been shown to fully protect mice and 1-year old
Merino sheep against virulent RVFV challenge, in preliminary
safety and efficacy tests (15).

However, not only is this bivalent vaccine classified as
a genetically modified organism (GMO), but it also retains
the dominant selection marker gene (gpt) conferring drug
resistance, in addition to the EGFP marker gene. In order
to satisfy environmental concerns over the use of products
developed from micro-organisms expressing resistance genes
and the sharp rise in pathogens in the field acquiring drug

resistance (e.g., XDR tuberculosis) (16) it is required that both
marker genes are removed in order to satisfy regulatory agencies
requirements for licensing the vaccine. This is routinely achieved
for other poxvirus-vectored vaccine constructs using transient
dominant selection (17, 18). As described in this paper, this
method was employed to produce a selection marker-free LSD-
RVF candidate vaccine, LSD-RVF.mf. Furthermore, this vaccine
requires evaluation in the target species (cattle) to demonstrate its
safety and efficacy, as there are numerous examples of vaccines
which demonstrated protection in animal models, but failed
when used in the target species.

The advantages of using a bivalent LSD-RVF.mf vaccine
over conventional vaccination approaches include: (1) a vaccine
which is cost effective; (2) since RVF outbreaks are cyclical,
producers are reluctant to vaccinate as it is expensive, and thus
having a bivalent capripoxvirus vaccine removes these economic
reasons for not vaccinating; and (3) the bivalent vaccine is
able to differentiate infected from vaccinated animals (DIVA)
for RVF, allowing for serological surveillance testing to still be
performed when it is in use. The impact of using the bivalent
LSD-RVF.mf vaccine includes: (1) preventing mortality and
debilitating disease in cattle caused by LSD and RVF in all regions
of sub-Saharan Africa where the diseases both occur, leading to
improved production and economic development; (2) indirectly
protecting people from RVF virus by decreasing the viral loads in
livestock; and (3) helping provide an effective barrier to further
spread of RVFV into non-endemic countries.

Determining the precise impact of these diseases on incomes
of the poor would require a dedicated study. However, bearing in
mind the fact that LSD and RVF viruses are OIE listed diseases
and the current vaccine uptake of individual vaccines against
these diseases is relatively high, this vaccine could become more
widely used and have greater benefit in developing countries than
most other livestock vaccines currently available. A recent study
determined that vaccination against LSD is cost effective and
yields a significant investment return to both smallholder and
large commercial producers (19).

Since currently used live attenuated LSD and RVF vaccines
are effective following a single dose, any new vaccine must also
be effective following a single administration in order to be used
in the field. Therefore, the LSD-RVF.mf vaccine was evaluated
in cattle for its ability to provide protection using a single
administration against both virulent LSD and RVF challenge and
the results are presented here.

MATERIALS AND METHODS

Cells and Viruses
Cells
Primary fetal bovine testes (FBT) cells were prepared according
to standard techniques (20). These were used for construction
and selection of the recombinants and were propagated in a 1:1
combination of Dulbecco’s modified Eagle’s medium (DMEM)
and Ham’s F12 medium (Gibco, USA) containing 8% FCS and
antibiotics (100µg/ml penicillin, 100µg/ml streptomycin and
250µg/ml amphotericin B) (Lonza, USA).
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Focus selection and titrations were performed using Madin-
Darby bovine kidney (MDBK) cells (obtained from the American
Type Tissue Culture Collection, no. CCL-22, USA) and baby
hamster kidney (BHK) cells (obtained from the American Type
Tissue Culture Collection, no. CCL-10, USA) for preparation of
the RVFV challenge strain, as below.

Viruses
The South African Neethling vaccine strain of LSDV, produced
by Onderstepoort Biological Products (OBP LTD), was used as
parental virus (21) for the generation of recombinants.

The virulent LSDV Warmbaths field isolate (LSDV_WB)
(GenBank Accession no. AF409137) was used as the inoculum
strain for the LSDV challenge (22).

The M35/74 field strain of RVFV was used as the inoculum
for the RVFV challenge (23). A freeze-dried ampule containing
the virus was reconstituted in 1ml Eagle’s Minimum Essential
Medium (EMEM) (Gibco, USA) and seeded onto a 90%
confluent monolayer of BHK cells in EMEM (with 5% FCS and
antibiotics). The infected cells were incubated at 37◦C and were
freeze-thawed between−20◦C and room temperature (RT) three
times 2 days after cytopathic effects (CPE) were observed. The
lysed cell/virus-containingmediumwas then aliquoted into 15ml
sterile conical tubes and stored at−20◦C, and aliquots removed
on two separate occasions for titration on BHK cells. On Day 0 of
the trial, the required volume of inoculum was removed from a
tube after thawing at RT, followed by mixing, and dilution to the
required virus concentration in EMEM.

High-titer virus stocks of the commercial LSD vaccine and the
recombinant LSD-RVF.mf vaccine were prepared and obtained
from OBP LTD, following their routine manufacturing protocols
(details of this procedure is protected intellectual property of
the manufacturer).

Plasmid Design
The insertion vector, pLS(EG)-RV, was constructed along similar
lines to pLSEG-RVFV (14), except the transfer vector, pLS(EG),
was developed with insertion of the positive and visual selection
marker genes, the E. coli gpt and EGFP genes respectively,
exterior to the TK-L and TK-R LSDV thymidine kinase (TK) gene
flanking regions (Supplementary Material 1).

Recombinant Virus Construction, Selection
and Characterization
The recombinant marker-free virus was generated, selected and
characterized according to the improved method described by
Wallace et al. (24), with the addition of a second round of
selection in the absence of mycophenolic acid (MPA) selection
pressure, resulting in a product free from both marker genes
[known as transient dominant selection (17, 18)]. However, as
a potential by-product of this selection method is a reconstituted
parental virus (with an intact TK gene and no RVFV GP genes), a
method was devised to enable selection of homogeneous marker-
free recombinant virus expressing the RVFV GPs–in effect, an
“intracellular” ELISA, as described below.

“Intracellular” ELISA
Ninety-six well cell culture plates (Nunclon, Denmark) were
seeded with FBT cells and once 80–90% confluent, growth
medium was removed, replaced with maintenance medium and
infected with half aliquots of pre-selected foci (the remainder of
each focus being frozen at −20◦C) in duplicate (uninfected cells
and parental LSDV-infected cells were included as controls).

Once the cells were heavily infected (displaying >80%
cytopathogenic effect [cpe]), they were washed gently in PBS,
fixed with ice-cold 70% acetone for 10min (min) and allowed
to dry overnight at 4◦C. The fixed cells were then incubated at
37◦C for 1 h in 10% fat-free milk powder (Elite, Clover, South
Africa) (diluted in PBS) (300 µl/well), washed three times in
Tris-buffered saline (with Tween 20, pH 8.0) (TST) wash buffer
(Sigma, USA) (300 µl/well) and then incubated at 37◦C for 1 h
with 100 µl/well positive RVFV polyclonal sheep serum diluted
1:50 in 10% fat-free milk powder. The washing was repeated
(as above) and the cells incubated for 1 h at 37◦C with 100
µl/well Protein G-conjugated horseradish immunoperoxidase
(Invitrogen, USA) diluted 1:10 000 in 10% fat-free milk powder.
After another round of washing, 100 µl/well of TMB Ready-
to-use substrate (Life Technologies [ThermoFisher Scientific,
USA]) was added for 10min and thereafter the color reaction
development was stopped using sulphuric acid (Merck, USA) and
the OD values were determined using a BioTek ELISA reader
(Model: ELX808) (BioTek, USA) at 450 nm.

OD values for each duplicate set of wells were averaged and
using the negative control well values as a guide, wells with the
highest average OD values were selected as those containing
recombinant virus at or close to homogeneity and expressing
high levels of the RVFV GPs.

Frozen half-aliquots of foci, selected due to their high OD
values, as above, were removed from −20◦C storage, thawed
and frozen three times, and added to fresh uninfected FBT cells.
Released virus was propagated and once cells displayed 100%
cpe, viral and cellular DNA was purified using the Roche Magna
Pure Total nucleic acid extraction kit (Roche, Switzerland)
and a Roche MagNA Pure LC 2.0 extractor according to the
manufacturer’s instructions. Viral foci were then characterized
for homogeneity (free from parental LSDV virus and EGFP and
gptmarker genes) using PCR-amplification of the target insertion
region, as described next.

Polymerase Chain Reaction (PCR) Assay
Detection of recombinant viruses containing the RVFV GP
genes and selection to homogeneity was performed using
conventional PCR. In brief, a primer pair (MP1-F: 5′ – CTC
CTG TAT TTA TAG AAC CTA – 3′; MP1-R: 5′ – GCA
TTA TCA TTA TCG TCA TCA TC – 3′) was designed to
amplify flanking regions of the LSDV TK gene (product size
∼ 1.9 kilo-base pairs [kbp]), into which the RVFV GP genes
were inserted (Supplementary Material 1). Amplification was
carried out using a GeneAmp 2400 thermocycler (Perkin-
Elmer, USA) in a 25 µl reaction volume consisting of 2.5
µl 10X PCR buffer (containing 20mM MgCl2), 2 µl 2.5mM
dNTPs, 0.25U Taq DNA polymerase (TaKaRa Ex TaqTM)
(Takara Biomedicals, Japan), 0.5 µl of each primer [20 pmoles
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each] [Gibco-BRL, UK], 1 µl template DNA (∼ 0.1 ng) and
18.4 µl sterile distilled water. Template DNA was denatured
for 45 s (sec) at 95◦C, primer annealing was carried out at
62◦C for 45 sec, and strand extension was at 72◦C for 7min
(repeated through 35 amplification cycles) (preceded by an initial
denaturation step at 95◦C for 60 s and a final elongation step
at 72◦C for 7min and then holding at 4◦C). PCR products
were separated on a 2% agarose gel containing Ethidium
bromide (EtBr).

Indirect Immunofluorescence Assay (IFA)
The IFA was used to detect the expression of the RVFV
glycoprotein genes from the recombinant virus using the
method described by Wallace (25), The slides were viewed
and images captured using an Olympus BX41 phase contrast
microscope (Olympus, USA) and an Olympus DX10 digital
camera (Olympus, Japan).

Animal Selection, Care, and Housing
The cattle trial was conducted with the approval of the
Agricultural Research Council-Onderstepoort Veterinary
Institute Animal Ethics Committee (approval no. AEC 4.17)
and the South African Department of Agriculture, Forestry
and Fisheries (DAFF) (Section 20 of the South African Animal
Diseases Act [Act No 35 of 1984] permit no. 12/11/1/1/15).

Fifty-six male Holstein-Friesian cross calves, ∼8 months old,
were pre-screened for exposure/presence of LSDV and RVFV
using a conventional PCR for LSDV (26) and a real-time RT-
PCR for RVFV (27), respectively. Serology was also performed for
detecting antibodies to either pathogen. Forty calves were then
selected, purchased and delivered to the ARC–Transboundary
Animal Diseases (TADs) biosafety containment level-3 facilities,
of which twenty were used in this trial.

They were housed in four individual stalls with five animals
per stall. During a 2-weeks acclimatization period, the calves were
monitored for overall health and well-being. Rectal temperatures
were recorded throughout this period and throughout the trial.
The calves were fed daily on a balanced maintenance diet of
bovine pellets and provided with fresh, clean water ad-libitum.
Within the 1st week of arrival, serum samples were obtained
from each calf and retested for the presence of LSDV and RVFV
antibodies, as described. For blood collection, animals were first
mildly sedated with Xylazine-hydrochloride (RompunTm, Bayer
AH, USA) and once calm they were bled via the jugular vein into
EDTA or serum tubes. At the conclusion of the trial, all calves
were euthanised using an overdose of sodium pentobarbitone
(Sigma-Aldrich, USA).

Vaccination and LSD Challenge
The calves were inoculated as described in Table 1. The 10 calves
in Group 1 were mock-vaccinated with 2.0ml vaccine diluent
subcutaneously (SC) (obtained from OBP Ltd, South Africa)
as negative controls, while calves in Group 2 were inoculated
SC with 2.0ml of the LSD-RVF.mf construct at a titer of 1.0 x
103 TCID50/ml.

At 21 day’s post-inoculation (dpi), five of the mock-vaccinated
calves in Group 1 (D1-1 to D1-5) and five of the calves vaccinated

with the LSD-RVF.mf construct in Group 2 (A1-1 to A1-5) were
challenged with 2.0ml of LSDV_WB at a titer of 5.0 × 104

TCID50/ml, clustered at two sites SC, and 2.0ml intravenously
(IV) at a titer of 5.0× 105 TCID50/ml.

Detection of LSDV Viremia
Whole blood was collected from calves on the day of inoculation
and 7 and 14 dpi, and similarly, equivalent days’ post-
challenge (dpc). The blood was aliquoted into sterile 1.5ml
tubes (Eppendorf, Germany). An equal volume of Lysis/binding
buffer from the MagNA Pure LC total nucleic acid isolation
kit (Roche, Switzerland) was added to the blood, which was
then frozen at −20◦C until further use. Once the samples
were thawed, total nucleic acid extraction was performed
using the kit (following its “Total NA HP” protocol) and a
Roche MagNA Pure LC 2.0 extractor, both according to the
manufacturer’s instructions.

Detection of the extracted LSDV DNA was achieved using a
conventional PCR and a GeneAmp 2400 thermocycler (Perkin
Elmer, USA). The method was performed as described by
Viljoen et al. (26). The primer pair (OP3: 5′-CAC CAG AGC
CGA TAA C−3′; OP49: 5′-GTG CTA TCT AGT GCA GCT
AT−3′) was used. This primer pair amplifies a 450 base pair
(bp) region within the wild type LSDV TK gene. Amplification
was carried out using a GeneAmp 2400 thermocycler (Perkin-
Elmer, USA) in a 25 µl reaction volume consisting of 2.0
µl 10X HotStarTaq PCR buffer, 1 µl 2.5mM dNTPs, 2 units
HotStarTaq polymerase (Qiagen, Germany), 1.0 µl of each
primer [20 pmoles each] [Gibco-BRL, UK], 5.0 µl template DNA
(1 ng) and 14.8 µl sterile DNase/RNase free water. Template
DNA was denatured for 45 s (sec) at 94◦C, primer annealing
was carried out at 53◦C for 45 s, and strand extension was
at 75◦C for 60 s (repeated through 35 amplification cycles)
(preceded by an initial denaturation step at 95◦C for 7min). PCR
products were separated on a 2% agarose gel containing Ethidium
bromide (EtBr).

Detection of LSDV in Skin Lesions
Biopsies of skin lesions were collected from the calves as
described by Tuppurainen et al. (28), with some modifications:
instead of suturing the wound, the site was sprayed with
antiseptic spray (Zeropar, Bayer AH, USA) daily for 3 days
following the procedure. Prior to the biopsy, the area was
first sterilized using a cotton swab soaked in 70% ethanol.
Skin lesion samples were sent for immunohistopathology
evaluation specific for detection of LSDV antigen and gross
cellular pathology related to virus infection (Idexx Laboratories,
South Africa).

Humoral Immunity
Sera was recovered from blood collected from all calves on the
day of inoculation, and 7, 11, 17, and 21 dpi, the day of challenge
and 8, 11, 14, and 21 dpc. Detection of antibodies in sera to LSDV
was achieved using the virus neutralization test (VNT) and the
constant virus-varying serum method (29). For RVFV antibody
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TABLE 1 | Calf identity numbers, group numbers, the inoculum used for both inoculation and challenge and their relevant titres and routes and day of challenge.

Animal

number

Group Inoculum (titer) Day of challenge and challenge

virus

Titer

D1-1 1 diluent*

(2.0ml, SC)

Day 21 post-inoculation.

LSDV Warmbaths isolate

5 × 104 TCID50/ml (2.0ml, SC)

&

5 × 105 TCID50/ml (2.0ml, IV)
D1-2

D1-3

D1-4

D1-5

D2-1 diluent*

(2.0ml, SC)

Day 28 post-inoculation.

RVFV strain M35/74

3.0 × 106 TCID50, 1.0ml IV

D2-2

D2-3

D2-4

D2-5

A1-1 2 LSD-RVF.mf

(1,0 × 103 TCID50)

Day 21 post-inoculation.

LSDV Warmbaths isolate

5 × 104 TCID50/ml (2.0ml, SC)

&

5 × 105 TCID50/ml (2.0ml, IV)
A1-2

A1-3

A1-4

A1-5

C2-1 LSD-RVF.mf

(1,0 × 103 TCID50)

Day 28 post-inoculation.

RVFV strain M35/74

3.0 × 106 TCID50, 1.0ml, IV

C2-2

C2-3

C2-4

C2-5

*2.0ml of vaccine diluent, obtained from Onderstepoort Biological products.

detection, the standard VNT (30) was used and two ELISAs–
a RVFV immunoglobulin M (IgM) capture ELISA (31) and an
immunoglobulin G (IgG) indirect ELISA (32).

Cellular Immunity
Whole blood was collected on the day of inoculation, 7 and 14
dpi, the day of challenge and 7 and 14 dpc. Lymphocytes were
isolated and used for bovine IFN-γ ELISPOT and phenotype
analysis as described previously by Kara et al. (22). In both assays
PMBCs (2× 105 cells/well) were stimulated in triplicate with the
LSDV_WB isolate (1 × 105 pfu/well), inactivated whole RVFV
antigen (0.5% [V/V] formaldehyde solution) (10µg/ml, from
OBP LTD, Smithburn vaccine strain) and positive ConA antigen
(5µg/ml, Sigma Aldrich, USA). Responses were measured using
the bovine IFN-γ ELISPOT kit (Mabtech AB, Sweden) as per
the manufacturer’s instructions and spot-forming cells (SFC)
were enumerated using an automated ELISPOT reader (Zeiss
KS ELISPOT Compact 4.5, Germany). Antibodies used for
phenotype determination (at a 1:100 dilution) were mouse anti-
bovine CD45Ro-PE (cell line IL-A116, IgG3, BioRad), mouse
anti-bovine CD8α-FITC (Clone 38.65, IgG1, BioRad), mouse
anti-bovine CD4 primary antibody (cell line GC50A1, IgM,
VMRD Inc, USA) and goat anti-mouse IgM-APC secondary
antibody (1:8 dilution; Invitrogen, UK). Flow cytometry data
acquisition was performed using a MACSQuant R© Analyzer
10 (Miltenyi Biotec) and data were analyzed using Kaluza
2.1 software (Beckman Coulter, USA). Isotypic controls were
included for all isotypes used. The significance of differences

between the average values per group was determined by
means of the Student’s t-test. Differences with P ≤ 0.05 were
considered significant.

RVF Vaccination and Challenge
Twenty-eight dpi the remaining five mock-vaccinated calves in
Group 1 (D2-1 to D2-5) and the five calves inoculated with
the LSD-RVF.mf construct in Group 2 (C2-1 to C2-5) were
challenged intravenously with the virulent RVFV M35/74 strain
at a titer of 3.0× 106 TCID50/ml in 1.0ml (Table 1).

Sera were recovered from blood collected from all calves on
the day of inoculation, and 7, 11, 17, and 21 dpi, the day of
challenge and 3, 6, 9, and 14 dpc, and were evaluated for RVFV-
specific antibodies. Whole blood was collected pre-challenge for
CMI testing, as described.

Detection of RVF Viremia
A RVFV real-time RT-PCR (27) was used for the detection of
RVFV in serum samples that were recovered on the day of
challenge and 3, 6, 9, 14, and 21 dpc.

Total nucleic acid was extracted from serum samples
using the MagNA Pure Total Nucleic Acid Kit (High
Performance) (Roche, Switzerland). The real-time RT-PCR
assay was performed using the LC 480 One-step RNA
Master kit (Roche, Switzerland), as per the manufacturer’s
instructions. The following primers and probe were used:
RVS (Forward): 5′- AAA GGA ACA ATG GAC TCT GGT
CA−3′; RVA (Reverse): 5′- CAC TTC TTA CTA CCA TGT
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FIGURE 1 | LSD-RVF.mf recombinant foci immunostaining of (A) Negative control–an unrelated LSDV-vectored recombinant construct (expressing an antigen of

Mycoplasma mycoides subspecies mycoides small colony) and (B) Sub-culture foci 2a.2 (x100).

CCT CCA AT−3′; RVP (Probe): 5′ –FAM- AAA GCT TTG
ATA TCT CTC AGT GCC CCA A –BHQ−3′. The real-time
RT-PCR reaction mix and the cycling conditions are listed in
Supplementary Material 2.

RESULTS

Recombinant Virus Construction, Selection
and Characterization
The OBP vaccine strain of LSDV was used as the parental virus
with the pLS(EG)-RV insertion plasmid containing the RVFV
GP genes and EGFP and E. coli gpt selection marker genes
to generate recombinant virus through the use of homologous
recombination (Supplementary Material 1) (24). Selection of
foci with EGFP expression under mycophenolic acid (MPA)
selection pressure was achieved through multiple rounds of
plaque picking, followed by the progeny virions being grown in
the absence of MPA to allow for removal of the selection markers.
EGFP fluorescence was rapidly lost from these foci, indicating
occurrence of a second recombination event resulting in either
reversion to parental virus, or recombinant viruses containing the
RVFV GP genes, but with the loss of the EGFP and gpt selection
marker genes - LSD-RVF.mf.

Multiple foci lacking EGFP expression were selected, half
portions of each were frozen at −20◦C and the remainder
subjected to the “Intracellular ELISA” technique developed and
described under the Materials and Methods. Wells containing
foci showing signals (OD values) for the positive RVFV
antiserum which were significantly higher than in duplicate wells
for the negative serum were deemed to be positive for expression
of the RVFV GPs and were further selected and sub-cultured
after filtration and sonication (Supplementary Material 3). DNA
was extracted from a number of sub-cultured foci resulting from
focus 2a.2 and PCR was performed to confirm homogeneity
(Supplementary Material 4). The presence of amplification
products of the correct size (∼ 5.5 kpb) for the recombinant virus
and absence of any amplification products of 1.9 kbp, indicative
of parental virus, provided clear evidence that the sub-cultures
were pure and thus free of parental virus.

Recombinant virus foci were also confirmed for expression of
the RVFV GPs using the IFA, as shown in Figure 1. Only the
LSD-RVF.mf foci were positive for RVFV protein expression.

Sub-culture focus 2a.2_6 was finally selected for a stability
study, in which it was passaged 10x in cell culture and retested
for RVFV GP expression and homogeneity (data not shown),
and it was shown to be stable, homogeneous and expressing the
RVFVGPs. This recombinant virus was then grown to high titres,
aliquots made and stored at−20◦C, until further use.

Vaccine Safety in Cattle
All animals tested negative for the presence of either LSDV or
RVFV by the methods used for pre-screening, and were deemed
to be in good health at the outset of the trial.

No erythema or abscesses were observed in any of the negative
control animals, post-inoculation. Two of the 10 animals in the
vaccinated group (with LSD-RVF.mf) (animals A1-3 and C2-
1) developed a mild local reaction at the site of inoculation
at 7 dpi. In animal A1-3, this presented as a swelling (2 ×

3 cm in size), which persisted to 15 dpi, after which it began to
resolve and by 26 dpi it was completely resolved. Animal C2-1
presented with a single injection-site swelling, 1.5 × 1.5 cm in
size. A biopsy sample from this region was not positive for LSDV
antigen via immunohistochemistry (IHC) staining. No pyrexia
(temperature > 39.5◦C) was observed in any of the vaccinated
animals (Figure 2), nor was it possible to detect LSDV nucleic
acid in blood via conventional PCR from the vaccinated group of
animals at 7 or 11 dpi.

Protection Against LSDV Challenge
LSD Clinical Evaluation
Following virus challenge with the virulent LSDV_WB isolate, an
increase in rectal temperatures indicative of pyrexia (>39.5◦C)
was observed in 4/5 of the mock-vaccinated negative control
calves (Figure 3A). Animal D1-4 and D1-5, at 8 dpc and 4
dpc, respectively, had temperatures above 40◦C. The febrile
response lasted for 4 days in animal D1-5, while the temperature
normalized the following day in animal D1-4. In the calves
vaccinated with LSD-RVF.mf (Figure 3B) an increase in rectal
temperatures indicative of pyrexia was observed in all calves,
except animal A1-5, at 24 h post-challenge. The febrile response
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FIGURE 2 | Average temperatures of calves following vaccination with LSD-RVF.mf vaccine and mock vaccination with PBS. No increased rectal temperatures

indicative of pyrexia (>39.5◦C) were observed for any of the calves.

FIGURE 3 | (A) Temperatures of mock-vaccinated calves following challenge with the virulent LSDV_WB isolate. Increases in rectal temperatures indicative of pyrexia

(>39.5◦C) were observed in calf D1-4 and D1-5 at 8 and 4 dpc, respectively. Febrile responses lasted for 4 days in animal D1-5, while the temperature normalized the

following day in animal D1-4. (B) Temperatures of calves vaccinated with LSD-RVF.mf following challenge with the virulent LSDV_WB isolate. Increases in rectal

temperatures indicative of pyrexia were observed in all calves, except animal A1-5, at 1 dpc. Febrile responses (in the range of 39.6–40.3◦C) lasted for a single day,

with temperatures normalizing by the following day.

(in the range of 39.6–40.3◦C) lasted for a single day with
temperatures normalizing the following day.

LSD Viremia
Viremia was assessed using detection of LSDV DNA in
blood using conventional PCR. Viral nucleic acid was not
detected in the control or the LSD-RVF.mf-vaccinated group via
conventional PCR at any time points tested, post-challenge.

LSDV-Specific Antibody Responses Following

Vaccination and Challenge
Sera were evaluated at multiple time points following vaccination
and challenge. No measurable neutralizing antibodies were
detected in the mock-vaccinated group after inoculation,
however, neutralizing antibody titres were observed in all five
animals by 11 dpc, with the highest levels observed at 21 dpc

(Figure 4A). Following vaccination with LSD-RVF.mf, LSDV-
specific virus neutralizing antibodies were detected as early as 11
dpi in animals A1-2 and A1-5 (Figure 4B). All five animals sero-
converted by 17 dpi. A significant increase in titres were observed
following challenge in three animals by 14 dpc.

LSDV- and RVFV-Specific Cellular Immune

Responses
PBMCs were collected from calves on the day of inoculation (day
0), 7 and 14 dpi, and 7 and 14 dpc (Figure 5). ELISPOT analyses
showed increased levels of IFN-γ-producing cells at 14 dpi in
two animals (A1-3 and A1-4) from Group 2 (the vaccinated and
LSDV-challenged group: animals A1-1 to A1-5) when stimulated
with LSDV antigen (Figure 5A). Increased numbers of IFN-γ -
producing cells were detected in Group 2 calves post-challenge,
with higher expression levels in the vaccinated group being
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FIGURE 4 | LSDV-neutralizing antibody titres in calves. (A) Mock-vaccinated animals had no detectable virus neutralizing antibody levels at any days’ post-inoculation

(dpi) and are therefore not represented on the graph. However, neutralizing antibody titres were observed in all animals by 11 days’ post challenge (dpc) with the

highest levels observed at 14 and 21 dpc. (B) All calves inoculated with the LSD-RVF.mf vaccine sero-converted by 17 dpi with two animals sero-converting as early

as 11 dpi. A significant increase in titres were observed following challenge in three animals by 14 dpc.

FIGURE 5 | Interferon-γ (IFN-γ) responses in PBMCs collected from calves. (A) Group 2 (vaccinated and LSDV challenged) animals’ PBMCs stimulated with LSDV.

(B) Group 2 (vaccinated and RVFV challenged) animals stimulated with Rift Valley fever virus (RVFV) antigen. Averages for the Group 1 (mock-vaccinated control

animals: D1-1 to D1-5) are depicted in the line graph in both panels. PBMCs were isolated for IFN- γ responses on the day of inoculation (Day 0), 7 and 14 dpi, and 7

and 14 dpc. The average spots per million cells (spmc) for 5 calves are represented for ELISPOT as a bar graph while individual animals’ data are also indicated at

each time point. Significant differences, as compared to the average 0 dpi data with P ≤ 0.01, are indicated with**.

recorded (Figure 5A). Numbers of IFN-γ-producing cells were
significantly increased at 7 dpi when stimulated with RVFV
antigen (Figure 5B) in Group 2 animals (vaccinated and RVFV
challenged animals: C2-1 to C2-5). Animals in Group 1 (mock–
vaccinated: D1-1 to D1-5) challenged with LSDV also showed
an increase in IFN-γ -producing cells post-challenge when
stimulated with LSDV antigen (Figure 5A, line graph), while
IFN-γ secretion was absent in the PBMCs of the same animals
after stimulation with RVFV antigen. The vaccinated group
challenged with virulent RVFV (Group 2: C2-1 to C2-5) was not
immunologically monitored after challenge due to safety risks.
Phenotypic analysis to determine memory T cells indicated that
animals in Group 2 (vaccinated and LSDV-challenged animals:
A1-1 to A1-5) had a significant increase in both CD4+CD45Ro+
and CD8+ CD45Ro+ memory T cells at 7 dpi and 14 dpc
after stimulation with LSDV antigen (Figures 6A,B). PBMCs
stimulated with RVFV antigen only showed an increase in CD8+
CD45Ro+ memory T cells at 14 dpi, while no CD4+ memory

T cells were detected (Supplementary Material 5). No memory
cells specific to LSDV or RVFV antigen were detected in Group
1 (mock-vaccinated animals: D1-1 to D1-5), as indicated in
Figures 6A,B, line graph.

Protection Against RVF Challenge
RVF Clinical Evaluation
Animals in the control (mock-vaccinated) group and the
vaccinated group responded with pyrexia following challenge,
although the mean rectal temperatures were higher in the
control group, with peak temperatures occurring in all animals
3 days’ post-challenge (dpc) followed by a decline back
to baseline (Figure 7A). Animals C2-2 and C2-3 in the
vaccinated group developed fevers above 41◦C at 3 dpc
(Figure 7B).

All animals in the control group displayed typical clinical
signs of RVFV infection, such as inappetence and occasional
sternal recumbency. Control animal D2-2’s temperature peaked
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FIGURE 6 | Phenotypic analysis of memory T cells in PBMCs collected from calves. (A) CD4+ CD45RO+ cells and (B) CD8+ CD45RO+ cells in Group 2 (vaccinated

and LSDV challenged animals) when PBMCs were stimulated with LSDV. Averages for the Group 1 (mock-vaccinated control animals: D1-1 to D1-5) are depicted in

the line graph in both panels. PBMCs stimulated with antigen were normalized against unstimulated PBMCs. Significant differences, as compared to the negative

control group with P ≤ 0.01, are indicated with**.

FIGURE 7 | Temperature responses in vaccinated and mock-vaccinated animals following virulent RVFV challenge. (A) Rectal temperatures of individual animals in the

control mock-vaccinated group. (B) Rectal temperatures of individual animals in the vaccinated group.

at 42.2◦C and it developed diarrhea 6 dpc. One control
animal (D2-5) died at 5 dpc and was immediately necropsied.
The carcass was bloated and partially autolyzed. The liver
had multiple coalescing pale areas of necrosis surrounded by
hemorrhagic hepatic parenchyma. Petechiae of the mucosa of
the gall bladder and diffuse hemorrhaging of lymph nodes
were observed – thus, the cause of death was linked to acute
RVFV infection. Liver, kidney and spleen samples were sent
for histopathology and IHC staining and evaluation related
to RVFV infection (Idexx Laboratories, South Africa). Positive
staining for RVFV antigen was detected in pooled organ samples
from this animal, further supporting cause of death linked to
RVFV infection.

None of the animals in the vaccinated group showed clinical
symptoms, besides pyrexia, typical of RVFV infection. No gross
pathology consistent with RVFV infection was observed in
organs of the remainder of the animals in the control group or
in any of the animals in the vaccinated group, upon necropsy
following euthanasia.

RVF Viremia
Viremia was assessed by detecting RVFV genomic sequences in
sera using qRT-PCR. Viral genomes were detected in the mock-
vaccinated calves 3 dpc in four of the five animals (not detected in
animal D2-1) (Figure 8A). Peak levels of RVFV occurred at this
time point formost animals as indicated by lowCt values. Animal
D2-5 displayed the lowest Ct value at 3 dpc, and succumbed to
RVFV infection by 5 dpc. In contrast, RVFV was detected in two
of the five animals (C2-2 and C2-3) in the vaccinated group and
displayed higher Ct values than the mock-vaccinated group at 3
dpc (Figure 8B). By 6 dpc, RVFVwas detected in only one animal
(C2-1) at a low level, as indicated by the high Ct value.

RVFV-Specific Antibody Responses Following

Vaccination and Challenge
The mock-vaccinated animals had no detectable virus
neutralizing antibody levels post-inoculation. Virus neutralizing
titres post-challenge were higher in the vaccinated group than
in the mock-vaccinated group by 6 dpc (Figure 9A). Rift Valley
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FIGURE 8 | Viremia in vaccinated and mock-vaccinated calves following virulent RVFV challenge. ND, not detected and indicates the animal number. Dashed line

(- - - -) denotes cut-off point between positive (below line) and negative (above line). (A) - qRT-PCR Ct values for mock-vaccinated animals and (B) vaccinated animals

after challenge with RVFV.

FIGURE 9 | RVFV neutralizing antibody titres in calves. (A) Mock-vaccinated animals had no detectable virus neutralizing antibody levels at any days’ post-inoculation

(dpi) and are therefore not represented on the graph. Highest levels of neutralizing antibody titres were observed in all animals by 9 dpc. Animal D2-5 is not shown on

the graph as neutralizing antibodies were not detected at 3 day’s post-challenge (dpc), however, the animal died of acute RVF at 5 dpc. (B) Three calves inoculated

with the LSD-RVF.mf vaccine sero-converted post-vaccination. A significant increase in titres were observed following challenge in all animals by 9 dpc (testing was

performed up to a limit of 1:320 serum dilution, thus all final titres are higher).

fever virus neutralizing antibodies were present in three of
the five calves (Figure 9B) after vaccination, which increased
significantly after challenge by 6 dpc.

The sera were also evaluated for antibodies to RVFV using two
ELISAs (an IgG and IgM ELISA) utilizing recombinant RVFV
nucleoprotein (rNP) as antigen (Figures 10, 11). As expected,
first IgM antibodies were detected, from 3 dpc, and then IgG
antibodies, from 6 dpc, since the recombinant LSDV-vectored
RVF vaccine expresses the viral GPs, and not the NP. IgM
antibody levels rapidly decreased from 9 to 14 dpc, then rose
around 21 dpc. The IgG antibody levels (Figure 11) rapidly rose
between 14 and 21 dpc for both mock-vaccinated and vaccinated
groups, although not for all animals.

DISCUSSION

Lumpy skin disease is no longer an “African” disease, as it
has spread into the Middle East, Eastern Europe, the Balkans,
Russia and Kazakhstan, with rapid recent spread into China,
Bangladesh and India, which significantly increases the risk

of LSD spreading into the remaining free countries in Asia.
Currently, only the Americas, Western Europe, Australia, New
Zealand, Indo-Pacific islands, amongst others, can claim to
be LSD-free. However, these regions face a constant threat of
inadvertent or intentional introduction.

In contrast, so far Rift Valley fever has remained within Africa,
except for infrequent spread to Saudi Arabia and Yemen in
the Middle East. It is possible that Rift Valley fever virus could
spread into new regions, including the Americas, as was the
case with West Nile virus. Increasing socio-political unrest and
bioterrorism have drastically increased the risk for further spread
of the disease.

Vaccination is the proven method for controlling both human
and animal diseases, and its use has been demonstrated to
successfully control LSD and RVF. Although efficacious vaccines
exist for both, due to the sporadic nature of RVF outbreaks
requiring factors such as weather and mosquito vectors acting
together to produce a “perfect storm,” vaccination against the
disease is not practiced consistently. This results in increasing the
susceptible ruminant population over time. Outbreaks of LSD,
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FIGURE 10 | Immunoglobulin M (IgM) host antibody responses demonstrated using a RVFV-specific recombinant nucleoprotein (rNP) capture enzyme-linked

immunosorbent assay (ELISA). (A) Mock-vaccinated calves and (B) LSD-RVF.mf-vaccinated calves.

FIGURE 11 | Immunoglobulin G (IgG) host antibody responses demonstrated using a RVFV-specific recombinant nucleoprotein (rNP) indirect enzyme-linked

immunosorbent assay (ELISA). (A) Mock-vaccinated calves and (B) LSD-RVF.mf-vaccinated calves.

by contrast, generally occur annually, therefore vaccination is
practiced more regularly. For many smallholder farmers across
Africa, the high cost of vaccines, lack of education on their
many benefits, and limited access and available infrastructure
to enable their proper storage at low temperatures, are some
factors which impede their regular use. In addition, not all
governments provide aid to support vaccination programs. The
development and use of multivalent and combination vaccines in
the medical and veterinary field have offered a partial solution to
these problems. Lumpy skin disease virus has been investigated
for its ability to perform as a stable and versatile vaccine delivery
platform, as has been the case for other poxviruses such as
vaccinia virus and canarypox virus, but with the added advantage
of providing additional protection against LSD – and, sheep- and
goat-pox (12). Since vaccination for LSD is routinely practiced,
having a bivalent- or multivalent-vectored vaccine based on
LSDV has advantages compared to conventional vaccination
using multiple vaccines.

In the past, we developed and evaluated recombinant LSDV-
vectored vaccines, including one expressing the protective
glycoproteins (GPs) of RVFV, with retention of the selectable
markers used for their generation and selection to homogeneity
(15). However, due to environmental concerns regarding release

of products containing genes that confer resistance to drugs (such
as the E.coli gpt gene), we have since redesigned our transfer
vector plasmid to enable a second round of recombination
after removal of selection pressure (called transient dominant
selection) to remove the markers, resulting in a marker-free
recombinant. This was performed in our laboratory for a new
recombinant vaccine construct expressing the protective GPs of
RVFV, called LSD-RVF.mf, as described in this paper.

This study demonstrates that the LSD-RVF.mf vaccine was
safe in cattle. It was not detected in the blood following
vaccination, indicating that the vaccine is attenuated, unlike
virulent LSDV, which can be detected in blood following
infection. The LSD-RVF.mf vaccine elicited protective immunity
against both LSDV and RVFV challenge. It is likely that both
antibody (humoral) and cell-mediated immunity elicited by the
LSD-RVF.mf vaccine are important for protection against both
diseases. Low levels of neutralizing antibodies specific for LSDV
and RVFV were elicited by the LSD-RVF.mf vaccine prior to
challenge. Protection against RVFV challenge in the vaccinated
group of animals appears to be associated with neutralizing
antibody development to the virus.

Cellular immunity was measured using the same parameters
as described in a related study (22). ELISPOT assays were used
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to determine the number of IFN-γ-producing cells in calves and
the results demonstrated that LSD-RVF.mf-vaccinated animals
had higher numbers of IFN-γ-producing cells compared to
calves in the control groups following challenge with LSDV and
stimulation with LSDV antigen. The increased number of IFN-
γ-producing cells correlated with increased CD4+ and CD8+
memory T cells in PBMCs of the vaccinated animals post-
challenge. Production of IFN-γ by memory T cells is a key
element required for the control of virus infections (33). It was
also demonstrated that the PBMCs of vaccinated calves produced
IFN-γ 7 dpi when stimulated with RVFV antigen and a RVFV-
specific memory CD8+ T cell response was detected at 14 dpi.
The production of IFN-γ may be considered as a key factor
for survival in RVFV infection. It has been shown that IFN-γ
treatment can reduce RVF infection in rhesus monkeys (34) and
in other monkey models early production of IFN-γ and CD8+
T cells were detected in survivors (35). The source of IFN-γ at 7
dpi is most likely NK cells (36), but CD8+ T cells cannot be ruled
out, since elevated levels of both were detected in the PBMCs of
calf C2-4 at 7 dpi.

This study demonstrates that the currently used commercial
OBP LSD vaccine can be used as a vaccine vector in cattle for
RVFV protective antigens. This vaccine has DIVA capability for
RVF enabling improved surveillance of RVF. This vaccine also
has the potential to improve vaccination coverage for RVF, as the
current vaccines are not used consistently, due mainly to cost
factors. Further work is required for registration of this vaccine
to allow it to be used in the field, although it has undergone
small-scale batch formulation and the process parameters
at a small scale have been determined by Onderstepoort
Biological Products (OBP Ltd) in South Africa. The vaccine
is safe to use and protects cattle against LSD and RVF, as
demonstrated in this pilot phase cattle trial. However, recent
updates in regulatory requirements for the biological license
application for new veterinary vaccines necessitates additional
regulatory process undertakings toward product registration for
a marketing license in terms of the Medicines and Related
Substances Act, 1965 (Act No. 101 of 1965), as gazetted by
the government of South Africa. This will require vaccine
pilot batch production, including master seed characterization
and clinical validation of this vaccine batch in cattle for
safety and efficacy. Plans are in progress to enable these
additional studies.
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Since the discovery of Rift Valley Fever virus (RVFV) in Kenya in 1930, the virus

has become widespread throughout most of Africa and is characterized by sporadic

outbreaks. A mosquito-borne pathogen, RVFV is poised to move beyond the African

continent and the Middle East and emerge in Europe and Asia. There is a risk that

RVFV could also appear in the Americas, similar to the West Nile virus. In light of

this potential threat, multiple studies have been undertaken to establish international

surveillance programs and diagnostic tools, develop models of transmission dynamics

and risk factors for infection, and to develop a variety of vaccines as countermeasures.

Furthermore, considerable efforts to establish reliable challengemodels of Rift Valley fever

virus have been made and platforms for testing potential vaccines and therapeutics in

target species have been established. This review emphasizes the progress and insights

from a North American perspective to establish challenge models in target livestock such

as cattle, sheep, and goats in comparisons to other researchers’ reports. A brief summary

of the potential role of wildlife, such as buffalo and white-tailed deer as reservoir species

will also be discussed.

Keywords: Rift Valley Fever virus, RVFV, vaccine, cattle, sheep, goat, deer, ruminants

BACKGROUND AND INTRODUCTION

In the last 20 years there has been a re-emergence of various well-known arboviral diseases, many of
which are zoonotic in nature, such asWest Nile, Japanese encephalitis, Rift Valley fever, Venezuelan
equine encephalitis, and Eastern equine encephalitis (1). Among these, Rift Valley fever (RVF) is
considered a significant threat to animal and public health, economy, and food (2–4). Rift Valley
fever was first reported in Kenya in 1930 (5), and has since created sporadic outbreaks in cattle and
small ruminants with associated zoonotic spread to humans in sub-Saharan Africa. The disease
first came to global attention during an outbreak in Egypt in 1977–78, involving at least 200,000
human infections (6). It was during the Egyptian outbreak when ocular degeneration was first
associated with RVFV infections in humans (7). Global concerns were raised when RVF virus
(RVFV) spread to Saudi Arabia and Yemen in 2000 (8) as well as during an outbreak in East
Africa (Kenya, Tanzania, Somalia, and the Sudan) in 2006/7 (9–13). Since then there have been
outbreaks in Madagascar (3), Mauritania 2010 (14), Namibia 2010 (15), South Africa 2008–2011
(16),Mozambique 2014 (17), Republic of Niger 2016 (18), and Kenya 2018 (WHO). The presence of
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the disease, especially during outbreaks, has significant socio-
economic impact in endemic regions (19, 20). This along with
the potential risk of RVFV importation into Europe and the U.S.
(4) as well as its potential use as a biological weapon (21, 22), has
led to intensified research on developing mitigation strategies.
Developing such strategies requires a detailed understanding of
the mosquito-transmitted virus that causes RVF disease.

RVFV is endemic in Sub-Saharan Africa and continues to
cause sporadic outbreaks that are of veterinary and public health
concern. Although RVFV is primarily a disease of domestic and
wild animals, there can be spillover to humans during outbreaks
than can lead in rare cases to lethal hemorrhagic disease in
humans. RVFV outbreaks occur in 7–10 year cycles presumably
as the number of seropositive animals in the population decrease,
and/or ideal weather conditions for the mosquito vectors are
present. It has also been suggested that recently emerged strains
of RVFV might be more virulent to humans (23). Thus, RVF
is clearly a disease that requires a “One Health” approach to
mitigation strategies (24, 25) as it is a potential threat to animal
and public health, economy, and food security (4, 25–27).

Outbreaks of RVF occur when conditions are ideal for
mosquito expansion and virus transmission. Aedes mcintoshi
mosquito species are thought to initiate epizootic outbreaks
because of their transovarial transmission capability (28). Once
the outbreak has been established, it can then be maintained
by Aedes and other species (e.g., Culex and Mansonia) which
can both replicate and transmit the virus (29). Although
this is a well-accepted hypothesis for RVFV maintenance,
transovarial transmission has only been demonstrated in one
study. Alternatively, the mosquito to animal transmission
cycle could be continuous at low levels and only become
observed when ideal environmental conditions occur. The
importance of understanding the potential role of transovarial
transmission in mosquito-borne viruses has been reviewed (30).
An increasing number of studies have also identified other species
of mosquitoes that are either susceptible to RVFV and/or are
capable of transmitting RVFV in the Anopheles, Mansonia, and
other mosquito genera (13, 31). North American species such
as Aedes canadensis, Aedes taeniorhynchus, and Culex tarsalis
(32–34) and the stable fly species Stomoxys calcitrans (33)
have also been shown to be capable of transmitting RVFV.
The control of mosquitoes involved in RVFV transmission is
complex because there are numerous mosquito species present
in endemic and non-endemic areas that are capable of virus
infection and transmission [reviewed in Linthicum et al. (29)],
and continuous low-level transmission of RVFV to domestic and
wild animals in endemic areas may also help maintain the virus.
Other species that may play a role in RVFV ecology and have
been reported to be susceptible to RVFV are mice, rats, shrews,
dormice, and bats (35–40). Additional wild animal species that
have been investigated include the African buffalo, primates,
elephants, rhinoceros, deer, and coyotes (41–45). However, it
is difficult to determine the role of susceptible wild animals in
maintenance and transmission of RVFV. Based on a risk model,
transmission and seroprevalence rates in both domestic and wild
animals correlate positively with the risk of zoonotic infection of
people (46).

RVFV is in the order Bunyavirales (Phenuiviridae; genus
Phlebovirus), with a genome consisting of three negative-sense,
single stranded RNA segments; L (large), M (medium), and
S (small). The L segment encodes the RNA-dependent RNA
polymerase (47). The M segment encodes the precursor protein
of two structural glycoproteins, Gn and Gc, which are present
on the virus surface. Cleavage of the precursor protein leads to
two additional non-structural proteins of 78 kDa (P78 or LGp)
and 14 kDa (NSm) in molecular mass (48–51). The Gn and Gc
form heterodimers on the virus surface (52) and are involved
in attachment of the virus to the host cell (53, 54). The NSm
has been shown to inhibit apoptosis but is not essential for virus
replication (55). Although also not critical for RVFV virulence,
lack of NSm did reduce mortality and increase the number of
animals demonstrating neurological disease in subcutaneously
infected rats (56) and NSm mutated viruses were attenuated
in intraperitoneally infected mice (57). The LGp/P78 protein,
which is not associated with RVFV virulence in mice, is packaged
into viruses grown in C6/36 (Aedes albopictus) insect cells, but
not in mammalian cells, and is a major determinant of virus
dissemination in mosquitoes (57, 58). Interestingly, additional
studies showed that NSm is involved in virus replication and
dissemination in Aedes aegypti mosquitoes (59, 60). The S
segment utilizes an ambisense strategy encoding the nucleocapsid
(N) protein in the anti-sense direction and the NSs protein in
the sense direction (61). The N protein is the most abundant
protein in the virion and plays a key role in transcription
and replication and reconstitutes the ribonucleoprotein (RNP)
complex together with the vRNA and the L protein (62). The
N protein is immuno-dominant and is used as an antigen for
diagnostic assays (63). The NSs protein has immunomodulatory
functions and acts as interferon-antagonist via the inhibition of
host gene transcription (64–66). The NSs protein is produced
early during RVFV infection and has also a positive effect on viral
replication and RNA transcription (67). The above described
studies indicate that both, LGp/P78 and NSm seem important
for virus maintenance in mammalian and insect hosts, and that
NSs is an important virulence factor. This information led to the
development of a NSm and NSs double deleted virus that was
shown to be attenuated in rats (68). When used as a vaccine,
RVF virus containing NSm and NSs deletions were shown to be
safe and non-teratogenic in pregnant sheep as well as protective
against the development of viremia and RVF disease (69). These
findings are supportive of the mechanistic studies in but since
just rodent model systems; however, there have been only a few
studies directed at understanding of the molecular basis of RVFV
virulence and molecular pathogenesis in target livestock species.

RVFV research conducted in target livestock species has
been primarily focused on the development of diagnostics and
vaccines. As a result of the 2006/2007 RVF outbreak in Kenya
(12, 70), this disease garnered increased attention from global
scientific communities. This has led to an increased focus on
identifying North American mosquito species that are capable of
being infected and able to transmit RVFV, as well as improving
RVFV diagnostic tools (71–75), developing better risk models for
RVF (76–79) and evaluating these models using seroprevalence
data (46). Several studies have also published data demonstrating
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TABLE 1 | Rates of mortality in animals during recent RVFV outbreaks.

Cattle Sheep Goats Camels Buffaloes Wild species

Niger 2016 (18) X

Mozambique 2014 (17) x 8 abortions; 7

neonatal deaths

42 abortions; 5

neonatal deaths

x x X

Senegal 2013 (93) 0% mortality x 19–33%

mortality

x x 37.5% mortality

South Africa 2010–11* (94) 61% mortality 62% mortality 55% mortality 100% mortality 100% mortality 100% mortality

Kenya 2006–07 (12) 14% mortality X x X

Mauritania 2003 (9) x 70% abortions X x X

Mauritania 1998 (95) 4.6% abortions 9.7% abortions 47.4% abortions 20.6% abortions x X

*The field-study sites were selected for farms that had high numbers of deaths (96).

%mortality, deaths/confirmed cases; x, no data available.

that RVFV circulates in endemic countries during inter-epidemic
periods (43, 80, 81).

Currently, there are modified live virus (MLV) or attenuated
(82, 83) and inactivated/killed vaccines licensed for veterinary use
in RVFV endemic countries and one attenuated MLV vaccine
with a conditional license in the United States (USDA-APHIS,
CVBNotice 13-12). Since various RVFV vaccine approaches were
recently reviewed in several publications (25, 84–86), they will
be only discussed briefly here. Other recent reviews have focused
on the molecular biology, reassortment capacity, diagnostics, and
vaccines (86, 87). Thus, this review will focus on the development
of target livestock infection models.

DEVELOPING RVFV INFECTIONS IN

TARGET SPECIES

The animals most susceptible to RVFV consist of ruminants
such as sheep, goats and cattle, as well as camels, buffaloes, and
humans (88). These animals all produce viremia upon infection
with clinical signs that typically range from asymptomatic to
moderate and high severity to death; in addition, pregnant
animals suffer from high rates of abortion (17, 89–91). Although
the documentation of confirmed RVFV cases, deaths and
abortions in animals has been sparse, recent studies with
confirmed RVFV antibody status have provided estimates of
animal mortality rates during different outbreaks [(92); see
Table 1].

Early work on RVFV livestock infections was done in South
Africa (89, 90, 97), and a few RVFV experimental infections
of livestock were conducted in the 1970/80s at the Plum
Island Animal Disease Center (USDA) (98). These early studies
included safety and efficacy trials for both inactivated (98) and a
mutagen-attenuated MLV vaccine (99, 100). No RVFV infection
studies using livestock had been conducted on the mainland
of North America since these earlier studies. In 2006, the
Canadian Food Inspection Agency (CFIA) and the United States
Department of Agriculture (USDA) were tasked with developing
target animal infectionmodels to develop and evaluate diagnostic
and control strategies. The procedures and models developed
through this cooperative research were then transferred to the

Biosecurity Research Institute (BRI) at Kansas State University
(KSU) through collaboration with the Center of Excellence for
Emerging and Zoonotic Animal Diseases (CEEZAD) at KSU. The
results of this ongoing three-way collaboration are reviewed here
and discussed within context of the literature.

There are several traits desirable in a veterinary RVFV
vaccine, but at a minimum the vaccine should protect against
abortions in pregnant animals and should prevent viremia to
avoid transmission. In addition, the vaccine should be safe and
efficacious in the most vulnerable target species and groups,
that is, in fetal and newborn animals. For example, RVFV
can be transmitted vertically from pregnant ewes to their fetus
(101). Newborn lambs also remain highly susceptible to RVFV
after they have been weaned as they lose any protection from
maternally-derived antibodies. As weaning can occur any time
between 3 weeks and 4 months, the earlier a vaccine can be given,
the better. Therefore, in developing challenge models, these are
important aspects of the disease that should be considered. For
example, previous studies have utilized pregnant ewe models
to evaluate whether experimental attenuated or MLV vaccines
cross the placenta (102) and are safe to administer during
pregnancy. Although this model is highly susceptible to RVFV
and is useful for evaluating vaccine safety, using pregnant
animals in high containment animal rooms (i.e., BSL-3Ag) is
logistically challenging. Therefore, alternative models have also
been developed and will be discussed.

SHEEP MODEL DEVELOPMENT

Several challenge models have been developed in 2–3 month old
lambs that display significant pathology that is typical of RVFV.
For example, Kortekaas et al. has utilized intravenous (103–105)
and intraperitoneal inoculation (106) of the recombinant 35/74
RVFV isolate grown in mammalian cells in Texel, Romane, and
other European breeds at 105 TCID50. The challenge controls in
these studies developed peracute clinical signs and fever, viremia
for 4–6 days with peak titers of 105-106 TCID50, and virus was
detected in the liver. Clinical markers also indicated elevated
levels of plasma alkaline phosphatase and alanine transferase
(hepatic dysfunction) as well as blood urea nitrogen and

Frontiers in Veterinary Science | www.frontiersin.org 3 May 2020 | Volume 7 | Article 238264

https://www.frontiersin.org/journals/veterinary-science
https://www.frontiersin.org
https://www.frontiersin.org/journals/veterinary-science#articles


K
ro
e
ke

r
e
t
a
l.

A
g
ric

u
ltu

ra
lR

V
F
V
V
a
c
c
in
e
s

TABLE 2 | Summary of included sheep studies involving RVFV challenge.

Breed Age Virus

isolate

Route Infection

dose

Cells* Viremia

length

Viremia

peak

Organs

infected**

Clinical

chemistry***

Shedding Deaths References

Dorper-Katahdin X 4–5m SA01 SC 106 pfu I 2d 104 pfu/ml B, L, S, H BUN No N (113)

Dorper-Katahdin X 4–5m Ken06 SC 106 pfu I 5d 107 pfu/ml B, L, S, H AST, BUN Nasal VI No

Polypay 4–5m Ken06 SC 2 × 106 pfu I 4d 107 pfu/ml L, S AST, BUN n.a. 3/5

Rideau-Arcott 4–6m ZH501 SC 105 pfu M 3d 105 pfu/ml n.a. n.a. n.a. No (112)

Rideau-Arcott 4–6m ZH501 SC 105 pfu I 2d 105 pfu/ml n.a. n.a. n.a. No

Rideau-Arcott 4–6m ZH501 SC 107 pfu M 1d 103 pfu/ml n.a. n.a. n.a. No

Rideau-Arcott 4–6m ZH501 SC 107 pfu I 4d 105 pfu/ml n.a. n.a. n.a. No

Dorper 4–6m 56/74 SC 106 pfu n.a. n.a. n.a. n.a. n.a. n.a. No (115)

Texel-X 2–3m rec35/74 IV 105 TCID50 M n.a. n.a. L,S n.a. n.a. 3/7 (105)

Romane 2–3m rec35/74 IV 105 TCID50 M n.a. 106 TCID50 L, S, K, A,

Lu, LN

n.a. n.a. 3/8 (103)

Texel 2–3m rec35/74 IV 105 TCID50 M n.a. n.a. L, B n.a. n.a. 1/8 (104)

European 6 wks rec35/74 IP 105 TCID50 M 9d 105 TCID50 L ALP, CK,

BUN

n.a. 1/6 (106)

n.a. 2m 56/74 SC 106 TCID50 I 5d 106 TCID50 n.a. n.a. n.a. 2/8 (111)

Colmenarena 3m 56/74 SC 105 TCID50 I 4d 106 TCID50 n.a. BUN, ALB n.a. 1/5 (110)

Ripollesa 2–3m 56/74 SC 105 TCID50 M 4d 106 TCID50 n.d. n.a. Nasal and oral VI No (109)

Ripollesa 2–3m 56/74 SC 105 TCID50 M n.a. n.a. K n.a. Nasal and oral RNA No (107)

Ripollesa 2–3m 252/75 SC 105 TCID50 M n.a. n.a. K n.a. Nasal and oral RNA No

Ripollesa 2–3m AN1830 SC 105 TCID50 M n.a. n.a. K n.a. Nasal and oral RNA No

Ripollesa 2–3m AR20368 SC 105 TCID50 M n.a. n.a. K n.a. Nasal and oral RNA No

*M, mammalian cell culture; I, insect cells culture.

**B, brain; L, liver; S, spleen; H, heart; Lu, lung; LN, lymph node; K, kidney; A, adrenal gland.

***ALP, alkaline phosphatase; CK, creatinine kinase; BUN, blood urea nitrogen.
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creatinine (renal dysfunction) (106). Pathology varied between
different individual animals as is typically seen in studies with
ruminants, but heavily affected the liver, and could also include
abdominal hemorrhage, pulmonary edema and petechiae in the
spleen, heart and lungs (104). Notably, these studies indicated
an overall rate of 20% mortality with up to 70% mortality in
some studies. Other pathological findings have been found in a
study where 2–3 month-old lambs were infected with various
field isolates (56/74, 252/75, AN1830, AR20368) and included
the development of corneal opacity (107). A study with the
Zinga isolate also induced severe clinical signs characterized by
hyperactivity, watery and mucoid nasal discharges, projectiles
and bloody diarrhea, external hemorrhage and neurological
signs (108).

Other groups have developed 2–3 month old challenge
models with the 56/74 RVFV isolate in Ripolessa (107,
109), Colmenarena (110) and other (111) sheep breeds using
subcutaneous inoculation at 105-106 TCID50. Similarly, these
animals also developed clinical signs and fever and viremia
for 4–5 days with peak titers of 105-106 TCID50. Interestingly,
two of these studies detected oral and nasal shedding of viral
RNA between one and 7 days post infection (107, 109) with
a few samples also leading to viral isolation (109); one of the
uninfected sentinel animals even became seropositive suggesting
that horizontal transmission may have occurred. The only other
study to report horizontal transmission in sheep is after challenge
with the Zagazig strain (98). While the studies by Busquets
utilized passage 12 virus stocks grown in mammalian cells and
had no deaths, the two studies by Chrun and Lorenzo had∼20%
mortality and both used passage 5 mosquito-cell derived viral
stocks. Since these three studies were performed independently
in different breeds of sheep, it is not possible to directly compare
these results; however, it is interesting to note that the age,
viral strain, route, and dose were all similar in these studies,
leaving breed, source of virus, and virus passage history as the
main differences.

Challenge models have also been developed in older lambs
at 4–6 months of age. For example, Suffolk and Arcott-Rideau
breeds were challenged subcutaneously with 105 or 107 pfu of
the ZH-501 RVFV isolate and compared virus stocks that had
been grown in either mammalian Vero or mosquito C6/36 cells
(112). While the mosquito-cell grown virus produced a robust
and consistent infection, the mammalian-cell produced virus had
reduced efficacy with viremia only present on day 1 and lower
titers (102 pfu/ml serum) (112). In contrast to the acute illness
seen in the 2–3 month old lambs, 4–6 month old sheep only
produced a mild, self-resolving disease with transient pyrexia
during the first week after infection and had no obvious gross
pathology at 7 days post infection.

At KSU, 4–6 month-old Dorper-Katahdin and Polypay
sheep were inoculated subcutaneously with 106 pfu passage-2
mosquito-derived virus stock using either RVFV isolate Kenya-
128B-15 (Ken06) or SA01-1322 (SA01) (113). SA01 originated
from the Saudi Arabian outbreak in 2001 (8) and Ken06 from the
Kenyan outbreak in 2006 (114) which had affected an unusually
large number of people and was speculated to possibly be more
pathogenic. Both RVFV strains produced detectable viremia

between days 1 and 5, and both strains produced gross pathology
and histopathology consistent with RVFV virus infection at
between days 3–5 (113). However, the Ken06 group tended to
have higher viremia and serum aspartate aminotransferase (AST)
levels indicating that liver damage was significantly higher in
Ken06 infected lambs as compared to SA1 infected animals.
Virus isolation from nasal swabs detected infectious virus in a
three out of six animals infected with the Ken06 strain while no
shedding was seen in SA01-infected lambs. Histopathology and
viral antigen was detectable in a wide variety of organs including
the spleen, liver, adrenal gland, and kidney during the first week
after infection, although no specific differences were attributed to
one isolate compared to the other. In addition, histopathology
without antigen staining was detected in the brain, intestine,
and the eye at later time points, and infectious virus could also
be isolated from several tissues including the spleen and the
liver between 3–5 days post challenge (25, 113). Three of five
animals inoculated with Ken06 had large necrotic foci in the liver,
hemorrhage in the liver and spleen, and pulmonary edema.

A summary of the discussed sheep models can be found in
Table 2.

GOAT MODEL DEVELOPMENT

Initial experimental goat infection studies were performed with
RVFV strain ZH501 (112) and were intended to establish the
dose required for the induction of viremia, the timing of viremia
and a comparison of inoculation virus grown in mammalian and
insect cells. In this study, viremia occurred very quickly in goats,
appearing on the first day post infection after SQ inoculation and
lasted 2–5 days. By comparing an inoculation dose of 105 pfu
and 107 pfu of the ZH-501 strain (112) we determined that the
higher dose achieved more robust and reliable titers. A second
study in Boer goats focused on the characterization of innate and
adaptive immune responses in the blood after RVFV infection
(116). Flow cytometry indicated that after RVFV infection there
was a decline in CD5+ (T cells), CD172+ cells (monocytes and
dendritic cells), and CD8+ T cells (cytotoxic T lymphocytes) and
an increase in CD21+ cells (B cells). Interestingly, these effects
were more pronounced in goats infected with mosquito cell-
grown virus compared to goats infected with mammalian cell-
grown virus (116). In addition, cytokine profiling in the blood
demonstrated an increase of interleukin-12 at 1 dpi, an increase
of IFN-γ at 2 dpi, and a steady increase of TNF-α, IL-6 and IL-
1β up until the end of the observation period at 21 dpi (116).
A Kenyan RVFV isolate (“Ken-UAP,” Genbank #MH175203.1,
MH175204.1, MH175205.1) that had been proposed to be more
pathogenic than ZH501 has also been tested in goats (117).
Although the Ken-UAP and ZH501 RVFV isolates were not
compared directly in the same goat breed, viremia titers after
subcutaneous inoculations of each were comparable (112, 117).

Several novel alternative routes of infection have also
been explored. For example, numerous manuscripts describing
arbovirus infections have demonstrated that mosquito saliva
can modulate the pathogenicity of the virus upon infection
(118–123). To test the effect of saliva on RVFV infection in
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TABLE 3 | Summary of included goat studies involving RVFV challenge.

Breed Age Virus

isolate

Route Infection

dose

Cells* Viremia

length

Viremia

peak

Organs

infected**

Clinical

chemistry

Shedding Deaths References

BoerX ZH501 SC 107 pfu M n.a. n.a. n.a. n.a. n.a. No (116)

BoerX ZH501 SC 107 pfu M 2d 103 pfu/ml n.a. n.a. n.a. No (112)

Galla 4–6m 56/74 SC 107 pfu I n.a. 104 pfu/ml n.a. n.a. n.a. No (115)

Nubian 4–6m KenUAP SC 107 pfu I 3d 103 pfu/ml M, P, R, Olf,

Tri, CB, MB

n.a. Nasal RNA No (117)

Nubian 4–6m KenUAP mosSC 107 pfu I 3d 103 pfu/ml M, P, R, S, L,

Olf, Tri, BS, CB,

MB, Cer

n.a. Nasal RNA No

Nubian 4–6m KenUAP IN 107 pfu I 3d 105 pfu/ml M, P, R, S, Olf,

Tri, MB, CB, MB

n.a. Nasal RNA No

LaMancha 4–6m KenUAP SC 107 pfu I 2d 103 pfu/ml No n.a. No No

LaMancha 4–6m KenUAP IN 107 pfu I 2d 103 pfu/ml No n.a. No No

LaMancha 4–6m KenUAP IN 107 pfu M 2d 103 pfu/ml No n.a. No No

*M, mammalian cell culture; I, insect cells culture.

**L, liver; S, spleen; H, heart; Lu, lung; M/P/R, mesenteric/prescapular/retropharyngeal lymph node; Olf, olfactory bulb; Tri, trigeminal ganglion; CB, cerebellum; Cer, cerebrum; MB, midbrain; BS, brainstem.

TABLE 4 | Summary of included cattle studies involving RVFV challenge.

Breed Age Virus

isolate

Route Infection

dose

Cells* Viremia

length

Viremia

peak

Organs

infected**

Clinical

chemistry***

Shedding Deaths References

Holstein 4–6m 56/74 SC 107 pfu I n.a. 105 pfu/ml n.a. n.a. n.a. No (115)

Hereford-Angus 4–5m SA01 SC 2 × 106 pfu I 2d 103 pfu/ml B, K, S, L ALP No (125)

Hereford-Angus 4–5m Ken06 SC 2 × 106 pfu I 4d 103 pfu/ml B, K, S, L ALP No

Holstein 3–6m KenUAP ID 107 pfu I 2d 103 pfu/ml S, P, R, Tu ALP, ALB No No (126)

Holstein 3–6m KenUAP IN 107 pfu I 4d 106 pfu/ml M, R, S, L, K, Lu,

Tu, Tr, I, H, BS,

MB, CB, CSF

ALP, ALB, BUN No No

Holstein 3–6m KenUAP SC-ID-

IN

v I 1d 102 pfu/ml L, Tu, Olf, Tri ALP, ALB Nasal RNA No

*M, mammalian cell culture; I, insect cells culture.

**B, brain; L, liver; S, spleen; H, heart; Lu, lung; R/P/M, retropharyngeal/prescapular/mesenteric lymph node; K, kidney; Tu, turbinate; Tr, trachea; BS, brainstem; MB, midbrain; CB, cerebellum; CSF, cerebral spinal fluid; Olf, olfactory

bulb; Tri, trigeminal ganglion; I, ileum.

***ALP, alkaline phosphatase; ALB, albumin; BUN, blood urea nitrogen.
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goats, we mimicked a methodology developed by Le Coupanec
et al. (119) in mice; first, we allowed naïve mosquitoes to
feed at a shaved site on the goats’ skin and second, we then
injected a known amount of virus subcutaneously (SQ) into
the same area. Although the “mosquito-SQ” infection did not
result in significant differences in viremia or antibody titers
when compared to the “only SQ” infection, we noted that the
“mosquito SQ” group retained higher levels of viral RNA in
tissues at 28 days post challenge (117). Interestingly, viremia
is delayed by 1 day when the virus is inoculated intranasally,
suggesting that it has a longer transition (i.e., 48 h) route to travel
to the bloodstream (117). Seroconversion kinetics are similar to
that in sheep and cattle, occurring at 4–5 days post infection, and
producing robust antibody titers at 21–28 days post infection.
The tissues that are infected by RVFV may differ with breed,
route of inoculation, and RVFV strain. However, spleen, liver,
and lymph nodes are consistently positive and reliable targets
for RVF diagnosis (112, 117). Other tissues that may be infected
by RVFV include a variety of CNS regions such as the olfactory
bulb, the trigeminal nerve, the cerebellum, the midbrain and
the brainstem. The development of clinical signs varied from
asymptomatic to mild and most commonly consisted of fever
and diarrhea. To assist in identifying and quantifying other
more subtle signs of disease, a RVFV clinical scoring sheet was
developed for ruminants (see Supplementary Table 1). Using
the clinical scoring sheet, subcutaneous infection of Nubian
goats demonstrated slightly higher clinical scores than intranasal
infection (Supplementary Figures 2A,C). In contrast, LaMancha
goats had a higher clinical score after intranasal infection when
compared to a subcutaneous infection, and a higher clinical
score when infected with mosquito cell grown virus compared
to mammalian cell grown virus (Supplementary Figures 2E,F).
Different clinical outcomes after RVFV infection are also
seen amongst different experimental groups with Boer goats
remaining almost asymptomatic with mild clinical signs with
ZH501, whereas Nubian and LaMancha goats exhibited clear
clinical signs with Ken06 (Supplementary Figures 2A–I).

A few other goat breeds have been successfully used for RVFV
model development or RVFV vaccine testing including the Galla
(115) and Saanen (124) goat breed. Both experiments produced
viremia but no clinical signs.

A summary of the discussed goat models can be found in
Table 3.

CATTLE MODEL DEVELOPMENT

At KSU, an initial cattle model was established using an Angus
or Hereford cross (125), which are commonly bred in North
America or Europe for beef production and could be sourced
from local farms. Similar in design to our study with sheep, a
subcutaneous injection of mosquito-cell grown Kenya-128B-15
(Ken06) or SA01-1322 (SA01) at a titer of 106 pfu was inoculated
(125). There was variation in the responses to RVFV infection.
Most of the infected animals had detectable viremia at least 1 day
post infection (4 of 5), but some were asymptomatic, some were
febrile and one animal died of infection. There was detectable

virus in nasal swabs during the peak of viremia but no evidence
of contact transmission to the contact control animals (125).

In an effort to increase the reliability of the infection in cattle,
a second study was undertaken in Holstein calves in which we
used three different routes of infections, including intradermal,
intranasal and a combination of subcutaneous, intradermal,
and intranasal. Despite an adherence to subcutaneous RVFV
infections in a majority of manuscripts, we tested whether an
intradermal challenge model could result in an enhanced clinical
course of RVFV infection. Our results indicated that the degree
of viremia was similar to that of a subcutaneous infection,
although far fewer tissues tested positive for virus presence in
the intradermal model. After intradermal inoculation, infectious
virus was only found in turbinates, prescapular lymph nodes,
and retropharyngeal lymph nodes (126). Although ruminants
are not known to become infected intranasally in the wild,
they are quite susceptible to intranasal infection. Intranasal
inoculation of cattle led to high titers of viremia with peak titers
of 6 × 105 pfu/ml blood and produced infectious virus in a
variety of tissues including spleen, liver, kidney, lymph nodes,
heart, thyroid, turbinates, and cerebellum (126). We speculated
that during intranasal and subcutaneous/intradermal RVFV
inoculations, the virus may follow different pathways to reach
the bloodstream (117). This led us to hypothesize that combining
these three routes could produce an additive effect and increase
viremia. However, when cattle were infected using the intranasal,
intradermal, and subcutaneous inoculation routes at the same
time, this method produced less viremia than using each route
individually. All three routes of infection all produced viremia
in all animals as well as mild but observable clinical signs such
as fever, a depressed disposition, and a lessened appetite in some
animals (Supplementary Figure 1). Viral RNA was detected in
nasal swabs but no infectious virus was present (126).

In a third study, Warimwe et al. challenged 4–6 month-
old Holstein-Friesian cattle with 107 pfu RVFV 56/74IN
subcutaneously. Similar to the experiments performed at NCFAD
and KSU, control cattle developed fever and viremia, with peak
viremia levels of 105 relative pfu (115).

A summary of the discussed cattle models can be found in
Table 4.

DEER

The role of wildlife as maintenance hosts has been and continues
to be a concern in endemic regions in Africa and the Arabian
Peninsula (43, 46), and is also of critical significance if the
RVFV emerges in other, previously non-endemic regions. To
predict the potential of North American wildlife to act as RVFV
maintenance hosts, a panel of available wildlife-based cell lines
were assessed for RVFV susceptibility (42). Cells derived from
white-tailed deer (WTD, Odocoileus virginianus), an important
wildlife species in North America, were found to be susceptible
to RVFV infection. The abundance and wide distribution of
WTD in North America and their known susceptibility to other
vector-borne diseases is a serious concern (127–129). Riskmodels
for RVFV have also addressed the issue of the potential role that
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WTD could play if RVFV were introduced to North America
(130–133). To address this concern, a group of young, farm-
reared WTD were experimentally infected with 106 pfu of the
Ken06 RVFV strain at the KSU BSL-3Ag facility using specially
designed and constructed pens. Surprisingly, WTD were found
to be highly susceptible to RVFV infection with lethality in two
of the four animals after subcutaneous inoculation. A sentinel
contact control animal, which was co-housed with the principally
infected deer also became RVFV infected and had to be humanely
euthanized due to severe clinical signs. All dead/euthanized
animals had severe clinical signs including bloody diarrhea,
which most likely caused the transmission of the virus via the
oronasal route to the uninfected contact control animal (134).

OVERVIEW ON FACTORS INFLUENCING

RVFV INFECTION IN RUMINANTS

(a) Age: The age of the animal is arguably one of the most
important parameters to consider in a RVFV challenge model.
All young ruminants (<3 months) are highly susceptible to
RVFV infection and typically succumb to acute liver failure
(89, 135–137). Recent studies at KSU and NCFAD have opted
to develop challenge models in animals old enough to be
weaned (4–6 months) due to the logistics of working in high
containment (112, 113, 117, 125, 126). However, numerous
vaccine studies have also successfully used younger animals at
2–3 months of age (104) as well as pregnant ewes to induce
protective immunity (138).

(b) Isolate and passage history: Experiments at CFIA used a
low passage ZH-501 strain kindly provided by Stuart Nichol,
Centers for Disease Control, Atlanta, GA as well as a human
isolate from the Kenya 2006/7 outbreak provided by Health
Canada. At KSU, a mosquito isolate (SA01-1322) from the
Saudi Arabia outbreak in 2001 was provided by Barry Miller
CDC Fort Collins, CO through Richard Bowen Colorado state
university and the Kenya 2006 strain was also a mosquito
isolate (13); both isolates were propagated twice in Vero cells
and twice in on mosquito C6/36 cells (8).

South African researchers have used two other strains
of RVFV in a vaccine efficacy trial (82). The first RVFV
strain was Buffalo/99/MB/CER, isolated from an aborted
fetus from an outbreak in 1998, and the second strain
was the reference strain RVF 35-74, isolated from a sick
sheep from an outbreak in 1974. Both virus strains were
isolated using intra-cranial inoculation of mice plus one
passage in BHK cells. Subcutaneous infection of sheep
with 106 pfu of the Zimbabwean strain of RVF produced
viremia by 4 days post-infection (dpi) and caused transient
fever, viraemia, leucopaenia, relative thrombocytopaenia,
haemoconcentration and raised serum enzyme levels
that indicated the development of necrotic hepatitis and
virulence (139).

In another study evaluating an adenovirus-based vaccine in
Kenya, researchers used the RVF 56/74IN strain propagated
in C6/36 cells and purified before challenge. This virus strain
caused clinical disease and viremia following subcutaneous

inoculation of a rather high dose of 107 pfu per animal (115).
In addition, a variety of field isolates have been compared in
sheep including RVFV strains 56/74, 252/75, AN-1830 and
AR-20368 (107), 1678/78 and Lunyo (139) and Zinga (108).

Overall, there are very few studies that directly compare
different RVFV isolates to each other and the question has
been raised of whether RVFV virulence is increasing (23).
Although the genetic variation among strains of RVFV is very
small (≤%5), there are still clear genetic lineages and distinct
clades from outbreaks (140–143). Because RVFV appears
to circulate between vectors and naïve animals during the
inter-epidemic periods (81), which could affect virus genetic
population variation, it would also be beneficial to understand
what effect this has on the virus’ virulence. Faburay’s study
demonstrated distinct virulence between two outbreak isolates
in livestock that suggest that Ken06 has increased virulence
over SA01. Egyptian RVFV strains were shown to be almost
ten-foldmore virulent than sub-SaharanAfrican strains in rats
(144). Differences ranging between 50 and 90%mortality were
also demonstrated in a mouse model (143). Studies are needed
to confirm that these phenotypic differences are also observed
in target livestock species and if genetic characteristics could
be correlated.

(c) Cell line: Perhaps one of the most intriguing aspects of
arbovirus infections is that the virus’s pathogenicity can be
changed depending on whether the inoculum is produced in
a mammalian or insect host cell. This phenomenon was first
characterized in vitro for alphaviruses (145) and then also
for RVFV (146); importantly, we were able to demonstrate
that these source effects also apply to RVFV infections in vivo
(112). In addition, we could show that RVFV which is grown
in mosquito cells incorporates the viral P78 protein into
its virions, i.e., P78 is a structural protein of RFV viruses
produced in insect cells. In contrast, P78 is not found in the
virion when the virus is grown in mammalian cells (58). We
proposed that the p78 present in virions of mosquito-grown
viruses may function as a type I interferon antagonist, which
may allow for a productive infection of initial target cells (58),
as was shown earlier for alphaviruses (145).

(d) Route of inoculation: In addition to the experimental
infections performed at NCFAD and KSU, other studies have
shown that viremia can be induced by a wide variety of
different routes including intramuscular (IM), intravenous
(IV), intraperitoneal (IP), intracerebral (IC), subcutaneous
(SQ), conjunctival, and oral inoculations (112, 137, 147–
149). Subcutaneous injection consistently produced clinical
responses and is easy to administer under BSL-3Ag conditions
thus is a common method of administration (113, 125).

FUTURE DIRECTIONS AND UNANSWERED

QUESTIONS

In the field, the infecting dose of RVFV is widely variable
ranging from a single mosquito bite which may contain a low
level of infectious virions to animals being fed on repeatedly
by numerous RVFV-infected mosquitoes, potentially resulting in
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inoculation with high levels of infectious virions. Understanding
the minimal infectious dose required for infection in ruminants
and humans is currently an area requiring further investigation.
In addition, it is not well-understood what the effect of
mosquito saliva has on in vivo RVFV infection or pathogenesis,
especially in ruminants. In containment and field studies,
inoculations such as subcutaneous injections are used to mimic
a mosquito bite; however, the differences between a natural
infection and a subcutaneous (or intradermal) injection are
not well-characterized.

Moreover, it has recently been shown that goats (117)
and cattle (126) produce robust viremia when experimentally
inoculated through the intranasal route. This is not necessarily
unexpected since humans can be infected by inhaling aerosols
produced during animal slaughtering of infected livestock (91),
but the differences between an intranasal and subcutaneous
infection are not well-understood. While intranasal RVFV
infection can produce severe encephalitis in rodents (102), NHPs
(150) and people, it did not create any neurological disease
in goats (117). However, the neurological effects of intranasal
infection in cattle are still unknown, as the study was terminated
at peak infection at 4 dpi. Therefore, it would be interesting to
also characterize the intranasal infection in cattle over a longer
period of time.

The transmission of RVFV in livestock in the absence of
mosquitoes is also not fully understood and there have been
conflicting reports. Although it was demonstrated in sheep that
transmission could occur through contact exposure (98, 109),
more recent studies have not demonstrated transmission from
subcutaneously infected lambs to naïve or immunosuppressed
lambs (105). One possible explanation for these conflicting
results is that transmission between animals requires a minimum
virus dose which likely varies between different virus strains.
Alternatively, upper respiratory infections with parainfluenza 3
virus, adenoviruses, reoviruses, infectious bovine rhinotreacheitis
virus, maedi-visna virus, sheeppox virus, goatpox virus, peste
des petits ruminants virus or Mycoplasma spp. could cause
perturbations in the nasal mucosa which could possibly enhance
transmission efficiency in the field but are usually absent
in laboratory experiments. The potential role of urine in
transmission or RVFV has recently been highlighted by a
study that isolated RVFV from the urine of an infected
person (151), and it is possible that milk may serve as
a source of RVFV transmission (152) to animal offspring
and human consumers; both of these areas require further
investigation. Mosquito transmission has been considered the
primary route of exposure for livestock and wildlife, but not
for humans. Additional investigations of alternative routes of
exposure will provide further insights into the infectability of
different RVFV strains and might allow correlation of phenotype
with genotype.

The selection of mosquito cell line propagated virus for
livestock inoculation studies at KSUwas based on the observation
of more consistent viremia in our early studies. The importance
of the p78 protein in the insect vs mammalian hosts has
been reported (57, 58, 60) but mechanistic understanding of
how this might affect virulence in the vertebrate host has

not been determined yet. Studies are also needed to examine
whether the individual host animal or cell selects for specific
genotypes, and how that might affect viral maintenance and
virulence in both the vertebrate and invertebrate host. For
example, the basis of the increased virulence of RVFV in
recent outbreaks is yet unknown. So far, Sanger sequencing
of many RVFV isolates has demonstrated a surprisingly high
stability of RVFV (140, 142) however, there are no studies
on the quasi-species variation of RVFV within a specific virus
population either over a period of several days in a target
animal or during and after several passages in the same or
different animals. Such information would be important to
understand the relative fitness and overall replication ability of
RVF viruses.

It was recently determined that there is low level transmission
during the inter-epidemic period (81); whether this is the
only mechanism of viral maintenance is not clear yet. Also,
how low level transmission restricts viral evolution is not
known. Similarly, there is empirical evidence that various
animal breeds have different susceptibilities to RVFV infection.
However, well-designed controlled studies are needed to
substantiate this observation. If confirmed, this could change
husbandry techniques in RVFV endemic areas, and not only
improve animal health but also have a significant effect on
public health.

CONCLUSION

The renewed interest in RVFV since the 2006/7 outbreak in
Kenya has resulted in many advances in our basic knowledge
about RVFV replication strategies and molecular pathogenesis in
small animal and livestock models. It also has resulted in novel
vaccine candidates and novel experimental challenge models as
discussed in this review. In addition, novel tools for the detection
of viral nucleic acids and antibodies, both for laboratory and
point-of need use have been developed. These recent advances in
RVFV mitigation strategies will allow a more rapid and effective
control of the disease; unfortunately, the availability of these
tools in endemic areas is rather limited (84). There are still
many questions about the mechanisms and factors affecting viral
maintenance and virulence. The models described here provide
a good basis for developing studies to investigate these factors.
There are still many questions to be addressed in RVF biology
and epidemiology as discussed above in this review.We hope that
the RVFV livestock models described here in detail will provide
a sound basis for the design of studies to investigate these yet
unknown questions.
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