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THE ROLE OF MICROBIAL COMMUNITIES 
IN TROPICAL ECOSYSTEMS

The Calakmul Biosphere Reserve in Yucatan contains the archaeological site of Calakmul, one of the 
largest-known Maya sites, and the largest expanse of seasonal tropical forests remaining in Mexico. The 
reserve is a ecological gradient conecting the Peten (Guatemala) humid forest with the xeric forest to the 
north. The function of this ecocline has been challenged by ongoing forest disturbance. Understanding 
the consequences of land use changes of this biological corridor on soil diversity and microbially-
mediated processes is a major conservation frontier. Photo credit: S. Pajares
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Tropical ecosystems are different in important ways from those of temperate regions. They are 
a major reservoir of plant and animal biodiversity and play important roles in global climate 
regulation and biogeochemical cycling. They are also under great threat due to the conversion of 
tropical ecosystems to other uses. Thus, in the context of global change, it is crucial to understand 
how environmental factors, biogeographic patterns, and land use changes interact to influence 
the structure and function of microbial communities in these ecosystems.
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The contributions to this Research Topic showcase the current knowledge regarding micro-
bial ecology in tropical ecosystems, identify many challenges and questions that remain to be 
addressed and open up new horizons in our understanding of the environmental and anthro-
pological factors controlling microbial communities in these important ecosystems.
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The Editorial on the Research Topic

The Role of Microbial Communities in Tropical Ecosystems

Microorganisms represent the largest proportion of the Earth’s biodiversity and play an essential
role in ecosystem processes, providing functions that ultimately sustain all of life (Falkowski et al.,
2008; Prosser, 2012). Understanding the link between ecosystem functioning and the distribution
of microbial diversity is essential to predict ecosystem responses to a changing environment
(de Vries and Shade, 2013; Logue et al., 2015). With the rapid development of molecular-based
techniques, a new interest in understanding the distribution patterns and functional traits of
microbial communities has emerged (Fuhrman, 2009; Strickland et al., 2009; Bradford and Fierer,
2012; Krause et al., 2014). However, most of this research has been focused in temperate regions,
and the principal mechanisms controlling microbial community variation within the tropics are
poorly known.

Tropical ecosystems are different in important ways from those of temperate regions. They
are a major reservoir of plant and animal biodiversity and play important roles in global climate
regulation and biogeochemical cycling (Gibson et al., 2011; Townsend et al., 2011). They are
also under great threat due to the conversion of tropical ecosystems to other uses (Bawa et al.,
2004; Stork et al., 2009). Thus, in the context of global change, it is crucial to understand how
environmental factors, biogeographic patterns, and land use changes interact to influence the
structure and function of microbial communities in these ecosystems.

It is possible that different rules apply to microbial life in tropical ecosystems. For instance,
elevated nitrogen deposition by anthropogenic activities may exacerbate phosphorus deficiency in
tropical regions, in ways uncommon in temperate ecosystems (Vitousek et al., 2010). However, it
is poorly understood how phosphorus availability affects soil microbes (Heuck et al., 2015), or how
microbial processes interact with nitrogen deposition in tropical ecosystems (Hietz et al., 2011).
Moreover, the distribution of microbes not only is related to environmental factors, but also can
vary in relation to temporal and spatial scale (Martiny et al., 2006; Shade et al., 2012). These factors
influence biodiversity patterns of larger organisms, but their role in microbial diversity remains
unclear (Barberán et al., 2014), especially in tropical systems. In addition, little is known about
microbial community responses to disturbance in the tropics. Land use is one of the main drivers of
biodiversity alteration in plant and animal communities, especially in tropical areas, where natural
ecosystems such as forests are being rapidly altered by conversion to agriculture and other uses
(Barnes et al., 2014). Understanding the effects of land use change on soil microorganisms is also a
major conservation frontier.

The primary aim of this Research Topic is to explore the environmental and anthropological
factors controlling the composition and functional diversity of microbial communities in tropical

6
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systems. For example, Fanin et al. reported that temporal
differences in nitrogen and phosphorus availability in tropical
forest soils are critical for the activity and the structure of
microbial decomposer communities. Tripathi et al. observed
that within tropical rainforests there is a strong degree of
ecological differentiation in soil and, as a consequence soil
properties together with bacterial and fungal communities varied
significantly between forest types. Lee et al. documented the
distribution of methanotrophs and methanogens along a depth
gradient in a tropical rice paddy, and looked for patterns with
oxygen, methane, and organic carbon concentrations in these
soils. The influence of environmental and anthropogenic factors,
such as nitrogen deposition and land-use change, on the key
players in the nitrogen cycle was also assessed in a general review
Pajares and Bohannan. This review highlights the large gaps in
our understanding of microbially mediated nitrogen processes
in tropical forest soils and identifies important areas for future
research.

Due to ongoing and widespread deforestation of tropical
ecosystems for pasture and crop cultivation, there is an urgent
need to evaluate their soil biological diversity. This Research
Topic presents new findings on the impact of rainforest
conversion on soil microbial community structure, diversity and
ultimately functional traits Schneider et al. Particularly in the wet
season, land use change from rainforest to agriculture reduced
the abundance of different functional microbial groups related
to the soil carbon and nitrogen cycles Lammel et al. There is
limited knowledge regarding the diversity of important groups of
microorganisms in the tropics. Thus, other contributions studied
how abundant lineages in soils, such as Acidobacteria Navarrete
et al., and Verrucomicrobia Ranjan et al., responded to forest-to-
pasture conversion. These studies demonstrate that such groups
can be useful as indicators of agricultural impact on tropical
ecosystems. Furthermore, the isolation and characterization of
two novel moderately thermophilic and acid-tolerant obligate
methanotrophs recovered from a tropical methane seep topsoil
habitat were described Islam et al.

Some contributions to this Research Topic have focused on
how land management practices impact microbially-mediated
processes in tropical soils through the alteration of microbial
communities. Reverchon et al. showed the influence of different
tree plantation systems on nitrogen retention and the abundance
of nitrogen functional genes, while Wood et al. concluded
that the direct effect of farm management (rather than the
indirect effect through changes in the taxonomic and functional
diversity of microbial communities) was the dominant control of
nutrient loss from smallholder tropical agriculture. Both studies
emphasize the necessity of further research on incorporating
microbial dynamics into plantation management to improve
productivity while mitigating soil fertility loss. Xiong et al.
observed that sustainable agricultural management regimes, such
as crop rotation, of commercially important crops in tropical
regions significantly increased soil fungal diversity and might be
a meaningful strategy to prevent vanilla Fusarium wilt disease.

Finally, one of the biggest threats facing frog populations in
montane tropical systems is a lethal skin disease caused by a
chytrid fungus. The composition of the frog skin microbiota

can strongly influence many facets of frog health and disease
resistance. Field survey data published as part of our Research
Topic has demonstrated that the frog skin microbiota is
producing broadly similar sets of anti-fungal metabolites across
different host species and sites Belden et al.

In summary, the contributions to this Research Topic
showcase the current knowledge regarding microbial ecology
in tropical ecosystems, identify many challenges and questions
that remain to be addressed and open up new horizons in
our understanding of the environmental and anthropological
factors controlling microbial communities in these important
ecosystems.
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Nitrogen (N) and phosphorus (P) availability both control microbial decomposers
and litter decomposition. However, these two key nutrients show distinct release
patterns from decomposing litter and are unlikely available at the same time in most
ecosystems. Little is known about how temporal differences in N and P availability
affect decomposers and litter decomposition, which may be particularly critical for
tropical rainforests growing on old and nutrient-impoverished soils. Here we used three
chemically contrasted leaf litter substrates and cellulose paper as a widely accessible
substrate containing no nutrients to test the effects of temporal differences in N and P
availability in a microcosm experiment under fully controlled conditions. We measured
substrate mass loss, microbial activity (by substrate induced respiration, SIR) as well as
microbial community structure (using phospholipid fatty acids, PLFAs) in the litter and
the underlying soil throughout the initial stages of decomposition. We generally found
a stronger stimulation of substrate mass loss and microbial respiration, especially for
cellulose, with simultaneous NP addition compared to a temporally separated N and P
addition. However, litter types with a relatively high N to P availability responded more
to initial P than N addition and vice versa. A third litter species showed no response
to fertilization regardless of the sequence of addition, likely due to strong C limitation.
Microbial community structure in the litter was strongly influenced by the fertilization
sequence. In particular, the fungi to bacteria ratio increased following N addition alone,
a shift that was reversed with complementary P addition. Opposite to the litter layer
microorganisms, the soil microbial community structure was more strongly influenced
by the identity of the decomposing substrate than by fertilization treatments, reinforcing
the idea that C availability can strongly constrain decomposer communities. Collectively,
our data support the idea that temporal differences in N and P availability are critical for
the activity and the structure of microbial decomposer communities. The interplay of N,
P, and substrate-specific C availability will strongly determine how nutrient pulses in the
environment will affect microbial heterotrophs and the processes they drive.

Keywords: decomposition, microbial limitations, multiple element limitation, nutritional constraints, nutrient
availability, successive fertilization, temporal variability
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INTRODUCTION

Nutrient availability often exerts strong limitations on ecological
processes in different ecosystem types and across distinct biomes
(Vitousek and Howarth, 1991; Elser et al., 2007). Nitrogen (N)
and phosphorus (P) play a particularly important role because of
their high requirements for building living biomass, and because
they determine growth processes and biological activity to a
large degree (Sterner and Elser, 2002; Hartman and Richardson,
2013). An important source of N and P, especially for P with
ongoing ecosystem and soil development (Walker and Syers,
1976), is dead organic matter of mostly plant origin. Due to
the large variability in leaf C: N: P stoichiometry from high to
low latitudes (McGroddy et al., 2004), and among phylogenetic
groups, life forms or plant species (Hättenschwiler et al., 2008;
Yuan and Chen, 2009), microbial decomposers are exposed to
substrates of a considerable range in C: N: P (Cleveland and
Liptzin, 2007). Recently, Fanin et al. (2013) proposed that C: N: P
of leaf litter leachates also control the stoichiometry and structure
of the microbial decomposer community. This finding highlights
the importance of considering the relevant substrate used by
microbial decomposers during the initial stage of decomposition,
with leachate C: N: P stoichiometry varying from 169:2:1 to
8280:96:1 among different litter species in the studied tropical
rainforest of French Guiana (Fanin et al., 2014). Thus, besides the
commonlymeasured stoichiometry of bulk leaf litter material, the
variability of N and P in soluble compounds is likely critical for
assessing the effects of any alterations in nutrient availability on
microbial communities.

Simultaneous additions of N and P in tropical forests were
shown to strongly stimulate litter mass loss and microbial
functioning during decomposition (Hobbie and Vitousek, 2000;
Reed et al., 2011; Barantal et al., 2012; Fanin et al., 2012).
These results support the increasing evidence that ecosystem
processes are often co-limited by N and P rather than by N
or P alone (Vitousek et al., 2010; Sundqvist et al., 2014). In
contrast to the simultaneous application of N and P during
fertilization experiments, these two nutrients are unlikely to
be available in balanced amounts at the same time in most
ecosystems due to their distinct quantities and chemical bonds
in dead organic matter and because of their different pathways
during biogeochemical cycling. For example, in contrast to N
that forms relatively strong chemical bonds with C atoms, ester
bonds between P and C atoms are comparatively easier to
break, allowing microorganisms to mineralize P from organic
molecules with less energy than is required to mineralize
N (McGill and Cole, 1981). Thus, although P availability is
relatively in excess initially, it may become quickly limiting
during the decomposition process. Nutrient availability may also
vary throughout the year, with local leaf litter input changing
significantly in N: P stoichiometry and in the amount of dissolved
organic C between seasons (Wood et al., 2005; Cleveland and
Townsend, 2006; Cleveland et al., 2006). Similarly, N or P
deposition originating from fossil fuel use, agricultural activity,
or from Saharan dust are projected to rise in tropical biomes
(Galloway et al., 1994; Okin et al., 2004), but these nutrient
inputs are likely to vary substantially over time. For example, P

deposition is strongly dependent on Saharan climate and global
circulation patterns and has been shown to vary by almost
twofold from 20 to 35 kg ha−1 year−1 (Okin et al., 2004). Despite
the large temporal variability in the relative availability of C and
nutrients over quite short time spans, its consequences for the
structure and function of soil microbial communities remain
poorly studied.

Because plant leaf litter represents the most important source
of C and nutrients for microbial decomposers, any modification
of substrate stoichiometry and nutrient availability can influence
extracellular enzyme production (Allison and Vitousek, 2005;
Mooshammer et al., 2012; Sinsabaugh et al., 2015), and element-
use efficiency of decomposer communities (Manzoni et al., 2012;
Mooshammer et al., 2014a). Recently, empirical and theoretical
studies showed that shifts in the microbial community structure
and in the stoichiometry of the microbial biomass could be
one way microbes respond to stoichiometric imbalance with
their substrates (Fanin et al., 2013; Kaiser et al., 2014). Because
bacteria and fungi present different stoichiometric requirements
and constraints (Keiblinger et al., 2010; Strickland and Rousk,
2010), any changes in N and P availability may strongly control
the relative proportion of these groups within the community
(Krashevska et al., 2010). For instance, Güsewell and Gessner
(2009) showed in a microcosm experiment that bacteria were
relatively more abundant when decomposition of cellulose was N
limited, whereas the relative abundance of fungi increased when
cellulose decomposition was P limited. However, whether the
timing of N and P availability is critical for the structure and
functioning of microbial communities have received only scant
attention.

Here we examined how microbial communities respond to
successive N and P additions, and whether these responses
differ among leaf litter substrates with distinct leachate C: N:
P stoichiometry and cellulose as a nutrient free substrate. We
specifically addressed the following question: Do successive N
and P additions (first N and then P, and vice-versa) have different
effects compared to simultaneous N and P additions? Although
we anticipated that a combined NP addition would stimulate
microbial activity more than a temporally separated N and
P addition, we hypothesized that this stimulation would be
dependent on the substrate quality. Specifically, we anticipated
that the effects of sequential nutrient supply would depend on
the N: P ratio of the soluble fraction of the litter substrates: (i)
litter that is relatively rich in soluble N or P would respond
stronger when P or N is added first, respectively, (ii) litter
that is relatively well balanced in soluble N and P would not
show a particular response to either N or P added first, and
(iii) cellulose as a nutrient-free substrate would display the
strongest effects when both nutrients are added simultaneously
(Hypothesis 1). Because these two nutrients show distinct release
patterns from decomposing litter, we hypothesized that the order
in the relative N- and P-availability would determine microbial
process rates, with: (i) P added first and then N resulting in the
weakest effect because P is relatively available early during the
decomposition process, (ii) N added first and then P showing an
intermediate effect as P is relatively more limiting later during
the decomposition process, and (iii) a simultaneous NP addition
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having the strongest effects because of synergistic responses when
both elements are available in excess (Hypothesis 2). Finally, as
a result of different nutrient requirements between fast-growing
bacteria and more slowly growing fungi (Güsewell and Gessner,
2009; Keiblinger et al., 2010), we hypothesized that the relative
abundance of these different microbial groups would be altered
in a predictable way by N and P additions, with: (i) P added first
and then N leading first to an increased proportion of bacteria
that decreases again when N is added (ii) N added first and
then P increasing the relative proportion of fungi in a first time
which decreases again once P is added, (iii) simultaneous NP
addition stimulating both fungal and bacterial biomasses with
no net change in their relative abundance (Hypothesis 3). We
tested our hypotheses with a laboratory microcosm experiment
by measuring litter mass loss, microbial activity (substrate-
induced respiration, SIR), and microbial community structure
(phospholipid fatty acids, PLFAs) in the litter and the underlying
soil during the initial stage of decomposition.

MATERIALS AND METHODS

Soil and Litter Material
The soil used for our experiment was collected from the topsoil
(0–10 cm) in the Amazonian rainforest, at Paracou, French
Guiana (5◦15′N, 52◦53′W). It is classified as a nutrient-poor
acrisol developed over a Precambrian metamorphic formation
called the Bonidoro series with a mean pH of 4.4 in the top soil
and a soil texture with 20% clay, 6% silt and 74% sand, with a total
C of 22.1 g kg−1, a total N of 1.5 g kg−1 soil and a total P of 0.10 g
kg−1 soil (see Fanin et al., 2011 for more details). The soil was
dried at 25◦C, sieved at 2 mm, homogenized, and stored dry until
use.

Air-dried leaf litter of three different tree species occurring
at our research site [Goupia glabra (Aublet), Simarouba amara
(Aublet) and Vochysia tomentosa (G. Mey.)] as well as cellulose
paper (filter paper qualitative 410, VWR, Fontenay-sous-Bois,
France) were used as substrates for decomposition. In addition to
leaf litter as a naturally occurring substrate for microbial growth,
we used cellulose as a widely accessible C source for a large part
of the heterotrophic microbial community that contains no other
elements than C, O and H. Cellulose served as an extreme end
point along the stoichiometric gradient covered by the three litter
species and also to add a single C compound compared to the
litter species composed of diverse and distinct C compounds
(Table 1). The three litter species were selected based on their
distinct C: N: P stoichiometry of the soluble fraction (Table 1)
that has previously been shown to have a major impact on litter
and soil microbial communities (Fanin et al., 2013, 2014). The
three species also showed contrasting responses to combined N
and P fertilization in a previous decomposition experiment in the
field, with a very small effect on V. tomentosa, an intermediate
effect on S. amara, and a strong effect on G. glabra (Fanin et al.,
2012).

Freshly fallen leaf litter was collected with 25 m × 25 m large
litter traps installed in mono-specific stands of an experimental
plantation adjacent to the Paracou natural forest station (Roy

et al., 2005), air-dried immediately upon collection, pooled across
sampling dates, and stored dry. Only intact leaveswithout signs of
herbivory, galls or fungal attack were kept (see Fanin et al., 2012
for further details on leaf litter collection).

Experimental Design
For testing the impact of the changing relative availability of N
and P through time on decomposition andmicrobial decomposer
communities, we defined three different fertilization treatments.
The first treatment consisted in the combined addition of N
and P at the same time (denoted as ‘NP’ in the following). In
the second treatment we applied first N and later P (denoted
as ‘Np’ in the following), and in the third treatment we applied
first P and later N (denoted as ‘Pn’ in the following). A control
treatment without any fertilizer application was also included.
Nutrients were added either at the beginning of the experiment
(d0), and/or 36 days after the start of experiment (d36) depending
on the treatment. We added N as KNO3 and NH4NO3, and P
as KH2PO4 at the same total quantities of N and P as used in a
fertilization experiment in the field at the research site in Paracou
(Barantal et al., 2012), i.e., 0.055 g KNO3 and 0.069 g NH4NO3
per microcosm, and 0.074 g KH2PO4 per microcosm. We used
KNO3 in addition to NH4NO3 to keep the added K constant
between the N and P treatments. The total amounts of added
N and P correspond to 130 kg N ha−1 y−1, and 69 kg ha−1

y−1, respectively, which is comparable to the quantities used in
other fertilization experiments in tropical forests (see Hobbie and
Vitousek, 2000; Cleveland et al., 2006; Kaspari et al., 2008).

The microcosms consisted of 30 cm wide × 15 cm
long × 10 cm tall plastic boxes that were covered with a plastic
cap. Each microcosm received 80 g of homogenized air dry soil
and 4 g (oven dried-corrected weight) of air dry leaf litter material
or cellulose paper that was placed on the top of the soil. Leaf
litter and cellulose paper were cut in 1 cm × 1 cm squares in
order to homogenize leaf margin: total surface area ratio across
all substrates. For each microcosm, we soaked the 4 g-substrate
aliquotes in 40 mL of distilled water (for the control treatment)
or in 40 mL of the corresponding fertilizer solution (for the NP,
Np, and Pn treatments) while shaking for 24 h in order to ensure
complete and homogeneous rewetting of the substrates before
their addition to the microcosms. Along with the substrates we
also added the soaking solution to each individual microcosm at
d0, which corresponded to the volume of water needed to reach
80% of water holding capacity of the soil in the microcosm. For
the second fertilization event at d36, 10 mL distilled water or
fertilizer solutions (four times more concentrated than at d0 in
order to add the same quantity of nutrients while keeping soil
humidity close to 80% of water holding capacity) were added to
all microcosms of the respective treatments. During the entire
experimental duration of 74 days, the microcosms were kept
at constant temperature of 30◦C and under water saturated
atmosphere, and microcosms were sprinkled to their original
weight with distilled water every 4 days in order to keep soil and
litter humidity close to constant.

We constructed a total of 12microcosms for each combination
of litter material (G. glabra, S. amara, V. tomentosa and cellulose
paper) and fertilization treatment (control, NP, Np, and Pn),
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resulting in a total of 192microcosms. Threemicrocosms for each
treatment combination were harvested after 18 (d18) and 36 (d36)
days, just before the second fertilization event, and after 54 (d54)
and 74 days of incubation (d74).

Response Variables
At each sampling date and for each microcosm, the remaining
litter material was carefully retrieved, cleaned from soil particles,
and weighed for fresh remaining mass. A litter subsample was
dried for 48 h at 65◦C for dry mass conversion and the calculation
of litter mass loss in each microcosm. Additional subsamples
of litter and of homogenized soil were immediately frozen after
pooling the three replicates of each treatment for further PLFA
analyses (n = 1 for each litter × treatment combination). The
remaining material was air-dried at 25◦C.

Substrate induced respiration (SIR), as an integrative indicator
of the overall microbial activity (Nannipieri et al., 2003), was
determined for soil and litter material as previously described
(Fanin et al., 2012). Briefly, 10 g of air dry soil were placed in a
sealed 150 mL flask and received a solution of glucose in order to
reach 80% of the soil water holding capacity and to add 1.5 mg C
g−1 of soil. For litter materials, 2 g of air dry litter was incubated
in the same way, but adding glucose solution to reach 20 mg C
g−1 of litter. The flasks were incubated at 25◦C for 6 h, a time
span that is considered as short enough to avoid de novo enzyme
synthesis. Two hundred micro liter headspace air samples were
analyzed after 2 and 6 h for CO2 concentration using a gas
chromatograph with catharometric detection (Varian CP-4900,

Walnut Creek, CA, USA). The amount of CO2 released during
the 4 h time lapse was used to calculate SIR rate expressed in μg
C-CO2 g−1 soil or litter h−1.

Microbial community structure was determined by analyzing
group-specific PLFAs from a representative subsample of 1 and
10 g fresh weight frozen litter material and soil, respectively,
using the protocol described in Fanin et al. (2014). Branched and
saturated, mono-unsaturated and cyclopropyl PLFAs i15:0, a15:0,
i16:0, i17:0, a17:0 16:1ω7c, cy17:0, 18:1ω7c, cy19:0 were used to
characterize bacteria while the 18:1ω9, 18:2ω6,9 PLFAswere used
as biomarkers of fungi (e.g., Frostegård and Bååth, 1996; Zelles,
1999; Bååth, 2003).

Data Analysis
We analyzed litter mass loss, litter SIR, and soil SIR at the
different sampling dates using repeated measures ANOVAs
in which litter material, fertilizer treatment, and sampling
date were treated as fixed effects and were permitted to
interact. Microcosm identity was included as a random
factor to account for the repeated sampling over time.
For each litter material, we also compared the differences
between treatments for each sampling date, followed by a
post hoc test of Tukey-HSD (α = 0.05). Using Bray–Curtis
dissimilarity matrices on the selected 23 PLFAs markers, we
used permutational multivariate ANOVAs (PERMANOVA)
to test the effects of treatment, litter material and sampling
date on microbial community structure. Following repeated
measure ANOVA, we used the % sum of square as a comparative

TABLE 1 | Chemical characteristics of litter species (mean ± SD) used for the microcosm incubations.

Litter traits Cellulose Goupia glabra Simarouba amara Vochysia tomentosa

Bulk material

C (mg g−1) 445 497 ± 2 491 ± 1 429 ± 4

N (mg g−1) 0 12, 1 ± 1, 3 11, 1 ± 0, 7 8, 7 ± 0, 4

P (mg g−1) 0 0, 33 ± 0, 04 0, 32 ± 0, 02 0, 29 ± 0, 01

C: N ∞ 41, 1 ± 4, 1 44, 2 ± 2, 9 49, 3 ± 2, 9

C: P ∞ 1507 ± 168 1534 ± 111 1479 ± 87

N: P – 36, 7 ± 1, 5 34, 7 ± 0, 7 30 ± 2, 9

C: N: P – 1507:37:1 1534:35:1 1479:30:1

Soluble fraction

solC (mg g−1) – 19, 3 ± 2, 5 10, 7 ± 0, 6 7, 5 ± 0, 3

solN (mg g−1) – 54, 2 ± 3, 5 125, 0 ± 8, 3 86, 4 ± 3, 9

solP (mg g−1) – 46,1 36,4 0,9

solC: N ∞ 355, 5 ± 25, 8 85, 8 ± 5, 3 86, 3 ± 2, 4

solC: P ∞ 419 ± 54 294 ± 15, 9 8280 ± 297

solN: P – 1, 2 ± 0, 1 3, 4 ± 0, 2 96, 0 ± 4, 4

solC: N: P – 419:1:1 294:3:1 8280:96:1

Carbon forms

Water soluble compounds (%DM) – 36.6 ± 0.4 45.4 ± 0.4 34.6 ± 1.1

Hemicellulose (%DM) – 16.2 ± 0.7 11.7 ± 0.2 20.1 ± 1.1

Cellulose (%DM) 100 18.8 ± 0.3 20.0 ± 0.3 19.7 ± 0.4

Lignin (%DM) – 28.4 ± 0.8 22.8 ± 0.7 25.6 ± 0.4

Total phenolic (%DM) – 1.1 ± 0.2 4.4 ± 0.2 0.6 ± 0.1

Soluble phenolic (%DM) – 2.8 ± 0.3 11.0 ± 0.8 4.4 ± 0.4

Tannin (%DM) – 0.6 ± 0.1 6.3 ± 0.3 3.9 ± 0.3
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measure of % variation explained by the different factors
(substrate identity, fertilization treatment, sampling date and
their interactions). We run non-metric multidimensional
scaling (NMDS) with vector fitting, based on multiple
linear regressions using the coordinates on the first two
principal axes as the explanatory variables, and the variable
of interest (e.g., relative abundance of microbial groups) as
the dependent variable. Finally, to visualize the effect of N
and P availability on microbial community structure, we
compared the fungi to bacteria ratio (fungi:bacteria) across
all substrate types as a function of the different fertilization
treatments at d36 and d74. Cellulose was excluded from
this analysis because of the large differences in microbial
community responses compared to the three other species. All
statistical tests were performed with the R software (version
2.11.1).

RESULTS

Fertilization and Substrate Identity
Effects on Litter Mass Loss
Sampling date (28.4% of the variation explained), fertilization
treatment (16.1%), and substrate identity (6.1%) all had
significant effects on substrate mass loss (Table 2A). The
interaction between substrate identity and fertilization treatment
also explained 11.3% of the observed variation in substrate
mass loss, i.e., a higher amount of variation than the substrate
identity alone. Of all substrates, cellulose showed the largest
variation in mass loss among the fertilization treatments, ranging
from 22.5% of initial mass lost on average in the control
treatment to 57.4% of initial mass lost in the NP treatment at
the final harvest after 74 days of decomposition (Figure 1A).
The other two fertilization treatments where N and P were
added successively showed intermediate final mass loss of 32.6%
for Pn and 40.6% for Np. Despite the marginally significant
interaction between sampling date and fertilization treatment
(Table 2A), cellulose mass loss in response to N or P addition
(as the first phase of the Np or Pn treatments, respectively)
did not differ from the control treatment during the first
36 days (Figure 1A). After the additional fertilization event
(i.e., when the second nutrient was added), cellulose mass loss
was faster in both treatments (Np and Pn) compared to the
control treatment, although still remaining lower as compared to
cellulose fertilized with both nutrients simultaneously. Opposite
to cellulose, V. tomentosa leaf litter was not affected by any of
the fertilization treatments (Figure 1D). G. glabra and S. amara
leaf litters showed intermediate responses to the fertilization
treatments compared to cellulose and V. tomentosa leaf litter.
After 74 days, mass loss in the NP treatment was 13.7 and 19.4%
higher than in the control for G. glabra and S. amara, respectively
(Figures 1B,C). Adding P first clearly enhanced decomposition
of S. amara but not that of G. glabra during the first part of
the experiment. In both, Np and Pn treatments, the addition of
the second nutrient at d36 influenced further decomposition only
little, and the differences to mass loss in the control treatment got
overall rather smaller with ongoing experimental duration.

Fertilization and Substrate Identity
Effects on SIR
Substrate induced respiration in decomposing material varied
between 1.8 and 258.6 μg C-CO2 g−1 across all substrates and all
sampling dates (Figure 2). In contrast to litter mass loss, litter SIR
was primarily influenced by substrate identity and its interaction
with sampling date, explaining 31.8 and 10.8% of the overall
variation, respectively (Table 2B). A significant, though lower
amount of variation in litter SIR was explained by fertilization
treatment (10.6%) and its interaction with sampling date (8.5%).
Prior to the second fertilization event, SIR rates were highest in
cellulose in the NP treatment (49.2 μg C-CO2 g−1 at d36), while
SIR rates following the supply of N or P alone did not differ from
the control treatment between 0 and 36 days (Figure 2A). When
the second nutrient was added, SIR increased to 94.0 and 66.8 μg
C-CO2 g−1 at d54 in the Pn and Np treatments, respectively,
reaching values similar to those when cellulose was fertilized with
N and P at the same time (NP treatment). Without any nutrient
addition (control treatment), SIR rates on cellulose were null at
all of the sampling dates. Similar to cellulose, G. glabra showed a
substantial stimulation of litter SIR following the first fertilization
event when N and P were added together, reaching 223.9 μg
C-CO2 g−1 at d36 on average (Figure 2B). After the second
fertilization, SIR rates of G. glabra in Pn and Np treatments were
higher than in the control and did not differ to those observed
in NP. But on d74 the stimulation of SIR was highest in NP and
intermediate in Np and Pn as compared to the control. Similar to
cellulose and G. glabra, SIR rates of V. tomentosa and S. amara
leaf litter were also higher at d36 with a combined NP fertilization
than with N supplied alone, and also with higher SIR rate when P
was added compared to N (Figures 2C,D). Following the second
fertilization, and as observed for cellulose and G. glabra, SIR rates
at d54 increased following P supply in the Np treatments for both
litter species, and with N supply in the Pn treatment on S. amara,
and reached similar values to those observed when both resources
were added simultaneously (NP treatment). But at the final d74
sampling, the stimulation of SIR rates of V. tomentosa following
Np did not persist.

Substrate induced respiration measured in the soil underneath
the decomposing substrates was generally distinctively lower than
that measured in decomposing material, varying between 0.70
and 6.59 μg C-CO2 g−1 soil (Figure 3). The hierarchy of factors
explaining soil SIR over the incubation period were similar to
those observed for litter SIR, with a large part of the variation
explained by substrate identity (31.3%), fertilization treatment
(11.3%) and sampling date (5.6%) as well as interactions between
factors (Table 2C). Overall, NP addition and P only addition
treatments showed higher soil SIR rates at d36 compared to N
only addition or control treatment, except for cellulose where NP
did not differ from the control (Figure 3A). The addition of N
in the Pn treatment did not show any influence on the soil SIR
rates under V. tomentosa, G. glabra and cellulose, and even a
trend for a negative effect under S. amara (Figure 3C). Opposite
to this pattern, the addition of P in the Np treatment stimulated
soil SIR rates, especially under G. glabra with an increase from
2.40 to 5.28 μg C-CO2 g−1 between d36 and d54 (Figure 3B).
Differences between treatments were, however, smaller at the end
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TABLE 2 | Repeated measures ANOVA evaluating the role of substrate identity, treatment and sampling dates: (A) Litter mass loss, (B) SIR Litter, (C) SIR
Soil.

df %SS SS MS F.model p-value

(A) Litter mass loss

Substrate identity 3 6.1 1627 542.3 7.6 <0.0001

Fertilization treatment 3 16.1 4324 1441.4 20.2 <0.0001

Sampling date 3 28.4 7625 2541.6 35.6 <0.0001

Substrate identity × Fertilization treatment 9 11.3 3038 337.6 4.7 <0.0001

Fertilization treatment × Sampling date 9 4.3 1146 127.3 1.8 0.078

Substrate identity × Sampling date 9 1.5 405 44.9 0.6 0.77

Residuals 122 32.4 8710 71.4

(B) SIR Litter

Substrate identity 3 31.8 9.5 3.2 56.9 <0.0001

Fertilization treatment 3 10.6 3.2 1.1 18.9 <0.0001

Sampling date 3 5.9 1.8 0.6 10.5 < 0.0001

Substrate identity × Fertilization treatment 9 5.2 1.6 0.2 3.1 0.002

Fertilization treatment × Sampling date 9 8.5 2.5 0.3 5.1 < 0.0001

Substrate identity × Sampling date 9 10.8 3.2 0.4 6.5 < 0.0001

Residuals 146 27.2 8.1 0.1

(C) SIR Litter

Substrate identity 3 31.3 107.8 35.9 59.4 <0.0001

Fertilization treatment 3 11.3 39.0 13.0 21.5 <0.0001

Sampling date 3 5.6 19.3 6.4 10.6 <0.0001

Substrate identity × Fertilization treatment 9 7.6 26.4 2.9 4.8 <0.0001

Fertilization treatment × Sampling date 9 7.6 26.2 2.9 4.8 <0.0001

Substrate identity × Sampling date 9 11.0 37.9 4.2 7.0 <0.0001

Residuals 146 25.6 88.4 0.6

Repeated measures ANOVAs were performed to examine the relative influence of litter material, fertilization treatment, and time, as well as interactions between the three
explanatory variables in accounting for the variation in microbial activity over the course of the incubation experiment.

of the incubation, except for V. tomentosa with a higher soil SIR
rate of 5.19 in NP compared to 2.05 in the control (Figure 3D).

Fertilization and Substrate Identity
Effects on the Microbial Community
Structure
The structure of the microbial community (i.e., relative
abundance of the 23 group-specific PLFA markers) differed
strongly among the decomposing substrates, with contrasted
NMDS plots mostly driven by cellulose that showed a
distinct PLFA pattern compared to leaf litter along the
second NMDS axis (Figure 4A). Such differences in microbial
community structure between leaf litter and cellulose were
clearly related to lower fungal lipid markers in leaf litter
than in cellulose that translated into lower litter fungi:bacteria
(see Supplementary Table S1 for more details). PERMANOVA
to test for the effects of the different treatments on PLFA
markers revealed that substrate identity accounted for 42.1%
of the overall variation of the microbial community structure,
which is roughly as much as that accounted for by all the
remaining factors and interactions (Table 3A). To a lower
extent, the structure of the microbial community in the
decomposing substrates also differed across the fertilization
treatments and their interactions with sampling date and
substrate identity (6.4, 20.1, and 13.8% of explained variation,

respectively). When omitting the cellulose substrate from
the comparison, the effects of fertilization treatments were
particularly apparent on the leaf litter fungi:bacteria (Figure 4B).
The addition of N only strongly decreased the relative
proportion of bacterial lipid markers by 49% whereas the
addition of P only increased it by 57% on average. Such
change resulted in contrasting fungi:bacteria of 7.1 (with N
only) or 1.7 (with P only), respectively, compared to 2.8 in
the control treatment. After complementary P addition in
the Np treatment or N addition in the Pn treatment, the
fungi:bacteria shifted to almost similar values. No significant
difference was observed among the fertilization treatments at
d74.

Microbial community structure in the soil was affected by
different factors compared to that in decomposing substrates
(Table 3B). Neither substrate identity nor fertilization treatment
and their interactions explained the PLFA-based microbial
community structure in the soil. In contrast, sampling date and
its interaction with fertilization treatment accounted for 18.7 and
10.7% of the total variation observed in soil microbial community
structure, respectively. We did not find any clear effect of the
substrate identity on the soil community structure in the NMDS
plot (Figure 5A). By contrast to the litter microbial community
and even after omitting the cellulose substrate, we did not find
any clear effects of fertilization or sampling date on the PLFA-
based soil microbial community structure (Figure 5B).
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FIGURE 1 | Mass loss of the four different substrates (mean ± SD) as a function of sampling date. (A) cellulose, (B) Goupia glabra, (C) Simarouba amara,
(D) Vochysia tomentosa. Fertilization treatments are shown with distinct symbols and curves (control: open triangle, dotted line; NP: black circles, solid line; Np: light
gray square, solid line; Pn: dark gray diamond, solid line). Microcosms received the first dose of fertilizer (N, P, or NP) at d0, and the second dose of fertilizers (i.e., P,
N, or NP respectively) just after d36 sampling. Stars indicate significant differences in the mass loss for each date considered separately, followed by a post hoc
Tukey-HSD test (α = 0.05), with different letters indicating contrasted effects among the different fertilization treatments.

DISCUSSION

In line with the increasing number of studies demonstrating
that the combined NP additions increase ecosystem processes
more than P or N added singly (e.g., Vitousek et al., 2010), we
found an overall stronger stimulation of substrate mass loss and
litter microbial activity with a simultaneous NP supply compared
to a temporally separated N and P addition. The fact that N

and P together constrain the activity of microbial communities
was particularly clear for litter SIR rates that on average varied
sevenfold between the control and theNP treatments throughout
the incubation period (Figure 2). These results are in line with
previous studies showing that the decomposition of labile C
substrates (Nottingham et al., 2012, 2015) or more complex
leaf litter (Hobbie and Vitousek, 2000; Barantal et al., 2012;
Fanin et al., 2012) were predominantly limited by concomitant
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FIGURE 2 | Litter SIR rates of the four different substrates (mean ± SD) as a function of sampling date. (A) cellulose, (B) Goupia glabra, (C) Simarouba
amara, (D) Vochysia tomentosa. Fertilization treatments are shown with distinct symbols and curves (control: open triangle, dotted line; NP: black circles, solid line;
Np: light gray square, solid line; Pn: dark gray diamond, solid line). Stars indicate significant differences in the mass loss for each date considered separately,
followed by a post hoc Tukey-HSD test (α = 0.05), with different letters indicating contrasted effects among the different fertilization treatments.

NP additions. Because the stoichiometry of N and P supply
and demand is generally in close balance in most terrestrial
ecosystems (Vitousek et al., 2010), N is rarely available in great
excess relative to P, and a slight addition of P can rapidly generate
a N limitation or vice-versa: N and P limitation may thus alternate
in multiple incremental steps, ultimately producing a synergistic
effect when both nutrients are added together (Davidson and
Howarth, 2007). In contrast to the ‘Liebig world’ view, which
states that the nutrient in the shortest supply will be limiting,
we demonstrate here that both elements can constrain litter

decomposition and are required by microbial communities for
maintaining their activity.

Beyond evaluating the effects of simultaneous NP additions,
we addressed how the temporal variability in N and P availability
affects litter decomposition and the activity of decomposer
organisms. As expected following our first hypothesis, the
responses of microbial parameters to a temporally separated N
and P addition varied strongly among litter substrates (Table 2).
We found that P supply showed a higher effect on SIR rates
for the litter species with the highest soluble N content (i.e.,
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FIGURE 3 | Soil SIR rates of the four different substrates (mean ± SD) as a function of sampling date. (A) cellulose, (B) Goupia glabra, (C) Simarouba
amara, (D) Vochysia tomentosa. Fertilization treatments are shown with distinct symbols and curves (control: open triangle, dotted line; NP: black circles, solid line;
Np: light gray square, solid line; Pn: dark gray diamond, solid line). Stars indicate significant differences in the mass loss for each date considered separately,
followed by a post hoc Tukey-HSD test (α = 0.05), with different letters indicating contrasted effects among the different fertilization treatments.

S. amara and V. tomentosa), whereas the respective effects of N
or P additions were similar when these two elements are relatively
well balanced in litter leachates (i.e., G. glabra), or when they are
completely absent (i.e., cellulose) (Figure 2). These results suggest
that the relative imbalance between N and P in litter leachates
can predict relatively well which of these two elements will be
limiting during the initial phase of decomposition and may thus
be used as a general indicator of nutritional constraints regulating
the microbial activity. In other words, because the timing of

nutrient availability in a given ecosystem can vary, depending for
example on seasonal differences such as dry versus wet season in
tropical forests (e.g., Turner et al., 2015), considering N and P
in the soluble fraction of plant leaf litter may contribute to the
understanding of temporal variability in soil processes.

Interestingly, after adding the second nutrient in the middle
of the course of the experiment (i.e., N to the Pn treatment,
and P to the Np treatment), SIR generally increased to similar
rates as those observed in the NP treatment (Figure 2). In
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FIGURE 4 | Microbial community structure in leaf litter and cellulose: (A) NMDS ordination of microbial community composition by substrate identity,
(B) fungi:bacteria ratio across all substrate types (except cellulose) as a function of the different fertilization treatments at d36 and d74. NMDS was
based on Bray–Curtis distances of 23 PLFA markers. With increasing distance between two points the community structure becomes more dissimilar. Vectors
represent the proportion of the main microbial groups (bacteria, fungi) and their ratio (fungi:bacteria), pointing in the direction of higher abundances or a higher
fungi:bacteria ratio.

contrast to our second hypothesis, the similar responses of
microbial processes regardless of whether N or P was added
first suggest that the order in relative N- and P-availability
does not determine final microbial process rates, and confirms
that litter decomposition and microbial activity are limited
by multiple elements in interaction (Townsend et al., 2011;

Fanin et al., 2015). In parallel, we observed a lower relative
abundance of bacteria compared to fungi in response to N
fertilization, in line with our expectation of enhanced fungal
biomass following N additions (Koranda et al., 2014). Such a
shift in the fungi to bacteria ratio was reversed following further
addition of P later in the Np treatment (Figure 4), suggesting

TABLE 3 | Permutational multivariate ANOVA evaluating the role of substrate identity, fertilization treatment and sampling dates on microbial community
structure in (A) litter, and (B) soil.

df SS MS F.model p-value r2

(A) Litter community structure

Substrate identity 3 0.84 0.28 13.0 0.001 0.421

Fertilization treatment 3 0.13 0.04 2.0 0.002 0.064

Sampling date 1 0.08 0.08 3.9 0.035 0.042

Substrate identity × Fertilization treatment 9 0.27 0.03 1.4 0.002 0.138

Fertilization treatment × Sampling date 3 0.07 0.02 1.1 0.001 0.201

Substrate identity × Sampling date 3 0.40 0.13 6.2 0.373 NS

Residuals 9 0.19 0.02 0.097

(B) Soil community structure

Substrate identity 3 0.14 0.05 1.9 0.31 NS

Fertilization treatment 3 0.05 0.0.2 0.7 0.29 NS

Sampling date 1 0.18 0.18 7.2 0.002 0.187

Substrate identity × Fertilization treatment 9 0.17 0.02 0.8 0.59 NS

Fertilization treatment × Sampling date 3 0.10 0.03 1.4 0.032 0.107

Substrate identity × Sampling date 3 0.09 0.03 1.2 0.33 NS

Residuals 9 0.22 0.02 0.235

Permutational multivariate ANOVAs were performed to examine the relative influence of litter material, fertilization treatment, and time, as well as interactions between the
three explanatory variables in accounting for the variation in microbial community composition over the course of the incubation experiment.

Frontiers in Microbiology | www.frontiersin.org January 2016 | Volume 6 | Article 1507 | 18

http://www.frontiersin.org/Microbiology/
http://www.frontiersin.org/
http://www.frontiersin.org/Microbiology/archive


Fanin et al. Temporal Variability of Nutrient Availability

FIGURE 5 | Microbial community structure in the soil: (A) NMDS ordination of microbial community composition by substrate, (B) fungi:bacteria ratio
across all substrate types (except cellulose) as a function of the different treatments at d36 and d74. See Figure 4 for further details.

that P is a more critical element for the fast-growing bacterial
community compared to the relatively slower growing fungal
community (Güsewell and Gessner, 2009). Thus, although the
PLFA results should be interpreted with caution because of
lack of replication, they suggest that any change in the relative
availability of N and P can substantially alter the fungi:bacteria
ratio, with bacteria dominating at low N: P ratios as it has
been observed previously (Krashevska et al., 2010; Fanin et al.,
2013).

Furthermore, the difference in the effect size between litter
mass loss and litter SIR after simultaneous N and P additions
indicate that the addition of a labile C source during SIR
measurement may have also masked a potentially non-negligible
C co-limitation on litter decomposition. For instance, the
NP effect on litter mass loss was the strongest for cellulose
(relatively accessible C substrate), intermediate for G. glabra
or S. amara (both litter species relatively rich in DOC),
and null for V. tomentosa (DOC-poor litter) (Figure 1).
These results highlight that C availability may modulate
the NP responses during litter decomposition, confirming
that litter C leachates provide the microorganisms with the
required energy to efficiently use available nutrients (Cleveland
et al., 2006; Fanin et al., 2012). Accordingly, the community
structure of microbial decomposers was more dependent on
substrate identity than on fertilization treatments (Table 3).
Cellulose decomposition appears to be mainly driven by fungi,
while the leachate C-rich G. glabra leaf litter supported the
highest proportion of bacteria relative to fungi of all the
substrates. Such a C control on microbial community was
even stronger in the soil, where substrate identity explained
almost three times as much variation in soil SIR (59.4%)
than did the fertilization treatments (21.5%) (Table 2). The

fact that the nature of substrate leachates reaching the soil
has a greater impact on soil microbial communities than
nutrient fertilization is a rather surprising result (Figure 5).
However, in line with our finding, Heuck et al. (2015) recently
demonstrated that even in P-poor soils, the microbial biomass
was primarily limited by C availability, suggesting that P is
only secondarily limiting. Collectively, these results suggest that
soil microorganisms are strongly limited by easily accessible
C compounds originating from fresh litter material rather
than by nutrients. C rather than nutrient limitation can in
part be a consequence of the better balanced soil C: N:
P stoichiometry compared to leaf litter with much wider
C: N: P (Fanin et al., 2014; Mooshammer et al., 2014b).
Perhaps even more important is the permanent high energy
requirement of microorganisms in tropical soils with constantly
high temperatures compared to soils at higher latitudes, which
may reinforce C limitation in tropical rainforests (Hättenschwiler
et al., 2011).

In summary, our study provides clear evidence that shifts in
the relative availability of N and P through time regulate the
structure and activity of the microbial decomposer community.
Collectively, our data suggest that litter mass loss, microbial
respiration and microbial community structure can vary
temporally along with shifts in the relative availability of
nutrients. These changes are rapid and reversible in response to
changing nutrient availability. In fact, when both N and P are
in excess in the environment, the order in the relative N and
P availability did not determine final microbial process rates.
The impact of successive N and P additions depended on the
identity of decomposing litter material and their nutrient and
C status of the soluble fraction, suggesting intimate interactions
between exogenous nutrient availability and substrate-specific C

Frontiers in Microbiology | www.frontiersin.org January 2016 | Volume 6 | Article 1507 | 19

http://www.frontiersin.org/Microbiology/
http://www.frontiersin.org/
http://www.frontiersin.org/Microbiology/archive


Fanin et al. Temporal Variability of Nutrient Availability

and nutrient leachates. Hence, the interactive effects of exogenous
N and P availability depend in addition on litter-derived labile C
with an even stronger impact on microbial communities in the
soil compared to those in the litter layer. The consequences of
N and P pulses on microbial communities and their activities
in nutrient-poor tropical forests therefore depend to a large
extent on litter-specific C quality, and thus, on tree species
composition.
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There has been little study of whether different variants of tropical rainforest have distinct
soil microbial communities and levels of diversity. We compared bacterial and fungal
community composition and diversity between primary mixed dipterocarp, secondary
mixed dipterocarp, white sand heath, inland heath, and peat swamp forests in Brunei
Darussalam, Northwest Borneo by analyzing Illumina Miseq sequence data of 16S
rRNA gene and ITS1 region. We hypothesized that white sand heath, inland heath
and peat swamp forests would show lower microbial diversity and relatively distinct
microbial communities (compared to MDF primary and secondary forests) due to their
distinctive environments. We found that soil properties together with bacterial and
fungal communities varied significantly between forest types. Alpha and beta-diversity
of bacteria was highest in secondary dipterocarp and white sand heath forests. Also,
bacterial alpha diversity was strongly structured by pH, adding another instance of this
widespread pattern in nature. The alpha diversity of fungi was equally high in all forest
types except peat swamp forest, although fungal beta-diversity was highest in primary
and secondary mixed dipterocarp forests. The relative abundance of ectomycorrhizal
(EcM) fungi varied significantly between forest types, with highest relative abundance
observed in MDF primary forest. Overall, our results suggest that the soil bacterial
and fungal communities in these forest types are to a certain extent predictable and
structured by soil properties, but that diversity is not determined by how distinctive the
conditions are. This contrasts with the diversity patterns seen in rainforest trees, where
distinctive soil conditions have consistently lower tree diversity.

Keywords: biodiversity, microbial communities, soil pH, Southeast Asia, tropical rainforest

INTRODUCTION

Ecologists are fascinated by patterns in the biodiversity of tropical rainforests, including how and
why communities differ from one another, and why diversity is greater in some places than others.
In terms of known biodiversity, Southeast Asian tropical rainforests are one of the most diverse
terrestrial ecosystems on Earth (Corlett, 2014), with numerous poorly studied habitat types within
them. The major equatorial rainforest types in Southeast Asia are mixed dipterocarp forest (MDF),
heath forest and peat swamp forest (Whitmore, 1984). Heath and peat swamp forests occur on
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acidic sandy and wet peaty soils, respectively, and support lower
plant diversity compared to MDF (Bruenig and Droste, 1995;
Davies and Becker, 1996; Slik et al., 2009). However, compared to
macro-organisms, the community composition and diversity of
microorganisms in these rainforest habitats is largely unknown.

Soil microorganisms constitute the largest proportion of
the world’s biodiversity and are important to terrestrial
ecosystem functioning (Prosser, 2012). Thus, understanding their
biodiversity patterns and the major divers of these patterns in
natural habitats may be important for prediction of ecosystem
responses to a changing environment (Jing et al., 2015). Previous
studies of tropical soils have indicated that land use changes in
tropical regions influence soil microbial communities, which are
mainly driven by changes in soil chemical properties (Jesus et al.,
2009; Tripathi et al., 2012; Lee-Cruz et al., 2013; Rodrigues et al.,
2013; Kerfahi et al., 2014). Soil pH is becoming recognized as
one of the most import drivers of microbial community structure
and diversity in tropical soils at various scales (Jesus et al.,
2009; Tripathi et al., 2014). There have also been some studies
which compared the soil microbial community composition and
diversity in different rainforest habitat types (Satrio et al., 2009;
Araujo et al., 2012; Miyashita et al., 2013; Pacchioni et al., 2014;
Pupin and Nahas, 2014). However, most of these studies were
concentrated in Neotropical regions.

The present study concentrates on variation in soil bacterial
and fungal community composition and diversity in several
different types of lowland tropical rainforest habitat within
Brunei Darussalam, Northwest Borneo, in Southeast Asia. The
MDF forests dominate the lowland forests of Borneo (Ashton,
1988; Slik et al., 2003, 2009), whereas tropical heath and
peat swamp forests are relatively distinctive habitats compared
to MDF forests in Borneo in terms of species composition
and diversity (Brünig, 1974; MacKinnon, 1996; Cannon and
Leighton, 2004). Though the above ground diversity is well-
studied in these various rainforest types, it is still unclear whether
different rainforest habitats have distinct microbial community
composition and diversity, analogous to the distinct plant
community composition and diversity levels of these habitats
(Bruenig and Droste, 1995; Davies and Becker, 1996).

The present study was conducted in Brunei Darussalam,
Northwest Borneo, in Southeast Asia. Across Brunei, the major
rainforest types are MDF primary, MDF secondary and peat
swamp forests, with smaller scattered areas of heath forests
(Whitmore, 1984). This concentration of a range of different
rainforest types in close proximity provides an opportunity to
study the soil microbial community composition and diversity
under common climatic conditions while also diminishing the
potential effect of dispersal limitation, meaning that detected
differences can most likely be ascribed to differences in the soil
and plant community only. We used 16S rRNA gene and ITS1
region amplicon sequencing using Illumina MiSeq platform to
address the following questions:

(1) How do different rainforest habitats influence the OTU
composition of soil bacteria and fungi, and what are the
major soil properties linked to bacterial and fungal community
structure?

(2) What are the dominant higher level bacterial and fungal
taxa in each rainforest habitat type, and how does their relative
abundance vary with respect to different rainforest habitats?
(3) How does the alpha and beta-diversity of bacteria and fungi
vary across different rainforest habitats?

We hypothesized that white sand heath, inland heath and peat
swamp forests would show lower alpha- and beta-diversity of
bacteria and fungi, with relatively distinct microbial communities
compared to MDF primary and secondary forests due to
distinctive conditions of these environments.

MATERIALS AND METHODS

Site Description and Sample Collection
Five different lowland tropical rainforest types in Brunei
Darussalam, Northwest Borneo were selected for this study
(Figure 1). These forest types were MDF primary, mixed
dipterocarp secondary, white sand heath, inland heath, and
peat swamp forests. The MDF primary forest is dominated
by large tree species in the family Dipterocarpaceae and the
forest structure is complex and multi-layered. The sampled MDF
secondary forests were aged around 60 years (Davies and Becker,
1996). Previously, the secondary forest sampling area was covered
with primary forest (Davies and Becker, 1996). MDF secondary
forest is characterized by similar plant species composition to the
MDF primary forest, but differing by the dominance of pioneer
tree species such as Macaranga, Vitex, and Dillenia species. The
secondary MDF is also has a more open structure, consisting
of a complex mosaic of near- mature and regenerating forest
patches with contrasting plant compositions and micro-climates.
The white sand and inland heath forests differ considerably from
MDF forest both in plant species and structure (having a low and
uniform single-layered canopy with dense undergrowth full of
shrubs, herbs, pitcher plants, etc.). The main difference between
the two heath forest types we sampled is that inland heath forest
has low drainage capacity compared to white sand heath forest,
which means that the white sand heath forest is being more
susceptible to drought, while the inland heath forest can be
flooded for part of the year. The peat swamp forest sampled in this
study is dominated by a single canopy species of even aged/sized
trees of Shorea albida (Dipterocarpaceae), while general plant
diversity is much lower than in MDF, although the overall forest
structure can be quite similar.

Field sampling was carried out during the month of June 2014,
during a time with characteristic climate conditions in which
afternoon rainstorms occurred about every other day (Becker,
1992). Brunei has a seasonal climate, with two drier periods
February/March and July/August (Becker, 1992), and a mean
annual rainfall above 2300 mm (David and Sidup, 1996). Three
clusters of samples were taken in each forest type within a
3 km transect (Figure 1). Within each cluster, three quadrats
(10 m × 10 m in size) were collected at least 30 m apart
along a smaller scale linear transect (Figure 1). Each individual
sample consisted of five pooled samples (each approximately 50 g
from the four corners and one center point of the quadrat).
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FIGURE 1 | (A) Soil sample locations of different forest types in Brunei.
(B) Sampling scheme, three clusters of samples (designated as A–C) were
taken in each forest type within a 3 km transect. Within each cluster, three
quadrats (10 m × 10 m in size) were collected at least 30 m apart along a
smaller scale linear transect. Soil collected from the four corners and center of
the each quadrat was pooled to make one samples for DNA extraction and
soil property analysis.

The top 10 cm of soil was collected in a sterile sampling bag
after removing the litter layer. A total of 45 samples were
collected from five different forest types (nine samples from
each forest type). The collected soil samples were homogenized
by sieving (2 mm sieve), and stored at −20◦C until DNA
extraction.

Soil Properties Analysis
Geographical co-ordinates and soil temperature at 5 cm depth
were measured using a GPS device and a soil thermometer
at each sampling quadrat during field sampling. Soil pH,
gravimetric water content, organic matter content, total nitrogen
and available phosphorus concentrations, and soil texture were
measured at Universiti Brunei Darussalam using the standard
methods (Allen, 1989). Total nitrogen content was determined
by Kjeldahl method. Soil available phosphorus was extracted
using Bray’s reagent (0.025 M hydrochloric acid and 0.03 M
ammonium fluoride), and the phosphorus concentration in the
extracts was then determined using a UV-spectrophotometer
(UV-1800, Shimadzu, Kyoto, Japan). Soil organic matter content
was determined after incineration in a muffle furnace at 550◦C
for 2 h, according to the methodology described by Allen (1989).

DNA Extraction, PCR, and Illumina
Sequencing of 16S rRNA Gene and ITS1
Region
Soil DNA was extracted from each of the collected samples
using the PowerSoil DNA extraction kit (MO BIO Laboratories,
Carlsbad, CA, USA) following manufacturer’s instructions,
and DNA samples were sent to Macrogen Incorporated
(Seoul, Korea) for PCR amplification and sequencing. The
extracted DNA samples were amplified for V3 and V4
region of 16S rRNA gene using the primer pairs Bakt_341F
(5′-CCTACGGGNGGCWGCAG-3′) and Bakt_805R (5′-
GACTACHVGGGTATCTAATCC-3′) for characterizing the
bacterial communities (Herlemann et al., 2011). The fungal
internal transcribed spacer (ITS) region 1 was amplified using
ITS1F (5′-CTTGGTCATTTAGAGGAAGTAA-3′) and ITS2
(5′-GCTGCGTTCTTCATCGATGC-3′) primer pairs (White
et al., 1990; Gardes and Bruns, 1993). The resulting 16S rRNA
gene and ITS1 amplicons were sequenced using paired-end
(2× 300 nt) Illumina Miseq system (Illumina, USA).

Sequence Processing
The paired-end sequences of 16S rRNA gene and ITS1 amplicons
were assembled using PANDAseq assembler (Masella et al., 2012).
The initial sequence processing steps such as quality filtering
and sequence alignment were performed using mothur (Schloss
et al., 2009). The 16S rRNA gene sequences were aligned against a
SILVA alignment1. Chimeric 16S rRNA gene and ITS1 sequences
were identified using ‘chimera.uchime’ command implemented
in mothur in de novo mode (Edgar et al., 2011), and removed.
Taxonomic assignments of all the high quality 16S rRNA gene and
ITS1 sequences were performed in mothur using the EzTaxon-
e database2 (Kim et al., 2012), and UNITE database (Abarenkov
et al., 2010), respectively. To determine the ectomycorrhizal
(EcM) fungi we matched the fungal taxonomic assignments with
known EcM lineages (Tedersoo et al., 2010). The operational
taxonomic units (OTUs) were assigned for 16S rRNA gene and
ITS 1 sequences using mothur and QIIME implementation of
UCLUST (Caporaso et al., 2010; Edgar, 2010), respectively, with
a threshold of ≥97% sequence similarity. The entire singleton
OTUs were removed prior to analysis. All the 16S rRNA gene and
ITS1 sequences used in this study are deposited to metagenomic-
RAST server (Meyer et al., 2008) under the project ID 148753.

Statistical Analysis
Prior to statistical analysis, a random subset of 3,352 and 4,207
sequences per sample was generated for 16S rRNA gene and
ITS 1 sequences, respectively, to correct for the differences in
number of reads. To assess the differences in soil properties
among different forest types, we used analysis of variance
(ANOVA) or Kruskal–Wallis tests for normal and non-normal
data, respectively. Furthermore, parametric (Tukey’s HSD test)
or non-parametric (pairwise Wilcox test) post hoc tests were

1http://www.arb-silva.de/
2http://eztaxon-e.ezbiocloud.net/
3http://metagenomics.anl.gov/linkin.cgi?project=14875
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used in case of significant results of ANOVA or Kruskal–
Wallis tests, respectively. We used the Benjamini-Hochberg
correction to assess pairwise comparisons (P < 0.05; Benjamini
and Hochberg, 1995). A principal components analysis (PCA)
was performed on the correlation matrix of soil properties data
of each sample in Canoco 5.0 (Biometrics, Wageningen, The
Netherlands). We used permutational multivariate analysis of
variance (PerMANOVA, ‘adonis’ function in vegan R package)
to test the effect of forest type on a Euclidean distance
matrix of normalized soil properties data with 9999 random
permutations.

Cluster analysis was performed on Bray–Curtis distance
matrices of bacterial and fungal OTUs by using an unweighted
pair group mean (UPGMA) algorithm implemented in
the ‘hclust’ function of vegan R package (Oksanen et al.,
2007). As 16S rRNA genes are suitable for phylogenetic
analysis, a unweighted UniFrac distance matrix was also
generated for bacteria (Lozupone et al., 2011). Bray–Curtis
and unweighted UniFrac distance matrices were further
visualized by non-metric multidimensional scaling (NMDS)
plots. Furthermore, PerMANOVA was used to evaluate the
effect of forest type on Bray–Curtis and unweighted UniFrac
distance matrices with 9999 random permutations. To detect
possible associations between bacterial and fungal community
structure and soil properties, the vectors of significant soil
properties (P < 0.05) were fitted onto ordination space using
the ‘envfit’ function of the vegan R package with 999 random
permutations.

The significant differences in composition and diversity
of bacterial and fungal taxa in different forest types were
analyzed by ANOVA or Kruskal–Wallis tests as described
above. To test the relationship between soil properties and
the relative abundance of dominant bacterial and fungal
phyla, we used the Spearman rank correlation test. We
performed linear regression analysis to test for differences in
alpha-diversity (Shannon index) in relation to soil properties.
We used the betadisper function of ‘vegan’ R package to
assess the differences in beta-diversity among different forest
types, and significance of this test was determined using 999
permutations.

RESULTS

Soil Properties among Forest Types
All the measured soil properties varied significantly among
different forest types, except for total nitrogen and silt
concentrations (Table 1). PCA of the different soil properties
measured indicated that peat swamp forest sites were clearly
distinct from other forest types (Supplementary Figure S1);
however, sites from other forest types were not well-separated
from each other (Supplementary Figure S1). The first two axis
of the PCA explained about 71% of the total variance, with
axis 1 and 2 explaining 51.6 and 19.4% of the total variance,
respectively. The PerMANOVA analysis revealed a statistically
significant effect of forest type on soil properties (P < 0.001, 9999
permutations).

Bacterial and Fungal Community
Composition among Forest Types
The UPGMA clustering analysis based on Bray–Curtis distance
showed that bacterial and fungal community compositions were
largely separated by forest types (Supplementary Figure S2). The
bacterial and fungal communities in white sand heath forest
were most distinct from all other forest types (Supplementary
Figure S2). Whereas, MDF primary and secondary forests had
most similar bacterial and fungal community composition.
However, in the MDF secondary forest there were two and
four extreme bacterial and fungal communities, respectively.
The bacterial communities of inland heath and peat swamp
forests were at the same distance level to the MDF primary and
secondary forest communities, whereas, bacterial communities in
these forests were in turn at the same distance level to those in
the white sand heath forest. In the case of fungi, inland heath
forest communities are closer in composition to MDF forests
than to peat swamp and white sand heath forests communities.
The UPGMA clustering results were further corroborated by
the NMDS ordination plot, which also showed that bacterial
and fungal community compositions were segregated by forest
type (Figures 2A,B). The PerMANOVA analyses indicated that
forest type explained 36.1 and 37.8% variation in bacterial
and fungal community composition, respectively (P < 0.001,
9999 permutations). The phylogenetic community composition
of bacteria, based on unweighted UniFrac distance also
displayed similar pattern as that of bacterial OTU composition
(Supplementary Figure S3), and also significantly influenced by
forest type (PerMANOVA, P < 0.001, 9999 permutations).

To further investigate the effect of soil properties on bacterial
and fungal community structure, the vectors of environmental
variables were fitted onto ordination space. The environmental
fitting analysis indicated that of the measured soil properties, soil
pH, organic matter content, gravimetric water content, available
phosphorus, temperature, sand and clay content were strongly
correlated with bacterial and fungal community structure
(Supplementary Figure S3 and Figures 4A,B).

Dominant Bacterial and Fungal Taxa
A total of 150,840 good quality bacterial 16S rRNA gene
sequences were obtained (3,352 randomly selected reads per
sample). Proteobacteria was the most dominant bacterial phylum
(40.6% of all bacterial sequences) followed by Acidobacteria
(37.2%), Planctomycetes (7.1%), Actinobacteria (3.5%),
Verrucomicrobia (3.4%), and Chloroflexi (2.9%; Figure 3A).
Except Planctomycetes, the relative abundance of these phyla
varied significantly (P < 0.05) among forest types (Table 2).
For fungal ITS1 sequences, a total of 189,315 high quality
sequences were obtained from 45 samples (4,207 randomly
selected reads per sample). The most abundant fungal phylum
detected across all samples was Ascomycota (54.1% of all fungal
sequences) followed by Basidiomycota (15.4%), and 30.1%
of the detected sequences were unclassified (Figure 3B). The
relative abundance of these most abundant fungal phyla varied
significantly in relation to different forest types (Table 2). The
relative abundance of Ascomycota was higher in white sand and
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TABLE 1 | Values of (mean ± SD) of soil properties in different forest types.

Soil properties MDF primary forest MDF secondary forest White sand heath forest Inland heath forest Peat swamp forest

Temperature (◦C)2 26.1 ± 0.4 b 27.8 ± 1.5 a 27.4 ± 0.7 a 26.2 ± 0.4 b 26.7 ± 0.3 a

Gravimetric water content (gg−1)2 0.24 ± 0.06 c 0.18 ± 0.02 c 0.26 ± 0.13 c 0.46 ± 0.14 b 2.95 ± 0.53 a

pH1 3.9 ± 0.2 b 4.3 ± 0.3 a 4.2 ± 0.3 ab 3.2 ± 0.2 c 3.4 ± 0.2 c

Organic matter (%)2 12.6 ± 3.5 c 10.4 ± 5.9 c 46.7 ± 11.9 b 45.1 ± 17.7 b 97.7 ± 0.6 a

Total nitrogen (mg g−1)1 16.1 ± 4.3 a 10.2 ± 5.5 a 17.2 ± 9.7 a 15.1 ± 13.2 a 9.2 ± 1.6 a

Available phosphorus (µg g−1)2 67.6 ± 2.8 b 68.5 ± 8.1 b 64.4 ± 2.6 b 64.1 ± 2.5 b 85.4 ± 7.7 a

Clay (%)2 7.9 ± 5.7 a 4.9 ± 2.5 ab 2.4 ± 2.3 bc 2.2 ± 0.9 c 11.6 ± 9.2 a

Silt (%)2 71.7 ± 6.3 a 75.3 ± 3.6 a 72.8 ± 3.5 a 73.6 ± 4.7 a 70.1 ± 9.9 a

Sand (%)2 20.4 ± 2.4 ab 19.8 ± 2.0 ab 24.7 ± 4.3 a 24.2 ± 5.3 a 18.1 ± 1.8 b

Means on the same row with different letters were significantly different (P < 0.05) based on Tukey’s HSD test (1) or pairwise Wilcox test (2) followed by Benjamini-Hochberg
correction for multiple comparisons.

FIGURE 2 | Non-metric multidimensional scaling plot of (A) bacterial, and (B) fungal communities based on pairwise Bray–Curtis distances. A vector
overlay of the significantly correlated variables is shown on the plot. GWC, gravimetric water content and OM, organic matter content.

inland heath forests (Table 2), whereas the relative abundance
of Basidiomycota was higher in MDF primary and secondary
forests (Table 2).

A total of 18,460 sequences belonged to known EcM fungal
genera, representing around 9.7% of the total detected fungal
sequences. The relative abundance of the detected EcM fungal
genera varied significantly between forest types, with highest and
lowest relative abundance observed in MDF primary forest and
white sand heath forest, respectively (P < 0.0001; Table 2). The
most abundant EcM fungal genus was Russula (78% of total EcM
sequences), followed by Amanita, Thelephora, and Tomentella.
The relative abundance of Russula also varied significantly
between forest types, and showed similar pattern to that of total
EcM fungi (Supplementary Table S1).

The relative abundance of Proteobacteria, Acidobacteria, and
Chloroflexi was significantly correlated with gravimetric water
content, soil pH, and organic matter content (Table 3). Whereas,
the reactive abundance of Planctomycetes and Actinobacteria
correlated with clay content (Table 3). Additionally, soil
temperature and sand content was also found to be correlated
with the relative abundance of Acidobacteria and Actinobacteria,

respectively. The relative abundance of Verrucomicrobia was not
correlated with any of the environmental variables measured
(Table 3). The relative abundance of the most dominant fungal
phylum Ascomycota was significantly correlated only with clay
content, whereas the relative abundance of Basidiomycota the
other dominant fungal phylum was significantly correlated with
gravimetric water content and organic matter content.

The Alpha and Beta-Diversity of Bacteria
and Fungi
The alpha-diversity index (OTU richness and Shannon index)
of both bacteria and fungi also varied significantly among forest
types (Table 4). The lowest average bacterial alpha diversity
was observed in inland heath and peat swamp forest, whereas
fungal alpha diversity was lowest in peat swamp forest only,
although due to high variation in diversity values, considerable
overlap in diversity existed between some forest types (Table 4).
Bacterial Shannon diversity index correlated positively with soil
temperature and pH (Figure 4A), whereas gravimetric water
content and organic matter content of the soils displayed negative
correlation with bacterial diversity indices (Table 3). Available
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FIGURE 3 | Relative abundance of dominant (A) bacterial phyla observed in 16S rRNA gene sequences and (B) fungal phyla in ITS1 sequences in
different forest types.

TABLE 2 | Comparison of relative abundance (mean ± SD) of dominant bacterial and fungal phyla, and EcM fungi among forest types.

Dominant taxa MDF primary forest MDF secondary forest White sand heath forest Inland heath forest Peat swamp forest

Bacteria

Proteobacteria1 43.8 ± 3.9 a 45.4 ± 5.5 a 35.6 ± 3.3 b 42.5 ± 4.3 a 35.8 ± 2.0 b

Acidobacteria1 36.3 ± 5.0 b 26.6 ± 4.3 c 38.1 ± 5.0 b 38.8 ± 6.7 b 46.0 ± 3.3 a

Planctomycetes1 7.0 ± 0.9 a 7.1 ± 1.5 a 7.2 ± 1.0 a 7.7 ± 1.5 a 6.7 ± 1.0 a

Actinobacteria2 2.8 ± 1.0 b 3.4 ± 1.5 b 5.9 ± 2.6 a 3.6 ± 2.1 b 1.7 ± 0.9 c

Verrucomicrobia2 3.2 ± 0.5 a 3.6 ± 1.5 a 4.6 ± 2.3 a 2.2 ± 0.5 b 3.5 ± 0.8 a

Chloroflexi2 2.9 ± 1.8 b 8.7 ± 6.1 a 2.6 ± 2.4 b 0.4 ± 0.5 c 0.1 ± 0.1 c

Fungi

Ascomycota1 36.9 ± 18.1 b 49.3 ± 18.7 ab 66.3 ± 12.4 a 65.2 ± 16.6 a 52.6 ± 23.8 ab

Basidiomycota1 33.1 ± 17.7 a 22.2 ± 17.6 ab 3.7 ± 2.9 c 11.8 ± 11.8 bc 6.4 ± 3.9 bc

EcM fungi2 25.8 ± 18.0 a 12.8 ± 17.5 abc 0.1 ± 0.0 d 9.2 ± 11.1 b 0.9 ± 0.8 c

Different letters represent means that were significant different (P < 0.05) based on Tukey’s HSD test (1) or pairwise Wilcox test (2) followed by Benjamini-Hochberg
correction for multiple comparisons.

phosphorus and soil clay content were negatively correlated with
the Shannon index of the fungi (Figure 4B), while sand content
was found to be positively correlated with fungal Shannon index
(Table 3). The Whittaker beta-diversity of bacterial and fungal

communities, measured as the average distance of all samples
to the centroid in each forest type varied significantly among
forest types (Figure 5). The MDF secondary and white sand heath
forests having highest bacterial beta-diversity, whereas MDF
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TABLE 3 | Spearman rank correlations between soil properties and the relative abundance of dominant bacterial and fungal phyla, and alpha diversity
indices.

Jamini Temperature
(◦C)

GWC
(gg−1)

pH Organic
matter (%)

Total
nitrogen
(mg g−1)

Available
phosphorus

(µg g−1)

Clay (%) Sand (%) Silt (%)

Bactetial phyla

Proteobacteria 0.04 −0.6∗∗∗ 0.52∗∗∗ −0.58∗∗∗ 0.24 −0.11 0.1 0.08 −0.03

Acidobacteria −0.34∗ 0.61∗∗∗ −0.66∗∗∗ 0.65∗∗∗ −0.2 0.26 0.08 −0.11 −0.15

Planctomycetes 0.04 −0.14 0.23 0.04 0.26 −0.05 −0.44∗∗ 0.16 0.18

Actinobacteria 0.12 −0.21 0.11 −0.13 0.26 −0.59 −0.31∗ 0.38∗∗ 0.09

Verrucomicrobia 0.08 0.21 0.02 0.09 0.11 0.04 0.26 −0.2 −0.02

Chloroflexi 0.09 −0.52∗∗∗ 0.51∗∗∗ −0.71∗∗∗ 0.17 −0.28 0.01 0.11 0.09

Fungal phyla

Ascomycota 0.08 0.19 −0.11 0.3 −0.05 −0.21 −0.37∗ 0.26 0.1

Basidiomycota −0.09 −0.44∗∗ 0.27 −0.51∗∗∗ 0.03 0.03 0.29 −0.09 −0.12

Alpha diversity bacteria

OTU richness 0.49∗∗ −0.45∗∗ 0.8∗∗∗ −0.45∗∗ 0.12 −0.05 0.04 −0.07 0.18

Shannon index 0.51∗∗∗ −0.45∗∗ 0.8∗∗∗ −0.48∗∗ 0.11 −0.02 0.1 −0.07 0.19

Alpha diversity fungi

OTU richness −0.3 −0.28 0.13 −0.4∗ 0.15 −0.41∗∗ −0.18 0.26 0.14

Shannon index 0.03 −0.25 0.25 −0.24 −0.03 −0.43∗∗ −0.35∗ 0.44∗∗ 0.12

∗P < 0.05; ∗∗P < 0.01; ∗∗∗P < 0.001.

TABLE 4 | The alpha diversity indices (OTU richness and Shannon index) of bacteria and fungi in different forest types.

MDF primary forest MDF secondary forest White sand heath forest Inland heath forest Peat swamp forest

Bacteria

OTU richness 619 ± 37 ab 703 ± 82 a 688 ± 93 a 510 ± 46 c 567 ± 44 bc

Shannon index 5.0 ± 0.1 bc 5.3 ± 0.3 a 5.3 ± 0.4 ab 4.7 ± 0.1 d 4.9 ± 0.1 cd

Fungi

OTU richness 390 ± 94 a 361 ± 80 a 318 ± 55 ab 372 ± 73 a 243 ± 44 b

Shannon index 3.8 ± 0.9 ab 3.9 ± 0.9 ab 4.1 ± 0.5 a 4.1 ± 0.5 a 3.0 ± 0.6 b

Values with different letters were significantly different (P < 0.05) based on Tukey’s HSD test followed by Benjamini-Hochberg correction for multiple comparisons.

primary and secondary forests had highest fungal beta-diversity
(Figure 5).

DISCUSSION

Distinct Soil Conditions amongst the
Different Forest Types
The soil conditions varied significantly among different forest
types (Table 1), reflecting the broad scale mosaic of environments
within the lowland forests of Brunei (Moran et al., 2000;
Din et al., 2015). The primary dipterocarp forest was toward
the more acidic end of the normal range of pH for lowland
terra firme rainforest (about pH 3.7–5.5), with typical available
P and total N content (Sukri et al., 2012). The secondary
forest had somewhat higher pH, but similar available P and
total N levels. Soil temperature in the secondary forest at the
time of sampling was somewhat higher on average, likely due
to the more open canopy allowing greater daytime heating
of the soil surface. Organic matter content was higher in
both white sand and inland heath forests compared to MDF

primary and secondary forest. The water logged environment
of heath forests with limited oxygen levels might lead to
accumulation of organic matter content (Moran et al., 2000).
The sand content of both heath forest types was similar to
the MDF primary and secondary forests. Our own examination
of these soils before analyses showed that the white quartz
grain component of the soils in both these heath forest types
was unusually fine grade at these sites, and probably it ended
up classified as silt grade. The inland heath forest was very
acidic and high in soil gravimetric water content, showing
swampy conditions. Swampy areas in heath forests are quite
common in this region (Moran et al., 2000; Din et al., 2015).
The peat swamp forest soils were very acidic, with higher
organic matter and available P contents than the other forest
types, and its gravimetric water content was much higher –
reflecting the high water table and the abundant spongy peat.
The higher level of nutrients in peat swamp forest is not
unusual, as the peat soil is generated from the accumulation of
partially decayed organic matter due to water logged conditions
with limited oxygen supply (Andriesse, 1988; Satrio et al.,
2009).
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FIGURE 4 | The relationships between (A) bacterial, and (B) fungal Shannon index and soil properties with symbols coded by forest types. Linear
regressions were used to test the correlation between Shannon index and soil properties.

Are There Distinct Microbial
Communities on Different Rainforest
Types?
The results of our comparison of soil bacterial and fungal
communities across Brunei forests revealed that there are distinct
community types in different types of rainforest. The community
composition of fungi and bacteria in each forest type was
significantly different from all of the others, but the most distinct
community is that of the peat swamp forest. The distinct nature
of these communities suggests that there is strong environmental
and perhaps evolutionary selection for both bacterial and fungal
OTUs better adapted in each environment. The clustering
patterns of bacterial and fungal communities were very similar to
one another, and influenced by soil pH, organic matter content,
gravimetric water content, available phosphorus, temperature,
sand and clay content. Previous studies on tropical soils have also
shown that microbial community composition is influenced by
variations in underlying soil properties due to land use change
(Jesus et al., 2009; Tripathi et al., 2012, 2013; Lee-Cruz et al., 2013;
Kerfahi et al., 2014).

The most abundant bacterial phyla detected across the samples
were Proteobacteria and Acidobacteria, which is consistent with

the results of previous studies on rainforest soils (Kanokratana
et al., 2011; Tripathi et al., 2012; Lee-Cruz et al., 2013). The
relative abundance of Proteobacteria was significantly lower
in white sand heath and peat swamp forests, and this result
could be due to restricted nutrient availability in oxygen-limited
waterlogged environments of white sand heath peat swamp
forests (Moran et al., 2000; Page et al., 2006). It has been shown
that the relative abundance of major proteobacterial subphyla
increases with nutrient additions (Leff et al., 2015). However, the
relative abundance of Acidobacteria was significantly higher in
peat swamp forests and negatively correlated with soil pH – a
result which is to be expected as peat soils had very low pH, and
most of the acidobacterial lineages are shown to dominate acidic
soil environments (Jones et al., 2009). The relative abundance
of Actinobacteria was highest in white sand heath forest, and
positively correlated with the sand content of soil. These results
are in agreement with previous observations that the members
of phylum Actinobacteria are generally abundant in sandy forest
soils (Russo et al., 2012; Pacchioni et al., 2014). The dominance of
photosynthetic bacterial phylum Chloroflexi in secondary forests
could be explained by that, due to more open canopy secondary
forest soils are exposed to sunlight to a greater extent than other
forest soils (Nacke et al., 2014).
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FIGURE 5 | The Whittaker beta-diversity of (A) bacterial community
and (B) fungal community in five different forest types in Brunei,
Borneo. Significant differences (P < 0.05) between forest types, when
present, are indicated by different letters.

At the broad taxonomic level, the relative abundance of
fungal taxa detected in this study is similar to the soils of other
tropical regions, where Ascomycota and Basidiomycota are also
the most predominant phyla (Kerfahi et al., 2014; McGuire et al.,
2014). Compared to MDF primary forest, there is an increased
proportion of Ascomycota in other forest types. Ascomycota
are often found at higher abundance in stressful environments
(De Beeck et al., 2015), and the communities here appears to
reflect this pattern. However, the lower relative abundance of
Basidiomycota in white sand heath forest, inland heath forest and
peat swamp forest reflect the distinctive conditions in these forest
types compared to MDF forests, as numerous Basidiomycota
fungi tend to be slow-growing, late-successional fungi that are
sensitive to physical and chemical perturbations (Frankland,
1998; Osono, 2007).

Are Distinctive Conditions Associated
with Lower Fungal and Bacterial
Diversity?
We expected to find lower alpha- and beta-diversity of bacteria
and fungi in the more distinctive environments of the heath
and peat swamp forests. This would be due to a combination
of the low likelihood of lineages acquiring the evolutionary

adaptations necessary to live in the conditions of low pH and
water logged environments with limited oxygen supply. However,
the observed diversity patterns did not follow these predictions.
Alpha diversity of bacteria was higher in the white sand heath
forest than in MDF primary forest, and similar to MDF secondary
forest, while inland heath and peat swamp forest had almost
similar level of alpha diversity to the MDF primary forest.
When samples across all the forest types were compared in
relation to soil parameters, pH emerged as overwhelmingly the
strongest predictor of bacterial alpha diversity (Figure 4A).
This result gives further confirmation of the generality of the
pattern observed in other contexts around the world (Fierer and
Jackson, 2006; Lauber et al., 2009; Tripathi et al., 2012), that
bacterial alpha diversity increases toward neutral pH. Bacterial
beta-diversity was highest in the white sand heath forest and in
the MDF secondary forest – the same pattern as for bacterial
alpha diversity. The other forest types had almost similar levels
of bacterial beta diversity to one another. It appears that in this
case tree species diversity has no bearing on the beta-diversity,
perhaps reflecting the generally looser relationships between soil
bacterial diversity and particular tree hosts (Millard and Singh,
2010).

Fungal alpha diversity was the same in all of the forest types
except peat swamp forest. Thus, despite the apparently extreme
conditions of two types of heath forests, fungal alpha diversity is
no lower than in MDF primary or secondary forests. Only the
peat swamp forest, perhaps because of waterlogged conditions,
had lower fungal diversity. Beta diversity of fungi was, however,
greater in the MDF primary and secondary forests than in the
heath and peat swamp forests. This might be explicable in terms
of the lower plant species diversity of these other non-terra firme
forest types (Davies and Becker, 1996). Fungi often are involved
in direct interactions with plants (Broeckling et al., 2008; Millard
and Singh, 2010), and mycorrhizal fungi are specialized to grow
under direct symbiotic relationships with plants (Gao et al.,
2013). The greater beta diversity in the two terra firme forest types
might then reflect the greater tree species diversity of these, with
different samples able to reflect the range of host-tree-specific
fungal communities that are present. An important role of the
woody plant cover is also supported by the dominance of EcM
fungi in MDF forests, EcM fungal groups are often dominant in
Southeast Asian dipterocarp forests (Peay et al., 2010; Brearley,
2012; McGuire et al., 2014). Also importance might be a greater
range of different saprotrophic fungal communities resulting
from the input of different litter types from a more diverse
assemblage of tree species.

Overall, this study confirmed our expectations that
within the tropical rainforest, there is a strong degree
of ecological differentiation in soil bacterial and fungal
communities. However, the patterns in soil microbial
diversity that we found amongst the various forest types
in Brunei do not closely conform to our predictions that
distinctive environments would show lower alpha- and beta-
diversity of bacteria and fungi. There is need for further
theoretical consideration to try to explain why the apparently
distinctive and geologically ‘ephemeral’ environments of
heath and peat swamp forests are about as diverse, or more
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diverse, than terra firme MDF primary and secondary
forests.
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The communities and abundances of methanotrophs and methanogens, along with the

oxygen, methane, and total organic carbon (TOC) concentrations, were investigated

along a depth gradient in a flooded rice paddy. Broad patterns in vertical profiles

of oxygen, methane, TOC, and microbial abundances were similar in the bulk and

rhizosphere soils, though methane and TOC concentrations and 16S rRNA gene copies

were clearly higher in the rhizosphere soil than in the bulk soil. Oxygen concentrations

decreased sharply to below detection limits at 8mm depth. Pyrosequencing of 16S

rRNA genes showed that bacterial and archaeal communities varied according to the

oxic, oxic-anoxic, and anoxic zones, indicating that oxygen is a determining factor

for the distribution of bacterial and archaeal communities. Aerobic methanotrophs

were maximally observed near the oxic-anoxic interface, while methane, TOC, and

methanogens were highest in the rhizosphere soil at 30–200mm depth, suggesting

that methane is produced mainly from organic carbon derived from rice plants and

is metabolized aerobically. The relative abundances of type I methanotrophs such as

Methylococcus, Methylomonas, and Methylocaldum decreased more drastically than

those of type II methanotrophs (such asMethylocystis andMethylosinus) with increasing

depth.Methanosaeta andMethanoregula were predominant methanogens at all depths,

and the relative abundances of Methanosaeta, Methanoregula, and Methanosphaerula,

and GOM_Arc_I increased with increasing depth. Based on contrasts between

absolute abundances of methanogens and methanotrophs at depths sampled across

rhizosphere and bulk soils (especially millimeter-scale slices at the surface), we have

identified populations of methanogens (Methanosaeta, Methanoregula, Methanocella,

Methanobacterium, and Methanosphaerula), and methanotrophs (Methylosarcina,

Methylococcus, Methylosinus, and unclassified Methylocystaceae) that are likely

physiologically active in situ.

Keywords: methanogen, methanotroph, flooded rice paddy, depth distribution, methane, bulk and rhizosphere soil
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Introduction

Methane (CH4) is the second most important greenhouse gas
in the atmosphere, after carbon dioxide. It is produced by
methanogens in the biosphere, but a large part of the released
methane is metabolized by methanotrophs before it reaches the
atmosphere (Bridgham et al., 2013). Therefore, methane emission
from the biosphere into the atmosphere is mainly determined
by methanogenic and methanotrophic activities, and numerous
prior studies have focused on methanogens and methanotrophs
to gain a better understanding of methane metabolism in the
biospheric carbon cycles (Semrau et al., 2010; Bridgham et al.,
2013; Costa and Leigh, 2014). Among methanogenic groups,
members of the orders Methanomicrobiales, Methanobacteriales,
Methanococcales, Methanosarcinales, and Methanocellales have
been identified from rice paddies (Sakai et al., 2009; Ma
et al., 2012; Lee et al., 2014; Liu et al., 2015). Although
anaerobic methanotrophs such as the anaerobic methanotrophic
archaea (ANME), “Candidatus Methylomirabilis oxyfera,” and
“Candidatus Methanoperedens nitroreducens” have recently
been reported as putatively important players in methane
oxidation (Ettwig et al., 2010; Biddle et al., 2012; Haroon et al.,
2013; Shen et al., 2014), it has been suggested that methane is
metabolized mainly by aerobic methanotrophs in rice paddies
(Groot et al., 2003; Ma et al., 2010, 2013; Lee et al., 2014).
Based on their physiological characteristics and phylogeny, the
aerobic methanotrophs are generally divided into two groups,
types I and II, corresponding to the family Methylococcaceae
(Gammaproteobacteria) and the families Methylocystaceae and
Beijerinckiaceae (Alphaproteobacteria), respectively (Semrau
et al., 2010; Lüke and Frenzel, 2011). In addition, atypical
methanotrophs belonging to the family Methylacidiphilaceae of
the phylumVerrucomicrobiawere reported to be aerobic (Op den
Camp et al., 2009).

Rice, one of the most important crop plants worldwide
with a total cultivation area of 155 million hectares, is
traditionally grown under flooded or wet conditions during
most of the cultivation period (Ma et al., 2010). Because
the waterlogged soil of rice paddies provides ideal conditions
for methanogenesis, rice field is considered an important

anthropogenic methane source accounting for 5–19% of the
global methane emission to the atmosphere (IPCC, 2007; Ma
et al., 2010). Methane emission from rice paddies is the result
of complicated processes, including hydrolysis and fermentation
of organic matter, methanogenesis, and methane transport
and oxidation, which involve complex consortia of hydrolytic,
fermenting, methanogenic, andmethanotrophicmicroorganisms
(Liesack et al., 2000; Conrad, 2002, 2007). Previous studies
have shown that different methanotrophic and methanogenic
taxa display varying sensitivities and responses to oxygen
concentrations (Gilbert and Frenzel, 1998; Yuan et al., 2009,
2011; Krause et al., 2010; Ma et al., 2012; Reim et al., 2012).
Indeed, the abundance and distribution of methanogenic and
methanotrophic communities both respond to and create the
physical and chemical gradients that occur with depth in flooded
rice paddy soils (Lüdemann et al., 2000; Noll et al., 2005; Krause
et al., 2010; Reim et al., 2012; Ma et al., 2013).

Because it is well known that organic matter derived from
detritus and root exudates of rice plants is an important driver
of methane production and that oxygen influx occurs through
the aerenchyma of rice roots, the abundance and structure of the
methanogenic and methanotrophic communities along a depth
gradient are expected to differ between the bulk and rhizosphere
soils of planted and unplanted rice paddies. However, previous
studies of microbial communities in rice paddies have largely
relied upon terminal-restriction fragment length polymorphism
(T-RFLP) analysis of 16S rRNA genes (Lüdemann et al., 2000;
Noll et al., 2005; Reim et al., 2012). Although T-RFLP has
been successfully used by some research groups to analyze
methanogenic and methanotrophic communities (Ma and Lu,
2011; Ma et al., 2013), T-RPLP can deliver only limited
insights into complex communities. Pyrosequencing is a more
powerful technique to explore the composition of microbial
communities in natural habitats (Roesch et al., 2007), and
recently pyrosequencing has been used to analyze methanogen
and methanotroph communities in rice paddies (Lee et al., 2014;
Lüke et al., 2014; Breidenbach and Conrad, 2015). However, it has
not yet been applied to samples gathered at millimeter resolution.

In this study, we combined the millimeter-scale sampling
with pyrosequencing-based community characterization of
communities, especially methanotrophs and methanogens, in
bulk and rhizosphere soils of a planted rice paddy. Furthermore,
we determined the oxygen, methane, and total organic carbon
(TOC) concentrations in the corresponding depths. Thus, the
findings reported here expand the current knowledge and
understanding of methane production, oxidation, and transport
in rice paddies.

Materials and Methods

Rice Paddy Description and Soil Sampling along
a Depth Gradient
Soil cores were samples from a rice paddy located in Sacheon,
South Korea (35◦10′90′′N, 128◦11′84′′E). The rice paddy has
a silt loam soil texture (20% clay, 55% silt, 25% sand) and
has been tilled once a year for the last several decades. All

farming practices, including tillage, transplanting of the Korean
rice cultivar Dongjinbyeo (Oryza sativa, Japonica type), water
irrigation, and chemical fertilization, were performed according
to the same procedures described previously (Lee et al., 2014).
Soil core sampling in the flooded rice paddy was performed
on September 3, 2013, approximately 90 days after rice-
transplanting (flowering and heading stages of rice growth), as
methane emission reaches a maximal level during this phase of
the rice cultivation period (Lee et al., 2014). Prior to the soil core
sampling, oxygen concentrations along a depth gradient in the
bulk and rhizosphere soils of the rice paddy weremeasured in situ
using the Fibox 3 LCD trace system with the Pst3 sensor (PreSens
GmbH, Rogensburg, Germany). Soil cores (3-cm diameter and
45-cm length) were collected from the bulk soil (at the mid-
diagonal point separating individual plants placed at 30 × 15 cm
spacings) and from the rhizosphere soil (∼3 cm from the base
of rice plants) within the flooded rice paddy (Supplementary
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Figure S1), using polyvinyl chloride soil core samplers sealed with
rubber stoppers.

The sampled tubes were immediately frozen in a dry
ice/ethanol bath, and then stored at−80◦C until further analysis.

For the analysis of the microbial communities and methane
concentrations along a depth gradient, 1.0-mm-thick sections
were cut from the surface of the frozen soil cores to a 10-mm
depth using amicrotome cryostat (HM 505E,Microm, Germany)
as described previously (Reim et al., 2012). In addition, soil
samples corresponding to 30, 60, 100, 200, 300, and 400mm
depth were cut from the frozen soil cores using the microtome
cryostat. Half of each frozen soil subsample was transferred into
a 10-ml serum bottle, which was immediately sealed with rubber
stoppers for the analysis of the methane concentration. The
remaining half of soil subsamples were stored at−80◦C until the
analysis of the microbial community structure and abundance.

Analysis of Methane and TOC Concentrations
To measure methane concentrations along a depth gradient
in the rice paddy, the 10-ml serum bottles containing the
soil samples were warmed to 25◦C and shaken for 1min
after injection of 1ml of distilled water (DW). Headspace gas
samples (0.5ml) were taken from the serum bottles using a
gas-tight syringe (Hamilton, USA) and methane concentrations
were measured with a 6890N gas chromatograph (GC, Agilent
Technologies, USA) equipped with a flame-ionization detector
and an HP-5 capillary column (0.32mm × 30m, 0.25µm
film thickness, J & W Scientific, USA) as described previously
(Herman and Roberts, 2006). The methane concentrations in

the rice paddy soil were calculated on a fresh weight basis by
measuring the weights of the soil subsamples used for methane
analysis. The measurements were performed in triplicate.

To measure TOC concentrations along a depth gradient,
seven soil samples corresponding to 0–10, 25–35, 55–65, 95–
105, 195–205, 295–305, and 395–405mm depths in the bulk
and rhizosphere soils of the rice paddy were collected from the
frozen soil cores using a small handsaw. Twenty-five milliliters
of DW were added to 5 g of the moist soil samples and the
mixtures were agitated for 60min using a shaker at 250 rpm.
The mixtures were centrifuged at 8000 rpm (∼7200 g) for 10min
and the supernatants were filtered using 0.45-µm pore-size
filters. The TOC concentrations of the filtrates were measured
using a TOC analyzer (TOC-VCPH, Shimadzu, Japan). The
TOC concentrations in the rice paddy were calculated on a dry
weight basis by measuring the dry weight of the precipitates after
centrifugation. The measurements were performed in triplicate.

Quantitative Real-time Polymerase Chain
Reaction (qPCR)
To estimate the bacterial and archaeal abundances along a
depth gradient in the rice paddy, qPCR was performed as
described previously with some modifications (Lee et al., 2012,
2014). Briefly, genomic DNA was extracted from the remaining
half of frozen soil subsamples using a Fast DNA spin kit
(MP Biomedicals, Solon, OH) according to the manufacturer’s
instructions. Two qPCR primer sets, bac1114F (5′-CGG CAA
CGA GCG CAA CCC-3′)/bac1275R (5′-CCA TTG TAG CAC

GTG TGT AGC C-3′) and arch349F (5′-GYG CAS CAG
KCG MGA AW-3′)/arch806R (5′-GGA CTA CVS GGG TATC
TAA T-3′), were used to amplify the 16S rRNA genes of
Bacteria and Archaea, respectively (Takai and Horikoshi, 2000;
Denman and McSweeney, 2006). The qPCR amplifications were
performed in triplicate and gene copy numbers were estimated
by using two standard curves generated from pCR2.1 vectors
(Invitrogen, USA) carrying bacterial (Chloroflexi) and archaeal (a
methanogenic archaeon) 16S rRNA genes as described previously
(Jung et al., 2011; Lee et al., 2012). Bacterial and archaeal 16S
rRNA gene copy numbers in the rice paddy were calculated on
a fresh weight basis by measuring the weight of the soil samples
used for DNA extraction.

Analysis of the Bacterial and Archaeal
Community Structure using Pyrosequencing
For the analysis of bacterial and archaeal community structures
along a depth gradient in the rice paddy, composite genomic
DNA samples were prepared by mixing equal amounts of the
genomic DNA extracted from the same depths of three different
cores. The hypervariable regions of bacterial and archaeal 16S
rRNA genes were amplified using primer sets Bac9F/Bac541R
and Arc344F/Arc927R with unique 7–11 mer barcode sequences,
respectively (Supplementary Table S1). The PCR products were
pooled for pyrosequencing using a 454 GS-FLX Titanium system
(Roche, Mannheim, Germany) at Macrogen (Seoul, Korea) as
described previously (Lee et al., 2014).

The pyrosequencing data were processed using RDPipeline
(http://pyro.cme.msu.edu; Cole et al., 2009). The pyrosequencing
reads were sorted to the specific samples based on their unique
barcodes, after which the barcode and primer sequences were
trimmed. Reads with more than two undetermined nucleotides
and/or read lengths shorter than 300 bp were excluded from
subsequent analysis, and potential chimeric reads were discarded
by using the UCHIME chimera slayer (Edgar et al., 2011) in
RDPipeline. To compare the microbial diversity among the soil
samples, the bacterial and archaeal read numbers of each sample
were normalized to those of the sample with the smallest number
of reads by random removal of sequencing reads using the
sub.sample command of the Mothur program (Schloss et al.,
2009). Operational taxonomic units (OTUs), Shannon–Weaver
(Shannon and Weaver, 1963), and Chao1 biodiversity (Chao,
1987) indices and evenness for the normalized sequencing reads
were computed with RDPipeline at a 97% identity cutoff value.

The bacterial and archaeal communities along a depth
gradient in the bulk and rhizosphere soils of the rice paddy were
compared using the UniFrac analysis (Lozupone and Knight,
2005). Representative sequences were selected by aligning the
normalized reads and clustering them at a 97% nucleotide
identity cutoff in RDPipeline, and singletons were removed as
described by Zhou et al. (2011). The representative sequences
without singletons were aligned in RDPipeline and neighbor-
joining (NJ) trees were constructed based on the Kimura
two-parameter model using the PHYLIP software (ver. 3.695)
(Felsenstein, 2002). The NEXUS files of the NJ trees were used
as input files for weighted hierarchical clustering and principal
coordinate analysis (PCoA).
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Taxonomic classification was performed for all high-quality
sequences of Bacteria and Archaea at the phylum, class, and
genus levels based on the SILVA database (v.102), using the
nearest-neighbor method within the mothur program (Pruesse
et al., 2007). The absolute abundances of methanotrophic and
methanogenic groups along a depth gradient in the bulk and
rhizosphere soils of the rice paddy were estimated by multiplying
the relative abundances of methanotrophic and methanogenic
groups that were classified at the genus level and the gene copy
numbers of bacterial and archaeal 16S rRNA genes that were
obtained by the qPCR analysis.

Nucleotide Sequence Accession Number
The pyrosequencing data of the bacterial and archaeal 16S
rRNA genes are publicly available in the NCBI Short Read
Archive (SRA) under accession no. SRP052852 (NCBI BioProject
PRJNA273696).

Results

Vertical Profiles of Oxygen, Methane, and TOC
Concentrations
The concentration profiles of oxygen, methane, and TOC along a
depth gradient in the flooded rice paddy are shown in Figure 1.

The oxygen concentration in the surface floodwater of the
paddy soil was approximately 8.8 ppm, but the concentration
decreased very sharply to below the detection limit at 8-mm
(Figure 1A). This result suggested that the oxic-anoxic interface
representing the penetration limit of oxygen from the soil surface
was located at the depth range of approximately 6–10-mm,
which was slightly different from previously reported results in

which the oxic-anoxic interfaces were located at approximately
2-mm depth (Revsbech et al., 1999; Reim et al., 2012). This
difference might be explained by the high oxygen concentration
in the floodwater in this study. No clear difference was observed
in the vertical oxygen profiles of the bulk and rhizosphere
soils. The methane concentrations were extremely low in the
aerobic surface soil (<0.1µg/g-soil) (Figure 1A). Simultaneous
depletion of oxygen and methane in the 4–10mm oxic-anoxic
interface zone is characteristic of aerobic methanotrophy. Below
this interface zone, where aerobic methanotrophy certainly
occurred in situ, methane concentration increased steadily with
depth to maximum levels of 2.7 and 3.3µg/g-soil at 60–100-
mm in the bulk and rhizosphere soils, respectively; methane
then decreased to approximately 0.4µg/g-soil at the 400-mm
depth in both soils (Figure 1A). Interestingly, the methane
concentration at a depth of 9mm in the rhizosphere soil was
nearly double that at the same depth in the bulk soil. The
TOC concentrations increased to maximum levels of 8.7 and
14.7mg/g-soil at approximately 100-mm depth in the bulk and
rhizosphere soils, respectively (Figure 1B). The vertical profiles
of TOC corresponded well with those of methane concentrations.
As expected, both the methane and TOC concentrations were
generally higher in the rhizosphere than in the bulk soil of the
rice paddy.

Abundances of Bacteria and Archaea along a
Depth Gradient
To estimate the bacterial and archaeal abundances along a
depth gradient in the bulk and rhizosphere soils of the rice
paddy, a qPCR approach targeting the 16S rRNA genes was
used (Figure 2). The total numbers of 16S rRNA gene copies of

FIGURE 1 | Profiles of oxygen, methane (A), and total organic

carbon (TOC) (B) concentrations along a depth gradient in the

bulk and rhizosphere soil of the flooded rice paddy. The

measurements were performed in triplicate. Errors bars indicate standard

deviations (n = 3). g-soilfw, gram-soil fresh weight; g-soildw, gram-soil

dry weight.
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FIGURE 2 | Profiles of the 16S rRNA gene copies for total Bacteria (A) and Archaea (B) along a depth gradient in the bulk and rhizosphere soil of the

flooded rice paddy. The measurements were performed in triplicate. Errors bars indicate standard deviations (n = 3). g-soilfw, gram-soil fresh weight.

Bacteria were approximately 4.1 × 108 and 8.9 × 108 copies/g-
soil at the surface of the bulk and rhizosphere soils, respectively.
The copy numbers increased sharply to a maximum of 1.5× 109

copies/g-soil at 3–4-mm depth and 2.0 × 109 copies/g-soil at
7–8-mm depth in the bulk and rhizosphere soils, respectively,
and then rapidly decreased to numbers similar to those at the
surface, at 10-mmdepth (Figure 2A). These results are consistent
with the hypothesis that organic carbon, including methane, may
be supporting the in situ growth (hence high populations) of
Bacteria at the oxic-anoxic interface of the rice paddy. Below
10-mm depth, which corresponds to anaerobic conditions, the
bacterial 16S rRNA gene copy numbers remained relatively
constant at approximately 7.0 × 108 copies/g-soil in both the
bulk and rhizosphere soils. The 16S rRNA gene copy numbers
of Archaea were approximately 2.2× 106 and 4.3× 106 copies/g-
soil at the surface of the bulk and rhizosphere soils, respectively
(Figure 2B). The copy numbers increased to a maximum of
2.4 × 107 and 4.5 × 107 copies/g-soil at 60–100-mm depth in
the bulk and rhizosphere soils, respectively, and then gradually
decreased below 100-mm depth with increasing depth in the rice
paddy. The 16S rRNA gene copy numbers of Bacteriawere higher
in the rhizosphere than in the bulk soil at 0–30-mm depth, while
those of Archaea were higher in the rhizosphere than in the bulk
soil at all sampled depths.

Bacterial and Archaeal Community Composition
along a Depth Gradient
To investigate the phylogenetic structure of the bacterial and
archaeal communities along a depth gradient in the bulk and
rhizosphere soils of the rice paddy, a parallel pyrosequencing
approach was applied. After the removal of low-quality and
putative chimeric reads, and trimming of the barcoded PCR
primers, a total of 163,731 and 116,773 high-quality reads

with corresponding average read lengths of 474 and 495 bases
were obtained for the bacterial and archaeal communities,
respectively (Supplementary Table S2). Because the read numbers
influence the statistical diversity indices, especially the Chao1
and Shannon–Weaver indices, the numbers of the bacterial and
archaeal reads in each sample were normalized to 3031 and
2122 reads, respectively, and the statistical diversity indices were
calculated based on the normalized samples (Table S2). The
Chao1 and Shannon–Weaver indices indicated that the bacterial
diversities were relatively constant over the first 10-mm in both
the bulk and rhizosphere soils, but they decreased below the 30-
mm depth (Figure 3A), suggesting that the oxygen concentration
is an important factor for bacterial diversity in the rice paddy. The
archaeal diversities decreased steadily in both soils between the
surface and 400-mm depth with increasing depth (Figure 3B).
However, no obvious differences in the bacterial and archaeal
diversities along a depth gradient were observed between the bulk
and rhizosphere soils of the rice paddy.

The composition of the bacterial and archaeal communities
along a depth gradient in the bulk and rhizosphere soils
of the rice paddy was statistically compared using weighted
UniFrac clustering and PCoA. Because Zhou et al. (2011)
demonstrated that singletons can cause data distortion, these
were removed from the normalized data before clustering and
PCoA (Figure 4). The sequences of Bacteria were clustered
three groups according to depths of 0–6, 6–10, and 30–400mm
(Figure 4A), corresponding with the oxic zone, the oxic-anoxic
interface, and the anoxic zone, respectively, based on the vertical
oxygen profiles as shown in Figure 1A. The sequences of
Archaea were clustered into three groups according to depth;
however, the clusters were less tightly related to the vertical
oxygen profiles than that of the bacterial community data,
especially in the oxic-anoxic interface of the rhizosphere soil
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FIGURE 3 | Profiles of Chao1 and Shannon–Weaver indices for total Bacteria (A) and Archaea (B) along a depth gradient in the bulk and rhizosphere

soils of the flooded rice paddy. Both indices were computed using the normalized pyrosequencing read data at a 97% identity cutoff value.

(Figure 4B). The PCoA results confirmed that the bacterial
and archaeal communities could be divided into three groups
corresponding with the vertical oxygen profiles (Figures 4C,D).
However, the bacterial and archaeal communities were not clearly
differentiated between the bulk and rhizosphere soil of the rice
paddy. Taken together, these results showed that the composition
of the bacterial and archaeal communities of the rice paddy
differed along a depth gradient and suggested that the oxygen
concentration might be a determining factor in this.

Next, the high-quality bacterial and archaeal sequences
were taxonomically classified at the phylum and class levels,
respectively, using the SILVA reference database (Figure 5).
The classification showed that the bacterial and archaeal
communities were not distinctly differentiated between the bulk
and rhizosphere soils of the rice paddy. Predominant Bacteria
belonged to the phyla, Proteobacteria, Cyanobacteria,Chloroflexi,
Bacteroidetes, Acidobacteria, Actinobacteria, and Firmicutes at all
depths in both the bulk and rhizosphere soils (Figures 5A,B),
although their relative abundances were slightly different along
a depth gradient. The relative abundances of Cyanobacteria and
Bacteroidetes decreased, while those ofChloroflexi,Acidobacteria,
and Actinobacteria increased with depth in both soils. The
taxonomic classification of the archaeal sequences showed that
methanogens, including Methanomicrobia, Methanobacteria,
and Methanococci, which belong to the phylum Euryarchaeota
were predominant at all depths in both the bulk and
rhizosphere soils (Figures 5C,D). The relative abundance of the
methanogens, especiallyMethanomicrobia, increased with depth,
while non-methanogenicHalobacteria, which were predominant
at the surface layer, sharply decreased with depth and formed

a minority at the deep soil layer. These results suggested
that Halobacteria in the rice paddy are aerobic, which was
consistent with previously reported results that archaeal isolates
belonging to Halobacteria are aerobic (Wainø et al., 2000;
Shimane et al., 2011). In addition, Soil_Crenarchaeotic_Group
(SCG) and Group_C3 belonging to the phylum Crenarchaeota
were detected at high relative abundance and their relative
abundances gradually increased with depth in both the bulk
and rhizosphere soils (Figures 5C,D). The changes in the
bacterial and archaeal communities weremore pronounced at the
surface layer (∼10mm) associated with a sharp oxygen gradient,
suggesting that oxygen might be a determining factor for the
taxonomic composition of the microbial communities.

We sought deeper insights into the paddy soil microbial
communities by moving from phylum- and class-level analyses
(Figure 5) to the more rarified genus level. Here we focused on
bacterial and archaeal sequences specifically involved in methane
metabolic processes—methanogens and aerobic methanotrophs
along the depth gradient in the rice paddy soil (Figures 6,
7). Only 0.25–3.27% of the bacterial sequences were assigned
as methanotrophs, while 37.3–88.1% of the archaeal sequences
were recognized as methanogens (Figures 6A–D, respectively);
these proportions of methanotrophs and methanogens were
consistent with previously reported results (Lee et al., 2014).
The relative abundances of the methanotrophs in the bulk soil
increased in the surface layer and their maximum abundance
was observed at 3–4-mm depth, but they gradually decreased
with depth (Figure 6A). Whereas, the relative abundances
of the methanotrophs in the rhizosphere soil showed a
maximum level at the surface layer (1–3mm) and then gradually
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FIGURE 4 | The weighted UniFrac clustering (A,B) and PCoA (C,D)

showing the relationships of bacterial (A,C) and archaeal (B,D)

communities along a depth gradient in the bulk and rhizosphere soils

of the flooded rice paddy. Numbers beside the symbols represent the

depth (mm) from the surface. The scale bars in the trees represent the

weighted UniFrac distances.

decreased with depth (Figure 6B). Members of Methylosinus,
Methylocystis,Methylococcus,Methylomonas, andMethylosarcina
were detected as dominant methanotrophs residing in both
the bulk and rhizosphere soils, and their relative abundances
differed along a depth gradient. The relative abundance of
type II methanotrophs was nearly constant or decreased
slowly with depth in both the bulk and rhizosphere soils,
while that of type I methanotrophs, in particular the type
Ib Methylococcus, decreased more sharply with depth. In
contrast to the methanotrophs, the relative abundances of the
methanogens increased with depth, and a pronounced increase
was observed around the oxic-anoxic interface (Figures 6C,D).
Methanosaeta, Methanoregula, Methanocella, Methanosarcina,
Methanobacterium, Methanosphaerula, and GOM_Arc_I (Gulf
of Mexico_Archaea_I) were the dominant methanogens in both
soils, and their relative abundances differed along a depth
gradient. The relative abundances of the genera Methanosaeta,
Methanoregula, Methanosphaerula, and GOM_Arc_I, which
belong to the class Methanomicrobia, increased with depth. In

particular, GOM_Arc_I was one of the predominant members
at the deep soil layer (400mm). Species of the ANME group
were hardly detected at all depths of the rice paddy, which was
consistent with previously reported results (Lee et al., 2014).

Trends in the rice paddy methane profile in Figure 1A

(drastic methane depletion at the 4–10mm depths in both
bulk and rhizosphere soils and a methane concentration at
9mm in the rhizosphere soil nearly double that that of the
bulk soil) were not readily interpretable based on the relative
abundances of methanotrophs and methanogens shown in
Figure 6. With the goal of identifying populations potentially
involved in in situ methane production and consumption,
we next estimated the absolute abundances (16S rRNA gene
copies) of methanotrophic and methanogenic populations. To
accomplish this, we multiplied the relative abundances of each
group of populations with their 16S rRNA gene copy numbers
(Figure 7). Absolute abundances of total methanotrophs and
methanogens were ∼107 16S rRNA gene copies/g-soil in both
the bulk and rhizosphere soils. This result was in agreement
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FIGURE 5 | Taxonomic compositions of bacterial (A,B) and archaeal

(C,D) communities along a depth gradient in the bulk (A,C) and

rhizosphere (B,D) soils of the rice paddy. The bacterial and archaeal

16S rRNA gene sequences were classified at the phylum and class

levels, respectively, by using the mothur program based on the SILVA

database. “Others” represents taxa that comprised <1 and 0.1% of the

total reads in all of the bacterial and archaeal samples, respectively. SCG,

Soil_Crenarchaeotic_Group; MCG, Miscellaneous_Crenarchaeotic_Group;

SAGMG1, South_Africa_Gold_Mine_Goup_1; MBG,

Marine_Benthic_Group.

with previously reported results, in which the abundances of
methanotrophs and methanogens were analyzed by using qPCR
of the methyl-coenzymeM reductase (mcrA) and particulate
methane monooxygenase (pmoA) genes, which encode key
enzymes of methanogens andmethanotrophs, respectively (Yuan
et al., 2009; Shrestha et al., 2010; Lee et al., 2014).

It is important to acknowledge that methane is a metabolic
end product produced in deep soil horizons that diffuses
upward toward the narrow oxic surface zone where aerobic
methanotrophs flourish. Focusing on the deep soil horizons that
are the source of methane (Figures 7C,D), the absolute
abundances of methanogens were clearly higher in the
rhizosphere than in the bulk soil above 200mm depth; this
is consistent with higher plant-derived TOC in the rhizosphere
(Figure 1B) fueling fermentative food chains whose final step
is mediated by methanogenic populations. Methanogenic
populations clearly enriched in the rhizosphere soil at the

depths of 200, 100, 60, and 30mm depths (relative to the bulk
soil) included Methanosaeta, Methanoregula, Methanocella,
Methanobacterium, Methanosphaerula, and GOM_Arc_I; these
genera are candidates for in situ methanogenesis that may have
led to the high concentration of rhizosphere methane at the
9mm depth (Figure 1A). The most obvious trend in the absolute
abundances of the methanotrophic populations is the fact
that total numbers were enriched at deeper depths (especially
6–7 and 7–8mm) in the rhizosphere soil (Figures 7A,B).
This enrichment is consistent with the notion that higher
methanogenic populations in the deep rhizosphere (relative to
bulk) soils lead to higher concentrations and fluxes of methane;
thus, methanotropic populations likely were responding to that
flux at deeper depths. Particular populations enhanced at the
6–8mm depth (relative to the same depths in the bulk soil
profile) included: Methylosarcina, Methylococcus, Methylosinus,
and unclassified Methylocystaceae; these genera are candidates
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FIGURE 6 | Relative abundances of putative methanotrophs (A,B)

and methanogens (C,D) classified at the genus level along a

depth gradient in the bulk (A,C) and rhizosphere (B,D) soils of

the rice paddy. The lines in (A,B) indicate the boundaries between

type I (left) and type II (right) methanotrophs. GOM_Arc_I; Gulf of

Mexico_Archaea_I.

for in situmethanotrophy. It must be acknowledged that another
key factor likely influencing the abundances of methanotrophs in
the rhizosphere vs. soils shown in Figures 7A,Bmay be channels
formed in the soil by rice roots and their secondary impacts on
oxygen and methane distribution (Kumaraswamy et al., 1997;
Eller et al., 2005; Kerdchoechuen, 2005; Gutierrez et al., 2014).

Discussion

Methane production and oxidation are expected to vary with
soil depth and methane is expected to be transported in
flooded rice paddies because the soil-surface region alone is
aerobic in the flooded rice paddies. However, to date, only
few studies on the microbial communities along a depth
gradient in rice paddies have been performed, and these did
not investigate methanotrophs (Lüdemann et al., 2000; Noll
et al., 2005). Recently, the bacterial methanotroph communities
at the soil surface and the archaeal methanogen communities in
anaerobic regions have been investigated by using T-RFLP and
denaturing gradient gel electrophoresis, respectively (Watanabe
et al., 2010; Reim et al., 2012). In these studies, no analysis
of the concomitant methane concentrations along a depth
gradient in the rice paddies was performed, which made it

impossible to accurately trace the methane metabolic processes
in the rice paddies. Therefore, in this study, we investigated the
communities of methanotrophs as well as methanogens using
parallel 454-pyroseqeuncing along a depth gradient comprising
the surface and anaerobic regions, along with the analysis of
oxygen, methane, and TOC concentrations and methanogenic
and methanotrophic abundances, in the bulk and rhizosphere
soils of the flooded rice paddy.

The methane and TOC concentrations and the methanogen
abundances were clearly higher in the rhizosphere soil than in
the bulk soil (Figures 1, 7), suggesting that the organic carbon for
methane production are derived mainly from the root exudates
of the rice plants, as reported previously (Lu et al., 2000; Kimura
et al., 2004; Lu and Conrad, 2005; Yuan et al., 2012; Pump et al.,
2015). Bolstering the notion that in situmethane production and
flux was high in the rhizosphere was the observation (Figure 1A)
that at 9mm, the methane concentration in the rhizosphere
soil was nearly double that at the same depth in the bulk soil.
The vertical methane concentration and methanogen abundance
profiles indicated thatmethane ismaximally produced at 30–200-
mm depth in the rhizosphere soil (Figures 1, 7), while the vertical
oxygen concentration and methanotroph abundance profiles
suggested that methane is metabolized primarily aerobically at
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FIGURE 7 | Estimated absolute abundances of putative

methanotrophs (A,B) and methanogens (C,D) along a depth

gradient in the bulk (A,C) and rhizosphere (B,D) soils of the

rice paddy. The absolute abundances (16S rRNA gene copy

numbers) of methanotrophs and methanogens were estimated by

multiplication of the relative abundances in Figure 6 and the

corresponding 16S rRNA gene copy numbers of Bacteria and

Archaea in Figure 2. The lines in (A,B) indicate the boundaries

between type I (inside) and type II (outside) methanotrophs. g-soilfw,

gram-soil fresh weight.

the oxic-anoxic interface in the rice paddy, where both methane
and oxygen are supplied (Figures 1, 7); ANME sequences were
scarcely detected in the rice paddy soil. These results suggested
that methane is produced mainly from organic carbon derived
from the rice roots at 30–200-mm depth in the rhizosphere soil
and diffuses into the bulk and surface soil layers, and is oxidized
mainly at the oxic-anoxic interface. It has been reported that
oxygen is released through the aerenchyma of plant roots and
that a slightly aerobic condition can occur at the rhizosphere of
rice plants (Lu et al., 2000; Shrestha et al., 2008; Blossfeld et al.,
2011; Ma et al., 2013). However, in this study, no clear differences
in the oxygen concentrations in the bulk and rhizosphere soils
were observed (Figure 1A). The total bacterial abundances were
distinctly higher in the rhizosphere soil than in the bulk soil
(Figure 2A). Moreover, the relative abundance of methanotrophs
in the rhizosphere soil was clearly lower than those in the
bulk soil (Figures 6A,B), indicating that bacteria other than
methanotrophs were enriched in the rhizosphere. These results
might be explained by the exudation of organic matter from rice
plant roots that increased the growth of heterotrophic bacteria,
causing rapid consumption of oxygen near the rice roots.

It has been reported that methanotrophs from distinct
taxonomic groups are influenced differently by oxygen and
methane concentrations (Henckel et al., 2000; Lüke and Frenzel,
2011; Reim et al., 2012; Lüke et al., 2014), indicating that
the methanotroph abundance and composition can differ along
a depth gradient in rice paddies. The abundances of the
methanotrophs were observed to peak around the oxic-anoxic
interface where both oxygen and methane are present, which was
consistent with the results of a previous study onmethanotrophic
activities based on pmoA transcript levels and oxygen respiration
at the oxic-anoxic interface (Reim et al., 2012). The study by Reim
et al. (2012) showed that an alternating pattern of predominance
of type Ia and type II methanotrophs occurred at the surface and
that type Ia methanotrophs were predominant around the oxic-
anoxic interface. However, in the current study, no alternating
pattern of type Ia and type II methanotrophs was observed
around the oxic-anoxic interface, which might be explained by
the less distinct stratification in oxygen and methane gradients
in the planted rice paddy or by differences in environmental
features. Instead, type Ib methanotrophs dominated the type Ia
methanotrophs at the oxic-anoxic interface. The abundances of
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type I methanotrophs such asMethylococcus,Methylomonas, and
Methylocaldum decreased more obviously compared to type II
methanotrophs with increasing depth of the rice paddy, while
the abundances of type II methanotrophs such as Methylocystis
andMethylosinus were relatively constant along a depth gradient
(Figures 6A,B), which suggests that type I methanotrophs
require high oxygen availability to oxidize methane, while
type II methanotrophs can oxidize methane more efficiently
under limited oxygen availability. These results were consistent
with those of previous studies, which showed that type I
methanotrophs generally display highmethane-oxidizing activity
under high oxygen and limited methane availability compared
to type II methanotrophs (Henckel et al., 2000; MaCalady et al.,
2002; Knief and Dunfield, 2005; Shrestha et al., 2008; Wu et al.,
2009).

The fact that methanogens are obligate anaerobes and that
the organic carbon for methane production is derived mainly
from root exudates in rice paddies may explain why the
methanogen abundances gradually increased with depth and
peaked in the rhizosphere soil at 30–200mm depth (Figures 6,
7). Methanosaeta and Methanoregula, known as acetoclastic and
hydrogenotrophic methanogens, respectively, were predominant
in the rice paddy, which suggests that hydrogen as well
as acetate are important substrates for methanogenesis in
rice paddies. In particular, the abundances of Methanoregula
increased rapidly along a depth gradient, suggesting that the
hydrogen concentration increases with depth (Bräuer et al.,
2006). Although the methane concentrations were very low
below 300-mm depth (Figure 1A), the absolute abundances of
populations classified as the methanogens were high due to
the presence of GOM_Arc_I-related archaea (Figures 7C,D).
Although the GOM_Arc_I sequences were classified within
Methanomicrobia in this study, the GOM_Arc_I, which was first
identified from methane hydrate-rich sediments in the Gulf of
Mexico, was originally presumed as ANME-2d because their
16S rRNA gene sequences were also phylogenetically related to
those of ANME-2d (Mills et al., 2003, 2005). However, to date,

no study establishing physiological function of GOM_Arc_I as
methanogens or ANME has been published. In the current study,
the abundances of GOM_Arc_I rapidly increased with decreasing
methane concentrations, which supports the notion, in rice
paddy soils, the GOM_Arc_I may be heterotrophic archaea;
corroborated by the high TOC concentrations below 300-mm
depth (Figures 1, 7).

In this investigation, we combined the millimeter-scale
sampling of oxygen, methane, TOC concentrations, together
with pyrosequencing-based community characterization of
communities, especially methanotrophs and methanogens, in
both bulk and rhizosphere soils of a planted rice paddy.
By focusing on absolute abundances of both methanogenic
and methanotrophic genera (Figures 7C,D and Figures 7A,B,
respectively), we found contrasts between methanogens and
methanotrophs at depths sampled across rhizosphere and bulk
soils that helped explain drastic methane depletion at the 4–
10mm depths in both bulk and rhizosphere soils and a methane
concentration at 9mm in the rhizosphere soil nearly double that
that of the bulk soil. As a result we hypothesize that populations

of methanogens (Methanosaeta, Methanoregula, Methanocella,
Methanobacterium, and Methanosphaerula) and methanotrophs
(Methylosarcina, Methylococcus, Methylosinus, and unclassified
Methylocystaceae) likely were physiologically active in situ.
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Soil microorganisms play important roles in nitrogen cycling within forest ecosystems.
Current research has revealed that a wider variety of microorganisms, with unexpected
diversity in their functions and phylogenies, are involved in the nitrogen cycle than
previously thought, including nitrogen-fixing bacteria, ammonia-oxidizing bacteria and
archaea, heterotrophic nitrifying microorganisms, and anammox bacteria, as well as
denitrifying bacteria, archaea, and fungi. However, the vast majority of this research
has been focused in temperate regions, and relatively little is known regarding the
ecology of nitrogen-cycling microorganisms within tropical and subtropical ecosystems.
Tropical forests are characterized by relatively high precipitation, low annual temperature
fluctuation, high heterogeneity in plant diversity, large amounts of plant litter, and unique
soil chemistry. For these reasons, regulation of the nitrogen cycle in tropical forests
may be very different from that of temperate ecosystems. This is of great importance
because of growing concerns regarding the effect of land use change and chronic-
elevated nitrogen deposition on nitrogen-cycling processes in tropical forests. In the
context of global change, it is crucial to understand how environmental factors and land
use changes in tropical ecosystems influence the composition, abundance and activity
of key players in the nitrogen cycle. In this review, we synthesize the limited currently
available information regarding the microbial communities involved in nitrogen fixation,
nitrification and denitrification, to provide deeper insight into the mechanisms regulating
nitrogen cycling in tropical forest ecosystems. We also highlight the large gaps in our
understanding of microbially mediated nitrogen processes in tropical forest soils and
identify important areas for future research.

Keywords: nitrogen processes, tropical forest soils, soil microbial community, nitrogen functional genes, nitrous
oxide

INTRODUCTION

Nitrogen (N) is an important component of proteins and nucleic acids, and thus is an essential
nutrient for all organisms. Furthermore, the N supply to organisms regulates primary productivity
in many natural ecosystems. N exists in multiple oxidation states and chemical forms in nature, and
transformations among these different forms are typically catalyzed by microorganisms (Hayatsu
et al., 2008). Soil microorganisms constitute a major portion of the biodiversity in soils and
play a pivotal role in soil processes (Fierer and Jackson, 2006; Schimel and Schaeffer, 2012;
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Philippot et al., 2013), which ultimately affect the functioning of
terrestrial ecosystems. Given the biogeochemical contributions
of microbes, microbial community dynamics may be associated
with temporal and spatial variation in N processes and
rates. Thus, understanding the link between biogeochemical N
processes and microbial community dynamics can provide a
more mechanistic understanding of the N cycle than the direct
observation of N dynamics. Likewise, it is important to know
the factors that influence the biodiversity and functioning of
soil microbes that mediate these processes in order to predict
ecosystem responses to a changing environment (Singh et al.,
2010).

Tropical forests are particularly important in the N cycle.
Although these ecosystems occupy only 12% of the Earth’s
surface, they contribute ∼70% of terrestrial N fixation and emit
∼50% of nitrous oxide (N2O; Townsend et al., 2011). They
are a major reservoir of biodiversity and play a vital role in
regulating the Earth’s climate and biogeochemical cycles through
their vast exchanges of energy, water, and nutrients with the
atmosphere (Foley et al., 2003; Bonan, 2008). Tropical forests
account for nearly 40% of terrestrial net primary production,
contain 25% of the world’s biomass carbon (C) and play a
critical role in buffering the atmosphere against rising carbon
dioxide (CO2) (Townsend et al., 2011; Wright, 2013). On the
other hand, these forest ecosystems are threatened by high levels
of deforestation, rapid rates of land conversion to agriculture,
and chronic-elevated N deposition, with important implications
for global climate (Stork et al., 2009; Hietz et al., 2011). As a
result, there have been increased efforts recently to understand
and predict how soil microbial communities in tropical forests
regulate biogeochemical processes, in particular N cycling.

Our understanding of biological N cycling in forest
ecosystems has undergone a major shift in the past decade in
concert with the growing interest in integrating evolutionary
and ecological theory into microbial ecology (Prosser et al.,
2007; Fierer et al., 2009b; Philippot et al., 2010), the rapid
development of molecular-based culture-independent methods
(Roesch et al., 2007; Caporaso et al., 2011; Palmer et al., 2012),
and the use of N isotope tracer techniques (Baggs, 2008; Kool
et al., 2010). These advances have increased our understanding
of microbial communities, their functional potential, and their
physiological state (Houlton et al., 2006; Roesch et al., 2007;
Levy-Booth et al., 2014), and have sparked a new interest in the
functional link between soil microbial community structure and
N cycling (Cusack et al., 2011; Treseder et al., 2011; Philippot
et al., 2013). As a result, we are beginning to understand the
microbial community ecology involved in N processes in forest
ecosystems, which provide us with a more complete picture of
the regulation of the N cycle and its response to environmental
change (Bottomley et al., 2012; Levy-Booth et al., 2014; Zhang
et al., 2014).

Although some excellent reviews of the ecology of N-cycling
microorganisms in soils exist (e.g., Wallenstein et al., 2006;
Philippot et al., 2007; Hayatsu et al., 2008; Braker and Conrad,
2011; Levy-Booth et al., 2014), these focus primarily on
temperate systems, and the relationship between N processes
and microbial community dynamics in tropical forest soils

remains poorly understudied. In this review we describe
and summarize currently available information regarding the
relationship between soil microbial ecology and three relevant
N-cycling processes that govern the fate of N in tropical
forest soils. Although we also briefly introduce other important
microbial N processes, we focus on the N-fixer (diazotrophs),
nitrifier and denitrifier communities because these functional
groups have been the most studied in tropical soils. We close
our review with a discussion of the impact of anthropogenic
environmental changes on the microbially mediated mechanisms
regulating N cycling in tropical forest ecosystems.

THE NITROGEN CYCLE IN TROPICAL
FOREST SOILS

Tropical soils are generally on older geologic substrates depleted
of rock-derived elements such as phosphorus (P) and cations. As
a consequence, these soils are typically acidic (pH < 5) and their
fertility is often dependent on the cycling of a thin layer of organic
matter associated with the large amount of plant litter material
(Hall and Matson, 2003; Macrae et al., 2013). Thus, in contrast to
temperate forests, tropical forests on highly weathered soils are
assumed to be primarily limited by P and “N-saturated” (Hedin
et al., 2009; Cleveland et al., 2011), leading to an open dynamic
N cycle, with relatively high levels of N loss via denitrification
and leaching (Vitousek and Matson, 1988; Martinelli et al., 1999;
Brookshire et al., 2012) balanced by high levels of N fixation
(Reed et al., 2007; Cusack et al., 2009). This assumption is also
supported by observations of high plant and soil N/P ratios, high
abundance and diversity of legume plants, and the export of
bioavailable N at the ecosystem scale (Supplemenatary Table S1;
Houlton et al., 2006; Hedin et al., 2009; Vitousek et al., 2010). For
example, some fertilization experiments conducted in tropical
forests have demonstrated a stronger response of plant biomass
to added P than to added N, supporting the paradigm that
tropical ecosystems on weathered soils are predominantly P
limited (Tanner et al., 1998; Harrington et al., 2001). However,
there is emerging evidence of limitation and colimitation by
other nutrients, such as N and potassium, in tropical forests
(Kaspari et al., 2008; Wullaert et al., 2010; Wright et al., 2011).
For instance, strong colimitation by N and P of vegetation and
soil organisms has been observed in an Ecuadorian montane
forest (Wullaert et al., 2010; Homeier et al., 2012). In this forest
ecosystem, moderate additions of N (50 kg ha−1 yr−1) and P
(10 kg ha−1 yr−1) led to not only an increase in foliar N and P
concentrations, but also altered soil microbial biomass, standing
fine root biomass, stem growth, and litterfall (Homeier et al.,
2012). Additionally, forest disturbance may lead to N limitation
of young secondary forests (Davidson et al., 2007). Research to
date suggests that nutrient limitation in these ecosystems is likely
not a question of N vs. P, but instead is the result of complex
interactions among multiple nutrient cycles and their linkages
with biological processes (Townsend et al., 2011; Alvarez-Clare
et al., 2013).

Soil N transformations in tropical forests are affected by
unique soil characteristics (e.g., low pH, rapidly fluctuating
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redox conditions and large amounts of Fe oxides, plant litter
material and available N content) and environmental conditions
(e.g., high humidity and low annual fluctuation in temperature),
making it difficult to identify the main pathways and mechanisms
affecting process-specific transformations (Supplementary Table
S1; Vitousek and Matson, 1988; Hedin et al., 2009; Xu et al.,
2013; Gao et al., 2015). For example, resource stoichiometry
influences microbial growth rates (Rousk and Bååth, 2007)
and the production of extracellular enzymes that degrade soil
organic matter (Mooshammer et al., 2012). However, it remains
unclear if the pattern of nutrient limitation documented for
plants (i.e., strong limitation by P) in tropical forests holds true
for soil microbes. For instance, there is evidence that P can
limit microbial growth (Turner and Joseph Wright, 2014) and
mineralization (Cleveland and Townsend, 2006; Kaspari et al.,
2008) in lowland tropical forests found on heavily weathered
soils. In contrast, soil microbial biomass and N mineralization in
tropical montane forests on younger soils seem to be constrained
primarily by N limitation (Hall and Matson, 2003; Cusack et al.,
2010). Furthermore, it has been shown that the response of soil
microorganisms to nutrient addition in an Ecuadorian montane
rainforest varies with both altitude and duration of nutrient
addition (Krashevska et al., 2014). Thus, nutrient availability to
soil tropical communities can be affected by multiple factors
such as elevation, temperature, rainfall and differences in parent
material.

The complexity of the biological N cycle in tropical forest
soils could be depicted by a simplified model (Figure 1) that
consists of three main processes (Levy-Booth et al., 2014):
(1) Decomposition of plant litter and dead organisms to soil
organic matter, which can be further degraded to dissolved
organic N and ammonium (NH+4 ); (2) assimilative processes
of dissolved organic N, nitrate (NO−3 ) and NH+4 by plants and
microorganisms for growth and replication; and (3) dissimilative
processes including N fixation, nitrification, denitrification, and
dissimilatory nitrate reduction to ammonium (DNRA), as well
as newly described pathways such as codenitrification and
anammox. The pool sizes and rates of production of N available
to soil microbes and plants are much greater in many tropical
forest soils than in temperate counterparts, due to high rates
of N fixation by free-living microbes and rhizobia associated
with legumes, which are especially abundant in many tropical
ecosystems (Hedin et al., 2009). This high N availability can
exceed the ecosystem N retention capacity and induce high rates
of dissimilative processes, with N losses by NO−3 leaching and
emissions of nitric oxide (NO) and N2O (Hall and Matson,
1999; Hedin et al., 2003; Biggs et al., 2004; Brookshire et al.,
2012).

The N2O released from soil is of particular concern because it
is a potent greenhouse gas. Tropical forest soils are considered
the largest natural source of N2O with a source strength of
3.0 Tg N yr−1 (Werner et al., 2007a). The production of
N2O in soil has traditionally been assumed to result from
the processes of nitrification and denitrification, but growing
evidence suggests that other processes may be involved, including
nitrifier denitrification (Wrage et al., 2001), non-denitrifying
N2O reduction (Sanford et al., 2012), DNRA (Tiedje, 1988),

anaerobic ammonium oxidation (anammox; Mulder et al., 1995),
and co-denitrification (Spott et al., 2011). Understanding the
factors that determine the relative contributions of these different
processes (and the microbes that mediate them) to N2O flux
has important implications for climate change. However, it
is still not clear what underlying processes drive gaseous N
production from tropical forest soils. For instance, it has been
suggested that nitrification is an important source of N2O in
Amazon forest soils (Neill et al., 2005). However, some studies
conducted in tropical forest ecosystems in Australia (Butterbach-
Bahl et al., 2004), Kenya (Werner et al., 2007b), and Rwanda
(Gharahi Ghehi et al., 2012) suggest that denitrification and
nitrifier denitrification could be the main pathways of N2O
gas production rather than nitrification. Likewise, anammox
bacteria have been detected in a wide range of soil environments
(Humbert et al., 2010; Sonthiphand et al., 2014), but the role of
these organisms in N loss from tropical forest soils has yet to
be determined. The DNRA process has also been suggested as a
possibly important pathway for NH+4 production in these soils
(Silver et al., 2001), because the occurrence of DNRA is generally
favored by low and fluctuating redox conditions, such as those in
humid tropical forest soils (Pett-Ridge et al., 2006; Templer et al.,
2008). For instance, Templer et al. (2008) found that the rate of
DNRA (∼35% of the gross nitrification rate) in a humid tropical
forest soil in Puerto Rico was much higher than the rate of N2O
production from denitrification.

N-CYCLING MICROBES IN TROPICAL
FOREST SOILS

There is evidence that tropical forest soils may harbor novel
microbial communities, such as unique clades of Acidobacteria
(Kim et al., 2007) and Verrucomicrobia (Ranjan et al., 2015).
However, these soils are an especially understudied microbial
environment, and very few studies have explored the immense
diversity of soil microorganisms in tropical forests (Kim et al.,
2007; Bruce et al., 2010; Ranjan et al., 2015) or asked if
they are phylogenetically or physiologically distinct from those
in temperate soils (Fierer and Jackson, 2006; Fierer et al.,
2012b; Ramirez et al., 2012). The majority of these studies
have concentrated on the effects of land-use conversion on the
structure and function of soil microbial communities (e.g., da
Jesus et al., 2009; Lee-Cruz et al., 2013; Rodrigues et al., 2013;
Paula et al., 2014; Ranjan et al., 2015). Few studies have examined
seasonal influences of precipitation (Krashevska et al., 2012;
McGuire et al., 2012), or the effects of plant species diversity
(Carney and Matson, 2006; McGuire et al., 2012) or N addition
(Cusack et al., 2010, 2011; Isobe et al., 2012; Liu et al., 2013a) on
tropical soil microbial communities.

Linking microbial community composition, abundance, and
activity to rates and controls of biogeochemical transformations
is challenging in any ecosystem, but is especially challenging
in tropical forest soils. This is due not only to the complexity
of tropical forest microbial communities, but also to the high
degree of heterogeneity in plant functional diversity and soil
chemistry often found in tropical forest ecosystems. For example,
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FIGURE 1 | Schematic representation of the biological N cycle in tropical forest soils. The arrows of decomposition, assimilative and abiotic processes are
shown in black and the arrows of dissimilative processes are shown in different colors: N-fixation (gray), nitrification (light blue), nitrifier nitrification (dark blue), nitrifier
denitrification (light green), denitrification (dark green), non-denitrification N2O reduction (olive green), DNRA (yellow), and anammox (purple). DNRA, dissimilatory
nitrate reduction to ammonium; SON, soil organic N; DON, dissolved organic N; GHG, greenhouse gas. ∗Occurrence and ecology of these processes in tropical
forest soils has not been yet investigated.

rates of many microbially mediated N processes show marked
substantial variation across small temporal and spatial scales in
tropical forest soils (Silver et al., 2001; Davidson et al., 2004;
Pett-Ridge et al., 2006). Tropical plant community composition
varies strongly across space in many tropical forest ecosystems,
and this can contribute to the high degree of heterogeneity in
N cycle processes observed in these systems. For instance, the
large amount of plant litter and rhizodeposition (the release
of C compounds from living plant roots) in tropical forest
soils may enhance microbial activity and stimulate production
of microbial exoenzymes that “mine” for more complex soil
organic N compounds (Paterson, 2003). The N cycle is also
particularly susceptible to changes in soil redox conditions,
which are highly variable in tropical forest soils and can
cycle between oxic and anoxic on a scale of hours to days
(Silver et al., 2001). These fluctuating soil redox regimes are a
critical determinant of microbial metabolism (DeAngelis et al.,
2010), and may facilitate the co-occurrence of microbial N

transformations with significantly different sensitivities to soil O2
availability, such as nitrification (oxic), denitrification (hypoxic),
and DNRA (anoxic). Pett-Ridge et al. (2006) found that the
rapidly fluctuating redox conditions in a humid tropical forest
soil in Puerto Rico allow anoxic and oxic N processes to co-
occur, which are mediated by tolerant and resilient microbial
communities adapted to nutrient resources that are spatially and
temporally variable.

A comprehensive understanding of the microbially mediated
tropical N cycle is critical because it affects our knowledge
of how tropical forests function within the integrated Earth-
climate system. For example, quantification and characterization
of microbial functional genes involved in N cycling (Table 1 and
Supplementary Table S2) can help create informative models of
N-cycling rates and their feedback with C dynamics, as well as the
impact of N2O emissions from these soils, providing predictions
of, and mitigation strategies for, greenhouse gas emissions (Levy-
Booth et al., 2014; Lammel et al., 2015). We discuss below
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TABLE 1 | Studies using N functional genes related to N fixation, nitrification, and denitrification processes in tropical forest soils.

N genes Methods Ecosystem Edaphic
characteristics

Condition tested Major relationships in N
functional genes

Reference

nifH, amoA, nirK,
nirS, norB, nosZ

In situ measure
of GHG, qPCR

PTF, pasture
and crops in
Amazonia
(Brazil)

Clay Oxisol, pH
3.9–5.1,
0.23–0.29% TC,
0.01–0.02% TN

Influence of land use
change on microbial
gene abundance and
GHG emissions

nifH and AOB are more abundant in
forest soils. AOA dominates in all
sites. amoA genes correlate with
NO−3 . PTF soils have the highest
abundances of denitrifiers, which
correlate with increased N2O
emissions

Lammel
et al., 2015

nifH, amoA, nirS,
nosZ

DGGE, qPCR Humid TFs
(Puerto Rico,
USA)

Oxisol and
Inceptisol, pH
4.1–6.3,
0.01–0.2% TC,
0.001–0.06% TN

Influence of parent
material, forest types
and soil depth on
bacterial community
structure and N
functional genes

N genes decline significantly with
soil depth. nifH, nirS, and nosZ are
more abundant in the Inceptisol
soil. nirS and nosZ have the highest
abundance and AOB has the
lowest abundance

Stone
et al., 2015

amoA 15N isotope
technique (N
transformations),
qPCR

Evergreen
subtropical
forests (China)

Sandy loam
Ferralsols and
Cambisols, pH
4.2–5.8,
1.43–2.09% TC,
0.08–0.1% TN

Effect of Fe oxide and
organic substrate
addition on soil N
transformations and
amoA genes

Decrease of amoA abundance and
GN and increase of NO−3
immobilization is caused by high Fe
oxide content rather than low pH

Jiang et al.,
2015

nifH, amoA, hao,
narG, nirK, nirS,
norB, nosZ

GeoChip
Microarray

Rain PTFs
(China)

pH 4.4, 4.7–5.6%
TC, 0.18–0.23%
TN

Influence of
environmental factors
and chronic N
deposition on functional
gene diversity

High relative abundance of amoA
and narG due to the high soil
available N, which could be caused
by the high rate of N deposition

Cong et al.,
2015

nifH, amoA, hao,
narG, nirK, nirS,
norB, nosZ

GeoChip
Microarray

PTF, STF and
pasture in
Amazonia
(Brazil)

Sandy loam
podzolic Latosol,
pH 4.0–4.7,
1.43–2.02% TC,
0.1–0.15% TN

Influence of land use
change on functional
gene diversity,
composition, and
abundance

Nitrification genes are more
abundant in forest sites than in
pasture. nifH, narG, nirS, and norB
were linked to both forest sites.
Genes changes correlate with pH,
Fe availability, texture, and organic
matter

Paula et al.,
2014

nifH Clone libraries,
qPCR

PTF, STF and
pasture in
Amazonia
(Brazil)

Sandy loam
podzolic Latosol,
pH 4.6–5.8,
0.07–0.08% TC,
0.006–0.02% TN

Influence of land use
change on free-living
N-fixing
microorganisms

nifH composition changes and its
abundance increases following
forest-to-pasture conversion due to
changes in soil pH, TN, and C/N

Mirza et al.,
2014

narG, nirK, norB,
nosZ

Acetylene
inhibition
method (PD),
qPCR

Conifer
subtropical
STF, shrub
forest and
farmland
(China)

Acrisols and
Ferralsols, pH
4.4–5.3,
0.95–2.47% TC,
0.08–0.22% TN

Influence of land use on
denitrifiers abundance
and total N gas
production

PD, N gas production, and
denitrifying genes were affected by
land use change. PD, norB, and
nosZ were positively correlated with
pH

Yu et al.,
2014

narG, nirK, norB,
nosZ

Acetylene
inhibition
method (PD),
qPCR, clone
libraries

Temperate and
subtropical
forests (China)

Temperate: pH
4.5–7.4, Eh 650
mV; subtropical: pH
4.3–6.8, Eh
600 mV

The mechanisms
governing low
denitrification capacity
and high N2O
emissions in subtropical
forests soils

High Eh induced low denitrification
capacity in subtropical soils (activity
reduction of nosZ), being NO and
N2O the dominant gas products

Zhang
et al., 2014

amoA Shaken slurry
method (PN),
TRF profiles,
clones libraries,
qPCR

Seasonal
evergreen TF
and grassland
(Trinidad)

Soils from different
parent materials,
pH 4.8–8.2,
0.39–2.98% TC,
0.06–0.35% TN

Influence of edaphic
drivers on PN and
nitrifying community
structure

Soil N characteristics are significant
for AOA, but not for AOB, and pH is
not a major drive for AOA and AOB

de Gannes
et al., 2014

amoA Shaken slurry
method (PN),
clones libraries,
qPCR

Humid TF
(Puerto Rico,
USA)

High weathered
clay loam Ultisols,
pH 3.9–5.4

Influence of oxic/anoxic
fluctuation on PN and
ammonia oxidizers

AOA community is tolerant to
extended periods of anoxia. AOB
were not detected

Pett-Ridge
et al., 2013

(Continued)
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TABLE 1 | Continued

N genes Methods Ecosystem Edaphic
characteristics

Condition tested Major relationships in N
functional genes

Reference

narG, nirK, nirS,
nosZ

In situ measure
of N2O,
acetylene
inhibition
method (PD),
qPCR

Native wet
sclerophyll
forest (Australia)

Sandy Alfisol, pH
4.6–5.5, 3.5–6.9%
TC; 0.10–0.33%
TN

Effect of long-term
repeated burning on
N2O flux, key soil
properties, and
denitrification gene
abundance

More frequent fire reduced N2O
fluxes and C and N availability. Fire
treatments did not significantly
affect denitrification genes
abundance

Liu et al.,
2013b

amoA 15N isotope
technique (GN),
clone libraries,
culture, qPCR

Humid
subtropical
forests (China)

Sandstone Oxisol,
pH 3.8–4.0,
2.6–4.6% TC,
0.1–0.19% TN

Influence of chronic N
deposition on activity
and composition of
nitrifying community

Extraordinary abundance of AOA.
AOB were not detected. Significant
correlation between AOA
abundance and GN rates.

Isobe et al.,
2012

amoA Shaken slurry
method (PN),
T-RFLP, clones
libraries, qPCR

Tea orchard
soils and pine
subtropical
forest (China)

Ultisol, pH 3.6–6.3,
0.003–0.071% TN

Long-term effects of
low pH and N
fertilization on the
abundance,
composition, and
activity of AOA and
AOB

AOA dominates in all sites and
nitrification is driven by AOA in
these acidic soils.
Specific AOA and AOB populations
occupy distinct pH niches.

Yao et al.,
2011

nifH Acetylene
inhibition
method (NFR),
clone libraries,
qPCR

Lowland rain TF
(Costa Rica)

P-poor Ultisols Links between N-fixer
community structure
from leaf litter, and
changing P availability

P addition increased N fixation
rates, N-fixers diversity and relative
abundance, and the efficiency of
N-fixers

Reed et al.,
2010

amoA Shaken slurry
method (PN),
clone libraries,
PLFA

Atlantic lowland
TF (Costa Rica)

Sandy loam soils,
pH 5.2–5.8,
3.1–4.6% TC

Land-use types and
plant diversity influence
on AOB community

AOB differs among land-use types,
but not across plant diversity, and
correlates with PN

Carney
et al., 2004

TF, tropical forest; PTF, Primary tropical forest; STF, Secondary tropical forest; NFR, N fixation rate; PN, potential nitrification; GN, gross nitrification; PD, potential
denitrification; TC, total carbon; TN, total nitrogen; Eh, redox potential; DGGE, denaturant gradient gel electrophoresis; TRF, terminal restriction fragment; T-RFLP, terminal
restriction fragment length polymorphism; qPCR, real-time PCR; AOA, ammonia- oxidizing archaea; AOB, ammonia- oxidizing bacteria; PLFA, phospholipid fatty acid
composition, GHG, greenhouse gas.

currently available information regarding microbial functional
groups that control the most commonly studied N processes (N
fixation, nitrification, and denitrification), with an emphasis on
unique aspects of their ecology in tropical forest soils.

Microbes Involved in N Fixation
Biological N fixation is the largest natural source of new N to
most terrestrial ecosystems (Galloway et al., 2004). In this process
symbiotic and free-living diazotrophic microorganisms reduce
atmospheric dinitrogen gas (N2) to reactive and biologically
available forms. The nifH gene, encoding the reductase subunit
of nitrogenase, the enzyme that catalyzes this reaction, has been
widely used as a genetic marker to study the diversity and
abundance of diazotrophs (Zehr et al., 2003; Gaby and Buckley,
2011). Likewise, a wide variety of PCR primer sets from multiple
diazotrophic bacteria have been used to characterize and quantify
the nifH gene in soils (Gaby and Buckley, 2012).

Relationships between diazotroph communities and N
fixation rates have been investigated in many terrestrial
ecosystems, including temperate forest soils (Rosch et al., 2002;
Yeager et al., 2005), wetlands (Moseman et al., 2009), desert
systems (Yeager et al., 2004; Wang et al., 2016), grasslands
(Tu et al., 2016), and agricultural lands (Pereira e Silva et al.,
2013). Despite the fact that tropical forest ecosystems maintain
considerable biological N fixation to balance the large potential
N losses, this process and the microbial community involved in

it remain poorly investigated in these soils (Cusack et al., 2009;
Reed et al., 2010; Mirza et al., 2014). Studies of lowland tropical
rainforest in Costa Rica reported that soils were dominated by
nifH clones related to the genera Heliobacterium (a member of
the Firmicutes), as well as Gluconacetobacter, Methylobacterium,
Azospirillum, and Zymomonas (all Alpha-proteobacteria; Reed
et al., 2010). Diazotroph communities in primary and secondary
rainforest soils in the western Amazon Basin of Brazil have been
reported to be mainly composed of ubiquitous and abundant
members of the Alpha and Beta-proteobacteria (e.g., the genera
Azospirillum, Azorhizobium, Bradyrhizobium, Methylobacterium,
Burkholderia), Firmicutes (e.g., Paenibacillus, Heliobacterium),
and Cyanobacteria (e.g., Nostoc, Anabaena; Mirza et al., 2014).
Interestingly, nifH sequences associated with methanogenic
Archaea (Methanoregula, Methanosphaerula, Methanocella) were
also found in these soils. Mirza et al. (2014) suggested that
archaeal biological N fixation could play an important role in the
Amazon rainforest.

Biological N fixation rates in tropical forests (15 to 36 kg
N ha−1 yr−1) are similar to or higher than estimates for their
temperate counterparts (7 to 27 kg N ha−1 yr−1), which are
subjected to strong N limitation (Cleveland et al., 1999). Houlton
et al. (2008) suggest that diazotrophs could be favored in tropical
forests because they acquire enough N to maintain higher
extracellular phosphatase activity, which is required to overcome
P limitation in these ecosystems, and because the temperature
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in tropical environments is near the optimum for biological N
fixation. Furthermore, until recent years it was thought that free-
living diazotrophs were the dominant form of N-fixing bacteria
in temperate forest soils and symbiotic diazotrophs were the
dominant form of N-fixing bacteria in tropical forest soils, where
leguminous trees are common (Cleveland et al., 1999). However,
recent studies in tropical forests indicate that free-living N-fixing
bacteria in litter and soil may be more important than previously
thought (Vitousek and Hobbie, 2000; Cusack et al., 2009; Hedin
et al., 2009; Reed et al., 2013). Forest canopy communities,
especially lichens, mosses, and other epiphytes associated with
cyanobacteria, can also provide significant inputs of N to tropical
forests (Matzek and Vitousek, 2003; Benner et al., 2007). Cusack
et al. (2009) estimated N inputs via biological fixation by free-
living microbes from above- and belowground components of
two tropical forests in Puerto Rico, and assessed the response to
increased N availability using an N fertilization experiment. Their
results showed that free-living N fixation in soils was suppressed
by N fertilization (50 kg N ha−1 yr−1) and was significantly
positively correlated with soil moisture, similar to findings in a
tropical rainforest in Panama (Barron et al., 2008).

Tropical ecosystems are characterized by N fixation
hotspots —zones where N fixation rates are much higher
than average— that may reflect the very small-scale spatial
heterogeneity of abiotic factors affecting the dynamics of the
diazotroph community (Reed et al., 2010). While many tropical
soils are generally nutrient-poor, there is a great deal of spatial
and temporal heterogeneity in nutrient availability even on highly
weathered soils (Townsend et al., 2008). The distribution and
activity of N-fixing organisms in tropical forest soils are mainly
regulated by moisture (Cusack et al., 2009), C/N ratio (Vitousek
et al., 2002), and the availability of both P and molybdenum (Mo;
Pearson and Vitousek, 2002; Benner et al., 2007; Reed et al., 2007;
Barron et al., 2008; Wurzburger et al., 2012). Parent material
can also drive the abundance of diazotroph communities in
tropical soils. Stone et al. (2015) found that Inceptisol soils
(primary-mineral rich soils) may provide a more favorable
environment for diazotroph communities (and also denitrifier
communities) compared with their Oxisol (acid soils, rich in Fe
and Al secondary minerals) counterparts in two tropical forest
types in Puerto Rico. Higher N loss rates due to leaching in
Inceptisol subsoils could produce a feedback on surface N-cycle
processes, increasing microbial N demand and ultimately
stimulating N-fixation. In addition, anaerobic conditions can
significantly increase rates of biological N fixation because O2
inhibits the activity of the nitrogenase enzyme, and thus soil
moisture content is an important factor in regulating rates of
biological N fixation (Hicks et al., 2003).

Both P and micronutrients play important roles in regulating
N fixation in tropical forests. The high P demand of diazotrophs
to provide the large amounts of energy required by this process
creates the potential for P limitation of N fixation. In addition,
P in many lowland tropical forests is bound up with highly
weathered soil minerals and organic matter. Microorganisms
are able to liberate this P by exuding phosphatase enzymes
and their synthesis requires large amounts of N. Thus, N
fixation in tropical forests may confer a competitive advantage

to diazotrophs by facilitating the uptake of P (Houlton et al.,
2008). In line with these assertions, some experimental studies
have shown that P addition stimulates this process (Benner et al.,
2007; Reed et al., 2007), as well as increases the abundance and
diversity of free-living diazotrophs in these ecosystems (Reed
et al., 2010). Similarly, Mo is a critical component of the most
common form of nitrogenase and some studies conducted in the
tropical rainforest of Panama have suggested Mo limitation of N
fixation (Barron et al., 2008; Wurzburger et al., 2012). Reed et al.
(2013) performed a full-factorial litter incubation experiment to
explore P and Mo controls over free-living N fixation rates from
a Costa Rican tropical rainforest. Results showed that variation in
P concentration (and not Mo) was positively correlated with N
fixation rates. These authors asserted that more data are clearly
needed to draw firm conclusions about general patterns in P vs
Mo limitation of N fixation in these soils.

Nitrifying Microorganisms
Nitrification is the stepwise aerobic oxidation of NH+4 or
ammonia (NH3) to nitrite (NO−2 ) and NO−3 . This key process
plays an important role in regulating N availability and
loss in terrestrial ecosystems, because it can cause NO−3
leaching to groundwater and N2O production directly
(via chemical decomposition of hydroxylamine) and
indirectly (via denitrification and nitrifier denitrification).
Nitrification in soils is divided into autotrophic nitrification
and heterotrophic nitrification. The former is mainly carried
out by chemoautotrophic ammonium-oxidizing bacteria (AOB,
represented by Nitrosomonas, Nitrosospira, and Nitrosococcus
species) and archaea (AOA, represented by Nitrososphaera and
Nitrosotalea linages from the phylum Thaumarchaeota), and
nitrite-oxidizing bacteria (NOB, represented by Nitrobacter,
Nitrospina, Nitrococcus, and Nitrospira species). Heterotrophic
nitrification is carried out by certain heterotrophic bacteria and
fungi with the potential to oxidize both organic and inorganic N
compounds (Hayatsu et al., 2008). Although it is widely accepted
that autotrophic nitrification in soils is the prevalent nitrification
process, high nitrification rates in tropical and subtropical acidic
soils suggest that heterotrophic nitrification may be important in
these soils (Pett-Ridge et al., 2013; Zhang et al., 2013), because it
is less impacted by low pH than autotrophic nitrification (de Boer
and Kowalchuk, 2001). In fact, using the 15N tracing technique,
both Zhang et al. (2011) and Zhu et al. (2013) found that
heterotrophic nitrification was the dominant process producing
NO−3 in subtropical acidic coniferous forest, where autotrophic
nitrification rate was very low. Using the 15N tracing method and
a selective biomass inhibitor (fungal inhibitor: cycloheximide and
bacterial inhibitor: streptomycin), Zhu et al. (2015) identified that
fungal rather than bacterial pathways dominate heterotrophic
nitrification in the same forest soils, suggesting that fungi may be
the important driver for heterotrophic nitrification in acid forest
soils of subtropical China. However, the ecology of heterotrophic
nitrifier microorganisms has not yet been investigated in tropical
forest soils.

Nitrifier denitrification is an alternative pathway and involves
the oxidation of NH3 to NO−2 and its subsequent reduction via
NO to N2O by AOB (Colliver and Stephenson, 2000), particularly
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by Nitrosospira taxa (Shaw et al., 2006). Recent studies have
suggested that this process may contribute considerably to N2O
fluxes from soils with high N content and low pH and oxygen
pressure (Wrage et al., 2004; Kool et al., 2010; Gharahi Ghehi
et al., 2012). These conditions are typical in tropical forest soils,
thus we speculate that nitrifier denitrification could play an
important role in these ecosystems. However, to our knowledge,
no studies directly related to this process have been conducted in
tropical forests soils.

Microbial ammonia oxidation is the first and rate- limiting
step of autotrophic nitrification, which may explain why the
few studies on microbial nitrification in tropical forest soils
have mainly focused on this process. Ammonia-oxidizing
microorganisms oxidize NH3 to NO−2 by using the ammonia
monooxygenase enzyme, the α-subunit of which is encoded
by the amoA gene, a common genetic marker for nitrification
(Rotthauwe et al., 1997; Treusch et al., 2005). It was presumed
that chemolithotrophic Gamma- and Betaproteobacteria were
primarily responsible for this process in soils (Kowalchuk and
Stephen, 2001). However, recent studies have demonstrated that
AOA are ubiquitous constituents of terrestrial environments
(Leininger et al., 2006; Pester et al., 2012; Zhalnina et al., 2012; de
Gannes et al., 2014) and their discovery has changed the paradigm
of aerobic nitrification. The ecology of AOA remains under
investigation, and there is not a simple relationship between NH3
oxidation rates and the relative abundances of AOA and AOB
(Nicol and Schleper, 2006; Taylor et al., 2012).

In soils, drivers of niche differentiation of AOA vs AOB
communities have centered largely on pH, NH3 concentrations
and N organic forms. High abundances of archaeal amoA genes
have been reported in many acidic soils (Leininger et al., 2006;
Boyle-Yarwood et al., 2008; Chen et al., 2008; Stopnišek et al.,
2010; Isobe et al., 2012) and multiple studies suggest that some
groups of AOA may prefer a pH below 5.5 (Nicol et al., 2008;
Gubry-Rangin et al., 2010; Yao et al., 2013). In strongly acidic
soils, AOA abundance increases or remains unchanged with
decreasing pH, while AOB abundance decreases (He et al., 2007;
Yao et al., 2011; Taylor et al., 2012). However, in neutral to
alkaline soils, correlations of AOA or AOB abundance to pH
have not been consistent (Shen et al., 2008; Jia and Conrad,
2009). Investigations have also indicated a preference of soil AOA
communities for low NH3 levels (Wessén et al., 2010; Verhamme
et al., 2011) and low organic nutrient conditions (Erguder et al.,
2009).

Database surveys focused on soils from temperate regions
have revealed a strong biogeographical component to the
distribution of AOA and AOB phylotypes (Fierer et al., 2009a;
Pester et al., 2012). However, in tropical soils very little is
known about ammonia-oxidizing microorganisms and how
environmental factors affect their activity. Many tropical forest
soils tend to be wetter, have smaller annual fluctuations in
temperature, lower pH, high available N and more reduced
conditions than temperate forest soils, and this may impose
different environmental conditions (and require different traits)
for ammonia-oxidizing organisms. For instance, Nitrosospira
cluster 2 has been found in great abundance in acidic soils
(Boyle-Yarwood et al., 2008), but it has been suggested that it

may be more common in cold-temperate forest soils than in
warmer tropical soils (Avrahami and Conrad, 2005; Fierer et al.,
2009a). So far, ammonia oxidizer amoA sequences from clone
libraries have been described from only a few wet tropical forest
soils from Trinidad (de Gannes et al., 2014), Puerto Rico (Pett-
Ridge et al., 2013), and Costa Rica (Carney et al., 2004), as
well as from two different subtropical forest soils in China (Yao
et al., 2011; Isobe et al., 2012). Only three of these studies have
successfully amplified bacterial amoA sequences from these soils,
with Nitrosospira and Nitrosomonas the primary taxa (Carney
et al., 2004; Yao et al., 2011; de Gannes et al., 2014). The majority
of archaeal amoA sequences described in these soils clustered
with sequences from Nitrososphaera and Nitrosotalea (Pester
et al., 2012; Pett-Ridge et al., 2013; de Gannes et al., 2014).

Similar to many acidic temperate forest soils, AOA
populations have been inferred to be the primary group
driving nitrification in tropical forest soils (Yao et al., 2011;
Lammel et al., 2015). Furthermore, Isobe et al. (2012) and
Pett-Ridge et al. (2013) were unable to amplify bacterial amoA
genes from acidic tropical forest soils (Supplementary Table S2).
At least two other studies examining acidic forest soil have found
a similar pattern of absence of bacterial amoA genes (Stopnišek
et al., 2010; Levičnik-Höfferle et al., 2012). Thus, one possible
explanation for the dominance of AOA in these soils is the
relatively low soil pH (Nicol et al., 2008; Gubry-Rangin et al.,
2010; Yao et al., 2013). For example, Yao et al. (2011) observed
that the ratio of AOA to AOB amoA gene abundance increased
with decreasing soil pH in subtropical soils in China. Significant
relationship between AOA abundance and nitrification potential
was also found, indicating that nitrification was mainly driven
by AOA in these acidic soils. However, de Gannes et al. (2014)
found that AOA abundance predominated over AOB in tropical
soils that spanned pHs of 4 to 8 in Trinidad (Supplementary
Table S2), and the community abundance and structure of AOA
was affected primarily by soil N characteristics, but not by soil
pH. According to these authors, the effect of pH on nitrification
appeared to mainly reflect impacts on AOA or AOB activity,
rather than selection for AOA or AOB phylotypes differing in
nitrifying capacity. In addition, Jiang et al. (2015) found higher
net nitrification rate and abundance of AOA and AOB for
Cambisols than for Ferralsols from the same parent material
in a subtropical acidic forest in China (Supplementary Table
S2). These authors also reported higher NO−3 -N immobilization
for Ferralsols than for Cambisols, which imply that the lower
nitrification rate and amoA abundance in these Ferralsols may
due to high amounts of NO−3 -N immobilization stimulated by
high Fe oxide concentrations. A potential mechanism of abiotic
immobilization of NO3 has been postulated, suggesting that Fe
plays a key role in NO−3 -N immobilization by promoting organic
N formation from inorganic N (Davidson et al., 2003). Thus,
amoA genes abundance may be more affected by soil nutrients
and Fe oxide contents rather than a low pH in tropical forest
soils.

In contrast to temperate forest soils, tropical soils routinely
experience fluctuating O2 availability over short time scales. This
could represent a unique selective habitat for ammonia oxidizers
adapted to this O2 regime. Laboratory measurements in Puerto
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Rican forest soils showed elevated NH+4 pools and high gross
nitrification rates immediately following periods of anaerobiosis,
indicating that substantial NH+4 oxidation occurs despite low
pH and limited O2 availability (Pett-Ridge et al., 2006, 2013).
The survival mechanisms of these nitrifiers during periods of
prolonged anaerobiosis are not well known. It has been shown
that under oxygen-limiting conditions, ammonia oxidizers can
use NO−2 as a terminal electron acceptor (Shrestha et al., 2002),
or exploit the oxic-anoxic spatial segregation (Sey et al., 2008).
Another explanation is that NH+4 is constantly regenerated via
DNRA due to the redox fluctuation conditions in tropical soils
(Silver et al., 2001; Templer et al., 2008), and with a subsequent
influx of O2, this NH+4 becomes reavailable to ammonia oxidizer
communities. On the other hand, AOA populations appear to
be insensitive to O2 availability (Zhalnina et al., 2012). Tropical
soil AOA not only tolerate extended periods of low O2 (Pett-
Ridge et al., 2013), but can react faster than AOB in alternating
aerobic/anaerobic conditions (Chen et al., 2008). It has also been
proposed that the pathway of NH+4 oxidation in AOA may be
distinct from the AOB pathway, theoretically requiring only 0.5
O2 per NH+4 oxidized (Walker et al., 2010). This hypothesized
lower O2 demand could explain why AOA populations seem to
persist more readily under low-oxygen conditions.

A lack of correspondence between nitrification rates and
nitrifier community abundance in tropical forest soils has been
reported by some investigators (Pett-Ridge et al., 2013; de Gannes
et al., 2014), and the reasons for this disconnection are unknown.
It is possible that unique ammonia-oxidizers exist in these
ecosystems, which can evade detection by the PCR primers
developed from currently available sequence data. It is tempting
to speculate that the particular conditions of these soils may select
for specific lineages of ammonia oxidizers, although much more
molecular microbial diversity data from these soils and additional
characterization of soil isolates are needed to test this hypothesis.

Denitrifying Microorganisms
Denitrification is a microbial anaerobic respiration pathway
through which NO−3 or NO−2 are sequentially reduced to N2
via the intermediates NO and N2O. It is the major biological
process in soils that returns fixed N to the atmosphere and
closes the N cycle (Philippot et al., 2007). It is also the primary
pathway of NO and N2O emissions from soil (Houlton and Bai,
2009). Denitrification consists of four reactions catalyzed by the
metallo-enzymes nitrate reductase, nitrite reductase, nitric oxide
reductase, and nitrous oxide reductase (Zumft, 1997). Nitrite
reductase is the key enzyme of denitrification, since it catalyzes
the reduction of NO−2 to gas products (Henry et al., 2004), which
is the reaction that limits the rate of the denitrification process
(Zumft, 1997). Several studies have used genetic markers for
denitrification, including narG and napA (markers for nitrate
reductase), nirK and nirS (markers for nitrite reductase), norB
(a marker for nitric oxide reductase) and nosZ (a marker for
nitrous oxide reductase), to study the diversity of denitrifying
microorganisms in various environments (Henry et al., 2006;
Kandeler et al., 2006; Smith et al., 2007; Yu et al., 2014). Denitrifier
organisms can have different combinations of genes involved in

the denitrification pathway (Zumft and Kroneck, 2006; Jones
et al., 2008). Likewise, while some microorganisms harbor all
denitrification enzymes and can potentially perform the complete
pathway, others lack the nitrous oxide reductase gene and
produce only N2O as the denitrification end product (Philippot
et al., 2011). Furthermore, recent studies have identified non-
denitrifying N2O reducers with atypical nosZ, which are potential
contributors to N2O reduction in soils (Sanford et al., 2012; Jones
et al., 2013). Thus, understanding the ecology of this functional
guild is potentially important for mitigating N2O emissions from
soils. This newly identified clade of N2O reducers is diverse and
widespread in terrestrial environments (Jones et al., 2013), but the
ecology of this group in tropical forest soils is still unknown.

Denitrification is distributed among a taxonomically diverse
group of microorganisms, which have acquired the ability to
denitrify via different evolutionary mechanisms (Tiedje et al.,
1983; Jones et al., 2008). This process in soil is mainly performed
by facultative aerobic heterotrophic bacteria, such as some
species of Pseudomonas, Bacillus and Paraccocus, and autotrophic
bacteria, such as Thiobacillus denitrificans (Philippot et al.,
2007; Demanèche et al., 2009). Denitrification is also found
among a few archaea (Cabello et al., 2004; Bartossek et al.,
2010) and fungi (Shoun et al., 1992; Hayatsu et al., 2008),
including Ascomycota (e.g., Fusarium oxysporum, Fusarium
solani, Cylindrocarpon tonkinense and Gibberella fujiuroii) and
Basidiomycota (e.g., Trichosporon cutaneum). Fungi generally
lack N2O reductase (Shoun et al., 1992), suggesting that
these organisms are responsible for a large portion of N2O
emission from soil. Despite the frequent observation that tropical
microbial communities in soil are often dominated by fungi
(Hawksworth, 2012), their contributions to N2O emissions
from tropical forest soils have not yet been addressed. The
polyphyletic distribution of denitrifying genes can result in their
co-occurrence with N-fixation and ammonia-oxidation genes in
many microbes (Bedmar et al., 2005; Hayatsu et al., 2008). Many
diazotrophic bacteria, such as some species of Azospirillum and
Bradyrhizobium, can denitrify (Rosch et al., 2002). Similarly, AOB
belonging to either the genus Nitrosospira or Nitrosomonas have
been shown to be capable of denitrification (Shaw et al., 2006).

Understanding the link between ecosystem scale denitri-
fication rates and the ecology of the microorganisms that mediate
this pathway has been identified as a critical research goal
for the mitigation of climate change (Richardson et al., 2009).
For this reason, numerous studies have been conducted on
the microbially mediated denitrification process in temperate
soils, especially its role in N losses and its sensitivity to various
environmental factors (Hofstra and Bouwman, 2005; Katsuyama
et al., 2008; Attard et al., 2011; Dandie et al., 2011). Despite the
growing evidence that denitrification mechanisms and denitrifier
communities in tropical forest soils may be very different from
those of temperate soils (due to their unique soil characteristics
and environmental conditions; Zhang et al., 2009; Xu et al.,
2013), few studies exist that document the relationship between
denitrifier abundance and total N gas production in tropical and
subtropical soils (Liu et al., 2013b; Yu et al., 2014; Zhang et al.,
2014; Lammel et al., 2015; Table 1; Supplementary Table S2).
Furthermore, contradictory results have been published about
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the importance of denitrification as a significant route of N loss
in tropical ecosystems. Some studies have shown that tropical
forest soils are characterized by generally lower denitrification
capacity than temperate forest soils, with greater variability
both temporally and spatially due to heterogeneity in edaphic
conditions (Robertson and Tiedje, 1988; Xu and Cai, 2007; Zhang
et al., 2014). However, tropical soils are considered to be the
largest natural sources of NO and N2O due to the combination
of climatic factors, soil properties, and rapid rates of N cycling
(Davidson et al., 2001; Neill et al., 2005; Stehfest and Bouwman,
2006). The conceptual “hole-in-the-pipe” model gives a simplified
view of the main controls on N2O and NO fluxes (Firestone
and Davidson, 1989). In this model, the rate of nitrification and
denitrification is conceptualized as a pipe, while the relative ratio
of NO and N2O to total gas produced is conceptualized as a hole.
According to Zhang et al. (2014), N flowing “through the pipe”
is significantly less in subtropical forest soils than in temperate
forest soils. However, the “holes in the pipe” are much bigger in
subtropical forest soils than in temperate forest soils, resulting
in a larger amount of NO and N2O gases “leaking out of the
pipe”. High redox potential (resulting from enrichment of iron
and aluminum oxides), low pH and high N availability are the
key factors affecting the amount of N flowing through the pipe
and the size of the holes in the pipe. These factors may suppress
complete denitrification in humid tropical soils and enhance NO
and N2O ratios during denitrification (Zhang et al., 2009).

The quantification of denitrification genes to elucidate the
relative importance of abiotic environmental factors versus
denitrifier distribution has been recently achieved in tropical
forest ecosystems (Paula et al., 2014; Yu et al., 2014; Zhang
et al., 2014; Lammel et al., 2015; Stone et al., 2015; Table 1;
Supplementary Table S2). These studies indicate that many
soil properties can affect denitrifier community attributes and
denitrification rates in tropical soils, including parent material,
pH, redox potential, O2 partial pressure, available organic C and
N, and NO−3 concentration. For example, the abundances of
denitrification genes (nirS and nosZ) were positively correlated
with soil C, N, and P concentrations and were more abundant
in the Inceptisol compared with the Oxisol soil type in humid
tropical forests in Puerto Rico (Stone et al., 2015), suggesting
more dynamic N transformation processes in the sandier soil
sitting on a younger, more rapidly weathering parent material.
Yu et al. (2014) found that the abundance of both norB and
nosZ gene copies were positively correlated with soil pH, and
NO and N2O fluxes from acidic forest soils (pH 4.4−4.7) were
lower than in farmland soils with higher pH (5.0−5.3) in a
subtropical region of China. On the other hand, Zhang et al.
(2014) showed that redox potential, rather than soil pH or organic
C, was the key soil variable influencing denitrification capacity
and the abundance of denitrifiers in subtropical forest soils from
China. Plant species composition has also been suggested as an
important factor in determining the distribution and abundance
of denitrifiers in soil (Bremer et al., 2007). So far, only one
study has addressed the influence of plant species composition
on the abundance of soil N functional genes in tropical soils
(Reverchon et al., 2015). These authors found that inter-planting
teak with fluegge increased N stocks and the relative abundance

of denitrification genes compared to teak mono-plantations in
the Salomon Islands, suggesting that mixed species plantations
may potentially alleviate N losses and favor N retention.

Lammel et al. (2015) found that pristine rainforest soils
in Amazonia showed higher N content and abundances of
denitrifier genes (nirK and nosZ) than pasture and crop fields,
which correlated with N2O emissions. However, Liu et al. (2013b)
found no correlation between denitrifier abundance and N2O
fluxes in a tropical forest soil in Australia, suggesting that soil
C and N substrate availability and soil environmental factors
(pH and moisture) rather than denitrification gene abundance
control N2O fluxes in this ecosystem. Studies in other soil
environments have also reported that changes in denitrification
rate were not associated with changes in denitrifier community
structure (Hallin et al., 2009; Attard et al., 2011). This may
be attributed to the high functional redundancy commonly
found in phylogentically diverse groups such as denitrifying
bacteria. A further understanding of this topic requires research
on the expression of denitrification genes (e.g., via RNA-based
approaches that target physiologically active populations in
denitrification) and its relation to denitrification rates, as well as
to separate N2O produced through denitrification from nitrifier
denitrification.

It is well known that O2 (Bollmann and Conrad, 1998),
organic C and NO−3 availability (Klemedtsson et al., 2005), low
pH (Šimek et al., 2002), or sudden onset of anoxia (Morley et al.,
2008) can also influence denitrification rates and negatively affect
the reduction of N2O to N2. However, the mechanisms that
increase gene transcription and enhance N2O reductase activity
have not been researched in detail in tropical forest soils. For
example, soil pH is one of the main factors controlling broad-
scale microbial activity and the stoichiometry of denitrification
(Šimek et al., 2002; Liu et al., 2010). This process in acid soils, such
as typical tropical forest soils, seems to be particularly disposed
to high N2O/N2 ratios (Šimek et al., 2002; Zhu et al., 2013),
apparently due to impaired functioning of N2O reductase at low
pH (Liu et al., 2010). However, contradictory results have been
published on the relationship between soil pH and denitrification
rates in tropical and subtropical acid soils in China. Xu and Cai
(2007) showed that denitrification capacity was not correlated
with soil pH in humid subtropical soils, but with organic
carbon content. Furthermore, no correlation between soil pH and
denitrification rate was found in six forest soil types in different
climatic zones (temperate, tropical and subtropical forests; Zhang
et al., 2009). On the other hand, Yu et al. (2014) reported that low
soil pH (<4.7) decreased denitrification rates and NO and N2O
emissions in subtropical forest soils from China.

Soil moisture is a major driver of N2O emissions as it
regulates the oxygen availability to soil microbes. N2O emissions
have their optimum in the range of 70–80% water-filled pore
space depending on soil type (Davidson et al., 2000). Since
denitrification occurs as soil O2 becomes limiting, denitrifiers
are likely to be more widespread and resilient in tropical soils
due to their temporally and spatially variable redox environment
(Pett-Ridge et al., 2006). These taxonomically and physiologically
diverse facultative microorganisms preferentially respire O2, but
can reduce NO−3 and other partially oxidized N-forms when O2
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is limiting (Tiedje et al., 1983; Tiedje, 1988). Pett-Ridge et al.
(2006) performed a fluctuating redox incubation experiment
using tropical forest soils from Puerto Rico and found that
denitrification tended to be highest in soils that had been anoxic
for several weeks. These results indicated that denitrifiers might
dominate in situations where O2 is consistently limiting, whereas
microbes that mediate DNRA may be more competitive for
NO−3 in a fluctuating redox environment (Tiedje, 1988). On the
other hand, frequent oxic/anoxic transitions may also inhibit
the expression of nitrous oxide reductase, since its activity is
more sensitive to O2 compared with other denitrifying enzymes
(Morley et al., 2008).

ANTHROPOGENIC FACTORS
INFLUENCING MICROBIAL N CYCLING
IN TROPICAL FOREST SOILS

Alteration of the N cycle by human activities affects climate,
food and energy security, human health, and ecosystem
services (Erisman et al., 2013). Anthropogenic factors also
have a great potential to alter N processes in tropical
forests and significant changes in N dynamics in these
forests is expected, including rising NO−3 export to ground
and surface waters, threatening drinking water quality and
increasing eutrophication risks (Matson et al., 1999; Corre
et al., 2010). Furthermore, in the coming decades, the tropics
will experience unprecedented increases in temperature and
significant alterations in precipitation regime, which also have the
potential to affect the N cycle (Diffenbaugh and Scherer, 2011;
Bai et al., 2013; IPCC, 2013). For example, soil warming may
increase microbial metabolism and enzyme activity, resulting in
greater organic matter decomposition and gross N mineralization
(Koch et al., 2007). Warmer temperatures could also stimulate
additional N losses via increased denitrification rates (Bai et al.,
2013). However, so far very little is known regarding the response
of microbial communities involved in N processes to different
components of global environmental change in the tropics. It is
beyond the scope of this paper to review the myriad microbial
responses to environmental change; rather, we focus our review
on the limited currently available research regarding the response
of microbial N cycling to anthropogenic factors in tropical forest
soils, such as chronic-elevated N deposition, forest perturbation,
and land-use change.

N deposition
Atmospheric deposition of reactive N compounds has increased
threefold during the last century due to fossil fuel combustion,
artificial fertilizer application and leguminous crops (Vitousek
et al., 1997; Gruber and Galloway, 2008). Currently, N deposition
adds more than 200 Tg yr−1 of N to terrestrial and ocean
ecosystems, and is predicted to increase between 50 and 100%
by 2030 compared with 2000 (Gruber and Galloway, 2008; Reay
et al., 2008). Furthermore, reactive N deposition is dramatically
increasing in the tropics because of economic development
and increasing biomass burning (Galloway et al., 2004; Hietz
et al., 2011), resulting in many unexpectedly negative effects. In

fact, elevated N deposition not only occurs in areas with high
population densities but also in areas far from the source of
N. For example, southern Ecuadorian montane forests receive
elevated atmospheric N and P deposition that is largely attributed
to biomass burning in the Amazon basin (Fabian et al., 2005).
In addition, recent climate models that incorporate N deposition
as a part of the CN-coupled models predict a lower net C
uptake (37–74%) than values projected by models using C cycle
components alone, demonstrating the importance of the N cycle
in future climate change (Thornton et al., 2009). Thus, a priority
in terrestrial ecosystem research is to determine the fate of N,
its interactions with soil microbial communities and its coupling
with other biogeochemical cycles, such as the C cycle (Bardgett
et al., 2008; Reay et al., 2008; Singh et al., 2010).

The responses of soil N transformations to N addition depend
on forest N status, soil characteristics, and climatic factors (Lohse
and Matson, 2005; Martinson et al., 2012; Corre et al., 2014).
Anthropogenic N deposition has been shown to greatly affect N
cycling in temperate and boreal forests, where low availability of
N limits primary productivity. These responses have been well
studied and summarized in the conceptual model known as the
“N saturation hypothesis” (Aber et al., 1998; Galloway et al.,
2003). The concept of “N saturation” refers to a state in which
N supply exceeds biological demand, resulting in the loss of new
N from the ecosystem by biological or physical mechanisms.
In this model, atmospheric chronic N deposition in temperate
and boreal forests increases soil acidification, stimulates N loss
through extensive NO−3 leaching and gaseous N emissions, and
produces a switch from N to P limitation and a decline in plant
diversity (Aber et al., 1998; Vitousek et al., 1997, 2010). In contrast
to temperate forests, tropical forests are generally considered
N-rich relative to other nutrients, and thus N deposition is less
likely to increase primary productivity of tropical ecosystems,
but may alter other aspects of the N cycle (Corre et al., 2010;
Hietz et al., 2011). It has been also hypothesized that chronic N
deposition will acidify tropical forest soils, further exacerbate P
deficiency in highly weathered soils, reduce tree growth and C
storage, and negatively affect biodiversity (Matson et al., 1999;
Vitousek et al., 2010). Recent evidence suggests that these changes
are currently occurring in tropical forests (Hietz et al., 2011; Lu
et al., 2014).

Compared with other ecosystem types, tropical forests emitted
more N2O under N enrichment (on average +739%; Liu
and Greaver, 2009), which suggests strong feedbacks of soil
N2O emissions on increasing atmospheric N deposition in
the tropics. However, research on the effect of N deposition
in tropical and subtropical forest ecosystems is much more
recent, and the temporal scale of such studies much shorter
than those in temperate forests. For example, the effect of
N deposition on N-saturated tropical forest ecosystems in
southern China has been recently studied. Forests in this
region have acidified soils, exhibit chronic atmospheric N
deposition of 16−38 kg·ha−1

·yr−1 (Chen and Mulder, 2007;
Fang et al., 2011) and high throughfall N input that vary
greatly from 11.7 to 65.1 kg N·ha−1

·yr−1 (Fang et al., 2011).
It had been shown that N2O emission significantly increases,
but soil pH, primary production, litter decomposition and
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N mineralization significantly decreases in high N addition
(100−150 kg N·ha−1

·yr−1) plots (Lu et al., 2009; Zhu et al., 2013;
Wang et al., 2014). These results are consistent with progressive
P limitation, which results in higher litter N content and
soil N availability. Likewise, a two-year N addition experiment
(50−150 kg N·ha−1

·yr−1) was performed in a humid subtropical
bamboo forest in China, which exhibits one of the highest
chronic atmospheric N deposition rates in the world (113.8 kg
N·ha−1

·yr−1 in 2009; Tu et al., 2013). In this ecosystem,
N deposition accelerated nitrification and denitrification rates,
increased hydrolytic enzyme activities, soil N availability and
microbial biomass, and decreased soil P availability (Tu et al.,
2014). Results suggest that this bamboo forest ecosystem is
moving toward P limitation under elevated N deposition, and
may increase N2O emission and NO−3 leaching.

The same pattern of increased N-oxide emissions and NO−3
leaching induced by N deposition has been found for montane
tropical forests. In Hawaiian montane forests, 11−13 years of
high N addition (100 kg N·ha−1

·yr−1) to an N-limited forest
on an Andosol soil and 5−7 years of high N addition (100 kg
N·ha−1

·yr−1) to a P-limited forest on a Ferralsol soil increased
gross rates of mineral N production but decreased microbial N
retention, leading to higher soil N-oxide emissions and NO−3
leaching (Hall and Matson, 2003; Lohse and Matson, 2005).
Similarly, 1−4 years of high N addition (125 kg N·ha−1

·yr−1)
in an N-limited Panamanian montane forest on an Andosol soil
increased gross rates of soil N mineralization and nitrification,
leading to increases in soil N-oxide emissions and NO−3
leaching (Corre et al., 2010, 2014). Corre et al. (2014) also
showed that this wet montane forest with only 4 years of
N addition had comparable N-oxide emissions to an N-rich
moist lowland forest in Panama with more than a decade of N
addition.

Elevated N deposition in tropical forests may also significantly
change soil microbial community composition and activity (Liu
et al., 2013a; Tu et al., 2014). There are two primary hypotheses
that seek to explain the influence of N addition on microbial
community dynamics. The N-mining hypothesis proposes

that under N enrichment, microbes reduce decomposition of
recalcitrant C in response to their lowered N requirements,
resulting in a shift toward labile C decomposition and reduced
overall microbial activity (Chen et al., 2014). The copiotrophic
hypothesis suggests that N additions decreases the relative
abundance of oligotrophic taxa (k-strategists, i.e., slow growing
microbes that have high substrate affinity and can catabolize more
recalcitrant C pools), which would be out-competed by more
copiotrophic taxa (r-strategists, i.e., fast growing microbes that
have high nutritional requirements and preferentially consume
labile soil organic C pools; Fierer et al., 2007, 2012a; Ramirez et al.,
2012).

Knowledge about the effects of N deposition on particular
microbially mediated N processes in tropical forests is still limited
and controversial (Table 1). Cusack et al. (2009) reported that
N fertilization (50 kg N ha−1 yr−1, which is approximately
twice the average projected rate for Central America for the
year 2050; Galloway et al., 2004) suppressed soil biological
N fixation in two tropical forests in Puerto Rico, similar to
findings in a rain tropical forest in Panama (Barron et al.,
2008). Isobe et al. (2012) investigated nitrifying communities of
acidified subtropical forests soils in southern China and found
that archaea rather than bacteria control NH+4 oxidation after
long-term N deposition (32−34 kg N·ha−1

·yr−1). However, it
has been reported that rates of heterotrophic nitrification were
significantly higher than those of autotrophic nitrification in
these forest soils (Zhang et al., 2013). Cong et al. (2015) found
that the high relative abundance of both amoA and denitrification
genes, especially narG, in a tropical rainforest soil in China
was due to the large amount of soil available N (from 141.4 to
224.5 mg kg−1), caused by the high rate of N deposition (over
25 kg N·ha−1

·yr−1) that affects this ecosystem. In sum, there
is evidence indicating that N deposition in tropical forest soils
may inhibit biological N fixation (Barron et al., 2008; Cusack
et al., 2009), alter N mineralization and nitrification (Zhao et al.,
2007; Corre et al., 2010), and induce more N2O emissions and
NO−3 leaching, particularly during the wet season (Hall and
Matson, 1999; Corre et al., 2014; Wang et al., 2014). However,

FIGURE 2 | Conceptual model of how chronic-elevated N deposition affects microbially mediated N processes in N-rich tropical forests soils. Blue
arrows represent N processes without N deposition and red arrows represent N processes with N deposition.
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the consequences of these changes at the ecosystem scale are not
well understood.

We summarize all available evidence in a conceptual model
of how increasing N deposition may affect microbially mediated
N processes in N-rich tropical forests soils (Figure 2). We
hypothesize that chronic-elevated N deposition may lead to
a decrease of biological N fixation, N mineralization and
DNRA, as well as an increase of heterotrophic nitrification and
denitrification, which will lead to high N losses via N leaching
and gaseous N production. Furthermore, we also emphasize that
these processes are affected by multiple factors such as the initial
soil N status, soil type, soil moisture and temperature, elevation
(montane or lowland), and landscape position (Martinson et al.,
2012; Zhu et al., 2013; Corre et al., 2014; Stone et al., 2015), which
may alter the responses of these processes to N deposition.

Land-Used Change and Forest
Perturbation
Land use change is considered the most important factor driving
biodiversity losses in tropical areas (Sala et al., 2000). In recent
decades, tropical forests have undergone rapid conversion to
agriculture, with 80 million hectares of forest cleared in the 1980s
and 1990s (Gibbs et al., 2010). Logging and forest conversion
result in a series of ecosystem alterations that include an increase
in belowground productivity (Cenciani et al., 2009), changes
in soil chemistry (McGrath et al., 2001; Murty et al., 2002),
and a more open N cycle (Davidson et al., 2007). Following
deforestation, not only plant biomass but also the soil stocks
of total C and N can become mobilized and be emitted in the
form of greenhouse gases (Neill et al., 2005; Galford et al., 2010;
Arai et al., 2014). Among these emissions, N2O has a global
warming potential for 100 years 265-298 times greater than that
of the equivalent amount of CO2 (IPCC, 2013) and promotes
ozone destruction in the stratosphere. Thus, understanding the
controlling factors of N2O emission is crucial for quantifying
the effects of land-use change on the N cycle and for managing
and mitigating the environmental consequences associated with
N pollution (Galloway et al., 2004).

It has been shown that land use change in the tropics also alters
soil bacterial (da Jesus et al., 2009; Rodrigues et al., 2013; Ranjan
et al., 2015), fungal (Mueller et al., 2014), and archaeal (Taketani
and Tsai, 2010) community composition. For example, a recent
study showed that the conversion of Amazonian forest to pasture
impacts microorganisms, resulting in biotic homogenization
of communities (Rodrigues et al., 2013). Various studies have
suggested that deforestation of tropical forests for agriculture
and agroforestry decreases microbial biomass and alters the soil
microbial composition (Bossio et al., 2005; Arai et al., 2014;
Krashevska et al., 2015). However, the impact of land use changes
on soil N processes and the microorganisms responsible for these
processes has been limited to only a few studies (e.g., Carney et al.,
2004; Yu et al., 2014; Lammel et al., 2015; Table 1; Supplementary
Table S2).

So far, only one study has integrated measures of greenhouse
gas emissions and the abundance of multiple functional and
phylogenetic genetic markers (nifH, amoA, nirK, nirS, norB,

nosZ, mcrA, pmoA, and 16S/18S rRNA) with environmental
parameters to predict the response of biogeochemical processes
to land use change in Amazonian soils (Lammel et al., 2015).
Results showed that land use change from forest to agriculture
reduced the abundance of different functional microbial groups
related to C and N cycles in the wet season, but its effects
were less significant after the dry winter fallow. Paula et al.
(2014) studied the influence of land use change from forest to
pasture on functional gene diversity, composition and abundance
in Amazon rainforest soil microbial communities. They found
that genes linked to C and N cycling were the most altered
by deforestation. Carney et al. (2004) also observed that soil
AOB diversity and composition changed significantly with land
use in the tropical lowland of Costa Rica, and these changes
were significantly associated with shifts in the potential rates
of nitrification. The work of Mirza et al. (2014) is one of the
first studies using the marker gene nifH to assess the response
of free-living diazotrophs to deforestation in the Amazon
rainforest. They reported a shift in the diazotrophic community
composition and an increase in nifH gene abundance following
forest-to-pasture conversion. They suggested that the response of
diazotrophs to land use change is a consequence of changes in
plant communities, particularly the higher N demand of pasture
for supporting aboveground plant growth. Yu et al. (2014) also
found that the abundance of denitrifying genes (narG, nirK,
norB, and nosZ) was significantly affected by land-use change in
subtropical soils of China.

CONCLUSION AND PERSPECTIVES

Most studies of the consequences of N cycle alteration
induced by anthropogenic environmental changes have been
performed in temperate forests where biological processes are
limited by N supply. However, the response of N processes

BOX 1 | Future research on microbial ecology of the N cycle in tropical
forest soils.

• The contributions of different microbial subpopulations to the N cycle.
• The ecology of recently discovered processes, such as anammox and

codenitrification.
• Modeling microbial regulation of the N cycle.
• Network analyses to explore links between environmental factors and

microbial control of the N cycle.
• Links between specific microbial metabolic processes and the C and N

cycles.
• The interactive effects of C, N, and P on the soil microbial community.
• The influence of precipitation and soil warming on the community structure

of N-cycling microorganisms.
• The influence of soil spatial heterogeneity on microbial community functions

and N cycling regulation.
• The impact of disturbance on microbial community structure and function

and its consequences for the N processes at global scales.
• Microbial community responses to multiple experimental climate change

drivers.
• Mechanisms regulating the activity and interaction between primary

producers and microorganisms controlling N cycling (plant−microbial
feedbacks for the regulation of N).
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to environmental change in tropical forest soils is largely
unknown. In order to better understand, predict and mitigate
global environmental changes, there is an urgent need to clearly
understand the microbial control of greenhouse gas emissions
and its interactions with environmental factors. Furthermore, a
deeper understanding of microbially mediated N processes in
tropical forest soils is crucial as N cycling in these soils impacts
food production for a large part of the world, as well as the
dynamics of global climate change.

This review reveals large knowledge gaps regarding micro-
bially mediated N processes in tropical forest soils, gaps that
represent critical directions for future research. We propose
several topics of research that should be prioritized (Box 1). For
example, to more accurately predict the response of N cycling to
environmental change in tropical forest ecosystems, additional
data regarding how N cycling is regulated is needed from a
much broader range of tropical forests than currently studied,
as well as improvements in our ability to quantify in situ the
rates of the primary N processes in these soils. Likewise, it is
important to carry out studies in tropical forest soils of recently

discovered processes, such as anammox and codenitrification. In
addition, research is required to link these processes with soil
microbial community characteristics and the functional roles of
microbial extracellular enzymes, in order to provide mechanistic
insights into microbial regulation of the N cycle in tropical forest
ecosystems.
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Prokaryotes are the most abundant and diverse group of microorganisms in soil and

mediate virtually all biogeochemical cycles in terrestrial ecosystems. Thereby, they

influence aboveground plant productivity and diversity. In this study, the impact of

rainforest transformation to intensively managed cash crop systems on soil prokaryotic

communities was investigated. The studied managed land use systems comprised

rubber agroforests (jungle rubber), rubber plantations and oil palm plantations within

two Indonesian landscapes Bukit Duabelas and Harapan. Soil prokaryotic community

composition and diversity were assessed by pyrotag sequencing of bacterial and

archaeal 16S rRNA genes. The curated dataset contained 16,413 bacterial and

1679 archaeal operational taxonomic units at species level (97% genetic identity).

Analysis revealed changes in indigenous taxon-specific patterns of soil prokaryotic

communities accompanying lowland rainforest transformation to jungle rubber, and

intensively managed rubber and oil palm plantations. Distinct clustering of the rainforest

soil communities indicated that these are different from the communities in the

studied managed land use systems. The predominant bacterial taxa in all investigated

soils were Acidobacteria, Actinobacteria, Alphaproteobacteria, Betaproteobacteria, and

Gammaproteobacteria. Overall, the bacterial community shifted from proteobacterial

groups in rainforest soils to Acidobacteria in managed soils. The archaeal soil

communities weremainly represented by Thaumarchaeota and Euryarchaeota. Members

of the Terrestrial Group and South African Gold Mine Group 1 (Thaumarchaeota)

dominated in the rainforest and members of Thermoplasmata in the managed land

use systems. The alpha and beta diversity of the soil prokaryotic communities was

higher in managed land use systems than in rainforest. In the case of bacteria,

this was related to soil characteristics such as pH value, exchangeable Ca and Fe

content, C to N ratio, and extractable P content. Archaeal community composition
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and diversity were correlated to pH value, exchangeable Fe content, water content,

and total N. The distribution of bacterial and archaeal taxa involved in biological

N cycle indicated functional shifts of the cycle during conversion of rainforest to

plantations.

Keywords: rainforest conversion, soil microbial community composition, soil prokaryotic diversity, 16S rRNA gene,

soil bacteria, soil archaea, oil palm, Sumatra

INTRODUCTION

Indonesia is one of the world’s top producer and exporters of
palm oil (Koh et al., 2011) and rubber (Marimin Darmawan et al.,
2014). The continuous establishment of productive and profitable
agricultural areas is accompanied by conversion of rainforest
into highly productive agricultural land. This results in severe
negative and irreversible effects on biodiversity and, thereby,
on tropical ecosystem functions (Gibbs et al., 2010). Tropical
rainforests are reckoned as important reservoirs of biodiversity
(Gibson et al., 2011), which are threatened by anthropogenic
demand for productive land.

Soil microbial communities contain the highest level of
prokaryotic diversity of any environment, drive nearly all
biogeochemical cycles in terrestrial ecosystems and participate
in most nutrient transformations (Daniel, 2005; Falkowski et al.,
2008; Delmont et al., 2012). It has been reported that land
use and plant species as well as soil characteristics, such as
pH, organic C content, and soil texture, shape soil microbial
community composition and diversity (Nacke et al., 2011; Lauber
et al., 2013; Pfeiffer et al., 2013). The conversion of rainforest
to agricultural and plantation systems has a substantial impact
on plant and animal diversity (Soares-Filho et al., 2006; Barnes
et al., 2014). Despite the importance of soil microorganisms
for ecosystem function, the response of microorganisms to
land use change is poorly understood. Little is known on how
environmental differences, e.g., changes in soil characteristics
related to transformation of rainforests to rubber and oil palm
plantations affect the composition, diversity and functions of soil
microbial communities in general and at different spatial scales.
Insights into drivers of microbial communities in tropical land
use systems are limited, as an appropriate experimental design
allowing robust statistical analysis and methods enabling fine
taxonomic resolution are lacking in many studies.

The majority of available data on microbial communities
have been collected in South and Central America such as
Brazil, Ecuador, and Costa Rica (Carney et al., 2004; Rodrigues
et al., 2013; Tischer et al., 2014). Studies targeting the impact
of land use conversion on microbial community composition
and diversity in tropical Asia are rare (Tripathi et al., 2012; Lee-
Cruz et al., 2013). The published studies focused on microbial
communities associated with deforestation and logging effects,
and bacterial diversity in oil palm fruit compost (Liew et al.,
2009; Tripathi et al., 2012; Lee-Cruz et al., 2013; McGuire et al.,
2015). It has been suggested that deforestation for agricultural
use alters microbial community composition in tropical regions
(Tripathi et al., 2012, 2013; McGuire et al., 2015). DNA-based
analysis of 16S rRNA genes indicated that soil bacteria of
tropical forests are to some extent resilient to logging, but

conversion to oil palm had a severe impact (Lee-Cruz et al.,
2013). A study in the Brazilian Amazon rainforest showed
that conversion of rainforest to pasture resulted in a strong
response of soil microbial diversity, but in a manner different
from plants and animals. In addition, a net loss of bacterial
diversity was recorded (Rodrigues et al., 2013). Soil pH has been
identified as the major driver of bacterial and archaeal diversity
and community composition in the equatorial tropics (Tripathi
et al., 2012, 2013). A recent study in Jambi (Indonesia) based
on phospholipid fatty acid analysis showed that soil microbial
biomass did not vary significantly between land use systems,
although bacterial community structure changed (Krashevska
et al., 2015). However, detailed information on composition and
diversity of prokaryotic communities in these land use systems is
still lacking.

The aim of this study was to assess the impact of
agricultural demand-driven rainforest conversion to rubber and
oil palm plantations on soil bacterial and archaeal community
composition and diversity. This study was carried out in two
contrasting landscapes with respect to soil fertility within the
province Jambi of southwest Sumatra (Indonesia): Harapan with
low-fertility loam Acrisol soil and Bukit Duabelas with relatively
high-fertility clay Acrisol soil (Allen et al., 2015). In addition,
we related changes in bacterial and archaeal composition and
diversity to soil properties and abiotic and biotic factors.
In this way, taxa specific-patterns and drivers of community
composition associated with land use change were identified.
We used large-scale amplicon-based pyrosequencing of 16S
rRNA genes to assess prokaryotic community composition and
diversity in the studied land use systems. Overall, we investigated
the following hypotheses: (a) conversion of rainforests changes
the distribution and abundance of dominant prokaryotic groups
in soil, (b) species richness is highest in rainforest and lowest in
managed plantations, (c) richness and diversity of prokaryotes
are similar in rainforest and anthropogenically less-altered jungle
rubber, and (d) rainforest conversion has a large-scale impact
on the abundance of soil microbial groups and community
composition by influencing soil properties and vice versa. Our
study provides insights into the impacts of the rapidly expanding
conversion of lowland rainforests to tree cash-crop plantations
on prokaryotic soil communities.

MATERIALS AND METHODS

Sampling Site Description and Sample
Recovery
The sampling sites are located in the province Jambi of
southwest Sumatra, Indonesia (Figure 1, map data was obtained
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FIGURE 1 | Location of Sumatra Island (Indonesia), location of study sites within the investigated landscapes Bukit Duabelas (B) and Harapan (H), and

subplot design.

from http://www.diva-gis.org/). The two landscapes, Harapan
Rainforest Concession (H) and Bukit Duabelas (b), were
selected for this study. Both landscapes harbor the typical
land use systems in Sumatra, resulting from conversion of
lowland rainforest to managed rubber and oil palm systems.
In addition, suitable lowland rainforest sites (reference sites)
were still present in both landscapes. Soil texture differed, with
primarily loam Acrisol soils in Harapan and clay Acrisol soils
in Bukit Duabelas. Within each landscape we analyzed four
land use systems: secondary lowland rainforest, rubber agroforest
(jungle rubber), rubber plantation, and oil palm plantation.
The rainforest sites represent systems with low anthropogenic
influence. Jungle rubber represents the next higher level of
anthropogenic influenced land use systems. Jungle rubber is a
traditional extensively managed agroforestry system, which is
established by planting rubber trees into secondary rainforest.

The systems with the highest anthropogenic impact are rubber
and oil palm plantations, which are monocultures with high
fertilizer usage and liming. The age of the rubber trees (Hevea
brasiliensis) in jungle rubber and rubber plantation land use
systems ranged from 15 to 40 and 6 to 16 years, respectively.
The age of oil palm trees (Elaeis guineensis) in plantations
varied between 8 and 15 years. The agricultural management for
both plantation types included application of herbicides every
6 months and amendment of 100–300 kg ha −1 yr −1 inorganic
NPK fertilizer in rubber plantations and 300–600 kg ha −1 yr −1

in oil palm plantations (for details, see Kotowska et al., 2015).
Sampling of soils was carried out from November to

December 2012. The four land use systems lowland rainforest
(core plots BF1-BF4 and HF1-HF4), jungle rubber (core plots

BJ1-BJ4 and HJ1-HJ4), rubber plantations (core plots BR1-BR4
and HR1-HR4), and oil palm plantations (core plots BO1-
BO4 and HO1-HO4) were replicated four times resulting in 32
sampling sites (for georeferences, see Table S1). Soil cores were
recovered from three subplots of each plot, resulting in a total of
96 subplots. After removal of litter and root overlay, three soil
cores (5–7 cm top soil, 10–20 g soil each) were taken with a soil
corer and a shovel from each subplot at an average distance of
1.90m to adjacent trees (random trees in rainforest). The samples
were stored in sterile plastic bags. Subsequently, the soil samples
were transported in cool boxes on ice packs to the laboratory
in Indonesia within 12 h. The three soil samples per subplot
were homogenized and coarse roots and stones (>5mm) were
removed. The composite samples were frozen and stored at a
deep freezer (−40◦C) until shipment to Germany. Samples were
transported frozen (cool boxes and ice packs) to the German

laboratory within approximately 25 h and stored there at −80◦C
until further use. Further information on sampling sites and
experimental design are given in Barnes et al. (2014).

Nucleic Acid Isolation and Amplification of
16S rRNA Genes
To analyze the prokaryotic community richness and
composition soil DNA was isolated from the four land use
systems by employing the PowerSoil DNA isolation kit
(Dianova, Hamburg, Germany) as recommended by the
manufacturer. The hypervariable regions V3 to V5 of the
16S rRNA gene were targeted in this study. The 16S rRNA
gene amplicons were generated as described by Schneider
et al. (2013). In brief, we employed the forward primer
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V3for_B (5′-CGTATCGCCTCCCTCGCGCCATCAG-MID-TA
CGGRAGGCAGCAG-3′) (Liu et al., 2007) and the reverse
primer V5rev_B (5′-CTATGCGCCTTGCCAGCCCGCTCAG-
MID-CCGTCAATTCMTTTGAGT-3′) (Wang and Qian,
2009) for bacteria. For amplification of archaeal 16S rRNA
genes, the forward primer V3for_A (5′-CGTATCGCCT
CCCTCGCGCCATCAG-MID-CCCTAYGGGGYGCASCAG-3′)
(Gantner et al., 2011) and the reverse primer V5rev_A (5′-
CTATGCGCCTTGCCAGCCCGCTCAG-MID-GTGCTCCCCC
GCCAATTCCT-3′) (Teske and Sørensen, 2008) were used. The
following thermal cycling scheme was used for amplification of
partial bacterial 16S rRNA genes: initial denaturation at 98◦C
for 5min, 25 cycles of denaturation at 98◦C for 45 s, annealing
for 45 s at 65◦C, and extension at 72◦C for 30 s, followed by a
final extension period at 72◦C for 5min. For amplification of
the archaeal 16S rRNA genes, the annealing temperature was
adjusted to 60◦C. For two subplots (BF4 and HF3) we were
unable to generate archaeal amplicons. All amplicon PCRs were
performed in triplicate and pooled in equimolar amounts for
sequencing. The Göttingen Genomics Laboratory determined
the sequences of the 16S rRNA gene amplicons by using a 454
GS-FLX sequencer (Roche, Mannheim, Germany) and Titanium
chemistry following the instructions of the manufacturer for
amplicon sequencing.

Bioinformatic Analysis of 16S rRNA Gene
Sequences
The resulting 16S rRNA gene sequences were processed
and analyzed employing QIIME 1.8 (Caporaso et al., 2010).
Initially, sequences shorter than 300 bp, containing unresolved
nucleotides, exhibiting an average quality score lower than 25,
harbor mismatches longer than 3 bp in the forward primer,
or possessing homopolymers longer than 8 bp were removed
with split_libraries.py. Additionally, we used cutadapt (Martin,
2011) with default settings for efficient reverse primer removal.
Subsequently, pyrosequencing noise was removed by employing
Acacia (Bragg et al., 2012) with default settings. Chimeric
sequences were removed using UCHIME (Edgar et al., 2011) with
Ribosomal Database Project (RDP) (Cole et al., 2014) as reference
dataset (trainset10_082014_rmdup.fasta).

Operational taxonomic unit (OTU) determination was
performed at a genetic divergence of 3% (species level) with
pick_open_reference_otus.py using the Silva NR SSU 119 database
as reference (Quast et al., 2013). Taxonomic classification
was performed with parallel_assign_taxonomy_blast.py
against the same database. OTU tables were created using
make_otu_table.py. Singletons, chloroplasts, unclassified OTUs
and extrinsic domain OTUs were removed from the table
by employing filter_otu_table.py. Singletons were removed
to improve comparability and avoid possible inclusion of
artificial sequences (Zhou et al., 2011). Sample comparisons
were performed at the same surveying effort (bacteria 6800 and
archaea 2000 sequences). Diversity estimates and rarefaction
curves were generated by employing alpha_rarefaction.py.
Non-metric multidimensional scaling (NMDS) and statistical
tests were performed with the vegan package (Oksanen et al.,
2015) in R (R Development Core Team, 2013) and based on

weighted Unifrac (Lozupone et al., 2011) distance matrixes.
Significance was determined using the envfit function of vegan
package in R (Gergs and Rothhaupt, 2015) to fit environmental
vectors and factors onto the NMDS. Significance of tested
variables are indicated in brackets. Profile clustering networks
were constructed based on complete and subsampled OTU tables
using the QIIME scriptmake_otu_network.py.

Soil Characteristics
Soil parameters and properties, i.e., pH, P, N, C, C to N ratio, Al,
Ca, Fe, K, Mg,Mn, Na, effective cation exchange capacity (ECEC)
and base saturation for all analyzed samples were retrieved from
Allen et al. (2015). Furthermore, basal respiration, microbial
biomass, and soil moisture were retrieved from Krashevska et al.
(2015). These data were used for statistical tests as detailed
in Table S1. Data was tested for normal distribution with
shapiro.test of stats package in R (R Development Core Team,
2013). Data that did not pass normality test (P < 0.05) was
log transformed and normality test was repeated. Only data that
passed normality test was used for further analyses. ANOVA
analyses were performed with the aov function of stats package in
R (R Development Core Team, 2013). Comparisons of land use
soil characteristics were performed with Tukey’s HSD (Honestly
Significant Difference) by using HSD.test function of agricolae
package in R (Mendiburu, 2015; Table S2).

Accession Numbers
The 16S rRNA gene sequences were deposited in the National
Center for Biotechnology Information (NCBI) Sequence Read
Archive (SRA) under accession number SRP056374.

RESULTS AND DISCUSSION

Study Site and General Soil Characteristics
The study formed part of the “Ecological and Socioeconomic
Functions of Tropical Lowland Rainforest Transformation
Systems” (EFForTS) collaborative research center, which analyzes
various aspects of tropical lowland rainforest conversion
to agricultural systems in Indonesia, including the impact
on aboveground and belowground biodiversity, soil fertility,
nutrient fluxes and greenhouse gas emissions as well as the
economic, social, cultural and political dimensions (Barnes et al.,
2014; Guillaume et al., 2015; Krashevska et al., 2015). We
analyzed an agricultural management gradient with increasing
intensity from jungle rubber over rubber plantations to oil palm
plantations in two landscapes (Bukit Duabelas and Harapan).
Soils from lowland rainforest sites served as reference. The
soils comprised relatively fertile, clay loam Acrisol soil in Bukit
Duabelas and less fertile, loamAcrisol soil in Harapan (Table S1).

Although the investigated systems were non-artificial, the
soil parameters showed clear patterns for the land use systems
(Table S1 and Figure S1). The analyses of soil characteristics
between land use systems by ANOVA and Tukey’s HSD showed
that the soils of the analyzed land use types did not vary
significantly in N, C, basal respiration, microbial biomass,
moisture and silt content (Table S2). Significant differences
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between land use types were observed for pH values, P content
and clay content (Table S2). Soil pH increased slightly from an
average of 4.21 to 4.45 from rainforest to oil palm plantations
in both landscapes, which likely is due to liming. Bioavailable
micro- and macroelements, i.e., Mn, Na, C, Ca, Fe, Mg, and N
had an overall higher concentration in Bukit Duabelas soils than
in Harapan soils (see Table S1 and Figure S2). Organic carbon
was generally lower in the managed systems rubber and oil palm.
Soil moisture was roughly three-fold higher in Bukit Duabelas
than in Harapan (Table S1).

Effect of Rainforest Transformation on
Bacterial Diversity and Community
Composition
DNA from each subplot was used for amplification of the V3–V5
hypervariable region of the bacterial 16S rRNA gene. Sequencing
and quality filtering resulted in 1,367,923 high-quality 16S rRNA
gene sequences from all subplots. After removal of singletons, the
dataset comprised 16,413 OTUs at 97% genetic identity. After
subsampling (6800 sequences per sample), the average number
of OTUs per subplot was 1160± 245 ranging from 604 (BF4b) to
1825 (HO2b) OTUs (Table S3).

Soil bacterial diversity significantly responded to land use
change from rainforest to plantations (P = 0.001, r2 = 0.7875).
Richness and diversity incrementally rose with increasing
management intensity from rainforest to oil palm plantations
(rainforest < jungle rubber < rubber plantations < oil palm
plantations, see Figure S3). This was different from the responses
of animals and plant diversity to land use conversion, which

showed the opposite trend (Barnes et al., 2014). Accordingly,
Shannon indices of diversity of the bacterial communities
differed between rainforest in relation to the managed land use
systems (P = 0.001, r2 = 0.5956, Table S3). Phylogenetic
diversity (PD, P = 0.001, r2 = 0.7349) showed a similar
trend, indicating highest diversity in the managed land use
systems (Table S3). Rarefaction curves showed slight saturation
at the same surveying effort, which indicates that the datasets
covered all main bacterial groups thriving in the investigated
land use systems (Figure S3). In addition, the bacterial diversity
slightly varied between the two studied landscapes. In all
land use systems the diversity was slightly higher in the
Harapan than in the Bukit Duabelas region. Landscape alone
had no significant effect on bacterial community composition
(P > 0.8).

The analysis of the bacterial community composition and
abundance of taxa within the different land use systems revealed
the main bacterial groups thriving in the studied systems
and their different abundances (Figure 2). The composition of
soil bacterial communities varied between the different land
use systems, but was very similar within a land use system.
The most abundant phyla in all samples were Acidobacteria
(42.7%) followed by Proteobacteria (37.7%), Actinobacteria
(12.6%), and to a lesser degree Candidate Division WD272
(1.6%), Firmicutes (1.2%), Chloroflexi (1.0%), Nitrospirae (0.9%),
Gemmatimonadetes (0.8%), and Bacteroidetes (0.6%). These
bacterial phyla and Candidate Division are common in a variety
of different soils, including non-tropical forest, grassland and
agricultural soils (da C Jesus et al., 2009; Nacke et al., 2011; Lauber
et al., 2013; Tripathi et al., 2014).

FIGURE 2 | Bacterial community composition based on relative abundances separated by landscape and land use system. The results of all analyzed

samples of each land use system in a landscape were summarized (for individual results, see bacterial OTU table Data Sheet 1).
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Soil bacterial communities in rainforest sites of both studied
landscapes were very similar (Figure 2). The same was found
for the communities in the other land use systems of both
landscapes, indicating a management-specific shift of the
bacterial community structure. Differences between the studied
land use systems were mainly encountered at higher taxonomic
resolution (Figure 3).

A comparison of Acidobacteria at order level revealed that
the relative abundances of subgroups 2, 4, 5, 6, and 7 were
higher in soils of the managed systems than in rainforest
soils. Acidobacteriales showed the highest abundance in jungle
rubber, followed by rubber, oil palm plantations, and rainforest.
Additionally, our results indicate a general pH optimum for
most of the encountered acidobacterial groups at a pH of
approximately 4.4 (data not shown). Within the Actinobacteria,
Acidimicrobiales exhibited significant higher relative abundances
in rainforest and oil palm than in jungle rubber and rubber
plantations. Frankiales, Streptomycetales, and Corynebacteriales

were more abundant in rainforests than in the managed land use
systems.

Among Alphaproteobacteria, Rhizobiales were abundant in
all land use systems, whereas Caulobacterales revealed a
higher abundance in rainforest than in the managed land
use systems. Rhodospirillales showed the opposite trend. The
betaproteobacterial Burkoholderiales (i.e., Burkholderia tropica;
Reis et al., 2004) were more abundant in rainforest (up to
20.5% in Harapan rainforest soils) compared to the managed
systems (<1.5%). Burkholderia seems to be one of the key
bacterial groups for nitrogen-fixation in rainforest soils, since
several species are known as plant-associated nitrogen-fixing
bacteria (Estrada-De Los Santos et al., 2001). The decrease of
Burkholderia species followed the increased use of fertilizer in the
plantation systems. The increase of bioavailable nitrogen through
fertilization in intensively managed soils provides other bacterial
taxa with improved growth conditions. This leads to a decrease
of nitrogen-fixing bacteria. This observation is confirmed by

FIGURE 3 | Profile clustering network analysis of bacterial phyla and proteobacterial classes in the land use systems and detailed networks of the

most abundant classes. The width of the node connecting lines defines the mean relative abundance of the bacterial taxon in the corresponding land use system.

The size of each node is proportional to the mean taxon abundance between all land use systems.
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studies on N availability in the investigated land use systems,
which decreased along the described land use gradient (Allen
et al., 2015). Members of the Nitrosomonadales and SC-I-84
were almost absent in rainforest soils, but showed an increasing
abundance (up to 1%) along the gradient from unmanaged
rainforest to intensively managed oil palm plantations. The
increased abundance of Nitrosomonadales, which are known as
ammonia-oxidizing bacteria (Shen et al., 2012), also followed
the increase of fertilizer treatment in the intensively managed
plantations.

The main representatives of the Deltaproteobacteria were the
fungi-like Myxococcales (Soriangium and Haliangium) and GR-
WP33-30, which were slightly more abundant in the managed
soils. The increased abundance of myxobacteria in managed
systems is another indication of increased anthropogenic
influence (fertilization, dung) within managed land use systems
(Brenner et al., 2005). Within the Gammaproteobacteria, the
Xanthomonadales were the predominant order, however, their
abundance did not differ significantly between the analyzed
land use systems. Interestingly, conversion to fertilized soils in
plantations did not increase the abundance of potentially harmful
Gammaproteobacteria in soils, as recently shown for Mexican
agricultural soils fertilized with wastewater (Broszat et al., 2014).

Despite the higher diversity in the managed land use systems,
several phylogenetic groups were specific for the rainforest soils

and not present in other soils, including several genera within

the Alphaproteobacteria and Actinobacteria. Thus, conversion
of rainforests leads to a loss of rainforest endemic bacterial
groups. However, several taxa thrive only in managed soils,

which is likely due to higher pH and higher nutrient availability
derived from fertilization. Other effects can also be accounted
for the occurrence of certain taxa, i.e., the abundance of
photosynthetic Cyanobacteria and Rhodospirillales increased in
oil palm plantations. This is presumably due to the more
open canopy (monocultures) in oil palm plantations compared
to rainforest, which results in higher light levels on the
ground supporting growth of photosynthetically active bacterial
groups. Other examples were members of the Bacteroidetes,
i.e., uncultured Chitinophagaceae, which were slightly more
abundant inmanaged systems.Members of this family are known
as chitin degraders and the higher abundance might be linked
to an increase in fungal abundance in managed systems (jungle
rubber and rubber plantations), as shown by Krashevska et al.
(2015).

Influence of Soil Attributes on Prokaryotic
Communities
NMDS confirmed that the dissimilarities in community
composition were driven by conversion of rainforest to
agriculturally managed systems (Figure 4A). Soil bacterial
communities in managed systems such as rubber and oil palm
plantations clearly separated from those of rainforest soils.
The rainforest communities formed a distinct cluster. From
all measured biotic and abiotic soil parameters, environmental
parameters, such as soil pH and base saturation (pH, P = 0.001,
r2 = 0.4465; base saturation, P = 0.001, r2 = 0.4573), and to
a lesser extent exchangeable Ca and Fe content, C to N ratio,
and extractable P content correlated with bacterial community

FIGURE 4 | Non-metric multidimensional scaling (NMDS) of bacterial (A) and archaeal (B) community composition in all core plots of the land use

systems rainforest, jungle rubber, rubber and oil palm based on weighted Unifrac (Lozupone et al., 2011) distance matrices. Significant correlations of

environmental parameters and diversity metrices (Shannon, PD) to community composition are shown by purple arrows (P ≤ 0.045). Size of plots (squares and

diamonds) corresponds to number of observed OTUs at species level (97% genetic similarity). Bases, base saturation; PD, phylogenetic diversity.
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composition (Ca, P = 0.003, r2 = 0.3861; Fe, P = 0.011,
r2 = 0.2957; C to N ratio, P = 0.003, r2 = 0.3078; P, P = 0.042,
r2 = 0.1801). It is known that soil pH is one of the major
drivers of bacterial community structure (Lauber et al., 2009;
Rousk et al., 2010; Nacke et al., 2011), but in the here analyzed
landscapes base saturation exhibited a higher impact. Since
base saturation is closely connected to soil pH, this effect was
expected. The exchangeable Ca content generally increased
from rainforest to oil palm plantation due to liming. The C
to N ratio, a predictor for nitrogen availability, was lower in
managed soils due to fertilizer usage. In addition to plants, also
specialized bacterial taxa use the supplied nitrogen fertilizer. This
was indicated by the increase in ammonia-oxidizing bacteria
(Nitrosomonadales) in plantations. Exchangeable Fe was higher
in rainforest soils possibly due to the higher acidity. Thus,
fertilization temporarily increased bacterial diversity, however,
recovery potential of managed soils was not investigated in this
study. To analyze the recovery potential of agriculturally used
rainforest soils the absence of fertilization for longer time periods
would be a requirement.

As recorded for bacterial communities, NMDS analysis of
the soil archaeal community composition also showed that
the dissimilarities were driven by conversion of rainforest to
managed systems (Figure 4B). The soil archaeal communities
in managed land use systems also clearly separated from that
in rainforest soils and showed distinct clustering. Soil pH was
also related to archaeal community structure but compared to
bacteria to a lesser extent (pH, P = 0.002, r2 = 0.3768).
Additionally, less significant association of archaeal communities
was observed for Fe content (P = 0.020, r2 = 0.2599), water
content (P = 0.029, r2 = 0.2526), and total N (P = 0.034,
r2 = 0.2058). This suggests a negative correlation of archaeal taxa
with an increase of soil moisture, Fe and N content, indicating
the preference of certain archaea for habitats with harsher (more
extreme) conditions such as low pH values, low water content,

and limited availability of nutrients and energy sources (Chaban
et al., 2006).

Effect of Rainforest Transformation on
Archaeal Diversity and Community
Composition
Archaea are important members of soil prokaryotic
communities, but constitute on average only about 2% of
the prokaryotic soil community (Bates et al., 2011). The entire
curated dataset of all analyzed plots contained 438,500 archaeal
16S rRNA gene sequences and comprised 1679 OTUs at species
level (97% genetic identity). The average number of OTUs per
sample was 113 ± 41 and ranged from 53 (BR3a) to 234 (HJ2a)
OTUs (Table S4). Archaeal diversity was generally higher in
the Harapan region compared to the corresponding land use
systems of the Bukit Duabelas region. The archaeal communities
of Harapan soils followed roughly the same trend as the bacterial
communities and diversity increased in the managed systems
(Figure S4 and Table S4). The communities in the soils from
the Bukit Duabelas region revealed a different behavior, as the
archaeal communities in both rubber land use systems showed a
lower diversity compared to rainforest and oil palm plantations.
This difference might be linked to the lower humidity and
reduced availability of nutrients and energy sources in the
Harapan soils (see Figure 4B and Table S1).

The most abundant archaeal phyla in all samples were
Thaumarchaeota (54.6%) and Euryarchaeota (45.3%).
Crenarchaeota were present in all land use systems but
only in very low amounts (<0.1%). Archaeal diversity varied
among landscapes and land use systems. A distinct shift from
Thaumarchaeota to Euryarchaeota was observed from rainforest
to the managed land use system in both landscapes. This
effect was more pronounced in the Bukit Duabelas landscape
(Figure 5).

FIGURE 5 | Archaeal community composition based on relative abundances separated by landscape and land use system. The results of all analyzed

samples of a land use system in a landscape were summarized (for individual results, see archaeal OTU table Data Sheet 2).
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FIGURE 6 | Profile clustering network analysis of the archaeal taxa composition in the land use systems. The width of the node connecting lines defines

the mean relative abundance of the archaeal taxon in the according land use system. The size of each node is proportional to the mean taxon abundance between all

land use systems.

Thaumarchaeota contain important taxa involved in the
soil N cycle such as Nitrososphaera species. Nitrososphaera
species have been recently isolated and characterized. Members
of these species are involved in nitrification by performing
oxidation of ammonia (Spang et al., 2012). The abundance
of uncultured members of Candidatus Nitrososphaera, which
is part of Soil Crenarchaeotic Group (SCG), increased almost
five-fold from rainforest to oil palm (0.2–0.9%). Thus, the
abundance of nitrogen-oxidizing Thaumarchaeota rose with

increasing fertilization performed in the managed plantations
(rubber and oil palm plantations). This trend was coupled
with a concurrent increase in ammonia-oxidizing bacteria
(Nitrosomonadales, see above). This suggested interactions
between these groups and functional changes in the biological N
cycle during transformation of rainforest into plantations (Bates
et al., 2011).

For the Bukit Duabelas landscape soils, the Thaumarchaeota
and Euryarchaeota showed distinct differences in relative
abundances between rainforest and the other land use systems
(Figure 6). A comparison of Thaumarchaeota at order level
revealed that the relative abundance of the Terrestrial Group
was higher in rainforest than in managed soils. This also applied
for subgroups SAGMGC-1 and SCG whereas Terrestrial Hot
Spring Group (THSCG) andMiscellanous Crenarchaeotic Group
(MCG) increased in managed soils. Members of SAGMGC-
1 include ammonia-oxidizing archaea and prefer low pH
environments (Auguet and Casamayor, 2013). This was also
observed for Harapan soils, but in comparison to Bukit Duabelas

soils the change from Thaumarchaeota to Euryarchaeota was less
pronounced. Additionally, the THSCG only slightly increased
in abundance from rainforest to oil palm. The MCG was
more abundant in Harapan than in Bukit Duabelas soils.
The predominant Thermoplasmatales was Candidate Group
A10, which was absent from rainforest soils. Interestingly,
the dominant OTUs of this group have relatives in extreme
environments like sediments of thermoacidophilic volcanic
springs (Eme et al., 2013; Wemheuer et al., 2013), indicating

that the effect of pH outweighed the influence of temperature.
Unfortunately, little is known on the metabolic potential of
the other archaeal taxa and possible traits cannot be deduced
currently.

CONCLUSION

According to our hypothesis (a), the conversion of rainforest
to managed systems significantly impacts soil prokaryotic
(bacteria and archaea) community structure, diversity and
correspondingly, functional traits. Distinct clustering of the
rainforest soil communities indicated that these are different
from the communities in the studied managed land use systems.

The soil communities in the low-intensity managed jungle
rubber system were more closely related to that in the plantation
systems than to that in rainforest. This is in contrast to
our hypothesis (c), that prokaryotes in rainforest and jungle
rubber sites are more similar. However, jungle rubber sites are
considered as the intermediate system between rainforest and
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plantation sites. Additionally, the jungle rubber soil communities
showed greater similarity to those in rubber plantations than to
those in rainforest soils, indicating a management and possibly
tree species impact.

We recorded an increase of soil prokaryotic diversity from
rainforest to oil palm plantations. This is in contrast to animals,
fungi, and plants and our hypothesis (b) stating that rainforest
conversion to agriculturally managed systems negatively impacts
prokaryotic diversity. Several bacterial and archaeal taxa were
specific for rainforest soils and not present in the other land
use systems. Thus, despite an increase in diversity in the
managed systems the conversion of rainforests to managed
systems leads to a net loss in prokaryotic biodiversity, which is
coupled to a loss of traits (Rodrigues et al., 2013). The long-term
effect of this loss is not known and has to be determined in
long-term studies, e.g., analysis of the recovery potential of soil
prokaryotic communities after reforestation or in the absence
of management treatments like fertilization. In particular, it is
unknown whether the rainforest endemic taxa are truly locally
extinct or still present in the managed land use systems, but
in such low abundance that they were not detected by our
surveying effort. However, saturation of the rarefaction curves
indicated that we provided a comprehensive survey of soil
prokaryotic communities in the studied systems. Nevertheless,
we also observed unique prokaryotic taxa in the other land use
systems, resulting in highest diversity in oil palm plantations. It
will be awarding to evaluate if traits from endemic species exist
in other taxa that are present in the soil communities of other
land use systems, as redundancy for many biogeochemical
and other gene families across soil microbial groups
exists.

In accordance with our hypothesis (d), the conversion of
rainforests resulted in significant changes of the prokaryotic
community composition. The reduction of nitrogen-fixing
bacterial community members in plantations due to fertilizer
usage may negatively impact soil fertility on the long term.
In addition, it is indicated that treatment-induced changes of
soil characteristics, especially vigorous fertilization in oil palm
plantations, support prokaryotic diversity.

In the near future, we will focus on the analysis of temporal
and treatment-induced (e.g., pesticide treatment) changes of
the soil microbial community structures and their functions
along the different land use systems in the tropics. In addition,
interaction networks between different prokaryotic functional
groups and other soil organisms including fungi will be

investigated to deepen our understanding of global impacts of
large-scale rainforest transformation on soil ecosystem functions.
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Specific microbial gene abundances
and soil parameters contribute to C,
N, and greenhouse gas process rates
after land use change in Southern
Amazonian Soils
Daniel R. Lammel1,2*, Brigitte J. Feigl1, Carlos C. Cerri1 and Klaus Nüsslein2*

1 Centro de Energia Nuclear na Agricultura, University of São Paulo, Piracicaba, Brazil, 2 Department of Microbiology,
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Ecological processes regulating soil carbon (C) and nitrogen (N) cycles are still poorly
understood, especially in the world’s largest agricultural frontier in Southern Amazonia.
We analyzed soil parameters in samples from pristine rainforest and after land use
change to pasture and crop fields, and correlated them with abundance of functional
and phylogenetic marker genes (amoA, nirK, nirS, norB, nosZ, nifH, mcrA, pmoA,
and 16S/18S rRNA). Additionally, we integrated these parameters using path analysis
and multiple regressions. Following forest removal, concentrations of soil C and N
declined, and pH and nutrient levels increased, which influenced microbial abundances
and biogeochemical processes. A seasonal trend was observed, suggesting that
abundances of microbial groups were restored to near native levels after the dry
winter fallow. Integration of the marker gene abundances with soil parameters using
path analysis and multiple regressions provided good predictions of biogeochemical
processes, such as the fluxes of NO3, N2O, CO2, and CH4. In the wet season,
agricultural soil showed the highest abundance of nitrifiers (amoA) and Archaea,
however, forest soils showed the highest abundances of denitrifiers (nirK, nosZ) and
high N, which correlated with increased N2O emissions. Methanogens (mcrA) and
methanotrophs (pmoA) were more abundant in forest soil, but methane flux was highest
in pasture sites, which was related to soil compaction. Rather than analyzing direct
correlations, the data integration using multivariate tools provided a better overview of
biogeochemical processes. Overall, in the wet season, land use change from forest to
agriculture reduced the abundance of different functional microbial groups related to the
soil C and N cycles; integrating the gene abundance data and soil parameters provided
a comprehensive overview of these interactions. Path analysis and multiple regressions
addressed the need for more comprehensive approaches to improve our mechanistic
understanding of biogeochemical cycles.

Keywords: tropical rainforest, biogeochemical cycles, microbial indicators, qPCR, soil processes
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Introduction

Biogeochemical processes regulating the carbon (C) and nitrogen
(N) cycles are still poorly understood, mainly because of the lack
of adequate microbial indicators. Recent studies have shown the
potential for using cultivation-independent measures, and that
the quantified marker genes are good indicators of the associated
biogeochemical processes in the C and N cycles (Morales et al.,
2010; Petersen et al., 2012; Levy-Booth et al., 2014; Rocca
et al., 2014). This approach includes the analysis of key protein-
encoding genes related to these processes and their correlation
and/or fit into models with standard chemical and environmental
parameters (e.g., C and N forms, pH, temperature, and water
content).

Several genes have been used as molecular markers to
determine the abundance of a respective microbial group in soils
(e.g., 16S rRNA genes; Petersen et al., 2012), and biogeochemical
processes have been quantified using specific genes related to
indicative enzymatic steps in the C or N cycles (Supplementary
Table S1). In the N cycle, the nifH gene (encoding nitrogenase,
that reduces N2 from the atmosphere to ammonium) is related
to N-fixation; amoA (ammonia monooxygenase) is related to
nitrification; and nirK (copper nitrite reductase), nirS (iron
nitrite reductase), norB (nitric oxide reductase), and nosZ
(nitrous oxide reductase) are related to denitrification (Levy-
Booth et al., 2014). In the methane cycle, the mcrA gene (methyl
coenzyme M reductase) is linked exclusively to methanogens;
and the pmoA gene (methane oxygenase) to methane-utilizing
prokaryotes (methanotrophs), among several other examples
(Rocca et al., 2014).

An example of the application of this approach is the study of
Petersen et al. (2012), who quantified the amoA, nirK, nirS, and
nosZ genes to estimate nitrification and denitrification potential
in Alaskan soils, and determined them suitable indicators of these
processes. Other examples are given in a review by Levy-Booth
et al. (2014), in which the authors reviewed studies that had
employed these and other genes as indicators of transformations
within the N cycle. Recently, Rocca et al. (2014) performed a
meta-analysis showing that gene quantification is still a novel
approach and is constantly improving. In a comparative analysis
of 59 selected studies, even though these studies were from
different groups and used independent methods, the authors
found significant correlations of gene quantification with C andN
cycle processes (r = 0.30, P < 0.001). Based on this information,
we argue that the use of gene quantification goes beyond the
improvement of predictive models, and has the potential to
provide information about the dynamics and ecology of the
organisms directly related to these processes.

Most models attempting to predict C, N, and greenhouse
gas (GHG) dynamics in soils rarely acknowledge detailed
microbiological parameters (Bouwman, 1998; Rocca et al., 2014).
Although the models mention the microbial processes involved,
they rarely present data about the specific microbial species
or functional groups which mediate these processes. Microbial
information is commonly limited to general indicators such as
microbial biomass, and the focus is on microbial activity alone.
However, microbial activity is a consequence of the concentration

of microbial enzymes and the environmental conditions that
regulate their activity (e.g., substrate, temperature, available
water, and O2; Burns et al., 2013). Since soil is a complex
environment for biochemical studies, the improvement of
techniques for soil enzymes has been a constant challenge
(Burns et al., 2013), and consequently, the physico-chemical
environmental parameters which regulate enzyme activity are
solely used to explain activity (e.g., “hole-in-the pipe” model;
Bouwman, 1998). Methods are required that also include the
abundance and ecology of the respective microorganisms that
mediate the underlying process, to provide a better scientific
understanding of these microorganisms and to potentially
improve model accuracy (Morales et al., 2010; Petersen et al.,
2012; Levy-Booth et al., 2014; Rocca et al., 2014).

Currently the best approach to identify and quantify specific
microbial groups and/or enzymes related to processes of the C
and N cycle is the use of cultivation independent molecular tools,
e.g., the quantification of marker genes that encode the process-
related enzymes (Morales et al., 2010; Petersen et al., 2012).
The mRNA transcripts are not a valid parameter, since mRNA
is a transitory and unstable molecule, and RNA transcripts
can vary from a dozen copies to a thousand copies per cell,
changing numbers within minutes depending on environmental
conditions (Deutscher, 2006; Rocca et al., 2014). Accurate protein
detection and quantification is still a challenge in soils (Levy-
Booth et al., 2014). The quantification of genes based on genomic
DNA is a powerful approach to detect the potential (dependent
on other factors such as substrate availability, water and O2)
of a soil to perform the associated process (Levy-Booth et al.,
2014; Rocca et al., 2014). Furthermore, the quantification of such
genes enables an approximate quantification of microorganisms
that belong to that functional group (the copy numbers of
these genes are generally one to two copies per cell). Moreover,
this strategy enables the study of the microbial organisms
that perform these processes, information which is usually
missing from biogeochemical approaches that focus only on
environmental physico-chemical parameters, and incorporates
important information about the ecology of these organisms in
soils (Petersen et al., 2012; Levy-Booth et al., 2014; Rocca et al.,
2014).

Here we applied the quantification of specific functional
marker genes to provide important insights into consequences
of land use change from pristine rainforest to agricultural
uses in Southern Amazonia, the largest agriculture frontier
worldwide. In Brazil, agriculture is of great social, economic,
and environmental importance. Because of the growing domestic
and global demand for agricultural products, the country
has continually expanded its agricultural activities in the past
decades. Today Brazil is the second biggest soybean and livestock
producer in the world (Food Agriculture Organization [FAO],
2014), and these agricultural areas are constantly expanding from
their origins in the south further north in the direction of the
Amazonian rainforest. Within Brazil the state of Mato Grosso in
Southern Amazonia ranks as the biggest producer of soybeans,
and contains the largest area covered by pasture in Brazil.
This region represents the most dynamic agricultural expansion
worldwide, where tropical rainforests have been converted into
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pasture and crop lands, but little is known about the impacts of
these land use changes on soil biogeochemical cycles (Galford
et al., 2010, 2011).

Following deforestation, not only plant biomass but also the
stocks of total C and N in soil can become mobilized and be
partially emitted in the form of the greenhouse gasses CO2,
CH4, and N2O (Cerri et al., 2006). Some studies conducted in
Southern Amazonia have evaluated the impact of land use change
on soil organic matter (SOM) and GHG fluxes (Neill et al., 1997;
Carvalho et al., 2010; Maia et al., 2010, Galford et al., 2011), and
found that losses of soil C and N stocks are greatly modified
by agricultural management. Conventional tillage, overgrazing,
and low chemical fertility can lead to a significant loss of soil C,
but specific agricultural conservation practices, such as no-tillage,
can increase SOM accumulation in these tropical soils (Carvalho
et al., 2010; Maia et al., 2010). Although C, N, and GHG cycles
have been studied in parts of Southern Amazonia, little is known
about the microorganisms responsible for these processes in this
region (Carvalho et al., 2010).

The objective of this study was to analyze in situ how
the abundance of microbial functional groups related to the
soil C and N cycles shifted in response to land use change
from rainforest to agricultural use in Southern Amazonia.
Furthermore, we investigated whether these changes were
correlated with changes in soil C and N content, or with soil
GHG fluxes (CO2, CH4, and N2O). We compared a pristine
rainforest with adjacent pasture and soybean sites established on
the same soil approximately 25 years ago following deforestation.
For further comparison, we included another agricultural site
within the same ecotype, which has soybeans established only
2 years after forest conversion, enabling the detection of short-
term effects on biogeochemical cycles in this region.

The primary hypothesis for this investigation was that the
effects of land use change on the abundance of microbial
functional groups are related to the total soil C and N
concentrations, and to GHG fluxes in Southern Amazonia.
A secondary hypothesis states that the abundances of microbial
marker genes are appropriate indicators to model processes
within the respective biogeochemical cycles.

Materials and Methods

Site Survey and Soil Sampling
This study was conducted on three farms nearby the municipality
of Sinop, Mato Grosso State, Brazil, one of the most important
agricultural regions in Southern Amazonia (Galford et al.,
2010). Typical farms with similar edapho-climatic conditions and
known land use history were chosen (Supplementary Table S2).
The forest on the chosen farms was identified as a semideciduous
mesophytic forest, with Amazonian species affinity (Ackerly
et al., 1989), and the soils were classified as Red Oxisol with
clay texture. In the past, the same forest type was removed
at a large scale from adjacent areas (same soil type) and
converted to agriculture. The climate is megathermic, with wet
summers and short, dry winters, or ‘Am’ by the Köppen-Geiser
climate classification. The average temperature is 24.1◦C, and

the average annual precipitation is 2171 mm (Vourlitis et al.,
2008). Old established soybean fields in this region are typically
cultivated using a no-till system with double cropping with
corn or sorghum, while new soybean fields after deforestation
are typically cultivated using conventional tillage (Carvalho
et al., 2007). Both soybean fields receive annual fertilization,
periodic liming (Ca and Mg carbonates), and pesticides; in
contrast, pastures rarely receive annual fertilization or liming
(Lammel et al., 2015). The land use types sampled and their
geographic coordinates were: 12◦05′22′′S, 55◦28′24′′W (25 years
soybean field), 12◦05′26′′S, 55◦28′35′′W (pasture), 12◦05′34′′S,
55◦28′43′′W (adjacent forest), and 11◦44′49′′S 56◦15′14′′W
(2 year soybean field and adjacent forest; Supplementary
Table S2).

Soil samples were surveyed during two different time periods.
The first sampling was in the 1st week of November 2010, at the
beginning of the wet season, and just prior to soybean seeding.
Samples were taken a second time in January 2011, in the middle
of the wet period, and immediately after soybean flowering,
termed stage R3 (Fehr et al., 1971). The characteristic dry
period of Southern Amazonia falls between June and September,
therefore sampling efforts were focused on the beginning
(November) and the intermediate wet season (January), assuming
higher microbial activity during this time because of higher
soil moisture, and higher average temperature. This period also
coincides with the soybean growth stages of seedling (October–
November) and maximum growth (January). For the two soil
surveys DNA was extracted and gene quantification performed.

Soil was sampled from two (November 2010) or six replicated
plots (January 2011) for each land use type. Within each
replicated plot five soil samples were surveyed, and a total of 10
and 30 samples were studied per land use type at each sampling
time, respectively. Replicated plots were located from dozens to
100 m away from each other and were characterized by the same
topography and soil type (Red Oxisol). This is the predominant
soil type in this agricultural region, and to reduce potential bias
caused by soil variation we only surveyed samples of this soil
type (Maia et al., 2010). Land use history and soil profile analyses
confirmed that the agricultural sites had been converted from the
same adjacent forest and soil types. In each of the replicated plots,
soil samples were collected in a cross shaped design with four
samples in the cardinal directions located 20 m equidistant to the
fifth sample in a central position.

The soil survey in the middle of the wet season (January 2011)
was performed together with a soil gas flux survey, with the aim of
correlating soil and microbial parameters with the quantification
of GHG fluxes. For this, we collected soils from six replicated
plots for each land use type within a 1 week period (January 15–
19), as described above.Within that week, two replicate sites were
surveyed for each land use type in three subsequent sampling
events spaced 2 days apart, January 15, 17, and 19. Thus, a total of
30 samples were analyzed for each land use type, originating from
six replicated plots, each with five sub-samples. At the same time
two replicated plots were sampled from the 2 year-old soybean
sites, yielding an additional 10 samples (surveyed on January 16).

After removing the litter layer, soil was sampled from 0 to
17 cm using sterile PVC tubes. Soil cores were immediately
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packaged in sampling bags and placed on ice, to be frozen later
on the day of sampling at −20◦C (Lammel et al., 2015). One
week later, the frozen soil cores were used to extract DNA, nitrate,
and ammonium. All samples were individually processed to avoid
cross contamination, and all equipment was disinfected with 80%
ethanol prior to sampling. In the survey during the wet season,
soil cores were collected immediately after GHG sampling inside
the ring base of the gas sampling chamber to ensure that the
soil cores corresponded to their respective in situ gas fluxes (for
details on gas sampling see below).

Chemical Analysis
Soil samples were processed according to the standard methods
for Brazilian tropical soils used by the Agronomic Institute of
Campinas (IAC; Cantarella et al., 1998). The pH values were
measured in 0.01 M CaCl2; exchangeable cations (K+, Ca2+,

and Mg2+) and available P were extracted using ion exchange
resins; the trace elements Cu, Fe, Mn, and Zn were extracted
by diethylenetriaminepentaacetic acid and triethanolamine with
a pH of 7.3, and B was thermally extracted in water (Cantarella
et al., 1998; Carvalho et al., 2007). Ammonium (NH4

+) and
nitrate (NO3

−) were extracted by adding 4 g frozen soil to 40 ml
of 1 M KCl; the suspension was agitated for one h, and filtered
through quantitative filter paper at a pore size of 8 µm (Lammel
et al., 2015). The extract was analyzed in a flow injection analysis
system. NH4

+ concentration was determined by conductivity
detection, and NO3

− was reduced in a Cd column, and measured
colorimetrically (Cerri et al., 2006). Total C and total N were
determined using a C/N Analyzer CN-2000 (LECO, St. Joseph,
MI, USA; Carvalho et al., 2010).

Quantitative PCR Analysis
Total DNA was extracted from 0.25 g of soil using the Power
Lyzer Power Soil DNA Isolation Kit (MoBio, Solana Beach, CA,
USA), according to the manufacturer’s instructions, and stored
at −20◦C. For each of the two (November) or six (January)
replicated plots, DNA extraction was performed independently
for each of the five sub-samples (soil cores). The resulting five
DNA extracts were pooled at equal volumes, resulting in one
DNA sample for each replicated plot (n = 2 or 6), and used as
templates for qPCR.

Quantitative PCR was performed in an Opticon2 device (Bio-
Rad, Berkeley, CA, USA) in 96-well plates. All analyses were
performed at least in duplicate. Each reaction was composed
of 1 µl of extracted template DNA, 0.2 µl of KlenTaq DNA
polymerase, 1× KlenTaq buffer (DNA Technology, St. Louis,
MO, USA), 0.5 µg of T4 Gene 32 Protein, to both increase
template detection sensitivity and suppress humic acid inhibition
(Tebbe andVahjen, 1993; Kermekchiev et al., 2009), 1× EvaGreen
(Biotium, Hayward, CA, USA), 0.25 mM of dNTPs, primer pairs
as described (Supplementary Table S1), and molecular grade
water to a final volume of 20 µl (Rotthauwe et al., 1997; Hallin
and Lindgren, 1999; van Elsas et al., 2000; Throbäck et al., 2004;
Rösch and Bothe, 2005; Yu et al., 2005; Henry and Bru, 2006;
Dandie et al., 2007; Mcdonald et al., 2008; Steinberg and Regan,
2008; Claesson et al., 2010). Standards for quantification were
prepared from PCR amplified genes from environmental DNA

using each primer set, and dilutions were employed as qPCR
standards using the method described by Hou et al. (2010). The
thermocycler was programmed with an initial denaturation step
at 95◦C for 5 min, followed by 40 cycles of 95◦C denaturation
for 15 s, annealing (temperature specified in Table 1) for 30 s,
and an extension at 68◦C for 30 s, followed by a final extension
cycle of 5 min at 68◦C. All primer pairs were chosen according
to the literature available in 2010, and amplification protocols
were optimized for our laboratory conditions (for details, refer
to Table 1). Melting curve analyses were performed from 68 to
95◦C, and standard curves hadR2 higher than 0.99. The amplified
fragments were also confirmed in agarose gel for specificity and
size (Petersen et al., 2012). No significant inhibition was observed
when standards were compared to soil extracts spiked with the
addition of standards. Amplification efficiencies were 84 ± 9%,
a value that is in the range of similar studies (Meyer et al., 2013;
Jones et al., 2014).

GHG Analysis
Soil gas fluxes were measured using a two-piece static polyvinyl
chloride plastic chamber (Steudler et al., 1989). Five chamber-
bases, separated from each other by 20 m, were inserted 2 cm
into the soil at each sampling site in a cross design (n = 30,
consisting of five chambers for each of the six replicated plots).
After mounting the gas-tight chamber lid, headspace gas samples
of 10 ml were surveyed using nylon syringes at the beginning
of each incubation (time 0), and 10 and 20 min thereafter.
Individual samples were transferred to glass tubes sealed with
air tight stoppers and crimped for storage until analysis. Air
chamber temperature, soil temperature at 5 and 10 cm depths,
and atmospheric barometric pressure were measured. All gas
samples were analyzed immediately after the survey, within a
week, using the gas chromatograph GC-2014-GHG (Shimadzu,
Kyoto, Japan). The fluxes of each gas were determined by
calculating the changing concentration in the chambers as a
function of incubation time, and adjusted for pressure, chamber
volume, and temperature (Cerri et al., 2006).

Statistical Analysis
The data were analyzed as a mixed model considering a nested
design, where the replicated sites were nested with the surveyed
days (n = 6 for qPCR data) and individual soil cores (n = 30 for
all forms of C and N, and GHG fluxes; Pinheiro and Bates, 2000).
Data were Box–Cox transformed and submitted to an ANOVA,
and when a significant effect was observed, a Tukey post hoc test
was performed (P < 0.05). All tables and graphs are shown as
averages of the replicate plots (n = 2 for the November 2010
samples, n= 6 for the January 2011 samples, with the exception of
soybean 2 years where n = 2). Pearson correlation and principal
components analysis (PCA) were performed to test relationships
between the variables, and n-MANOVA to check if the land use
types were statistically different (Anderson, 2001). All analyses
were run using the software R, and the libraries car, lme, and
vegan (R Core Team, 2013).

To further evaluate the fit of the marker gene abundances with
environmental parameters in biogeochemical processes, multiple
regression, and path analysis were performed. Five models were
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tested, considering C degradation and CO2 flux, nitrification,
denitrification, and methane flux (Supplementary Figure S1).
Path analyses were performed as described by Petersen et al.
(2012), based on the reduction of the full models, and selection
of the best models where all paths were statistically significant.
Some of our data presented a moderately skewed distribution,
thus path models were analyzed using Bollen–Stine bootstraps
in the R-library Lavaan (Rosseel, 2012). The general fit of the
model is shown, with a desirable P > 0.05, Comparative Fit Index
(CFI) > 0.93 (0 low fit, 1 best fit), and a Standardized Root Mean
Square Residual (SRMR)< 0.08, with the individual paths having
P < 0.05 (Rosseel, 2012). Multiple regressions were performed
for both parametric models and general additive models using
smoothing spline within the R-library mgcv, which supports semi
and non-parametric distributions (Wood, 2006).

Results

Land use change from forest to pasture or soybean resulted
in several changes in soil physicochemical and microbial
parameters. Forest soil was characterized by higher

concentrations of total C and N as well as higher available
mineral N values (NH4

+ and NO3
−) compared to all agricultural

sites (Table 1). After conversion to agriculture, pH values and soil
nutrient concentrations increased (P, Ca, Mg), most notably in
the soybean fields (Table 1 and Supplementary Table S3). These
chemical changes paralleled shifts in abundances and activities of
microbial functional groups (Table 1).

The initial characterization of gene abundance in soils was
made in November, at the beginning of the wet season. No
statistically significant differences in gene abundance were
observed among land uses in November (Tukey, P < 0.05;
Supplementary Figure S2), suggesting that the effect of land use
change on the microbial community was low. Significant
differences in gene abundances were obtained between
November and January samples (P < 0.05). In January,
during the middle of the wet season, the differences between
forest and derived sites were evident (Table 1, P < 0.05),
therefore the present study focused on this period. All the results
below refer to the January samples (to avoid confusion, results
from the November samples are given only in the Supplementary
Information).

TABLE 1 | Selected soil attributes, and gene abundances and gas fluxes in the surveyed areas in the wet season (see the full data set in Supplementary
Table S3).

Attribute Unit Forest Soybean 2y Soybean 25y Pasture

Soil Chemistry

C mg.g−1 2.9a1 2.6b 2.3c 2.5

N mg.g−1 0.17a 0.14c 0.14c 0.15b

NH4 µg.g−1 4.7a 0.7c 2.2b 2.6b

NO3 µg.g−1 3.0a 0.8b 0.7b 0.9b

pH – 3.9c 5.1a 5.0a 4.6b

Ca mmolc.dm−3 2.0c 25.0a 27.7a 11.7b

Mg mmolc.dm−3 2.0c 19.7a 6.3b 5.7b

P mg.dm−3 4.3b 16.0a 13.7a 3.3b

Cu mg.dm−3 0.2b 0.7a 0.4ab 0.1b

Marker genes

16S Archaea copies.g soil−1 8.8E + 06b 7.4E + 06c 1.3E + 07a 9.1E + 06b

16S Bacteria copies.g soil−1 2.7E + 09a 2.1E + 08c 3.5E + 08c 1.1E + 09b

18S Fungi copies.g soil−1 6.0E + 06a 1.6E + 05b 1.9E + 05b 4.9E + 06a

N-cycle genes

nifH copies.g soil−1 2.1E + 07a 2.9E + 06c 5.1E + 06c 1.5E + 07b

amoA Archaea copies.g soil−1 5.8E + 05d 1.5E + 06c 6.0E + 06a 4.0E + 06b

amoA Bacteria copies.g soil−1 4.8E + 05a 2.0E + 05b 1.7E + 05b 2.3E + 05b

norB copies.g soil−1 2.0E + 06a 5.7E + 05b 1.5E + 06a 2.4E + 06a

nirK copies.g soil−1 7.4E + 06a 5.9E + 05c 2.0E + 06c 4.0E + 06b

nirS copies.g soil−1 2.2E + 06b 4.5E + 05c 7.6E + 05c 4.6E + 06a

nosZ copies.g soil−1 2.3E + 07a 1.7E + 06c 1.9E + 06c 8.8E + 06b

Methane genes

mcrA copies.g soil−1 2.1E + 05a 1.4E + 04c 2.3E + 04c 7.2E + 04b

pmoA copies.g soil−1 6.7E + 07a 9.8E + 06c 1.0E + 07c 3.1E + 07b

Gasses

CO2 Flux mg C-CO2.m2 soil. h−1 129b 258a 98b 111b

CH4 Flux µg C-CH4.m2 soil. h−1 −7b −14b 8b 46a

N2O Flux µg N-N2O.m2 soil. h−1 33a 9b 4b 4b

1Values with the same letter in one row are not different by Tukey’s post hoc test (p < 0.05).
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Microbial Abundance and Activity
Different land uses were characterized by distinct patterns of
microbial abundance. Abundances of Bacteria and Fungi were
highest in forest sites, while Archaea dominated old soybean
fields (Table 1). Bacterial and fungal abundance were negatively
correlated with pH, soil bases (Ca, Mg, K), P, and Zn, and
positively correlated with total N, NO3

−, CEC, H++Al+3, and
Fe. In addition, Bacterial abundance was also positively correlated
with total C, CEC, B, Fe, Mn, and B (Supplementary Table S4).
Microbial activity, represented by CO2 flux, was more intense in
the new soybean soils, and no difference was observed among the
other land use types (Table 1).

To further investigate the interaction among the variables, two
techniques were used to test models with these variables and to
explain the soil respiration. The first was path analysis, which
tested selected combinations of the variables based on an initial
full model (Supplementary Figure S1). That initial full model was
reduced to a significant model where all the paths were significant
(Figure 1A). In this path diagram, the soil C negatively influenced
Archaeal abundance, the soil pH negatively influenced Bacterial
abundance, and all of them in addition to OM influenced the CO2
flux. The numbers on the top of each variable boxes represent
unexplained variation (1 – R2), which represents the effect of
unmeasured variables and measurement error (Petersen et al.,
2012). This means that in this model only 0.23 of the CO2
Flux was not explained by this model; and that Archaea and
Bacteria contributed a little to the model, with 0.83 and 0.63 of
their variance not explained by this model. The other technique
used was stepwise multiple regressions, and in this case, there
was no guided dependency among variables as that stated in
the path analysis (Supplementary Information “Regressions”).

Full models were than tested and reduced for models where all
the coefficients were statically significant and the best Akaike
information criterion (AIC) achieved. The coefficients of the best
analysis were then used in a linear regression against the CO2
flux, and achieved an R2 of 0.97 and P < 0.001 (Figure 2A). Both
independent techniques showed that the abundance of 16S genes
of Archaea and Bacteria contributed to the explanation of the
CO2 fluxes from the analyzed samples.

N-Cycle Dynamics
The abundance of N-fixers, based on nifH genes, was highest
in forest soils, followed by pasture soils. Archaeal ammonium
oxidizers (AOAs) were numerically dominant at all sites, and
overall abundance (amoA Archaea) was highest in the old
soybean fields, and lowest in forest soils. Bacterial ammonium
oxidizers (AOB) were more abundant in the forest sites (Table 1).
The abundance of denitrification genes was highest in forest soils,
intermediate in pasture, and lowest in soybean fields (Table 1).
Significant correlations and relationships between related genes
(nirK and nosZ) were found, and also between them and N,
NO3

−, NH4
+, and N2O (Supplementary Table S4). Interestingly,

abundances of nifH, amoA Bacteria, nirK, and nosZ genes were
correlated between each other (in fact, they are all present in
some bacteria, such as Rhizobium sp.). Interactions among the
variables were further characterized by 3D plots and multivariate
techniques (Figures 3 and 4).

To explain NH4
+ concentrations in soil, a 3D bubble plot

showed the relationships among soil N, N-fixers (nifH) and
litter N (litter data from Lammel et al., 2015) (Figure 3A, a
linear-mixed model for this data showed R2 = 0.61, AIC = 74).
These relationships were also demonstrated by a path analysis

FIGURE 1 | Path analysis diagrams for microbial gene abundances and CO2 fluxes (A); for methane dynamics (B); and for N-cycle related processes,
NH4

+ prediction (C), NO3
− prediction (D) and N2O fluxes (E). The diagrams show the relationships among the selected variables and the influence of soil

chemical factors in soils across land use types in Southern Amazonia in the middle of the wet season (for more information please see the Methods section). The
numbers listed within arrows are standardized path coefficients (∗P < 0.05, ∗∗P < 0.01, ∗∗∗P < 0.001, or x P < x). The numbers on the top of the variable boxes
represent unexplained variation (1 – R2) which represents the effect of unmeasured variables and measurement error. The litter C and N data are from Lammel et al.
(2015).
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FIGURE 2 | Linear regression analyses (reporting the R2 and P-value) between selected processes, CO2 fluxes (A), CH4 fluxes (B), NH4
+ prediction

(C), NO3
− prediction (D), N2O fluxes (E), and an equation made with the coefficients from the best multiple regression result for each process (for

details please see Methods and the Supplementary Information “Regressions”). These graphs demonstrate the fit (R2) of our data in the prediction
equations based on the multiple regression analyses. Data are shown for four different land use types, forest (green), pasture (black), soybean 25 years (blue),
soybean 2 years (orange squares, and adjacent forest in gray).

FIGURE 3 | 3-D bubble plots based on univariate data to explain the products NH4+ (A), NO3
− (B), and N2O Flux (C). The axes are the predictor variables

and the sphere sizes the respective products. For each graph, its significance was tested by a regression analysis, reporting its R2 and significance (P or AIC). Data
are shown for four different land use types, forest (green), pasture (black), soybean 25 years (blue), soybean 2 years (orange squares, and adjacent forest in gray).

(Figure 1C). The path diagram indicated that litter C, litter
N, N-fixers, and soil N were statically significant to explain
NH4

+ concentrations, however, the NH4
+ unexplained variation

(1 – R2) in this model was 0.60. Soil N had the highest fit to
the path diagram, and had only 0.09 of unexplained variation.
The best multiple regression result (Supplementary Information
“Regressions”) incorporated soil C:N, litter C, litter N, and
nifH gene as variables; when their coefficients were used in a
linear regression with NH4

+, the R2 was 0.77 and P < 0.001
(Figure 3C).

To explain NO3
− in soil, a 3D bubble plot showed the

relationships among soil NH4
+, nitrifiers (amoA Bacteria) and

pH (Figure 3B, a linear model for this data showed R2 = 0.73,
P < 0.01). The path diagram indicated that soil N, NH4

+, amoA
Archaea and amoA Bacteria were statically significant to explain
the NO3

− concentrations, and it presented 0.23 of unexplained

variation in this model (Figure 1D). Soil NH4
+ had the best

fit to this path diagram, and had 0.53 of unexplained variation.
The best multiple regression result (Supplementary Information
“Regressions”) had the genes amoA Archaea and Bacteria, pH
and soil N as variables; when their coefficients were used in a
linear regression with NO3

−, the R2 was 0.93 and P < 0.001
(Figure 2D).

To explain N2O flux, a 3D bubble plot showed the
relationships among water content (WC), NO3

− and nosZ
gene abundance (Figure 3C, a linear-mixed model indicated
R2 = 0.89, AIC = 141). The path diagram indicated that soil
N, pH, NO3

−, nirS and nirK and nosZ genes and WC were
statically significant to explain N2O flux, and it presented 0.29 of
unexplained variation in this model (Figure 1E). The nosZ gene
abundance had the best fit to the path diagram, and had only
0.08 of unexplained variation. The best multiple regression result
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FIGURE 4 | Principal Components Analysis of land uses (symbols) and soil parameters (vectors) in Southern Amazonia in the middle of the wet
season. Data are shown for four different land use types, forest (�), pasture (�), soybean 25 years (�), soybean 2 years (�, and adjacent forest in a gray circle); and
vectors for the soil chemical parameters, microbial genes, and GHG fluxes.

(Supplementary Information “Regressions”) had nosZ, WC and
NO3

− as variables; when their coefficients were used in a linear
regression with N2O, the R2 was 0.90 and P < 0.001 (Figure 2E).

Methane Dynamics
Methane flux in forest soils and soybean fields varied from
consumption to production, and was characterized by high
spatial variation (Table 1; Figure 2B). On average, new soybean
sites acted as a methane sink, while forest and old soybean soils
had close to a neutral flux; pasture was clearly a methane source.

Abundances of methanogenic (mcrA) and methanotrophic
(pmoA) genes were similar for each land use and were strongly
correlated (0.82, p < 0.001); gene abundances were highest in
forest sites, and lowest in soybean soils (Table 1). No direct
correlations between abundances of these genes and methane
fluxes were detected (Supplementary Table S4). Path diagram
analysis indicated that soil pH, C, bulk density and the abundance
of mcrA and pmoA genes were statically significant to explain
CH4, and it presented 0.26 of unexplained variation in this
model (Figure 3D). The best multiple regression result had soil
C, pH, density and the mcrA gene as variables (Supplementary
Information “Regressions”); when their coefficients were used in
a linear regression with CH4, the R2 was 0.88 and P < 0.001
(Figure 2B).

Linking Gene Abundances, Soil Parameters,
and Processes
Gene abundances were correlated with soil chemistry and total
C and N dynamics. The strongest correlations were obtained
between genes and pedological factors involved in denitrification,
namely NO3

−, nirK and nosZ gene abundances, and N2O
flux, but several other weaker correlations were also observed
(Supplementary Table S4). Using path analysis the dependencies

of these variables was tested in five models, namely microbial
activity, ammonium mineralization, nitrification, denitrification,
and methane dynamics (Supplementary Figure S1), and reduced
models that present significant paths are shown (Figure 1).
We also demonstrated the fit of these variables using multiple
regressions, indicating that the marker genes fit well into the
tested biogeochemical models (Figure 2 and Supplementary
Information “Regressions”).

For a better overview of the analyzed soil parameters (genes
and chemistry) and their relationships by land use type, a PCA
was performed (Figure 4). Each variable (soil parameter) is
represented by a vector, and the length of each vector indicates
the strength of its contribution. The relative importance of each
variable can be estimated from the perpendicular projection of
each sample to its respective vector. For example, C was highest
in the forest samples (if one takes a perpendicular imaginary line
to the C vector, one can see that forest samples are at the top
of this vector). The two main axes (PC1 and PC2) indicate the
total variance of the data explained in the PCA (58 and 16%,
respectively). Thus, the forest soils were best characterized by
high quantities of OM, CEC, C, N2O, N, NO3

−, NH4
+, and most

of the marker genes. All soybean soils were characterized by high
pH and soil fertility (P, Ca+Mg, and S), while soybean 2y had
high soil CN and CO2 flux and the soybean 25y and pasture soils
had high abundance of amoA Archaea and 16S Archaea. Pasture
sites were characterized by high nirS abundance and CH4 flux. In
addition to the PCA, n-MANOVA analysis was performed and
showed that the discrimination of the land use types (as observed
in the PCA by the different cluster of symbols) was statistically
significant (P < 0.05).

Finally, to facilitate the visualization of all the presented data
(gene abundances and their chemical substrates and products) in
the context of C and N cycles in soils, we propose an integrated
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diagram of soil chemical parameters, gene abundances, and gas
fluxes for the effects of this land use change (Figure 5). Overall,
land use affected the microbial groups, and gene abundance was a
sensitive indicator that correlated positively with C and N forms
and fit well into the tested biogeochemical models (Figures 1–3).

Discussion

In this study, we showed that the effects of land use change
on microbial functional groups, accessed by their marker genes,
provided useful information to explain the reported variations in
total N and GHG fluxes (for CO2, CH4, and N2O) in Southern
Amazonia soils. While land use type, seasonal management, and
soil chemistry affected microbial abundance, the abundance of
specific marker genes for microbial functional groups linked to
soil parameters using multivariate tools contributed to explained
values of C- and N-related process rates (Figures 1–3).

Microbial Abundance and Activity
The highest microbial abundances, obtained in forest sites, were
correlated with the highest concentrations of C, N, NH4

+, and
NO3

− in the forest sites. These characteristics are often observed
in pristine soils when compared with agricultural soils, and are
explained by litter degradation and tight nutrient cycling (Brando
et al., 2008; Wieder et al., 2013). A previous study indicated that
these forest sites had a more extensive litter layer and a more
distinct chemical composition compared to the agricultural sites
(Lammel et al., 2015). Litter quantity and quality were different
between forest and agricultural sites, with the natural vegetation

presenting higher proportions of recalcitrant compounds and
a higher C:N ratio, which supports higher C accumulation
and constant N mineralization in forest soils compared with
agricultural soils (Wieder et al., 2013; Lammel et al., 2015). Also,
abundance of N-fixingmicroorganisms was highest in forest soils,
which over a long time period can account for higher soil N levels
(Morales et al., 2010).

Thus, we associate the highest microbial abundance in the
forest sites during the wet season with the highest levels of
soil C and N (Figure 3; Yao et al., 2000; Stevenson et al.,
2014). Additionally, several aspects of agricultural management
might alter the abundance of Bacteria and Fungi in soils,
such as the chemical changes introduced by fertilization and
pesticide application (Yao et al., 2000; Imfeld and Vuilleumier,
2012). A previous study in these areas reported agricultural
management (plant cover, fertilization, and pesticides) as drivers
for soil Bacterial community structures (Lammel et al., 2015).
To manage plant diseases and control harmful insects and weeds
during soybean growth, fungicides, insecticides, and herbicides
are applied (Supplementary Table S2), which can all function
as factors related to soil microbial suppression (Imfeld and
Vuilleumier, 2012; Lammel et al., 2015). In our study, Archaea
showed the highest abundance in old soybean soils, which is an
intriguing result, as it would be expected that Bacteria would
have higher abundance compared to Archaea in response to
liming and fertilization (Bengtson et al., 2012; Tripathi et al.,
2013). Since the opposite result was observed in the present study,
we suggest that while pesticides likely suppressed Bacterial and
Fungal abundance in soybean fields, other factors selected for
Archaeal abundance. Archaeal abundance is reportedly variable

FIGURE 5 | Integrated scheme for the carbon and nitrogen cycles in response to land use change in the soils of Southern Amazonia. The abundance
of soil microbial genes involved in biogeochemical cycles of C and N are shown together with their respective end products. The forest was set as the reference
value representing an unchanged control. Values that are modified with land use change from forest to soybean fields or pasture are indicated in color (increases in
blue, and decreases in magenta; Tukey’s post hoc test, P < 0.05).
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in soils at pH values below 4.7 (such as our forest sites); the higher
pH value in the soybean site, the lower C:N ratio, and increased
soil compaction leading to anaerobic microsites, as observed
after the conversion from forest to agriculture in our study,
might be drivers for the abundance of this group (Bates et al.,
2011; Bengtson et al., 2012; Karlsson et al., 2012; Šibanca et al.,
2014). Plant cover might be important to Archaeal abundance,
since root exudates can influence the abundance of this group
in the rhizosphere and in the bulk soil. Differences in tillage
practices might also have an impact on Archaeal abundance;
new soybean 2y had low abundance of Archaea, perhaps because
conventional till practices affect the O2 status of the soil, whereas
the 25y established soybean plots under no-till might have
selected for this group (Karlsson et al., 2012; Sugiyama and
Yazaki, 2012). We are not able to explain Archaeal abundances
with precision at this time and future studies should clarify this
phenomenon.

Elevated CO2 fluxes indicated higher microbial activity in
new soybean soils. These fields were managed using conventional
tillage, which is used in the 1st years after deforestation to aid
in the incorporation of liming and in the decomposition of
forest roots. Microbial respiration is usually more intense under
these conditions in response to elevated soil pH, oxygenation
by plowing, and increased levels of bioavailable carbon from
the forest roots and debris (Carvalho et al., 2007; Pes et al.,
2011). The opposite is observed in no-till systems, such as the
old soybean and pasture fields, where native vegetation and
agricultural soils produced similar CO2 fluxes, as observed in the
present study for all other land uses (Carvalho et al., 2010). These
results show that not only direct correlations between genes and
process rates should be investigated, but also the relationships
between them and other environmental parameters. In this case
both the path analysis and the multiple regressions detected the
importance of C, pH and the abundance of Archaea and Bacteria
in explaining the CO2 flux rates (Figures 1 and 2). However, soil
management factors such as oxygenation by plowing (parameter
not measured) should also be taken into consideration in
explaining the observed results (Carvalho et al., 2007; Pes et al.,
2011).

N-Cycle Dynamics
Archaeal ammonium oxidizers weremore abundant than AOB in
all areas, and were most abundant in agricultural soils (Leininger
et al., 2006; Meyer et al., 2013). Concurrently, AOA, similar to
total Archaea, and opposing AOB, were most abundant in higher
pH old soybean fields, and had lower abundance in the acidic
forest soils. Since generalizations around the effect of pH are
not universally applicable and should be taken with caution, we
suggest that agricultural land use selected for higher abundance
of AOA, as suggested by some studies (Prosser and Nicol, 2012;
Jiang et al., 2014). Additionally, higher C (correlation C/AOB
R = 0.55, P < 0.001) and NH4

+ concentrations (correlation
NH4

+/AOB R = 0.59, P < 0.01) in forest sites might have
selected for higher abundances of AOB in those soils than in
the agricultural soils, since AOB are generally more sensitive to
such drivers (Verhamme et al., 2011; Stempfhuber et al., 2014).
Interestingly, AOA followed the Archaeal abundance and we are

not able to explain in details at this time why old soybean fields
selected for this group.

Although AOA were more abundant in all soils, AOB
presented the best fit explaining NO3

− (Figure 3B), similar to
a previous report for potential nitrification rates in a laboratory
analysis (Petersen et al., 2012). However, it is difficult to
quantify nitrification rates in the field as these rates depend
on multiple factors, including N availability, AOA and AOB
interactions, the plant influence on the microbial community,
plant uptake of NH4

+/NO3
−, and other environmental factors.

Xia et al. (2013) was recently able to identify a better correlation
of nitrification with AOB by using stable isotopes in soils
cultivated with soybeans. Future studies with stable isotope
probing might better delineate the contributions of AOA and
AOB to soil nitrification in tropical soils under land use
change.

In contrast to the distribution of nitrifiers, denitrifiers (nirK
and nirS genes) were more abundant in forest and pasture
sites. Abundance of nirK- and nirS-type denitrifiers differed
significantly between land uses.While nirK-type denitrifiers were
distinctly dominant in forest sites, the ratio of nirK/nirSwas high
in forest and soybean soils. Variable abundance ratios of nirK and
nirS genes have been reported, with a trend of nirK/nirS ratios
usually >1 (Bárta et al., 2010; Enwall et al., 2010; Meyer et al.,
2013; Jones et al., 2014). Little is known about the drivers for
the differentiation in abundance of nirK or nirS-gene denitrifiers
in soils, but elevated soil pH and Cu concentration have been
reported as important factors having a positive influence on nirK
abundance (Enwall et al., 2010; Bru et al., 2011). Neither of these
characteristics was observed in our data. New soybean field soils
contained the highest Cu content, however, nirK genes were most
abundant in forest soil. Plant cover and soil chemistry might be
similarly important in determining the distribution of denitrifiers
in soil, i.e., specific plants might select for a higher abundance of
nirK-gene bearing denitrifiers (Bremer et al., 2007; Meyer et al.,
2013).

A strong correlation was observed between abundances of
nirK and nosZ genes (0.92, p < 0.001). However, there was no
correlation between the subtraction of nosZ from nirK/nirS copy
numbers with N2O fluxes, as suggested by Morales et al. (2010).
In fact, some bacteria that possess nosZ clade I (our primer target)
also have the nirK or nirS genes (∼67% of the analyzed genomes
by Jones et al., 2008). The recently discovered nosZ clade II
(not covered by our primers) has also been shown be ubiquitous
and important in soils, showing that nirK/nirS and nosZ ratios
are much more complex than previously believed (Jones et al.,
2014). Interestingly, our data agree with the laboratory study by
Petersen et al. (2012), who found that nosZ clade I abundance is
a good predictor of denitrification (Figure 5 C1–3; correlation
nosZ/N2O R = 0.61, p < 0.003). While Petersen et al. (2012)
based their findings on potential rates, our study corroborated the
concept of nosZ as a bioindicator of denitrification with actual
gas flux rates measured in situ at the same soil sampling time
(Rocca et al., 2014). This is an interesting finding, since N2O flux
is a complex process involving other pathways, such as anammox
(Butterbach-Bahl et al., 2013). Further studies should include
other processes and soil types, to test why nosZ clade I is such
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a good indicator for denitrification in some soils (Rocca et al.,
2014).

In this context, the term ‘denitrification regulatory phenotype’
(DRP) has been proposed for the denitrification process, which
includes a series of analyses of a community, even though all the
players and processes are not completely understood (Bergaust
et al., 2011). For instance, it encompasses the most important
traits of the microbial activity in the denitrification process in
the environment (Bergaust et al., 2011). Using this approach
the most important parameters are measured (i.e., pH, NO3

−,
O2, nosZ genes) and the overall results reported (i.e., N2O and
NOx). This technique is particularly powerful for microcosm
incubation, whereby soil samples can be transported from the
field to the laboratory and incubated to measure the effect of O2
and NO3

− in the NOx andN2O fluxes of that particular microbial
community, allowing a better understanding of denitrification in
that soil sample. In this study we worked with measurements
in situ that made these evaluations hard to evaluate under field
conditions, and we suggest that this approach could generate very
informative data for future work that could better explain the
insights observed in our data.

The highest N2O efflux from acidic forest soils and additional
correlations with N concentrations, soil pH values, and total
soil C were also observed in the present study (Richardson
et al., 2009; Petersen et al., 2012). Paradoxically, even though
land use change to agriculture affected the N-related microbial
groups, it was beneficial in reducing potential nitrate leaching and
N2O emissions, mitigating environmental pollution and global
warming (Wieder et al., 2013).

Methane Dynamics
Forest soils had the highest abundance of methanogens, however,
pasture had the highest methane effluxes, showing that rather
than looking for direct correlations between microorganisms
and process rates, they need to be included in a multivariate
framework (Figure 3). In pasture soils, cow grazing compacts the
soil, resulting in more anaerobic sites, and consequently higher
methane production (Frey et al., 2011; Šibanca et al., 2014),
as detected by both the path analysis and multiple regressions
(Figure 3). In addition, cow excrement, which is more easily
degradable than forest litter, might serve as a nutrient source
for soil microbes leading to increased methanogenic activity and
probably also supplying methanogens to the soil (Gattinger et al.,
2007; Prem et al., 2014). Methane dynamics are influenced by
diffusional constraints on the net oxidation activity, which would
be important to consider in future studies (Striegl, 1993).

The quantity of methanotrophs, represented by detection of
the gene pmoA, correlated with the distribution of methanogens
(R = 0.82, p < 0.001). Since the methanotrophs potentially
consume the methane produced by methanogens, it is a plausible
explanation for most of our observed data, as demonstrated by
the path analysis (Figure 3). Additionally, Forests are known
as net methane sinks, and methanotrophs are usually associated
with this vegetation system (Conrad, 2002; Cerri et al., 2006).
By the other hand, in the crop fields fungicides and pesticides
can suppress methanotroph communities (Conrad, 2002). In fact,
the pmoA gene abundance was correlated with total Bacterial

abundance and their mutual suppression in soybean fields in
the wet season is very likely related to crop management (e.g.,
pesticides and fungicides). We observed that after winter fallow
the methanotroph abundances were more similar among the
land uses (Supplementary Figure S2), showing that specific
agricultural management during soybean growth affected these
communities and that abundance of methanotrophs could be
nearly restored after winter fallow.

Linking Gene Abundances, Soil Parameters,
and Processes
Our data demonstrate that rather than searching for direct
correlations between genes and biogeochemical processes,
environmental factors, such as soil parameters, should also be
included using regression analyses (Figures 4 and 5). Gene
abundances have some correlation with processes, but the
relationships of gene abundances with environmental factors
are more important for analyzing the complex biogeochemical
processes detailed here (Petersen et al., 2012; Levy-Booth
et al., 2014). The net balance of chemicals in soil is a
result of the interaction among the abundance and activities
of microbial functional groups, the plants, and the soil
physical and chemical characteristics (Levy-Booth et al., 2014).
While climatic conditions, temperature and rain, can impact
process rates within short time periods (hours–days) and
soil characteristics (i.e., texture, total C) affect long-term
predictions (seasons-years), gene abundances are important
indicators for mid-term predictions (weeks–months) and for
detailed microbial transformation dynamics and their effects on
biogeochemical processes (Petersen et al., 2012; Levy-Booth et al.,
2014).

Biogeochemical processes in soil are complex and our
knowledge of the microbial players and controlling factors is
constantly growing. New processes have been discovered in
recent years (e.g., annamox) showing that our knowledge of the
microorganisms and processes is still incomplete. In practice, no
study to date has evaluated all the possible processes and variables
in the C and N cycles, but instead focused on some of the main
aspects (Petersen et al., 2012; Levy-Booth et al., 2014; Rocca et al.,
2014). It follows that our paper does not attempt to evaluate all
the possible aspects of the C and N cycles, but in studying some
important aspects we bring advances to this research area.

For the first time we have detailed how the abundance
of functional groups varied with land use change in soils of
Southern Amazonia, and how these abundances are related to
biogeochemical C and N cycles and GHG fluxes. We present
integrated models of C and N cycles, showing gene abundances
as key microbial indicators. Further studies with larger temporal
and spatial surveys could help to explain how these parameters
change through time and in different soils, and might also
provide a database for predictive models. Also, improved primer
design, additional marker genes (e.g., Jones et al., 2014; Levy-
Booth et al., 2014), and expanded metadata for physico-chemical
parameters, such as quantification of soil anaerobic micro-
sites, and partitioning of SOM, could improve models and
lead to a better understanding of the microbial regulation of
biogeochemical processes in soils.
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Metagenomic sequencing, which is primer independent,
might be a more promising tool for true quantification of gene
abundances in soil samples. However, cost is still a limiting
factor. For example, while sequence analysis of a metagenomic
library with minimum coverage costs around 2,000 dollars per
sample, qPCR analysis costs around three dollars per gene within
a sample (approximate prices accessed by the authors in 2014).
Therefore, metagenomic sequencing can provide taxonomic and
phylogenetic information, and thus both the vicinity of functional
genes within other genomic content as well as material for
better primer design. And qPCR is still a less expensive and
powerful technique for gene abundance measurements, which
allows integration of representative microbiological parameters
into models of the C and N cycles. It enables broader surveys
to analyze a higher number of samples, a requisite for modeling
approaches.

Conclusion

The abundance of microbial functional groups, as determined by
appropriate marker genes, fit well into associated biogeochemical
process models, indicating the value of these data for a better
mechanistic understanding of biogeochemical cycles. Land use
change affected the abundance of select microbial groups in
soils. Overall, forest soil contained a higher abundance of all
marker genes targeting processes in the soil C and N cycle
compared to other land uses. A seasonal trend was observed
for the marker gene abundance, suggesting that land use effects
were less significant after the dry winter fallow and more intense
during the wet season and the associated crop growth. This

means that agricultural management caused a disturbance in
the growth or survival of functional groups that was restored
almost to native levels after the dry winter fallow. We showed
that integrating gene abundance with environmental parameters
presented a better overview of biogeochemical processes. Further
temporal and spatial surveys of the parameters discussed might
help to improve our understanding of the ecological regulation
of biogeochemical cycles, and should be incorporated into future
predictive models.
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Members of the phylum Acidobacteria are among the most abundant soil bacteria on

Earth, but little is known about their response to environmental changes. We asked how

the relative abundance and biogeographic patterning of this phylum and its subgroups

responded to forest-to-pasture conversion in soils of the western Brazilian Amazon.

Pyrosequencing of 16S rRNA genes was employed to assess the abundance and

composition of the Acidobacteria community across 54 soil samples taken using a

spatially nested sampling scheme at the landscape level. Numerically, Acidobacteria

represented 20% of the total bacterial community in forest soils and 11% in pasture

soils. Overall, 15 different Acidobacteria subgroups of the current 26 subgroups were

detected, with Acidobacteria subgroups 1, 3, 5, and 6 accounting together for 87% of the

total Acidobacteria community in forest soils and 75% in pasture soils. Concomitant with

changes in soil chemistry after forest-to-pasture conversion—particularly an increase

in properties linked to soil acidity and nutrient availability—we observed an increase

in the relative abundances of Acidobacteria subgroups 4, 10, 17, and 18, and a

decrease in the relative abundances of other Acidobacteria subgroups in pasture

relative to forest soils. The composition of the total Acidobacteria community as well

as the most abundant Acidobacteria subgroups (1, 3, 5, and 6) was significantly

more similar in composition across space in pasture soils than in forest soils. These

results suggest that preponderant responses of Acidobacteria subgroups, especially

subgroups 1, 3, 4, 5, and 6, to forest-to-pasture conversion effects in soils could be

used to define management-indicators of agricultural practices in the Amazon Basin.

These acidobacterial responses are at least in part through alterations on acidity- and

nutrient-related properties of the Amazon soils.

Keywords: tropical rainforest, land-use change, spatial scale, 16S rRNA gene, community similarity, Acidobacteria
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INTRODUCTION

Land use change driven by human activities is considered the
most important factor for biodiversity losses in the tropics (Sala
et al., 2000) and a large number of studies have documented
the negative effects of land use change for plants, animals
(Gibson et al., 2011; Wearn et al., 2012), and most recently,
microorganisms (Cenciani et al., 2009; Jesus et al., 2009;
Navarrete et al., 2010, 2011, 2013, 2015; Taketani and Tsai, 2010;
Rodrigues et al., 2013; Mirza et al., 2014; Mueller et al., 2014;
Paula et al., 2014; Ranjan et al., 2015). For example, Rodrigues
et al. (2013) reported that forest-to-pasture conversion resulted
in a substantial decrease in the abundance of members of the
bacterial phylum Acidobacteria.

Acidobacteria are among the most common bacteria in soils
worldwide, including in Amazon soils (Kim et al., 2007; Jesus
et al., 2009; Navarrete et al., 2010, 2013, 2015). The analysis of
16S rRNA gene sequences has demonstrated that acidobacterial
abundance within a community may be regulated by soil pH
(Fierer et al., 2007; Lauber et al., 2008; Jones et al., 2009; Rousk
et al., 2010; Kuramae et al., 2011) and nutrient availability
(Zhao et al., 2014). Genomic and physiological traits indicate
characteristics that may contribute to Acidobacteria survival and
growth in soil, such as the presence of membrane transporters
and the ability to use carbon sources that span from simple sugars
to more complex substrates such as hemicellulose, cellulose, and
chitin; the reduction of nitrate, nitrite, and possibly nitric oxide;
iron scavenging; and production of antimicrobial compounds
(Ward et al., 2009; Rawat et al., 2012). In addition, Greening
et al. (2015) proposed that consumption of trace gases such as
H2 provides a dependable general mechanism for Acidobacteria
to generate maintenance energy required for long-term survival
in soils.

Recently, increased attention has been paid to the response
of Acidobacteria to environmental changes (George et al.,
2009; Naether et al., 2012; Catão et al., 2014). Despite
this appreciation for the phylum Acidobacteria, little is still
known about the differential response at subgroup level to
alterations in soil chemical properties and fertility, and how
their community similarity change with distance in mosaic
landscapes. Navarrete et al. (2013) reported the impact of
agricultural management of soybean in Amazon forest soils
on the composition of the Acidobacteria community, and they
revealed that the abundance of Acidobacteria subgroups was
related to soil chemical properties, which were clearly affected by
agricultural management. These findings opened the possibility
that subgroups of Acidobacteria could be used as management-
indicators for the consequences of agricultural practices in the
Amazon region.

The present study was designed to assess the Acidobacteria
subgroup response at different geographic scales in primary
forest and pasture soils. Firstly, we hypothesized that different
subgroups of Acidobacteria respond differently to forest
conversion into pastures in Amazon soils. Because of the
substantial effects that land use change may have on soil
chemical characteristics, we evaluated the differential response
of Acidobacteria subgroups through the prism of the expected

changes in soil chemical properties after forest-to-pasture
conversion in the Amazon. In a corollary hypothesis, we tested
whether taxonomic similarity of total Acidobacteria community
and of their most abundant subgroups varies across space in
forest and pasture soil samples in the western Brazilian Amazon.
To address these hypotheses, we used pyrosequencing of the
region V4 of the bacterial 16S rRNA gene to analyze the relative
abundance and composition of the Acidobacteria community
inhabiting soil from primary forests and pastures collected from
the Amazon Rainforest Microbial Observatory, a model site
representing the current expansive agricultural development
of the region. We correlated the relative abundances of
Acidobacteria at the taxonomic levels phylum and subgroup
with soil chemical properties to explore group-specific responses
to agricultural conversion. Furthermore, we explored the
relationship between group-specific biogeographic patterns
and land use change by comparing distance-decay relationship
patterns.

MATERIALS AND METHODS

Site Description and Soil Sampling
This study was performed at the Fazenda Nova Vida (10◦10′5′′S
and 62◦49′27′′W), located in the central region of the
Brazilian state of Rondônia at the Amazon Rainforest Microbial
Observatory (ARMO). Soils are classified as red-yellow podzolic
latosol (Kandiudult). The climate is humid tropical, with
an annual average temperature of 25.5◦C and an average
precipitation of 2200mm (Bastos and Diniz, 1982). Local farmers
employ slash-and-burn practices, i.e., clearing of primary forest
followed by burning, in order to support livestock and farming
systems in this region.

Soil samples were collected at the end of the rainy season
(April 2009) from three primary forest sites and three pasture
sites that had been continuously managed since 1987. At each
site, a nested sampling scheme was established, centered on a
100 × 100 m (100 m2) quadrat, with 10 × 10 m (10 m2), and
1×1 m (1 m2) quadrats nested within and adjacent to one corner
of the 100 m2 quadrat, for a total of nine sampling points per
100 m2 quadrat (Figure S1). At each point, after the removal of
the litter layer, the soil was sampled from 0 to 10 cm depth in the
topsoil layer, gently homogenized, and subdivided. Samples were
transported to the laboratory on ice. A portion of each sample
was stored at −80◦C for molecular analysis and another portion
was stored at 4◦C for soil chemical analysis.

Soil Chemical Properties and Statistical
Analysis
The soil samples were dried and passed through a sieve (149µm
size). Total carbon (C) and nitrogen (N) were measured on
a LECO CN elemental analyzer (St. Joseph, MI, USA) at the
Soil Biogeochemistry Laboratory, Center for Nuclear Energy
in Agriculture, University of São Paulo, Brazil. Soil chemical
properties for each sample were analyzed at the Laboratory of
Soil Fertility, Luiz de Queiroz College Agriculture, University of
São Paulo, Brazil. Soil pH was measured from a soil/water (1:2.5)
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suspension. Aluminum (Al), calcium (Ca), and magnesium
(Mg) were extracted with 1M potassium chloride. Ca and
Mg were determined by atomic absorption spectrometry, while
Al was determined by acid-base titration. Phosphorous (P)
and potassium (K) were extracted by ion-exchange resin, and
determined by colorimetry and atomic emission spectroscopy,
respectively. Combined results were used for calculation of
exchangeable bases (SB) as the sum of Ca, Mg, and K; cation-
exchange capacity (CEC) as the sum of Ca, Mg, K, Al, and
H; base saturation (V) as the percent relation between SB and
CEC; aluminum saturation (m) as the percent relation between
exchangeable Al and CEC; and potential acidity (H+Al), by an
equation based on the pH determined in Shoemaker-McLean-
Pratt (SMP) buffer solution. Analysis of similarity (ANOSIM)
statistics was calculated to test for differences between forest and
pasture soil chemical properties. A distance matrix (Euclidean
metric) was constructed using non-transformed data. ANOSIM
was carried out using Primer six (version 6.1.5, Primer-E Ltd.,
Plymouth, UK).

Isolation of DNA from Soil, Amplification,
and Pyrosequencing of Bacterial 16S rRNA
Genes
Total genomic DNA for each soil sample was extracted in
triplicate using the Power Soil DNA Isolation Kit (Mo Bio
Laboratories Inc., Carlsbad, CA, USA), according to the
manufacturer’s instructions. The extractions for each sample
were combined and DNA was quantified spectrophotometrically
(Nanodrop ND-1000, NanoDrop Technologies, Inc.,
Wilmington, DE, USA). All DNA samples were stored at
−20◦C. The primer set 577F (5′-AYTGGGYDTAAAGNG-3′)
and 926R (5′-CCGTCAATTCMTTTRAGT-3′) targeting the V4
region of bacterial 16S rRNA gene was used for the amplification.
Group-specific primers for Acidobacteria such as Acid31F (Barns
et al., 1999) and ACIDO (Lee and Cho, 2011) were not used in
order to avoid the selective amplification and not detection of
members of the phylum Acidobacteria such as 2, 22, and 25 as
reported in many studies (Sait et al., 2006; Barns et al., 2007;
George et al., 2009; Jones et al., 2009; Kielak et al., 2009; Lee
and Cho, 2011). Adapter sequence was added to the primers as
recommended by Roche (Table S1). Barcodes of 8 bp and AC
linker were added to forward primers only. Each reaction was
carried out in 50µl reactions containing 1 × buffer, 1.8mM
of MgCl2, 0.2µM of each primer, 200µM of deoxynucleoside
triphosphate, 300 ng/µl of bovine serum albumin, 10 ng of
DNA template and 1µl of the enzyme FastStart High Fidelity
PCR System (Roche Applied Sciences, Indianapolis, IN, USA),
subjected to the following conditions: 95◦C for 3min; 30 cycles
of 94◦C for 45 s, 57◦C for 45 s and 72◦C for 1min; and 72◦C
for 4min. Each soil sample was amplified in triplicate, and
reaction products were pooled and purified using the Qiagen
PCR purification kit (Qiagen, Valencia, CA, USA). PCR products
were sequenced on a 454 GS FLX Sequencer (454 Life Sciences,
Branford, CT, USA) at the Michigan State University Research
Technology Support Facility. To prevent the possibility of
sequencing errors (Huse et al., 2007), all reads were removed that

either contained one or more ambiguous bases (N), had lengths
outside the main distribution, or presented inexact matches to
the primers used in the study. The high-quality bacterial 16S
rRNA gene sequences are available through FigShare, http://dx.
doi.org/10.6084/m9.figshare.1547935.

Sequence Analysis and Statistics
Sequences were processed using the bioinformatics platform
QIIME version 1.7 (Caporaso et al., 2010). Sequences were
removed from the analysis if they did not have the primer
sequence, were less than 300 nt or more than 400 nt in length,
contained a homopolymer run exceeding twenty nucleotides,
or had ambiguous characters. The remaining sequences were
assigned to samples by matching them to barcode sequences.
Sequences that passed these quality filters were clustered into
OTUs with a similarity cutoff of 97% using UCLUST (Edgar,
2010). Taxonomy was assigned to representative sequences
from each OTU using the Ribosomal Database Project (Wang
et al., 2007) web-based taxonomy assignment tool (http://
rdp.cme.msu.edu/index.jsp) version 2.6 against the RDP 16S
rRNA training set 9. The OTU table was filtered for specific
taxonomic groups, and the relative abundance of Acidobacteria
was estimated by comparing the number of sequences classified
as belonging to the phylum with the number of classified
bacterial sequences in each sample. Similarly, the relative
abundance of Acidobacteria subgroups was estimated across
all individual samples by comparing the number of sequences
classified as belonging to each subgroup with the number of
classifiedAcidobacteria sequences. Explicit relationships between
the relative abundance of Acidobacteria subgroups and soil
chemical properties were examined using constrained ordination
generated by redundancy analysis (RDA) with the software
CANOCO 4.5 (ter Braak and Šmilauer, 2002). Spearman’s rank
correlation coefficients were calculated between the relative
abundance of Acidobacteria subgroups and soil properties using
the “multtest” package (Pollard et al., 2005) in R (R Core Team,
2015). P-values were corrected formultiple testing, using the false
discovery rate controlling procedure (Benjamini and Hochberg,
1995).

Distance-Decay of Similarity Analyses
The pairwise geographic distances between cores were calculated
based on geographic coordinates and physical measurements.
Community turnover (i.e., the distance-decay of similarity) was
determined by regressing the pairwise community similarity
against the pairwise logarithm of geographic distance using linear

regression. Distance-decay slopes within taxonomic groups were
compared between land types using the function diffslope in the
software package “simba” (Jurasinski and Retzer, 2012) in R (R
Core Team, 2015).

RESULTS

Soil Chemical Properties
Overall, statistical comparison of soil chemical properties for
forest and pasture soils indicated that forest conversion to pasture
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resulted in an increase in properties linked to soil acidity and
nutrient availability in soil (Table S2). The chemical composition
(Table S2) of forest and pasture soils differed significantly
(ANOSIM, R = 0.680, P = 0.002). Potential acidity (H+Al) was
significantly lower in forest soils compared to the pasture soils.
Forest soils had significantly lower total C, N, S, and Mg contents
and C/N ratios than pasture soils (Table S2).

Links between the Phylum Acidobacteria,
Relative Abundances of Subgroup-Levels,
and Soil Chemical Properties
The taxonomic analysis of the soil acidobacterial community
was based on the retrieval of approximately 45,000 and 20,000
sequences of acidobacterial 16S rRNA gene fragments from
forest soils and pasture soils, respectively (Table S3). The relative
abundance of Acidobacteria sequences within an individual soil
bacterial community represented on average 20% (±3.5%) in
forest soil samples and 11% (±3.3%) in pasture soil samples.
Overall, 15 different Acidobacteria subgroups of the current 26
subgroups (Hugenholtz et al., 1998; Zimmermann et al., 2005;
Barns et al., 2007) were detected across the 54 soil samples, with
Acidobacteria subgroups 1, 3, 5, and 6 accounting together for
87% of the total Acidobacteria community in forest soils and 75%
in pasture soils (Table 1). A redundancy analysis of the relative

abundance of Acidobacteria subgroups (1–7, 9–11, 13, 17, 18, 22,
and 25) showed that the subgroups 1–3, 5, 9, 11, and 13 were
significantly associated with forest soils while subgroups 4, 7,
10, 17, 18, and 25 were associated with pasture soils (Figure 1).
Acidobacteria subgroup 6 was more related to pasture soils than
forest soils. Statistically significant differences between forest
vs. pasture soils were found for the relative abundances of the
Acidobacteria subgroups 2 (P < 0.005), 4 (P < 0.05), 7
(P < 0.0005), 10 (P < 0.05), 13 (P < 0.0005), 17 (P <

0.0005) and 18 (P < 0.005) (Table 1). A correlation between
the relative abundances of Acidobacteria subgroups and soil
chemical properties revealed two distinct groups. Acidobacteria
subgroups 1, 2, 3, and 13 were negatively correlated with total C
and N content, C/N ratio, and P, S, K, Ca, and Mg content, and
positively correlated with properties linked to soil acidity such
as pH, Al, H+Al, and m; while subgroups 4, 5, 6, 7, 17, and 25
were positively correlated to nutrient availability and negatively
correlated to properties linked to soil acidity (Table 2).

Acidobacterial Distance-Decay
Relationships
Taxonomic similarity of the total Acidobacteria community was
significantly correlated with geographic distance in both forest
and pasture sites (Table 3). The slopes of the lines fitted to

TABLE 1 | Percentage of Acidobacteria subgroups relative to all Acidobacteria and of these to all Bacteria in forest and pasture sites.

Forest sites Pasture sites Statistics

F1 F2 F3 P1 P2 P3 F vs. P

Gp1 21.30 (11.6–28.5)a 9.67 (3.0–17.0) 32.76 (15.1–43.0) 13.02 (8.0–23.6) 26.17 (19.3–40.7) 12.34 (6.7–16.7) nsc

Gp2 2.05 (0–4.4) 0.93 (0.3–2.0) 11.62 (2.4–22.3) 0.86 (0.5–2.0) 1.34 (0–3.6) 0.61 (0–1.4) **

Gp3 29.31 (23.4–33.5) 15.80 (10.2–21.7) 24.73 (19.9–29.8) 16.8 (11.8–31.3) 19.06 (2.8–29.2) 19.59 (11.0–23.7) ns

Gp4 3.18 (0–6.0) 5.31 (2.3–7.5) 1.67 (0.2–7.8) 4.29 (1.8–21.0) 4.76 (0.2–8.9) 12.55 (3.4–54.6) *

Gp5 14.5 (9.6–18.6) 22.04 (16.7–30.8) 8.32 (4.8–14.5) 10.42 (8.9–26.5) 4.52 (1.7–9.0) 15.53 (8.9–24.9) ns

Gp6 24.83 (16.8–33.7) 40.46 (30.1–51.6) 16.9 (4.6–35.4) 17.15 (19.7–37.4) 31.96 (20.4–44.0) 38.37 (27.8–45.7) ns

Gp7 1.27 (0–3.0) 1.96 (0.2–3.8) 0.72 (0–1.7) 1.31 (0.6–4.0) 3.81 (2.0–5.5) 2.71 (1.8–5.0) ***

Gp9 0.02 (0–0.1) 0.31 (0–1.9) NDb 0.01 (0–0.07) ND ND ns

Gp10 0.06 (0.1–0.2) 0.12 (0–0.5) 0.13 (0.1–0.3) 0.1 (0–0.5) 0.23 (0–0.6) 0.25 (0–0.9) *

Gp11 0.09 (0.2–0.5) 0.29 (0–1.2) ND 0.01 (0–0.3) 0.01 (0–0.1) 0.04 (0–0.2) ns

Gp13 1.80 (0.2–7.0) 0.55 (0–1.0) 2.3 (0.8–4.8) 0.34 (0–0.8) 0.49 (0–1.3) 0.26 (0–0.5) ***

Gp17 0.66 (0.3–1.8) 0.06 (0.03–1.9) 0.27 (0–0.3) 1.7 (1.3–5.4) 2.54 (0–3.6) 1.71 (1.2–2.7) ***

Gp18 0.05 (0.1–0.2) 0.05 (0–0.2) 0.01 (0–0.1) 0.13 (0–0.3) 0.43 (0–1.0) 0.08 (0–0.3) **

Gp22 0.08 (0.2–0.3) 0.2 (0–1.0) 0.01 (0–0.05) 0.02 (0–0.3) 0.04 (0–0.2) 0.13 (0–0.3) ns

Gp25 0.34 (0.2–0.6) 0.86 (0.4–1.4) 0,.05 (0–0.1) 0.05 (0–0.8) 0.97 (0–2.4) 0.93 (0.2–1.5 ns

unclassified

Acidobacteria

0.23 (0.3–0.9) 0.36 (0–0.8) 0.2 (0–0.4) 0.09 (0–0.3) 0.04 (0–0.2) 0.28 (0–0.6) ns

Total

Acidobacteria

community

17.51 (13.5–23.0) 20.1 (14.0–29.7) 24.15 (13.3–35.3) 7.26 (7.7–21.1) 14.3 (10.1–19.6) 11.08 (6.6–14.4) ns

aAverage and range (%) of the average for each of nine replicate soils in each site.
bND indicates that sequences of this subgroup were not detected. DNA sequences were classified into 26 acidobacterial subgroups using the Ribosomal Database Project 2 classifier

(release 10.4). The 26 subgroups are classified according to the following designations: subgroups 1–8 according to Hugenholtz et al. (1998); subgroups 9–11 according to Zimmermann

et al. (2005), and subgroups 12–26 according to Barns et al. (2007).
cTukey’s honestly significant difference (HSD) test was performed considering all pairwise comparisons between the 27 soil cores for forest sites and 27 soil cores for pasture sites.

Significance levels: ns: P > 0.05, *P < 0.05, **P < 0.005, ***P < 0.0005.
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FIGURE 1 | Constrained ordination diagram for sample plots in the first

two redundancy analysis (RDA) axes based on the soil chemical

characteristics of the different sampling sites and their relationship

with the relative abundance of Acidobacteria subgroups (1–7, 9–11, 13,

17, 18, 22, and 25). Each vector points to the direction of increase for a given

Acidobacteria subgroup (Gp) and its length indicates the strength of the

correlation between this variable and the ordination scores.

these relationships differed significantly between the forest and
pasture soils with a significantly steeper slope for the total forest
Acidobacteria community (Figure 2).

Taxonomic similarity was significantly correlated with
distance for Acidobacteria subgroups 1, 3, 5, and 6 in both
the forest and pasture soils (Table 3). For each group, forest
distance-decay slopes were significantly steeper than their
pasture counterparts (Figure 2). The distance-decay linear
model showed a better fit to community similarity over distance
for forest Acidobacteria communities than for those from
pasture. Similar biogeographic patterns were revealed for the
total Acidobacteria community and total bacterial community
when comparing slopes across all forest and pasture soils
(Figure S2).

DISCUSSION

The present study reports differential relative abundances for
Acidobacteria at phylum and subgroup-levels in forest soils and
in soils converted into pasture in the western Brazilian Amazon.
These differences in abundances are correlated with soil acidity
and nutrient availability. Total Acidobacteria community as well
as the most abundant subgroups, namely 1, 3, 5, and 6, showed a
divergence in spatial patterning between forest and pasture, with
the pasture communities showing less spatial turnover than the
forest communities.

Pasture establishment on acidic soils in the Amazon region is
preceded by cutting and removing the economically important
trees and burning the remaining above ground biomass (Fujisaka
et al., 1996). As a result of these conversion and management
practices, the thick organic layer of the forest is lost, the soil
nutrient input is changed, and the topsoil is fertilized with
alkaline ashes, thus increasing the soil pH (Juo and Manu, 1996;
Giardina et al., 2000;Makeschin et al., 2008). Neye andGreenland

(1960) proposed the “nutrient-rich ash” hypothesis to explain
the observed short-term increase in soil nutrient availability after
slash-and-burn clearing of forest. Although the slash-and-burn
method of deforestation was applied 28 years before the soil
sampling in our pasture sites, numerous studies of forest-to-
pasture conversion in the Amazon reported increases in C and
N stocks after several years of pasture establishment (Feigl et al.,
1995; Neill et al., 1995, 1996; Cerri et al., 2004). Increases in C
and N contents and nutrient availability in pasture soils can be
also associated with a more decomposable litter (Rhoades et al.,
2000; Potthast et al., 2010) and a dense fine-root system (Rhoades
and Coleman, 1999) of the pasture grasses.

The chemical characteristics found in pasture soils can
be a selective pressure for soil bacteria that prefer nutrient-
rich habitats. Cultivation-dependent and -independent
approaches have revealed adaptations of members of the
phylum Acidobacteria to low substrate concentrations in soil,
and their negative responses to increases in carbon and pH (Noll
et al., 2005; Eichorst et al., 2007; Fierer et al., 2007; Ward et al.,
2009). However, certain subgroups of the Acidobacteria are also
known to have a preference for soil environments with increased
available nutrients, i.e., copiotrophic environments (Navarrete
et al., 2013). Despite the higher abundance of most Acidobacteria
subgroups in forest soils, which may help to explain the strong
decrease in the proportion of the total Acidobacteria community
after forest-to-pasture conversion (Rodrigues et al., 2013),
subgroups 7, 17, and 18 were significantly more abundant in
pasture soils compared to the forest soils, with their abundances
linked to high nutrient availability. Acidobacteria subgroup
7 showed similar response in soils from the Southeastern
Brazilian Amazon converted into agricultural fields, with
their abundances linked to high contents of nutrient in soil
(Navarrete et al., 2013). Naether et al. (2012) also found higher
relative abundances for members of Acidobacteria subgroups
17 in pasture soils in comparison to forest soils from three
geographical regions in Germany. The selective advantage that
allows microorganisms to respond rapidly in environments
characterized by fluctuations in resource availability may
be conferred by the number of rRNA gene copies in their
genomes (Klappenbach et al., 2000; Stevenson and Schmidt,
2004). Genomes of Acidobacteria subgroups 1 and 3 were
typified by a low number of rRNA gene copies (Ward et al.,
2009). Although the number of rRNA gene copies is unknown
for most of the Acidobacteria subgroups, the few number of
ribossomal operons in acidobacterial genomes (Ward et al.,
2009) is consistent with the higher abundance of this phylum
in forest soils and has been postulated to be a characteristic
marker of slow growth and a K-selected lifestyle (Klappenbach
et al., 2000; Stevenson and Schmidt, 2004). Taken together,
these findings suggest that different Acidobacteria subgroups
have different life history patterns, with some preferring high
nutrient concentrations and others preferring more oligotrophic
environments.

The Acidobacteria subgroups 4 and 10 were also predominant
in pasture soils and positively linked to soil pH. Previously, the
abundance of the Acidobacteria subgroup 4 has been linked to
increases in soil pH (Jones et al., 2009; Lauber et al., 2009). In
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TABLE 3 | Correlations of taxonomic similarity (Bray Curtis) and

geographic distance of phylum Acidobacteria and subgroups with

comparison of slope of linear model between land use types.

Forest Pasture Difference

mantel R mantel R in slope

Total Acidobacteria community 0.4133*** 0.1369** −0.01419***

Gp1 0.454*** 0.255*** −0.02049***

Gp3 0.3074*** 0.096* −0.01125***

Gp5 0.636*** 0.198*** −0.02518***

Gp6 0.1835** 0.1462** −0.004582**

Significance levels: *P < 0.05, **P < 0.01, ***P < 0.001.

addition, Blastocatella fastidiosa, the only known isolate from
Acidobacteria subgroup 4, recovered from a savanna soil with a
moderate acidic pH (i.e., close to 6.0) in Namibia, grows at even
higher pHs (up to 10.0) (Foesel et al., 2013). Although soil pH has
been demonstrated to explain a significant degree of microbial
community variation in different spatial scales (Lauber et al.,
2009), few studies have characterized the specific effects of pH
on rare Acidobacteria subgroups in soil.

A large fraction of the total Acidobacteria community
was composed of members of subgroup 1 in both forest and
pasture soils. Sait et al. (2006) identified moderately acidic
pH values as an important factor driving the abundance of
members of this Acidobacteria subgroup in different soils, with
Acidobacteria subgroup 1 increasing in relative abundance
as the soil pH decreases. Li et al. (2014) showed significant
negative correlations between Acidobacteria subgroup 1 and
pH, and a positive correlation with C/N ratio. Rawat et al.
(2013, 2014) and Ward et al. (2009) reported that members
of Acidobacteria subgroup 1 are versatile heterotrophs that
hydrolyze a suite of sugars and complex polysaccharides,
contributing to carbon availability in certain ecosystems,
including oligotrophic environments. This consideration was
based on genomic data fromGranulicella mallensisMP5ACTX8T

and Granulicella tundricola type strain MP5ACTX9T, members
of Acidobacteria subgroup 1 from tundra soil, and two
acidobacterial subgroup 1 strains (Acidobacterium capsulatum),
isolated from sediments in acidic drainage from the Yanahara
pyrite mine in Japan. Isolation, cultivation and genome
analysis of Acidobacteria subgroup 1 community members
has revealed sugars as their preferred growth substrates
(Männistö et al., 2011), and metabolic versatility with genes
involved in metabolism and transport of carbohydrates,
utilization and biosynthesis of diverse structural and storage
polysaccharides such as plant based carbon polymers (Rawat
et al., 2014).

The spatial turnover of a community (i.e., the rate of
the distance-decay relationship) has been used as a proxy to
estimate biotic homogenization at the landscape scale (Olden
and Poff, 2003; Rodrigues et al., 2013). Through our approach
we were able to detect changes to the spatial patterning of
the Acidobacteria community as well as the most abundant
Acidobacteria subgroups. In all cases, the directionality of
change was the same; forest communities showed a steeper
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FIGURE 2 | Decay of taxonomic similarity (Bray–Curtis) with geographic distance in forest (blue) and pasture (yellow) for total acidobacterial

community and Acidobacteria subgroups 1, 3, 5, and 6.

distance-decay relationship relative to pasture communities and
that pasture communities were more similar to each other
at larger distances than forest communities. We take these
patterns to be suggestive of biotic homogenization. Changes
to distance-decay patterns could result from alterations to
several community assembly processes. For example, forest
soils may have a more diverse or spatially variable array
of microbial niches that may get broken down through the
change in aboveground plant communities or alterations to
the soil environment associated with land use change. It
has been shown that Acidobacteria are one of the most
abundant members of the phyllosphere of tropical trees,
and that the distribution of Acidobacteria follows host plant
phylogeny (Kim et al., 2012). Hence the removal and subsequent
replacement of the tree community by low diversity grassland

could be a strong driver in the changes to Acidobacteria
biogeography.

These differential responses in relative abundance and
biogeographic patterning of the Acidobacteria phylum and its
subgroups to forest conversion into pastures in the Amazon
rainforest expand the known possibilities to explore these
subgroups to define management-indicators of agricultural
practices. When conditions related to specific soil properties
change owing to soil management practices, the proportion
of different subgroups may be used to as an indicator
of the soil status (Holt and Miller, 2011; Kuramae et al.,
2011).

In conclusion, this study expands the understanding of
ecological characteristics of Acidobacteria subgroups in Amazon
soils by reporting differential responses ofAcidobacteria and their
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subgroups to forest-to-pasture conversion and the associated
biogeographic patterns in a western Brazilian Amazon area. The
forest clear-cutting and burning in the Amazon primarily to yield
cattle pastures play a role in the assembly of the Acidobacteria
communities in soil, especially in Acidobacteria subgroups 1, 3,
4, 5, and 6. Preponderant responses of Acidobacteria subgroups
to forest-to-pasture conversion effects in soils are at least in
part through effects on soil acidity and nutrient availability.
The results also showed more similar composition of the
total Acidobacteria community as well as the most abundant
Acidobacteria subgroups across space in pasture soils than
in forest soils. Taken together, these findings could assist to
define management-indicators to judge the impacts from the
forest-to-pasture conversion on soil ecosystem in the Amazon
Basin.
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The Amazon rainforest is well known for its rich plant and animal diversity, but its
bacterial diversity is virtually unexplored. Due to ongoing and widespread deforestation
followed by conversion to agriculture, there is an urgent need to quantify the soil
biological diversity within this tropical ecosystem. Given the abundance of the phylum
Verrucomicrobia in soils, we targeted this group to examine its response to forest-
to-pasture conversion. Both taxonomic and phylogenetic diversities were higher for
pasture in comparison to primary and secondary forests. The community composition
of Verrucomicrobia in pasture soils was significantly different from those of forests,
with a 11.6% increase in the number of sequences belonging to subphylum 3 and a
proportional decrease in sequences belonging to the class Spartobacteria. Based on
99% operational taxonomic unit identity, 40% of the sequences have not been detected
in previous studies, underscoring the limited knowledge regarding the diversity of
microorganisms in tropical ecosystems. The abundance of Verrucomicrobia, measured
with quantitative PCR, was strongly correlated with soil C content (r = 0.80, P = 0.0016),
indicating their importance in metabolizing plant-derived carbon compounds in soils.

Keywords: tropical forest, microbial biodiversity, land use change, habitat filtering, biotic homogenization

Introduction

The Amazon rainforest is the largest equatorial forest in the world, encompassing 40% of the
world’s tropical ecosystems (Laurance et al., 2001). It maintains one-fifth of the world’s total
freshwater volume, influencing hydrological and climatological cycles and balancing the global flux
of atmospheric gasses. The Amazon rainforest harbors an estimated 40,000 vascular plant species,
5,500 vertebrate species, and 100,000 invertebrate species (Da Silva et al., 2005; Lewinsohn and
Prado, 2005). The Amazon rainforest is under constant threat from agricultural conversion, with
approximately 16% of the original cover already lost (Soares-Filho et al., 2006). Land use change
driven by human activities is considered the most important factor for biodiversity losses in the
tropics (Sala et al., 2000) and a large number of studies have documented the negative effects of
land use change on plants and animals (Gibson et al., 2011; Wearn et al., 2012).

Recently, it has been shown that forest-to-pasture conversion also impacts microorganisms,
resulting in biotic homogenization of communities (Rodrigues et al., 2013). Specifically, there was a
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substantial decrease in the abundance of Acidobacteria 16S
rRNA gene sequences and correspondent increase in sequences
identified as belonging to the phyla Firmicutes, Actinobacteria,
and Chloroflexi. Other phyla did not show an apparent response
to conversion, including the Verrucomicrobia; however, this
group has exhibited strong responses to land use change in
previous studies (Kielak et al., 2008; Suleiman et al., 2013;
Montecchia et al., 2015; Prober et al., 2015) and it is possible
that shifts within the Verrucomicrobia were masked by limited
coverage within the overall bacterial community (Bergmann
et al., 2011).

The Verrucomicrobia is a ubiquitous and abundant group
in many terrestrial ecosystems (Buckley and Schmidt, 2001;
Janssen, 2006; Bergmann et al., 2011; Fierer et al., 2013). The
ecology of this group is unclear, but they have potential roles in
methane oxidation and polysaccharide degradation (Martinez-
Garcia et al., 2012), and the high relative abundance of this
group in soils across a wide range of ecosystems suggests that
they play important, but poorly understood, roles. Members of
the Verrucomicrobia are difficult to isolate and, to date, only
a limited number of isolates (total of 31) have been obtained
from soil samples (RDP II)1, with four out of seven classes
remaining without representatives in culture (Hedlund, 2011).
The abundance and class composition of this phylum remain
virtually unknown in tropical forest, and it is unclear to what
extent members of this phylum can recover from agricultural
conversion when pastures are abandoned and secondary forests
are established.

In this study, we sought to fill the knowledge gap regarding
the abundance and class-level distribution of Verrucomicrobia
in the Amazon rainforest by addressing the following questions:
(i) How is the diversity and community composition of
Verrucomicrobia in Amazon rainforest soils affected by
deforestation? and (ii) What are the environmental variables
associated with the presence of Verrucomicrobia in Amazon
rainforest soils? We hypothesized that the abundance and
diversity of this phylum would be higher in the primary forest
than in adjacent pasture and secondary forest sites. In order to
answer the above questions, we designed and tested a specific
oligonucleotide PCR primer for the detection of the phylum
Verrucomicrobia, determined the effects of forest-to-pasture
conversion on their community structure, and correlated the
presence of members of Verrucomicrobia to local environmental
conditions.

Materials and Methods

Site Description, Soil Collection, and
Physicochemical Analyses
Soil samples were collected at the Fazenda Nova Vida (10◦10′5′′S
and 62◦49′27′′W) situated in the western Amazon Basin, state of
Rondonia, Brazil, in February of 2004. The annual precipitation
reaches 2,200 mm and the annual temperature averages 25.5◦C at
this site (Bastos and Diniz, 1982), with only two distinct seasons:

1http://rdp.cme.msu.edu

dry and wet. Soils are classified as Ultisols (US soil taxonomy),
representing 22% of the Brazilian Amazon basin (Moraes et al.,
1995). This area experiences the highest rate of deforestation in
the Amazon basin, driven in large part by conversion of forest
into pasture for cattle production.

Three different land use types were selected for sampling:
primary forest (hereafter referred to as forest), a pasture
established in 1987, and a secondary forest resulting from pasture
abandonment in 1994 and subsequent natural re-colonization by
forest plants. The common procedure for pasture establishment
is aerial seeding of two fast growing grasses Urochloa brizantha
(Hochst. ex A. Rich; formely the genus Brachiaria) and Panicum
maximum without the use of chemical fertilizers or agricultural
machinery. The plant community composition of the secondary
forest is a mix of woody species and grasses (Feigl et al., 2006).
Twenty-five independent soil samples per treatment (0–10 cm)
were collected 50 m apart from each other in order to cover
the 3 ha area plots, kept on ice, and transported to an on-site
laboratory, where they were randomly combined into groups of
five and sieved with a 2 mm mesh. The resulting five replicates
per treatment were stored at −80◦C prior to molecular analysis
(Cenciani et al., 2009).

The soil under all land uses in this study is classified as
a red–yellow podzolic latosol (Kandiudult) with sandy loam
texture (Feigl et al., 2006). Soil samples were sieved with a 2-mm
mesh and used for total C and N determination with an Auto
Analyzer LECO TruSpec CN at the Centro de Energia Nuclear na
Agricultura, University of Sao Paulo, Brazil. The soil attributes
pH, organic matter, base saturation, cation exchange capacity,
Al+ saturation, C/N, moisture, potential acidity, and elemental
analysis of P, S, K+, Ca+2, Mg+2, Al+3, H+, B, Cu, Fe, Mn, Zn
were analyzed at the Department of Soil Sciences, University of
Sao Paulo, Brazil, as previously described (Cenciani et al., 2009).

Verrucomicrobia Primer Design and Evaluation
A Verrucomicrobia-specific 16S rRNA gene-targeted primer was
designed using the ARB software package and the SILVA small
subunit reference database that contains 4,781 high quality
verrucomicrobial sequences (Prüsse et al., 2007). The target
region for the reverse primer VER_673R (5′ TGC TAC ACC
GWG AAT TC 3′) was identified between nucleotide locations
673 and 690, according to the Escherichia coli numbering system
(Gutell, 1993), taking into consideration the presence of a hairpin
followed by a non-canonical pairing of six nucleotides in the
16S rRNA gene secondary structure. When combined with a
phylum-specific forward primer VER_37F (5′ TGG CGG CGT
GGW TAA GA 3′; Buckley and Schmidt, 2001) the amplified
region encompasses the hypervariable regions V1–V4, ensuring
accurate taxonomic identification. Primer specificity was further
tested against 2,765,278 16S rRNA gene aligned sequences
using the Check Probe function of the Ribosomal Database
Project II2 (RDP; Cole et al., 2009) and the Basic Local Alignment
Search Tool (BLAST) program from the National Center for
Biotechnology Information (NCBI; Altschul et al., 1990). This
primer VER_673R yielded a perfect match for 3,211 out of

2http://rdp.cme.msu.edu/index.jsp
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3,939 high quality verrucomicrobial sequences present in the
RDP II, including those belonging to all 133 isolates available
throughout the phylum. When searching the database, 35 other
sequences were found to be targets for this primer. These
sequences, previously identified as Acidobacteria (3), Firmicutes
(4), Bacteroidetes (1), Chloroflexi (1), Proteobacteria (12), and
unclassified (14), came from environmental clone libraries and,
upon our inspection, could not be classified with at least 80%
confidence using the naïve Bayesian rRNA RDP classifier.

The specificity of the Verrucomicrobia 16S rRNA gene-
targeted primers was experimentally tested with genomic DNA
extracted from pure cultures of members of the phylum
Verrucomicrobia and isolates belonging to the above groups,
when available. No PCR amplification was observed for any
groups other than Verrucomicrobia strains (Supplementary
Figure SF1). All isolates yielded positive amplifications with the
universal 16S rRNA gene eubacterial primers 8F and 1492R,
indicating that the DNA was suitable for amplification.

DNA Extraction and PCR Amplification
Total genomic DNA from soil (0.25 g) was extracted using
the Power Soil DNA MoBio DNA Extraction kit (Mobio
Laboratories Inc., Carlsbad, CA, USA). Amplification reactions
were performed in a final volume of 25 μl containing 10 ng
of DNA template, 0.2 μM of each Verrucomicrobia 16S rRNA
gene specific primer, 2.0 U of Accuprime Taq DNA polymerase
(Invitrogen Life Technologies, Carlsbad, CA, USA), and 1X
Accuprime PCR buffer II with the following components: 20 mM
Tris-HCl (pH 8.4), 200 μM deoxynucleotide triphosphates,
1.5 mM MgCl2, and 0.5 mM KCl. Amplification was initiated
with a 5-min denaturation step at 95◦C, followed by 30 cycles of
denaturation at 94◦C for 30 s, primer annealing at 55 C for 30 s,
extension at 68◦C for 1 min, then a final extension for 10 min.
Aliquots (5 μl) of the PCR products were visualized on ethidium
bromide-stained 1% agarose gels.

Clone Library Sequencing
Cloning and transformation were carried out according to the
instructions provided with the TOPO TA cloning kit (Invitrogen
Life Technologies, Carlsbad, CA, USA). E. coli transformants
were grown on Luria–Bertani medium containing kanamycin
(50 μg/ml) and subjected to PCR targeting the cloned insert with
primers M13F (5′ GTT GTA AAA CGA CGG CCA GTG 3′)
and M13R (5′ CAC ACA GGA AAC AGC TAT G 3′) under the
same PCR conditions as above. Amplified products were purified
with the kit ExoSAP-IT (USB Corporation, Cleveland, OH, USA)
according to manufacturer’s instructions and sequenced on an
ABI PRISM 3100 automatic sequencer using Big Dye chemistry
(Applied Biosystems, Foster City, CA, USA) at the University
of Texas Genomics Core Facility (Arlington, TX, USA). A total
of 750 sequences were screened and edited in the software
Sequencher v.4.2. (Gene Codes Corporation, Ann Arbor, MI,
USA). The chimera-check software from the RDP was used to
screen sequences for chimeric origin3. Taxonomic classification
was carried out using the online RDP classifier function.

3http://rdp8.cme.msu.edu/cgis/chimera.cgi

Taxonomic and Phylogenetic Diversity
Analyses
Trimmed sequences were aligned with the software MUSCLE
(Edgar, 2004) and visually inspected before creating a distance
matrix with DNAdist software. Operational taxonomic units
(OTUs) were established using the furthest neighbor algorithm
implemented in the softwared package Mothur (Schloss et al.,
2009) with clustering set at 1% of dissimilarity, in accordance to
species definition proposed by Stackebrandt and Ebers (2006).
OTU richness and Faith’s phylogenetic distance (Faith, 1992)
were calculated with the software picante (Kembel et al., 2010)
in the statistical platform R, and diversity estimators (Shannon
and reciprocal Simpson 1/D) were calculated with mothur.
Both α and β diversity indices were calculated according to
the definition of Whittaker (1972). Taxonomic similarity was
calculated by using the Bray–Curtis index, while phylogenetic
similarity was calculated by using weighted UniFrac (Lozupone
et al., 2007). Patterns of community structure were visualized
by non-metric multidimensional scaling (NMDS) of taxonomic
(Bray–Curtis) and phylogenetic (weighted UniFrac) similarities.
Taxonomic and phylogenetic community compositions were
compared among sites by using analyses of similarity (ANOSIM;
Clarke, 1993). Class level differences were analyzed with the
Library Compare function of the RDP using a confidence
threshold of 90%.

For phylogenetic measures of diversity, a phylogenetic tree was
constructed with MUSCLE-aligned sequences (Edgar, 2004) and
amaximum-likelihood tree was constructed using the gamma+ I
model with the program PhyML (Guindon et al., 2010). Circular
trees were constructed and displayed using the Interactive Tree of
Life website4.

Statistical significances for species richness and diversity
indices were calculated with one-way analysis of variance
(ANOVA). Fitting of soil variables onto principal coordinate
analysis (PCoA) was performed with the vegan package of the
software R5, and the significance of correlation assessed after 999
random permutations.

Quantitative Real Time PCR
Triplicate qPCRs for each soil sample were performed in
20 μL volume containing 1X iTaq fast SYBR Green supermix
with ROX as internal reference (Bio-Rad, Hercules, CA, USA),
50 nM of each Verrucomicrobia specific primer, and 5 ng of
total soil DNA. The ABI 7300 real time PCR system (Applied
Biosystems, Calrsbad, CA, USA) was used for quantification.
Information about amplification conditions, sensitivity of the
quantitative PCR assay for Verrucomicrobia specific primers,
standard curves, and controls can be found in Supplementary
Material.

Nucleotide Sequence Accession Numbers
Partial 16S rRNA gene sequences were deposited in the GenBank
database under the accession numbers JF410109 to JF410858.

4http://itol.embl.de
5http://www.r-project.org
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Results

Verrucomicrobia Species Richness
Sampling effort was evaluated through rarefaction curves
(Supplementary Figure SF2). The number of OTUs did not
reach an asymptote for any of the replicates among the
three treatments, but consistently lower numbers of OTUs
were observed for the primary forest in comparison with the
other two land use treatments. A similar pattern was observed
when replicates were pooled within each treatment. Although
non-parametric indices are prone to underestimate diversity
(Bohannan and Hughes, 2003), they are particularly appropriate
for comparative studies such as this one using standardized
sample sizes.

Two indices, OTU richness and the Faith’s phylogenetic
distance, were used to estimate Verrucomicrobia diversity. The
number of OTUs did not differ significantly among treatments.
While 37 OTUs were observed in the primary forest, plots of
pasture and secondary forest had 40 and 41 OTUs, respectively
(Figure 1A – out of 50 sequences). Faith’s phylogenetic diversity
index was significantly higher for the pasture [F(2,12) = 3.12,
P = 0.05] in comparison to primary and secondary forests, which
were similar to one another (Figure 1B).

α and β Diversity Analyses
Both non-parametric-derived indices of α diversity, Shannon and
the reciprocal of Simpson (1/D), had significantly lower values for

FIGURE 1 | Land use effect on the local diversity of Verrucomicrobia in
forest (F, black), pasture (P, white), secondary forest (SF, gray): (A) total
species richness, (B) Faith’s phylogenetic diversity, (C) Shannon Index,
and (D) Reciprocal Simpson Index (1/D). Bars represent SEs.

the forest than the other two treatments [F(2,12) = 8.07, P < 0.01;
F(2,12) = 3.53, P= 0.05, respectively] (Figures 1C,D). Pasture and
secondary forest had similar Shannon indices of 3.33 ± 0.11 and
3.28± 0.07, respectively. The reciprocal of the Simpson indexwas
slightly higher for the pasture (22.46± 3.93) in comparison to the
secondary forest (20.56 ± 1.92).

The Verrucomicrobia community composition from
pasture soils was significantly different from that observed
in primary and secondary forests. Analyses of similarity using
both taxonomic (R = 0.501, P < 0.001) and phylogenetic
(R = 0.476, P < 0.001) measures revealed a distinct separation
between pasture and forest samples (Figures 2A,B). Two
measures of β diversity were used to estimate the similarity
in community structure among soil samples. Both UniFrac
(phylogenetic) and Bray–Curtis (taxonomic) coefficients
decreased with forest-to-pasture conversion, a trend which
was reversed for both indices with pasture abandonment and
re-establishment of secondary forest [F(2,57) = 5.86, P < 0.001;
F(2,12) = 32.2, P < 0.001, respectively, Supplementary Figure
SF3].

Phylogenetic Novelty
All 750 sequences were identified using the naïve Bayesian
rRNA RDP classifier based on 99% sequence identity (Figure 3).
A large majority of pasture Verrucomicrobia sequences grouped
into clades different from those obtained from forest soils.
Verrucomicrobia sequences cloned from the secondary forest
samples were evenly distributed throughout the phylogenetic
tree. A total of 302 sequences (40.3%) retrieved in this study were
not previously observed in any other study. The majority of the
novel sequences (n = 124) originated from the forest samples,
followed by the secondary forest (n = 113) and the pasture
(n = 65).

The majority of the sequences (90%) belonged to two classes,
Spartobacteria and subphylum 3. The relative proportion of
sequences classified as subphylum 3 in the pasture (26.8%) was
significantly higher (P < 0.01) than the number of subphylum
3 sequences found in the forest (15.2%, Figure 4). There was
an equivalent decrease of 11.6% in the number of Spartobacteria
16S rRNA gene sequences recovered from pasture samples. The
relative proportions ofVerrucomicrobia sequences in the primary
and secondary forests were similar for both the Spartobacteria
and subphylum 3 with a minor variation of 1.2 and 4%,
respectively.

Influence of Soil Factors on the
Verrucomicrobia Community
To explore potential drivers of the community, we performed
environmental fitting of 22 different soil variables onto the
ordination plot via Principle Coordinate Analysis (PCoA,
Supplementary Figure SF4). Five variables were linked to
Verrucomicrobia phylogenetic community structure, with total
C yielding the most significant results (P < 0.05). Increases
in organic matter, total N, and pH were linked to 16S rRNA
gene sequences obtained from pasture, while an increase in
potential acidity (H + Al) was linked to those from forest
samples.
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FIGURE 2 | Verrucomicrobia community composition of forest
(triangle), pasture (circle), and secondary forest (square). Non-metric
multidimensional scaling (NMDS) plot of (A) taxonomic similarity (Bray–Curtis)
and (B) phylogenetic similarity (weighted UniFrac).

Abundance of Verrucomicrobia
The detection limit was established to be approximately 103
copies of the target sequence per gram of soil with linear standard
curves over six orders of magnitude. Gene copy numbers were
consistently higher (P < 0.05) for pasture samples (1.9 × 107
copies per gram of soil), followed by secondary forest (9.1 × 106)
and primary forest soil samples (2.4 × 106).

Discussion

Soils are known to have higher taxonomic and functional
diversity than any other environment (Whitman et al., 1998).
Earlier estimates suggested that 3.8× 103 to 107 microbial species
are present in a gram of soil (Curtis et al., 2002; Gans et al.,
2005) and 32 phyla have already been detected (Janssen, 2006).
We reason that if one is interested in understanding how soil

FIGURE 3 | Unrooted maximum likelihood tree of 750 sequences
belonging to Verrucomicrobia 16S rRNA genes recovered from soils:
Amazon forest (green), pasture (red), and secondary forest (blue). The
scale bar represents the number of substitutions per nucleotide position.

FIGURE 4 | Phylogenetic comparison among classes of the phylum
Verrucomicrobia 16S rRNA gene sequences from different land uses in
the Amazon: forest (black), pasture (white) and secondary forest
(gray). Symbol ∗ indicate significant differences at P = 0.01.

microbial communities respond to environmental disturbances,
focusing on particular groups is crucial, since not all groups are
likely to respond in the same manner.

To capture the diversity of the phylum Verrucomicrobia, we
designed a new 16S rRNA gene PCR primer (VER_37F) and
paired it with a previously tested primer VER_673R (Buckley and
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Schmidt, 2001). This new primer pair differs from Eubacterial
primers (515F/806R) proposed by Bergmann et al. (2011).
While the primers 515F/806R are relatively unbiased against
the Verrucomicrobia, they are not specific for this phylum. The
primer pair VER_37F-VER_673R was highly specific for the
target phylum when tested in silico and experimentally with the
recovery of 750 Verrucomicrobia sequences from Amazon soils.
Although our sample is not as comprehensive as one obtained
from a high-throughput sequencing study, the longer reads we
generated provide more detailed taxonomic assignments for
lower rank hierarchies (Wang et al., 2007) of the numerically
dominant OTUs present in our soil samples than would be
possible with a high-throughput study. Both methods use PCR
based information and large-scale patterns observed in soils
with the PCR dependent method T-RFLP (Fierer and Jackson,
2006) were unchanged when the same samples were subjected to
pyrosequencing (Lauber et al., 2009).

Our results indicate the presence of a diverse Verrucomicrobia
community that was not previously observed in tropical
rainforests through the use of oligonucleotides targeting the
domain Eubacteria. An important outcome of our targeted
approach is the high number of novel sequences observed.
Using an OTU definition based on 99% sequence identity,
40.2% of the Verrucomicrobia sequences were novel, suggesting
that the microbial diversity of tropical ecosystems remains
largely unknown. More importantly, this high diversity in
Amazon soils is impacted by forest-to-pasture conversion.
Both non-parametric indices (Shannon and the reciprocal of
Simpson) showed increased values of community diversity for
soils collected from pasture. These findings are in agreement
with previous studies, in which forest-to-pasture conversions
resulted in increased α diversity of bacterial communities (Jesus
et al., 2009; Rodrigues et al., 2013). We also documented an
increase in β diversity (Anderson et al., 2011) as measured
by a decrease in taxonomic (Bray–Curtis) and phylogenetic
(UniFrac) similarities. The response of Verrucomicrobial beta
diversity contrasts the response of the Bacteria as a whole,
which showed increased taxonomic homogenization following
pasture conversion. This further demonstrates the utility
of focused analysis on particular microbial groups, which
can often differ from patterns observed within the larger
community.

It is possible that the differences we observed across land type
could be the result of spatial variability in soil conditions that
were present in the three sites before land use change occurred.
This is unlikely, for two reasons. First, all of the study sites
have identical soil type, drainage, slope, and are geographically
located close to each other (Cenciani et al., 2009). Second, this
chronosequence of land uses has been systematically studied over
the past 25 years and spatial variability was found to be small in
comparison to land use history (Moraes et al., 1995; Steudler et al.,
1996; Neill et al., 1997).

We observed that the community composition of
Verrucomicrobia was altered with land use change in two
distinct ways. First, the relative proportions of taxa varied
with land type. There is a clear distinction between clades
formed by OTUs observed in the forest and those found in

FIGURE 5 | Regression analysis between the abundance of
Verrucomicrobia 16S rRNA genes and total carbon in the Amazon
soils. The correlation coefficient (r) between the two variables is 0.80
(P = 0.0016). Symbols: forest (black square), pasture (open circle), secondary
forest (gray square).

the pasture (Figure 3, note that forest sequences marked in
green are mostly at the bottom of the circular tree while pasture
sequences, in red, are positioned at the top). This alteration
can be attributed to the increase in 16S rRNA gene sequences
belonging to the subphylum 3 and a concurrent decrease in
the number of Spartobacteria sequences. Out of the seven
taxonomic classes within the Verrucomicrobia (Hedlund,
2011), these two groups comprise the majority of the 16S
rRNA gene sequences and isolates retrieved from soil (Joseph
et al., 2003; Sangwan et al., 2004; Janssen, 2006). We cannot
characterize the increase in the relative proportion of subphylum
3 sequences as a shift in dominance, as the Spartobacteria
sequences remain above 60% of the total in all sites. However,
our results are consistent with habitat filtering, the process
by which habitat characteristics exert selection pressure on
community composition (Webb et al., 2002). We documented
that at least 11.6% of the verrucomicrobial community was
altered as a consequence of conversion. It is currently unknown
if these forest inhabitants carry unique traits. Genomes of the
first isolates of both Spartobacteria and subphylum 3 have been
sequenced (Kant et al., 2011a,b), and a comparative analysis
may provide insights into their ecophysiological differences
and reasons for habitat selection. Secondly, the abundance of
Verrucomicrobia increased with conversion of forest to pasture.
We hypothesize that this response is a direct result of rich
exudates released by the large root system of C4 plants, such
as grasses (Feigl et al., 1995; Haichar et al., 2014). Two lines
of evidence support this is hypothesis: (A) higher abundances
members of the Verrucomicrobia have been observed in the
plant rhizosphere in comparison to bulk soil (Idris et al., 2004;
Kielak et al., 2008; Jesus et al., 2010; Rocha et al., 2010); and (B)
attempts to isolate members of Spartobacteria from soil have
only been successful when plant polymers or sugars were added
to the medium (Sangwan et al., 2004). Taken together, the above
results suggest that plants may be an important driving force,
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albeit difficult to quantify, on the community composition of
Verrucomicrobia in soils.

Given the genetic and ecological consequences of tropical
biodiversity loss, we asked whether there are signs of resilience
within the forest Verrucomicrobia community (Allison and
Martiny, 2008). Our results indicate that restoration of
community composition is under way after 7 years of disturbance
(pasture from 1987 to 1994), followed by 10 years of
reestablishment of a secondary forest (from 1994 to 2004). After
many years of cessation of the disturbance, the above ground
community has not returned to its original species composition
(Feigl et al., 2006), nor have many of the soil attributes been
restored to their original values (Cenciani et al., 2009). Pairwise
comparisons of the secondary forest samples revealed that the
Verrucomicrobia community structures are similar to those
observed for the primary forest. Furthermore, Verrucomicrobia
communities of primary and secondary forests respond to
the same environmental variables (Supplementary Figure SF4).
Because phylogenetic relationships are not always predictors
of microbial physiology, it remains to be determined whether
similar phylogenetic taxa perform similar functional roles in
the restored ecosystem. Nonetheless, our results are encouraging
from the standpoint of community conservation and restoration
ecology. Approximately 50% of abandoned pastures in the
Amazon rainforest are estimated to be in a secondary forest
succession (Davidson et al., 2012). Young tropical forests are
increasing in importance for genetic diversity conservation
and stability of degraded environments, but their microbial
communities, nutrient cycling processes, and ecosystem services
remain understudied. Our study, although limited, suggests that
membership recovery may be possible.

Environmental biotic and abiotic characteristics are important
determinants of the ecological niche occupied by a particular
population and we sought to correlate the presence of members
of the Verrucomicrobia with 22 soil variables. While potential
acidity (H + Al) was the only variable linked to the
Verrucomicrobia community from the primary forest, increases
in organic matter, pH, total N, and total C were significantly
associated with those from the pasture. These soil properties
are long lasting effects of the slash and burn procedure (Neill
et al., 1997) and drastic alteration of plant species composition
to actively growing grasses, with high deposition of C to soil
(Feigl et al., 1995). We examined the influence of C content
on the abundance of Verrucomicrobia and observed a strong
correlation (r = 0.80, P = 0.0016; Figure 5), indicating that
C may be an important factor in determining the structure of
this particular microbial group. Carbon resource heterogeneity
has been suggested as a driving force for microbial community
structure (Zhou et al., 2002) and it is likely that changes
in the above ground community will alter carbon content

and availability of different carbon-containing compounds. Our
results suggest that the Verrucomicrobia community increases
its abundance in soil in response to C, in agreement with
previous metagenomic studies that found that the distribution
of carbohydrate metabolism genes from Verrucomicrobia were
associated with shifts in C dynamics (Fierer et al., 2013).

Conclusion

Although land use change has profound consequences for plant
and animal biodiversity, its effect on microorganisms is not well
understood. By targeting the phylum Verrucomicrobia at class
level of taxonomic and phylogenetic resolution, we documented
changes in the relative abundance of specific groups with forest-
to-pasture conversion, as well as an increase in both alpha and
beta diversity. We also identified carbon content as an important
environmental factor associated with soil Verrucomicrobia
abundance. By solely focusing on the Verrucomicrobia, we were
able to (1) increase the number of novel Verrucomicrobia 16S
rRNA gene sequences detected, (2) characterize changes in
taxonomic and phylogenetic diversity at the class level, and
(3) make inferences about the environmental requirements
for yet-to-be cultured members of this phylum. Although
we documented strong shifts in response to deforestation
and pasture establishment, 10 years after disturbance, the
Verrucomicrobia community shows signs of recovery to its
original composition, suggesting that this group shows resilience
to ecosystem modifications.
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Tree mono-plantations are susceptible to soil nutrient impoverishment and mixed
species plantations have been proposed as a way of maintaining soil fertility while
enhancing biodiversity. In the Solomon Islands, mixed species plantations where teak
(Tectona grandis) is inter-planted with a local tree species (Flueggea flexuosa) have
been used as an alternative to teak mono-plantations and are expected to increase
soil microbial diversity and modify microbial biogeochemical processes. In this study,
we quantified the abundance of microbial functional genes involved in the nitrogen (N)
cycle from soil samples collected in teak, flueggea, and mixed species plantations.
Furthermore, we measured soil properties such as pH, total carbon (C) and total N,
stable N isotope composition ( 15δ N), and inorganic N pools. Soil pH and 15δ N were
higher under teak than under flueggea, which indicates that intercropping teak with
flueggea may decrease bacterial activities and potential N losses. Higher C:N ratios
were found under mixed species plantations than those under teak, suggesting an
enhancement of N immobilization that would help preventing fast N losses. However,
inorganic N pools remained unaffected by plant cover. Inter-planting teak with flueggea
in mixed species plantations generally increased the relative abundance of denitrification
genes and promoted the enrichment of nosZ-harboring denitrifiers. However, it reduced
the abundance of bacterial amoA (ammonia monooxygenase) genes compared to teak
mono-plantations. The abundance of most denitrification genes correlated with soil total
N and C:N ratio, while bacterial and archeal nitrification genes correlated positively with
soil NH4

+ concentrations. Altogether, these results show that the abundance of bacterial
N-cycling functional guilds vary under teak and under mixed species plantations, and
that inter-planting teak with flueggea may potentially alleviate N losses associated with
nitrification and denitrification and favor N retention. Mixed plantations could also allow
an increase in soil C and N stocks without losing the source of income that teak trees
represent for local communities.
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INTRODUCTION

In tropical countries such as the Solomon Islands where
deforestation rates are high, tree plantations are seen as a way to
counteract soil degradation by restoring vegetation cover while
decreasing the existing pressure on native forests (Wolfe et al.,
2015). However, most established tree plantations are mono-
plantations that can cause the same environmental problems
as other monoculture systems, namely higher pest or disease
occurrence and a modification of biogeochemical cycles and
nutrient availability (Rachid et al., 2013). In order to maintain
soil fertility and to enhance biodiversity, mixed plantations are
being promoted and are expected to reduce plant competition for
nutrients and increase soil carbon (C) and nitrogen (N) pools
(Montagnini, 2000; Balieiro et al., 2008; Vigulu, 2015). Mixed-
species systems are also expected to enhance soil microbial
diversity by increasing the variety of carbon (C) based resources
and the heterogeneity of spatial patterns in soil properties
(Thevathasan and Gordon, 2004).

Many essential soil processes are primarily mediated by
microbial communities (Bissett et al., 2013). Land management
practices and changes in plant species composition are known
to impact microbially driven processes in soils through the
alteration of bacterial communities that will thereby modify
nutrient availability to plants or nutrient losses from the
ecosystem (Chen et al., 2003; Kourtev et al., 2003; Lindsay
et al., 2010). Soil microorganisms play a central role in organic
matter decomposition and in the cycling of major plant nutrients,
including N (Hallin et al., 2009; Bissett et al., 2011). Yet,
the importance of soil microbial diversity is often overlooked
when establishing forest plantations (Levy-Booth and Winder,
2010). With the growing concerns about intensive mono-
plantations comes an increasing interest in the management
of soil fertility and soil bacterial communities to enhance tree
growth and productivity (Lacombe et al., 2009). However, how
the establishment of mixed plantations influences the functions
of soil bacterial communities, as measured through microbial
functional genes (MFGs), and how this relates to nutrient cycling
remains to be understood.

In the Solomon Islands, teak (Tectona grandis L.f.) is often
grown in smallholder plantations in order to rehabilitate the
logged-over rainforests while providing a source of income to
landowners (Vigulu, 2015). Teak is an economically important
timber tree species grown in tropical and sub-tropical countries
for its highly durable hardwood (Miranda et al., 2011). Mostly
cultivated in monoculture plantations in 20–40 years rotation, its
height can reach more than 20 m at maturity (Ladrach, 2009).
Teak grows well on a broad range of soils but its growth has been
reported to be optimal on deep and well-drained sandstones, with
neutral or acid pH and high calcium, phosphorus, potassium, N,
and organic matter contents (Kadambi, 1972). Currently, a new
plantation system is being introduced in the Solomon Islands
where teak is intercropped with a local tree species (Flueggea
flexuosa Muell. Arg.) in order to overcome the reluctance of
growers to thin pure teak stands. Flueggea, a small to medium
tree typically 10–16 m tall, is traditionally used for house building
and fencing in the Solomon Islands (Thomson, 2006). Flueggea

was considered as a good candidate species for intercropping with
teak as roots from both trees seem to occupy different soil depth.
While teak has extensive horizontal and vertical roots and occupy
a large portion of the soil volume, flueggea’s root system usually
develops laterally, near the soil surface (Thomson, 2006; Vigulu,
2015).

The implementation of mixed-species systems is likely to
influence nutrient cycling and the abundance of MFG associated
with nutrient cycling (Rachid et al., 2013). Therefore, we aimed
to determine the abundance of MFG involved in N cycling under
teak mono-plantations, flueggea mono-plantations and mixed-
species systems and evaluate differences in soil N pools due to tree
cover. To accomplish this, we assessed the abundances of genes
involved in nitrification (bacterial and archeal amoA), nitrogen
fixation (nifH), and denitrification (narG, nirS, nirK, and nosZ)
as indicators of microbial trait abundances (Wieder et al., 2013),
and measured soil variables such as pH, total C and N content,
NO3

−, and NH4
+. Soil N isotope composition (δ15N) was also

analyzed as an indicator of N cycling rates (Högberg, 1997; Hietz
et al., 2011; Reverchon et al., 2014). Finally, we discussed the
existing relationships between MFG and soil characteristics in
tree plantation soils.

MATERIALS AND METHODS

Sampling Design
The study site is located at Poitete, on Kolombangara Island,
in the Western Province of the Solomon Islands (8◦ 05′ 16.33′′
S and 157◦ 08′ 46.62′′ E; Figure 1). The average annual
temperature in the area is 28◦C and the average rainfall is
3,600 mm, relatively evenly distributed throughout the year
(Supplementary Figure S1). The soil at the study site is an Oxisol
(Vigulu, 2015).

Tree plantations were established in 2009 on land formerly
covered with regenerated secondary tropical forests. Plantations
consisted of mono-plantations of teak, mono-plantations of
flueggea and mixed-species plantations (consecutive rows of
teak and flueggea). All plantations were adjacent and therefore
established on the same soil type, and had a planting density of
833 stems per hectare (spacing 4 m × 3 m). Three years after
planting, teak trees were 16 m high with a diameter at breast
height (dbh) of 19 cm, while flueggea trees were 12 m high with a
dbh of 13 cm (Vigulu, 2015). The crowns and root systems of both
trees were well-developed, with crown radius and root growth of
teak trees being larger than those of flueggea (Vigulu, 2015).

Three replicated plots of 24 m × 24 m were established per
plantation and a 24-m transect was drawn in the middle of each
plot (nine transects in total). In the mixed-species plots, transects
were drawn in order to cross alternatively rows of teak and rows
of flueggea. Five sampling points were established 4m apart along
each transect. At each sampling point, soil samples were collected
on the transect and 4 m perpendicularly on each side of the
transect (three samples per sampling point), mixed, and bulked to
constitute one composite sample per sampling point. All samples
were collected from 0 to 15 cm soil layer, with a shovel. Soil
samples were then immediately sieved (2 mm) and refrigerated
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FIGURE 1 | Smallholder tree plantation systems in Solomon Islands. The field site is located within the Pacific region (A), in Solomon Islands (B), at
Kolombangara, Western Province (C), where teak (D), flueggea (E), and mixed-species (F) plantations were established in 2009.

until analysis (maximum of 5 days). The total number of samples
per sampling was 45. Samplings were carried out in December
2012, May 2013, and December 2013.

Soil Chemical Analyses
Total C, total N, and δ15N of soil samples were determined
by mass spectrometry (spectrometer GV Isoprime, Manchester,
UK), following the procedure described in He et al. (2008).
Soil pH was measured in water (1:5 ratio). Soil NH4

+ and
NO3

− concentrations were determined by KCl extraction using a
SmartChem 200 Discrete Chemistry Analyser as described in Bai
et al. (2012). All soil NO3

− concentrations were below detection
level and were thus not included in the subsequent statistical
analyses.

Quantification of the N-Cycle-Associated
MFG
Soil DNA extractions were carried out within 1 week after
sampling. DNAwas extracted from 0.3 g of each soil sample using
the MoBio Powersoil DNA Isolation Kit (MO BIO Laboratories,
Carlsbad, CA, USA) according to the manufacturer’s instructions,
with a final elution in deionised water. The quantity and
quality of the extracted DNA were verified with a Nanodrop
spectrophometer (Thermoscientific) and diluted in deionised
water (1:10).

The total bacterial community was quantified by quantitative
PCR (qPCR) using the V3 hypervariable region of the 16S rRNA
gene as a molecular marker. The abundances of functional genes
narG, nirS, nirK, nosZ, nifH, and bacterial and archeal amoA
(AOB and AOA respectively) were quantified using the primers
and thermal cycling conditions described in Supplementary Table
S1. Reactions were carried out in an Eppendorf Mastercycler ep
realplex real-time PCR system (Eppendorf, Hamburg, Germany)
in duplicate. Quantification was based on the fluorescence
intensity of the SYBR Green dye (Takara) during amplification.
Standard curves were obtained using 10-fold serial dilutions
of plasmid DNA containing cloned narG, nirS, nirK, nosZ,
nifH, amoA and 16S rRNA genes and spanning seven orders of
magnitude. The 20 μL PCR mixture contained 10 μL of SYBR
green PCR Master Mix [Takara SYBR Premix Ex Taq (Perfect
Real Time)], 0.4 μL of each primer (10 μM) and approximately

8 ng DNA.Melting curves and agarose gels of PCR products were
used at the end of each qPCR to check amplification specificity
and purity of negative controls. Negative controls gave null or
negligible values, and PCR efficiency for the different assays
ranged from 90 to 99%. The presence of PCR inhibitors in DNA
extracted from soil was estimated by a 1:10 soil DNA dilution;
no inhibition was detected. All qPCR reactions were carried out
immediately after DNA extraction.

The measured cycle threshold (Ct) values of standards
quantification were calibrated by placing the threshold lines at
the same level for each gene, to account for the different times at
which samples from December 2012, May 2013, and December
2013 were processed for qPCR. Gene data were expressed in
number of gene copies ng−1 DNA rather than per gram of soil
to minimize any bias related to soil DNA extraction efficiency
(Čuhel et al., 2010; Correa-Galeote et al., 2013; Rachid et al.,
2013).

Statistical Analyses
A repeated measures two-way analysis of variance (ANOVA)
followed by Tukey HSD tests were conducted to detect the
effects of plantation type and of sampling time on the measured
soil variables and on the abundance of MFG. All data were
tested for normality using Shapiro-Wilk normality test and for
homogeneity of variance with Levene’s test. Gene abundance data
and all soil data except inorganic N were then log-transformed
to meet these assumptions. Pearson correlations were performed
to analyse the relationships between gene abundances and soil
chemical characteristics. A principal component analysis (PCA)
was implemented to visualize how MFG abundances were
distributed based on plantation type and sampling time. All
statistical tests were considered significant at P < 0.05. SPSS
version 22 was used for all statistical analyses except for PCA
which was carried out in R (FactoMine and FactoExtra packages).

RESULTS

Soil chemical characteristics were significantly influenced by
plantation type and sampling time, but the interaction of both
factors was not significant, except for soil δ15N (Table 1). Soil pH
was higher under teak plantations than under flueggea or mixed
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TABLE 1 | P-values obtained from a two-way analysis of variance (ANOVA) to detect the effects of plantation type, sampling time, and their interaction
on the measured soil variables at Kolombangara, Solomon Islands.

df pH Total C Total N C:N NH4
+-N δ15N

Plantation type 2 P = 0.000 P = 0.000 P = 0.000 P = 0.000 P = 0.053 P = 0.000

Sampling time 2 P = 0.030 P = 0.000 P = 0.001 P = 0.222 P = 0.068 P = 0.351

Plantation type × sampling time 4 P = 0.370 P = 0.141 P = 0.112 P = 0.681 P = 0.978 P = 0.006

TABLE 2 | Soil chemical characteristics measured in different plantation types and at different sampling times at Kolombangara, Solomon Islands.

pH (1:5 H2O) Total C (g kg−1) Total N (g kg−1)

December 2012 Teak 6.15 (0.06) a B 60.11 (3.25) b 5.78 (0.33) b

Flueggea 5.71 (0.14) b AB 75.38 (2.83) a A 6.84 (0.19) a A

Mixed 5.72 (0.11) b 73.05 (3.33) a AB 6.46 (0.18) ab AB

May 2013 Teak 6.24 (0.04) a AB 52.02 (1.60) b 5.10 (0.18) b

Flueggea 5.47 (0.13) b B 59.46 (3.45) ab B 5.36 (0.27) ab B

Mixed 5.75 (0.13) b 66.60 (3.27) a B 6.01 (0.28) a B

December 2013 Teak 6.37 (0.06) a A 62.54 (3.40) b 6.03 (0.30) b

Flueggea 5.96 (0.14) b A 69.96 (3.40) b A 6.31 (0.30) ab A

Mixed 5.80 (0.10) b 86.00 (4.81) a A 7.47 (0.40) a A

C:N NH4
+-N (mg kg−1) δ15N (�)

December 2012 Teak 10.35 (0.14) b 238.22 (25.54) 6.68 (0.15) a

Flueggea 11.00 (0.23) ab 258.21 (15.32) 4.04 (0.56) b

Mixed 11.26 (0.29) a 247.87 (11.75) 5.46 (0.16) a

May 2013 Teak 10.23 (0.10) b 203.56 (15.19) 6.96 (0.09) a

Flueggea 11.08 (0.27) a 219.08 (18.47) 4.60 (0.55) b

Mixed 11.09 (0.20) a 228.95 (16.19) 5.28 (0.28) ab

December 2013 Teak 10.37 (0.14) b 202.56 (16.82) 6.47 (0.11) a

Flueggea 11.12 (0.22) a 224.72 (12.05) 4.45 (0.51) b

Mixed 11.51 (0.14) a 219.26 (13.92) 4.86 (0.18) ab

Values between brackets represent standard errors. Small letters indicate significant differences between plantation types for a same sampling time. Capital letters
indicate significant differences between sampling times for a same plantation type. No small or capital letters indicate no significant differences between plantation types
or sampling times respectively. All differences were considered significant at P < 0.05.

plantations, independent of sampling time (Table 2). Conversely,
soil total C and N were lower under teak than under mixed
plantations, except for total N in samples collected in December
2012. The lowest C:N ratios were also found under teak mono-
plantations. The lowest δ15N values were found in soil under
flueggea mono-plantations, regardless of the time of sampling.
The highest δ15N values were found for teak plantation soil,
although they did not significantly differ from mixed plantations.
The effect of sampling time on soil pH, total C and total N was
significant, and the highest values were generally found in the
last sampling event (December 2013). No differences were found
between treatments for soil NH4

+ (Table 2).
The abundance ofMFG involved in N cycling was significantly

influenced by plantation type and sampling time, and the
interaction of both factors was generally significant (Table 3).
The abundance of total bacteria ranged from 1.27 × 108 to
1.27 × 109 copies ng−1 DNA and was significantly affected

by plantation type in the first and last samplings (Figure 2A).
The denitrification genes narG and nosZ were generally most
abundant in soils of mixed plantations (Figures 2B,E). The
abundance of nirS was the highest under teak mono-plantations
in the first sampling, and under teak and flueggea mono-
plantations in the second sampling. However, in the last
sampling, nirS abundance was higher under mixed plantations
than under mono-plantations (Figure 2D). The abundance of
AOB was higher under teak plantations than under flueggea and
mixed plantations in the first and last samplings (Figure 2H).
No differences were found between plantation types in nirK, nifH
and AOA, except in the second sampling when AOA abundance
was the lowest under mixed plantations (Figures 2C,F,G).

Sampling time effects on the abundance of MFG were also
detected (Table 3). The PCA biplot showed that sampling
time was the main explanatory variable for gene abundance
data, rather than plantation type (Figures 3A,B). Generally, the
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TABLE 3 | P-values obtained from a two-way analysis of variance (ANOVA) to detect the effects of plantation type, sampling time, and their interaction
on the abundances of the functional genes involved in soil N cycling at Kolombangara, Solomon Islands.

df 16S narG nirK nirS nosZ nifH AOA AOB

Plantation type 2 P = 0.001 P = 0.007 P = 0.338 P = 0.000 P = 0.000 P = 0.650 P = 0.000 P = 0.031

Sampling time 2 P = 0.000 P = 0.934 P = 0.000 P = 0.000 P = 0.000 P = 0.262 P = 0.552 P = 0.000

Plantation type × sampling time 4 P = 0.000 P = 0.232 P = 0.059 P = 0.000 P = 0.004 P = 0.021 P = 0.254 P = 0.014

abundances of nirS and nirK genes were higher in the last
sampling event (December 2013) than in the first two samplings
(Figures 2C,D). On the contrary, the abundances of genes 16S,
nosZ andAOAwere higher in the first sampling (December 2012)
than in the two following sampling events (Figures 2A,E,G),
although ANOVA results showed that this difference was not
significant for AOA (Supplementary Table S2). The highest
abundances for AOB were found in May 2013 (Figure 2H).

The relative abundances of narG, nirK, nirS, and nosZ
within the total 16S rRNA gene showed that denitrification
genes were generally more abundant under mixed plantations,
independently from the sampling time (Figures 4A–D).
The nosZ/(nirK+nirS) ratio was also larger under mixed
plantations than under mono-plantations (Figure 4E). The
relative abundances of the nirK and nirS genes revealed a sharp
increase in the last sampling while the relative abundance of
the nosZ gene significantly decreased in December 2013. As
a result, the nosZ/(nirK+nirS) ratio was the lowest in the last
sampling (Figure 4E). When expressed in relation to the size
of the entire bacterial community, the nifH gene abundance
varied depending on plantation type, being larger under mixed
plantations than under mono-plantations in the first and last
samplings (Figure 4F). The AOA/AOB ratio was also influenced
by the sampling date, being the largest in the first sampling. In
the first two samplings, the AOA/AOB ratio was larger under
flueggea than under teak and mixed plantations. However, no
significant differences were detected in the AOA/AOB ratio
between plantation types in December 2013 (Figure 4G).

Pearson correlations showed that soil pH was positively
related to the abundance of denitrification genes nirK and nirS,
and to that of AOA (Table 4). Soil total C positively correlated
with the abundance of total bacteria (16S rRNA), nirK and nirS,
but negatively correlated with the abundance of AOA. Total N
positively correlated with the abundance of most N-cycling genes
except for nosZ and the nitrification genes (AOA and AOB). The
C:N ratio strongly and positively correlated with the abundance
of nirK and nirS and negatively correlated with the abundance of
16S rRNA and nosZ. Soil δ15N only correlated with the abundance
of AOA while NH4

+ correlated positively with that of narG and
nitrification genes AOA and AOB.

DISCUSSION

The objective of this study was to determine how the
establishment of mixed plantations would influence soil
N pools and transformations, measured through soil chemical
properties and MFG abundance. Our results show that soil

properties and MFG abundances were both influenced by
plantation type. Inter-planting teak with flueggea decreased
soil pH and may therefore reduce soil bacterial activities and
nutrient cycling rates (Rousk et al., 2009), which could in turn
lessen N losses from the system (Xu et al., 2013). Accelerations
of N transformation rates and increases in N losses through
leaching or denitrification have been associated with enriched
soil 15N signals (Bai et al., 2015; Reverchon et al., 2015), due
to the discrimination against the heavier N isotope during
microbially mediated N transformations (Högberg, 1997). Soil
δ15N values were significantly higher under teak than under
flueggea plantation soils and intercropping teak with flueggea
seemed to decrease soil δ15N, although not significantly, which
indicates that N losses through volatilization, leaching, or
denitrification could be reduced in mixed plantations.

Soil total C and N content increased when teak was inter-
planted with flueggea, which translated into higher C:N ratios
in soils from mixed plantations than those in teak mono-
plantations. Soil C:N ratio is considered a good indicator of
soil fertility as it reflects the coupling between soil organic C
(SOC) and total N (Lou et al., 2012; Corral-Fernández et al.,
2013). Higher C:N ratios may indicate a slowdown of SOC
decomposition and N mineralisation as well as an enhancement
of N immobilization (Davidson et al., 2003; Puget and Lal, 2005).
Mixed plantations could therefore constitute a way to increase
soil C and N stocks without losing the source of income that teak
trees represent for local communities. Recently, Lang et al. (2014)
showed that N acquisition and retention by subtropical trees
were enhanced in mixed plantations when compared with those
in mono-plantations, and that this increase could be observed
as early as the sapling stage. Whether these positive effects will
remain once the trees have reached their full height remains to
be investigated, although evidences suggest that complementarity
effects among co-occurring species, both at the above- and below-
ground level, may promote resource-use efficiency in mixed
species stands (Cardinale et al., 2007; Richards et al., 2010).
Moreover, aging plantations have been shown to have a positive
effect on SOC stocks due to an increase in tree productivity and
C belowground allocation with time (Eclesia et al., 2012).

The abundance of MFG associated with N cycling was
influenced by plantation type, although the sampling time effect
seemed to be stronger than that of tree cover. This is consistent
with findings by Yamamura et al. (2013) who reported that
tree species scarcely influence N cycling genes and bacterial
community structure in tropical plantations. The seasonal
differences observed in the present study were unlikely due to
variations in rainfall or temperature, since climatic conditions in
Solomon Islands are relatively homogeneous through the year.
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FIGURE 2 | Abundance of the total bacterial community (A) and of the narG (B), nirK (C), nirS (D), nosZ (E), nifH (F), AOA (G), and AOB (H) genes in
soil under plantations of teak (diamonds), flueggea (squares), and mixed species (triangles) at three sampling dates. Gene abundances are expressed in
log (gene copy numbers ng−1 DNA). Asterisks indicate significant differences between plantation types (Tukey HSD test, P < 0.05).
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FIGURE 3 | Principal component analysis (PCA) biplot showing the clustering of microbial functional gene abundances per plantation type (A) and
per sampling date (B). T: teak; F: flueggea; M: mixed; Dec12: December 2012; May13: May 2013; Dec13: December 2013.

However, seasonal variations in soil conditions, affecting plant
growth and productivity, bacterial community composition, and
ultimately ecosystem processes, could have altered microbial
traits. Seasonal differences were detected in pH, total C and
total N. Additionally, Rasche et al. (2011) showed that seasonal
dynamics of microbial functional groups involved in N cycling
were strongly related with seasonal changes in soil labile C and
N, and in general with resource availability. This seasonality was
especially apparent in the relative abundances of denitrification
genes, with the relative abundance of nitrite reductase genes
(nirK and nirS) showing a drastic increase in the last sampling.
As a consequence, the nosZ/(nirK+nirS) ratio presented a
sharp decrease at the same period, as did the AOA/AOB ratio.
Denitrifier and nitrifier microorganisms (bacteria and archaea)
have been shown to be particularly affected by seasonal shifts
in the soil environment, such as soil temperature or moisture
(Shen et al., 2008; Stres et al., 2008), which are closely related
with resource availability and labile C pools (Bell et al., 2009).
Seasonal patterns of tree belowground C allocation may also
contribute to temporal variations in microbial dynamics (Kaiser
et al., 2011; Churchland and Grayston, 2014). More recently,
Graham et al. (2014) reported that temporal dynamics were
critical to unraveling the relationships between soil properties
and gene abundance data, and thus recommended to examine
seasonal samples separately in order to develop accurate models
of ecosystem functioning.

Generally, the abundance of MFG associated with
denitrification (narG, nosZ, and nirS) was larger in soils from
mixed plantations than in those from teak mono-plantations,
especially in the last sampling. Gene copy numbers in MFG
only vary from 1 to 3 in bacterial cells, while the number
of 16S rRNA gene copies range from 1 to 13 per cell (Fogel
et al., 1999). Therefore, whilst the observed differences in
16S rRNA gene abundance between tree plantation systems
could have been due to differences in species composition
of the bacterial community (Liu et al., 2015), our results
indicate that denitrifier communities were more abundant

under mixed plantations, which is confirmed by the relative
abundances of denitrification genes. An increase in the
abundance of narG (nitrate reductase) and nosZ (nitrous oxide
reductase) may reduce the negative environmental impacts
associated with leaching of NO3

− and with N2O emissions
(Henry et al., 2006). The larger nosZ/(nirK+nirS) ratio under
mixed plantations indicated an enrichment in nosZ-harboring
denitrifiers when teak was inter-planted with flueggea, which
could in turn have implications for N2O/N2 emissions from
tree plantations (Liu et al., 2015). The measurement of atypical
nosZ abundance, which was not quantified in this study,
would also complement the analysis of bacterial and archeal
contributions to N2O emissions from plantation soils (Sanford
et al., 2012).

Overall, the increase in denitrification gene abundances in
mixed plantations may indicate larger denitrifying bacterial
communities when teak is inter-planted with flueggea (Baudoin
et al., 2009). Denitrifier bacteria have been reported to
be influenced by the quantity and composition of organic
compounds emitted by roots or resulting from the decomposition
of organic residues (Kandeler et al., 2006; Henry et al.,
2008). Mixed plantations, by promoting the diversity of
bioavailable C sources associated with root exudates and
litterfall decomposition, could sustain more abundant denitrifier
communities than mono-plantations. The abundance of most
denitrification genes correlated with soil total N content and
C:N ratio, and nirK/nirS gene abundances positively correlated
with total C content. These findings are consistent with results
from previous studies (Lindsay et al., 2010; Ducey et al., 2013)
and confirm the heterotrophic nature of denitrifier bacterial
communities (Baudoin et al., 2009). Furthermore, soil total C,
total N, and C:N were all influenced by plantation type, which
suggests that tree species mixture is likely to be a significant driver
of the denitrifier community through the modification of soil
properties.

No differences in nifH abundance were detected between
plantation types. This is consistent with findings from Rachid
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FIGURE 4 | Relative abundance of the narG (A), nirK (B), nirS (C), nosZ (D) genes, nosZ/(nirK+nirS) ratio (E), relative abundance of the nifH gene (F),
and AOA/AOB ratio (G) in soil under plantations of teak (diamonds), flueggea (squares), and mixed species (triangles) at three sampling dates.
Asterisks indicate significant differences between plantation types (Tukey HSD test, P < 0.05).
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TABLE 4 | Pearson coefficients for correlation between functional gene abundances and soil characteristics, Kolombangara, Solomon Islands.

16S narG nirK nirS nosZ nifH AOA AOB

pH 0.045 0.042 0.204∗ 0.217∗ −0.066 −0.077 0.410∗∗ 0.044

C 0.223∗∗ 0.159 0.209∗ 0.207∗ 0.001 0.168 −0.206∗ −0.133

N 0.277∗∗ 0.181∗ 0.219∗ 0.209∗ 0.025 0.190∗ −0.149 −0.12

C:N −0.332∗ −0.096 0.307∗∗ 0.308∗∗ −0.329∗∗ −0.087 −0.139 0.105

δ15N −0.066 0.107 −0.027 0.002 0.129 −0.037 0.228∗∗ 0.102

NH4
+ −0.028 0.170∗ 0.116 0.088 0.016 0.143 0.299∗∗ 0.259∗∗

∗Represents significance at P < 0.05; ∗∗represents significance at P < 0.01.

et al. (2013) who showed that soil free-living nitrogen-fixing
bacteria were not altered by the establishment of mixed
plantations. However, in the first and last samplings, the relative
abundance of the nifH gene was larger in mixed plantations
than in mono-plantations, which reflects an enrichment in
N-fixing bacteria when teak was inter-planted with flueggea
and could, over time, increase soil N content (Lammel et al.,
2015). Nitrifier communities were also affected by plantation
type, as shown by the significant decrease in AOB abundance
under mixed plantations compared with teak mono-plantations.
This reduction of AOB abundance in mixed plantations did
not translate into alterations in soil NH4

+ concentrations,
although both AOA and AOB genes correlated significantly
with soil NH4

+. The lack of alteration in soil NH4
+ may

be due to the dominance of AOA in the ammonia oxidation
process, as indicated by AOA:AOB ratios higher than 10 in
almost all treatments (Prosser and Nicol, 2012). Furthermore,
the abundance and community structure of nitrifiers have been
shown to be highly dependent upon pH (Wessén et al., 2011;
Levy-Booth et al., 2014), and different phylotypes of bacterial and
archaeal ammonia oxidisers are selected in soils with different
pH (Nicol et al., 2008), which in turn could affect nitrification
rates.

Differences in N pools and transformations between different
tree plantation systems may be attributed to a combination of
alterations in the soil physico-chemical environment and in soil
microbial communities (Anderson et al., 2014). Tree mycorrhizal
symbionts could further influence N cycling by accessing
different soil N sources or by enhancing the immobilization
of inorganic N (Michelsen et al., 1996). While teak has been
reported to form arbuscular mycorrhizal fungal associations
(Rajan et al., 2000), the mycorrhizal status of flueggea is yet to
be studied and may have implications for species interactions
in these mixed plantations. Moreover, bacterial taxonomic and
functional diversity could be affected by tree species composition
directly through changes in the amount and composition of
root exudates and litterfall, and indirectly through changes
in soil parameters (da C Jesus et al., 2009; Rousk et al.,
2010). The significant correlations found in the present study
between some soil factors and MFG abundances confirmed
the influence of plantation type on soil bacterial communities
through the modification of the soil environment. However,
there was no strong coupling between gene abundances and
the measured soil parameters. This lack of correspondence may
be due to different factors. First, process rates may be more

readily influenced by changes in tree cover than taxonomic
or functional diversity of bacterial communities (Rocca et al.,
2015). Moreover, changes in soil parameters may have a stronger
effect on the relative proportion of nitrifier/denitrifier bacteria
than on MFG abundance (Anderson et al., 2014). Finally, the
presence of functional genes does not always indicate an active
bacterial community (Levy-Booth et al., 2014) and expression of
MFG measured through mRNA transcripts, rather than MFG
abundance, could be a better predictor of microbial functional
capacity and hence N transformation rates in soil (Wood et al.,
2015).

Due to the lack of proper conditions available at the sampling
site, it was not possible to freeze the samples and maintain
them at −80◦C until DNA extraction. Sample storage at 4◦C
for up to 5 days prior to analysis may have induced changes
in bacterial community structure and MFG abundances, as
reported by Ott et al. (2004) for fecal samples. However, recent
findings by Lauber et al. (2010) and Rubin et al. (2013) showed
that neither storage time nor storage temperature drastically
affected microbial community composition and structure from
soil samples. In addition, storage conditions were consistent
across our three sampling events, thereby reducing any bias
resulting from sample collection and preparation.

With teak native forests disappearing, teak plantations are
expanding and now cover 4.3·106 ha (Fernández-Moya et al.,
2014). Establishing mixed plantations as alternatives to mono-
species teak stands would guarantee economic returns without
a subsequent impoverishment of soil fertility. Our results show
that inter-planting teak with flueggea would benefit soil quality
and sustainability by increasing soil C and N pools, which we
hypothesized could be due to a decrease in potential losses from
leaching and N2O emissions or to higher inputs from flueggea
trees. In addition, soil quality under mixed plantations would
be enhanced by the diversity of bioavailable C compounds from
root exudates and leaf litter. Kirby and Potvin (2007) reported
a positive correlation between biodiversity and organic C in
soils, thereby suggesting that mixed plantations could improve
soil physical structure (Xing et al., 2004). Our findings are
further supported by productivity and aboveground nutrient
accumulation data showing the potential for teak to be grown
in mixed plantations (Vigulu, 2015). Further research should
concentrate on assessing other mixed plantation models under
different sets of environmental conditions, and on incorporating
microbial dynamics into plantation management to improve
productivity while mitigating soil fertility loss.
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Tropical smallholder agriculture is undergoing rapid transformation in nutrient cycling
pathways as international development efforts strongly promote greater use of mineral
fertilizers to increase crop yields. These changes in nutrient availability may alter the
composition of microbial communities with consequences for rates of biogeochemical
processes that control nutrient losses to the environment. Ecological theory suggests that
altered microbial diversity will strongly influence processes performed by relatively few
microbial taxa, such as denitrification and hence nitrogen losses as nitrous oxide, a powerful
greenhouse gas. Whether this theory helps predict nutrient losses from agriculture
depends on the relative effects of microbial community change and increased nutrient
availability on ecosystem processes. We find that mineral and organic nutrient addition to
smallholder farms in Kenya alters the taxonomic and functional diversity of soil microbes.
However, we find that the direct effects of farm management on both denitrification and
carbon mineralization are greater than indirect effects through changes in the taxonomic and
functional diversity of microbial communities. Changes in functional diversity are strongly
coupled to changes in specific functional genes involved in denitrification, suggesting that
it is the expression, rather than abundance, of key functional genes that can serve as an
indicator of ecosystem process rates. Our results thus suggest that widely used broad
summary statistics of microbial diversity based on DNA may be inappropriate for linking
microbial communities to ecosystem processes in certain applied settings. Our results also
raise doubts about the relative control of microbial composition compared to direct effects
of management on nutrient losses in applied settings such as tropical agriculture.

Keywords: carbon mineralization, denitrification, fertilization, GeoChip, microbial diversity, smallholder agriculture,

tropics

INTRODUCTION
Agricultural management, such as mineral nutrient addition, can
lead to marked changes in the taxonomic composition of soil
microbial communities (Ramirez et al., 2010, 2012; Fierer et al.,
2011; Wood et al., 2015). The pairing of mineral and organic
nutrient addition to agriculture can significantly impact the abil-
ity of soil microbial communities to catabolize a range of carbon
(C) substrates as well as affect the abundance of microbial func-
tional genes involved in multiple aspects of C, nitrogen (N), and
phosphorus (P) cycling (Wood et al., 2015). Some of the micro-
bially driven processes associated with these changes in functional
capacity, such as denitrification and decomposition, determine
the retention and loss of nutrients in ecosystems and are thus
important to managing agriculture for crop production while
minimizing nutrient losses to the environment (Vitousek et al.,

2009). There is thus keen interest in whether changes in microbial
community composition can directly impact rates of ecosystem
processes (e.g., Wessén et al., 2011; Wallenstein and Hall, 2012;
Philippot et al., 2013; van der Heijden and Wagg, 2013; Krause
et al., 2014).

Certain ecosystem processes are likely to be more sensitive
to changes in microbial community composition than others.
Narrow processes are most likely to be affected by changes in
community composition because they require a specific phys-
iological pathway and/or are carried out by a phylogenetically
clustered group of organisms (Schimel and Schaeffer, 2012). Thus,
processes can be either physiologically narrow, phylogenetically
narrow, or both. In this manuscript we use the term “narrow”
to refer to physiologically narrow processes that require spe-
cific physiological pathways, regardless of their distribution in
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the microbial phylogeny. For instance, we refer to denitrifica-
tion as a narrow process because it requires particular genes that
code for enzymes capable of reducing various forms of nitrogen.
Because a relatively small proportion of microorganisms carry
these genes, changes in community composition that lead to a
shift in the relative abundance of denitrifiers—or changes in the
abundances of the relevant functional genes—should have signifi-
cant impacts on rates of denitrification (Pett-Ridge and Firestone,
2005; Philippot et al., 2013; Powell et al., 2015). Mineralization
of soil C to CO2, by contrast, is a broad process because the
ability to mineralize and respire C substrates is relatively sim-
ple and shared by many microbial taxa (Schimel and Schaeffer,
2012). We thus expect that carbon mineralization would not
respond strongly to changes in the composition of microbial
communities.

Whether this framework of broad and narrow processes helps
predict nutrient losses from agriculture depends on the relative
importance of the multiple potential drivers of ecosystem pro-
cess rates, including microbial community composition, nutrient
availability, and soil and environmental properties. Though sev-
eral studies have found support for microbial influence on narrow
processes, such as denitrification, such studies often focus on iden-
tifying whether microbial community composition is related to
ecosystem processes, but stop short of quantifying the relative con-
tribution of the multiple controls on ecosystem processes (e.g.,
Philippot et al., 2013). Understanding the importance of biodi-
versity requires assessing the influence of composition relative to
other biotic and abiotic controls (Laliberté and Tylianakis, 2012;
Bradford et al., 2014).

Following theory (Schimel, 1995; Schimel and Schaeffer, 2012),
we hypothesize that changes in microbial diversity will have a
stronger effect on denitrification than will the direct effect of nutri-
ent addition—measured as both N addition and the inclusion of
seasonal legume rotations (henceforth agroforestry) to increase soil
C—if changes in diversity correspond with changes in the relative
abundance of denitrifying taxa and the abundances of functional
genes involved in denitrification. Because C mineralization is a
broad process, we expect that nutrient addition will have a stronger
effect on process rates than changes in the microbial community.

MATERIALS AND METHODS
SITE SELECTION
We examine our hypotheses on 24 smallholder farms in western
Kenya participating in the Millennium Villages Project (MVP) site
in Sauri, Kenya (Figure 1; Wood et al., 2015). The center of the
study area is located at 0◦06′04.88 N, 34◦30′40.12 E at an eleva-
tion of 1450 m. The mean annual temperature and precipitation
for the study region are 24◦C and 1800 mm, respectively. Annual
precipitation is distributed bi-modally with 1120 mm in a long
rainy season from March to June and 710 mm in a short rainy
season from September to December. The soils are classified as
Oxisols and are well drained sandy clay loams (on average 53.75%
sand, 12.59% silt, 33.54% clay) with a mean pH of 5.45 and C:N
of 11.52 (0–20 cm). The study zone was originally part of the
moist broadleaf forest area in eastern and central Africa, but is
now a mixed-maize agricultural system, with most farmers cul-
tivating maize in both the long and short rainy seasons. Some

farmers, however, replace the short rain maize crop with a sea-
sonal legume rotation that fixes nitrogen and builds soil organic
matter.

The MVP was designed to meet the Millennium Development
Goals at the village scale in Sub-Saharan Africa and includes an
agricultural component that focuses on increasing crop yields
through mineral and organic nutrient addition to redress nega-
tive soil nutrient balances (Sanchez et al., 2007). This is primarily

FIGURE 1 | Maize production in western Kenya mainly occurs on

smallholder farms of around 1 hectare (A). Map (B) shows the study
farms and their distribution across the Millennium Villages Project site area
in western Kenya. Farm types are coded by color.
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achieved by subsidizing mineral fertilizers (primarily diammo-
nium phosphate and urea). Farmers are also trained in seasonal
legume rotations to fix nitrogen and build soil organic matter. In
Sauri, rotational legume trainings have been promoted since the
early 1990s (Kiptot et al., 2007) and fertilizer subsidy programs
were active from 2005 to 2008.

We selected farms to participate in the study based on 2 years
of household surveys. We determined nutrient inputs and out-
puts for each of these farms through a combination of interviews,
on-farm crop harvests, and biomass estimations. Farms were clas-
sified into three categories: low fertilizer, high fertilizer, and high
fertilizer + agroforestry (specifically, seasonal legume rotations).
Low fertilizer farms have applied less than 10 kg mineral N ha−1

y−1 since 2005; high fertilizer farms have applied at least 60 kg N
ha−1 y−1 over the same time period. High fertilizer + agroforestry
farms (henceforth agroforestry) apply amounts of mineral N com-
parable to high fertilizer farms, but also use agroforestry techniques
to build soil organic matter. These agroforestry techniques replace
short-rain maize crops with fast-growing leguminous tree, shrub,
or herbaceous species that are planted from seed and cut each
year for organic inputs to crop fields. These techniques are
referred to generally as agroforestry, though agroforestry is a
general term that captures different practices not studied here
(e.g., wind breaks, live fencing, etc.). Our results, therefore,
apply to agroforestry strategies that seasonally incorporate legume
rotations.

We estimated the amount of N added to farms with farmer-
reported data on the quantity of N added through mineral and
organic sources (diammonium phosphate, urea, biological N2-
fixation, and manure). For agroforestry farms, we also estimated
the amount of N added through N2-fixation based on both
literature-reported values and field-reported biomass estimates.
To estimate the amount of N added through N2-fixation we col-
lected data on legume species planted, original planting density,
thinning practices, wood harvesting, and legume management.
We used plant density to estimate the amount of aboveground
biomass N for each species present and then used literature data
on the percent of total N derived from biological N2-fixation for
each species to calculate the amount of N derived from fixation
(Gathumbi et al., 2002a,b; Ojiem et al., 2007). Because farmers
tend to remove woody stems but incorporate fresh leaves, we
removed the amount of N stored in woody biomass from this
value to estimate the net N contribution from the legume species
to the farm fields. We conservatively estimate that N2-fixation
contributed between 30 and 50 kg N ha−1 year−1 during the short
rain fallow, up to 30 kg of which may be due to the presence of
Mucuna pruriens, an annual climbing legume (Ojiem et al., 2007).
Planting densities, however, can vary widely from year-to-year
with low-density years being as low as an order of magnitude
less than those assumed in this estimate. Thus, depending on
the year, actual fixation rates may be as low as 5–30 kg N ha−1

short rainy season−1. We use the term ‘nutrient addition’ to refer
to both N addition on low- and high-fertilizer and agroforestry
farms as well as C addition through agroforestry. The final farms
included in the study are distributed across the Sauri village clus-
ter, but are clustered by treatment (Figure 1) on similar underlying
soils.

SAMPLE COLLECTION AND MEASUREMENT
Soil sampling was conducted in June 2012, in the middle of the
long rains, 2 weeks after fertilizer application. On the farm fields,
we took 15 2-cm diameter soil cores from the top 20 cm of bulk
soil. Cores were taken at regular intervals throughout the entire
farm field and homogenized and aggregated to a composite sam-
ple. At each core location we recorded temperature and volumetric
soil moisture content using a soil thermometer and a HydroSense
moisture probe (Campbell Scientific, Logan, UT, USA). We sieved
soils to 2 mm and stored soil for DNA extraction at −20◦ C. Soils
for DNA extraction were transported to the U.S. within 1 week
of sampling. Subsamples of sieved field soil were stored at 4◦
C, transported to the U.S. within 1 week of sampling, and used
to determine pH, gravimetric soil moisture, and water holding
capacity. Gravimetric soil moisture and water holding capacity
(after wetting soils to field capacity) were determined by drying
soil at 105◦C for 24 h. Soil pH was determined using a benchtop
meter of a 1:1 slurry of soil:H2O by volume.

A subsample of sieved soil was air-dried and used to deter-
mine total C and total N by combustion with an Elementar Vario
Macro CNS analyzer. Total extractable P was assessed by combin-
ing a 5-g soil sample with 20 mL of Mehlich I extraction solution
and shaking for 5 min followed by inductively coupled plasma
spectrometry (Varian Vista MPX Radial ICP-OES). Soil nutrient
assays were performed at the Auburn University Soil Testing Labo-
ratory (AL, USA). Sieved, air-dried soil was also used to determine
soil texture using the hydrometer method that uses sodium hex-
ametaphosphate to complex the anions that bind to clay and silt
particles into aggregates and suspend organic matter in solution.
The density of the soil suspension is determined using a hydrom-
eter after the sand particles settle and then after the silt particles
settle (Bouyoucos method).

Denitrification and C mineralization assays were performed in
Kenya on fresh soils at the MVP regional office in Kisumu, Kenya.
Denitrification potential was estimated based on N2O emissions
during denitrifying enzyme activity (DEA) assays (Smith and
Tiedje, 1979). In a 125-mL flask, we combined 20 g of soil with
20 mL of a 1-mM sucrose and 1-mM KNO3

− solution. We fit
each flask with a #5 stopper, which was inserted with a 22G
needle capped with a stopcock. We then brought the headspace
of the flask to 10% acetylene (C2H2) concentration by volume
(to inhibit the reduction of N2O to N2 via denitrification). At
the beginning of the incubation we closed the stopcocks and
placed the flasks onto a shaker table at 125 rpm; flasks were only
removed from the table for sampling. We sampled the headspace
five times: at 30, 150, 210, and 270 min, by removing 30 mL of gas
from the headspace and then replacing the volume of headspace
that was removed with 30 mL of 10% C2H2 room air (fluxes
were corrected for N2O molecules removed at each sampling
period). DEA headspace samples were stored in pre-evacuated
vials.

Water-amended soil incubations were used to measure CO2

efflux and, thus, actual C mineralization. These incubations
were performed identically to the DEA incubations with three
exceptions: (1) 20 mL of deionized water was added to soil in
place of the sucrose and KNO3

− solution; (2) no C2H2 was
added to the headspace; and (3) headspace samples were taken
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at only two time points (240 and 360 min). We also sampled room
air at the beginning and end of each incubation and included
travel standards to accompany samples, in order to correct for
any sample loss during transport and storage. DEA and CO2

headspace samples were transported to the U.S., where we deter-
mined N2O and CO2 concentrations by gas chromatography using
a Shimadzu GC-14 GC with electron capture (for N2O) and
thermal conductivity (for CO2) detectors at the Cary Institute
(Millbrook, NY).

To measure taxonomic diversity, we performed 16S rRNA
amplicon sequencing of bacteria and archaea following standard
protocols of the Earth Microbiome Project using an Illumina
MiSeq instrument (1Gilbert et al., 2010; Caporaso et al., 2012).
Briefly, we extracted DNA using a MoBio PowerSoil 96-well
extraction kit and we amplified the 16S rRNA V4 gene from
bacterial and archaeal genomes using the primers 515F (for-
ward) and 806R (reverse; Caporaso et al., 2012). The 16S rRNA
gene is a well-conserved gene in bacteria and thus captures evo-
lutionary relationships among bacterial taxa. Quality filtering
was performed by comparing input sequences with Phred scores
(Q ≥ 20). Sequences shorter than 75% of the Phred score were
discarded as well as sequences with ambiguous base call char-
acters. All quality filtering and demultiplexing were performed
using the split_libraries_fastq.py algorithm in QIIME and its asso-
ciated default parameters (1Caporaso et al., 2010). Sequence reads
were were binned into operational taxonomic units (OTUs) at
a 97% similarity threshold. OTUs were then compared to Gen-
Bank to identify bacterial lineages. A total of 3,462,835 bacterial
sequences were generated across all samples, representing 29,195
OTUs. Sequence lengths averaged 150.63 ± 2.93 per sample. Rar-
efaction was used to compare samples at depth of 40 sequences
per sample. We calculated taxonomic diversity as Shannon diver-
sity (H’) of all OTUs. We calculated other diversity metrics, such
as Faith’s PD, and found similar patterns. All data checks and
processing were done using QIIME (Caporaso et al., 2010).

To estimate microbial functional diversity, we measured the
abundance of key functional genes using GeoChip 4.0 to analyze
DNA samples that were extracted following the protocol for taxo-
nomic assessment. GeoChip is a functional gene array of bacteria,
archaea, and fungi covering 401 gene categories involved in major
biogeochemical and ecological processes, as previously described
(He et al., 2007; Yang et al., 2013; Tu et al., 2014). GeoChip exam-
ines the abundance of thousands of functional gene variants
simultaneously through a fluorescent procedure. DNA samples
were labeled with a fluorescent dye and purified using a QIA quick
purification kit (Qiagen, Valencia, CA, USA) following He et al.
(2007) and Tu et al. (2014). DNA was then dried in a Speed-
Vac (ThermoSavant, Milford, MA, USA) and labeled DNA was
resuspended in a hybridization solution before hybridization of
DNA was carried out on a MAUI hybridization station (BioMi-
cro, Salt Lake City, UT, USA). GeoChip microarrays were scanned
by a NimbleGen MS200 scanner (Roche, Madison, WI, USA).
Poor quality spots were removed when flagged as one or three
by ImaGene (Arrayit, Sunnyvale, CA, USA) or with a signal-to-
noise ratio of less than 2.0. Signal-to-noise ratio indicates the

1http://www.earthmicrobiome.org/emp-standard-protocols/

amount of luminescence from the sample compared to back-
ground noise. Average signal-to-noise ratios are often greater than
50 (He et al., 2007), so 2.0 represents high noise to signal. Pro-
cessed data were subjected to the following steps: (i) normalize
the signal intensity by dividing the signal intensity by the total
intensity of the microarray followed by multiplying by a con-
stant; (ii) transform by the natural logarithm; (iii) remove genes
detected in only one out of three samples from the same treat-
ment. Signal intensities were quantified and processed using a
previously described data analysis procedure (He et al., 2007; Yang
et al., 2013). We calculated functional diversity as Shannon diver-
sity (H’) of the signal intensity for all of the genes reported from
the array. We also analyzed the response of individual denitri-
fication genes to changes in functional diversity. These include
genes involved in nitrite reduction (nirK, nirS), nitrate reduction
(narG), and nitric oxide reduction (norB). GeoChip also includes
nosZ, which is involved in nitrous oxide reduction, but we do
not analyze this gene because it is involved in a later stage of
denitrification than represented by the denitrification potential
assay.

DATA ANALYSIS
We used structural equation models to simultaneously esti-
mate each of the pathways among nutrient addition, soil and
environmental properties (pH, texture, and moisture), micro-
bial communities, and ecosystem processes while accounting for
correlations between multiple response variables (Grace, 2006).
Structural equation modeling is increasing used in ecology and
environmental sciences to assess the relative impacts of multiple
variables on each other and a set of response variables (Grace,
2006). This technique has been applied to a wide range of issues
in ecology and environmental sciences (e.g., Byrnes et al., 2011;
Flynn et al., 2011; Laliberté and Tylianakis, 2012). Relevant to
our study, it was used by Colman and Schimel (2013) to deter-
mine the drivers of microbial respiration and N mineralization at
continental scales.

To test our hypotheses about the relative importance of nutri-
ent addition and microbial composition, we first fitted models
including both nutrient addition and microbial diversity variables.
Soil pH was the only significant environmental control and was
thus the only environmental variable retained in the final mod-
els. We then fitted models to optimize goodness-of-fit and do
not include variables that do not contribute strongly to model
goodness-of-fit. Different models were fitted for each of the two
response variables (denitrification potential and C mineraliza-
tion). For each response variable, constrained (microbial + nutri-
ent addition) and unconstrained models were compared based
on change in AIC values. The final, unconstrained model
retained nutrient addition and pH, but did not include microbial
diversity.

We report standardized path estimates that allow for compari-
son of the relative magnitude of variables within the same model
(Grace and Bollen, 2005). For model goodness-of-fit, we report X2

and root mean square error of approximation (RMSEA). These
measures assess the similarity between the covariance matrix of
the observed data and the covariance matrix implied by the spec-
ified model. A X2 P-value greater than 0.05 implies significant
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Table 1 | Means and SD for variables included in structural equation models among the three categories of nutrient addition: low fertilizer, high

fertilizer, and agroforestry.

Farm type Denitrification

(ng N g dry

soil−1 h−1)

C mineralization

(ug C g dry

soil−1 h−1)

Taxonomic

diversity

Functional

diversity

Sand Silt

%

Clay pH

log [H+]

C

%

N

%

P

ppm

H’

Low fertilizer 0.61

[0.49]

1.04

[0.24]

10.02

[0.31]

8.88

[0.07]

53.76

[5.64]

14.40

[7.61]

31.74

[6.34]

5.41

[0.35]

1.83

[0.20]

0.20

[0.03]

16.63

[9.15]

High fertilizer 0.48

[0.09]

0.99

[0.41]

9.78

[0.45]

8.99

[0.08]

56.00

[3.13]

9.71

[5.91]

34.15

[6.57]

5.06

[0.37]

1.95

[0.16]

0.22

[0.03]

19.13

[10.30]

Agroforestry 1.00

[0.58]

1.27

[0.13]

9.79

[0.30]

9.05

[0.09]

58.58

[2.06]

10.46

[4.67]

30.86

[4.96]

5.47

[0.72]

1.72

[0.27]

0.18

[0.02]

7.00

[2.55]

All soil properties are to a depth of 20 cm. Because of unbalanced design statistical comparisons between groups are not valid; instead the effect of Farm type is
represented by the path coefficients of Agroforestry and N Addition in the structural equation models. Further detail on changes in soil properties is presented in
Wood et al. (2015).

FIGURE 2 | Path diagrams for structural equation models of the

relationship between farm management, microbial diversity, and

(A) denitrification enzyme activity or (B) carbon mineralization.

Models (A,B) show the relative effect of management and microbial
diversity. Solid paths are statistically significant at p < 0.10. Dashed

paths are insignificant, but were included for hypothesis testing or
overall model fit. Line color represents effect direction (light
green = positive, deep red = negative). Path widths are proportional to
standardized regression coefficients, which are shown next to each path.
Results and model statistics are in Table 2.

overlap between the observed and implied data, and thus ade-
quate model fit. We report Sartorra-Bentler X2 correction factors
to improve estimates based on violations of multivariate nor-
mality. Because the X2 test is based on large sample theory, we
also report RMSEA, which is a goodness-of-fit measure weighted
by sample size. We use an RMSEA value below 0.1 to represent
good model fit because for sample sizes less than 50, the con-
ventional RMSEA cut-off value of 0.05 is overly conservative

(Chen et al., 2008). Individual paths were estimated using max-
imum likelihood and we considered paths to be significant at
P < 0.05 and marginally significant at P < 0.10 (Hurlbert and
Lombardi, 2009). Insignificant paths were excluded from models
unless they significantly improved overall model fit, based on X2

and RMSEA values as well as assessment of modification indices
(Grace, 2006). All models were fitted using the lavaan package in R
(Rosseel, 2012).
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Table 2 | Model results and goodness of fit statistics for structural equation models.

Denitrification C Mineralization

Standardized estimate P Standardized estimate P

Denitrification∼ C mineralization∼
Agroforestry 0.63 0.00 Agroforestry 0.47 0.00

Functional diversity −0.18 0.31 Functional diversity −0.08 0.72

N addition −0.33 0.10 N addition −0.01 0.95

Taxonomic diversity −0.24 0.18 Taxonomic diversity −0.23 0.35

Taxonomic diversity∼ Taxonomic diversity∼
N Addition −0.35 0.06 N Addition −0.31 0.18

pH −0.41 0.00 pH −0.40 0.01

Functional diversity∼ Functional diversity∼
Agroforestry 0.50 0.01 Agroforestry 0.48 0.03

Structural equation model metrics Structural equation model metrics

n 21 n 21

df 5 df 5

χ2 2.14 χ2 2.62

Pχ2 0.83 Pχ2 0.76

RMSEA 0.00 RMSEA 0.00

PRMSEA 0.85 PRMSEA 0.75

We report robust X 2 statistics for model fit. P > 0.05 indicates that estimated models have covariance matrices among variables that are not strongly different from
observed values and that the model, therefore, adequately represents the data. Root mean square error of approximation (RMSEA) is a sample-size weighted measure
of model fit. Values below 0.1 indicate good model fit.

RESULTS
We hypothesized that changes in microbial diversity would have
a stronger effect on denitrification than would the direct effect of
nutrient addition if changes in diversity correspond with changes
in the relative abundance of denitrifying taxa and/or the abun-
dance of associated genes involved in denitrification. We also
hypothesized that nutrient addition would be a stronger predictor
of C mineralization, a broad process, than microbial diversity.

We find that farm management—through N addition and
agroforestry—impacts the taxonomic and functional diversity
of soil microbial communities. Specifically, taxonomic diversity
decreases by 2.40% from low-to-high N addition (Table 1), though
this effect is weaker than the effect of pH, which is also associ-
ated with lower taxonomic diversity (Figures 2A,B). We did not
find that these changes in taxonomic diversity were coupled with
changes in the relative abundance of select groups of denitrifying
taxa (Figure 3). Agroforestry was the strongest driver of func-
tional diversity, which increased 1% between high fertilizer and
agroforestry farms and 2% between low fertilizer and agroforestry
farms (Table 1; Figures 2A,B). We did find that greater func-
tional diversity is significantly related to greater abundances of
several genes involved in denitrification: nirK, nirS, norB, and narG
(Figure 4).

We did not, however, find that changes in taxonomic and
functional diversity were related to rates of either denitrifica-
tion or C mineralization. Instead, ecosystem process rates were

most strongly linked to the direct effect of farm management.
Denitrification decreased by 21.31% from low-to-high N and
increased by 63.93% from low N to agroforestry (Table 1). The
path estimate for agroforestry on denitrification (0.63) is three
times greater than the coefficient for either taxonomic diver-
sity (−0.24) or functional diversity (−0.18). The agroforestry
coefficient is also twice the magnitude of the coefficient for N
addition (−0.33). We find support for our hypothesis that C
mineralization will be more influenced by nutrient addition than
microbial community composition. C mineralization rates were
4.81% lower on high-vs.-low N farms and 22.12% greater under
agroforestry (Table 1). The path coefficient for the effect of
agroforestry on C mineralization (0.47) is more than twice as
great as the coefficient for taxonomic diversity (−0.23) and N
addition (0.16) and around five times the effect of functional
diversity (−0.08).

DISCUSSION
Our results reveal that shifts in microbial taxonomic and func-
tional diversity due to farm management are not significantly
related to either denitrification or C mineralization on smallholder
farms in western Kenya. This finding supports our hypothesis that
C mineralization would not be sensitive to changes in microbial
communities because it is a broad process that can be carried out
by many microbial taxa. However, we did not find support for our
hypothesis that denitrification would be sensitive to community
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FIGURE 3 |Taxonomic diversity is not related to changes in the relative

abundances of select denitrifying taxa. These groups do not represent all
categories of denitrifying taxa and not all taxa within these categories are able

to carry out denitrification. These groups were selected because they broadly
represent evolutionary lineages that are capable of denitrification and had
relatively high relative abundances in our samples.

change because it is a narrow process carried out by relatively few
taxa.

This unexpected result may be explained by the fact that
changes in taxonomic diversity were not coupled with decreases
in the relative abundance of denitrifying taxa. Our hypothesis
was built on the expectation that diversity would relate to deni-
trification rates if changes in diversity were paired with changes
in the relative abundance of taxa able to carry out denitrifica-
tion. Because denitrifying taxa are found widely through the
microbial phylogeny, it is difficult to identify groups of taxa
that are all denitrifiers. However, we found that groups that
broadly contain denitrifiers do not change in relative abun-
dance with changes in diversity. This finding may explain
why taxonomic diversity was not a significant predictor of
denitrification.

We also expected that functional diversity would be a significant
control on denitrification if changes in functional diversity were

coupled with changes in the abundances of key denitrifying genes.
We did find a strong coupling between our functional diversity
metric (Shannon diversity of all functional genes from GeoChip)
and the abundances of four particular genes key to denitrifica-
tion: nirK, nirS, narG, and norB. Thus, our finding that functional
diversity was not significantly related to rates of denitrification was
unexpected. However, the finding fits with recent meta-analysis
showing that microbial functional gene abundances are rarely
strongly correlated with corresponding process rates (Rocca et al.,
2014). Our lack of observed relationship between gene abun-
dances and process rates may be explained by the fact that our
measure of functional diversity is based on the presence of func-
tional genes using DNA. Because DNA only indicates the presence
of a gene, rather than whether that gene is expressed, our mea-
sure of functional diversity only represents a coarse picture of
microbial functional capacity. Our results thus suggest that rates
of denitrification are more strongly controlled by the expression of
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FIGURE 4 | Functional diversity is positively correlated with changes in

the abundances of specific genes involved in denitrification. These genes
are involved in nitrite reduction (A: nirK, C: nirS), nitrate reduction (B: narG),

and nitric oxide redunction (D: norB). We did not analyze nosZ because it is
involved in a later stage of denitrification than included in our potential assay
(nitrous oxide reduction).

functional genes, rather than their overall abundance. This finding
suggests that coarse measures of microbial communities based on
DNA—whether taxonomic or functional—may be insufficient to
understanding the changes in the functional contributions of these
communities under certain types of land management (Rocca
et al., 2014).

Though understanding when microbial communities should
impact ecosystem process rates is well established, we show
that actual changes in microbial communities observed in a
tropical agroecosystem are not a strong predictor of denitri-
fication rates because changes in microbial communities are
relatively minor in magnitude. Our findings, however, do not
invalidate the hypothesis that narrow processes are sensitive to
community composition and broad processes are not, which has
been supported in previous work (e.g., Salles et al., 2012; Schimel

and Schaeffer, 2012; Philippot et al., 2013; Powell et al., 2015).
Instead, our findings raise doubts about the relative importance
of microbial community composition compared to direct effects
of nutrient addition on nutrient losses in agricultural settings.
This is because the magnitude of change in microbial diversity
induced by land management was not large enough to significantly
impact ecosystem process rates. As a result, the direct effect of farm
management (rather than the indirect effect through changes in
microbial communities) was the dominant control of both den-
itrification and C mineralization. Whether changes in microbial
community composition translate into changes in rates of ecosys-
tem processes controlled by soil microbes is of great interest in
soil ecology (e.g., Torsvik and Øvreås, 2002; Philippot and Hallin,
2005; van der Heijden et al., 2008), but remains an ongoing debate
(Schimel and Schaeffer, 2012). Our study is unique, however, in
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that few studies have connected changes in microbial communities
to ecosystem process rates in a framework that assesses the relative
importance of the multiple drivers of these ecosystem processes.

Although we focus on smallholder farms in western Kenya,
there is a widespread effort to increase crop yields across
sub-Saharan Africa and in tropical smallholder agriculture
more generally (Wiggins et al., 2010). Because 75% of the
world’s 1.2 billion poorest people are engaged in smallholder,
making up 500 million farms of less than 2 ha (Wiggins
et al., 2010), our findings may help inform understanding
of drivers of nutrient loss in tropical smallholder agricul-
ture due to increased attention from international development
organizations.

It is becoming widely recognized that agricultural sustainability
requires agricultural practices that maximize multiple ecosystem
services while minimizing nutrient losses to the environment
(Foley et al., 2011; Bommarco et al., 2013). This is particularly
important in tropical ecosystems that are undergoing large-scale
modifications of nutrient cycling pathways due to intense efforts
by the international development community to increase fertilizer
use by tropical smallholder farmers. Further work should focus
on understanding how management-induced shifts in micro-
bial communities impact not just potential nutrient loss, but
the multiple ecosystem services provided by soil and how such
understanding can be integrated into sustainable agricultural
strategies.
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Long-term vanilla monocropping often results in the occurrence of vanilla Fusarium

wilt disease, seriously affecting its production all over the world. In the present study,

vanilla exhibited significantly less Fusarium wilt disease in the soil of a long-term

continuously cropped black pepper orchard. The entire fungal communities of bulk and

rhizosphere soils between the black pepper-vanilla system (i.e., vanilla cropped in the

soil of a continuously cropped black pepper orchard) and vanilla monoculture system

were compared through the deep pyrosequencing. The results showed that the black

pepper-vanilla system revealed a significantly higher fungal diversity than the vanilla

monoculture system in both bulk and rhizosphere soils. The UniFrac-weighted PCoA

analysis revealed significant differences in bulk soil fungal community structures between

the two cropping systems, and fungal community structures were seriously affected

by the vanilla root system. In summary, the black pepper-vanilla system harbored a

lower abundance of Fusarium oxysporum in the vanilla rhizosphere soil and increased

the putatively plant-beneficial fungal groups such as Trichoderma and Penicillium genus,

which could explain the healthy growth of vanilla in the soil of the long-term continuously

cropped black pepper field. Thus, cropping vanilla in the soil of continuously cropped

black pepper fields for maintaining the vanilla industry is executable and meaningful as

an agro-ecological system.

Keywords: continuous cropping, black pepper, soil fungal communities, Miseq sequencing, vanilla healthy growth

INTRODUCTION

Vanilla (Vanilla planifolia), a herbaceous perennial vine with high economic value, has been
widely cropped in tropical and subtropical regions (Minoo et al., 2008). However, the long-term
monoculture of this crop often results in the occurrence of soil-borne Fusarium wilt disease,
seriously affecting its production worldwide in vanilla-cropping regions (Jayasekhar et al., 2008;
Pinaria et al., 2010; Xiong et al., 2015b) and leading to significant economic losses over the last
decade. Fungicides and biological control agents have been traditionally suggested as integrated
control strategies for vanilla Fusariumwilt disease (Tombe and Sitepu, 1986; Sandheep et al., 2012);
however, these methods are usually environmentally unfriendly or inefficient. Thus, exploring
an effective method for controlling the vanilla Fusarium wilt disease is extremely important for
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maintaining the vanilla production. Meanwhile, in tropical
China, multiple continuous cropping fields for other tropical
crops, such as black pepper and banana, have suffered serious
successive cropping obstacles and were given up for growing
the same crops (Wang et al., 2013; Xiong et al., 2015a). Because
of these associated problems, farmers naturally grow different
crops in these fields. By some chance, after our field investigation,
an interesting phenomenon was always observed where vanilla
with the lowest Fusarium wilt disease incidence (DI) grew in
the continuously cropped black pepper field. The causes of the
disease decline might be very complex, such as improved soil
physical and chemical properties and land management practices
(Hilton et al., 2013; Navarro-Noya et al., 2013). However, the
detailed mechanisms involved in the healthy vanilla growth
associated with the soil microflora variation under the soil
of long-term continuously cropped black pepper fields remain
unclear.

Exploring continuously cropped field soil for other crop
growth is meaningful and sustainable to agro-ecological systems.
Meanwhile, to our limited knowledge, few studies have focused
on the long-term continuously cropped soil supporting other
crop growth; thus, how the variation in soil microbiota under
long-term continuously cropped soil could support other crop
growth is even less well understood. Soil microorganisms play
critical roles in regulating soil fertility, global nutrient cycling,
and plant health (Fierer et al., 2012), which might be directly
linked to the maintenance of plant health in agro-systems.
Within soil ecosystems, the immediate surroundings of the plant
root, i.e., the rhizosphere, is a dynamic interface supporting
the exchange of resources between plants and their associated
soil environment (Peiffer et al., 2013). Rhizosphere microbiota,
considered as the second genome of the plant, are significantly
influenced by plant roots (Philippot et al., 2013). Themain source
of microbial communities in the rhizosphere is the adjacent root-
free soil, called the bulk soil; hence, the changes brought about
in the communities of the bulk soil will have an effect on the
assembly and the final composition of rhizosphere communities
(Mendes et al., 2014).

The development of high-throughput sequencing, particularly
Illumina MiSeq sequencing (Metzker, 2010; Shokralla et al.,
2012), offers a powerful strategy for uncovering the complex and
diverse soil microbial communities with high throughput, high
accuracy, and considerably lower cost. The internal transcribed
spacers (ITS1) region has been widely used in the analysis of
soil fungal communities (Xu et al., 2012; Lu et al., 2013). The
functional diversity of soil fungi and their capacity to colonize
diverse microhabitats can influence pathogen levels and play
a significant role in improving plant health (Penton et al.,
2014). Given that vanilla Fusarium wilt disease is caused by a
fungal pathogen, exploring the fungal community involved in the
healthy growth of vanilla in black pepper-vanilla agro-ecosystems
is quite important.

Thus, in this study, we hypothesize that long-term continuous
cropping black pepper orchards harbored a unique soil fungal
community associated with healthy vanilla growth. To test this
hypothesis, we used pot experiments to evaluate the persistent
ability of the soil of long-term continuously cropped black pepper

fields to support vanilla healthy growth; and fungal community
of the bulk and rhizosphere soils in the black pepper-vanilla and
vanilla monoculture systems was accessed by the Illumina MiSeq
sequencing.

MATERIALS AND METHODS

No specific permits were required for the described field studies.
The locations are not protected. The field studied did not involve
endangered or protected species.

Experiment Descriptions
The experimental site is located at the Spice and Beverage
Research Institute, Wanning City, Hainan Province, China
(110◦19′E-110◦22′E, 18◦72′N-18◦76′N). It is an area with a
tropical monsoon climate, a mean annual temperature of 24.5◦C
and a mean annual precipitation of 2201mm. The experimental
soil was collected in April 2013 from the 20-years continuously
cropped black pepper orchard. The soil was mixed thoroughly
and transferred to the greenhouse with an average temperature of
30◦C and an average humidity of 72% at the Spice and Beverage
Research Institute. Meanwhile, the soil ∼200m away from the
black pepper orchard collected from the 21-year continuously
cropped vanilla orchard showing serious vanilla Fusarium wilt
disease (Xiong et al., 2015b) was considered a control. Both
the black pepper and vanilla orchard soils are sandy loam in
texture and developed from the same parent material. The
experiment was performed using a randomized complete block
design in three replicates, where each block had six pots for each
treatment, and each pot contained 15 kg soil with three seedling
vanillas. The agronomic management and fertilization regime
were uniform during the next 18 months (April, 2013 to October,
2014). Vanilla Fusarium wilt disease was monitored immediately
after the seedlings were transplanted into the pots based on the
observation of typical wilt symptoms. The DI was calculated as
the percentage of infected plants among the total number of
plants (Wei et al., 2011). It is worth noting that we also used
continuously cropped banana and coffee orchards soil to cultivate
vanilla in pots. We found the continuously cropped black pepper
soil showed the lowest vanilla Fusarium wilt disease and the
highest plant biomass (vanilla shoot dry weight). Hence, we got
the two vanilla cropping regimes, i.e., black pepper-vanilla system
and vanilla monoculture system for the subsequent research.

Soil Sample Collection and DNA Extraction
After removing the vanilla plants from the pots, the bulk soil
samples obtained for each replicate from the black pepper-
vanilla and vanilla monoculture systems were referred to as “BB”
and “VB,” respectively. All six bulk soil samples were passed
through a 2mm sieve, thoroughly homogenized and divided into
2 subsamples: one was air-dried for a soil characteristic analysis
according to our previous methods (Xiong et al., 2015b), and
the remainder was stored at −80◦C for DNA extraction. For the
vanilla rhizosphere soil samples, six vanilla plants were randomly
selected from each replicate in the black pepper-vanilla and
vanilla monoculture systems, the roots were vigorously shaken to
dislodge the loosely adhering soil, and the soil remaining attached
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to the root system was considered to be rhizosphere soil. The
rhizosphere soil was collected using the following protocol: the
roots were cut into pieces of ∼1 cm length and carefully mixed,
20 g of roots were pooled into a 500mL vol. flask containing
200mL ddH2O and washed on a shaking platform for 20min
at 180 rpm, the washing buffer was subjected to centrifugation
(10,000 g, 10min), and then the resulting pellet was obtained and
defined as the rhizosphere soil. The rhizosphere soil from the
black pepper-vanilla system and vanilla monoculture system are
referred to as “BR” and “VR,” respectively. All six rhizosphere soil
samples were stored at−80◦C for DNA extraction.

Total DNA was extracted from the 12 soil samples using
a MoBioPowerSoil™ DNA Isolation Kit (Mo Bio Laboratories
Inc., Carlsbad, CA, USA) according to the manufacturer’s
instructions. The genomic DNA concentration and purity were
measured using NanoDrop ND-2000 (NanoDrop Technologies,
Wilmington, DE) spectrophotometry.

PCR Amplification and Deep
Pyrosequencing
The fungi-specific primers ITS1F (CTTGGTCATTTAGAGGAA
GTAA) (Gardes and Bruns, 1993) and ITS2 (GCTGCGTTCTTC
ATCGATGC) (White et al., 1990) were selected to target the ITS1
region. These primer pairs were modified for pyrosequencing
by adding the forward Illumina Nextera adapter, a two-base-
pair “linker” sequence, and a unique 7-bp barcode sequence to
the 5′ end of the forward primer and the appropriate reverse
Illumina Nextera adapter and linker sequence at the 5′ end of
the reverse primer. PCR amplification was performed in a 25µl
reaction: 2.5µl of 10 × reaction buffer, 10µM of each primer,
2.5mM dNTPs, 40 ng of template, and 0.625 units of Takara
Pyrobest (Takara Biotechnology Co., Ltd., Japan). Amplifications
were performed with the following temperature regime: 4min of
initial denaturation at 94◦C, followed by 35 cycles of denaturation
(94◦C for 30 s), annealing (50◦C for 45 s), extension (72◦C for
1min), and a final extension at 72◦C for 7min. The PCR products
were purified using a PCR Purification Kit (Axygen Bio, USA).
Then, paired-end sequencing was performed on an Illumina
MiSeq sequencer at Personal Biotechnology Co., Ltd (Shanghai,
China).

Quantification of the Fusarium oxysporum

and Fungal Abundances
Real-time quantitative polymerase chain reaction (qPCR) was
performed according to Chen et al. (2014) for quantifying
the soil Fusarium oxysporum and fungi abundances using
the SYBR Premix Ex Taq Kit on the ABI PRISM 7500 Real
Time PCR System (Applied Biosystems, Germany). The 20µl
reaction mixture contained 10µl of the Premix Ex Taq™
(2×) (Takara), 0.4µl of each primer (10µM), 0.4µl of ROX
Reference Dye II (50×), 2µl of template DNA, and 6.8µl
of ddH2O. The specific primer set of F. oxysporum and soil
fungi was AFP308R (CGAATTAACGCGAGTCCCAAC)/ITS1F
(CTTGGTCATTTAGAGGAAGTAA) (Lievens et al., 2006) and
ITS2 (GCTGCGTTCTTCATCGATGC)/ITS1F (CTTGGTCAT
TTAGAGGAAGTAA), respectively. The thermal conditions
were set as follows: 30 s at 95◦C for initial denaturation, 40 cycles

of 5 s at 95◦C, and 34 s at 60◦C. The standard curve was obtained
using a 10-fold dilution series of plasmid DNA containing a
fragment of the ITS region of F. oxysporum and ITS1 gene from
the F. oxysporum f. sp. vanillae and soil samples, respectively. All
amplifications were performed in triplicate. The specificity of the
products was confirmed by a melting curve analysis and agarose
gel electrophoresis. The copy numbers were log10-transformed to
normalize the values prior to statistical analysis.

Pyrosequencing Data Analysis
After removing the adaptors and primer sequences, the raw
sequences were assembled for each sample according to the
unique barcode using QIIME (Caporaso et al., 2010). The
split sequences for each sample were merged using FLASH
V1.2.7 (Magoč and Salzberg, 2011), and low-quality sequences
were then discarded using QIIME. The sequences retained for
each sample were processed following the established UPARSE
pipeline (Edgar, 2013). Briefly, the sequences with a quality
score lower than 0.5 or a length shorter than 200 bp were
removed. After discarding the singletons, the remaining reads
were assigned to OTUs with a threshold of 97% identity level.
Then, the chimera removal processes were performed. Finally,
the fungal representative OTUs were classified using the UNITE
database (Kõljalg et al., 2013).

The diversity within each individual sample was estimated
using non-parametric Shannon diversity indices. Shannoneven
was used to measure the evenness of each sample (Schloss et al.,
2009). A principal coordinate analysis (PCoA) based on weighted
UniFracmetricmatrices was performed to explore the differences
in fungal community structures among all of the soil samples
(Lozupone et al., 2006). A permutational multivariate analysis of
variance (Anderson, 2001) was performed to assess the effect of
the cropping regime, soil compartment, and their interactions
on the fungal community structure (abundance of OTUs and
genus) using the adonis function of the R vegan package with 999
permutations.

Statistical Analyses
The soil physicochemical characteristics and vanilla Fusarium
wilt DI between the black pepper-vanilla and vanilla monoculture
systems were compared using Student’s t-test. For other
parameters in our study, one-way analyses of variance (ANOVA)
with Turkey’s HSD multiple range test were performed for
multiple comparisons. All of the statistical analyses were
performed using SPSS v20.0 (SPSS Inc., USA).

Sequence Accession Numbers
The sequence data have been deposited in the NCBI Sequence
Read Archive (SRA) database with the accession number
SRP062990.

RESULTS

Soil Physical and Chemical Properties in
the Black Pepper-Vanilla and Vanilla
Monoculture Systems
The results of soil physical and chemical properties are
summarized in Table S1. When compared with the vanilla
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monoculture system, black pepper-vanilla system presented a
significantly (P < 0.05) higher available N content. In contrast,
the vanilla monoculture system revealed higher soil pH and the
contents of organic matter and available P.

Fusarium Wilt DI and Fungal Abundance in
the Two Vanilla Cropping Systems
As shown inTable 1, the black pepper-vanilla system significantly
reduced vanilla Fusarium wilt DI to 15.56%, whereas the value
was over 60% in the vanilla monoculture system. The qPCR
results showed that the ITS copies of F. oxysporum were
significantly lower in the black pepper-vanilla system compared
with those from the vanilla monoculture system in both bulk
and rhizosphere soils (Table 1). Strikingly, the F. oxysporum
populations significantly increased from the bulk soil to the
vanilla rhizosphere soil in both the black pepper-vanilla and
vanilla monoculture systems. In addition, the fungal ITS gene

copy numbers in bulk soil showed no significant difference
between the black pepper-vanilla and vanilla monoculture
systems (Table S2). Meanwhile, the fungal ITS gene copy
numbers in the rhizosphere soil samples from the black pepper-
vanilla system (8.15 × 109 copies g−1 soil) were significantly
higher than those from the vanilla monoculture system (2.89 ×

109 copies g−1 soil).

Overall Diversity of Fungal Community
After quality filtering, the pyrosequencing-based analysis of

the fungal ITS1 genes resulted in the recovery of 1,260,032

high-quality sequences across the 12 samples (Table S3). The
coverage from all samples was above 99%, indicating that the
sequencing reads were sufficient for this analysis (Table S3). In
both the bulk and rhizosphere soils, the black pepper-vanilla
system had a significantly higher fungal diversity (Shannon) and
evenness (Shannoneven) values than the vanilla monoculture
system (Figure 1). In addition, in both the black pepper-vanilla
and vanilla monoculture systems, the fungal community diversity
and evenness significantly decreased from the bulk soil to the
vanilla rhizosphere soil.

Fungal Community Composition
To verify the differences observed in the fungal communities
from the black pepper-vanilla and vanilla monoculture systems,
the relative abundances (RA) of the different classes and
genera from the bulk and rhizosphere soils were compared
(Figures 2, 3). In the present study, fungal OTUs across the 12
soil samples were observed predominantly from the six classes
(Sordariomycetes, Eurotiomycetes, unclassified Zygomycota
class, Dothideomycetes, Tremellomycetes, and Agaricomycetes),
accounting for 71.10% of the total fungal sequences. Compared
with bulk soil, the relative abundance of the class Sordariomycetes
in the vanilla rhizosphere soil significantly increased in both
the black pepper-vanilla and vanilla monoculture systems.
At the genus level, in the bulk soil, compared with the
vanilla monoculture system, the black pepper-vanilla system
had a higher relative abundance of Mortierella, Aspergillus,

Acremonium, and Chaetomium. As for the rhizosphere soil, the

TABLE 1 | Vanilla Fusarium wilt disease incidence and pathogen abundance.

Cropping regime Soil compartment Disease incidence (%) Fusarium RA F. oxysporum RA Log10 F. oxysporum ITS copies g−1 soil

Black pepper-vanilla system
Bulk soil (BB)

15.56 ± 3.85 b
6.79± 2.23 b 5.51± 2.75 b 4.80± 0.08 d

Rhizosphere soil (BR) 10.36± 1.31 b 8.66± 1.15 b 5.60± 0.15 b

Vanilla monoculture system
Bulk soil (VB)

62.22 ± 10.08 a
10.23± 0.82 b 5.59± 0.37 b 5.13± 0.13 c

Rhizosphere soil (VR) 26.18± 7.54 a 22.89± 6.80 a 6.18± 0.09 a

Values are means ± standard deviation (n = 3). RA, Relative abundance.

Means followed by the same letter for a given factor are not significantly different (P < 0.05; Turkey’s HSD test where there are more than two treatment levels and Student’s t-test

where there are two treatment levels).

FIGURE 1 | Shannon diversity indices (A) and Shannoneven indices (B) for the bulk soil and vanilla rhizosphere soil of the black pepper-vanilla and

vanilla monoculture systems. Bars represent the standard deviation of the three replicates, and different letters above the bars indicate a significant difference at

the 0.05 probability level according to the Turkey’s HSD test. “BB” and “VB” represent the bulk soil from the black pepper-vanilla system and the vanilla monoculture

system, respectively. “BR” and “VR” represent the rhizosphere soil from the black pepper-vanilla system and the vanilla monoculture system, respectively.
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FIGURE 2 | Relative abundances of the main fungal classes in the bulk soil and the vanilla rhizosphere soil of the black pepper-vanilla and vanilla

monoculture systems. The “Others and Unclassified” comprised the unclassified and low-abundance classes (RA < 0.1%). “BB” and “VB” represent the bulk soil

from the black pepper-vanilla system and the vanilla monoculture system, respectively. “BR” and “VR” represent the rhizosphere soil from the black pepper-vanilla

system and the vanilla monoculture system, respectively.

FIGURE 3 | Relative abundances of the top 20 fungal genera in bulk soil and vanilla rhizosphere soil of the black pepper-vanilla and vanilla monoculture

systems. Bars represent the standard deviation of the three replicates. “BB” and “VB” represent the bulk soil from the black pepper-vanilla system and the vanilla

monoculture system, respectively. “BR” and “VR” represent the rhizosphere soil from the black pepper-vanilla system and the vanilla monoculture system, respectively.
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TABLE 2 | PERMANOVA analysis.

Source Df Abundance of Genera Abundance of OTUs

Sums of Pseudo-F Sums of Pseudo-F

sqs sqs

Cropping regime (CR) 1 0.18 11.79*** 0.42 7.64***

Soil compartment (SC) 1 0.25 15.80*** 0.40 7.30***

CR × SC 1 0.09 5.54*** 0.20 3.68***

Residuals 8 0.13 0.19 0.44 0.30

***Indicate significant correlations (P < 0.001).

Fusarium genus was significantly more abundant in the vanilla
monoculture system than in the black pepper-vanilla system;
moreover, the relative abundance of F. oxysporum (OTU level)
exhibited a similar trend (Table 1). In addition, the relative
abundances of the genera Haematonectria, Trichoderma, and
Penicillium were significantly higher in the black pepper-vanilla
system with a lower Gibellulopsis abundance.

Fungal Community Structure
A permutational multivariate analysis of variance confirmed that
the cropping regime, soil compartment, and their interactions
were significant factors of variation for the fungal community
structure in terms of both the relative abundance of OTUs and
relative abundance of genera (Table 2).

To further compare the variations in fungal community
structure between the black pepper-vanilla and vanilla
monoculture systems samples, a UniFrac-weighted PCoA
was employed. As shown in Figure 4, the bulk soil samples from
the black pepper-vanilla system were clearly separated from the
vanilla monoculture system, suggesting strong differences in
fungal community structures between the different crop regime
systems. In addition, the fungal communities in the rhizosphere
soils from the two vanilla cropping systems were close together,
suggesting that fungal community structures were seriously
affected by the vanilla root system.

DISCUSSION

Obstacles to the continuous cropping of vanilla have always been
observed on Hainan Island (Xiong et al., 2015b). In the present
study, pot experiments confirmed that long-term continuously
cropped black pepper orchard soil showed significantly lower
vanilla Fusarium wilt disease, implying that crop rotation is an
effective management practice to reduce soil-borne plant disease
in agro-systems (Wang et al., 2015). In addition, it will also help
us to take advantage of the large area of black pepper continuous
cropping soil in tropical China (Zu et al., 2014; Xiong et al.,
2015a).

In this study, the black pepper-vanilla system had no effect
on the fungal population abundance in the bulk soil. However,
alpha diversity estimates of the fungal communities revealed
that the black pepper-vanilla system had a significantly higher
fungal diversity and evenness than the vanilla monoculture
soil (Figure 1). The possible reasons are as follows: residues of

FIGURE 4 | UniFrac-weighted principle coordinate analysis of fungal

community structures in the bulk soil and vanilla rhizosphere soil of

the black pepper-vanilla and vanilla monoculture systems. “BB” and

“VB” represent the bulk soil from the black pepper-vanilla system and the

vanilla monoculture system, respectively. “BR” and “VR” represent the

rhizosphere soil from the black pepper-vanilla system and the vanilla

monoculture system, respectively.

black pepper decomposed in the soil and different root exudates
could provide more available nutrient to soil microbes, thus
improving species richness, heterogeneity, and diversity of the
fungal community (Xuan et al., 2011). Furthermore, we could
find a negative relationship between the soil fungal diversity
and vanilla Fusarium wilt disease, which could support the idea
that microbial diversity is a key factor in controlling pathogen
invasion (van Elsas et al., 2012). In addition, in the present study,
the fungal community diversity significantly decreased from the
bulk soil to the vanilla rhizosphere soil in both the black pepper-
vanilla and vanilla monoculture systems; as explained by Mendes
et al. (2014) plants can select a constant rhizosphere community
from highly contrasting reservoirs of bulk soil communities.

The UniFrac-weighted PCoA analysis revealed significant
variations in the bulk soil of fungal community structures
between the black pepper-vanilla and vanilla monoculture
systems (Figure 4). Our results agreed with the findings of Wang
et al. (2015) where the crop regime system was the major
determinant factor for microbial community structures. The
significant variations in bulk soil community structures among
the different cropping systems might be attributed to significant
differentiations in soil physicochemical characteristics (Table S1),
as soil physicochemical properties have significant impacts on
microbial community structures (Lauber et al., 2008). Compared
with the vanilla monoculture system, black pepper-vanilla system
revealed a significantly higher available N content, as nitrogen
play a pivotal role in plant growth and might indirectly enhance
plant disease suppressiveness (Hayat et al., 2010). In addition, the
UniFrac-weighted PCoA analysis suggested fungal community
structures were also seriously affected by the vanilla root system,
which was consistent with the many previous studies that plant
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play a key role in shaping the microbial community structures in
the rhizosphere (Philippot et al., 2013; Edwards et al., 2015).

The black pepper-vanilla system was shown to have a
significant effect on the fungal community compositions in
both bulk and rhizosphere soils. Sordariomycetes was the most
abundant fungal class (Figure 2), which was generally consistent
with the many early studies that found Sordariomycetes to be
the most common fungal class in different agricultural systems
(Chen et al., 2012; Li et al., 2014). Compared with bulk soil, the
abundance of Sordariomycetes significantly increased in vanilla
rhizosphere soil in both the black pepper-vanilla and vanilla
monoculture systems, as reported by Zhang et al. (2006) who
found that members of the Sordariomycetes are ubiquitous in
virtually all ecosystems as pathogens and endophytes of plants.

Deeper taxonomic analyses were performed to explore the
fungal community compositions of rhizosphere soil in the
black pepper-vanilla system associated with vanilla growth. The
black pepper-vanilla system showed significantly lower Fusarium
and F. oxysporum abundance in the vanilla rhizosphere soil,
which could be the most important reason for significantly
lower vanilla Fusarium wilt disease in the black pepper-vanilla
system (Pinaria et al., 2010). The F. oxysporum abundance is
lower in the black pepper-vanilla system might be because that
continuous cropping black pepper soil had not previously been
used to cultivate vanilla, however, if vanilla is continuously
cropped in that soil which could also increase the pathogen load
eventually (Xiong et al., 2015b). In addition, in present study,
the F. oxysporum populations significantly accumulated from the
bulk soil to the vanilla rhizosphere soil in both the black pepper-
vanilla and vanilla monoculture systems. Synthesized from the
above results, we conclude that iterative crop rotation might
be necessary to interrupt the accumulation of F. oxysporum
abundance to suppress vanilla Fusarium wilt disease.

Some putatively plant-beneficial fungal groups, such as
the genera Trichoderma and Penicillium, increased in the
vanilla rhizosphere soil under the black pepper-vanilla system.
Trichoderma spp. are known to have an effective antagonistic
effect against vanilla Fusarium wilt disease (Jayasekhar et al.,
2008; Vijayan et al., 2009). Penicillium is also a famous biocontrol
agent for the biological control of Fusarium wilt disease (Larena
et al., 2003); however, this has not yet been reported in vanilla
systems. Moreover, Haematonectria was the most abundant

genus, accounting for 10.33% of the total fungal genera in vanilla
rhizosphere soil in the black pepper-vanilla system, which could
occupy the rhizosphere niche to avoid pathogen invasion (Qiu
et al., 2013). Combining the other variations in fungal genera in
the black pepper-vanilla and vanilla monoculture systems and the
complex interactions among these microorganisms could explain
the status of vanilla Fusarium wilt disease in agro-ecosystems.

In conclusion, compared with the vanilla monoculture system,
black pepper-vanilla system harbored a significantly lower
abundance of F. oxysporum in vanilla rhizosphere soil, increased
the putatively plant-beneficial fungal groups and the fungal
diversity, which could explain the decrease in vanilla Fusarium
wilt disease in the soil of the long-term continuously cropped
black pepper orchard. These results suggested that sustainable
agricultural management regime, such as crop rotation might be

a meaningful strategy to prevent vanilla Fusarium wilt disease
occurrence and will be our future research focus.
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Terrestrial tropical methane seep habitats are important ecosystems in the methane
cycle. Methane oxidizing bacteria play a key role in these ecosystems as they
reduce methane emissions to the atmosphere. Here, we describe the isolation and
initial characterization of two novel moderately thermophilic and acid-tolerant obligate
methanotrophs, assigned BFH1 and BFH2 recovered from a tropical methane seep
topsoil habitat. The new isolates were strictly aerobic, non-motile, coccus-shaped and
utilized methane and methanol as sole carbon and energy source. Isolates grew at pH
range 4.2–7.5 (optimal 5.5–6.0) and at a temperature range of 30–60◦C (optimal 51–
55◦C). 16S rRNA gene phylogeny placed them in a well-separated branch forming a
cluster together with the genus Methylocaldum as the closest relatives (93.1–94.1%
sequence similarity). The genes pmoA, mxaF, and cbbL were detected, but mmoX was
absent. Strains BFH1 and BFH2 are, to our knowledge, the first isolated acid-tolerant
moderately thermophilic methane oxidizers of the class Gammaproteobacteria. Each
strain probably denotes a novel species and they most likely represent a novel genus
within the family Methylococcaceae of type I methanotrophs. Furthermore, the isolates
increase our knowledge of acid-tolerant aerobic methanotrophs and signify a previously
unrecognized biological methane sink in tropical ecosystems.

Keywords: terrestrial, Gammaproteobacteria, methanotroph, acid-tolerant, moderately thermophilic, pMMO

INTRODUCTION

Microorganisms in tropical ecosystems play a crucial role for biogeochemical cycling as well
as controlling terrestrial greenhouse gas fluxes, and have therefore impact on global climate
regulation. Methane is a strong greenhouse gas and the major biogenic source, which is the end
product of microbial degradation of organic matter in anoxic environments. Major sources of
abiogenic methane are underground reservoirs in geothermal regions, where methane is released
to the atmosphere through seeps, gas venting, and degassing of spring water (Etiope and Klusman,
2002; Aronson et al., 2013; Nazaries et al., 2013). In some regions, like the gas fields in Northeast
Bangladesh, release of natural methane from tropical soils are caused by previous surface gas
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blowouts (Khan and Nasir, 2014). Such methane seeps influence
the structure and function of microbial communities, and have
importance for the global carbon cycle. Methane-oxidizing
bacteria (MOB) or methanotrophs serve as a methane sink that
suppress methane emissions to the atmosphere from various
ecosystems, and contribute extensively to the global methane
budget. Methanotrophic community structure and activity have
been studied in terrestrial tropical habitats such as rice paddy
fields (Alam and Jia, 2012; Dianou et al., 2012), peat soils (Arai
et al., 2014), and upland soils (Knief et al., 2005) as well as
in tropical shallow methane seep sediments (Wasmund et al.,
2009). These studies, which have applied analyses of methane
fluxes and populations of methanotrophs, support evidences for
diverse communities of aerobic methanotrophs and the existence
of novel uncultured MOBs. Although, several methanotrophs
from tropical ecosystems have been isolated (Geymonat et al.,
2011; Islam et al., 2015; Khalifa et al., 2015), but knowledge
about methanotrophs and their responses to environmental
factors in such ecosystems is still limited (Aronson et al.,
2013). Furthermore, no previous studies have reported on
methanotrophic communities in high temperature tropical soils
(around 50◦C) with high methane concentrations due to surface
gas blowouts. Such investigations are essential to understand
the microbial impact and the effect of environmental factors on
methane fluxes. In particular, studies of isolated methanotrophs
from such tropical ecosystems will expand our knowledge about
the genetics, biochemistry, and ecophysiology of this functional
group.

The methane oxidizing microbes constitute a unique group
defined by their ability to utilize methane as sole source for
carbon and energy, and they are isolated from a wide variety
of habitats (Hanson and Hanson, 1996). Several clusters of
uncultivated methane oxidizers have been detected in both
tropical and temperate ecosystems, indicating the need for
further cultivation efforts to obtain new pure cultures of
methanotrophs (Knief, 2015). Until now, twenty two genera
of proteobacterial methanotrophs (Deutzmann et al., 2014;
Hoefman et al., 2014; Khalifa et al., 2015; Tavormina et al.,
2015) and two genera of verrucomicrobial extreme acidophilic
methanotrophs (Op den Camp et al., 2009; Sharp et al.,
2014b; van Teeseling et al., 2014) are validly described.
In the phylum Proteobacteria, MOB are assigned to four
families Methylothermaceae, Methylococcaceae, Methylocystaceae
and Beijerinckiaceae, which are described based on phylogeny,
chemotaxonomy, arrangement of intracytoplasmic membrane
(ICM), DNA mol% G+C, and pathways for carbon assimilation
(Hanson and Hanson, 1996; Trotsenko and Murrell, 2008;
Hirayama et al., 2014).

Commonly used molecular markers for MOB are the
key functional marker genes pmoA (the particulate methane
monooxygenase), mmoX (the soluble methane monooxygenase),
and mxaF (the methanol dehydrogenase). In particular, the pmoA
gene, encoding the 27 kDa polypeptide of the particulate methane
monooxygenase, has been used as a most frequently phylogenetic
marker for identifying aerobic methanotrophs except those in
the family Beijerinckiaceae. The mxaF gene was also suggested
as a functional and phylogenetic marker for proteobacterial

methanotrophs and methylotrophs in natural environments
(McDonald and Murrell, 1997; McDonald et al., 2008; Lau
et al., 2013). Another functional gene, cbbL, encodes the large
subunit of the ribulose-1,5-bisphosphate carboxylase/oxygenase
(RuBisCO), which is a key enzyme responsible for autotrophic
CO2 fixation of the Calvin-Benson-Bossham (CBB) cycle. The
cbbL gene has been frequently applied for analyzing marine and
hypersaline microbial communities (Tourova et al., 2010) as well
as for identification of methanotrophic Methylococcus-like strains
and Methylocaldum species (Baxter et al., 2002).

Methylococcus capsulatus was the first described heat-
tolerant methanotroph within the family Methylococcaceae,
growing at temperatures up to 50◦C and at pH range
5.5–7.5 (Foster and Davis, 1966; Whittenbury et al., 1970).
Several moderately thermophilic methanotrophs of the class
Gammaproteobacteria, such as Methylocaldum szegediense,
Methylocaldum tepidum, Methylocaldum gracile, Methylocaldum
sp. strain H-11, Methylocaldum sp. strain O-12, Methylocaldum
marinum and Methylothermus thermalis (Bodrossy et al., 1997;
Eshinimaev et al., 2004; Tsubota et al., 2005; Takeuchi et al.,
2013) were subsequently isolated from thermal environments
and marine sediments. In addition, a true thermophilic
methanotroph named strain HB, which grew on methane
up to 72◦C, was isolated from underground hot springs
in Hungary (Bodrossy et al., 1999). Sequence comparison
indicated that the pmoA gene was most closely related to known
Methylococcus and Methylocaldum species. Unfortunately,
this strain is no longer available (Tsubota et al., 2005).
Moreover, using stable-isotope probing in combination with
16S rRNA gene pyrotag sequencing, Methylocaldum species
were identified in sediments of warm geothermal springs
ranging in temperature from 22 to 45◦C (Sharp et al., 2014a).
Recently, three mesophilic Methylocaldum-like methanotrophs
(growth range 8–35◦C) of the family Methylococcaceae were
isolated from different geographic regions, and these isolates
fell into a cluster consisting of the genera Methylocaldum-
Methylococcus-Methyloparacoccus-Methylogaea (Islam et al.,
2015).

Extreme acidophilic methanotrophs of the phylum
Verrucomicrobia have been discovered by cultivation-dependent
and -independent approaches (Sharp et al., 2014b; van Teeseling
et al., 2014). Three thermoacidophilic verrucomicrobial
methanotrophs (pH growth range 0.5–6.0 and optimum
temperature 55–60◦C) have been described, thus extending the
phylogeny of true thermoacidophilic methanotrophs beyond the
phylum Proteobacteria. The verrucomicrobial methanotrophs
belong to the family Methylacidiphilaceae, and were obtained
from extreme geothermal environments at different geographic
regions. (Dunfield et al., 2007; Pol et al., 2007; Islam et al.,
2008; Op den Camp et al., 2009). Mesophilic verrucomicrobial
methane oxidizers have also been characterized, which shows that
methanotrophs in this phylum are more diverse and widespread
than earlier anticipated (van Teeseling et al., 2014). Slightly
acidophilic methanotrophs belonging to the genera Methylocella,
Methylocapsa, and Methyloferula of the class Alphaproteobacteria
are abundant in peat bog ecosystems and able to grow between
pH 4.2 and 7.5 (Dedysh et al., 2007; Dedysh, 2009; Vorobev et al.,
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2011). In addition, two strains of acid-tolerant or acidophilic type
I methanotrophs, Methylomonas strain M5 and strain M200 of
the family Methylococcaceae were isolated from peat ecosystems,
and they are able to grow below pH 4.5 (Kip et al., 2011).
Recently, an acid-tolerant type I methanotroph, Methylomonas
paludis strain MG30, was also isolated from an acidic Sphagnum
peat bog in north-eastern Russia and had a pH growth range of
3.8–7.3 (Danilova et al., 2013).

Hitherto, no true thermoacidophilic or acid-tolerant
moderately thermophilic gammaproteobacterial methanotrophs
have been described. The present study describes the recovery
and initial characterization of two novel methane oxidizers
belonging to the class Gammaproteobacteria isolated from a
methane-rich tropical topsoil.

MATERIALS AND METHODS

Sampling
Sampling was performed in June 2007, and again in November
2009. Tropical topsoil (5 cm depth) was collected from the side
of a small cave, which was heated by a flame of natural methane
gas leakage or surface gas blowout. The place is called Horipur
(village: Utlarpar) and is situated about 20 km from Sylhet in
northeast Bangladesh (24◦ 98′07′′ N, 92◦ 03′29′′ E; Figure 1). The
in situ soil temperature was measured by a digital temperature
sensor (Digitron, 2000T, Sifam Instruments, UK). The pH of
topsoil (1:1, soil:water) was measured by a pH meter (MP220,
Mettler Toledo). Soils were placed in Falcon tubes and frozen at
−20◦C on the sampling day.

Isolation and Cultivation
To enrich for moderately thermophilic MOB, low-salt mineral
medium supplemented with NH4Cl (0.1 g L−1; LMA) was used.
This medium is 10 times more diluted than the AMS medium
(Whittenbury et al., 1970). No vitamins were included in the
medium. The pH was adjusted to 6.0 and 6.5 with 1 M HCl or
1 M NaOH. In addition, low-salt mineral medium with NH4Cl
replaced by KNO3 (0.1 g L−1) was applied for methanotrophic
enrichments. Three gram of soil was added to 20 mL medium
in 120 mL sterile serum bottles. The bottles were closed with
a butyl rubber cap with an aluminum crimp seal. A mixture
of methane (purity 99.5%, Yara Praxair, Oslo, Norway) and air
was added aseptically through a syringe to achieve 80 and 20%
concentration of methane and air, respectively, in the headspace.
The flasks were shaken at 125 rpm on a rotary shaker kept
at 50◦C. After 1 week incubation, the medium became visibly
turbid and growth of the enrichment cultures was verified by
phase-contrast microscopy (Eclipse E400 microscope, Nikon
Corporation, Tokyo, Japan). Then, 1 mL of the cultures were
transferred to fresh LMA and incubated at the same conditions.
After five passages of the enrichments, the cultures were serial
diluted (10−5 to 10−8), and 0.1 mL aliquots of each dilution
were spread onto plates containing a mixture of LMA and
gelrite (20 g L−1; GelzanTM CM, Sigma-Aldrich, Corporation,
St. Louis, MO, USA) or agar (Difco). The plates were incubated
at 50◦C in jars filled with a methane/air (4:1) gas mixture.
Individual colonies were picked and re-streaked onto fresh plates
and re-incubated. Finally, single colonies were transferred to
fresh liquid LMA and incubated for 1 week with methane
and air.

FIGURE 1 | Sampling site. (A) Map of Bangladesh showing the sampling place (ArcGIS Software; www.esri.com/software/arcgis). (B) A close-up photograph (with
temperature gradient) of terrestrial tropical topsoil by leakage natural methane gas at Horipur, Sylhet, north-east Bangladesh. The arrow indicates the sampling site.
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Purity Verification of Isolates and
Electron Microscopy
The purity of isolates was examined by phase-contrast
microscopy, and further verified by formation of uniform
colonies on LMA gelrite plates and absence of growth of
heterotrophs in LMA supplemented with Luria-Bertani broth
(1–5% v/v), glucose (10 mM), acetate (18 mM), pyruvate
(10 mM), succinate (10 mM), ethanol (17 mM), yeast extract
(0.1%), and by streaking onto R2A (Reasoner’s 2A) agar
plates (van der Linde et al., 1999). The isolation process was
monitored by polymerase chain reaction (PCR) amplification
and sequencing of the partial 16S rRNA gene until each of
the isolates gave a clean and reproducible sequence read.
Exponentially growing cultures of strain BFH1 were collected
by centrifugation and applied for transmission electron
microscopy analysis (a Jeol-1230 electron microscope, at
60 KV, Tokyo, Japan), as described previously (Islam et al.,
2015).

Utilization of Carbon and Nitrogen
Sources
Capability to utilize various organic compounds was tested in
liquid LMA medium supplemented with the following autoclaved
or filter-sterilized substrates at 10 mM concentration: urea,
acetate, glucose, pyruvate, lactate, malate, ethanol, succinate,
sucrose, fructose, maltose, mannitol, and sorbitol. Growth
on the C1 substrates methanol, formate, methylamine, and
formaldehyde were tested at concentrations from 0.03 to 0.2%
(v/v). Luria-Bertani broth and yeast extract were also tested
as supplements to LMA. During incubation, bottles were
capped with butyl-rubber stoppers to prevent vaporization.
The growth of the strains was also tested with nitrogen-
free LMA (without NH4Cl or KNO3) in triplicate 120-
mL serum bottles where N2 from the air (20% air in the
headspace) was the only N-source. The bottles were incubated for
2 weeks.

Optimum pH, Temperatures, and Salt
Concentrations
The temperature range and the optimum temperature for growth
were tested at 20, 25, 28, 30, 35, 37, 40, 45, 48, 50, 54, 58,
60, 62, 65, and 70◦C (growth at pH 6.0). In order to evaluate
the effects of pH we measured the growth rates of the isolates
at the optimum temperature 51◦C by counting cells in the
phase-contrast microscope. Growth rates were assessed at the
following pH values: 3.0, 3.5, 4.0, 4.2, 4.3, 4.5, 5.0, 5.5, 6.0,
6.5, 6.8, 7.2, 7.5, 7.8, 8.0, 8.5, 9.0. To determine the salt-
dependence of growth, NaCl (0.1, 0.5, 1.0, 1.5, 2.0, and 3.0%,
w/v) was added to the medium. The generation time was
calculated during exponential growth phase. The optical cell
density (at 600 nm) was measured at optimum temperature
(51◦C) and at pH 6.0. Antibiotic sensitivity was tested and
the following antibiotics (µg mL−1) were used: ampicillin, 10;
tetracycline, 10; kanamycin, 30; streptomycin, 10; erythromycin,
10; and nalidixic acid, 30. Growth was evaluated after 10 days
incubation.

Acetylene Inhibition Test, Naphthalene
Assay, Fatty Acid Profiles, and DNA
mol% G+C
The naphthalene-oxidation assay, testing for the presence
of soluble form of methane monooxygenase (sMMO), was
performed with a liquid LMA culture without copper (Graham
et al., 1992). M. capsulatus strain Bath was used as positive
control of the assay. The effects of acetylene were examined by
adding 4% (vol/vol) acetylene in the headspace of three replicate
flasks containing cultures of the isolates in early exponential
phase growing in LMA. To verify the acetylene inhibition test,
M. capsulatus strain Bath and Methylacidiphilum kamchatkense
strain Kam1 were used as positive controls (Islam et al.,
2008). Phospholipid fatty acid (PFLA) and DNA mol% G+C
analyses were performed at the DSMZ (Deutsche Sammlung
von Mikroorganismen und Zellkulturen GmbH, Braunschweig,
Germany).

PCR Amplification and Southern Blot
Hybridization
Genomic DNA was extracted with GenElute bacterial genomic
DNA kit (Sigma-Aldrich) and used as template for PCR
amplification of the 16S rRNA gene using the universal bacterial
primers 27f and 1492r (Weisburg et al., 1991). The functional
genes pmoA, mmoX, mxaF, and cbbL were amplified using
primers listed in Supplementary Table S1. PCR amplifications
were carried out in 50 µL volumes in a Veriti 96 well
Thermal Cycler (Applied Biosystems, Carlsbad, CA, USA)
using DynzymeTM High-Fidelity DNA Polymerase (Finnzymes,
Finland). All PCR reactions were performed as described
previously (Islam et al., 2015). Genomic DNA was also used for
Southern blot analysis and DNA from M. capsulatus strain Bath,
and M. kamchatkense strain Kam1 were applied as positive and
negative controls, respectively. Genomic DNA was digested with
EcoRI and HindIII and separated by agarose gel electrophoresis
and blotted onto Hybond-N nylon membranes (Amersham
Biosciences, Piscataway, NJ, USA). Hybridization probes were
prepared by PCR using the pmoA and mmoX primer sets
(Supplementary Table S1) and labeled with [α-32P]dCTP using
DNA label kit (Amersham Biosciences) as previously described
(Baxter et al., 2002; Islam et al., 2008).

Phylogenetic Analysis
The nucleotide sequences of the functional genes were translated
into amino acid sequences using the ExPASy Translate tool1.
16S rRNA sequences and the deduced protein sequences (PmoA,
MxaF, and CbbL) were compared with available sequences in
the GenBank database using BLASTn and BLASTp (the NCBI
tools), respectively. Phylogenetic analyses based on 16S rRNA
and PmoA sequences were carried out by aligning sequences
using CLUSTAL W algorithm as implemented in MEGA6
software package (Tamura et al., 2013). Phylogenetic trees were
constructed by different methods such as the Neighbor-Joining,
Maximum-Likelihood, and Minimum-Evolution. Distances were

1http://web.expasy.org/translate
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determined using either Kimura 2-parameter models, Jones-
Taylor/Thornton or Maximum composite likelihood method also
implemented in MEGA6 software. The 16S rRNA, particulate
methane monooxygenase (pmoA), methanol dehydrogenase
(mxaF), and the ribulose-1,5-bisphosphate caboxylase/oxygenase
(cbbL) gene sequences of strains BFH1 (GQ130271, GQ130270,
GQ130269, KP878519) and BFH2 (KP828774, KT921321,
KT921322, and KT932010) respectively, were deposited in the
GenBank.

RESULTS

Isolation of Acid-Tolerant Moderately
Thermophilic MOB
The in situ temperature and pH at the sampling site were 48.6◦C
and 5.0, respectively. Very poor growth of enrichment cultures
of methanotrophic bacteria was observed in a low-salt mineral
medium supplemented with KNO3 whereas better growth was
observed in LMA medium (with NH4Cl). The enrichment
cultures in LMA medium reached a density of about 108 cells
mL−1 after a second transfer. Strains BFH1 and BFH2 were
isolated after subculturing in fresh LMA five times and growth
of single colonies on gelrite plates. Small white colonies of the
strains BFH1 (about 0.8–1 mm in diameter) and BFH2 (about
1–1.4 mm in diameter) were observed on gelrite plates after
10 days incubation in methane:air (80:20) atmosphere. On agar

plates, no colonies appeared even after 3 weeks of incubation.
Growth with methane or methanol (0.05%) in liquid cultures first
developed white turbidity and later became semitransparent. No
growth of the strains was observed in the absence of methane or
in the presence of methane under anaerobic conditions.

Morphological Properties
Morphological characteristics of strains BFH1 and BFH2 as
compared to thermotolerant, thermophilic, and acid-tolerant
proteobacterial methanotrophs are presented in Table 1. Cells of
the isolates (in exponential and early stationary phase) were non-
motile and had slightly elongated coccus-shape, 1.0–2.0 µm in
length and 1.0–1.3 µm in diameter. They usually occurred single
or in pairs, and did not form chains or aggregates (Figure 2A,
strain BFH1). No cyst-like cells were detected. Cells were Gram-
negative and reproduced by binary fission. By transmission
electron microscopy of BFH1, extensive ICM structures, a typical
feature of pMMO-possessing proteobacterial methanotrophs,
was confirmed (Figures 2B,C). No flagella were observed.

Physiological Characteristics and Fatty
Acid Profile
Physiological characteristics of strains BFH1 and BFH2 are
presented in Table 1. The isolates were unable to grow on
substrates containing multi-carbon compounds or in complex
media, and utilized only methane and methanol as carbon and
energy source. They could utilize methanol at a wide range

TABLE 1 | Comparison of the major characteristics of the acid-tolerant moderately thermophilic strains BFH1 and BFH2 with themotolerant,
thermophilic, and acid-tolerant methane oxidizing bacteria of the families Methylococcaceae and Methylothermaceae.

Characteristic Strains BFH1 and
BFH2

1Methylocaldum
spp.

2Methylothermus
thermalis

3Methylococcus
capsulatus

4Methylomagnum
ishizawai

5Acid-tolerant
strain M200

Cell morphology Coccoids Rods-pleomorphic Coccoids Coccoids Rods Cocci

Acidophilic condition Acid-tolerant Neutrophilic Neutrophilic Neutrophilic Neutrophilic Acid-tolerant

ICM arrangement Type I Type I Type I Type I Type I Type I

Motility − − − − − +

Cyst formation − + − − + −

Pigmentation White Brown/cream White Yellow White Pink

Methane oxidation pMMO pMMO pMMO pMMO/sMMO pMMO pMMO/PxmA

mmoX − +
a

− + + −

mxaF + + + + nr nr

cbbL + + + + nr nr

N2-fixation + + − + − +

Temperature (optimal) ◦C 30-60 (51-55) 20-61 (42-55) 37-67 (57-59) 20-47 (42-45) 20-37 (31-33) 4-30

Growth of pH (optimal) 4.2-7.5 (5.5-6.0)b 6.0-8.5 (7.0-7.2) 6.5-7.5 (6.8)c 5.5-7.5 (6.5) 5.5-9.0 (6.8-7.4) 4.1-7.0 (5.5)

Growth on methanol (0.1%) + − + + − +

Vitamin required − − − − − −

G+C content (mol%) 62.7 58.5 62.5 62.5 64.1 52.2d

Isolation source (pH) Tropical topsoil
(pH 5.0)

Manure, silage
(pH 6.0)

Hot spring (pH 6.0) Hot spring (pH 6.0) Rhizosphere soil
(pH 6.8)

Sphagnum mosses
(pH 3.8–4.3)

Reference for strains: 1Bodrossy et al., 1997 and Eshinimaev et al., 2004; 2Tsubota et al., 2005; 3Bowman et al., 1993; 4Khalifa et al., 2015; 5Kip et al., 2011. +,
positive results; –, negative results; nr, not reported; ICM, intracytoplasmic membrane. aOnly Methylocaldum marinum strain S8T (Takeuchi et al., 2013) possessed
mmoX (encodes soluble methane monooxygenase). bGrowth on LMA with methane or methanol of strain BFH2 was observed at pH range 4.5-7.5. cMethylothermus
subterraneus strain HTM55T grew at pH 5.2–7.5 (Hirayama et al., 2011). d16S rRNA, pmoA, and pxmA genes sequences were used for computing measurement of DNA
G+C content (mol%).
Significance of bold values: to compare pH growth among methane oxidizers.
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FIGURE 2 | Morphology of strain BFH1. (A), Phase-contrast photomicrograph of cells grown in LMA medium under methane at 51◦C for 5 days. (B,C)
Transmission electron micrograph of the strain BFH1. Ultrathin sections showing intracytoplasmic membrane arrangements (ICM). Bars, 3 µm (A), 0.5 µm (B,C).

of concentrations (0.05-0.2%), with an optimum concentration
between 0.1 and 0.15%. Vitamins were not required for growth.
Cells used ammonium or nitrate as nitrogen sources. Better
growth was observed with NH4Cl than with KNO3 or NaNO3
in LMA medium. Growth in nitrogen-free liquid medium was
observed but it was not as good as with NH4Cl. The strains
were able to grow at NaCl concentrations up to 0.5% (w/v).
The growth temperature range of both strains was 30-60◦C
(no growth occurred at 25 or 65◦C) and the optimum growth
temperature was 51–55◦C. Growth of strains BFH1 and BFH2
was observed at pH range 4.2–7.5 and 4.5–7.5, respectively,
and no growth was observed at pH 4.0 or 7.8. Fastest growth
was observed at pH between 5.5 and 6.0 for BFH1, and 5.7
and 6.2 for BFH2 (Supplementary Figure S1). The estimated
generation times of strains BFH1 and BFH2 under optimum
conditions were 21 h (specific growth rate, 0.033 h−1) and
19 h (specific growth rate, 0.036 h−1), respectively. All the
tested antibiotics inhibited growth and the naphthalene oxidation
assay was negative. Acetylene is often applied as inhibitor for
the methane oxidation process and growth on methane was
completely blocked after addition of 4% (vol/vol) acetylene to
the headspace. The fatty acid compositions of strain BFH1 and
other related thermophilic, thermotolerant, and acid-tolerant

methanotrophs are presented in Table 2. The major fatty acids
in the strain BFH1 were C16:0 (54.38%), C17:0cyc (26.33%) and
C16:1ω7 (13.83%).

Analysis of Functional Genes and
Phylogenetic Characterization
Polymerase chain reaction products were obtained from the
functional genes pmoA, mxaF, and cbbL for both BFH1 and
BFH2 (Table 1), whereas PCR amplification of the mmoX gene
gave negative results. The absence of mmoX was verified by
Southern hybridization using mmoX probe, which gave no
signal with genomic DNA of the two strains (Supplementary
Table S2). Phylogenetic analysis of the nearly full-length
(1409 bp of strain BFH1 and 1429 bp of strain BFH2) 16S
rRNA sequences revealed that both strains belonged to the
class Gammaproteobacteria, and showed 97.8% sequence
identity to each other. The strains clustered with moderately
thermophilic and thermotolerant methanotrophs in the genera
Methylocaldum, Methylococcus, and the mesophilic genera
Methyloparacoccus and Methylogaea belonging to the family
Methylococcaceae (Figure 3). BLASTn search of 16S rRNA genes
revealed that the strains showed 97–99% sequence identity
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TABLE 2 | Cellular PLFA profiles comparison of the strain BFH1 and other
phylogenetically related methanotrophic genera or species.

Fatty acids 1 2 3 4 5

C13:1 0.27

iC14:0 0.59 1.24

C14:0 0.78 1.97 0.8–6.2 15.8

C14:0 2-OH 0.33

C15: 0.80 3.51 2.07 0–1.7 1.56

C15:1ω8 0.22

C15:1ω6 0.12 0.17

iC16:0 0.26

C16:1ω11 5.46

C16:1ω7c 13.83 3.46 10.6–23.1 47.3

C16:1ω6c 3.9–12.3 8.03

C16:1ω5c 0.37 3.2–9.0

C16:1ω5t 1.8–6.0

C16:0 54.38 63.67 37.24 33.5–56.0 19.6

C16:1 11.90

C16:0 3-OH 0.28 0.64 1.78

9-o-Me-C16:0 4.62

C17:0cyc 26.33 8.99 4.71 0–14.0

aC17:0 0.68

C17:0 0.46 0.34 2.52

C17:1 0.43 0.19

C17:1ω6 0.62 0.26

C17:1ω7c 0–1.9

9-o-Me-C17:0 0.60

11-0-Me-17:0 0.60

C17:0 0.31

iC18:0 0.26 0.6–1.8

C18:0 0.17 1.74 0–2.1

C18:1ω7c 0.71 0.35 0–6.5

C18:1ω9c 0.62 35.16 0–2.9

C19:0cyc 0.6–1.8

C19:1cyc 1.37 2.41

Strains: (1) Strain BFH1 (data from this study); (2), Methylocaldum sp. O-12
(Eshinimaev et al., 2004); (3) Methylothermus thermalis MYHTT (Tsubota et al.,
2005); (4) Methylococcus capsulatus (data from Bowman et al., 1993); (5)
Methylomagnum ishizawai RD11D-PrT (Khalifa et al., 2015). Values are given as
a percentage of total fatty acids.
Significance of bold values: to compare major fatty acids among methane oxidizers.

to clones of uncultured bacteria from industrial sugarcane
bagasse feedstock piles (GenBank Accession No. HM362597,
HM262490, HM362577, HM362564, HM362458, HM362551,
HM362534–36, HM352524, HM352510; Rattanachomsri et al.,
2011). The closest isolated relatives were the thermophilic
methanotrophs Methylocaldum sp. dr65 (identity 97.6–99.7%)
and Methylocaldum sp. r6f (identity 97.6–99.7%), isolated
from landfill cover soils, Methylocaldum sp. E10a (identity
94.9–95.3%; Knief and Dunfield, 2005), and Methylocaldum sp.
05J-I-7 (identity 95.6%; GenBank Accession No. EU275146)
isolated from landfill upland soil. The strains BFH1 and BFH2,
however, formed a separate branch from Methylocaldum spp.,
which was supported by a high bootstrap value. Furthermore,
pairwise sequence analysis of 16S rRNA genes of BFH1
and BFH2 with the closest described relatives showed only

93.1–94.1% sequence identity to Methylocaldum species
(M. szegediense OR2T, M. gracile VKM 14LT, M. tepidum
LK6T, Methylocaldum marinum S8T), 92.0–92.7% to
Methyloparacoccus spp., 90.2-92.4% to M. capsulatus strain
Bath, 90–90.8% to Methylogaea oryzae E10T, 87.9–88.4% to
M. thermalis MYTHT and 88.0–88.2% to acid-tolerant type
I methanotrophic strain M200 (Supplementary Table S3).
This indicates that our strains most probably represent a new
genus of type I gammaproteobacterial methanotrophs. All 16S
rRNA phylogenetic trees, Neighbor-Joining tree (Figure 3),
Maximum-Likelihood tree (Supplementary Figure S2), and
Minimum-Evolution tree (Supplementary Figure S4), exhibited
the same topologies for strain BFH1 and BFH2, indicating that
they were not members of other described methanotrophic
genera in the families Methylothermaceae or Methylococcaceae.

BLASTp search of the PmoA amino acid sequence of the
strain BFH1, showed 94% identity to uncultured methanotrophic
clones from planted rice-field soil (GenBank Accession No.
CA098534, AGO14814, and AFL65442), activated sludge
(GenBank Accession No. BAG12175), and rice wetland
(CBI68832). The closest cultured relatives of BFH1 and
BFH2, based on PmoA sequences, were Methylocaldum spp.
(similarity 94.9–96.8%), Methyloparacoccus spp. (94.9%),
M. capsulatus strain Bath (93.7%), M. oryzae E10T (93.1%),
M. thermalis MYTHT (86.7%) and the acid-tolerant type I
methanotrophic strain M200 (87.3%; Supplementary Table
S3). Furthermore, partial PmoA based trees, Neighbor-Joining
tree (Figure 4), Maximum-Likelihood (Supplementary Figure
S3), and Minimum-Evolution (Supplementary Figure S5),
showed similar topology. It suggested that the isolates were well-
separated from other taxonomically described representatives of
type I methanotrophs.

BLASTp search of amino acid sequences of MxaF protein
from strains BFH1 and BFH2, showed highest identity
to Methylocaldum sp. 5FB and Methylocaldum sp. E10a
(96–96.6%), M. szegediense (94%), M. capsulatus (93.4%),
Methyloparacoccus murrellii strains R-49797T and OS501T

(92.2–92.6%), Methylomarinum vadi IT-4T and Methylovulum
miyakonense HT12T (88.5%) and Methyloglobus morosus
Kom1T (87.8%; Supplementary Table S4). CbbL sequences of
strains BFH1 and BFH2 showed closest relationship to the
methanotrophic bacteria M. capsulatus strain Bath (GenBank
Accession No. AF447860) and M. szegediense (GenBank
Accession No. WP_026609010) with 98.1 and 95.0% amino acid
sequence identity, respectively.

DISCUSSION

Through cultivation efforts, two novel moderately thermophilic
and acid-tolerant methane oxidizers, designated BFH1 and
BFH2, were isolated from a methane-rich slightly acidic tropical
topsoil habitat. The isolates were strictly aerobic and showed
methylotrophic growth with methane and methanol as sole
carbon and energy source. They showed optimal growth on LMA
medium, which was 10 times more diluted than AMS medium
and supplemented with NH4Cl.
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FIGURE 3 | 16S rRNA gene-based Neighbor-Joining tree showing the phylogenetic placement of strains BFH1 and BFH2 (indicated in bold) among
described gammaproteobacterial MOB. The tree was constructed using MEGA6 software package. Bootstrap values are based on 1000 resamplings. Bar, 0.02
substitutions per nucleotide position. The type II alphaproteobacterial methanotroph Methylocapsa acidiphila (AJ278726) was used as an outgroup. GenBank
accession numbers are given in front of the respective isolates name. The evolutionary distances were computed using the Kimura 2-parameter method and there
were a total of 1200 positions in the final dataset. Bootstrap values less than 50% are not shown.

Phylogenetic analysis of the 16S rRNA gene of the isolates
revealed that they may represent a new clade within the
family Methylococcaceae of the class Gammaproteobacteria, and
this phylogenetic inference was supported by the physiological
properties and chemotaxonomic analyses (Tables 1 and 2).
The strain BFH1 differed significantly from characterized
Methylocaldum spp. in major PLFA compositions, genomic
DNA mol% G+C content (>4% difference), pH growth
range (4.2–7.5 versus 6–8), and growth on methanol. The
isolates are moderately thermophilic, not thermotolerant or
true thermophilic, as they cannot grow above 65◦C. Recently,
a moderately thermoacidophilic methanotroph of the family
Methylothermaceae, Methylothermus subterraneus HTM55T, was
validly described and this bacterium is able to grow at
temperature up to 65◦C and at pH 5.2–7.5 (Hirayama et al.,
2011). Three moderately acidophilic strains M. paludis MG30,
M200 and M5, were the first isolates of type I methanotrophs
that were recovered from an acidic wetland and Sphagnum
peat bog, respectively (Kip et al., 2011; Danilova et al., 2013).
These strains are psychrotolerant or mesophilic methanotrophs
(temperature range 4–30◦C), and able to grow between pH
3.8 and 7.3. Strain M200 is most closely related to the
genus Methylovulum and probably represent a novel genus,

whereas strains M5 and M. paludis MG30 are affiliated
with the genus Methylomonas. However, these strains have
been isolated from temperate environments. A number of
type I methanotrophs of the family Methylococcaceae (genera:
Methylogaea and Methylomagnum; strains: BRS-K6 and GFS-
K6) from different tropical habitats (rice paddy fields and
methane seep pond sediments) have been described. They are
mesophilic (growth temperature range 8–37◦C), neutrophilic
(pH range 5–9) and non-thermotolerant (Geymonat et al., 2011;
Islam et al., 2015; Khalifa et al., 2015). However, isolates BFH1
and BFH2 showed typical moderately thermophilic features
(temperature range 30–60◦C), and they were growing at pH
values between 4.2 and 7, which indicates that they are most
probably acid-tolerant or slightly acidophilic methanotrophs.
This may reflect the isolates’ adaptation to the in situ pH and
temperature of the tropical habitat they were derived from.
Furthermore, pairwise distance analysis of the 16S rRNA gene
showed a relatively high sequence identity (>97.6%) with the
thermophilic methanotrophic isolates, Methylocaldum sp. dr65
and Methylocaldum sp. r6f, from landfill cover soils. The high
sequence identity of these isolates to strains BFH1 and BFH2
suggests that they may have common physiology and metabolism
properties.
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FIGURE 4 | PmoA Neighbor-Joining tree (based on predicted protein sequences) of the strains BFH1 and BFH2 related to other
Gammaproteobacterial methane oxidizing bacteria. GenBank accession numbers are given in front of the respective isolates name. Bootstrap values (1000
replicates) less than 50% are not shown. Bar, 0.1 substitutions per nucleotide position. The evolutionary distances were computed using the JTT matrix-based
method and there were a total of 140 positions in the final dataset. The type II Alphaproteobacterial methanotroph M. acidiphila (AJ278727) and a thermoacidophilic
verrucomicrobial methanotroph, Methylacidiphilum infernorum V4 PmoA3 (EU223855), were used as an outgroup. Evolutionary analyses were conducted in MEGA6.

Growth of the isolates was inhibited by acetylene, indicating
that functional methane oxidation enzymes were present,
whereas the naphthalene oxidation assay was negative, which
verified the absence of soluble methane monooxygenase. These
results are in accordance with those from other isolates of
thermophilic or thermoacidophilic methanotrophs (Dedysh,
2009; Op den Camp et al., 2009). The genes pmoA and
mxaF that encode key methane metabolism enzymes have been
used as phylogenetic markers for both alphaproteobacterial and
gammaproteobacterial methanotrophs. Detection of these genes
in the isolates suggests that they produce these key methane
oxidation enzymes. In addition, analyses of mmoX and Southern
hybridization results indicate that the isolates do not have genes
encoding the soluble methane monooxygenase. This gene is
generally found in mesophilic and thermotolerant MOB, but not
in moderately thermophilic or thermophilic MOB.

The major fatty acid in strain BFH was C16:0. This
fatty acid is a major component in gammaproteobacterial
thermophilic and thermotolerant (genera: Methylocaldum,
Methylothermus, Methylococcus) methanotrophs (22–65%),
whereas mesophilic and psychrotolerant type I methanotrophs
(genera: Methylomonas, Methylobacter, Methylomicrobium,
Methylosoma, Methylosphaera, Methylosarcina) contain
relatively low C16:0 concentrations (4–18%; Bowman et al.,
1997; Rahalkar et al., 2007; Kip et al., 2011). Exceptions are the
mesophilic genus Methylovulum (47%) of type I methanotrophs

(Iguchi et al., 2011), and the mesophilic genus Methylohalobius
(23%; Heyer et al., 2005). The unsaturated fatty acid, C16:1ω7c
was also found in strain BFH1. This fatty acid was not
reported in the thermotolerant and moderately thermophilic
genus Methylocaldum, whereas the thermotolerant genus
Methylococcus contained about 10–23%, and the thermophilic
genus Methylothermus had even lesser amounts (2–3.5%) of
this unsaturated fatty acid (Table 2). On the other hand and
interestingly, high amounts of this fatty acid (12–60%) are usually
found in cold-adapted type I methanotrophs (Rahalkar et al.,
2007; Kip et al., 2011; Deutzmann et al., 2014). Strain BFH1 also
contained relatively high amounts of C17:0cyc (cyclopropane) as
compared to other thermotolerant and thermophilic MOB. This
makes its fatty acid composition unique, which can be used as a
diagnostic feature, differentiating it from other methanotrophs.

In the present work, isolation of novel aerobic methanotrophs
from methane-rich tropical soil has been achieved. No
thermoacidophilic or acid-tolerant moderately thermophilic
MOB has been described previously in the order Methylococcales.
To the best of our knowledge, strains BFH1 and BFH2 are
the first acid-tolerant moderately thermophilic methanotrophs
of the class Gammaproteobacteria to be isolated. Therefore,
the description of these strains will increase our knowledge
of this ecophysiological group. The present study suggests
that methanotrophs such as strains BFH1 and BFH2 may
play a vital ecological role in methane-rich moderately acidic
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tropical habitats. They are obligate methylotrophs because
they can only grow on methane or methanol. Together with
Methylocaldum sp. dr65 and Methylocaldum sp. r6f they may
represent one or more new species in a novel genus in the
family Methylococcaceae. The new clade is probably diverse and
widespread, particularly in tropical topsoil habitats. Future whole
genome sequencing of the isolates together with biochemical
and physiological analyses are expected to afford important
insights into their ecophysiology and adaptation. The isolates
are possibly coupled to the biogeochemically related reactions,
and may provide evidences for controlling methane emissions
to the atmosphere from the tropical surface gas blowout areas
as well as evolutionary significance. The 16S rRNA, pmoA,
mxaF, and cbbL sequences may assist for further identification
of related methanotrophs from various habitats and show how
these microorganisms are widely distributed. However, this study
may improve our understanding of the methane oxidation
process in such methane-rich tropical ecosystems, and extend
our knowledge mainly based on studies of methanotrophs
from temperate environments, which for instance indicate that
enzymes involved in methane oxidation have average optimum
temperature at 25◦C (Aronson et al., 2013).
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Vertebrates, including amphibians, host diverse symbiotic microbes that contribute to

host disease resistance. Globally, and especially in montane tropical systems, many

amphibian species are threatened by a chytrid fungus, Batrachochytrium dendrobatidis

(Bd), that causes a lethal skin disease. Bd therefore may be a strong selective agent

on the diversity and function of the microbial communities inhabiting amphibian skin.

In Panamá, amphibian population declines and the spread of Bd have been tracked.

In 2012, we completed a field survey in Panamá to examine frog skin microbiota in

the context of Bd infection. We focused on three frog species and collected two skin

swabs per frog from a total of 136 frogs across four sites that varied from west to

east in the time since Bd arrival. One swab was used to assess bacterial community

structure using 16S rRNA amplicon sequencing and to determine Bd infection status, and

one was used to assess metabolite diversity, as the bacterial production of anti-fungal

metabolites is an important disease resistance function. The skin microbiota of the three

Panamanian frog species differed in OTU (operational taxonomic unit,∼bacterial species)

community composition and metabolite profiles, although the pattern was less strong for

the metabolites. Comparisons between frog skin bacterial communities from Panamá

and the US suggest broad similarities at the phylum level, but key differences at lower

taxonomic levels. In our field survey in Panamá, across all four sites, only 35 individuals

(∼26%) were Bd infected. There was no clustering of OTUs or metabolite profiles based

on Bd infection status and no clear pattern of west-east changes in OTUs or metabolite

profiles across the four sites. Overall, our field survey data suggest that different bacterial

communities might be producing broadly similar sets of metabolites across frog hosts

and sites. Community structure and function may not be as tightly coupled in these skin

symbiont microbial systems as it is in many macro-systems.

Keywords: amphibian, Batrachochytrium dendrobatidis, chytrid fungus, Kolmogorov-Smirnov measure,

microbiome, microbiota, structure-function relationship

INTRODUCTION

All animals serve as hosts to symbiotic microorganisms that, along with their genetic contributions,
constitute their microbiome. We have long understood that the microbes that reside in the gut are
diverse and are important in helping digest food. More recently, we have begun to appreciate the
incredible diversity of these symbiotic microbial communities and to recognize that they reside
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throughout the body (Cho and Blaser, 2012; Ursell et al., 2012).
The composition of these microbial communities can strongly
influence many facets of host health and disease resistance (Cho
and Blaser, 2012; Fierer et al., 2012; McFall-Ngai et al., 2013).
Our knowledge in this area is growing in large part because
of advances in molecular microbiology that now allow us to
study these complexmicrobial communities inmuchmore detail.
Culture-independent studies, while initially focused on revealing
diversity, now clearly indicate complex interactions in these
communities both among microbes and among microbes and
their host (McFall-Ngai et al., 2013; Boon et al., 2014;Manor et al.,
2014).

Recent work on amphibians provides an example of the role
that the natural microbiota may have in preventing disease.
Batrachochytrium dendrobatidis (Bd), a fungal pathogen first
isolated and described in 1999 (Longcore et al., 1999), causes the
potentially lethal skin disease, chytridiomycosis, in susceptible
amphibians. Bd has been associated with many amphibian
population declines in recent decades since it was first observed
in dead and dying frogs from both Central America and Australia
(Berger et al., 1998). The adaptive and innate immune systems,
and in particular the production of antimicrobial peptides in
amphibian skin, has an important role in preventing Bd infection
in some host species (McMahon et al., 2014; Rollins-Smith et al.,
2015). However, the skin of healthy amphibians is also host
to a diverse resident bacterial community (McKenzie et al.,
2012; Walke et al., 2014), and a number of these bacteria
can inhibit Bd growth (Harris et al., 2006; Flechas et al.,
2012; Bell et al., 2013; Becker et al., 2015b; Woodhams et al.,
2015). Inhibition is likely due to bacterially-produced secondary
metabolites inhibiting Bd zoospore colonization or development
(Brucker et al., 2008a,b; Becker et al., 2009; Lam et al., 2011; Bell
et al., 2013). In addition, experiments have demonstrated that a
supplemented protective microbiota can reduce morbidity and
mortality in some amphibians infected with Bd (Harris et al.,
2009), and that reduction of the cutaneous microbial community
can worsen disease outcomes (Becker and Harris, 2010). Several
recent experimental studies have also linked the structure of
the microbial communities on the skin with Bd exposure (Jani
and Briggs, 2014; Becker et al., 2015a) and infection outcome
(Becker et al., 2015a). These studies illustrate that Bd may affect
bacterial skin communities both by causing differential mortality
of bacterial species and by selecting for hosts with protective
bacterial communities.

Panamá has historically had one of the most diverse
assemblages of amphibians in the Neotropics (reviewed in
Jaramillo et al., 2010) and is one of the places where Bd was
first described (Berger et al., 1998). Since its initial discovery,
Bd has been moving eastward across Panamá (Lips et al.,
2006; Woodhams et al., 2008; Rebollar et al., 2014), and its
movement there has been closely monitored. As it has spread,
many Panamanian amphibian populations have been decimated
by Bd; at one highland site, 25 of 63 named amphibian species
(∼40%) disappeared following the arrival of Bd (Crawford et al.,
2010). However, not all amphibian species are susceptible to
chytridiomycosis (Smith et al., 2009; Crawford et al., 2010;
Kilburn et al., 2010), and even some populations of what were

assumed to be Bd-susceptible species in Panamá seem to be
persisting at some sites with the fungus (Hertz et al., 2012;
Perez et al., 2014). Many hypotheses have been put forward to
explain this variation, including differential immune responses
among species and variation in disease dynamics due to abiotic
factors, such as temperature and humidity, that differ across sites
(Blaustein et al., 2011, 2012; Venesky et al., 2014).

To explore the potential role of the skin microbiota in disease
resistance in free-living Panamanian frogs, we used a field survey
of three frog species across four sites on a west-east gradient in
Panamá, with Bd having arrived earlier (∼2006) at the western
site and later (∼2011) at the eastern site (Woodhams et al.,
2008; Rebollar et al., 2014). We first described the microbiota
of each frog host species. We then conducted a broader scale
comparison of the microbiota from Panamanian species with
that from three frog species from the eastern US, which have
a much longer history of coexistence with Bd (Ouellet et al.,
2005). Finally, we used the Panamá field survey dataset and
the prior knowledge of the distribution of Bd in Panamá to
examine the potential link between the structure of bacterial
skin symbiont communities and their function in Bd disease
resistance. We hypothesized that if Bd is a strong selective force
on these symbiont communities, we should see: (1) individuals
currently infected with Bd having different microbial community
structure (OTUs) and function (metabolite profiles) than non-
infected individuals, (2) changes in the microbial communities in
terms of alpha- and beta-diversity along this west-east gradient,
and less variance in metabolite profiles at sites with a longer
history of Bd exposure as selection for anti-fungal production
has occurred for a longer period of time, and (3) a stronger
correlation between OTU community structure and metabolite
production at sites with a longer history of Bd exposure.

MATERIALS AND METHODS

Panamá Field Survey: Sample Collection
In 2012, we sampled 2 or 3 species of frogs at each of
four sites in Panamá, for a total of 136 frogs (Table 1A).
Study sites spanned from central to eastern Panamá (Figure 1).
Sites, listed from west to east, were: Parque Nacional Altos
de Campana (Panamá Province), Parque Nacional Soberanía
(Panamá Province), the Mamoní Valley Preserve (Panamá
Province), and forest surrounding the community of NuevoVigía
(Darién Province). The elevation of the ponds and streams where
frogs were encountered ranged from 29 to 824m (Table 1A). All
animal use was approved by the Institutional Animal Care and
Use Committees of Virginia Tech and the Smithsonian Tropical
Research Institute, and was completed with permission from the
Autoridad Nacional del Ambiente in Panamá.

Two species of treefrogs (Family: Hylidae), Agalychnis
callidryas (red-eyed treefrogs) and Dendropsophus ebraccatus
(pantless treefrogs), were sampled at all four sites (A. callidryas:
N = 12–20 individuals/site; D. ebraccatus: N = 9–
15 individuals/site; Table 1A). Agalychnis callidryas and D.
ebraccatus are sympatric, breed in ponds and at each of the
four sites were sampled at the same pond. One additional

Frontiers in Microbiology | www.frontiersin.org October 2015 | Volume 6 | Article 1171  | 154

http://www.frontiersin.org/Microbiology
http://www.frontiersin.org
http://www.frontiersin.org/Microbiology/archive


Belden et al. Panamanian frog skin microbiota

TABLE 1 | Summary of frog species, dates, and sites sampled during field surveys in Panamá (A) and the United States (B) assessing the diversity of
bacterial communities on amphibian skin.

Species Site, province (Panamá) or pond, county/city (US) Elevation (m) Sample size (A/J) SVL (cm) mean, sd Mass (g) mean, sd

(A) PANAMÁ

Agalychnis callidryas

12 Sept 2012 Parque Nacional Altos de Campana, Panamá 824 15 (15/0) 4.7, 0.4 4.3, 1.9

29 Aug 2012 Parque Nacional Soberania, Panamá 50 15 (15/0) 4.8, 0.6 4.7, 2.7

9–11 July 2012 Mamoni Valley Preserve, Panamá 191 20 (20/0) 4.6, 0.5 4.1, 1.7

27 Sept 2012 Nuevo Vigia, Darien 29 12 (12/0) 4.6, 0.5 4.1, 1.6

Craugastor fitzingeri

30 Aug and 6 Sept 2012 Parque Nacional Soberania, Panamá 64 14 (10/4) 3.5, 1.0 3.9, 2.6

12 July 2012 Mamoni Valley Preserve, Panamá 245 7 (4/3) 2.5, 0.3 1.1, 0.3

Dendropsophus ebraccatus

12 Sept 2012 Parque Nacional Altos de Campana, Panamá 824 15(15/0) 2.9, 0.2 1.3, 0.4

29 Aug 2012 Parque Nacional Soberania, Panamá 50 14 (14/0) 2.6, 0.3 1.0, 0.5

9–11 July 2012 Mamoni Valley Preserve, Panamá 191 9 (9/0) 2.7, 0.1 1.0, 0.1

25 Sept 2012 Nuevo Vigia, Darien 29 15 (15/0) 2.9, 0.3 1.2, 0.4

(B) UNITED STATES

Anaxyrus americanus

20 March 2012 Craig Creek Road, Craig 526 9 (9/0)

Lithobates catesbeianus

4 April 2012 Station Pond, Giles 1176 9 (2/7)

2 May 2012 Pandapas Pond, Montgomery 683 9 (3/6)

2 April 2012 Peaks View Park, Lynchburg City 200 8 (5/3)

1 April 2012 Reedy Creek, Richmond City 23 9 (0/9)

Pseudacris crucifer

4 April 2012 Sylvatica Pond, Giles 1181 9 (9/0)

8 March 2012 Pandapas Pond, Montgomery 683 9 (9/0)

2 April 2012 Food Lion, Campbell 269 7 (7/0)

1 April 2012 James River Wetland, Richmond City 51 9 (9/0)

Site elevation and sample characteristics are also summarized, as available, including sample size [total number of individuals as well as the number of adults (A), and juveniles (J)]; snout

vent length in centimeters (SVL; mean and standard deviation of all individuals); and mass in grams (mean and standard deviation of all individuals).

species, Craugastor fitzingeri (Fitzinger’s robber frogs, Family:
Craugastoridae), was only encountered, and thus sampled, at two
of the four sites (N = 7 and 14 individuals/site; Table 1A).
Craugastor fitzingeri was found along the margins of a stream at
both sites where this species was sampled.

We sampled the amphibians’ skin bacterial community
diversity and metabolite profiles by swabbing the surface of the
skin, and we determined if individuals were infected with the
fungal pathogen, B. dendrobatidis (methods and individual Bd
results are reported in Rebollar et al., 2014). To sample frogs,
we captured them by hand, using new nitrile gloves for each
individual. Individuals that could not be swabbed immediately
were placed in sterile Whirl-Pak R© bags (Nasco, Fort Atkinson,
WI, USA) for a maximum of 30min prior to swabbing. Before
swabbing, we rinsed each frog by pouring ∼50ml of sterile
deionized water over its body to remove any dirt and transient
bacteria (Walke et al., 2014). Each individual was swabbed
twice: first, to sample the cutaneous bacterial community and
second, to sample metabolites. We sampled the cutaneous
bacterial community using sterile rayon swabs (MW113, Medical
Wire Equipment & Co. Ltd., Corsham, UK). We then used

polyurethane-tipped swabs to assess metabolite profiles (14-
960-3J, Fisher Scientific). Prior to use, all polyurethane swabs
were pre-treated to remove methanol-soluble impurities by twice
rinsing the swab in methanol and then allowing it to dry fully
under sterile conditions in the laboratory (Umile et al., 2014).
To standardize swabbing across individuals, we swabbed the
ventral surface 20 times, each thigh 5 times, and each hind
foot 5 times for a total of 40 strokes/swab type/individual. We
recorded each individual’s life stage (adult or juvenile), snout vent
length, and mass before releasing the animal at the site of capture
(summarized in Table 1A). We placed all swabs in sterile, empty
1.5mL microcentrifuge tubes and stored them on ice or liquid
nitrogen in the field. The swabs were then transferred them to a
−80◦C freezer in the laboratory until further processing.

Panamá Field Survey: Bacterial Community
Structure
Relative abundance of OTUs based on 16S rRNA gene amplicon
sequencing was used to assess bacterial community structure on
the skin. DNA from the bacterial sampling swabs was extracted
using the DNeasy Blood and Tissue Kit (Qiagen, Valencia CA,
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FIGURE 1 | Map of Panamá showing sampled field sites (numbered circles) and the frog species sampled at each location (colored circles: red,
Agalychnis callidryas; gold, Dendropsophus ebraccatus; blue, Craugastor fitzingeri) during a field survey assessing the diversity of bacterial
communities on amphibian skin. The three species of amphibians we sampled have persisted with the fungal pathogen, Batrachochytrium dendrobatidis, for

different lengths of time across the four sampled sites, numbered one to four from west to east (i.e., longest at Cerro Campana and shortest at Nuevo Vigia;

Woodhams et al., 2008; Rebollar et al., 2014).

USA, Cat. 69506) according to manufacturer’s protocol and
including an initial lysozyme incubation step for 1 h at 37◦C.
DNA was eluted in a final volume of 100µl, and was then used as
template to detect Bd infection intensity and prevalence through
qPCR as previously reported (Rebollar et al., 2014). In parallel,
another portion of the DNA was used as a template for amplicon
sequencing using barcoded primers targeting the V4 region of the
16S rRNA gene with primers 515F and 806R (Caporaso et al.,
2012). The reverse PCR primer was barcoded with a 12-base
error-correcting Golay code to allow for multiplexing of samples,
and also contained sequencing adapter regions. PCR reactions
contained 13µL molecular grade PCR water, 10µL 5 Prime Hot
Master Mix, 0.5µL each of the forward and reverse primers
(10µM final concentration), and 1.0µL genomic DNA. PCR
conditions were: denaturation step 3min at 94◦C, amplification
step for 35 cycles for 45 s at 94◦C, annealing for 60 s at 50◦C,
extension 90 s at 72◦C, and a final extension of 10min at 72◦C.
PCR was done in triplicate, pooled, checked for integrity in
a 1% agarose gel and quantified in a QuantiFluor-ST using a
florescent dye specific for dsDNA (Promega, Madison WI, USA,
Cat. E6090 and Cat. E2670). Each set of 66 samples was pooled
by adding 300 ng of DNA from each set of PCR products.
Each pooled sample was then cleaned using the QIAquick
PCR purification kit (Qiagen, Valencia CA, USA, Cat. 28104).
The pooled samples were sent for 250PE Illumina amplicon
sequencing at the Dana Farber Cancer Research Institute at
Harvard University, Boston, MA.

Raw Illumina 16S rRNA amplicon data files were joined
using Fastq-join v. 0.1 (Aronesty, 2011). Joined sequences (length

restricted to 250–256 bp) were then processed and quality
filtered using the QIIME pipeline (Caporaso et al., 2010b). We
used the default settings for demultiplexing with the following
exceptions: we allowed for no errors in the barcode, we increased
the maximum number of consecutive low quality base calls
allowed before truncating a read (r) to 10, and we decreased
the minimum number of consecutive high quality base calls
to include a read (p) to 0.5. Sequences were assigned to
operational taxonomic units (OTUs) based on 97% sequence
similarity using the UCLUSTmethod (Edgar, 2010). To represent
each OTU, we used the most abundant sequence from each
cluster. Representative sequences were aligned to the Greengenes
13_5 reference database (DeSantis et al., 2006) using PyNAST
(Caporaso et al., 2010a). Taxonomy was assigned using the RDP
classifier (Wang et al., 2007). We removed OTUs with fewer
than 0.001% of the total number of reads, which in this dataset
was those with fewer than 112 reads (Bokulich et al., 2013).
Sequencing depth per sample ranged from 7067 to 211,411 reads,
so we rarefied all samples to a sequencing depth of 7000. Two
samples for which there was no corresponding metabolite data
were also excluded. The final dataset consisted of 3492 OTUs
across 136 samples (62 from A. callidryas, 53 from D. ebraccatus,
and 21 from C. fitzingeri). 16S rRNA amplicon sequences were
deposited in the NCBI Sequence Read Archive (SRA study
accession number: SRP062596).

Panamá Field Survey: Metabolite Profiles
Metabolite profiles were considered a “fingerprint” of the
metabolites present on the skin of each frog. Our methods
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focused on non-polar, small (<600m/z) metabolites that are
likely to be produced by bacteria, as opposed to host compounds,
such as anti-microbial peptides. We do not know which
metabolites that comprise the profile are inhibitory to Bd, but
we expect the presence of Bd to select for bacteria that produce
metabolites that are inhibitory. For metabolite profile analysis,
swabs were shipped frozen to Villanova University. To extract
metabolites, 1.0mL of HPLC-grade methanol was added to each
swab in its tube. The tubes were capped and vortexed for 5 s,
allowed to sit for 10min, and then vortexed a second time.
The swab tip was then removed using forceps. The methanolic
extract was slowly filtered into another centrifuge tube using
13mm syringe filters (0.2µmPTFEmembrane, VWR) to remove
any insoluble environmental material. Before use, syringes (1mL
HSW Norm-Ject R© disposable syringe) and filters were pre-
washed by taking up 1mL of methanol in the syringe and slowly
passing it through the filter. Filtered extracts were evaporated
in vacuo using a DNA120 SpeedVac with the heating function
turned off.

Dried metabolite extracts were reconstituted in 100µL of
methanol containing 1 ppm naphthalene (as internal standard).
The reconstituted extracts were analyzed by reversed-phase, high
performance liquid chromatography (HPLC, 25µL injection)
using a Shimadzu LC-20 liquid chromatograph equipped with
an ACE C18 column (3µm, 150 × 4.6mm), a Shimadzu
SPD-M20A diode array detector, and an Applied Biosystems
SCIEX API 2000 triple quadrupole mass spectrometer (operating
in positive electrospray ionization mode). Compounds were
separated with a binary mobile phase flowing at 0.5mL min−1

consisting of acidified water (0.1% formic acid, v/v; Solvent
A) and acidified acetonitrile (0.1% formic acid, v/v; Solvent
B). The gradient was as follows: 10% B (2min hold) ramped
to a final mobile phase concentration of 100% B over 18min
(5min hold). Total Wavelength Chromatograms (TWC) of
field samples were compared against the TWC of extracted,
unused and washed swabs (controls) and also blank, methanol
injections. These methods best detect small hydrophobic
molecules, such as alkaloids, and therefore do not capture
larger and/or more polar molecules, such as antimicrobial
peptides.

The retention times of all detected compounds (peaks)
were normalized to that of the naphthalene internal standard
(20.69min). The retention time of each chromatographic feature
was determined by manually integrating each peak in the
TWC using Applied Biosystems Analyst software V.1.5.1. This
data set was further manually revised to reduce its size
by accounting for slight variations in retention time across
multiple samples and focusing on major chemical components.
First, compounds that eluted with retention times ± 0.03min
across all samples were investigated for UV-Vis chromophores
(λmax) and positively-charged ions. Those compounds with
both similar retention times and identical spectroscopic features
were pooled and assigned as a single compound. Next,
unique compounds only detected in a single sample were
disregarded as noise. Finally, all features that had a peak area
of less than 3000mAU × min were disregarded as minor
components.

Comparison of the Diversity of Skin
Microbial Communities of Amphibians
from Panamá and the US
We compared the diversity of the skin bacterial communities
of the three species from Panamá to three species from the
US that co-occur with Bd: Lithobates catesbeianus (American
bullfrogs, Family: Ranidae), Pseudacris crucifer (spring peepers,
Family: Hylidae), and Anaxyrus americanus (American toads,
Family: Bufonidae). L. catesbeianus occupies aquatic habitat and
typically breeds in permanent water bodies. Both P. crucifer
and A. americanus occupy terrestrial habitat as adults but breed
in a variety of aquatic habitats ranging from permanent to
ephemeral. The three US species were sampled between March-
May 2012 at several ponds in Virginia, USA, using the same
methods as the present study (Table 1B; Walke et al., 2015;
Belden et al., unpublished data). From Panamá, we included
all four populations of A. callidryas and D. ebraccatus, as
well as the two populations of C. fitzingeri. From the US, we
included four populations of L. catesbeianus and P. crucifer,
and one population of A. americanus. To standardize sample
sizes, if more than nine individuals were sampled, we randomly
chose nine individuals from each population to include in the
analysis. Three populations had fewer than nine individuals:
one C. fitzingeri population (N = 7), one P. crucifer
population (N = 7), and one L. catesbeianus population
(N = 8).

Demultiplexed sequences for all individuals from Panamá
and the US were combined into a single.fasta file for OTU
assignment, taxonomy assignment, and quality filtering. We
used the same methods as above, except, for this dataset, we
(a) removed OTUs with fewer than 289 reads based on the
recommended 0.001% cutoff (Bokulich et al., 2013), and (b)
all samples were rarefied to a sequencing depth of 10,000
sequences/sample.

Statistical Analysis
Overview of Statistical Approach
We first completed a general descriptive analysis of our field
survey data. This consisted of general summaries of OTU and
metabolite diversity of the three host species we studied. In
addition, as we found species level differences in OTUs, we
assessed what OTUs were responsible for those differences using
a novel analysis, the Kolmogorov-Smirnov (K-S) Measure. We
also compared alpha- and beta-diversity of bacterial communities
from the three Panamanian frog species with samples from
three frog species in Virginia, USA, which have likely had a
much longer history with Bd (Ouellet et al., 2005). As there
were clear differences between frogs from the two regions, we
identified some of the key OTUs driving those differences. Then,
we used our field survey dataset to assess our specific hypotheses
regarding the structure (OTUs) and function (metabolites) of the
skin communities on individuals with and without Bd and across
the west-east gradient of sites in Panamá that varied in the length
of time since Bd arrival. All analyses were run in R (R Core Team,
2014).
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OTU and Metabolite Diversity on Amphibians from

Panamá
We tested for differences in alpha-diversity of OTUs across
species using richness, estimated as the number of unique
OTUs/individual, and Faith’s phylogenetic diversity. We
evaluated community structure in terms of dominance/evenness
using the Simpson index (Haegeman et al., 2013). The Simpson
index varies between 0 and 1, with values closer to 0 indicating
a more even community and values closer to 1 indicating a
community dominated by fewer species. We also tested for
differences in metabolite richness, estimated as the number of
unique metabolites/individual, across species. OTU richness,
OTU phylogenetic diversity, and metabolite richness were fit
using linear mixed models (package lme4, Bates et al., 2014).
The Simpson Index was fit using mixed effect beta regression
models (package glmmADMB; Fournier et al., 2012; Skaug
et al., 2014). For linear and generalized linear mixed models,
we included “site” as a random effect to account for nestedness
of samples from the same site. We report “adjusted means”
for alpha-diversity measures in the results section that account
for the random effects. To estimate P values of factors (e.g.,
species), we used likelihood ratio tests to compare nested
models of increasing simplicity (Zuur et al., 2009). If analyses
indicated significant differences among species, we conducted
pairwise comparisons to determine which species were similar
or different from one another. For linear mixed models, we used
Tukey’s Honest Significant Different tests to correct for multiple
comparisons (function ghlt, package multcomp; Hothorn et al.,
2008). This option was not available for the mixed effect beta
regression models. Therefore, to determine which species were
similar or different from one another, we reran the model
on subsets of the dataset representing each pairwise species
comparison. For analyses here and below, OTU richness and
phylogenetic diversity were log-transformed to better meet
assumptions of normality.

For beta-diversity, we tested whether variation in OTU
community structure and metabolite profiles could be explained
by species using permutational multivariate analysis of variance
(PERMANOVA, Anderson, 2001) using the function adonis
in the vegan package (Oksanen et al., 2013). Separate tests
were run for OTUs (relative abundance) and metabolite profiles
(presence/absence), and in each case we accounted for the
sampling site in the models using the “strata” argument in
the adonis function in R. Metabolite profiles were assessed
based on presence/absence because the nature of our HPLC-
MS method did not allow us to determine relative abundance of
the different metabolites on individual frogs. Community data
were transformed to distance matrices based on Bray–Curtis
and Jaccard dissimilarities for the OTU and metabolite datasets,
respectively. If species effects were significant, we conducted
pairwise comparisons using PERMANOVA to determine which
species were different from one another. To visualize these
results, we used nonmetric multi-dimensional scaling (NMDS).

To identify the OTUs driving the variation among the three
frog species (K = 3), we used a variable screening technique
called the K-S measure (Loftus et al., 2015). As discussed in
Loftus et al. (2015), other approaches are available to isolate

important OTUs, including Sure Information Screening (Fan
and Lv, 2008), LASSO (Tibshirani, 1996), and Indicator Species
Analyses (Da Caceres et al., 2010), however such methods rely
on strong analytical assumptions and/or do not apply directly
to a multinomial response. Thus, to relax analytical assumptions
and assess the relationship between OTUs and frog species
(a multinomial response), we use the K-S measure. The K-S
measure is an extension of the K-S test statistic (Kolmogorov,
1933; Smirnov, 1936). The original K-S test statistic assesses
the difference (or lack thereof) in K = 2 distributions based
on the largest absolute distance between empirical distribution
functions (e.g., Figures 2A,B); an empirical distribution function
is an observed cumulative distribution function. As an extension
of the K-S statistic, the K-S measure simultaneously assesses
differences in K > 2 distributions, using the weighted sum of
the K-S statistics for all pairwise comparisons of distributions
defined by K groups. The weights are proportional to the number
of observations used to calculate each K-S statistic. In this case,
to determine the OTUs driving the variation between our K = 3
Panamanian frog species, the K-S measure for each OTU was
calculated as the weighted sum of the three (3 choose 2) K-S
test statistics: (1) comparing A. callidryas to D. ebraccatus, (2)
comparing A. callidryas to C. fitzingeri, and (3) comparing D.
ebraccatus to C. fitzingeri.

The K-Smeasure ranges from 0 to 1, where values closer to one
imply a greater difference between the K distributions than values
closer to zero. K-S measures were calculated for each OTU in our
field survey dataset, and the values were plotted in descending
order (Figure 2C). We used a natural break in the K-S measures
detected after the 46th value as an initial cutoff for OTUs to retain
(Loftus et al., 2015). This subset of OTUs was then placed into a
multinomial regression model in which species was the response
and the selected OTUs were the covariates, and we eliminated
an additional 5 of the 46 OTUs that were not significant at a
level of P = 0.05 for any level of the response. To evaluate
how well the final subset of 41 OTUs identified the three species,
we used a holdout cross-validation procedure, working with a
training sample of 68 randomly chosen frogs, which left a holdout
testing sample size of 68 frogs. Of the 68 frogs in the holdout set,
we found that the subset of 41 OTUs correctly classified 27/31
A. callidryas, 10/10 C. fitzingeri, and 20/27 D. ebraccatus.

Comparison of the Diversity of Skin Microbial

Communities of Amphibians from Panamá and the

US
We tested for differences in alpha diversity across zones
(temperate or tropical) using linear and mixed effect beta
regression models as above (linear models for richness and
phylogenetic diversity; mixed effect beta regression for Simpson
Index). However, when testing for differences between zones,
we included a random effect of “site” nested within “species” to
account for nestedness of samples of the same species from the
same sites.

We assessed if variation in beta diversity was explained by
zone using PERMANOVA. We also tested for homogeneity of
group dispersions. Community data were converted to distance
matrices based on Bray–Curtis dissimilarities. Beta diversity was
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FIGURE 2 | Example of how the K-S test statistic is determined and K-S measures plotted in descending order for species and zone analyses. (A) The
relative abundance distributions of a single bacterial OTU across two groups: temperate amphibians (solid line) vs. tropical amphibians (long dash). (B) The K-S test

statistic assesses the difference between the two distributions based on the largest absolute distance between empirical distribution functions (short dash). The

empirical distribution function is an observed cumulative distribution function, where, in this case, the y-axis represents the proportion of observations less than or

equal to a given relative abundance on the x-axis. (C) K-S measures for each OTU plotted in descending order for species analysis. (D) K-S measures for each OTU

plotted in descending order for zone analysis.

visualized using NMDS. We then used the K-S measure as
described above to determine OTUs that distinguished tropical
skin microbiomes from temperate ones. OTUs were sorted in
descending order by their K-S measures (Figure 2D), which in
this case were equivalent to the K-S statistics because there were
only two groups (K = 2). We determined a natural cutoff after
31 OTUs. This subset of 31 OTUs perfectly split the tropical
and temperate samples when plotted using NMDS (using Bray–
Curtis dissimilarities).We explored reducing this number further
through multinomial regression, but three of the 31 OTUs only
appeared in one of the two zones. This posed a problem for
further analysis; a logistic regression model is unidentifiable
when including these three OTUs.

Impact of Bd on Amphibian Microbiome Structure

and Function: Hypothesis Tests

Bd infection status
We hypothesized that on individual frogs actively infected
with Bd, we would see shifts in the structure and function
of the skin microbiome relative to uninfected individuals. To

assess if Bd infection status was associated with changes in
alpha diversity, we tested for a difference in OTU richness,
OTU phylogenetic diversity, and metabolite richness across Bd
infected and uninfected individuals using linear mixed models,
including a random effect of “site” nested within “species” to
account for nestedness of samples of the same species from the
same site. To assess whether Bd infection status (infected or
not) was associated with changes in OTU community structure
or metabolite profiles on individuals, we used PERMANOVA,
including a “species × site” term with the strata argument in
the adonis model to account for species and site level effects. To
assess whether Bd infection decreased variation in community
structure or metabolite profiles (i.e., there is strong selection
for anti-fungal metabolite production and the taxa that produce
them), we tested for homogeneity of group dispersions based on
Bd infection status using the function betadisper in the vegan
package (Anderson, 2006; Anderson et al., 2006). Betadisper
analyses for OTUs (relative abundance) and metabolite profiles
(presence/absence) were conducted separately, but, for each of
these datasets, using the data for all three species combined. Prior
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to analysis, OTU and metabolite data were converted to distance
matrices based on Bray–Curtis and Jaccard dissimilarities,
respectively. To visualize these results, we used NMDS.

Bd arrival time across sites
There is evidence that Bd has moved across Panamá from west
to east (Lips et al., 2006). Bd was detected near our western
most site in January 2007 and is thought to have arrived there
in ∼2006 (Woodhams et al., 2008). It most likely arrived in
our eastern most site in ∼2011 (Rebollar et al., 2014), although
the precise dates are not known. We hypothesized that this
gradient of arrival time should be correlated with aspects of the
structure (OTUs) and function (metabolite profiles) of the skin
microbiome along the gradient. To test this, we focused on the
two treefrog species that were sampled at all four of our sites.
For each of these species, we assessed variation in OTU richness,
Faith’s phylogenetic diversity, and metabolite richness relative to
site using linear models. We assessed variation in Simpson Index
using beta regression models (package betareg; Cribari-Neto and
Zeileis, 2010). If analyses indicated significant differences among
sites, we conducted post-hoc comparisons, as outlined above for
species comparisons, to determine which sites were similar or
different from one another. We also assessed changes in OTU
community structure and metabolite profiles across this gradient
using PERMANOVA. Finally, to test whether the presence of
Bd decreases variation in structure and function over time, we
assessed homogeneity of group dispersions (function betadisper)
in OTU community structure and metabolite profiles along the
gradient.

Structure-Function links and Bd arrival time
We hypothesized that longer-term presence of Bd at a site would
drive a stronger correlation between structure and function of
the amphibian skin microbiota as selection for strong anti-
fungal producing bacterial species occurs over time. Therefore,
we expected to see a tighter correlation betweenOTU community
structure and metabolite profiles at our western sites. To assess
this, we used Mantel tests to determine if there were correlations
between OTU diversity and metabolite diversity for each treefrog
species. OTU and metabolite data were converted to Bray–Curtis
and Jaccard dissimilarities, respectively. We then compared the
strength of the correlation (i.e., the Mantel statistic) across the
four sites along our west-east gradient.

RESULTS

OTU and Metabolite Diversity on
Amphibians from Panamá
We identified 3138 OTUs from A. callidryas (N = 62 frogs),
2704 OTUs from D. ebraccatus (N = 53 frogs), and 2667 OTUs
from C. fitzingeri (N = 21 frogs), based on our 16S rRNA
amplicon sequencing. Prominent phyla included Proteobacteria,
Actinobacteria, Firmicutes, Bacteroidetes, Cyanobacteria,
Verrucomicrobia, and Acidobacteria (Figure 3A).

Alpha diversity differed among the three species, with
C. fitzingeri harboring the most diverse communities of bacteria
in terms of richness (Chisq = 57.3, P < 0.001; post-
hoc comparisons, A. callidryas–D. ebraccatus, P = 0.002;

FIGURE 3 | Mean relative abundance of bacterial phyla present on the skin of (A) three frog species surveyed in Panamá in 2012 (Agalychnis
callidryas, Dendropsophus ebraccatus, Craugastor fitzingeri; this study) and (B) a subset of individuals of each of the three frog species surveyed in
Panamá compared to three frog species surveyed in Virginia, USA (Anaxyrus americanus, Lithobates catesbeianus, Pseudacris crucifer; Walke et al.,
2015; Belden et al. unpublished data).
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A. callidryas–C. fitzingeri, P < 0.001; D. ebraccatus–C. fitzingeri,
P < 0.001; unique OTUs/individual, adjusted mean ± sd:
A. callidryas, 364 ± 129; D. ebraccatus, 290 ± 57; C. fitzingeri,
594 ± 202) and phylogenetic diversity (Chisq = 32.4, P <

0.001; post-hoc comparisons, A. callidryas–D. ebraccatus, P =

0.04; A. callidryas–C. fitzingeri, P < 0.001; D. ebraccatus–C.
fitzingeri, P < 0.001; phylogenetic diversity, adjusted mean± sd:
A. callidryas, 15.9 ± 5.1; D. ebraccatus, 13.7 ± 3.1; C. fitzingeri,
22.6 ± 5.3). Although diverse, the bacterial communities of all
three species were typically uneven and dominated by a small
number of OTUs (Simpson, adjusted mean ± sd: A. callidryas,
0.87 ± 0.07; D. ebraccatus, 0.88 ± 0.05; C. fitzingeri, 0.81 ±

0.08). However, relative to A. callidryas and D. ebraccatus, the
communities of C. fitzingeri tended to be more even (as evaluated
by Simpson Index; Chisq = 7.9, P = 0.02; post-hoc comparisons,
A. callidryas–D. ebraccatus, P = 0.86; A. callidryas–C. fitzingeri,
P = 0.06; D. ebraccatus–C. fitzingeri, P = 0.03).

On average, the top three OTUs in terms of relative
abundance accounted for about 50% of the total relative
abundance on a given frog (range 9–70%). A comparison
of the top three OTUs present on every individual of each
species revealed one OTU that dominated the communities of

all three species (X394796, Proteobacteria: Pseudomonadaceae;
dominant on 88% of individuals; relative abundance/species:
mean ± sd: A. callidryas, 15 ± 10%, D. ebraccatus, 12
± 9%, C. fitzingeri, 32 ± 12%). Two additional OTUs
were dominant in the communities of A. callidryas and
D. ebraccatus (X4451011, Proteobacteria: Pseudomonadaceae
dominant on 85 and 79% of individuals of A. callidryas and
D. ebraccatus, respectively; relative abundance/species: mean ±

sd: A. callidryas, 12 ± 7%, D. ebraccatus, 13 ± 8%; X235695,
Actinobacteria: Cellulomonadaceae dominant on 42 and 57%
of individuals of A. callidryas and D. ebraccatus, respectively;
relative abundance/species: mean ± sd: A. callidryas 17 ± 19%,
D. ebraccatus 20± 18%). By contrast,C. fitzingeri harbored a high
abundance of two different OTUs (X4473756, Actinobacteria:
Cellulomonadaceae dominant on 76% of individuals; relative
abundance, mean ± sd: 7 ± 3% and X1139932, Proteobacteria:
Xanthomonadaceae dominant on 67% of individuals; relative
abundance, mean± sd: 6± 2%).

Based on NMDS ordination, there were differences in
OTU community structure among the three frog species when
accounting for site (Figure 4A, NMDS stress: 0.11, Adonis
pseudo = 12.92, R2 = 0.16, P = 0.001; post-hoc comparisons,

FIGURE 4 | Beta diversity of bacterial communities (OTUs) (left column) and bacterially-produced metabolite profiles (right column) sampled from the
skin of three frog species from Panamá, grouped by frog species (A,B, red, Agalychnis callidryas; gold, Dendropsophus ebraccatus; blue, Craugastor
fitzingeri) and the frog’s infection status (C,D, white, infected; black, not infected) by the fungal pathogen, Batrachochytrium dendrobatidis. NMDS

ordinations are based on Bray–Curtis and Jaccard dissimilarities for OTUs and metabolites, respectively. Each point represents a single individual.
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A. callidryas–D. ebraccatus Adonis pseudo = 2.43, R2 = 0.02,
P = 0.008; A. callidryas–C. fitzingeri Adonis pseudoF = 20.4,
R2 = 0.20, P = 0.001; D. ebraccatus–C. fitzingeri Adonis
pseudoF = 23.2, R2 = 0.24, P = 0.001). K-S measures of the
final set of 41 species-defining OTUs ranged from 0.40 to 0.60
(Table 2). Samples of C. fitzingeri were clearly distinguishable
based on these OTUs; many K-S-defined OTUs that commonly
occurred in high abundance in samples of C. fitzingeri were
rare on the two treefrogs, and vice versa (i.e., OTUs that were

rare on C. fitzingeri were abundant on the treefrogs; Figure 5).
Differences between the treefrogs were more subtle. Exceptions
include an OTU in the family Alcaligenaceae (X820379), found
almost exclusively on A. callidryas, and an unclassified OTU in
the candidate phylum GN02 (denovo129256) that was abundant
in samples of D. ebraccatus (Figure 5).

We identified a total of 163 unique metabolites from the
skin of our three frog species from Panamá (total number of
metabolites/species: A. callidryas, 135; D. ebraccatus, 120; C.

TABLE 2 | K-S Measures and taxonomic information for 41 OTUs that best defined the differences in skin bacterial community structure of three frog
species from Panamá: Agalychnis callidryas, Dendropsophus ebraccatus, and Craugastor fitzingeri.

OTU K-S measure Phylum Class Order Family Genus

X4473756 0.60 Actinobacteria Actinobacteria Actinomycetales Cellulomonadaceae Unclassified

X926370 0.59 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas

X845178 0.59 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Unclassified

X71872 0.59 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Comamonas

X268968 0.59 Proteobacteria Betaproteobacteria Burkholderiales Alcaligenaceae Achromobacter

X4378239 0.58 Actinobacteria Actinobacteria Actinomycetales Sanguibacteraceae Sanguibacter

X4451011 0.58 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Unclassified

X563957 0.58 Proteobacteria Alphaproteobacteria Rhizobiales Brucellaceae Unclassified

X107523 0.58 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X4469492 0.55 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X4453998 0.55 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X429048 0.55 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Unclassified

X1139932 0.55 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Unclassified

X4449458 0.55 Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter

X3979725 0.54 Actinobacteria Actinobacteria Actinomycetales Unclassified Unclassified

X7821 0.52 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Stenotrophomonas acidaminiphila

X817507 0.52 Proteobacteria Alphaproteobacteria Rhizobiales Brucellaceae Unclassified

X394796 0.52 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava

X820379 0.51 Proteobacteria Betaproteobacteria Burkholderiales Alcaligenaceae Unclassified

X1109251 0.50 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas

X410048 0.49 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas

X3167757 0.48 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X2685602 0.47 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X2360704 0.46 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X4432930 0.45 Acidobacteria [Chloracidobacteria] RB41 Ellin6075 Unclassified

X4422388 0.45 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Unclassified

X748412 0.44 Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Agrobacterium

X4370747 0.44 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava

denovo50614 0.43 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

denovo5853 0.43 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Unclassified

X2458172 0.43 Proteobacteria Alphaproteobacteria Rhizobiales Brucellaceae Ochrobactrum

X72153 0.42 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Unclassified

denovo64223 0.42 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Unclassified

X1119668 0.42 Proteobacteria Alphaproteobacteria Rhizobiales Hyphomicrobiaceae Devosia

X254649 0.42 Actinobacteria Actinobacteria Actinomycetales Cellulomonadaceae Unclassified

X269930 0.42 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas veronii

denovo129256 0.42 GN02 BD1-5 Unclassified Unclassified Unclassified

X4373617 0.41 Proteobacteria Gammaproteobacteria Xanthomonadales Sinobacteraceae Unclassified

X4452118 0.41 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X4333206 0.40 Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Agrobacterium

X813954 0.40 Proteobacteria Alphaproteobacteria Rhizobiales Hyphomicrobiaceae Devosia

The K-S Measure ranges from 0 to 1, where values closer to one imply a greater difference between the K distributions than values closer to zero. OTUs are listed in order of descending

K-S Measure. Most OTUs were unclassified at the species level; if species information was available, it is listed along with the genus in the Genus column.
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FIGURE 5 | Relative abundance of 41 OTUs selected based on K-S measures that best defined the differences in skin bacterial community structure
of three frog species from Panamá (left, Agalychnis callidryas; right, Dendropsophus ebraccatus; center, Craugastor fitzingeri). OTU relative

abundances ranged from 0 to 0.32. Lighter shades indicate lower relative abundances (white relative abundance = 0) and darker shades indicate higher relative

abundances (darkest relative abundance = 0.32). OTUs are ordered top to bottom based on K-S measures (see Table 2 for exact values and additional taxonomic

information for each OTU).

fitzingeri, 105) based on the HPLC-MS analysis. Metabolite
richness differed across the three species (Chisq= 6.3, P = 0.04).
Richness values were on average highest for A. callidryas and
lowest for D. ebraccatus (post-hoc comparisons: A. callidryas–
C. fitzingeri, P = 0.6; A. callidryas–D. ebraccatus, P = 0.03;
D. ebraccatus–C. fitzingeri, P = 0.6; richness, adjusted mean
± sd: A. callidryas, 32 ± 7; D. ebraccatus, 28 ± 8; C. fitzingeri,
30 ± 8); however, the number of metabolites associated with
any given individual was variable for all three species (range:
13–47 metabolites for A. callidryas, 8–50 for D. ebraccatus, and
16–52 for C. fitzingeri). Metabolite profiles also differed among
the three species when accounting for site (Figure 4B, NMDS
stress: 0.12, Adonis pseudoF = 1.9, R2 = 0.03, P = 0.02; post-
hoc comparisons, A. callidryas–D. ebraccatus Adonis pseudoF =

2.2, R2 = 0.02, P = 0.01; A. callidryas–C. fitzingeri Adonis
pseudoF = 2.3, R2 = 0.03, P = 0.05; D. ebraccatus–C. fitzingeri
Adonis pseudoF = 1.16, R2 = 0.02, P = 0.35), although the

separation was not as clear on the NMDS as it was for the OTUs
(PERMANOVA: R2 = 0.03 for metabolites vs. R2 = 0.16 for
OTUs).

Comparison of the Diversity of Skin
Microbial Communities of Amphibians
from Panamá and the US
Despite wide geographic separation and likely variation in
the history of Bd presence, at the phylum level, similar taxa
dominated the skin bacterial communities of amphibians from
Panamá and the US. The Proteobacteria accounted for over
60% of the relative abundance of the bacterial assemblages
for all species (Figure 3B; relative abundance, mean ± sd:
A. callidryas 67 ± 15%, D. ebraccatus 65 ± 15%, C. fitzingeri
74 ± 5%, A. americanus 61 ± 9%, L. catesbeianus 62 ±

13%, P. crucifer 70 ± 15%). The Actinobacteria accounted
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FIGURE 6 | Beta diversity of skin bacterial communities of tropical
(circles) and temperate (diamonds) amphibians. Three species from each

zone were included in the analysis [red, Agalychnis callidryas; gold,

Dendropsophus ebraccatus; blue, Craugastor fitzingeri from Panamá (tropical

zone); brown, Anaxyrus americanus; green, Lithobates catesbeianus; cream,

Pseudacris crucifer from Virginia, USA (temperate zone)]. NMDS ordination

based on Bray–Curtis dissimilarities. Each point represents a single individual.

for the second largest proportion of the relative abundance
of all three species from Panamá, whereas the Actinobacteria
and Bacteroidetes were more evenly represented in terms
of relative abundance for the three species from the US
(Figure 3B).

In terms of richness and phylogenetic diversity, the bacterial
communities on the skin of the temperate and tropical
amphibians we examined were similar (richness, Chisq = 2.9,
P = 0.09; unique OTUs/individual, adjusted mean ± sd:
Temperate species 609 ± 279; Tropical species, 401 ± 165;
phylogenetic diversity, Chisq = 0.216, P = 0.64, adjusted mean
± sd: Temperate species 19.7± 7.8; Tropical species, 16.3± 4.4).
Overall, the communities of tropical species were slightly more
even than those of temperate species (Simpson Index, Chisq =

4.3, P = 0.04, adjusted mean ± sd: Temperate species 0.88 ±

0.09; Tropical species, 0.86± 0.05).
While 68% (3228/4698) of the OTUs in this dataset were

found on frogs in both the temperate and tropical zones, the
skin bacterial communities of temperate and tropical amphibians
were distinct (Figure 6, NMDS stress: 0.15, Adonis pseudoF
= 49.73, R2 = 0.23, P = 0.001). Tropical and temperate
frog species clustered separately on the NMDS plot, but they
also varied in dispersion, with temperate frogs seeming to
have much more variance in the skin bacterial community as
compared to the tropical frogs (test of beta-dispersion, F =

84.56, P = 0.001). Given these differences, we used the K-
S measure to identify some of key OTUs that contributed
the most to this difference among the temperate and tropical
frogs we sampled. K-S measures for the final set of 31 OTUs
defining tropical and temperate species ranged from 0.38 to
0.50 (Table 3). Most of the K-S defined OTUs were present in
both zones, but exhibited higher relative abundance distributions

for the tropical species (Figure 7). However, several OTUs
exhibited complete separation by zone (Figure 7). Specifically,
two OTUs in the family Pseudomonadaceae, X4370747 and
X272189, were unique to tropical species, whereas four OTUs
in the family Pseudoalteromonadaceae—X4406967, X1105883,
X309489, and X4353625—were only found on temperate species
(Figure 7).

Impact of Bd on Amphibian Microbiome
Structure and Function: Hypothesis Tests
Bd Infection Status
A total of 35 frogs were infected with Bd in our survey, with 3–4
individuals infected/species/site on average (details in Table 2 in
Rebollar et al., 2014). Treefrog Bd infection intensities (zoospore
equivalents) across the four sites varied from 0.09 to 0.51 for
the 16 infected A. callidryas and 0.15–0.24 for the 12 infected
D. ebraccatus (reported in Table 2 in Rebollar et al., 2014).
In addition, Bd infection intensities for the seven infected C.
fitzingeri across two sites varied from 0.05 to 36.56 (reported in
Table 2 in Rebollar et al., 2014). Bd infection status of individuals
was not associated with changes in alpha diversity of either OTUs
or metabolite profiles (OTU richness: Chisq = 0.02, P = 0.9;
phylogenetic diversity: Chisq = 0.01, P = 0.9; metabolite
richness: Chisq = 1.2, P = 0.3). Bd-infected individuals also
did not cluster separately from uninfected individuals based
on NMDS analyses of the structure (OTUs) and function
(metabolite profiles) of the skin microbial communities after
accounting for “species × site” level effects (OTUs, Figure 4C,
NMDS stress: 0.11, Adonis pseudoF = 2.6, R2 = 0.05, P = 0.23;
metabolites, Figure 4D, NMDS stress: 0.12, Adonis pseudoF =

0.81, R2 = 0.01, P = 0.76). Some caution should be used when
inferring from these results relating to Bd infection status due
to low statistical power when accounting for species and site
level effects in the models. For example, approximate power
calculations for the Bd effect size in richness when accounting
for site and species are on the order of 10–20%. Thus, if we were
to sample frogs with the same rate of infection (∼1 Bd-infected
frog among 5 frogs), we would need to sample >350 frogs to
improve our power to 80%.

Bd Arrival Time Across Sites
Alpha-diversity of skin bacterial communities, in terms of OTU
richness, phylogenetic diversity, and evenness varied significantly
across the four sites for both species of treefrogs (Figures 8A–F,
A. callidryas, OTU richness: F = 6.75, P < 0.001, phylogenetic
diversity: F = 3.55, P = 0.02, Simpson index: Chisq =

53.3, P < 0.001; D. ebraccatus, OTU richness: F = 4.46,
P = 0.007, phylogenetic diversity: F = 6.01, P = 0.001,
Simpson index: Chisq = 69.9, P < 0.001). Metabolite richness
did not vary across sites (Figures 8G,H, A. callidryas, F = 1.11,
P = 0.35; D. ebraccatus, F = 1.33, P = 0.27). However,
while there was variation in OTU alpha-diversity across sites,
the variation was not consistent with changes that would have
been expected with the movement of Bd from western to eastern
sites. For A. callidryas, OTU richness and phylogenetic diversity
was highest at the eastern most site (most recent Bd arrival,
Nuevo Vigia; post-hoc tests summarized in Table 4). However,
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TABLE 3 | K-S Measures and taxonomic information for 31 OTUs that best defined the differences in skin bacterial community structure of tropical and
temperate amphibians.

OUT K-S measure Phylum Class Order Family Genus

X4406967 0.50 Proteobacteria Gammaproteobacteria Vibrionales Pseudoalteromonadaceae Pseudoalteromonas

X410048 0.48 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Unclassified

X394796 0.48 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava

X81358 0.48 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Rhodanobacter

X4449458 0.48 Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter

X4353625 0.47 Proteobacteria Gammaproteobacteria Vibrionales Pseudoalteromonadaceae Pseudoalteromonas

X4451011 0.47 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Unclassified

X4370747 0.47 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava

X269930 0.47 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas veronii

X2119418 0.46 Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae Unclassified

X309489 0.46 Proteobacteria Gammaproteobacteria Vibrionales Pseudoalteromonadaceae Pseudoalteromonas

X817507 0.45 Proteobacteria Alphaproteobacteria Rhizobiales Brucellaceae Unclassified

X272189 0.45 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava

X1139932 0.45 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Unclassified

X1105883 0.44 Proteobacteria Gammaproteobacteria Vibrionales Pseudoalteromonadaceae Pseudoalteromonas

X4349788 0.44 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava

X814442 0.44 Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae Citrobacter

X4469492 0.43 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X4422388 0.42 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Unclassified

X4430952 0.42 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Stenotrophomonas

X4347599 0.42 Proteobacteria Gammaproteobacteria Vibrionales Vibrionaceae Vibrio

X4388545 0.41 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Rhodoferax

X4456891 0.41 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas

X142419 0.41 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas

X360440 0.40 Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter rhizosphaerae

denovo74396 0.40 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Unclassified

X668514 0.39 Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae Unclassified

X4364813 0.39 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Unclassified

X235695 0.39 Actinobacteria Actinobacteria Actinomycetales Cellulomonadaceae Cellulomonas

X219151 0.38 Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter

X2458172 0.38 Proteobacteria Alphaproteobacteria Rhizobiales Brucellaceae Ochrobactrum

The K-S Measure ranges from 0 to 1, where values closer to one imply a greater difference between the K distributions than values closer to zero. Three species from each zone

were included in the analysis: Agalychnis callidryas, Dendropsophus ebraccatus, Craugastor fitzingeri from Panamá (tropical zone) and Anaxyrus americanus, Lithobates catesbeianus,

Pseudacris crucifer from Virginia, USA (temperate zone). OTUs are listed in order of descending K-S Measure. Most OTUs were unclassified at the species level; if species information

was available, it is listed along with the genus in the Genus column.

this same pattern was not seen in D. ebraccatus, where OTU
richness only differed between the two western most sites, and
phylogenetic diversity only differed between the two eastern
most sites (post-hoc tests summarized in Table 4). For both
treefrog species, the two central sites tended to have communities
dominated by few OTUs, with more even communities at
the western and eastern sites (post-hoc tests summarized in
Table 4).

Beta-diversity of OTUs varied across the four sites for both
treefrog species, while metabolite profiles only differed across
sites for A. callidryas (OTUs: A. callidryas, Figure 9A, NMDS
stress: 0.12, Adonis pseudoF = 19.25, R2 = 0.50, P =

0.001; D. ebraccatus, Figure 9B, NMDS stress: 0.06, Adonis
pseudoF = 20.24, R2 = 0.55, P = 0.001; Metabolites:
A. callidryas, Figure 9C, NMDS stress: 0.12, Adonis pseudoF

= 2.17, R2 = 0.10, P = 0.001; D. ebraccatus, Figure 9D,
NMDS stress: 0.11, Adonis pseudoF = 1.40, R2 = 0.08,
P = 0.07). However, as for the alpha-diversity metrics, there
was no clear indication that this variation across sites was
strongly associated with the west-east gradient of Bd arrival
times. For both treefrog species, the individuals from the two
sites farthest west and east on our gradient (Cerro Campana
and Nuevo Vigia) clustered together on the NMDS plots of
OTU communities and were separate from the two central sites
(Figures 9A,B).

We also examined whether variance (dispersion) in the OTU
communities or metabolite profiles varied across sites. We found
that for both treefrog species, dispersion did differ among sites
for the OTUs (Figures 10A,B, A. callidryas F = 20.24, P <

0.001; D. ebraccatus F = 118.78, P < 0.001), but not for
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FIGURE 7 | Relative abundance of 31 OTUs selected based on K-S measures that best defined the differences in skin bacterial community structure
of tropical (left) and temperate (right) amphibians. Three species from each zone were included in the analysis: Agalychnis callidryas, Dendropsophus

ebraccatus, Craugastor fitzingeri from Panamá (tropical zone) and Anaxyrus americanus, Lithobates catesbeianus, Pseudacris crucifer from Virginia, USA (temperate

zone). OTU relative abundances ranged from 0 to 0.37. Lighter shades indicate lower relative abundances (white, relative abundance = 0) and darker shades indicate

higher relative abundances (darkest relative abundance = 0.37). OTUs are ordered top to bottom based on K-S measures (see Table 3 for exact values and additional

taxonomic information for each OTU).

the metabolites (A. callidryas metabolites, F = 1.9, P = 0.14;
D. ebraccatus F = 0.05, P = 0.99). This pattern again did
not seem to correlate linearly with the west-east gradient. The
two central sites had higher dispersion than the two extreme
sites, which seemed to match the pattern for beta-diversity based
on the Adonis tests. This is not surprising, as the multivariate
permutational tests can be influenced by bothmean tendency and
dispersion.

Structure-function Links and Bd Arrival Time
There was no correlation between structure (OTUs) and
function (metabolites) for either of the treefrog species
at any of the four sites (Table 5); therefore we did not
pursue examining changes in the relationship from west to
east.

DISCUSSION

We found clear differences in the skin microbiome of the
three tropical frog hosts we assessed, including for the two
treefrog species that were sampled from the same ponds at
the four different sites. The most pronounced differences in
relative abundance distributions occurred between the robber
frog (C. fitzingeri) and the two treefrogs (A. callidryas and
D. ebraccatus). The two treefrogs tended to have more similar
relative abundance distributions, suggesting that phylogenetic
relatedness and/or habitat overlap may explain some of the
variation in skin bacterial community structure. These species-
level differences in the amphibian skin microbiota have been
documented previously, although primarily from temperate
amphibian species (in Colorado, US, McKenzie et al., 2012;
in California, US, Kueneman et al., 2014; in Virginia, US,
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FIGURE 8 | Alpha diversity of bacterial OTUs (A,B, richness; C,D, phylogenetic diversity; E,F, evenness) and bacterially-produced metabolites (G,H,
richness) sampled from the skin of Agalychnis callidryas (left column) and Dendropsophus ebraccatus (right column). Both species were sampled at

each of four locations during a field survey conducted in Panamá in 2012. Sites are ordered left to right along the x-axis based on the relative length of time these

species have persisted with the fungal pathogen, Batrachochytrium dendrobatidis, at each site (i.e., longest at Cerro Campana and shortest at Nuevo Vigia;

Woodhams et al., 2008; Rebollar et al., 2014). The letters above the bars indicate statistically significant differences among sites.
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TABLE 4 | Results of post-hoc comparisons indicating if OTU alpha
diversity measures (richness, phylogenetic diversity, Simpson Index) were
similar or different among four sites sampled during a field survey
assessing the diversity of bacterial communities on amphibian skin.

Estimate Std. Error Test statistic P-value

A. callidryas RICHNESS

Soberania—CerroCampana 0.33 0.119 2.778 0.036

Mamoni—CerroCampana 0.336 0.111 3.026 0.019

NuevoVigia—CerroCampana 0.551 0.126 4.372 <0.001

Mamoni—Soberania 0.006 0.111 0.056 0.999

NuevoVigia—Soberania 0.221 0.126 1.753 0.3055

NuevoVigia—Mamoni 0.215 0.118 1.807 0.28

D. ebraccatus RICHNESS

Soberania—CerroCampana 0.293 0.082 3.554 0.005

Mamoni—CerroCampana 0.079 0.944 0.845 0.832

NuevoVigia—CerroCampana 0.156 0.081 1.929 0.229

Mamoni—Soberania -0.214 0.948 -2.258 0.122

NuevoVigia—Soberania -0.137 0.082 -1.659 0.355

NuevoVigia—Mamoni 0.077 0.093 0.826 0.841

A. callidryas PHYLOGENETIC DIVERSITY

Soberania—CerroCampana 2.569 1.853 1.386 0.512

Mamoni—CerroCampana 0.267 1.734 0.169 0.998

NuevoVigia—CerroCampana 5.583 1.966 2.841 0.031

Mamoni—Soberania -2.276 1.734 -1.313 0.558

NuevoVigia—Soberania 3.015 1.966 1.534 0.424

NuevoVigia—Mamoni 5.291 1.853 2.855 0.294

D. ebraccatus PHYLOGENETIC DIVERSITY

Soberania—CerroCampana 0.464 1.217 0.382 0.981

Mamoni—CerroCampana -2.763 1.381 -2.001 0.201

NuevoVigia—CerroCampana 3.002 1.196 2.511 0.07

Mamoni—Soberania -3.227 1.399 -2.307 0.11

NuevoVigia—Soberania 2.538 1.217 2.085 0.717

NuevoVigia—Mamoni 5.765 1.381 4.175 <0.001

A. callidryas SIMPSON INDEX

Soberania—CerroCampana 13.4 <0.001

Mamoni—CerroCampana 38.7 <0.001

NuevoVigia—CerroCampana 4.7 0.03

Mamoni—Soberania 1.0 0.3

NuevoVigia—Soberania 7.0 0.008

NuevoVigia—Mamoni 24.9 <0.001

D. ebraccatus SIMPSON INDEX

Soberania—CerroCampana 33.2 <0.001

Mamoni—CerroCampana 18.2 <0.001

NuevoVigia—CerroCampana 1.6 0.2

Mamoni—Soberania 11.9 <0.001

NuevoVigia—Soberania 23.3 <0.001

NuevoVigia—Mamoni 3.7 0.05

Results are presented for the two species, Agalychnis callidryas and Dendropsophus

ebraccatus, that were sampled at all four sites. For richness and phylogenetic diversity the

reported test statistic is t, while for Simpson Index the reported test statistic is Chi-Square.

Bolded P-values are statistically significant.

Walke et al., 2014). In tropical systems, differences in the skin
microbiota among three Atelopus spp. frogs have been seen in
Colombia using culture-based methods (Flechas et al., 2012).

These host species differences in the amphibian microbiota
are one of the clearest patterns to have emerged from the

studies completed to date. The mechanisms driving host species
differences are not well understood, although it is likely a
combination of differences in environmental reservoirs of
bacteria, as well as host and microbe factors that contribute to
community assembly of the skin microbiota. In the salamander
Plethodon cinereus, the structure of the environmental bacterial
community appears to be a major determinant of bacterial
community structure of the salamanders’ skins (Loudon et al.,
2014). However, while various members of the amphibian skin
microbiota may be found in the environment, environmental
differences in the source pool of exposure do not completely
explain differences among amphibian host species, as even
species inhabiting the same habitats, such as ponds, can have
markedly different skin bacterial communities (McKenzie et al.,
2012; Walke et al., 2014). Although there has not been extensive
work done on species-level differences in the microbiome among
other free-living animals, similar species differences have been
observed in a few systems, including in marine sponges (Schmitt
et al., 2012; Easson and Thacker, 2014), Hydra (Franzenburg
et al., 2013), and primates (Yildirim et al., 2010).

Only a very small fraction of OTUs were dominant on frog
skins despite a large number of total OTUs observed. With this
pattern in mind, we can hypothesize that only a small number
of OTUs are involved with the host in a stable mutualism, while
other OTUs are individually rare and more transient. However,
the sum total of the more rare community likely competes with
the relatively abundant OTUs, thereby altering the competitive
landscape and preventing one OTU from achieving competitive
exclusion (Loudon et al., 2014). A focus on the biology of
the function of the dominant OTUs is likely to advance our
knowledge of how maintaining these symbiotic bacteria might
benefit the host.

We also observed host species differences in metabolite
diversity, with A. callidryas having the most metabolites of the
three species we examined. There was also an indication of
species differences in the metabolite profiles, but the pattern of
separation of the three species was not as clear as it was for the
OTU data. The lack of clear species differentiation in metabolite
profiles was surprising because in a prior study using the same
HPLC-MSmethods, Umile et al. (2014) saw very clear differences
in the metabolite profiles across 10 amphibian species. Two
key distinctions between that study and the present study were
that (1) we rinsed frogs to remove dirt and transient microbes
prior to collecting the swab samples, which was not done in
Umile et al. (2014) and (2) we collected two swab samples, with
the second swab always dedicated to the metabolite analyses
and the first to the bacterial OTU analysis, while Umile et al.
(2014) alternated swab order for bacteria and metabolites. So
while we still did see a signal of species level differences in
our study, we think that one or both of these factors might
have masked that signal relative to the findings of Umile et al.
(2014).

In addition to the species level differences in OTU structure
within Panamá, we also saw clear separation between the tropical
and temperate species in our analysis when comparing the OTUs
on the Panamanian frogs with frogs collected in Virginia, US.
Indeed, the differences in the relative abundance distributions
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FIGURE 9 | Beta diversity of bacterial communities (OTUs) (A,B) and bacterially-produced metabolite profiles (C,D) sampled from the skin Agalychnis

callidryas (left column), Dendropsophus ebraccatus (right column), grouped by sampling location. Both species were sampled at each of four locations

during a field survey conducted in Panamá in 2012. The color of the circles indicates the four sites and relative length of time these species have persisted with the

fungal pathogen, Batrachochytrium dendrobatidis, at each site (i.e., aquamarine = longest at Cerro Campana and purple = shortest at Nuevo Vigia; Woodhams et al.,

2008; Rebollar et al., 2014). NMDS ordinations are based on Bray–Curtis and Jaccard dissimilarities for OTUs and metabolites, respectively. Each point represents a

single individual.

were obvious for most of the 31 OTUs identified by our K-
S approach. At the level of phyla, however, there was broad
similarity between Panamá and US frog skin bacteria, with
dominance of Proteobacteria and Actinobacteria, and lesser
contribution of OTUs in the Bacteroidetes and Firmicutes,
although the relative abundances of these groups seemed to shift
somewhat across zones. We made no attempt to control for
phylogeny in our analysis although we did have Hylids in both
groups with A. callidryas and D. ebraccatus from Panamá and
P. crucifer from the US, and a future, larger study should do
that. Few studies in other systems have investigated temperate vs.
tropical host-associatedmicrobes of related host taxa; however, in
marine sponges there are distinctions between the microbiota of
tropical and sub-tropical species (Schmitt et al., 2012). Our initial
finding of differences among tropical and temperate species
suggests that a larger study of the biogeography of amphibian
skin microbes will be fruitful and might lead to new insights
about interactions between Bd and the skin microbiome.

We did not find clear evidence of links between Bd and
the amphibian skin microbiota. In terms of individual frogs,
for instance, there were no differences in microbiota structure

(OTUs) or function (metabolite profiles) based on whether frogs
were Bd-positive or Bd-negative at the time of sampling. We
did not have a lot of infected frogs in our survey (only 35/136
frogs), and most of these Bd infected frogs had low infection
intensities. In particular, with relatively few infected frogs, and
those split across three species and four sites, we had low
statistical power to detect any possible differences that were based
on Bd infection status. In addition, with field sampling we do not
know what the individual history of each frog was in relation to
Bd. Our samples likely represented a mix of frogs with active
infection, some frogs with prior exposure that subsequently
cleared infection, and some with no prior exposure, even within
Bd endemic sites. In addition, if Bd had already selected for hosts
that maintain defensive microbial communities, then we would
not expect to see differences in community structure between
currently infected and uninfected individuals. Experimental Bd
exposure studies have demonstrated that the initial amphibian
skin microbiota can influence disease outcome following Bd
exposure and that Bd itself can impact the skin bacterial
community structure (Harris et al., 2009; Jani and Briggs, 2014;
Becker et al., 2015a). We also intentionally focused on three hosts
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FIGURE 10 | Dispersion of the bacterial communities (OTUs) sampled from the skin of (A) Agalychnis callidryas and (B) Dendropsophus ebraccatus.
Both species were sampled at each of four locations during a field survey conducted in Panamá in 2012. Sites are ordered left to right along the x-axis based on the

relative length of time these species have persisted with the fungal pathogen, Batrachochytrium dendrobatidis, at each site (i.e., longest at Cerro Campana and

shortest at Nuevo Vigia; Woodhams et al., 2008; Rebollar et al., 2014). Analyses are based on Bray–Curtis and Jaccard dissimilarities for OTUs and metabolites,

respectively. The letters above the bars indicate statistically significant differences among sites.

that have not experienced major declines following the arrival of
Bd so that we could focus on interactions with the microbiota.
The interactions on host species that are more susceptible to Bd
infection might be very different than those we observed.

We also saw no clear signal in our data associated with the
estimated arrival time of Bd at the various sites across our survey.
A lack of long-term data, especially at the eastern-most sites,
makes definitive dating of Bd arrival times more difficult in
that region. Despite that, we think our hypotheses presented a
reasonable expectation of what would have been expected if the
wave-like pattern of spread did happen, and we did not find
strong support for any of our hypotheses based on that idea. For
A. callidryas, there did appear to be some increase in mean OTU
richness along the west-east gradient, but this was not true for
the other treefrog, D. ebraccatus. There were also differences in
OTU community structure and dispersion across the four sites
for the two treefrogs, but the differences were not consistent with
a pattern of change occurring from west to east. It is possible
that selection on bacterial communities or amphibian hosts is
strongest when Bd first arrives and occurs quite rapidly. In that
case, we would not expect to see large differences as a function of
arrival time of Bd, even though the eastern-most site we sampled
likely had Bd present for less than a year when we sampled
there. In addition to Bd arrival time, many other factors also
vary among the four sites we surveyed, including precipitation
patterns, elevation, and even the timing of our sampling within
the course of the field season. Any or all of these factorsmight also
impact population level differences at our field sites and warrant
further investigation.

TABLE 5 | Results of Mantel tests assessing correlations between
bacterial OTU diversity and bacterially-produced metabolite profiles at
each of four sites sampled during a field survey assessing the diversity of
the bacterial communities on amphibian skin.

Mantel statistic (r) P-value

Agalychnis callidryas

Campana 0.0484 0.372

Soberania 0.7041 0.335

Mamoni -0.08357 0.735

NuevoVigia 0.06017 0.344

Dendropsophus ebraccatus

Campana -0.2941 0.939

Soberania -0.1401 0.927

Mamoni 0.05204 0.409

NuevoVigia -0.102 0.585

Results are presented for the two treefrog species, Agalychnis callidryas and

Dendropsophus ebraccatus, that were sampled at all four sites. For each species, sites

are listed based on the relative length of time these species have persisted with the fungal

pathogen, Batrachochytrium dendrobatidis, at each site (i.e., longest at Cerro Campana

and shortest at Nuevo Vigia; Woodhams et al., 2008; Rebollar et al., 2014).

While OTU community structure varied at the different sites,
we did not see clear clustering of metabolite profiles based on site,
and we did not find correlations between OTU and metabolite
profile distance matrices. The latter result is interesting in light
of current research in ecology focused on structure-function
relationships. In “macro”-systems, there is often assumed to
be a positive relationship between biodiversity (often estimated
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by species richness) and ecosystem function. Most tests of
this idea though have focused on plant species richness, with
primary production as a functional endpoint (Balvanera et al.,
2006). In microbial systems, this link between structure and
function may be much less pronounced due to the extreme
functional redundancy that can occur in systems with thousands
of species and the potential for lateral gene transfer. For example,
Frossard et al. (2012) found that enzyme activity in soil bacterial
communities varied little across environmental gradients despite
spatial and temporal variation in bacterial community structure.
Our field survey data suggest that multiple different communities
of bacteria may be producing the same general sets of metabolites
on frog skin, suggesting that there is not a strong link between
community structure and function in this system.
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