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Editorial on the Research Topic
 Molecular Nanomachines of the Presynaptic Terminal, Volume II



The synapse has been designed and refined during animal evolution for two main processes: (1) to translate and transmit information with exquisite spatio-temporal precision, and (2) to prevent the spread of unspecific signals. This resulted in a highly specialized arrangement of molecules, especially on the presynaptic side, to enable the synapse to respond to these pressures. For example, the exocytosis machinery needs to be exquisitely sensitive to meaningful signals and respond precisely to different stimulation patterns. The endocytosis machinery needs to balance exocytosis to prevent changes in synapse shape and volume, but also needs precision in the selective removal of vesicular material, rather than random uptake of membrane components.

Multiple machines (nanomachines) need to be coordinated to organize this activity and keep it in tune with the long-term needs of the neuron and the synapse. Proteins and vesicles become “used” and need to be eventually degraded, either locally or in lysosomes located elsewhere, which poses significant logistic challenges. Some of these challenges need to be solved within the synaptic vesicle cluster, while others require the re-organization of the synaptic release sites. Moreover, the synapse as a whole needs to maintain its organization and modulate its shape and size dynamically in relation to the activity and plasticity needs of the neuronal network. Actin is among the most important elements that modulate these aspects, being responsible for both vesicle dynamics and maintaining the plasma membrane shape (via cortical actin). In addition, the extracellular matrix also participates in the maintenance of synapse shape and connectivity.

Our Research Topic presents a timely and thorough view of many of these synaptic elements, starting at the level of individual proteins, proceeding up to complex plasticity and re-shaping mechanisms. Two of the most abundant proteins of the synapse, synaptobrevin (VAMP2) and synaptophysin, are revised by White and Stowell, who discuss their organization in the synapse, especially in relation to how these molecules impact the traffic of vesicles to the presynaptic membrane and the formation of the fusion complex. The clear conclusion is that these molecules form complexes involved in multiple functions, fully deserving the term “nanomachines.”

One long-standing issue has been that such molecules are typically analyzed in static conditions, while their functions are most evident during phases of activity. To solve this problem, Jackson et al. present here the combination of live imaging with structural imaging methods at the super-resolution level. This type of approach enables a thorough functional view of the synaptic complex and should enable many discoveries in the future. At the same time, imaging synaptic proteins can be combined with the direct investigation of other elements, such as the neurotransmitters themselves. For analyzing these components, Lork et al. present chemical imaging methods that can be implemented both in fixed and live cells.

Imaging methods have long served the synaptic exocytosis field and have led, more than a decade ago, to the conclusion that not every exocytosis event is the same as any other. Synaptic vesicles and active zones are heterogenous and specialized for different release flavors, even within the same synapse, as explored by Guzikowski and Kavalali. Nevertheless, all fused vesicles need to be eventually retrieved and re-formed. This process is complex, and also connects to the degradation system in complex fashions involving the endo-lysosomal molecules. The involvement of these molecules in the synaptic vesicle recycling system is analyzed by Ivanova and Cousin. Importantly, as implied above, protein degradation does serve not only the synaptic vesicle cycle but also other synaptic processes. Here the evidence on the involvement of different presynaptic structures with membrane-based protein-degradation pathways is reviewed by Gundelfinger et al., concluding that synaptic vesicles, their endocytic machinery, and the main components of the release sites are strongly connected to degradation pathways.

Synaptic proteins and vesicles are often connected by actin, which participates in many of the dynamic processes of the synapse. Actin is involved in almost all forms of endocytosis, in the vesicle replenishment to the readily releasable pool, the expansion of the fusion pore, and even in vesicular content release, as described by Wu and Chan.

While synaptic vesicles have been known to undergo exo- and endocytose for decades, this is less known for other synaptic components. Surprisingly, extracellular matrix molecules do it as well, in a fashion that relates to synaptic vesicle dynamics (Dankovich and Rizzoli), which presumably represents a new form of plasticity involved in re-shaping the synaptic release sites and adjusting them to the structure of the post-synapse.

The release sites themselves are also complex and dynamic and are functionally linked to and regulated by mitochondria, as Lopez-Manzaneda et al. demonstrate. The mitochondria act mainly by buffering the local Ca2+ concentrations, thereby regulating the fusion of the synaptic vesicles during activity bursts (rendering it synchronous or asynchronous). This finding enhances our current understanding of the regulation of the release site function since most previous works have concentrated on Ca2+ dynamics related to the entry of ions through membrane channels that are located at the release sites and were therefore thought to be more likely to affect vesicle release than the more distantly located mitochondria. While it is not yet clear whether the mitochondria-based regulation also involves modulation of the release site architecture, Holderith et al. show here that such regulation, including the selective placement and organization of specific proteins, is more common than previously thought. This type of regulation may even be a strong component of presynaptic plasticity since the release sites, along with the synaptic vesicles, are among the primary targets for plasticity-related alterations, as discussed by Shahoha et al.

The works in this topic provide, therefore, a glimpse into the complex organization of the presynapse, from single molecules to plasticity mechanisms. In comparison to the similarly titled topic of 6 years ago, we can conclude that, while the number of targets and nanomachines increased strongly, so did our knowledge of the intricate synaptic dynamics. The major progress in synapse-describing tools that has ensued over the last years also offers the hope that even more quantitative works can be performed in the future, providing an even more precise understanding of the function of this essential brain component.
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Synaptic vesicle release is regulated by upwards of 30 proteins at the fusion complex alone, but disruptions in any one of these components can have devastating consequences for neuronal communication. Aberrant molecular responses to calcium signaling at the pre-synaptic terminal dramatically affect vesicle trafficking, docking, fusion, and release. At the organismal level, this is reflected in disorders such as epilepsy, depression, and neurodegeneration. Among the myriad pre-synaptic proteins, perhaps the most functionally mysterious is synaptophysin (SYP). On its own, this vesicular transmembrane protein has been proposed to function as a calcium sensor, a cholesterol-binding protein, and to form ion channels across the phospholipid bilayer. The downstream effects of these functions are largely unknown. The physiological relevance of SYP is readily apparent in its interaction with synaptobrevin (VAMP2), an integral element of the neuronal SNARE complex. SNAREs, soluble NSF attachment protein receptors, comprise a family of proteins essential for vesicle fusion. The complex formed by SYP and VAMP2 is thought to be involved in both trafficking to the pre-synaptic membrane as well as regulation of SNARE complex formation. Recent structural observations specifically implicate the SYP/VAMP2 complex in anchoring the SNARE assembly at the pre-synaptic membrane prior to vesicle fusion. Thus, the SYP/VAMP2 complex appears vital to the form and function of neuronal exocytotic machinery.

Keywords: synaptic fusion, fusion machinery, supercomplex, synaptobrevin, synaptophysin (SYP)


INTRODUCTION

Communication between neurons is a fundamental process of the nervous system. Regulated neurotransmitter release contributes to everything from memory consolidation to mood regulation (Jurado et al., 2013; Kandel et al., 2014; Metzger et al., 2017). Aberrant synaptic release is associated with numerous neurological disorders, and the molecular mechanisms underlying this process are elaborate (Roselli and Caroni, 2015; Körber and Kuner, 2016; Ramos-Miguel et al., 2018). The general role of vesicle and target SNAREs, v-SNAREs and t-SNAREs respectively, in vesicle fusion at the pre-synaptic membrane has been widely studied, but some of the individual components of this pathway are more nebulous (Karmakar et al., 2019). Specifically, SYP, while prolific at most pre-synaptic terminals, has no well-defined role within the synaptic architecture (Marqueze-Pouey et al., 1991). Putative functions of the vesicle membrane protein SYP include vesicular ion channel activity, vesicle endocytosis, synaptobrevin trafficking during SNARE assembly, and the kiss-and-run archetype of dense-core vesicle fusion (Gincel and Shoshan-Barmatz, 2002; Kwon and Chapman, 2011; Harper et al., 2017; Chang et al., 2021). Probing these functions has proved difficult, however, due to the compensatory nature of various physin family proteins (Janz et al., 1999). SYP’s interaction with VAMP2 is of particular interest; the two proteins form a complex thought to contribute to the characteristic speed and reactivity of synaptic vesicle release (Adams et al., 2015). Recent advances have further illuminated the individual and cooperative roles of SYP and VAMP2 in synaptic vesicle regulation. Recent advances have further illuminated the individual and cooperative roles of SYP and VAMP2 in synaptic vesicle regulation as well as the interaction network between other key players in vesicle fusion (Figure 1, Table 1; Szklarczyk et al., 2019).
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FIGURE 1. The protein-protein interaction network at the chemical synapse. Direct evidence for the edges displayed for VAMP2-STX1A [image: image] (Far et al., 1995; Hazzard et al., 1999); VAMP2-SYT1-SNAP25 [image: image] (Söllner et al., 1993a,b; Chapman et al., 1995; Zhang et al., 2002); VAMP2-SYT1- SYTX1A-CPLX1 [image: image] (Pabst et al., 2000; Bracher et al., 2002; Chen et al., 2002; Zhou et al., 2017); SYP-VAMP2 [image: image] (Edelmann et al., 1995; Felkl and Leube, 2008; Gordon et al., 2011; Adams et al., 2015); STX1A-SNAP25 [image: image] (McMahon and Südhof, 1995; Fasshauer et al., 1997); STX1A-Munc18-1 [image: image] (Hata et al., 1993; Misura et al., 2000; Zilly et al., 2006; Rickman et al., 2007); VAMP2-SNAP25-Munc18-1 [image: image] (Carr et al., 1999; Dulubova et al., 2007).



TABLE 1. Network evidence—STRING false discovery rate (FDR) < 1e-10.
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Synaptophysin

Despite its prevalence at the pre-synaptic terminal, synaptophysin’s role in vesicular neurotransmission is highly speculative. Synaptophysin (SYP) forms a transmembrane structure on synaptic vesicles similar to canonical gap junctions and mechanosensitive ion channels (Arthur and Stowell, 2007). This structure is concordant with the idea that SYP forms functional ion channels within membranes (Yin et al., 2002). Indeed, SYP multimers reconstituted in phospholipid bilayers are selective for cations and show a preference for potassium (Gincel and Shoshan-Barmatz, 2002). Though past studies saw no change in ion channel activity in response to fluctuation in Ca2+ concentration, SYP is known to bind cytoplasmic calcium (Rehm et al., 1986). The importance of calcium-dependent exocytosis in neurotransmitter release is widely accepted, but the specific function of SYP-Ca2+ binding is unclear (Karmakar et al., 2019).

In addition to its association with Ca2+, SYP readily binds cholesterol in the plasma membrane. This binding is necessary for the initial formation of synaptic vesicles (Thiele et al., 2000). Further roles for cholesterol in the function of SYP, including regulation of synaptic plasticity and the interaction of synaptophysin with synaptobrevin, have been suggested, but the precise physiology underlying this relationship remains elusive (Mitter et al., 2003; Ya et al., 2013).



Synaptobrevin

VAMP2, syntaxin, and SNAP-25 form the core assembly of SNARE proteins (Brunger, 2005). The collaborative functions of these and other SNARE-associated proteins are necessary for Ca2+-dependent neurotransmitter release at presynaptic terminals (Weber et al., 1998). VAMP2 knockout mice exhibit profoundly reduced rates of vesicle fusion, though fusion is not abrogated entirely (Schoch et al., 2001). While VAMP2 alone may not be necessary for fusion overall, its absence profoundly affects the rate of neurotransmission. Additionally, VAMP2/VAMP3 double knockout results in complete termination of presynaptic vesicle fusion, reinforcing the significance of synaptobrevin and its structural homologs (Borisovska et al., 2005).

VAMP2 may also be required for the maintenance of the readily releasable pool (RRP). Specifically, VAMP2 appears to be associated with the “fast endocytosis” necessary for quick Ca2+ signaling. At terminals with depleted RRPs, the rate of vesicle recycling is significantly impacted by the absence of VAMP2 (Deák et al., 2004). “Slow endocytosis” is also VAMP2 dependent, but appears to rely on the activity of additional SNAREs syntaxin and SNAP-25 (Xu et al., 2013a). This dual role of VAMP2 heavily implicates it in the cycle of exo- and endocytosis required to maintain the RRP.



SYP/VAMP2 Complex


Exocytosis

While Ca2+ induced exocytosis is widely recognized as the basis of neurotransmitter release, the molecular architecture underlying this process is a point of contention (Berridge, 1998; Neher and Sakaba, 2008; Williams and Smith, 2018). The neuronal SNARE fusion complex at the pre-synaptic plasma membrane results from the assembly of numerous fusion proteins, including syntaxin, SNAP-25, and synaptobrevin (VAMP2; Brunger, 2005). Recent cryoelectron tomographic evidence points to a conserved, symmetric distribution of proteins at primed active zones. While the identity of these proteins is unknown, it is clear that their assembly is dependent on the upstream function of SNARE and SNARE-interacting molecules (Radhakrishnan et al., 2021).

One such complex is formed by SYP and VAMP2. This hexameric complex is thought to provide a template for the assembly of proteins at primed active zones, thereby controlling exocytosis through regulation of VAMP2 binding (Edelmann et al., 1995). The SYP/VAMP2 complex, assembled prior to docking and priming, is functionally suited for this purpose: the early assembly of SYP/VAMP2 facilitates a quick temporal response necessary for Ca2+-mediated exocytosis (Adams et al., 2015). Interestingly, there is evidence that SYP is specifically involved in the negative regulation of VAMP2-syntaxin binding, further supporting the importance of synaptophysin in temporal control of SNARE formation (Raja et al., 2019). SYP mutations that affect VAMP2 trafficking are associated with neurodevelopmental disorders, and understanding the molecular sequence of events underlying SYP/VAMP2-mediated trafficking is vital for addressing public health concerns (Harper et al., 2017; John et al., 2021).



Endocytosis

In addition to neurotransmitter release, vesicular recycling at the synaptic cleft is also thought to be influenced by the SYP/VAMP2 complex. Synaptophysin itself is crucial to the maintenance of synaptic vesicle endocytosis; SYP loss-of-function mutations result in severely reduced recycling rates (Kwon and Chapman, 2011). During vesicle recycling, SYP appears to be required for the reuptake of VAMP2 into the pre-synaptic bouton, as well as maintaining appropriate levels of VAMP2 at the pre-synapse (Gordon et al., 2011; Kokotos et al., 2019). Additionally, this relationship is heavily reliant upon the ratio of SYP to VAMP2; disruptions in the physiological balance of the two proteins results in drastically reduced trafficking of VAMP2 back to pre-synaptic vesicles (Gordon et al., 2016).

Endocytosis is primarily dependent on SYP’s cytoplasmic C-terminus, which is necessary for the efficient recovery of VAMP2 (Harper et al., 2021). While the direct molecular basis of SYP/VAMP2 binding is becoming clearer, there are several extrinsic factors that contribute to the complex’s role in overall synaptic function. A particularly interesting property of the SYP/VAMP2 complex is its dependence on cholesterol, with assembly preferentially occurring in high cholesterol environments (Mitter et al., 2003; Hussain et al., 2019). With further investigation, external components like cholesterol may reveal functional links to some puzzling physiologies. One example is the predilection of synapses for recently synthesized vesicle proteins. Synaptophysin exits the recycling pool relatively quickly following production and is replaced by freshly-synthesized molecules; how this ties into the balance of SYP/VAMP2 is unknown (Truckenbrodt et al., 2018).


Contextual Roles

Many integral pre-synaptic functions remain ambiguously defined at the molecular level. The calcium ion is a key player in vesicular docking and fusion; Ca2+ concentration is directly related to the rate of vesicle recruitment and release (Neher and Sakaba, 2008). The direct role of Ca2+ within the pre-synaptic terminal is highly contextual and depends on local signal strength as well as the type of synapse (excitatory vs. inhibitory; Schneggenburger and Neher, 2005; Williams and Smith, 2018). Despite this physiological range, many Ca2+ sensors have been identified at the pre-synaptic terminal. Regulation of the readily releasable pool (RRP) is one process that relies upon such Ca2+ sensors. The RRP links Ca2+ flux to synaptic strength and release probability (Thanawala and Regehr, 2013). In addition, Munc18-1 has been established as a key physiological regulator of cognate SNARE activation (Shen et al., 2007). Munc18-1 contributes to the maintenance of the SNARE complex in the presence of destabilizing factors. This kind of synapse-specific Ca2+ response could be important in the molecular regulation of atypical synaptic release.

In addition to traditional synapses, which use a single primary neurotransmitter, so-called dual-release terminals are found in many pathways throughout the brain and are capable of producing and releasing two primary neurotransmitters, such as glutamate and GABA (Vaaga et al., 2014; Root et al., 2018). These terminals release GABA and glutamate at a specific ratio, and disruptions of this ratio are implicated in major depressive disorder and addiction (Shabel et al., 2014; Root et al., 2020). Despite the prevalence and associated pathologies of dual-release neurons, the pre-synaptic machinery regulating most release properties is unknown.

A major connection between dual-release physiology and Ca2+-mediated vesicular release may be found in the SYP/VAMP2 complex and associated superstructures. A central Ca2+ sensor, synaptotagmin (syt), is responsible for the induction of synchronous events at the pre-synaptic membrane through regulation of vSNARE activity via its C2B domain (Chang et al., 2018). Syt has recently been shown to form a ring-like structure upon which SNAREs are assembled (Rothman et al., 2017). Specifically, the C2AB domain of syt “clamps” the SNARE assembly at the synaptic vesicle (Figure 2). This conceptually allows docking of the vesicle at the plasma membrane with the syt ring attached, followed by Ca2+-mediated disassembly of the syt ring upon action potential stimulation and subsequent fusion of vSNAREs to the membrane. This framework could contribute to the previously described speed of SNARE complex assembly, vesicle docking, and fusion. The physiological role of syt extends beyond a simple scaffold, as demonstrated in its ability to negatively regulate the attachment of vSNAREs to their plasma membrane-bound tSNARE targets at low intracellular Ca2+ concentrations (Wang et al., 2014). Interestingly, it appears that the syt “ring” acts as a vesicle “landing gear,” guiding a pre-synaptic vesicle to specific active zones determined by the concentration of PIP2 (Zhu et al., 2021). The specificity of this docking might elucidate the basis of ratio-based dual-release. If the two neurotransmitters of a dual-release terminal are packaged in separate vesicles, an idea that has recently been contested, then one of the logical methods for regulating the ratio of release is via differential trafficking to the pre-synaptic membrane (Wang et al., 2020; Kim et al., 2021). The interaction of syt with the vesicular SYP/VAMP2 complex provides a structural basis for distinct trafficking pathways, but further study is needed to define the precise mechanism. Understanding how the v-SNARE pantheon contributes to dual-release physiology is essential for refining signaling pathways, understanding mood regulation, and discovering targeted treatments for associated disorders. The key to this understanding will come by obtaining high-resolution structure data of the SYP/VAMP complex so that mutational disruption of the complex can be explored functionally. Methods such as cryo-electron tomography and super-resolution microscopy will be vital next steps in analyzing pre-synaptic structures at a sufficient resolution. Questions regarding the spatial arrangement, temporal dynamics, and association kinetics of SNARE-associated complexes are crucial yet remain unanswered.
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FIGURE 2. A hypothetical synaptic fusion nanomachine comprised of a multimeric assembly organized by synaptophysin. Top, cryo-ET averages of docked synaptic vesicles (Radhakrishnan et al., 2021). Bottom, proposed fusion assembly based upon the prior synaptophysin/synaptobrevin complex (Adams et al., 2015) and the buttressed ring model (Rothman et al., 2017).
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Synapses maintain synchronous, asynchronous, and spontaneous modes of neurotransmission through distinct molecular and biochemical pathways. Traditionally a single synapse was assumed to have a homogeneous organization of molecular components both at the active zone and post-synaptically. However, recent advancements in experimental tools and the further elucidation of the physiological significance of distinct forms of release have challenged this notion. In comparison to rapid evoked release, the physiological significance of both spontaneous and asynchronous neurotransmission has only recently been considered in parallel with synaptic structural organization. Active zone nanostructure aligns with postsynaptic nanostructure creating a precise trans-synaptic alignment of release sites and receptors shaping synaptic efficacy, determining neurotransmission reliability, and tuning plasticity. This review will discuss how studies delineating synaptic nanostructure create a picture of a molecularly heterogeneous active zone tuned to distinct forms of release that may dictate diverse synaptic functional outputs.
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INTRODUCTION—CLASSICAL VIEW OF SINGLE ACTIVE ZONE SYNAPSES

In the 1960s the canonical synaptic transmission pathway was established; neurotransmission is initiated by an action potential arriving at the presynaptic terminal, presynaptic calcium influx is triggered, synaptic vesicles fuse with the presynaptic membrane and ultimately release neurotransmitter (Katz, 1969; Südhof, 2013). This seminal work set the stage for the investigation of neurotransmission at numerous synapse types across the nervous system in diverse animal models with electrophysiology. This original view of synaptic transmission holds true today albeit with knowledge of the specificity, segregation, and molecular mechanisms that mediate and regulate neurotransmission. Today, three different modes of neurotransmission are categorized by their time scale relative to a stimulus as well as calcium dependence. Action potential dependent release is composed of synchronous and asynchronous phases, where synchronous release strictly adheres to the timing of incoming presynaptic action potentials and asynchronous release is only loosely coupled to stimulation temporally. In contrast, spontaneous release happens independently of action potentials in a quantal manner, where single synaptic vesicles fuse and release neurotransmitter in a quasi-random fashion (Kavalali, 2015). Studies conducted at the Drosophila neuromuscular junction as well as hippocampal synapses have demonstrated that a single active zone is capable of synchronous, asynchronous, and spontaneous release while some synapses exclusively execute spontaneous or evoked neurotransmission, creating a dynamic neuronal network dependent on distinct forms of neurotransmission (Atasoy et al., 2008; Melom et al., 2013; Peled et al., 2014; Reese and Kavalali, 2016). Each of the three modes of neurotransmission rely on distinct molecular frameworks to ultimately accomplish complex information processing (Kononenko and Haucke, 2015; Chanaday and Kavalali, 2017).

Recently, our understanding of neurotransmission has expanded to include both action potential dependent release and spontaneous release which have distinct physiological roles governed by a molecularly heterogeneous active zone (Andreae and Burrone, 2018; Gonzalez-Islas et al., 2018; Kavalali, 2018). The expansion of our synaptic “world-view” to include the nuances of different modes of neurotransmission relays the importance of the molecular pathways and synaptic structures that support release and presents broader implications for learning, memory, as well as associated disease processes. With the continued advancement of tools to probe release segregation, the notion that neurotransmission occurs via distinct pathways has been bolstered. How this segregation of release is maintained by the nano-organization of the synapse to transduce complex information processing will be the focus of this review.


Synaptic Efficacy

The fundamental reason we study the synapse is to understand how one neuron influences its targets. Therefore, to elucidate this process, we must consider how synaptic efficacy is shaped by multiple molecular pathways and different modes of neurotransmission. Synaptic efficacy defined as the ability of a presynaptic input to influence a postsynaptic response is classically considered within the context of action potential induced presynaptic calcium signaling and subsequent neurotransmitter release. The synaptic efficacy of an active zone or release site is traditionally determined by the release probability, the probability that upon arrival of an action potential to the synaptic terminal a synaptic vesicle will fuse and there will be subsequent neurotransmitter release. The size of the readily releasable pool, which includes vesicles docked at the active zone that fuse first in response to stimulation, and the fusion propensity of each synaptic vesicle dictates this release probability and ultimately synaptic strength (Rey et al., 2015; Chanaday and Kavalali, 2018). This view of synaptic strength and synaptic vesicle organization focused solely on evoked neurotransmission assumes a rather homogeneous synaptic vesicle pool and equally homogeneous organization of the active zone. In addition, it excludes other modes of neurotransmission and how their distinct functional roles may shape, guide, or determine synaptic efficacy.




MOLECULAR MECHANISMS OF DISTINCT FORMS OF RELEASE

Historically the organization of synaptic vesicles within the presynaptic terminal was defined by their propensity to fuse in response to stimulation and ultrastructural localization. Thus, creating a pool organization of synaptic vesicles comprised of the readily releasable pool, vesicles that fuse first in response to stimulation, and the reserve pool, the pool that replenishes the readily releasable pool, which shows limited synaptic vesicle trafficking during physiological activity (Alabi and Tsien, 2012). However, this pool organization does not fully account for the dynamics of release with regard to different modes of neurotransmission. Understanding the heterogeneity of synaptic vesicle molecular composition and how this heterogeneity dictates release and trafficking creates a more accurate classification system of synaptic vesicle organization in the presynaptic terminal. The diversity in synaptic vesicle molecular composition of v-SNAREs (vesicle-soluble N-ethylmaleimide-sensitive factor (NSF) attachment protein receptor) and calcium sensors distinguishes synaptic vesicle populations indicating that unique molecular compositions may designate synaptic vesicles for different forms of release (Figure 1) (Crawford and Kavalali, 2015). Furthermore, there is increasing evidence that different calcium sources mediate distinct modes of release (Kavalali, 2020).
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FIGURE 1. This figure depicts the different modes of neurotransmission and their distinct downstream signaling pathways. Synchronous release transmits precise timing information across the synapse enabling information transfer with fidelity, whereas asynchronous release is thought to regulate short term plasticity and oscillatory activity. In contrast, spontaneous release is action potential independent although it may rely on alternative calcium sources, such as endoplasmic reticulum (ER) mediated calcium via ryanodine receptors (RyR) or store-operated calcium entry via Orai channels activated by the ER calcium sensor STIM. Spontaneous release is thought to play a role in synapse development as well as homeostatic synaptic scaling shaping synaptic efficacy.



Synaptic Vesicle Associated SNAREs, v-SNAREs

The canonical SNARE complex includes synaptic vesicle associated protein Synaptobrevin 2 (Syb2, also called VAMP2) that forms a complex with the plasma membrane SNAREs synaptosomal-associated protein 25 (SNAP25) and syntaxin 1 to drive rapid action potential-evoked synaptic vesicle fusion (Südhof and Rothman, 2009). Early experiments investigating the selective loss of canonical SNAREs induced large effects on evoked release while spontaneous release was maintained. The genetic deletion of Syb2 in mice caused the loss of calcium dependent evoked release while residual spontaneous release and to some extent asynchronous release were still present (Schoch et al., 2001; Deák et al., 2004). This initial work stimulated further research into which SNAREs are mediating different modes of neurotransmission as molecular perturbations selectively effected spontaneous and evoked release in distinguishable ways.

Fluorescence imaging experiments in conjunction with electrophysiology have shown that Vps10p-tail-interactor-1a (vti1a) containing vesicles traffic in the absence of activity and vesicle-associated membrane protein 7 (VAMP7) containing vesicles also preferentially traffic in response to resting calcium signals, thus both v-SNAREs specifically drive spontaneous release (Hua et al., 2011; Ramirez et al., 2012; Bal et al., 2013; to see a full list of SNAREs associated with the synaptic vesicle proteome; see Takamori et al., 2006). Furthermore, despite both synchronous and asynchronous release being action potential dependent, vesicle-associated membrane protein 4 (VAMP4) selectively maintains asynchronous release demonstrated by differential trafficking with minimal Syb2 trafficking overlap (Raingo et al., 2012). In addition to the functional evidence that these alternative v-SNAREs maintain distinct trafficking pathways, biochemical evidence is consistent with their distinct functions. As for instance VAMP4 forms stable SNARE complexes independent of Syb2 and these complexes do not interact with synaptotagmin-1 and complexins, two protein that are essential for rapid synchronous evoked release (Raingo et al., 2012). The elucidation of specific v-SNAREs that selectively maintain different modes of release reveals a synaptic terminal composed of subpopulations of vesicles defined by their heterogeneous distribution of molecular components (Ramirez et al., 2012; Revelo et al., 2014; Walter et al., 2014). Alternative v-SNAREs act as synaptic vesicle molecular tags for the organization of synaptic vesicles into pools, conferring distinct release properties, downstream functional roles, and the selective regulation of neurotransmitter release (Figure 1) (Mori et al., 2021).



Calcium Sensors

Differences in the molecular machinery to maintain synchronous, asynchronous, and spontaneous release extend beyond SNARE machinery and include calcium sensing proteins. The diversity in calcium sensitivity between synchronous, asynchronous, and spontaneous release is complex; with differential degrees of absolute dependence, different sources of calcium mediating release, as well as differential calcium dependences between excitatory and inhibitory spontaneous release (Courtney et al., 2018; Williams and Smith, 2018; Lin et al., 2020).

Synaptotagmins are a family of calcium sensing proteins implicated in synaptic vesicle exocytosis. Synaptotagmin-1 (Syt-1) is required for synchronous release mediating the calcium sensitivity of fast evoked neurotransmitter release. While the loss of Syt-1 impairs synchronous release, it unclamps spontaneous release and augments asynchronous release, regulating release bidirectionally (Maximov and Südhof, 2005; Liu et al., 2009). Syt-1 is a low affinity calcium isoform making it only a reliable calcium sensor following voltage gated calcium channel (VGCC) opening and subsequent nanodomain elevation of calcium. Whereas Synaptotagmin-7 (Syt-7), the proposed asynchronous calcium sensor, has a 10-fold higher calcium affinity than Syt-1, giving it utility on a longer timescale post VGCC opening. Syt-7 loss of function mutations drastically reduce asynchronous release and associated synaptic vesicle trafficking providing the molecular framework for the differential timing of these two types of action potential dependent release (Geppert et al., 1994; Sugita et al., 2002; Bacaj et al., 2013; Li et al., 2017).

Although the precise nature of calcium sensitivity of spontaneous release is still a matter of debate, soluble calcium sensors of the Doc2-like protein family are thought to regulate spontaneous release in addition to synaptotagmin (Groffen et al., 2010; Pang et al., 2011). A quadruple knockdown strategy to eliminate members of the Doc2 family caused a reduction in spontaneous neurotransmission while action potential-evoked neurotransmission remained relatively normal. This protein loss also caused a subsequent increase in synaptic strength, suggesting that spontaneous neurotransmission is able to communicate independently with the postsynaptic neuron and trigger downstream signaling cascades that regulate the synaptic state (Ramirez et al., 2017). This regulation of release via calcium dynamics shows even more complexity with excitatory spontaneous signaling preferentially regulated by Doc2α and inhibitory spontaneous signaling by both Doc2β and Syt-1 (Courtney et al., 2018).




FUNCTIONAL CONSEQUENCES OF DISTINCT FORMS OF RELEASE

The investigation into molecular components that drive different modes of release implies there are distinct functional consequences for synchronous, asynchronous, and spontaneous release. These studies have addressed why different modes of release are maintained in separable pathways and how they contribute to the physiological function of the synapse. In particular, asynchronous and spontaneous forms of release are poorly understood in comparison to evoked synchronous release, however, recent work has identified dedicated functional roles that are unique and specific to each mode of release.



SPONTANEOUS RELEASE

Spontaneous release events were originally viewed as random errors at the synaptic terminal deviating from canonical action potential dependent release, and described as biological noise (Fatt and Katz, 1950). However recent evidence suggests that spontaneous release has a specialized role in both regulating synapse and circuit development in addition to the maintenance of synapse dynamics in several organisms (Huntwork and Littleton, 2007; Choi et al., 2014; Andreae and Burrone, 2015; Banerjee et al., 2021). Furthermore recent findings on the role of aberrant spontaneous neurotransmission in neurological disease as well as ketamine’s rapid antidepressant action arising from spontaneous release modulation reflect the utility of different modes of release at the synapse (Autry et al., 2011; Alten et al., 2021). Ultimately revealing spontaneous neurotransmission as an autonomous mode of release involved in a broad range of functions (Kavalali and Monteggia, 2020).


Development

Early stages of development are characterized by high levels of spontaneous release and resting synaptic vesicle cycling as compared to minimal evoked release (Molnár et al., 2002; Andreae et al., 2012). Previously the importance of spontaneous activity in synapse formation has been speculative due to the lack of a proposed function of developmentally elevated spontaneous release (Andreae and Burrone, 2018). However, key studies at the Drosophila neuromuscular junction during development have demonstrated how the frequency of spontaneous release events are directly correlated with synaptic structure. Experimentally facilitating miniature postsynaptic currents (mPSCs) leads to the subsequent increase in presynaptic boutons and the blockade of mPSCs leads to abnormal neuromuscular junctions characterized by reduced growth and surface area (Choi et al., 2014). In addition, spontaneous glutamate release events are thought to regulate dendritic arbors by acting as cues for dendritic outgrowth, a process not modulated by evoked release (Andreae and Burrone, 2015). Spontaneous release maintains these developmental pathways that are not controlled by evoked release delineating spontaneous release specific biochemical pathways (Figure 1; Andreae and Burrone, 2018).



Homeostatic Plasticity

In response to global changes in neuronal activity synaptic weights are up- or down-scaled to maintain homeostatic set points of neurotransmission. This homeostatic synaptic scaling maintains the relative differences in synaptic weights between synapses on a neuron, vital for information processing, while still allowing the system to adapt to environmental levels of activity (Turrigiano and Nelson, 2004; Kavalali and Monteggia, 2020). Global changes in activity elicited by complete suppression of action potentials (tetrodotoxin treatment) or conversely disinhibition (bicuculine treatment) can regulate this scaling phenomenon by up or down regulation of postsynaptic receptor density. However, synaptic scaling can also be triggered by alterations in action potential independent neurotransmitter release or via direct manipulation of neurotransmission without gross changes in activity levels (Gonzalez-Islas et al., 2018).

Reduction in N-methyl-D-aspartate receptor (NMDAR) mediated miniature excitatory postsynaptic currents (mEPSCs) via postsynaptic manipulations triggers Eukaryotic Elongation Factor 2 Kinase mediated synaptic upscaling via local dendritic translation (Sutton et al., 2006; Aoto et al., 2008; Reese and Kavalali, 2015). Not only is this NMDAR synaptic scaling pathway separable from the canonical NMDAR mediated long term potentiation (LTP) pathway but it is also implicated as a substrate for disease intervention in major depressive disorder (Lin et al., 2018). In parallel the loss of spontaneous specific release machinery, vti1a and VAMP7, triggers synaptic scaling of α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid receptors (AMPARs) as reflected by increased mEPSC amplitudes (Crawford et al., 2017). Furthermore, the blockade of spontaneous γ-aminobutyric acid (GABA)-ergic signaling leads to multiplicative downscaling at excitatory synapses via brain-derived neurotrophic factor transcription and signaling, demonstrating an exclusive role of spontaneous release in the relationship between excitatory and inhibitory synapses (Horvath et al., 2021). These specific pre- and post-synaptic perturbations ultimately reveal how spontaneous release functions to maintain basal levels of synaptic efficacy, through separable mechanisms from evoked release (Figure 1).




ASYNCHRONOUS RELEASE


Plasticity

Due to the slow dynamics of asynchronous release–vesicle fusion occurring with 10–100 ms delay after an action potential –it is speculated to impact synaptic plasticity. However, neuron and synapse specific diversity in the degree of asynchronous release make the generalization of the physiological significance of asynchronous release difficult. Syt-7, putative asynchronous calcium sensor, is required for short-term presynaptic facilitation at some synapses (Jackman et al., 2016). While at fast synapses, with minimal asynchronous release, Syt-7 is not required for short-term plasticity but the fidelity of synchronous release allowing for prolonged synaptic signaling (Luo and Südhof, 2017).



Information Encoding

Fast synchronous release is often thought to be the main mode of information transfer due to its tight temporal coupling with presynaptic action potentials. Nevertheless, loss of synchronous neurotransmission by in vivo knockdown of Syt-1 in the hippocampus still allowed the acquisition of fear memories, albeit with impairments, suggesting that asynchronous release detected after Syt-1 loss-of-function is still sufficient to encode the majority of the memory. While this result does not negate the importance of release timing in brain circuits, it indicates that action potential bursts and subsequent asynchronous release can be critical drivers for information encoding (Xu et al., 2012).



Oscillatory Activity

Understanding the degree of asynchronous release in different neuronal subtypes provides insight into the molecular diversity and input specificity of inhibitory interneurons in the hippocampal circuit. Cholecystokinin (CCK)–expressing GABAergic interneurons (innervate pyramidal cells at soma and proximal dendrites) are characterized by high asynchronous activity as compared to other interneuron subtypes. Therefore their prolonged asynchronous GABA release generates long lasting inhibition that modulates circuit activity (Hefft and Jonas, 2005). Based on CCK–expressing GABAergic interneurons’ role in maintaining low frequency oscillations of the hippocampus, their prominent asynchronous release is suspected to play a key role in generating hippocampal theta rhythms (Klausberger and Somogyi, 2008; Rozov et al., 2019). Delineating the physiological function of asynchronous release demonstrates its unique and specific role creating the context to further study the molecular underpinnings of each mode of release (Figure 1).




NANOSTRUCTURE

The molecular diversity of synaptic vesicles as well as distinct functional roles of each mode of release challenge the notion of a molecularly homogeneous organization within the synaptic terminal. The proposed structure of the synapse now incorporates the nano-organization of proteins throughout the synapse, including protein density gradients in the active zone, synaptic cleft, receptor localization, and postsynaptic density creating a physical trans-synaptic alignment of proteins termed a nano-column (Tang et al., 2016). Synaptic nanocolumns are suspected to have a role in facilitating release differentially providing the framework at which the synapse is able to maintain different modes of release via parallel pathways.



DISTINCT POSTSYNAPTIC TARGETS


Excitatory Synapses

The application of use dependent drugs and optical imaging have demonstrated that different modes of neurotransmission target distinct postsynaptic receptors (Atasoy et al., 2008; Melom et al., 2013; Peled et al., 2014). Initial studies at excitatory synapses took advantage of use dependent receptor blockers to probe postsynaptic receptor segregation. The application of use dependent NMDAR blocker, MK-801, demonstrated a near complete segregation of NMDAR response to spontaneous and evoked glutamate release (Atasoy et al., 2008; Reese and Kavalali, 2016). The use of philanthotoxin, use dependent blocker of GluR2 lacking AMPARs, extended this notion to evoked and spontaneous glutamate release dependent activation of distinct sets of AMPARs (Sara et al., 2011; Peled et al., 2014). These results demonstrate the independence of evoked and spontaneous release probabilities as well as spatial segregation of the two forms of release.



Inhibitory Synapses

Despite accumulating evidence of nano-organization at excitatory synapses, segregation of distinct forms of release at the inhibitory synapse is relatively under-investigated. The distinct functional roles of evoked and spontaneous release at excitatory synapses provides rationale for robust segregation, however, the degree of segregation and functional outcomes of evoked and spontaneous inhibitory signaling are unknown. A recent study has uncovered partial segregation of evoked and spontaneous release at an inhibitory synapse. The utilization of picrotoxin, a use dependent GABAAR channel blocker, demonstrated that approximately 40% of GABAARs are exclusively activated by evoked release (Horvath et al., 2020).

Historically the main role of inhibitory signaling has been cast as modulating excitatory neurotransmission and regulating a neuron’s propensity to fire action potentials. However, only recently has the biochemical signaling of inhibitory neurotransmission been addressed due to the few known targets of chloride. The discovery that with-no-lysine kinases (WNKs) function as chloride sensors and second messenger cascades downstream of GABAergic chloride current provide insight into the dynamic nature of the inhibitory synapse (Piala et al., 2014; Heubl et al., 2017; Chen et al., 2019). Further adding to the complexity of the inhibitory synapse, GABAergic signaling is excitatory during early development, influencing synapse plasticity and growth to generate functional circuits (Ben-Ari, 2002). Understanding if there are common principles governing nanostructure and the segregation of release at inhibitory synapses as seen at excitatory synapses is crucial, however, it remains unclear if a partial segregation mediates differential signaling of inhibitory spontaneous and evoked neurotransmission and how this segregation is achieved (Horvath et al., 2020).



Neurotransmitter Receptor Dynamics

The nanocolumn organization discussed above allows for concentrated increases in neurotransmitter at designated regions along the active zone, aligned with specific receptor sub-populations. The significance of transient localized increases in neurotransmitter is bolstered by studies investigating the segregation of release via receptor activation, neurotransmitter receptor dynamics, and synaptic plasticity.

To understand the implications of synaptic nanocolumns, it is first important to establish the essential role of the site of neurotransmitter release and receptor localization in determining the efficacy of neurotransmission. The traditional picture of the synapse assumes a homogeneous structure whereby synaptic strength is governed by the number of receptors in the postsynaptic density and neurotransmitter is released at any place within the active zone (Lisman et al., 2007). Under previous assumptions neurotransmitter release activated the same subset of receptors regardless of its mode or timing, however, the dynamics of glutamate diffusion and AMPAR activation challenge this notion. The probability of AMPAR activation declines with distance from glutamate release due to both the low affinity of AMPARs for glutamate and the rapid diffusion of neurotransmitters following release (Franks et al., 2003; Raghavachari and Lisman, 2004). Modeling has predicted that the necessary concentration of glutamate to activate AMPARs following synaptic vesicle fusion is extremely brief and localized whereby presynaptic release most likely creates a “hotspot” of neurotransmitter activating only a subset of receptors (Biederer et al., 2017). Thus, now the prevailing view is both the location and timing of glutamate release is important for determining how information is transmitted at excitatory synapses.



Plasticity

Synaptic plasticity involves both pre- and post-synaptic mechanisms that employ numerous molecules and signaling cascades. However, if we focus on receptor mediated postsynaptic potentiation we see how nano-organization at the synapse can be vital, where not just the number of postsynaptic receptors, but also receptor location is a critical determinant of synaptic strength and efficacy. For instance, during LTP induction, it has been reported that preventing AMPAR surface diffusion markedly impairs potentiation in vitro in addition to inhibiting behavioral aspects of contextual learning (Penn et al., 2017). Modeling predicts that increasing receptor density is more efficient than merely increasing synaptic area as the same degree of AMPAR current potentiation can be achieved by reducing inter-receptor distances by 30–35% or by increasing AMPAR number by 100–200% (Franks et al., 2003; Savtchenko and Rusakov, 2014).

However, not until the advent of super resolution microscopy has the nanoscale organization of a synapse been explicitly linked to synaptic strength. With super resolution microscopy these earlier proposals were validated with the visualization of intra-synapse AMPAR clusters. Chemical LTP induction lead to nano-domain alignment alterations of increased postsynaptic density protein 95 (PSD-95) density followed by trans-synaptic re-alignment within nanoclusters (Tang et al., 2016). In addition, structural plasticity, changes in spine and bouton size in response to activity paradigms, is related to synaptic molecular architecture. In that synaptic reorganization is modular, whereby increases in spine size are accompanied by the addition of individual nano-modules (Hruska et al., 2018; Figure 2). These studies collectively posit that purely re-distribution of receptors can alter synaptic strength and this reorganization can be a more resource effective means for postsynaptic potentiation.
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FIGURE 2. This figure depicts the nanostructure that is proposed to privilege different modes of release at the synapse, with evoked release supported by specific structural elements (i.e., neurexin and LRRTM2). When viewing the synapse from above one proposal states that evoked release is clustered in confined areas, while asynchronous release is clustered toward the center and spontaneous release is distributed over a larger area of the synapse. Potential plasticity processes may alter nanostructure with increased spine size and a parallel increase in nano-modules as well as increased postsynaptic scaffold and receptor density within nanocolumns.





MOLECULAR COMPONENTS THAT MEDIATE NANO-ORGANIZATION

As discussed above, all different modes of release have distinct functional roles, specific synaptic vesicle fusion machinery, and target distinct postsynaptic receptors, but how this organization is maintained structurally in a single active zone synapse remains poorly understood. The advancement of super resolution light microscopy techniques in conjunction with cryogenic electron microscopy (EM) approaches have uncovered prominent nano-organization at single synapses supported by molecular nano-scaffolds that link pre- and post-synaptic compartments providing a platform that privileges different regions of the synapse for evoked release.

Early optical studies hinted at synaptic nano-organization while examining clustering dynamics of receptor subpopulations. Relative to the extrasynaptic space, AMPARs are organized in nanodomains where the number of clusters increases with synapse size (MacGillavry et al., 2013; Biederer et al., 2017). These clusters are mobile and dynamic as AMPARs can diffuse in and out although they demonstrate an overall stability creating a dynamic environment of AMPAR localization (Nair et al., 2013). Therefore, it has become evident that the distribution of receptors in the excitatory postsynaptic density is not homogeneous whereby AMPARs and NMDARs are both arranged in clusters (Goncalves et al., 2020). Moreover, these receptor clusters are found in areas enriched in postsynaptic proteins providing a proteomic network supporting nanoscale receptor organization (MacGillavry et al., 2013). A principal protein of interest is PSD-95 due to both its role in anchoring AMPARs via TARP binding and its co-enrichment with AMPAR clusters at the postsynaptic density (PSD) (Chen et al., 2011; MacGillavry et al., 2013; Nair et al., 2013; Tang et al., 2016). Consequently, PSD-95 is thought to be the master organizer of excitatory postsynaptic organization facilitating the heterogeneous enrichment of receptors and other scaffolding proteins such as GKAP, Shank, and Homer, creating a range of protein expression within the postsynaptic neuron (Tang et al., 2016; Biederer et al., 2017).

A recent study demonstrated that presynaptic loci with a high density of proteins vital for vesicle priming and fusion (such as RIM1/2, Munc13, and bassoon) were associated with parallel postsynaptic gradients of PSD-95 and AMPARs (Tang et al., 2016). Here, presynaptic RIM1/2 clusters show the largest degree of correspondence with postsynaptic PSD-95 whereas presynaptic Munc13 and Bassoon show weaker association with their postsynaptic scaffold counterparts. These findings establish a trans-synaptic nanocolumn model via co-alignment and enrichment of both pre- and post-synaptic proteomes. This nanocolumn organization facilities concentrated increases in neurotransmitter at designated points along the active zone aligned with specific receptor subpopulations providing the substrate for the functionality of different types of release.



CORRESPONDENCE BETWEEN NANOSTRUCTURE AND FUNCTION

The organization of the synapse in nanocolumns deconstructs the classical homogeneous view of single active zone synapses and proposes a heterogeneous molecular platform that favors different modes of release at different regions governing distinct downstream biochemical signaling pathways. A substructure within the active zone that is privileged for evoked release was defined by the co-enrichment of pre- and post-synaptic proteins defined by high local RIM1, PSD-95, and GluA2 density. The mapping of evoked and spontaneous synaptic vesicle fusion in relation to the molecular layout of these key proteins demonstrated evoked fusion is privileged at areas of dense postsynaptic ensembles and spontaneous release happens within a greater area of the active zone (Figure 2). Active zone regions with the highest likelihood of release are aligned to the densest AMPAR areas, optimizing the potency of neurotransmission (Tang et al., 2016). This work demonstrated AMPARs are enriched within 80 nm nanodomains aligned with presynaptic RIM nanodomains, however, how AMPAR clusters opposed to release sites are maintained across the synapse was originally unclear.

The extracellular cleavage of leucine rich repeat transmembrane 2 (LRRTM2), a cell adhesion molecule that binds postsynaptic PSD-95 and presynaptic neurexin, has recently been demonstrated to be vital in regulating this pre- and post-synaptic alignment. The acute proteolytic cleavage LRRTM2, disrupting extracellular neurexin binding, led to the rapid repositioning of AMPARs away from RIM nanodomains, specifically reducing the amplitude of evoked PSCs while spontaneous release was unaffected. The enrichment of LRRTM2 in the nanocolumn upholds release and receptor nanoclustering by facilitating the alignment of AMPARs for evoked release (Ramsey et al., 2021). Ultimately demonstrating LRRTM2 as a structural link mediating the trans-synaptic alignment necessary for evoked neurotransmitter release (Figure 2). The bias of these defined nanocolumns toward one mode of release bolsters the premise that different modes of release activate different postsynaptic receptors and provides a substrate for plasticity. However, multiple questions still remain. First of all, synaptic nanostructure has been shown to facilitate evoked release, however, it is unknown if there are molecular platforms in place to support spontaneous release. Furthermore, are there other trans-synaptic molecules enriched in nanocolumns? If so, what is their role in development? In addition, are there other mechanisms besides direct interactions supporting pre- and post-synaptic domains, i.e., steric hinderance (Biederer et al., 2017) that impact nano-organization? Lastly how does this synaptic nanostructure relate to synaptic vesicle pools? As discussed above synaptic vesicle pools are defined by their molecular identity but how do nanodomains traffic and facilitate release at distinct fusions sites of molecularly diverse synaptic vesicles?

Recent development of a system that allowed for stimulation followed by the immediate high-pressure freezing of the sample, “zap-and-freeze,” allowed for the spatial and temporal analysis of both synchronous and asynchronous release at the active zone. Series of electron micrographs of synaptic ultrastructure revealed a distinct spatial organization of vesicle fusion following stimulation, with synchronous release happening throughout the active zone and asynchronous release, vesicles that fuse 11 ms after stimulation, concentrated at the center (Figure 2; Kusick et al., 2020). The functional significance of this segregation of action potential induced release was investigated in regard to subtypes of glutamate receptors that have a heterogeneous organization on the post synapse.

Excitatory synapses typically express three subtypes of glutamate receptors; NMDARs, AMPARs, and metabotropic glutamate receptors that display a centralized, peripheral, and dispersed organization within the PSD, respectively (Goncalves et al., 2020). The location of NMDARs is of particular interest due to the necessity of not only glutamate binding but postsynaptic depolarization, to relieve magnesium pore blockade, for receptor activation (Seeburg et al., 1995). The ultrastructural analysis of synaptic fusion pits and postsynaptic receptors delineated AMPARs cluster at the periphery and NMDARs at the center of the PSD. Further computer modeling revealed the spatial organization of fusion sites with specific receptors, where asynchronous release is privileged adjacent to where NMDARs are localized (Li et al., 2021). The temporal difference of synchronous and asynchronous release is suspected to facilitate NMDAR activation. Thus, providing new evidence deviating from the canonical view of NMDAR activation via spike timing dependent plasticity but NMDAR activation in the same active zone by the same spike due to the trans-synaptic alignment of release sites and receptors (Li et al., 2021).

These studies outline a synaptic organization of nanocolumn clusters supporting evoked release where asynchronous release is preferentially localized to the center of the synapse and spontaneous release happening throughout the synapse (Figure 2). Modular nanocolumn synaptic organization implies a design principle that may ultimately mediate the segregation of release, shape synaptic efficacy, determine neurotransmission reliability, and tune plasticity.



FUTURE DIRECTIONS: TECHNOLOGY AND TOOLS

The largest challenge with understanding the ultrastructure of the synapse in relation to neurotransmission is synaptic structures are too small for traditional light microscopy methods while physiological processes are fast and dynamic (Biederer et al., 2017). Use-dependent pharmacology to investigate the segregation of release primarily at excitatory hippocampal synapses have set the stage for advanced techniques to uncover synaptic nanostructure. However, these fundamental techniques should not be overlooked but employed to study inhibitory synapses as well as other synapse types to form a complete picture of synaptic organization throughout the brain.

The advent of super resolution microscopy has allowed us to overcome the diffraction limit of light and probe the nanoscale organization of the synapse with fluorescence microscopy. In addition, cryogenic electron microscopy (cryo-EM) techniques allow for the visualization of molecules providing great insight into the morphology of cells and confirmations of proteins. However, at this point cryo-EM does not endow the molecular specificity that fluorescence microscopy offers, and super resolution microscopy does not provide high resolution characterization of synaptic ultra-structure. Whilst super resolution microscopy and cryo-EM are great imaging tools, they do not provide the temporal resolution needed to see physiological synaptic processes in real time. Therefore, electrophysiology still has paramount importance and utility today due to its unparalleled temporal resolution, making it a technique that should be employed in addition to imaging to understand fundamental organizing principles of the synapse. An approach that has recently linked synapse nanostructure to function is cryo-EM visualization of synaptic vesicle fusion coined “zap and freeze” (Kusick et al., 2020). One of the largest draw backs of EM is it cannot be conducted on live tissue. Nevertheless, this method has been used to characterize synaptic ultrastructure directly following stimulation by reconstructing a series of events from snapshots (Kusick et al., 2020). However, it remains a challenge to visualize spontaneous release using these approaches as these fusion events are not under the experimenter’s control.

In order to fully elucidate the function of synaptic nanoscale organization, methods that provide molecular information as well as the monitoring of synaptic vesicle release and retrieval must be used in parallel. Nanometer level resolution has changed the field of neuroscience giving us the tools to further study how synaptic nanostructure underlies function, however, novel tools and further insight are necessary to causally link these nano-structural elements to synaptic signaling.
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Selective distribution of proteins in presynaptic active zones (AZs) is a prerequisite for generating postsynaptic target cell type-specific differences in presynaptic vesicle release probability (Pv) and short-term plasticity, a characteristic feature of cortical pyramidal cells (PCs). In the hippocampus of rodents, somatostatin and mGluR1α expressing interneurons (mGluR1α+ INs) receive small, facilitating excitatory postsynaptic currents (EPSCs) from PCs and express Elfn1 that trans-synaptically recruits mGluR7 into the presynaptic AZ of PC axons. Here we show that Elfn1 also has a role in the selective recruitment of Munc13-2, a synaptic vesicle priming and docking protein, to PC AZs that innervate mGluR1α+ INs. In Elfn1 knock-out mice, unitary EPSCs (uEPSCs) in mGluR1α+ INs have threefold larger amplitudes with less pronounced short-term facilitation, which might be the consequence of the loss of either mGluR7 or Munc13-2 or both. Conditional genetic deletion of Munc13-2 from CA1 PCs results in the loss of Munc13-2, but not mGluR7 from the AZs, and has no effect on the amplitude of uEPSCs and leaves the characteristic short-term facilitation intact at PC to mGluR1α+ IN connection. Our results demonstrate that Munc13-1 alone is capable of imposing low Pv at PC to mGluR1α+ IN synapses and Munc13-2 has yet an unknown role in this synapse.

Keywords: hippocampus, CA1, O-LM interneuron, paired recordings, multiplexed postembedding immunohistochemistry, vesicle release probability, short-term plasticity


INTRODUCTION

Postsynaptic target cell type-dependent differences in synaptic efficacy and short-term plasticity of excitatory synapses (Ali and Thomson, 1997, 1998; Reyes et al., 1998; Scanziani et al., 1998; Sun et al., 2005) have profound impacts on cortical network dynamics (Pouille and Scanziani, 2004). The first identified molecule with postsynaptic target cell type-dependent location in the presynaptic active zone (AZ) of pyramidal cells (PCs) was mGluR7. It was found to be selectively enriched in hippocampal PC AZs that innervate somatostatin (Som) and mGluR1α expressing interneurons (mGluR1α+ IN; Shigemoto et al., 1996) and its constitutive activity contributes to the low postsynaptic response amplitude of this synapse (Losonczy et al., 2003). Interestingly, mGluR7 is recruited into the AZ by Elfn1 (extracellular leucine-rich repeat and fibronectin type III domain containing 1) which is selectively expressed by Som/mGluR1α+ INs and located in the excitatory postsynaptic densities where Elfn1 trans-synaptically binds and activates mGluR7 (Sylwestrak and Ghosh, 2012; Tomioka et al., 2014; Stachniak et al., 2019). Ectopic expression of Elfn1 in parvalbumin expressing INs (PV+ INs) in the hippocampus changed the short-term plasticity from depression to moderate facilitation through an unknown mechanism (Sylwestrak and Ghosh, 2012).

Although presynaptic neurotransmitter receptors could powerfully influence neurotransmitter release and short-term plasticity, in the presence of a large number of presynaptic receptor blockers synapses still show very diverse functional properties. This diversity is likely the consequence of the heterogeneous molecular components of the AZ matrix that mediate synaptic vesicles (SVs) docking, priming, and release (Sudhof, 2012). Among these, members of the Munc13 protein family are essential for SV docking and priming (Augustin et al., 1999b; Varoqueaux et al., 2002; Siksou et al., 2007) and Munc13-containing supramolecular complexes constitute the docking/release sites in the AZs (Sakamoto et al., 2018). Three closely related Munc13 genes are present in mammals (Brose et al., 1995), out of which two, Munc13-1 and Munc13-2, are expressed in hippocampal PCs (Rosenmund et al., 2002). The C-terminal part of the proteins shares common domain structures, which is functionally essential for their priming activity and are structurally homologous to vesicle tethering factors (Basu et al., 2005; Stevens et al., 2005; Li et al., 2011). Munc13-1 has one while Munc13-2 has two major splice variants with different N-terminal regions: the brain-specific bMunc13-2 and the ubiquitously expressed ubMunc13-2 both of which are expressed in CA1 PCs (Brose et al., 1995; Augustin et al., 1999b; Betz et al., 2001; Breustedt et al., 2010; Kawabe et al., 2017). Experiments in cultured autaptic neurons suggest that Munc13-1 and Munc13-2 bestow different short-term plasticity to the synapses. In 90% of the axon terminals of cultured PCs, Munc13-1 primed vesicles have high Pv and the synapses display short-term depression while in 10% of boutons, the presence of Munc13-2, in the absence of Munc13-1, confers low Pv and short-term facilitation (Rosenmund et al., 2002). As this correlation appears to hold in other synapses (Cooper et al., 2012; Man et al., 2015), the following concept emerged: high Pv synapses that show short-term depression are equipped with Munc13-1 which enables tight docking of readily releasable SVs, while low Pv synapses that display short-term facilitation employ Munc13-2 and vesicles are loosely docked and require intracellular [Ca2+] increase to become release competent (Neher and Brose, 2018). Munc13-2 immunolabeling in the hippocampus showed an uneven distribution of the protein with strong staining in the stratum oriens of the CA1 area (Kawabe et al., 2017) where most of the dendrites of mGluR1α+ INs are located, raising the question whether the low Pv of CA1 PC to mGluR1α+ IN synapses could be the consequence of the presence of Munc13-2 as a priming factor?



MATERIALS AND METHODS


Animals

Two young adult male Wistar rats (P30, 42), 3 adult (P50) male C57BL/6J mice, 47 adult (P50-60) Tg(Chrna2-Cre)OE25Gsat/Mmucd (RRID:MMRRC_036502-UCD, on C57BL/6J background (Leao et al., 2012) crossed with reporter line Ai9 [Gt(ROSA)26Sor_CAG/LSL_tdTomato], 15 adult (P50–70) male C57BL/6N-Elfn1tm1.1(KOMP)Vlcg/MbpMmucd (RRID:MMRRC_047527-UCD, on C57BL/6N background (Tomioka et al., 2014) and 5 heterozygous littermate control mice, and 35 adult P50–70 C57BL/6N-Unc13bTM 1a(KOMP)Wtsi/MbpMmucd (RRID:MMRRC_050292-UCD, on C57BL/6N background) were used. Mice of both sexes were used. The animals were housed in the vivarium of the Institute of Experimental Medicine in a normal 12 h/12 h light/dark cycle and had access to water and food ad libitum. All the experiments were carried out in accordance with the Hungarian Act of Animal Care and Experimentation 40/2013 (II.14) and with the ethical guidelines of the Animal Committee of the Institute of Experimental Medicine, Budapest.



Virus Injection

Mice were anesthetized with a mixture of ketamine, xylasine, pypolphene (0.625, 6.25, 1.25 mg/ml respectively, 10 μl/g body weight). The pAAV-Ef1a-mCherry-IRES-Cre was a gift from Karl Deisseroth (1.8 × 1013 Addgene viral prep # 55632-AAV81 ; RRID:Addgene_55632) (Fenno et al., 2014) or pENN.AAV.CamKII 0.4.Cre.SV40 was a gift from James M. Wilson (Addgene viral prep # 105558-AAv92 ; RRID:Addgene_105558) (1:10 dilution 2.8 × 1013, Penn Vector Core) were injected into the dorsal hippocampus (200 nl, coordinates from the Bregma in mm: antero posterior/dorso ventral/lateral: 2.1/1.1/1.3 and/or 2.2/1.5/1.2). After 2 weeks, the mice were either perfused or in vitro acute slices were prepared from the dorsal hippocampus as below.



Slice Preparation and Electrophysiological Recordings

The following animals were used: 44 adult (P50-60) Tg(Chrna2-Cre)OE25Gsat/Mmucd (RRID:MMRRC_036502-UCD, on C57Bl/6J background) crossed with reporter line Ai9 [Gt(ROSA)26Sor_CAG/LSL_tdTomato]; 10 adult P50-70 C57BL/6N-Elfn1tm1.1(KOMP)Vlcg/MbpMmucd. Nineteen adult P50-70 C57BL/6N-Unc13bTM 1a(KOMP)Wtsi/MbpMmucd mice were injected with pAAV-Ef1a-mCherry-IRES-Cre more than 2 weeks prior to the slice preparation. Mice were stably anesthetized with a ketamine, xylasine, and pypolphene cocktail (0.625, 6.25, 1.25 mg/ml, respectively, 10 μl/g body weight), and then decapitated; the brain was quickly removed and placed into an ice-cold cutting solution containing the following (in mM): sucrose, 205.2; KCl, 2.5; NaHCO3, 26; CaCl2, 0.5; MgCl2, 5; NaH2PO4, 1.25; and glucose, 10, saturated with 95% O2 and 5% CO2. Coronal slices (300 μm thick) were then cut from the dorsal hippocampus using a Leica Vibratome (VT1200S) and were incubated in a submerged-type holding chamber in an artificial cerebral spinal fluid (ACSF) containing the following (in mM): NaCl, 126; KCl, 2.5; NaHCO3, 26; CaCl2, 2; MgCl2, 2; NaH2PO4, 1.25; and glucose, 10, saturated with 95% O2 and 5% CO2, pH 7.2–7.4, at 36°C for 30 min, then kept at 22–24°C until use. Recordings were performed in the same ACSF supplemented with 2 μM AM251 to block presynaptic CB1 receptors at 32°C up to 6 h after slicing.

Cells were visualized using infrared differential interference contrast (DIC) imaging on a Nikon Eclipse FN1 microscope with a 40X water immersion objective (NA = 0.8). CA1 PCs were identified from their position and morphology, and the virally expressed mCherry was identified using fluorescent illumination. Whole-cell current-clamp recordings were performed from CA1 PCs using MultiClamp 700B amplifiers (Molecular Devices). Recorded traces were filtered at 3–4 kHz and digitized online at 50 kHz. Patch pipettes (resistance 3–6 MΩ) were pulled from thick-walled borosilicate glass capillaries with an inner filament. Intracellular solution contained the following (in mM): K-gluconate, 130; KCl, 5; MgCl2, 2; EGTA, 0.05; creatine phosphate, 10; HEPES, 10; ATP, 2; GTP, 1; and biocytin, 7; glutamate, 10 (for presynaptic PCs only) pH = 7.3; 290–300 mOsm. Pyramidal cells were held at –65 mV (with a maximum of ± 100 pA DC current) and trains of 3 APs at 40 Hz were evoked with 1.2–1.5 ms-long depolarizing current pulses (1.5–2 nA). Peak amplitude and full width at half-maximal amplitude of the APs were monitored and the cells were rejected if any of these parameters changed greater than 10%. Postsynaptic O-LM cells were identified in the stratum oriens of the CA1 region by tdTomato fluorescence in the Tg(Chrna2-Cre)OE25Gsat/Mmucd animals crossed with reporter line Ai9 or by their morphology and firing pattern obtained with de- or hyperpolarizing square current injections (600 ms, from –250 to 300 pA with 50 pA steps). Paired whole-cell recordings were performed with a dual-channel amplifier (MultiClamp 700B; Axon Instruments, CA, United States). Data were filtered at 3–4 kHz (Bessel filter), digitized online at 50 kHz, recorded and analyzed using pClamp 10.3 (Molecular Devices, CA, United States). Postsynaptic INs were held at –65 mV (with a maximum of ± 200 pA DC current) in the voltage-clamp mode with the access resistance below 20 MOhm.



Tissue Processing

After recordings, the slices were fixed in a solution containing 4% formaldehyde (FA, Molar Chemicals, Budapest, Hungary), 0.2% picric acid in 0.1 M phosphate buffer (PB), pH = 7.4, at 4°C for 12 h. Immunolabeling was carried out without re-sectioning. Slices were washed in 0.1 M PB and blocked in normal goat serum (NGS, 10%; Vector Laboratories, CA, United States) for 1 h made up in Tris-buffered saline (TBS; pH 7.4), incubated in the solutions of the primary antibodies: guinea pig anti-mGluR1α (1:1,000, Frontier Institute Co., Ltd.; Cat# mGluR1a-GP-Af660, RRID:AB_2531897), or a cocktail of this Ab and a mouse anti-Cre Ab (IgG1, 1:1,000, Millipore, Cat# MAB3120, RRID:AB_2085748); diluted in TBS containing 2% NGS and 0.2% TritonX-100. Biocytin was visualized with Cy3-conjugated streptavidin (1:1,000; Jackson Immunoresearch Laboratories, PA, United States, RRID:AB_2337244). After several washes, the following secondary antibodies were applied: Alexa488-conjugated goat anti-mouse IgG1 (Jackson Immunoresearch Laboratories, PA, United States, Code: 115-547-185, RRID:AB_2632534), and Cy5-conjugated donkey anti-guinea pig IgGs (Jackson Immunoresearch, Code 706-175-148, RRID: AB_2340462). Sections were mounted in Vectashield. Image stacks were acquired with an Olympus FV1000 confocal microscope with 20x and 60x (oil immersion) objectives. A PC was considered virally infected if its nucleus had a detectable Cre signal. A cell was considered an O-LM cell, if the axon arborized in the stratum lacunosum-moleculare.



Processing of Perfusion-Fixed Tissue

Two young-adult Wistar rats (P30, 42), 3 adult (P50) male C57BL/6J mice, 3 adult (P50–60) Tg(Chrna2-Cre)OE25Gsat/Mmucd, (RRID:MMRRC_036502-UCD, on C57BL/6J background) crossed with reporter line Ai9 [Gt(ROSA)26Sor_CAG/LSL_tdTomato], 5 adult (P50–70) male C57BL/6N-Elfn1tm1.1(KOMP)Vlcg/MbpMmucd (RRID:MMRRC_047527-UCD, on C57BL/6N background) and 5 heterozygous littermate control mice, and 16 adult P50-70 C57BL/6N-Unc13bTM 1a(KOMP)Wtsi/MbpMmucd (RRID:MMRRC_050292-UCD, on C57BL/6N background) were deeply anesthetized and transcardially perfused with a fixative containing 1% FA (Molar Chemicals, Budapest, Hungary) and 0.2% picric acid in 0.1 M PB or in 0.1 M sodium acetate buffer for 15–20 min. The brains were then quickly removed from the skull and placed in 0.1 M PB. Next, 60–100 μm thick sections were cut from the dorsal hippocampus. After blocking in NGS or normal donkey serum (NDS, 10%) for 1 h made up in TBS, the sections were incubated in the following primary antibodies: guinea pig anti-mGluR1α (1:1,000; Frontier Institute Co., Ltd, Nittobo Medical Co. Ltd, Tokyo, Japan; Cat# mGluR1a-GP-Af660, RRID:AB_2531897), goat anti-mGluR1α (1:1,000, Frontier Institute Co., Ltd; Cat# mGluR1a-Go-Af1220, RRID:AB_2571800), rabbit anti-Munc13-1 (1:500, Synaptic Systems, Göttingen, Germany; Cat# 126113, RRID:AB_887734); rabbit anti-Munc13-2 (1:250; Synaptic Systems, Göttingen, Germany; Cat# 126203, RRID:AB_2619807, recognizing the brain-specific isoform, bMunc13-2), rabbit anti-mGluR7 (1:1,000; Millipore, MA, United States; Cat# 07-239, RRID: AB_310459), rabbit anti-Elfn2 (1:500, Sigma-Aldrich, MO, United States, Cat# HPA000781, RRID: AB_1079280) that recognizes both Elfn1 and Elfn 2 (Sylwestrak and Ghosh, 2012), rabbit anti-Elfn1 (1:500; Synaptic Systems, Göttingen, Germany; Cat#448-003, RRID:AB_2884915), guinea pig anti-mGluR7b (1:1,000 gift from Prof. Shigemoto, Shigemoto et al., 1997) diluted in TBS containing 2% NGS or NDS and 0.2% TritonX-100. After several washes, the following secondary antibodies were applied: Cy3-conjugated donkey anti-guinea pig (Cat#: 706-165-148, RRID: AB_2340460) or donkey anti-goat IgG (Cat#: 705-165-147, RRID: AB_2307351) and Cy5-conjugated donkey anti-rabbit IgG (Cat#711-175-152, RRID: AB_2340607; all from Jackson Immunoresearch Laboratories, PA, United States). Sections were either mounted in Vectashield or processed for multiplexed postembedding immunolabeling (see the section below). Image stacks were acquired with an Olympus FV1000 confocal microscope (Olympus Europa SE & Co., Hamburg, Germany) with 20x and 60x (oil immersion) objectives.



Multiplexed Postembedding Immunolabeling

For details of this method (see Holderith et al., 2020). Briefly, sections following a preembedding immunoreaction (see the section above) for mGluR1α (1:1,000 visualized with Cy3-coupled donkey anti-goat Ab) and Munc13-2 (1:250; visualized with Cy5-coupled donkey anti-rabbit Ab) were washed several times in 0.1 M PB, dehydrated (without treatment with OsO4), and embedded into Durcupan. Preembedding immunolabeling of Munc13-2 was essential, because after epoxy embedding, our antibody did not recognize its epitope. 500 nm thick serial sections of the stratum oriens containing double immunolabeled IN dendrites were cut from the top 5 μm of the sections (to avoid heterogeneity from potential unequal penetration of the antibody into the tissue) and placed onto Superfrost Ultra plus slides. First, selected regions of interest (ROIs) were analyzed and imaged with Olympus FV1000 confocal microscope at high magnifications (60X objective; NA = 1.35). The resin was etched with Na-ethanolate (saturated solution of NaOH in absolute ethanol) for 5 min, then rinsed with 96% ethanol, and finally rinsed with distilled water. Retrieval of the proteins were carried out in 0.02 M Tris Base (pH = 9) containing 0.5% sodium dodecyl sulfate (SDS) at 80°C for 60 min. After several washes in TBS containing 0.05–0.1% Triton X-100 (TBST, pH = 7.6), the sections were blocked in TBST containing 6% Blotto A (Santa Cruz Biotechnology), 10% NGS, and 1% BSA (Sigma) for 30 min, then incubated in the guinea pig primary Ab against Munc13-1 (1:500, Synaptic Systems, Göttingen, Germany; Cat# 126104, RRID: AB_2619806) diluted in a blocking solution at room temperature, overnight. After several washes in TBST, the secondary Ab (Alexa 488 donkey anti-guinea pig, 1:200, Jackson ImmunoResearch Laboratories, PA, United States, Cat# 706-545-148, RRID: AB_2340472) was applied in TBST containing 10% of blocking solution for 2 h. After several washes in TBST, the slides were rinsed with distilled water, and the sections were mounted in SlowFade Diamond (Invitrogen, MA, United States). Images of ROIs were taken with an Olympus FV1000 confocal microscope and a 60x (oil immersion) objective or with an Abberior ExpertLine confocal microscope and a 100x (oil immersion) objective. Immunoglobulins were removed with a 5-min incubation in TBS containing 1% SDS (pH = 7.7) at 80°C. After 5 min of washing in TBST, new rounds of immunolabeling were performed using a guinea pig anti-PSD95 Ab (1:500, Synaptic Systems, Göttingen, Germany; Cat# 124014, RRID: AB_2619800), a guinea pig anti-panAMPA receptor Ab (1:100 Frontiers Cat#Af580; RRID: AB_257161), a chicken anti-Bassoon Ab (1:200 Synaptic Systems, Göttingen, Germany; Cat#141-016; RRID: AB_2661779), a guinea pig anti-Cav2.1 Ab (1:100 Synaptic Systems, Göttingen, Germany; Cat#152 205; RRID: AB_2619842), and finally with a guinea pig anti-Rim1/2 Ab (1:100 Synaptic Systems, Göttingen, Germany; Cat#140-205; RRID:AB_2631216) with the appropriate Alexa488-coupled secondary Abs (Alexa488-coupled donkey anti-guinea pig, 1:200; Jackson ImmunoResearch Laboratories, PA, United States; as above or Alexa488-coupled goat anti-chicken, 1:200; Jackson ImmunoResearch Laboratories, PA, United States, Cat# 103-545-155, RRID: AB_2337390).



Quantitative Image Analysis

Confocal images were imported in ImageJ where circular ROIs (for postembedding immunolabeling) were placed over synaptic fluorescent clusters and over the unlabeled neuropil to determine the specific and non-specific labeling, respectively. The integral of the fluorescence was measured, and the background was subtracted for each ROI. For postembedding multiplexed labeling, images of the serial 500 nm thick sections were aligned using a custom-made module of ImageJ (“HyperStackStitcher;” available on the web site).3 To pool data from different experiments obtained with different confocal microscopes and laser settings, PSD95- normalized intensities of each immunosignal were further normalized to the population mean of the random synapses.

To quantify Munc13-2, Elfn, mGluR7, and mGluR1α immunolabeling intensity in Elfn KO and virally injected animals, freehand contour ROIs were used to outline mGluR1α+ dendrites in both the KO and the control or the injected and the contralateral hemispheres with same microscope settings and in the same depth of the tissue. The integral of the fluorescence was measured, and the background was subtracted for each ROI. About 40–150 ROIs were measured per animal.



Statistical Analyses

Data are presented as mean ± SD and median throughout this study. All data were tested for normality using Shapiro–Wilk test. Non-normally distributed datasets were compared with Mann–Whitney U-test. Correlations were determined with Spearman’s rank correlation and the regression coefficient (rs); related p-values were calculated from two-tailed Student’s t-distribution. For multiple comparison, Kruskal–Wallis ANOVA was used with post hoc Dunn’s test. Statistically significant difference was assumed at p < 0.05.



Materials

All the chemicals are obtained from Sigma, unless otherwise stated.




RESULTS


Munc13-2 Is Selectively Present in Synapses-Innervating mGluR1α+ Dendrites

Immunostaining of bMunc13-2 (brain specific isoform of the Munc13-2, referred as Munc13-2 in the study) in the dorsal hippocampus of adult mice [Figure 1, n = 3 C57BL6/J, n = 3 Tg(Chrna2-Cre)OE25Gsat/Mmucd, Leao et al., 2012] crossed with the reporter line Ai9 [Gt(ROSA)26Sor_CAG/LSL_tdTomato] and rats (n = 2, Supplementary Figure 1) revealed punctate labeling of neuronal processes in the stratum oriens and in the alveus of the CA1 area. Double immunofluorescent labeling of Munc13-2 and mGluR1α demonstrated that most of the Munc13-2 immunopositive puncta decorate mGluR1α+ dendrites and the majority of the mGluR1α+ dendrites are decorated by Munc13-2 puncta (Figures 1A,B). Since mGluR7 is present in presynaptic glutamatergic AZs that innervate mGluR1α+ INs (Shigemoto et al., 1996) and has a rather similar labeling pattern to that of Munc13-2, we performed colocalization of these two proteins. The majority of the mGluR7b puncta along the small diameter dendrites were Munc13-2 immunopositive and vice versa, and most Munc13-2 puncta were labeled for mGluR7b in rat (Supplementary Figures 1C,D). This suggested that Munc13-2 is present in excitatory synapses.
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FIGURE 1. Munc13-2 immunolabeling is enriched on mGluR1α immunopositive dendrites. (A) Double immunolabeling for Munc13-2 (left, cyan) and mGluR1α (right, red) in the dorsal hippocampal CA1 region of the mouse (cartoon indicates the location of the region) shows similar distribution in the stratum oriens. Maximum intensity projection of six confocal images separated by 1 μm. (B) A dendritic segment of an mGluR1α immunopositive IN (white boxes on A) is shown at a higher magnification, which is decorated by Munc13-2 immunopositive puncta. Maximum intensity projection of three confocal images separated by 1 μm. (C) 500 nm thick epoxy resin embedded section with preembedding immunolabeling for Munc13-2 (cyan) and mGluR1α (red) shows that Munc13-2 immunopositive puncta preferentially located on the small diameter of mGluR1α+ (distal) dendrites (dd), and mainly avoid the soma (s) and a proximal dendrite (pd) in the hippocampus of the mouse. Boxed area is enlarged on panel (D). (D) Multiplexed postembedding immunolabeling carried out on the section shown in panel (G). Munc13-2 immunopositive puncta marked by circles (representing ROIs for quantification) along the mGluR1α immunolabeled dendrite are immunopositive for Munc13-1, PSD95, AMPA receptors, Bassoon, Cav2.1,and Rim1/2 (all pseudo colored to green). Note that the intensity of Munc13-2 immunolabeling varies substantially. Alignment of sections after each round was based on mGluR1α immunolabeling (red). Numbers represent the labeling rounds during the multiplexed labeling. (E) All of the Munc13-2 immunopositive puncta contain PSD95 immunosignal. Their amount shows positive correlations (Spearman correlation r = 0.48 and 0.55, n = 40 in mouse #1 and n = 80 in mouse #2). (F) Correlations between the density of the Munc13-2 and Munc13-1 in individual AZs (each data point represents an AZ, n = 114 in mouse #1 and n = 80 in mouse #2; Spearman correlation r = 0.16 and 0.34). (G) mGluR1α IN targeting synapses have significantly larger (*) Munc13-1, AMPA receptors, Bassoon, Cav2.1 and Rim1/2 densities than those found in randomly selected glutamatergic synapses in the str. oriens (p = 1.5 × 10–5, 5.5 × 10–24, 1.5 × 10–4, 6.6 × 10–16, 1.3 × 10–5, respectively, MW-U-test). Box plots represent median and 25/75 percentiles, square represent the mean value, whiskers represent SD. All immunolabelings were normalized to PSD95 intensity on panels (F,G). (H) The Munc13-2 content of randomly selected synapses is only 4 ± 7% and 4 ± 10% (in two mice; p = 0 for both MW-U-test) of that of synapses on mGluR1α+ dendrites. (I–L) Munc13-2 immunolabeling (cyan) does not colocalize either with vesicular inhibitory amino acid transporter (VIAAT, red) (I,J, n = 152 Munc13-2 and 222 VIAAT positive profiles in 2 mice) or with vesicular glutamate transporter-2 (vGluT2, red) (K,L), n = 43 Munc13-2 and 33 vGluT2 positive profiles in 1 mouse). Single confocal images (I,K). str. oriens, stratum oriens.


To further test the molecular composition of these Munc13-2 immunopositive synapses in mice, we applied postembedding multiplexed immunolabeling of a number of synaptic proteins on ultrathin sections obtained from epoxy resin-embedded tissue (Holderith et al., 2020) that had been immunolabeled for Munc13-2 and mGluR1α. We discovered that dehydration and resin embedding without OsO4 treatment retains the preembedding immunosignal when the reactions are visualized with Cy3- or Cy5-coupled secondary antibodies (Figure 1C). In 500 nm thick epoxy resin-embedded sections, Munc13-2 immunopositive puncta were clearly visible as they surrounded mGluR1α+ small diameter dendrites but spared the perisomatic and proximal dendritic membranes (Figure 1C). Following the removal of the resin with Na-ethanolate and antigen retrieval with an SDS solution, we immunolabeled the sections, first for Munc13-1, imaged the ROI, eluted the immunoglobulins, and relabeled the sections for PSD95, then for AMPA receptors, Bassoon, Cav2.1 voltage-gated Ca2+ channel (VGCC) subunit, and finally for Rim1/2 (Figure 1D). Qualitative assessment of the images revealed that the Munc13-2 positive puncta were immunopositive for all of these synaptic proteins, but to a different degree. We then quantified the fluorescent intensities for each protein in circular ROIs placed over the Munc13-2 positive puncta. We found that all Munc13-2 positive puncta contained PSD95 immunosignal (Figure 1E, n = 40 and 80 puncta in two mice) indicating that they are excitatory glutamatergic synapses. As the amount of PSD95 correlates almost perfectly with the size of the synapse (Cane et al., 2014; Karlocai et al., 2021), we normalized the immunosignal for each synaptic protein to that of PSD95 of the same synapse, resulting in density values that should be independent of the synapse size. To compare the data from different experiments, Munc13-2 density values were further normalized to the population mean of randomly selected synapses. Following this normalization, Munc13-2 density values displayed large variability (coefficient of variation: CV = 0.87 and 0.86 for mouse #1 and #2, respectively) among individual synapses and they did not correlate with normalized Munc13-1 density values (Figure 1F), suggesting that their amounts in the AZ are independently regulated. Interestingly, the PSD95 normalized densities of Munc13-1, AMPA receptors, Bassoon, Cav2.1, and Rim1/2 were significantly higher in synapses on mGluR1α+ dendrites compared to the randomly selected surrounding synapses (Munc13-1: 1.27 ± 0.58; AMPAR: 1.46 ± 0.50; Bassoon: 1.47 ± 0.85; Cav2.1: 1.38 ± 0.57; Rim1/2: 1.22 ± 0.6, n = 194 mGluR1α targeting and n = 160 random synapses from 2 mice; Figure 1G). To assess the selectivity of the Munc13-2 expression in mGluR1α+ dendrites targeting synapses, we measured their Munc13-2 content and compared them with that of randomly selected synapses in the surrounding neuropil in 2 mice (n = 101 and n = 60 mGluR1α+ dendrite targeting synapses, and n = 1,000 and n = 500 random synapses). Our quantification revealed that only 4 ± 6% and 4 ± 10% of the immunoreactivity found in mGluR1α+ dendrite targeting synapses are present in the surrounding randomly sampled synapses (Figure 1H).

Munc13-2 did not colocalize with vesicular inhibitory amino acid transporter (VIAAT; Figures 1I,J, n = 152 Munc13-2, and n = 222 VIAAT positive puncta in 2 mice, and Supplementary Figure 1F in 1 rat) or with vesicular glutamate transporter-2 (vGluT2; Figures 1K,L, n = 43 Munc13-2 and n = 33 vGluT2 positive puncta in 1 mouse, Supplementary Figure 1G in 1 rat). This indicates that most of the Munc13-2 labeled puncta are present on the axon terminals of local (CA1 and/or CA3) PCs.



Lack of Munc13-2 Puncta in the Stratum Oriens of Elfn1 Knock-Out Mice

Elfn1 has been shown to be selectively expressed in Som/mGluR1α+ hippocampal INs (Sylwestrak and Ghosh, 2012), where it recruits mGluR7 to the presynaptic AZ (Tomioka et al., 2014; Stachniak et al., 2019). The selective knock-down of Elfn1 from these INs results in a decreased short-term facilitation. Next, we tested the potential role of Elfn1 in the above-described selective recruitment of Munc13-2. In five Elfn1 knock-out (KO) mice, immunolabeling of Elfn1/2 were clearly absent in the stratum oriens/alveus (Figures 2A,E). Quantitative measurement of Elfn1 immunolabeling showed a 97.7 ± 0.53% decrease in KO mice (n = 5) compared to the control littermates (n = 4) demonstrating that our antibody against Elfn1/2 provides specific labeling here for Elfn1 and also that the protein is missing in the KO mice. In line with previous results, we also found that immunolabeling of mGluR7 is dramatically reduced compared to the littermate heterozygous controls (Figures 2C,G) without any apparent change in the postsynaptic mGluR1α expression (Figures 2B,F, 107 ± 16% of control littermates, n = 5 KO mice, n = 4 control mice). Finally, we found that immunolabeling of Munc13-2 is apparently absent in the KO mice (3.7 ± 1.7% of control littermates; n = 5 KO mice and n = 4 control mice) compared to the littermate controls where punctate Munc13-2 immunolabeling is clearly visible along the mGluR1α+ dendrites (Figures 2D,H). The lack of both mGluR7 and Munc13-2 in Elfn1 KO mice raises the question whether the increased Pv at the PC-Som+ IN synapses found following Elfn1 knock-down is attributable to the lack of either mGluR7, or that of Munc13-2, or both.
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FIGURE 2. Munc13-2 and mGluR7 are missing in Elfn1 knock-out mice. (A–D) Immunolabeling for Elfn1/2 (A), mGluR1α (B), mGluR7 (C) and Munc13-2 (D) in the dorsal CA1 region of a littermate control mouse shows intense labeling of IN dendrites in the str. oriens. (E–H) same as (A–D) in an Elfn1 KO mouse. No specific immunolabeling is detected for Elfn1/2 (E), mGluR7 (G) and Munc13-2 (H). Cartoons indicate the location of the region. Maximum intensity projection of 20 confocal images separated by 1 μm. str. oriens, stratum oriens.




Conditional Knock-Out of Munc13-2 From CA1 Pyramidal Cells Does Not Affect mGluR7 Expression

To investigate the contribution of Munc13-2 to the properties of CA1 PC to mGluR1α+ IN synapses, Munc13-2 was conditionally knocked out from CA1 PCs in sixteen C57BL/6N-Unc13bTM 1a(KOMP)Wtsi/MbpMmucd mice with Cre-recombinase expressing AAVs injected unilaterally into the dorsal hippocampus (Figure 3). After 14 days, the mice were transcardially perfused and Cre expression was visualized with an anti-Cre antibody (Figure 3 and Supplementary Figure 2). In the non-injected hemisphere, no detectable anti-Cre immunoreactivity was observed in the nuclei of CA1 PCs and the immunolabeling patterns of Munc13-2, mGluR1α, Elfn1, mGluR7, and Munc13-1 (Figures 3A–E) were indistinguishable from those seen in the control mice and rats (Figure 1 and Supplementary Figure 1). In the central part of the injected area, the nuclei of apparently every PC were intensely labeled for Cre-recombinase and the mGluR1α+ dendrite associated specific immunosignal for Munc13-2 decreased by 92 ± 10% in the stratum oriens/alveus (n = 3 mice, Supplementary Figure 2G and Figure 3F). At the edges of the injection zone, the frequency of Cre-immunopositive nuclei decreased and Munc13-2 labeled structures emerged (Supplementary Figures 2A–C). In contrast, despite the expression of Cre and the lack of Munc13-2, the labeling patterns and the intensity of labeling for mGluR1α, Elfn1, mGluR7, and Munc13-1 were unchanged (Figures 3G–J and Supplementary Figure 2G, 101 ± 18%, 104 ± 5%, 104 ± 4%, 99 ± 1% of controls, respectively. n = 3 mice for mGluR1α, Elfn1, mGluR7, n = 2 mice for Munc13-1). In our injections, neither CA3 nor subicular PCs were transfected with Cre-expressing AAVs. Our results demonstrate that the majority of Munc13-2 immunosignal in the stratum oriens of the dorsal CA1 area originates from the axons of CA1 PCs and 2 weeks is sufficient for the significant removal of the protein from these synapses.
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FIGURE 3. Conditional knock-out of Munc13-2 does not change the expression and distribution of Elfn1 and mGluR7. (A–E) Double immunolabeling for Cre and either Munc13-2 (A) or mGluR1α (B), or Elfn1 (C) or mGluR7 (D) or Munc13-1 (E) in the dorsal CA1 area of the non-injected hemisphere. (F–J) Same as in (A–E), but the images are from the hemisphere that has been injected with AAV expressing Cre-recombinase. Immunolabeled Cre (green) is visible in most CA1 PC nuclei (green). Note the lack of immunolabeling for Munc13-2 in the outer part of the stratum oriens, demonstrating the efficient removal of the protein, while there is no detectable change in the immunolabeling for mGluR1α, Elfn1, mGluR7, and Munc13-1. Maximum intensity projection of 4 confocal images separated by 1 μm. str. pyr, stratum pyramidale; str. oriens, stratum oriens.




Conditional Removal of Munc13-2 From CA1 Pyramidal Cells Leaves Unitary Excitatory Postsynaptic Currents in mGluR1α+ INs Unchanged

Postsynaptic responses between CA1 PCs and mGluR1α+ INs have small amplitudes and display marked short-term facilitation. We recorded from a large population of connected CA1 PC to mGluR1α+ IN pairs in a transgenic mouse line that expresses the red fluorescent protein, tdTomato in O-LM INs in the stratum oriens of the CA1 region (Figures 4A,B). This allowed us to efficiently select mGluR1α+ /O-LM INs (50 out of 52 post hoc identified INs had O-LM morphology, and only 2 were bistratified cells, Figure 4A). We recorded unitary excitatory postsynaptic currents (uEPSCs) evoked by a short train of presynaptic action potentials (APs) at 40 Hz (Figure 4C, black). The first uEPSC had a small amplitude (9.6 ± 9.4 pA, median = 7.2 pA, n = 80 pairs in 44 mice; Figure 4D, black) and the paired pulse ratio (PPR, 2nd uEPSC/1st uEPSC) was 2.19 ± 0.78 (median = 2.09, n = 66 in 38 animals, in 14 cell pairs, the 1st uEPSC peak amplitude was 0 pA, precluding the calculation of the PPR, Figure 4E, black). The amplitude of the 3rd uEPSC increased further resulting in a third uEPSC/first uEPSC ratio of 2.99 ± 1.25 (median = 2.74, n = 66 in 38 mice). In Elfn1 KO mice, the amplitude of the first uEPSC was significantly larger (29.0 ± 28.9 pA, median = 13.9 pA, n = 14 pairs in 10 mice; Figures 4C,D magenta) than that in the control mice. In these KO animals, presumed mGluR1α+ /O-LM INs were preselected based on the location, size, shape of their somata, and on their firing patterns upon DC current injections. Following the recordings, we characterized the cells post hoc and found that 10 out of 14 cells had O-LM morphology and the remaining 4 cells had truncated axon, but they were immunopositive for mGluR1α. The 3-times increase in the first uEPSC is accompanied by a significant decrease of the PPR (1.46 ± 0.41, n = 14 pairs in 10 mice; Figure 4E). As discussed above, the altered uEPSCs in Elfn1 KO mice could be the consequence of the loss of mGluR7 and/or Munc13-2. To address the contribution of Munc13-2, we performed paired recordings between CA1 PCs and presumed mGluR1α+ /O-LM INs in slices from conditional Munc13-2 KO mice in which the dorsal CA1 region was injected with Cre- and mCherry-expressing AAVs. In these animals, PCs were selected based on the expression of mCherry, and the presence of Cre-recombinase in the recorded PCs was verified post hoc by immunolabeling for Cre. Only those pairs were included where the Cre immunopositivity was unequivocally identified in the presynaptic PC (Figure 4F). Similar to the Elfn1 KO mice, in this transgenic line, mGluR1α+ /O-LM INs were selected in the slice based on the same criteria as described above and were molecularly and morphologically characterized post hoc (10 out of 20 cells were O-LM cells, 10 out of 20 cells have truncated axons, but they were immunopositive for mGluR1α; Figure 4G). The first uEPSC of the short train had a small amplitude (6.7 ± 7.9 pA, median = 4.3 pA, n = 20 pairs in 13 animals) which was not significantly different from that recorded in the control mice (Figure 4D). The amplitudes of the second (14.0 ± 13.7 pA, median = 7.1 pA) and the third uEPSCs (18.7 ± 19.9 pA, median = 7.6 pA) were also similar to those in the control, resulting in a PPR of 2.30 ± 1.64 (median = 1.66, n = 13 pairs in 10 mice, for 7 cell pairs the amplitude of the 1st uEPSC peak was 0 pA, precluding the calculation of the PPR; Figure 2E), which was not significantly different from that in the control. Since the Munc13-2 KO mice had a different genetic background (C57BL/6N) compared to the control mice (C57BL/6J), we recorded from the contralateral, non-injected hemisphere of Munc13-2 conditional KO mice as an independent control population and found that the amplitude (first: 7.7 ± 5.5 pA, median = 6.7 pA; second: 17.0 ± 11.8 pA, median = 17.3 pA; third: 27.1 ± 18.6 pA, median = 27.1 pA, n = 12 pairs in 6 mice, Figures 4C,D) and PPR (2.4 ± 1.5; Figure 4E) of uEPSCs were not significantly different from those recorded from the control or the Munc13-2 KO mice.


[image: image]

FIGURE 4. Removal of Munc13-2 does not change the peak amplitude and short-term plasticity of unitary EPSCs between CA1 PCs and mGluR1α expressing INs. (A) In vitro whole-cell patch-clamp recorded and biocytin filled CA1 PC and O-LM IN. The axonal arbor of the IN is visible in the stratum lacunosum-moleculare. Cartoon depicts the location of the cells within the hippocampus. (B) DIC image of the O-LM IN shown in panel (A) (left) and fluorescent tdTomato signal of the same cell (right). (C) Unitary EPSCs (lower traces) evoked by a train of 3 APs @ 40 Hz in a presynaptic CA1 PC (upper traces) recorded in postsynaptic O-LM INs in the dorsal CA1 region of the hippocampus. Black traces are from a control, magenta traces from an Elfn1 knock-out, cyan traces from a Munc13-2 conditional knock-out, dark blue traces from a Munc13-2 conditional knock-out littermate control. (D) The first EPSC is significantly larger (*) in the Elfn1 knock-out mouse than in any of the controls or in the Munc13-2 conditional knock-out mice (p = 5.44 × 10–4, Kruskal-Wallis ANOVA, post hoc Dunn’s test: p = 0.003, 0.00024, 0.041, ctrl vs. Elfn KO, Elfn KO vs. Munc13-2 KO, Elfn KO vs. Munc13-2 ctrl, respectively) while there is no change in the peak amplitude in the Munc13-2 conditional knock-out mouse compared to any of the controls (Kruskal–Wallis ANOVA, post hoc Dunn’s test p = 0.49 and 1, ctrl vs. Munc13-2 KO, control vs. Munc13-2 control). (E) The short-term facilitation is significantly less pronounced in the Elfn1 knock-out mouse (p = 0.0065, Kruskal-Wallis ANOVA, post hoc Dunn’s test: p = 0.0034, ctrl vs. Elfn knock-out) while there is no change in the short-term plasticity in the Munc13-2 conditional knock-out mouse compared to any of the controls (Kruskal-Wallis ANOVA, post hoc Dunn’s test, p = 1, ctrl vs. Munc13-2 KO, Munc13-2 KO vs. Munc13-2 control). (F) In vitro recorded and biocytin filled PC (blue) expressing Cre-recombinase (green) that is localized to the PC nucleus. Single confocal image. (G) A biocytin filled IN with truncated axon (left) expresses mGluR1α (right red). Maximum intensity projection of four confocal images separated by 1 μm. Box plots represent median and 25/75 percentiles, square represent the mean value, whiskers represent SD. str. ori., stratum oriens, str. pyr., stratum pyramidale, str. rad., stratum radiatum, str. lac.-mol., stratum lacunosum-moleculare.





DISCUSSION

In the present manuscript, we describe that: (1) bMunc13-2 is selectively enriched in AZs of CA1 PC axon terminals that target mGluR1α+ INs (mainly O-LM INs). (2) Munc13-1 is also present in Munc13-2 containing CA1 PC AZs, together with Rim1/2, Cav2.1, and Bassoon. (3) Elfn1 is expressed by the postsynaptic mGluR1α+ INs and trans-synaptically recruits not only mGluR7, but also Munc13-2 into AZs. (4) Conditional genetic deletion of Munc13-2 does not change the distribution of either Elfn1 or its presynaptic signaling partner, mGluR7. (5) CA1 PC to mGluR1α+ /O-LM IN synapses lacking Munc13-2 display very similar functional properties compared to Munc13-2 containing control synapses.

Postsynaptic responses made by hippocampal PCs onto mGluR1α+ /O-LM INs display marked short-term facilitation upon repetitive stimulation (Ali and Thomson, 1998; Biro et al., 2005). Despite several studies aiming to reveal the mechanisms of how facilitation is manifested at this synapse, the key molecular mechanism remains still elusive. A selective enrichment of mGluR7 in these presynaptic AZs had been described over two decades ago (Shigemoto et al., 1996) and the contribution of constitutively active group III mGluRs (including mGluR7) to the small EPSC amplitude has been reported (Losonczy et al., 2003). However, neither pharmacological block nor genetic manipulations that remove mGluR7 increased the EPSC amplitude markedly enough at this synapse, leaving the characteristic short-term facilitation intact (Sylwestrak and Ghosh, 2012; Tomioka et al., 2014; Stachniak et al., 2019). A previous study from our laboratory (Eltes et al., 2017) and the study by Koester and Johnston (2005) described smaller [Ca2+] transients in the PC terminals synapsing on Som/mGluR1α+ dendrites compared to those that synapse PV+ INs. However, this difference in [Ca2+] is unlikely to be responsible for the low Pv at this synapse, because the application of 4-aminopyridin elevated the presynaptic [Ca2+] in boutons innervating mGluR1α+ INs to reach that found in boutons innervating PV expressing INs, but the EPSCs, though increased, still remained small and facilitating at PC to mGluR1α+ IN synapses (Holderith et al., unpublished observation). A longer coupling distance between SVs and presynaptic VGCCs was also suggested as a potential mechanism of the low Pv at cortical PC to Som+ IN synapses (Rozov et al., 2001), but freeze-fracture replica immunolabeling experiments could not confirm different nano-topologies at the hippocampal PC to mGluR1α+ vs. PC to PV+ IN synapses (Lorincz et al., unpublished observation), suggesting that a different coupling distance as a key mechanism is also unlikely.

Since none of the above-mentioned mechanisms seems to be key in setting the Pv exceptionally low at PC to Som/mGluR1α+ IN synapses, we tested the subcellular distribution of presynaptic proteins with critical roles in SV docking/priming and tried to find whether any of them has a postsynaptic cell type-dependent distribution in PC axons. Munc13-2 showed a punctate labeling in the stratum oriens of the dorsal hippocampal CA1 area, and our colocalization experiments revealed that it is selectively enriched in the AZs of local CA1 PC boutons that innervate mGluR1α+ INs. To our knowledge, this is the third example (mGluR7: Shigemoto et al., 1996 and mGluR8: Ferraguti et al., 2005) of such postsynaptic target cell type-specific distribution of presynaptic molecules in cortical networks, suggesting that this phenomenon might be more common than previously envisaged. Munc13s are essential synaptic vesicle priming factors and are indispensable for synaptic vesicle fusion (Augustin et al., 1999b; Varoqueaux et al., 2002; Sudhof and Rizo, 2011). They form a tripartite complex with RIMs and RIM-binding proteins that collaborate to recruit VGCCs and SVs to the AZ (Wang et al., 1997; Betz et al., 2001; Schoch et al., 2002; Andrews-Zwilling et al., 2006; Kaeser et al., 2011; Brockmann et al., 2019, 2020). Out of the three isoforms expressed in the CNS (Munc13-1 to Munc13-3), Munc13-1 has the broadest distribution, while Munc13-2 and 3 have more restricted and largely non-overlapping expression patterns (Augustin et al., 1999a). Several studies investigated the functional roles of Munc13s in the heterologous expression systems or neuronal cultures (Rhee et al., 2002; Rosenmund et al., 2002; Varoqueaux et al., 2002; Van De Bospoort et al., 2012). For example, Rosenmund et al. (2002) demonstrated that in cultured hippocampal neurons, Munc13-1 is likely to contribute to the tight docking of vesicles and confer high Pv, whereas in Munc13-2 containing AZs, SVs are loosely docked and have low Pv. Based on these results and the preferential location of Munc13-2 in AZs innervating mGluR1α+ INs, we hypothesized that this Munc isoform will have a key role in setting the Pv low in this synapse. However, to our surprise, the conditional removal of Munc13-2 from CA1 PCs (in an intact neuronal network) had no apparent effect on the Pv of the CA1 PC to mGluR1α+ IN synapses. Similar results were found at mouse photoreceptor ribbon synapses, where Munc13-2 is the only Munc13 isoform present (Cooper et al., 2012), although this synapse differs from the conventional synapses in many ways. A similar lack of effect was found however at Schaffer collateral input onto CA1 PCs (Breustedt et al., 2010) and in the calyx of Held (Chen et al., 2013) in Munc13-2 KO animals. Although, it should be noted that the amount of bMunc13-2 is low in Schaffer collateral to CA1 PC synapses in control animals, therefore the lack of effect in the KO is not that surprising. Furthermore, in the same Munc13-2 KO animals, an apparent reduction of Pv was found at the hippocampal mossy fiber synapses onto CA3 PCs (Breustedt et al., 2010). Munc13-2 knock down with shRNA from glutamatergic input onto amygdala PCs increases Pv (Gioia et al., 2016), indicating a complex role of Munc13-2 in SV priming, probably depending on its interactive partners in the protein complex of the AZ. Here we show that CA1 PC to mGluR1α+ IN synapses also contain Munc13-1, which requires Rim1/2 and Rim binding protein for the efficient priming activity (Deng et al., 2011; Brockmann et al., 2020). Thus, the lack of Rim1/2 at this synapse could provide an explanation for the low Pv. We directly tested this hypothesis using multiplexed immunolabeling of Munc13-2 positive synapses on mGluR1α+ INs and found that Rim1/2 has an even higher density in this synapse compared to that found in the surrounding synapses that are likely to be on PC spines. Thus, we conclude that Munc13-1 must have additional interactive partners or regulatory pathways that adjust its efficacy in priming SVs in a target cell type-dependent manner.

Although, knocking down the expression of Elfn1 with shRNA did not turn EPSCs on Som+ INs depressing there was a reduction in the paired pulse facilitation, indicating some change in the Pv of the synapse (Sylwestrak and Ghosh, 2012), which was later attributed to the lack of presynaptic mGluR7 (Tomioka et al., 2014; Stachniak et al., 2019). Here, we tested how the expression of the specifically located Munc13-2 in the AZs innervating mGluR1α+ INs is altered in the Elfn1 KO mice. Our results revealed that Munc13-2 is enriched in CA1 PC to mGluR1α+ IN synapses in an Elfn1-dependent manner. Removal of Elfn1 results in the loss of mGluR7 and Munc13-2 and a threefold increase in the peak amplitude of PC to mGluR1α+ /O-LM IN uEPSCs and a decreased short-term facilitation. To distinguish whether the functional effect is due to the lack of constitutive mGluR7 activity or lack of Munc13-2, we conditionally removed Munc13-2 (both bMunc13-2 and ubMunc13-2 isoforms) from these synapses by injecting Cre-recombinase expressing AAVs into the dorsal hippocampal CA1 area of the transgenic mouse line in which the Munc13-2 exons, 15–17 are placed between two loxP sites. As no effect of Munc13-2 removal was found on uEPSC amplitudes and PPRs, we conclude that the functional effects of removing Elfn1 from Som/mGluR1α+ INs are the sole consequence of the lack of mGluR7. This is in line with the results of pharmacological block of group III mGluRs that has a very similar effect in EPSC amplitudes (Losonczy et al., 2003).

In summary, although the hippocampal CA1 PC to mGluR1α+ /O-LM IN synapses contain Munc13-2 at high concentration, it does not play a role in setting the Pv unusually low, indicating that Munc13-1 is capable of “ill-priming” SVs or there are additional molecules that prevent tightly docked vesicles from being released, the identity of which is to be discovered.
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Information transfer at synapses occurs when vesicles fuse with the plasma membrane to release neurotransmitters, which then bind to receptors at the postsynaptic membrane. The process of neurotransmitter release varies dramatically between different synapses, but little is known about how this heterogeneity emerges. The development of super-resolution microscopy has revealed that synaptic proteins are precisely organised within and between the two parts of the synapse and that this precise spatiotemporal organisation fine-tunes neurotransmission. However, it remains unclear if variability in release probability could be attributed to the nanoscale organisation of one or several proteins of the release machinery. To begin to address this question, we have developed a pipeline for correlative functional and super-resolution microscopy, taking advantage of recent technological advancements enabling multicolour imaging. Here we demonstrate the combination of live imaging of SypHy-RGECO, a unique dual reporter that simultaneously measures presynaptic calcium influx and neurotransmitter release, with post hoc immunolabelling and multicolour single molecule localisation microscopy, to investigate the structure-function relationship at individual presynaptic boutons.
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INTRODUCTION

Synapses are remarkably heterogenous subcellular compartments, formed of a presynaptic terminal and a postsynaptic element that vary in structure, function and molecular composition. At the presynaptic terminal, calcium influx through voltage gated calcium channels (VGCCs) triggers the fusion of a neurotransmitter-filled synaptic vesicle (SV) with the plasma membrane at the active zone (AZ), a specialised site containing the necessary machinery for vesicle tethering, docking and release (Südhof, 2012). Individual synapses display a high degree of heterogeneity in all stages of this process, differing in their expression of calcium channel subtypes (Luebke et al., 1993; Wheeler et al., 1994; Reid et al., 1997; Gasparini et al., 2001), the level of calcium influx (Ermolyuk et al., 2012) and the sensitivity of release to calcium (Ermolyuk et al., 2012; Jackson and Burrone, 2016; Rebola et al., 2019). Most importantly, neurotransmitter release is a probabilistic process, with SV fusion occurring with a release probability (Pr) that varies widely between synapses (Murthy et al., 1997). Presynaptic boutons are also heterogenous in their structure, such as volume and shape, as well as in their sub-synaptic features, such as AZ area and the number of neurotransmitter-filled vesicles, including their distribution in different vesicle pools (Schikorski and Stevens, 1997; Holderith et al., 2012). Although several of these aspects of presynaptic structure correlate with functional measures, our understanding of this important relationship remains incomplete, in part due to the technical challenges associated with studying both structure and function at the level of the individual synapse. The small size of presynaptic structures, below the spatial resolution limit of light microscopy, requires the use of electron or super-resolution microscopy, whilst the small and rapid events associated with neurotransmitter release require highly sensitive probes with good temporal resolution. It is therefore necessary to combine imaging modalities to uncover how structure informs function at the chemical synapse.


Methods to Study Synapse Function

Our fundamental understanding of presynaptic function comes from classical electrophysiological studies that identified the quantal nature of neurotransmitter release (del Castillo and Katz, 1954) and its relationship with calcium influx (Dodge and Rahamimoff, 1967). Whilst electrophysiological techniques have since been refined to enable recording from individual presynaptic terminals, including small central boutons (Novak et al., 2013), imaging techniques remain the simplest approach to study synapses in the large numbers required to understand their heterogeneity. For this, a range of chemical indicators and genetically encoded reporters have been developed to measure two key aspects of presynaptic function, calcium influx and neurotransmitter release (reviewed in Wang et al., 2019). More recently, the development of genetically encoded voltage indicators has also allowed imaging of the shape of the AP along axons and at individual boutons (Hoppa et al., 2014; Sabater et al., 2021).

Reporters of neurotransmitter release consist of a pH-sensitive form of GFP (pHluorin), typically fused to the luminal domain of a synaptic vesicle protein such as VAMP2 (Miesenböck et al., 1998), synaptophysin (Granseth et al., 2006), or VGLUT1 (Voglmaier et al., 2006). The pHluorin fluorescence is quenched at the acidic pH inside the vesicle and undergoes a 20-fold increase upon vesicle fusion and exposure to the extracellular medium at pH7.4 (Sankaranarayanan et al., 2000). Variants of these probes now include the addition of an invariant fluorophore (tdimer2) for normalisation of the pHluorin signal (Ratio-sypHy, Rose et al., 2013) as well as red-shifted pHluorin analogues for multicolour imaging (Li and Tsien, 2012; Liu et al., 2021). More recently, fluorescent sensors that bind glutamate or GABA have been constructed (Marvin et al., 2013, 2018, 2019) to directly sense neurotransmitter release.

The most widely used genetically encoded calcium indicators are the GCaMP family (Nakai et al., 2001), which have undergone numerous iterations to improve sensitivity and kinetics. Red-shifted calcium indicators have also been produced, such as RGECO and RCaMP1, from which jRCaMP1a and jRGECO1a have been developed (reviewed in Wang et al., 2019). Many of these probes have been targeted to specific subcellular compartments, including the presynaptic terminal (Dreosti et al., 2009; Walker et al., 2013). To monitor both presynaptic calcium influx and neurotransmitter release simultaneously we constructed SypHy-RGECO (Jackson and Burrone, 2016), a dual sensor probe which also provides an optical measure of the calcium dependence of release with single synapse resolution.

This range of tools has been essential in demonstrating the heterogeneity of synapse function, but to understand the underlying structural features that govern it, they must be combined with tools that provide information on synapse morphology and molecular organisation.



Methods to Study Synapse Structure

Electron microscopy (EM) provided the first insights into synapse structure, revealing the existence and arrangement of SVs within a presynaptic terminal, the electron dense AZ with tethered vesicles poised for release and the opposing postsynaptic density (PSD) (Harris and Weinberg, 2012), now known to precisely cluster neurotransmitter receptors (Nair et al., 2013). Although unparalleled in its spatial resolution, EM does not provide information on the distribution of molecules unless combined with immunogold labelling which remains challenging to achieve with high labelling efficiency. Cryo-electron tomography holds great promise to study the structure of the synapse and its proteins in their native state but remains a specialised and experimentally demanding technique.

Over the last two decades, super-resolution microscopy (SRM) has emerged as a tool that allows examination of protein organisation at the nanoscale using standard fluorescent labelling approaches (reviewed in Sigal et al., 2018). Whilst it does not reach the spatial resolution of EM, it is a vast improvement over conventional light microscopy, provides information on the nanoscale organisation of molecules and is more amenable to higher throughput imaging. SRM has shown that several key AZ proteins such as Bassoon (Dani et al., 2010; Glebov et al., 2017), RIM1/2 (Tang et al., 2016; Haas et al., 2018) and Munc13 (Sakamoto et al., 2018) are arranged into subsynaptic domains (SSDs), as are postsynaptic proteins including PSD95 (Fukata et al., 2013; MacGillavry et al., 2013; Nair et al., 2013) and AMPA receptors (Nair et al., 2013). VGCCS have been shown to be highly dynamic at the presynaptic membrane, but transiently stabilise into SSDs at the AZ through protein interactions (Schneider et al., 2015; Heck et al., 2019). Importantly, SRM has brought the pre- and post-synaptic compartments together at the nanoscale by uncovering a novel arrangement in which RIM1/2 and PSD-95 SSDs align across the synaptic cleft, creating a transsynaptic nanocolumn for the efficient transfer of information across the cleft (Tang et al., 2016; Haas et al., 2018). In an intriguing twist to this arrangement, the nanoscale organisation of synaptic proteins was also shown to be plastic, suggesting an important role of subsynaptic domains in regulating synaptic function (Tang et al., 2016; Glebov et al., 2017; Hruska et al., 2018; Heck et al., 2019; Compans et al., 2021). However, the link between nanoscale organisation of synaptic molecules and synapse function is only just beginning to be understood.



Studying the Structure-Function Relationship at the Synapse

Correlative light and electron microscopy studies have revealed that release probability is tightly coupled to the number of docked vesicles, which constitutes the readily releasable pool (RRP) (Murthy et al., 2001; Branco et al., 2010), and that both properties correlate with area of the AZ (Holderith et al., 2012). Whilst these correlations are maintained within synapses from a single type of neuron, synapses from different neuron types but with similar ultrastructural features, such as number of docked vesicles, display different release probabilities (Xu-Friedman et al., 2001).

Neurotransmitter release is driven by calcium influx such that the average release probability of a vesicle in the RRP is correlated with the size of the calcium transient (Ermolyuk et al., 2012). The number of VGCCs also scales linearly with AZ area and release probability in some synapse types (Holderith et al., 2012; Miki et al., 2017). However, weak cerebellar granule cell synapses express greater numbers of Cav2.1 channels than the stronger stellate cell synapses, but these channels are located at a greater distance from SV release sites and are therefore less effective at initiating neurotransmitter release (Rebola et al., 2019). This relationship can be further complicated by the expression of different calcium channel subtypes (Wheeler et al., 1994; Reid et al., 1997; Gasparini et al., 2001) and splice isoforms (reviewed in Lipscombe et al., 2013) that display different dynamics at the plasma membrane as well as distinct biophysical properties, which affect Pr (Heck et al., 2019). In addition, molecular crowding may affect the recruitment and retention of calcium channels in the plasma membrane. For example, blockade of neuronal activity causes a decrease in the density of Bassoon clusters at the active zone and the preferential recruitment of Cav2.1 to synapses with lower density (Glebov et al., 2017). Taken together it is clear that both the number of synaptic proteins and their spatial relationships are important in determining synaptic function.

A key spatial relationship at the synapse is the alignment of pre and postsynaptic protein clusters across the synaptic cleft in transsynaptic nanocolumns, which define the SSDs at which neurotransmitter release will maximally activate postsynaptic receptors (Nair et al., 2013; Tang et al., 2016; Haas et al., 2018). Until recently it was thought that the AZ constituted a single release site, however precise localisation of vesicle fusion using vGlut-pHluorin has revealed that there are multiple hotspots for release at each AZ, ranging from 5 to 14 (Maschi and Klyachko, 2017). Combining this with live SRM has shown that these hotspots are marked by dense nanoclusters of RIM1/2 (Tang et al., 2016), a protein whose levels at the AZ have been intimately linked to Pr (Holderith et al., 2012), and constitute distinct release sites. Munc13-1 and syntaxin-1 are similarly organised into SSDs, and their numbers also correlate with the number of release sites as well as the number of vesicles in the RRP (Sakamoto et al., 2018). However, in contrast to previous studies (Branco et al., 2010; Holderith et al., 2012), the number of Munc13-1 molecules, and consequently the number of release sites and RRP size, did not correlate with Pr at individual synapses (Sakamoto et al., 2018), suggesting that our understanding of the relationship between the molecular composition of release sites and release probability remains incomplete.

Many studies relating synaptic nanoscale structure with function have done so using indirect methods (Glebov et al., 2017) and only a few have attempted to combine SRM techniques and functional imaging at the same synapses (Tang et al., 2016; Sakamoto et al., 2018; Holderith et al., 2020), despite the insight this type of correlation can provide. Here we present a correlative approach combining live imaging of SypHy-RGECO, a genetically encoded reporter that simultaneously measures calcium influx and neurotransmitter release (Jackson and Burrone, 2016), with multicolour 3D-dSTORM using spectral demixing (Testa et al., 2010; Platonova et al., 2015). Using the well-characterised presynaptic proteins Bassoon and Cav2.1, we provide proof of principle that both nanoscale organisation and functional measures can be investigated at the level of individual boutons.




MATERIALS AND METHODS

An overview of the pipeline for functional and 3D-dSTORM correlative imaging is shown in Figure 1.
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FIGURE 1. Functional and 3D-dSTORM correlative imaging pipeline. (1–3) Preparation of neurons for functional imaging of a presynaptic calcium and vesicle release sensor (SypHy-RGECO). (4) Fixation and immunolabelling of neurons. (5–6) Relocation and super-resolution (dSTORM) imaging of SypHy-RGECO + ve neurons. (7–8) Registration between imaging modalities, analysis of calcium influx (RGECO) and neurotransmitter release (SypHy) and nanoscale organisation of synaptic proteins (dSTORM), followed by single synapse correlation between modalities.



Step 1: Preparation of Hippocampal Neurons on Gridded Dishes

Hippocampi were dissected from E18.5 Wistar rat embryos (Charles River Laboratories, United Kingdom), treated with trypsin (Worthington, United Kingdom) at 0.5 mg/ml and triturated with fire-polished Pasteur pipettes. Dissociated cells (80–100k) were plated onto 35 mm low profile Grid500 μ-dishes (Ibidi, Germany) pre-treated with 100 μg/mL poly-D-lysine (Sigma, United Kingdom) and 10 μg/mL laminin (Thermo Fisher Scientific, United Kingdom). Neurons were maintained in Neurobasal media supplemented with 2% B27, 2% foetal bovine serum, 1% glutamax, and 1% penicillin/streptomycin (all Thermo Fisher Scientific, United Kingdom) in a 37°C humidified incubator with 5% CO2. After 3 days in vitro (DIV) the media was exchanged for serum and antibiotic-free media.



Step 2: Transfection With SypHy-RGECO

At 7DIV, neurons were transfected with CAMKII:SypHy-RGECO [Jackson and Burrone, 2016, Addgene plasmid #84078, subcloned under a minimal CAMKII promoter in the vector backbone of pAAV-CW3SL-EGFP, a gift from Bong-Kiun Kaang (Choi et al., 2014), Addgene plasmid #61463] using Effectene, following the manufacturer’s protocol (QIAGEN, United Kingdom). Expression of SypHy-RGECO under the minimal CAMKII promoter should be restricted to excitatory neurons.



Step 3: Live Imaging of SypHy-RGECO

Neurons were imaged live at DIV17-21 on an inverted Olympus IX71 microscope equipped with a 60x/1.42 NA oil objective, with a heated stage and objective to maintain the bath temperature at 32 ± 2°C. The growth media was replaced with HEPES buffered saline (HBS; 139 mM NaCl, 2.5 mM KCl, 10 mM HEPES, 10 mM D-Glucose, 2 mM CaCl2, 1.3 mM MgCl2; pH7.3 at 32°C, 290 mOsmol) supplemented with 10 μM NBQX, 25 μM APV and 10 μM Gabazine (Tocris, United Kingdom) to prevent recurrent activity. Images were acquired with an ORCA-Flash4.0 V2 C11440-22CU scientific CMOS camera (Hamamatsu Photonics, Japan) using HCImageLive Software (Hamamatsu Photonics) and the camera was cooled to approximately −20°C with an Exos2 water cooling system (Koolance, United States). The triggering of LEDs, camera acquisition and stimulation were controlled externally through Clampex software (pCLAMP10, Molecular Devices, United States) and a Master-8 programmable stimulator (A.M.P.I, Israel).

A GFP-positive cell was identified, and an extracellular parallel bipolar electrode (FHC, United States) was positioned with the tips on either side of the soma using a PatchStar Motorised Micromanipulator (Scientifica, United Kingdom). A 10-action potential (AP) stimulation at 20 Hz was delivered by an SD9 stimulator (Grass Technologies, United States) using 10 pulses of 9.5–10 V for 1 ms, a stimulus previously shown to elicit a single AP per pulse (Sabater et al., 2021). Imaging was performed with a dual band-pass filter set optimised for EGFP and mCherry (#59022, Chroma Technology, United States) and with LED excitation light sources of 470 and 585 nm (CoolLED, United Kingdom) set at 70 and 100% power, for pHluorin and RGECO fluorophores, respectively. The full frame was acquired with 4 × 4 binning (pixel size = 433 nm), alternating 20 ms exposures of the 470 and 585 nm LEDs with a 20 ms interval between frames, resulting in a final acquisition rate of 12.5 Hz for each channel.



Step 4: Immunofluorescence

Immediately after live imaging, neurons were fixed with 4 or 1% PFA (for Cav2.1 labelling) for 10 min at room temperature (RT). Neurons were washed in PBS 3 times and 50 mM NH4Cl in PBS was applied as a quenching agent, followed by a further 3 washes in PBS. Dishes were stored in PBS at 4°C in the dark until staining. Neurons were permeabilised with 0.1% TritonX-100 in PBS for 10 min, washed three times in PBS and placed in blocking solution (2% BSA in PBS) for 60 min at room temperature (RT). Cells were incubated with primary antibodies diluted in blocking solution for 60 min at RT then washed three times in blocking solution for 5 min each. Secondary antibodies and nanobodies in blocking solution were applied for 60 min at RT and cells were washed three times in block and 3 times in PBS for 5 min each. Cells were kept in PBS at 4°C in the dark until STORM imaging.



Step 5–6: Relocate Neurons for Multicolour 3D-dSTORM Imaging

dSTORM imaging was performed using a spectral-demixing SAFeRedSTORM module (Abbelight, France) mounted on an Olympus IX3 equipped with an oil-immersion objective (100 × 1.49NA oil immersion, Olympus, United Kingdom) and fibre-coupled 642 nm laser (450 mW, Errol). Fluorescent signal was collected with two ORCA-fusion sCMOS cameras (Hamamatsu). A longpass dichroic beam splitter (700 nm; Chroma Technology) was used to split the emission light on the two cameras. 3D-dSTORM imaging was performed by using cylindrical lenses placed before each camera.

The imaging buffer contained 1 mL Glucose Base (10% Glucose, 0.1% Glycerol), 125 μL of Enzyme Buffer (42 μg/mL Catalase (C100, Sigma), 1 mg/mL Glucose oxidase (G2133, Sigma), 50% Glycerol, 20 mM Tris-HCl pH7.5, 4 mM TCEP (C4706, Sigma), 25 mM KCl) and 125 μL of 1 M MEA-HCl (pH∼8 with NaOH, M6500, Sigma). This allowed a final concentration of 4 μg/mL of Catalase and 100 μg/mL of Glucose oxidase, and a final concentration of 100 mM of reducing agent MEA. The final pH was adjusted to fall between pH7.6 and pH8. To limit the contact of the imaging buffer with oxygen, the ibidi dish well was sealed with a 25 mm glass coverslip.

Image acquisition was driven by NEO software (Abbelight). The image stack contained 60,000 frames of a selected ROI of 512 × 512 pixels (pixel size = 97 nm). Cross-correlation was used to correct for lateral drifts. Super-resolution images (.tiff) with a pixel size of 10 nm and localisation files (.csv) were obtained using NEO_analysis software (Abbelight).



Step 7: Image Registration and Synapse Correlation

A maximum z-projection of the live SypHy channel and the reconstructed dSTORM image of the amplified GFP signal were registered using landmark selection and affine transformation in Matlab (Mathworks, script available at https://github.com/jburrone/Jackson-Compans-and-Burrone). Individual synapses that were clearly defined in both images and well aligned in the registration were manually selected and included in correlative analysis.



Step 8: Analysis of Structure and Function


8a: Analysis of Live Images

Images saved in CXD format were converted to TIFF files and split into two separate channels using FIJI (ImageJ). Images were analysed using custom written Matlab scripts (Mathworks, script available upon request). Regions of interest (ROIs, 5 × 5 pixels) were selected for each punctum of SypHy fluorescence and a 15 × 15 pixel ROI was used to calculate background fluorescence. Mean background-subtracted fluorescence intensity values were calculated for each ROI in both SypHy(G) and RGECO(R) channels. Traces were smoothed by averaging over a sliding window of 4 frames. Baseline fluorescence (G0 and R0) was measured as the mean of 15 frames prior to the stimulus. ΔG and ΔR values were calculated by the change in signal intensity from the baseline, with the peak responses defined as the maximum ΔG and ΔR within 15 frames of the stimulus. Puncta in which the ΔR response to the 10AP at 20 Hz stimulus was greater than three times the standard deviation of the baseline were considered responding synapses and were included in further analysis, regardless of whether there was a measurable ΔG response. ΔG and ΔR responses were both normalised to the baseline R0 fluorescence, which represents the overall levels of reporter at the synapse.



8b: Multicolour 3D-dSTORM Analysis

Point Clouds Analyst software (PoCA, Levet et al., 2015, 2019) was used to identify SypHy-RGECO, Cav2.1 and Bassoon clusters from localised molecule coordinates. First a Voronoi diagram was applied to draw 3D polygons of various sizes centred on the localised molecules for each colour separately. Automatic segmentation was performed to detect clusters for each protein (colour1: SypHy-RGECO to identify presynaptic boutons and colour2: Bassoon or Cav2.1). Clusters for each colour were thresholded based on their density (δi1 for colour1 and δi2 for colour2) with respect to the average density of the dataset for each colour, such that δi1 ≥ 1δd and δi2 ≥ 1δd. All selected neighbouring molecules within a maximum distance between neighbours of 200 and 100 nm were considered as forming a cluster when having a minimum number of 200 and 20 molecules for colour1 and colour2, respectively. The colocalisation between SypHy-RGECO and Bassoon or Cav2.1 was computed from the overlapping clusters. We found that some colour2 clusters (Bassoon or Cav2.1) were not automatically detected as colocalising with colour 1 (SypHy-RGECO) clusters even though they clearly formed part of the same synapse. There are multiple reasons for this, including the segmentation thresholds used, which limit the extent of the overlap between colours, and the fact that SypHy-RGECO labels synaptic vesicles and does not cover the entirety of the presynaptic volume. We therefore manually verified and corrected for any missed colocalisations, then extracted cluster volume and density of molecules for colour1 and colour2 from all synapses. Synapses with no colour2 cluster or ambiguous clusters that could not be manually verified were excluded.



8c: Correlation of Live and dSTORM Analysis

Functional responses (ΔG/R, ΔR/R and the ratio ΔG/ΔR) and structural parameters (number of detections and cluster volume and density) were analysed for correlation using Matlab (Mathworks, United States) and Prism 9 (GraphPad, United States), across all synapses selected during image registration (step 7) that passed the inclusion criteria in both imaging modalities (steps 8a and b).





RESULTS

The first imaging step in our pipeline (see section “Materials and Methods” and Figure 1) is to simultaneously measure calcium influx and neurotransmitter release by performing live imaging of SypHy-RGECO, a probe that localises to presynaptic boutons, seen as clear puncta along the axons of hippocampal neurons (Figure 2A). Axonal regions were imaged whilst the soma of the transfected cell was stimulated with a parallel bipolar electrode using 10 pulses that induce single APs (Sabater et al., 2021), a stimulus which lies within the linear range for both reporters (Jackson and Burrone, 2016). Puncta in which the change in RGECO fluorescence was greater than 3S.D. of the baseline were considered functional synapses and included in later analysis (magenta traces, Figure 2A). Using the same criterion for sypHy responses, almost a quarter of synapses (23.27%) did not display measurable neurotransmitter release to a 10AP stimulus despite experiencing a calcium influx, suggesting they had a low release probability (white vs. green traces, Figure 2A). When neurotransmitter release could be quantified, individual synaptic ΔG/R and ΔR/R responses exhibited a wide range of amplitudes, which were positively correlated (Figure 2B). However, due to the spread of points within this correlation, individual synapses with the same level of calcium influx could display different levels of neurotransmitter release (Figure 2C). This can be quantified using the ratio ΔG/ΔR, a measure of the calcium-dependence of release (Figure 2D).
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FIGURE 2. SypHy-RGECO responses to 10AP stimuli. (A) Image of an axon transfected with SypHy-RGECO (green channel (SypHy) shown). Representative traces of SypHy (ΔG/R, green/white) and RGECO (ΔR/R, magenta) responses to 10AP stimuli are shown for boutons with a detectable calcium influx (peak response greater than 3SD of the baseline), associated with SV release (green traces) or failure to release (bottom synapse, white trace) assessed using the same threshold. White boxes indicate selected boutons, all traces shown on the same scale, white arrows indicate stimulation. (B) Cells were stimulated with a 10AP 20 Hz stimulus. The change in fluorescence from baseline (ΔG and ΔR) was normalised to the basal RGECO fluorescence (R) for each synapse. ΔG/R and ΔR/R responses from all synapses show a positive correlation (Spearman’s rank correlation, r = 0.633, p = < 0.0001, n = 211 synapses). (C) SypHy (left) and RGECO (right) traces from 3 synapses (coloured points in B) with a similar amount of calcium influx (RGECO) in response to a 10AP stimulus but a different level of neurotransmitter release (SypHy). Black arrows indicate stimulation. (D) Distribution of the ratio ΔG/ΔR indicating the calcium dependence of release (for the synapses shown in B).


To relocate the same synapses after fixation and staining, we used both their grid position and axonal morphology. We first amplified the SypHy signal using an anti-GFP antibody and an AF488-coupled secondary antibody and labelled endogenous Bassoon with a primary and CF680-coupled secondary antibody suitable for dSTORM imaging. SypHy-RGECO + ve boutons were identified and a widefield image was acquired in the green channel. 3D-dSTORM was then performed for CF680 and the super-resolved image of Bassoon was reconstructed and overlaid on the diffracted GFP image (Figure 3A). Due to the low resolution of the GFP image, chromatic aberrations and the high density of axons in the culture, identifying colocalisation between Bassoon subsynaptic domains (SSDs) and SypHy-RGECO + ve boutons was difficult. To overcome these limits and avoid misidentification, we took advantage of spectral demixing dSTORM (SD-dSTORM) to perform multicolour super-resolution imaging. SD-dSTORM uses fluorophores excitable with a single wavelength (here 642 nm) but with a small shift in their emission spectrum (Figure 3B). Using a long-pass dichroic to split the emission of fluorescence from single emitters onto two cameras, a photon ratio can be calculated to assign the detection to one of the fluorophores (Testa et al., 2010; Platonova et al., 2015; Figures 3C,D and Supplementary Movie 1). As SD-dSTORM uses fluorophores with similar emission wavelengths, chromatic aberrations are negligible compared to more classical multicolour SRM that requires further image processing. Using this technique increased the resolution of SypHy-RGECO + boutons and improved identification of their associated Bassoon SSDs (Figure 3E).
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FIGURE 3. Multicolour 3D-dSTORM to investigate synaptic protein nanoscale organisation. (A) Left panel: schematic of two presynaptic bouton labelled for active zone protein Bassoon resolved with dSTORM. Only one of the two boutons expresses SypHy-RGECO (zoomed synaptic vesicle). The green area represents the diffracted signal from GFP staining imaged with conventional widefield fluorescence microscopy. Right panel: representative example of a widefield image of a SypHy-RGECO + ve axon immunolabelled with AF488 (green) overlaid with a dSTORM image of endogenous Bassoon (magenta) immunolabelled with CF680. Zoomed examples of 3 boutons are shown (square box). (B) Emission spectra of AF647 (light red) and CF680 (dark red), and transmission profile of D700 dichroic (black). (C) Example images of single emitters obtained from the 2 cameras on our SD-dSTORM system and zoomed examples of 2 single emitters. AF647 intensity is stronger on camera 1 than camera 2. CF680 intensity is stronger on camera 2 than camera 1. (D) Distribution of single emitters according to their photon ratio [Icam1/(Icam2 + Icam1)] allows separation of AF647 and CF680 detections. (E) Left panel: schematic of two presynaptic bouton labelled for Bassoon resolved with dSTORM. Only one of the two boutons expresses SypHy-RGECO (zoomed synaptic vesicle). The green area represents the super-resolved signal from GFP staining imaged with SD-dSTORM. Right panel: representative example of multicolour 3D-dSTORM of a SypHy-RGECO + axon immunolabelled with AF647 (green) and endogenous Bassoon (magenta) immunolabelled with CF680. Zoomed examples of 3 boutons are shown (square box).


To further enhance the localisation precision of the SypHy-RGECO + vesicular pool, we used GFP nanobodies directly coupled with AF647. As expected, due to the reduced distance between SypHy and AF647 (Früh et al., 2021), we observed a net reduction in SypHy cluster volume with nanobody labelling compared to classical primary/secondary staining (Supplementary Figures 1A–C). However, after 1% PFA fixation required for labelling Cav2.1, nanobody staining appeared weaker and did not easily allow relocation of SypHy-RGECO + ve neurons for dSTORM imaging, correct registration of image modalities or confident identification of presynaptic boutons (Supplementary Figure 1A, top panel). When compared to nanobody staining following 4% PFA fixation, used for Bassoon labelling, the staining following 1% PFA fixation was less reliable, as shown by the decreased number of detections of AF647 per SypHy-RGECO cluster (Supplementary Figures 1A,D). Since under these conditions the GFP nanobody was likely undersampling the labelling of SypHy, we continued to use the classical primary and secondary antibody labelling approach, which appeared to be less sensitive to fixing conditions and improved the correlation between the number of SypHy-RGECO detections in dSTORM and the RGECO baseline (R0) in live imaging (Supplementary Figures 1E–G). Whilst the primary aim of super-resolving SypHy was to precisely identify live-imaged boutons and their associated proteins of interest, we were also able to investigate the relationship between presynaptic functional properties and SypHy-RGECO detections in neurons labelled with the polyclonal antibody. As this reporter is mostly expressed on SVs, the number and volume of the SypHy-RGECO cluster will be proportional to the total pool of vesicles. We did not observe any correlation between SV release (ΔG/R) or calcium influx (ΔR/R) and either the number or volume of SypHy detections (Supplementary Figure 2).

Two colour super-resolution images of either Cav2.1 or Bassoon together with SypHy-RGECO showed that both AZ proteins are organised in sub-synaptic domains (SSDs), such that a single SypHy-RGECO cluster, representing an individual bouton, could contain anywhere from 1 to 6 Cav2.1 (mean = 1.6, Figure 4A) or Bassoon SSDs (mean = 1.7, Figure 4B). Point Clouds Analyst, a method for 3D two-colour segmentation based on single molecule detection densities (PoCA, Levet et al., 2015, 2019), was used to identify SypHy-RGECO clusters and their associated Bassoon or Cav2.1 SSDs. In most cases, the identification of Bassoon or Cav2.1 SSDs within a SypHy-RGECO cluster was straight forward (Supplementary Figure 3C). In a few cases, segmentation limits meant that associated SSDs were not automatically identified (Supplementary Figures 3D,E). Where possible, these were manually corrected, otherwise synapses were excluded from further analysis. This analysis showed that synapses with more than one Cav2.1 SSD had bigger SypHy cluster volumes (Figure 4C), a difference that was even more noticeable for synapses with multiple Bassoon SSDs (Figure 4D). Interestingly, in synapses with multiple SSDs, the individual clusters of both Cav2.1 and Bassoon display a slight but significant decrease in density compared to those from synapses with single SSDs (Supplementary Figure 4). Together these observations suggest that synapses can use multiple strategies for protein organisation such as forming one or multiple SSDs with different densities of crowding. These types of observation would not be possible using conventional fluorescence microscopy, highlighting the advantage of using SRM to investigate synaptic protein organisation.


[image: image]

FIGURE 4. Nanoscale organisation of Cav2.1 and Bassoon in SypHy-RGECO + ve boutons. (A,B) Examples of SypHy-RGECO + ve boutons labelled for SypHy-AF647 (left panels) and Cav2.1-CF680 (A: middle panels) or Bassoon-CF680 (B, middle panels) imaged with SD-dSTORM. Merged images of SypHy (green) and Cav2.1 (A, magenta) or Bassoon (B, magenta) are shown in the right panels. White arrows indicate Cav2.1 or Bassoon subsynaptic domains (SSD). Synapses can contain a single (top panels) or multiple SSDs (lower panels). (C) Cumulative distribution of SypHy cluster volume labelled with polyclonal anti-GFP and AF647-coupled secondary antibodies after 1%PFA fixation, for synapses with single or multiple Cav2.1 SSDs (Kolmogorov-Smirnov test, p = 0.025, nsingle = 59, nmulti = 38). (D) Cumulative distribution of SypHy cluster volume labelled with AF647-coupled anti-GFP nanobody after 4%PFA fixation, for synapses with single or multiple Bassoon SSDs (Kolmogorov-Smirnov test, p = 0.004, nsingle = 50, nmulti = 42). *p < 0.05 and **p < 0.01.


As VGCCs are directly involved in neurotransmitter release, we next investigated the potential link between Cav2.1 nanoscale organisation, one major subtype of VGCC found at synaptic boutons, and SV release at individual synapses. The number of Cav2.1 SSDs varied considerably across boutons, ranging from 1 to 6 SSDs, with around 60% of analysed synapses containing only a single Cav2.1 SSD (Figure 5A). We separated synapses into two groups according to the presence of a single or multiple Cav2.1 SSDs. For both groups, we observed a similar positive correlation between ΔG/R and ΔR/R (Figure 5B). Within this correlation, the spread of the responses indicates a variation in the calcium-dependence of release between synapses, quantified by the ratio ΔG/ΔR. We compared the distribution of ΔG/ΔR between synapses with single or multiple Cav2.1 SSDs and found no significant difference (Figure 5C). As we did not observe any correlation between Cav2.1 SSD properties and the level of calcium influx or neurotransmitter release (Supplementary Figure 5), we next split synapses based on their release properties—those with detectable levels of neurotransmitter release in response to a 10AP stimulus and those that do not exhibit any detectable release despite showing robust Ca2+ influx. No difference in the number of Cav2.1 SSDs, nor in SSD properties were observed between synapses which released and those which did not (Figures 5D–F). Our findings indicate that Cav2.1 abundance or spatial distribution are not a good predictor for measures of presynaptic function.
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FIGURE 5. Effect of Cav2.1 nanoscale organisation on neurotransmitter release. (A) Distribution of the number of Cav2.1 SSDs per synapse. (B) ΔG/R and ΔR/R responses from synapses post hoc labelled for Cav2.1 and identified as containing a single (blue) or multiple Cav2.1 SSDs (black) show a positive correlation (Spearman’s rank correlation, rsingle = 0.439, p < 0.0001, nsingle = 74 synapses; rmulti = 0.303, p < 0.0001, nmulti = 47 synapses). (C) Distribution of the ratio ΔG/ΔR for the two group of synapses. Distributions are not significantly different (Kolmogorov-Smirnov test, p = 0.657, nsingle = 74, nmulti = 47). (D) Percentage of synapses with single or multiple Cav2.1 SSDs in synapses without detectable release (left, n = 38) or with release (right, n = 121). White lines indicate separation of multiple SSDs by number. (E) Cumulative frequency distribution of the mean density of detections in Cav2.1 SSDs per synapse (number of detections/nm3) in synapses with (green) or without (grey) detectable release to a 10AP stimulus (Kolmogorov-Smirnov test, p = 0.122, nrelease = 121, nno release = 38). (F) Cumulative frequency distribution of the total number of detections in Cav2.1 SSDs per synapse in synapses with (green) or without (grey) detectable release to a 10AP stimulus (Kolmogorov-Smirnov test, p = 0.820, nrelease = 121, nno release = 38).


The probability of neurotransmitter release was previously shown to correlate well with active zone area (Holderith et al., 2012). We therefore investigated the relationship between Bassoon, one of the main presynaptic scaffolding proteins, and presynaptic function. Around 55% of synapses contained a single Bassoon SSD, with the rest of the synapses containing from 2 to 5 SSDs, much like our observations for Cav2.1 (Figure 6A). A similar positive correlation was found between ΔG/R and ΔR/R for synapses with single and multiple Bassoon SSDs (Figure 6B) and again, there was no difference in the relationship between Ca2+ and release between the two group of synapses when comparing the distributions of the ratio ΔG/ΔR (Figure 6C). We also found no correlation between Bassoon SSD properties and the levels of release or calcium influx, with the exception that in synapses with multiple Bassoon SSDs, the number of Bassoon detections was negatively correlated with the calcium dependence of release (ΔG/ΔR) (Supplementary Figure 6). However, when comparing synapses with detectable levels of release to those where release is not detectable, we observed differences in the nanoscale organisation of Bassoon. Releasing synapses tended to have fewer Bassoon SSDs (Figure 6D), as well as less Bassoon detections per synapse (Figure 6F). There was, however, no difference in the mean density of Bassoon distribution (Figure 6E).
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FIGURE 6. Effect of Bassoon nanoscale organisation on neurotransmitter release. (A) Distribution of the number of Bassoon SSDs per synapse. (B) ΔG/R and ΔR/R responses from synapses post hoc labelled for Bassoon and identified as containing a single (blue) or multiple (black) Bassoon SSDs show a positive correlation (Spearman’s rank correlation, rsingle = 0.828, p < 0.001, nsingle = 49 synapses, rmulti = 0.794, p < 0.001, nmulti = 37 synapses). (C) Distribution of the ratio ΔG/ΔR for the two group of synapses. Distributions are not significantly different (Kolmogorov-Smirnov test, p = 0.575, nsingle = 49, nmultiple = 37). (D) Percentage of synapses with single or multiple Bassoon SSDs in synapses without detectable release (left, n = 16) or with release (right, n = 86). White lines indicate separation of multiple SSDs by number. (E) Cumulative frequency distribution of the mean density of detections in Bassoon SSDs per synapse (number of detections/nm3) in synapses with (green) or without (grey) detectable release to a 10AP stimulus (Kolmogorov-Smirnov test, p = 0.355, nrelease = 86, nno release = 16). (F) Cumulative frequency distribution of the total number of detections in Bassoon SSDs per synapse in synapses with (green) or without (grey) detectable release to a 10AP stimulus (Kolmogorov-Smirnov test, p = 0.041, nrelease = 86, nno release = 16). *p < 0.05.




DISCUSSION

In this study we have described the use of a correlative approach combining functional imaging and multicolour 3D-dSTORM to investigate presynaptic structure and function at individual synapses. Using this method, we examined the nanoscale organisation of Bassoon and the VGCC Cav2.1. We found that these proteins are organised into SSDs, of which there can 1–6 per synapse (mean = 1.7 and 1.6, respectively), in agreement with previous studies using SRM (dSTORM Bassoon = 1.5, Tang et al., 2016; STED 1–4 Bassoon SSD, Hruska et al., 2018) and immunogold-EM (1–5 Cav2.1 SSD; Miki et al., 2017). In synapses with a single SSD, the density of the protein cluster was increased in comparison to the individual densities of the multiple SSDs, suggesting different strategies can be employed to arrange the same number of total proteins. At present it is not clear what determines the strategy at different synapses and further examination of the co-organisation of protein SSDs will be needed.

We found no correlation between the mean density or total number of Cav2.1 localisations and the levels of either calcium influx or neurotransmitter release. However, immunogold labelling in CA3-CA3 recurrent synapses has previously shown that the number of Cav2.1 channels correlates with AZ area, which in turn correlates with Pr (Holderith et al., 2012). In our study, the population of synapses we sampled from was more heterogeneous, since the promoter driving the expression of SypHy-RGECO could be expressed in any excitatory hippocampal neuron, which may account for any difference between the studies. Importantly, the calcium channel subtypes responsible for calcium influx have been shown to vary between synapses, adding another level of heterogeneity. Cav2.1, Cav2.2, and Cav2.3 have all been shown to support presynaptic calcium influx in glutamatergic terminals (Luebke et al., 1993; Wheeler et al., 1994; Gasparini et al., 2001), and the proportions of VGCC subtypes varied not only across hippocampal regions (Parajuli et al., 2012) but, more intriguingly, across synapses themselves, even when these synapses belong to the same neuron (Reid et al., 1997). In addition, it has been shown that postsynaptic cell identity can also influence presynaptic calcium influx and neurotransmitter release properties (Éltes et al., 2017). This heterogeneity in the complement of VGCC types, where some synapses are almost entirely reliant on one subtype, whilst others utilise a mixed population (Reid et al., 1997; Scheuber et al., 2004), needs to be better understood at the single synapse level. The complexity increases even further at the level of neurotransmitter release. In addition to VGCC number and composition, neurotransmitter release is known to be regulated by the spatial coupling of VGCCs and docked SVs (Eggermann et al., 2012; Rebola et al., 2019). The precise positioning of calcium channels next to docked vesicles is thought to be regulated by an ensemble of proteins such as RIM, ELKS and Munc13 (Wang et al., 2000; Kaeser et al., 2011; Dong et al., 2018; Quade et al., 2019) as well as the diffusive behaviour of VGCCs at the plasma membrane (Schneider et al., 2015; Heck et al., 2019). Any or all of these factors could contribute to the lack of correlation observed between Cav2.1 and functional parameters. It would be particularly interesting to use the same correlative approach to explore how the diverse complement of VGCC subtypes modulates synapse function, as well as the link between vesicle position and specific calcium channel subtypes.

Similarly, we found no correlation between the levels of Bassoon and either calcium influx or neurotransmitter release, in agreement with studies using other correlative methods (Holderith et al., 2020). We previously found that Bassoon clustering density was negatively correlated with neurotransmitter release and hypothesised this was due to a molecular crowding effect that limited the recruitment of other AZ proteins such as RIM and Cav2.1 (Glebov et al., 2017). Here, although we did not observe a negative correlation, we did find a significant increase in Bassoon detections and a larger proportion of multiple Bassoon SSDs in the small subset of synapses without detectable neurotransmitter release, consistent with increased Bassoon enrichment limiting presynaptic function. Furthermore, in synapses with multiple Bassoon SSDs in which release could be quantified, both the number and volume of Bassoon detections negatively correlated with the ratio ΔG/ΔR, a measure of the calcium dependence of release, suggesting a complex interplay between the spatial relationships of the AZ matrix and VGCCs and neurotransmitter release, which will require further investigation.

Using the number of SypHy detections obtained with dSTORM as a proportional measure of the total vesicle pool, we also saw no correlation with release or calcium influx, in agreement with EM studies showing the size of the total vesicle pool does not correlate with Pr, and that bouton volume shows only a weak relationship (Branco et al., 2010; Holderith et al., 2012).

Whilst the proteins we examined in this study showed few significant correlations with presynaptic functional measures, we have provided proof of principle of a correlative approach that can be used to examine functional properties and nanoscale protein organisation at individual presynaptic boutons. Nevertheless, there are some limitations to this technique which must be considered. First, as with all types of image analysis, detection thresholds must be applied. Here, using Voronoi segmentation for dSTORM imaging, we excluded low density detections that may arise from non-specific background or from isolated molecules that are not part of a cluster, perhaps because they are diffusing. By their nature these detections would not significantly alter the total number of counts and they are unlikely to substantially contribute to synapse function since they represent a minority of detections when compared to the larger clusters of protein. For SypHy, the highest density localisations arise from the total pool of SVs, which can be localised away from the AZ (Marra et al., 2012), hence this segmentation method may exclude localisations from surface stranded protein or individual SVs docked at the AZ. As the SSDs of Bassoon and Cav2.1 are located at the AZ, in some synapses they did not overlap with the segmented cluster of SypHy and had to be manually selected as belonging to the same bouton by visually inspecting individual SypHy localisations. If there was any ambiguity as to which SSD was associated with a SypHy cluster the synapse was excluded (Supplementary Figure 3). Second, despite applying manual correction, we still found a significant number of SypHy-RGECO positive synapses without any Cav2.1 or Bassoon SSD, for which there are several possible explanations. The protein may not have been present at the bouton, which is more likely in the case of Cav2.1 as it is known that different synapses can preferentially express other Cav2 subtypes (Reid et al., 1997). This is unlikely the case for Bassoon as it is thought to be ubiquitously expressed at synapses, although boutons lacking Bassoon maintain some enrichment of VGCCs and capacity to release (Davydova et al., 2014). Another explanation could be that the protein was expressed, but at a level below our detection threshold. Whilst we used standard immunolabelling techniques with commercially conjugated antibodies that offer high efficiency labelling, this may also vary between proteins and samples. Finally, the z-range in which we can localise fluorophores is limited to ∼1 um and depending on the size and orientation of the bouton in relation to the focal plane, the SSD of Bassoon or Cav2.1 may lie outside of this range. This limitation could possibly mean that some synapses were incorrectly classified as containing a single rather than multiple SSDs. This could occur if the synapse was sufficiently large to extend beyond the 1um range or the AZ SSD was detected only at the edge of the focal range and extended beyond it, which is only likely to be the case in a small proportion of synapses.

For functional imaging we used SypHy-RGECO, due to its ability to measure two aspects of presynaptic function simultaneously. Again, thresholding must be applied for both SypHy and RGECO channels, and some synapses display a calcium response but not a measurable release. We interpret these as having low release probability, as there may be a response that cannot be distinguished from baseline noise. There is a possibility that these are silent presynaptic terminals (Crawford and Mennerick, 2012), but to determine this would require using a stronger stimulus or more sensitive indicators to improve response detection, such as iGlusNFR for neurotransmitter release (Marvin et al., 2013, 2018, 2019) and GCaMP8 (Zhang et al., 2020) or jRCaMP1a/jRGECO1a (Dana et al., 2016) for calcium influx. Our correlative approach would work equally well with any of these reporters. In addition, whilst we used a 10AP stimulation protocol, which provides a robust response within the linear range for both reporters (Jackson and Burrone, 2016), different stimulation protocols could be employed to explore synaptic function in more depth than presented here.

The correlative approach would also be applicable to link function with the organisation of other synaptic proteins of interest and could be adapted to use different SRM methods. The main drawback of dSTORM imaging is the limited number of proteins that can be imaged at once. Here we have used two-colour imaging, with one channel occupied by GFP labelling for SypHy-RGECO, which is necessary to precisely relocate the same boutons. However, SD-dSTORM could allow the addition of a third fluorophore to examine two proteins of interest alongside GFP. In the dense protein environment of the presynapse, where proteins of interest are in very close proximity, care must be taken to ensure that single molecule localisation without crosstalk is achieved. Alternatively, Exchange-PAINT, SIM or the more recently developed MINFLUX could be used to improve the multiplexing possibilities of this technique, despite their own limitations (Jungmann et al., 2014; Gwosch et al., 2020; Butkevich et al., 2021). Live-SRM or single particle tracking could also add further important information about the dynamics of the nanoscale organisation of synaptic proteins and its role in regulating the calcium-dependence of release (Heine and Holcman, 2020).

Overall, we have demonstrated a flexible method that combines two imaging modalities at the same synapse to investigate functional properties and nanoscale organisation. Large numbers of synapses can be examined using this approach, enabling the wide range of synaptic heterogeneity to be explored, which will be necessary to fully understand the synaptic structure-function link.
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The endolysosomal system is present in all cell types. Within these cells, it performs a series of essential roles, such as trafficking and sorting of membrane cargo, intracellular signaling, control of metabolism and degradation. A specific compartment within central neurons, called the presynapse, mediates inter-neuronal communication via the fusion of neurotransmitter-containing synaptic vesicles (SVs). The localized recycling of SVs and their organization into functional pools is widely assumed to be a discrete mechanism, that only intersects with the endolysosomal system at specific points. However, evidence is emerging that molecules essential for endolysosomal function also have key roles within the SV life cycle, suggesting that they form a continuum rather than being isolated processes. In this review, we summarize the evidence for key endolysosomal molecules in SV recycling and propose an alternative model for membrane trafficking at the presynapse. This includes the hypotheses that endolysosomal intermediates represent specific functional SV pools, that sorting of cargo to SVs is mediated via the endolysosomal system and that manipulation of this process can result in both plastic changes to neurotransmitter release and pathophysiology via neurodegeneration.
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INTRODUCTION

Compartmentalization in eukaryotic cells enables efficient spatiotemporal control of multiple parallel cellular processes by concentrating the required factors in confined microenvironments that provide the best conditions for these processes to proceed. The endomembrane system, which includes the majority of membrane-bound organelles and the plasma membrane, plays a key role in segregating the intracellular environment into functional hubs. However, organelles do not operate as autonomous modules and without a regulated exchange of molecules between the compartments, their overall function would soon be compromised. Therefore, all membrane-bound organelles engage in extensive communication that coordinates their functions and enables long-term maintenance of cellular homeostasis.


The Endolysosomal System

The endolysosomal system is a dynamic network of intracellular membranous organelles, where the endocytic, biosynthetic, and degradative pathways intersect (Maxfield and McGraw, 2004; Grant and Donaldson, 2009). This collection of organelles is a key sorting station distributing cargo to different membrane domains, a signaling hub regulating cellular metabolism and an intermediate to degradation (Klumperman and Raposo, 2014; Naslavsky and Caplan, 2018). The endolysosomal system has been extensively studied in non-neuronal cells, however, in neurons its characteristics remain relatively ambiguous and poorly defined (Andres-Alonso et al., 2021; Kuijpers et al., 2021a). In non-neuronal cells, the highly heterogeneous collection of organelles which constitutes the endolysosomal system is generally classified into several compartments, including early endosome (EE), recycling endosome (RE), late endosome (LE), and lysosome (Maxfield and McGraw, 2004; Klumperman and Raposo, 2014; Naslavsky and Caplan, 2018). It is still a matter of debate whether these heterogeneous compartments with overlapping, but also unique, set of proteins are distinct organelles or a series of structures that undergo maturation and “evolve” from each other.

The EE is a major station for sorting of cargo previously internalized by endocytosis. Some cargos are recycled via a rapid recycling pathway directly from EE, whereas others are trafficked to specialized RE, or endocytic recycling compartment, which is often but not always clustered in the perinuclear region, beside the microtubule-organizing center of the cell (Grant and Donaldson, 2009; Naslavsky and Caplan, 2018). In contrast to EEs, from which cargo can be recycled directly to the plasma membrane, the RE is involved in the “slow” recycling of internalized cargo (Li and DiFiglia, 2012). LEs are a group of organelles structurally and functionally related to lysosomes. Like lysosomes, LEs play a key role in protein degradation and are also essential components of the autophagy pathway (Scott et al., 2014). In addition, they are required for nutrient sensing and transport of cholesterol and other lipids to other membranous organelles in the cell (Scott et al., 2014). Lysosomes are the main waste disposal system of the cell, degrading materials delivered by autophagy or endocytosis into their basic building blocks. In addition, they participate in multiple other cellular processes, including regulation of metabolic signaling, gene expression, plasma membrane repair and lipid sensing and trafficking (Luzio et al., 2007; Saftig and Klumperman, 2009; Ballabio and Bonifacino, 2020).



Synaptic Vesicle Recycling

The recycling of neurotransmitter-containing synaptic vesicles (SVs) at nerve terminals is one of the most extensively studied cellular pathways in central neurons. This process is essential for the neuronal communication, with even small perturbations resulting in a series of neurodevelopmental, neurodegenerative disorders or death (Bonnycastle et al., 2021; Overhoff et al., 2021). SVs are small 50 nm organelles that accumulate neurotransmitter via specialized transporters that are coupled to an intraluminal protonmotive force generated by V-type ATPases on the SV membrane. Neurotransmitter-filled SVs undergo a series of molecular events before they are triggered to fuse with the presynaptic plasma membrane during synaptic stimulation. These include a physical attachment to the plasma membrane (docking), a transition to fusion competency (priming), and calcium-triggered fusion (exocytosis) (Brunger et al., 2018; Rizo, 2018). After fusion, SV proteins and membrane are retrieved via endocytosis that is triggered by neuronal activity and proceeds at different speeds and locations in the nerve terminal (Chanaday et al., 2019).

Within central nerve terminals, three pools of SVs have been described based on their availability for release, the readily releasable pool (RRP), recycling pool and resting/reserve pool. A fourth pool, termed “super pool,” that is shared between neighboring en passant boutons and trafficked along the axon, has also been reported (Staras et al., 2010; Herzog et al., 2011; Zhang et al., 2019). Furthermore, several studies have suggested that separate SV pools drive different forms of neurotransmitter release (e.g., spontaneous, evoked synchronous and evoked asynchronous release) (Chanaday and Kavalali, 2018). However, this concept remains controversial, and has been refuted by others (Hua et al., 2010). This controversy may in large part be due to the fact that the majority of current studies focus on SV recycling as an isolated process. Our understanding of how the SV cycle integrates in the general endomembrane system in neurons and the functional implications of its communication with other membrane trafficking pathways, remains limited. Specifically, very little is known about the biogenesis and maintenance of the SV cluster across the lifespan of the neuron. Furthermore, fundamental questions about the mechanisms that mediate turnover of SV components also remain unanswered. These questions cannot be adequately addressed unless a more holistic understanding of the SV cycle and its place in the general endomembrane system in neurons is developed.

However, this important question is difficult to address, since there are only a few distinctive molecular markers that define EE and especially RE, which has made the characterization of their cellular localization and function a challenging endeavor. Defining EE and RE, their function in neuronal cells, and in particular in synaptic terminals, has proven to be a monumental task, partly due to the reductionist approach to SV recycling largely adopted by the field. Although it has its place, the fixation on detail often leads to inability to “see the wood for the trees.”

There is accumulating evidence to suggest that SV recycling and axonal endolysosomal trafficking are both structurally and functionally linked. However, the extent to which they are entangled is difficult to envision because of the lack of a conceptual framework that juxtaposes the two pathways in synaptic terminals. In this review, we propose an alternative interpretation of SV recycling by proposing that the SV pool is an integral part of the endolysosomal system in neurons, with equivalents of EE, RE, LE, and lysosomes functioning in concert at the presynapse, and supporting not only synaptic transmission, but the overall health of the neuron. In doing so, we will discuss the current evidence for crosstalk and potential overlap between the endolysosomal system and the SV recycling pathway, by examining the role of endolysosomal molecules in SV recycling which form the foundation of a series of testable hypotheses for future studies.




ENDOCYTOSIS AND EARLY ENDOSOMES


Endocytosis

The first stage of the endolysosomal pathway is endocytosis. Due to its capacity to regulate the surface expression and internalization of membrane and soluble molecules, endocytosis is a fundamental cellular mechanism that regulates a multitude of cellular processes, including uptake of nutrients, cell signaling, establishment of cellular polarity, cell motility, and neurotransmission (Conner and Schmid, 2003; Doherty and McMahon, 2009). Although clathrin-dependent endocytosis is the most studied and best characterized endocytosis pathway, owing to their high capacity, clathrin-independent mechanisms are now recognized as the main route for internalization of cargo, responsible for the majority (∼70%) of membrane and fluid uptake into the cell (Howes et al., 2010; Renard and Boucrot, 2021). Neurons and synaptic terminals are no exception from this rule. There is accumulating evidence, that clathrin-independent, bulk membrane retrieval is also the dominant pathway for membrane retrieval in central nerve terminals across a range of stimuli, but particularly during intense neuronal activity (Clayton et al., 2008; Kononenko et al., 2014). During this endocytic process, known as activity-dependent bulk endocytosis (ADBE), endosomes are formed directly from the plasma membrane (bulk endosomes) with SVs subsequently regenerated from these compartments (Kokotos and Cousin, 2015). Clathrin still performs an essential role in the reformation of SVs and selection of SV cargo, however, there is an emerging consensus that this occurs at the level of the internalized endosome, rather than at the plasma membrane (Watanabe et al., 2014; Kononenko and Haucke, 2015). The formation of endosomes can occur at different timescale from tens of milliseconds (e.g., the recently reported ultrafast endocytosis) to tens of seconds, depending on the strength of the stimulus input (Watanabe et al., 2013, 2018; Soykan et al., 2017). The lack of clathrin dependence of SV endocytosis is particularly pertinent in experiments performed at physiological temperatures (Kononenko et al., 2014; Watanabe et al., 2014; Delvendahl et al., 2016). In these conditions, the relatively slow assembly of the clathrin coat means that clathrin-mediated budding events that originate on the plasma membrane are finalized on the endosome, due to the rapid invagination of these structures. Several other forms of endocytosis have been proposed to operate at the presynapse: e.g., clathrin-independent endocytosis (CIE) (Soykan et al., 2016), clathrin-independent and calcium-independent endocytosis (Orlando et al., 2019) and “kiss-and-run” (Stevens and Williams, 2000; He et al., 2006; Zhang et al., 2009). However, they either represent the same process of clathrin-independent bulk membrane retrieval under a different name (CIE) or their existence and contribution to presynaptic function at typical small central nerve terminals remains a matter of debate (“kiss-and-run”) (Granseth et al., 2006; LoGiudice and Matthews, 2006; Wu et al., 2014).



Early Endosome Function

Classical EEs in non-neuronal cells are marked by a series of molecules with specific functional roles. For example, they typically contain a high concentration of the lipid phosphatidylinositol 3-phosphate (PI(3)P), generated by the PI3-kinase VPS34 (Grant and Donaldson, 2009). VPS34 is a class III phosphatidylinositol 3-kinase that uses phosphatidylinositol as a substrate to generate PI(3)P. Previous studies have revealed an important role for VPS34 in EE-sorting and autophagy (Dall’Armi et al., 2013; Raiborg et al., 2013). Accumulation of PI(3)P is required for the recruitment of proteins to EEs that contain a FYVE PI(3)P-binding domain, such as early endosomal antigen 1 (EEA1) and rabenosyn-5. EEA1 functions as a tethering molecule that together with the endosomal soluble N-ethylmaleimide attachment protein receptor (SNARE) proteins controls the maturation of EE and their homotypic fusion (Maxfield and McGraw, 2004). SNARE proteins are classified as either Q- or R-SNAREs dependent on the presence of highly conserved glutamine or arginine residues at the center of their SNARE motif that drives fusion (Jahn and Scheller, 2006). Typically, R-SNAREs reside on the vesicular membrane whereas Q-SNAREs reside on target membranes. Rabenosyn-5 is also required for early endosomal fusion. In addition, rabenosyn-5, associates with another important class of EE-associated proteins, the dynamin-like EHD (Eps15 Homology Domain) ATPases, to regulate the transport of cargo from EEs to REs (Naslavsky and Caplan, 2011).

Another layer of identity for the organelles in the endolysosomal system is provided by the small Rab GTPases. They are considered “deciphers of organelle identity” and serve as platforms for recruitment of specific molecular machineries that confer unique functional characteristics to the particular organelles they bind to Stenmark (2009). The Rab GTPases that typically associate with EEs include Rab4, Rab5, Rab10, Rab14, Rab21, and Rab22 (Stenmark, 2009). It has been suggested that Rab proteins on EE cluster in district membrane microdomains. However, the precise mechanisms by which proteins are clustered into these domains remain poorly understood.

The SNARE-based vesicle fusion system is key for endosomal fusion and transport. After cargo proteins have been sorted into EE subdomains, a process of budding and fission of tubulovesicular structures occurs and the newly formed vesicles are trafficked to their target organelle (Grant and Donaldson, 2009). Some of the most important early endosomal SNAREs involved in homotypic and heterotypic endosomal fusion include VAMP4, syntaxin 6, syntaxin 12 (called syntaxin 13 in rat), and Vti1a. The R-SNARE VAMP4 and the Q-SNAREs syntaxin 6, syntaxin 12, and Vti1a predominantly localize at the trans-Golgi network (TGN), but are also found at the plasma membrane, EE and RE, with VAMP4 and syntaxin 6 also present on lysosome-related secretory organelles (Maxfield and McGraw, 2004). All four are implicated in the homotypic fusion of EEs by forming a SNARE complex with each other. In addition, VAMP4 and Vti1a have a central role in the retrograde endosome-to- TGN transport (Johannes and Popoff, 2008; Hirata et al., 2015). This pathway is important for recycling of molecules to the TGN, that in turn enable efficient anterograde transport of transmembrane proteins. Both VAMP4 and Vti1a are involved in maintaining the ribbon structure of the TGN (Shitara et al., 2013).



Early Endosome and Synaptic Vesicle Recycling

When considering the role of EEs in SV recycling, a key question to address is—are any of the molecules mentioned above implicated in this process? Many of the EE markers outlined above are enriched in nerve terminals and some have links to SV recycling.

In neuronal axons, PI3-kinase activity is important for long-range trafficking, actin-based membrane ruffling and bulk membrane retrieval in growth cones, all of which support axonal outgrowth during neuronal development (Bonanomi et al., 2008; Zhou et al., 2013; Lorenzo et al., 2014). In mature presynaptic boutons, PI3-kinase activity supports actin remodeling and a signaling cascade linked to ADBE (Holt et al., 2003; Nicholson-Fish et al., 2016). Furthermore, inhibition of PI3-kinase activity stalls SV recycling and results in the appearance of numerous cisternae in synaptic terminals (Rizzoli and Betz, 2002; Richards et al., 2004). Presynaptic PI3-kinase activity is coupled to membrane depolarization and calcium influx, in a similar manner to SV recycling (Nicholson-Fish et al., 2016). PI3-kinase activity is also associated with the SV protein synapsin and it is required for optimal replenishment of the RRP from the reserve pool (Cousin et al., 2003). However it should be noted that the PI3-kinase activity associated with synapsin was from Class I PI3-kinases [which generate PI(3,4,5)P3], whereas the activity required for classical EE function is via Class III [which generate PI(3)P]. Although, FYVE-domain-containing proteins, such as EEA1 and rabenosyn-5 were reported to show a polarized distribution to the somato-dendritic domain, they have been detected in axons (Selak et al., 2004; Ackermann et al., 2019; Goto-Silva et al., 2019). However, more research is warranted to shed light on their exact presynaptic function. Finally, biochemical studies examining endosomes purified from AP1 (adaptor protein 1) σ knockout mice suggest that VPS34 is required for the maturation of LE and lysosomes (multivesicular bodies) in axons via a mechanism which involves sorting at presynaptic endosomes mediated by ADP-ribosylation factor GTPase activating protein 1 and Rab5 GDP/GTP exchange factor (Candiello et al., 2016). This implies that, in presynaptic terminals, PI3-kinase activity may be at the core of a mechanism operating at the presynaptic endosomes which coordinates both generation of functional SVs and degradative pathways.

More than 11 distinct Rabs, including most of the early endosomal Rabs, were detected on the surface of highly purified SV membranes (Pavlos et al., 2010; Pavlos and Jahn, 2011). The best characterized early endosomal Rab, Rab5, is present in a subpopulation of SVs at the presynapse, with its manipulation resulting in alterations to SV recycling. For example, overexpression of Rab5 reduced the size of the recycling SV pool in hippocampal neurons by 50 % (Star et al., 2005), whereas dominant negative Rab5 expression impaired SV recycling (Shimizu et al., 2003; Wucherpfennig et al., 2003). Furthermore, wild-type and constitutively active Rab5 rescued defective SV endocytosis produced by knockdown of the protein kinase leucine rich repeat kinase 2 (LRRK2) (Shin et al., 2008). Another early endosome Rab, Rab4, traffics bidirectionally within the axon and is enriched at synapses, with a reduction in its anterograde trafficking resulting in aberrant synaptic morphology (Dey et al., 2017; White et al., 2020). Therefore, classical EE Rabs are present at the presynapse and modulate the SV life cycle, providing further evidence of crosstalk and functional integration.

A number of endosomal SNAREs are implicated in SV recycling. For example, a series of early endosome Q-SNARE proteins (Vti1a, syntaxin-6 and syntaxin-13) visit the presynaptic plasma membrane during brief stimulation or baseline activity, suggesting that endosomal SNAREs were present on SVs (Hoopmann et al., 2010; Ramirez et al., 2012). Vti1a resides on SVs that recycle at rest and sustain spontaneous neurotransmission (Ramirez et al., 2012). More recently, Vti1a (and Vti1b) were implicated in regulation of SV- and dense-core vesicle fusion at the presynapse by modulating secretory cargo sorting at the TGN (Emperador-Melero et al., 2018). The endosomal R-SNARE VAMP4, is present on highly purified SVs (Takamori et al., 2006), however, it does not readily visit the cell surface during neuronal activity (Raingo et al., 2012; Nicholson-Fish et al., 2015; Ivanova et al., 2021). VAMP4 has been proposed to control discrete forms of neurotransmission (Raingo et al., 2012; Lin et al., 2020), however, a more global role has recently been identified. This role is of a negative regulator of SV release probability (Pr), with VAMP4 levels on SVs controlled via both ADBE and downstream endolysosomal processing (Ivanova et al., 2021). Altogether, this highlights EE proteins as an integral component and a key modulator of SV recycling.



Retromer Function

The retromer protein complex is a critical component of the machinery mediating sorting and trafficking from EE (Seaman, 2012; Burd and Cullen, 2014). It was first characterized in yeast as a complex involved in the retrograde trafficking of membrane proteins, from peripheral endosomes to the TGN (Seaman et al., 1998), but a role in the trafficking of cargo to the plasma membrane has also been described (Small and Petsko, 2015). It consists of two main parts, the cargo-selection complex (CSC) and the tubulation module. In mammals, the two modules are not tightly coupled and can function independently. The CSC is composed of three proteins VPS26, VPS29, and VPS35, whereas the tubulation module is a heterodimer of the BAR (Bin, Amphiphysin, Rvs)-containing sorting nexins SNX1/SNX2 and SNX5/SNX6 (Seaman, 2012; Gallon and Cullen, 2015).

It is assumed that the GTPase activity of dynamin is important for scission of retromer-containing vesicles at EEs (Naslavsky and Caplan, 2018). Association of EHD ATPases and several of their endocytic interaction partners (e.g., syndapin and MICAL-like protein 1) with retromer in domains where vesicles are being generated at EE has also been shown (Gokool et al., 2007; Naslavsky and Caplan, 2011; McKenzie et al., 2012). It was suggested that both motor pulling by different fission complexes and the force generated by the WASH-mediated nucleation of actin, are important for the budding of vesicles from EE (Derivery et al., 2009; Jia et al., 2012; Capitani and Baldari, 2021).



Retromer and Synaptic Vesicle Recycling

The retromer complex and EHD are ubiquitously expressed in the nervous system, and they are both enriched in the presynaptic compartment (Jakobsson et al., 2011; Li and DiFiglia, 2012; Inoshita et al., 2017). Retromer function is essential for neuronal development and constitutive knockout of VPS35 is embryonically lethal, whereas heterozygous knockout hinders the development of both axons and dendrites (Wen et al., 2011; Tian et al., 2015). Investigation of the effect of VPS35 knockdown on presynaptic function in mouse hippocampal neurons, failed to detect any deficits in SV exo- and endocytosis (Vazquez-Sanchez et al., 2018). However, deletion of VPS35 in Drosophila larvae led to a reduced number and altered morphology of SVs in motor terminals which was accompanied by enhanced rundown of synaptic transmission, suggesting a functional role of retromer in SV recycling (Inoshita et al., 2017). However, given the apparent discrepancy between these two model systems, further studies are required to adjudicate on the precise function of retromer in the SV cycle. Interestingly, retromer dysfunction is involved in the pathoetiology of neurodegenerative diseases such as Alzheimer’s and Parkinson’s disease, a common early hallmark of which is disruption of presynaptic function (Small and Petsko, 2015).

EHD1 is also linked to SV recycling. In addition to a potential negative regulation of SV exocytosis (Wei et al., 2010), EHD1 is required for clathrin-independent endocytosis. For example, its removal at the lamprey giant reticulospinal synapse, blocks SV endocytosis due to defective dynamin-induced membrane tubulation (Jakobsson et al., 2011). Furthermore EHDs associate with syndapins (Braun et al., 2005), F-BAR-proteins with pivotal role in ADBE and SV reformation at bulk endosomes (Clayton et al., 2009; Koch D. et al., 2011; Quan et al., 2012; Cheung and Cousin, 2019).




RECYCLING ENDOSOME


Recycling Endosome Function

An alternative mechanism for trafficking of cargo from the EE to the RE involves a process of organelle maturation. This mechanism does not require generation of vesicles from the EE and their fusion with the RE, but the entire EE changes its identity and matures to RE by acquiring a set of characteristic proteins, such as Rab11, Rab35, cellubrevin (VAMP3), ADP-ribosylation factor 6 (Arf6), and EHD1 (Grant and Donaldson, 2009). There are no typical resident proteins that define REs. Thus, rather than a “stable” compartment that receives cargo from the EE, the RE can be viewed as the residual organelle that remains from the EE after cargo sorting to LEs. As stated above, the major function of REs is as a trafficking intermediate for cargo proteins that normally undergo recycling to the plasma membrane. In most cell types, REs are a collection of tubule-vesicular structures of approximately 60 nm in diameter that localize to the perinuclear region in the vicinity of microtubule-organizing center (Li and DiFiglia, 2012; Goldenring, 2015). However, the perinuclear distribution of REs does not seem to be essential for their function and in some cells, REs are dispersed throughout the cytoplasm (Joensuu et al., 2017; Naslavsky and Caplan, 2018).

Rab11 has been broadly accepted as the main regulator of slow recycling through REs and its function is implicated in the recycling of a vast array of membrane proteins ranging from cell adhesion molecules to membrane receptors and ion channels (Li and DiFiglia, 2012). How Rab11 exerts its function in the regulation of RE trafficking is not well established, however. One prediction is that Rab11 controls the formation of vesicles from RE by recruiting EHD1 and its interactors, such as syndapin2, that collectively promote fission of cargo carriers (Naslavsky and Caplan, 2011; Li and DiFiglia, 2012). RE have been reported to also function as a sorting intermediate for proteins synthesized at the TGN that are destined for secretion (Murray et al., 2005). The integrity of the R-SNARE VAMP3/cellubrevin and Rab11 functions were shown to be crucial for the RE-mediated secretion of newly synthesized proteins (Murray et al., 2005).

The GTPase Arf6 is another molecular marker regulating the endocytic trafficking through RE whose function is essential in all cell types for multiple cellular events, including regulation of cell shape, cytokinesis, cell migration, and tumor cell invasion (Sheehan and Waites, 2019). Rab35 is also required for recycling previously endocytosed cargo to the plasma membrane as part of the RE system (Klinkert and Echard, 2016). Intricate reciprocal antagonistic processes regulate the active/inactive state of both Rab35 and Arf6, suggesting these GTPases are key effectors in RE function (Sheehan and Waites, 2019).

As stated above, a systematic investigation of RE has been challenging because of the difficulties identifying unique molecular tags for this organelle. The challenge to decipher the molecular basis of the RE points to the possibility that REs are not a single organelle but a constellation of interconnected, semi-autonomous organelles that collectively coordinate the trafficking of specific cargos to the plasma membrane. Therefore, it is easy to envisage that specializations of this system exist within different cell types and cellular compartments and account for regulation of the trafficking of compartment-specific cargo molecules.



Recycling Endosomes and Synaptic Vesicle Recycling

There is accumulating evidence that key components of the RE machinery, such as Rab35, Arf6, and their effectors, perform important roles in both SV recycling and processing of SV cargo. For example, Drosophila hypomorphic mutants for the Rab35 GAP, skywalker, display a large increase in presynaptic endosomes during neuronal activity (Uytterhoeven et al., 2011). Constitutively active Rab5, 23, and 35 mutants all phenocopied this defect, suggesting a key role of EE/RE effectors in SV recycling. The human skywalker orthologue TBC1 Domain Family Member 24 (TBC1D24) appears to perform a parallel role in mammalian nerve terminals. For example, its depletion caused defective growth cone endocytosis and axonal initial segment maturation resulting in altered action potential firing (Aprile et al., 2019). In addition, neurons from mice haploinsufficient for TBC1D24 displayed dysfunctional SV endocytosis, with a threefold increase in the volume of presynaptic endosomes, consistent with the phenotype in Drosophila sky mutants (Finelli et al., 2019). Interestingly, similar SV recycling phenotypes are observed in neurons in which endogenous Arf6 was depleted (Tagliatti et al., 2016). Since TBC1D24 regulates the activation state of Arf6 (Falace et al., 2014; Aprile et al., 2019), this suggests that Arf6 represses trafficking via endosomal SV recycling routes, whereas Rab35 promotes endosomal recycling. In support, depletion of the Rab35 guanine nucleotide exchange factor connecdenn in primary neuronal culture greatly reduces endocytosis during strong stimulation (Allaire et al., 2006). In addition, the Rab35/Arf6 system controls the degradation of specific SV cargos. For example, increased endosomal flux via skywalker increases the functional size of the RRP, due to rejuvenation of specific SV cargo components (Uytterhoeven et al., 2011). Furthermore, interference with this endosomal sorting route restored RRP size (Fernandes et al., 2014).

Rab11 is associated with both REs and LE/lysosomes, and has also been linked to SV recycling, mainly in model organisms. In these studies, Rab11 performs a facilitatory role. For example, its knockdown in C. elegans resulted in SV endocytosis defects (Han et al., 2017), whereas its expression in either a Drosophila model of Huntington’s Disease or Vps35 null flies restored the SV size to control levels (Steinert et al., 2012; Inoshita et al., 2017). In mammalian neurons, overexpression of constitutively active Rab11 mutants facilitated SV endocytosis (Kokotos et al., 2018). Therefore, molecules essential for RE function are also required for optimal SV endocytosis and cargo trafficking at the presynapse. This suggests that REs are fully integrated into the SV recycling system and even that some SVs that undergo spontaneous and evoked fusion may in fact be considered as a type of REs.




LATE ENDOSOMES/LYSOSOMES


Late Endosome/Lysosome Function

Molecular discrimination between LEs and lysosomes is challenging because of the absence of selective molecular markers between these organelles. However, these compartments have different origins. LEs are formed from dynamic EEs as endocytic carrier vesicles, which undergo a conversion during which the small GTPase Rab5 is exchanged for Rab7 (Stoorvogel et al., 1991; Rink et al., 2005). Similar to other types of endosomes, they are a heterogeneous group of organelles. One specific kind of LE contains lumenal vesicles and are often described as multi-vesicular bodies (MVB) (Piper and Katzmann, 2007). The sorting of ubiquitinated membrane proteins into intralumenal vesicles and the mechanism by which MVB are formed, which typically involves the function of the ESCRT (endosomal sorting complexes required for transport) complexes, has been extensively discussed elsewhere (Hurley, 2008, 2015; Wollert and Hurley, 2010; Vietri et al., 2020).

Lysosomes on the other hand, are the terminal degradative compartment for cargo internalized through endocytosis and intracellular cargo segregated during autophagy. Lysosomes are formed from the TGN, in a process during which lysosomal transmembrane proteins are delivered directly to the lysosome, whereas newly synthesized acid hydrolases are transported to the lysosome through an endosomal intermediate (Saftig and Klumperman, 2009). The indirect route allows TGN recycling of the mannose-6-phosphate receptor, which binds to the mannose-6-phosphate tag on the acid hydrolases and sorts them to the lysosome. Lysosomes are, essentially, storage containers for degradative enzymes, which periodically fuse with late endosomes, autophagosomes, or other hybrid organelles (amphisomes), to form a compartment in which degradation occurs (Ballabio and Bonifacino, 2020). The regeneration of functional lysosomes from these compartments after degradation is another route for maintaining the lysosomal pool and cellular homeostasis (Yang and Wang, 2021). However, the function of lysosomes is not restricted to degradation of cellular components: they can also undergo regulated exocytosis in response to an increase in the intracellular calcium concentration (Martinez et al., 2000). Lysosome exocytosis is believed to supply extra membrane for plasma membrane repair (Reddy et al., 2001), which is an essential homeostatic mechanism that prevents cell death and progression of multiple diseases (Zhen et al., 2021).

Similar to other fusion events, fusion of lysosomes or late endosomes with the plasma membrane is a sequential process that proceeds through different stages: tethering, formation of a trans-SNARE complex and fusion (Luzio et al., 2007). Organelle tethering is a prerequisite step for fusion, during which membrane organelles form links with each other. The composition of the tethers responsible for LE-lysosome fusion has not been completely established, but homotypic fusion and protein sorting complex, which is recruited by Rab7, is likely one of the components (Fernandes et al., 2014). Following tethering, the formation of a SNARE complex bridges across the two membranes and enables fusion. Compelling evidence exists that the Q-SNAREs syntaxin-7, syntaxin-8, and Vti1b are essential for both, homotypic late endosome fusion and heterotypic late endosome-lysosome fusion, whereas the R-SNARE VAMP7 is specifically required for late endosome-lysosome fusion (Luzio et al., 2010). VAMP7 also mediates fusion of lysosomes with the plasma membrane (Rao et al., 2004). The N-terminal longin domain of VAMP7 is a critical regulatory site for its endosomal sorting. The kinetics and the extent of the calcium-dependent fusion of lysosomes with the plasma membrane are regulated by the calcium sensor synaptotagmin-7 (Syt7) (Martinez et al., 2000).



Late Endosome/Lysosomes and Synaptic Vesicle Recycling

In neurons, LEs formed at the synapse undergo progressive acidification and further maturation toward a lysosomal identity during their retrograde transport to the cell body (Deinhardt et al., 2006; Maday et al., 2012; Cheng et al., 2015). In agreement with this model, organelles with increasing levels of acidity are observed from distal to proximal axons (Overly and Hollenbeck, 1996). The controversy surrounding the presence of bone fide lysosomes at the presynapse is compounded by the fact that common markers of lysosomes such as LAMP1 are present on many non-lysosomal compartments (Vukoja et al., 2018). However, it is clear that fusion of either LEs, lysosomes, or vesicles containing lysosome markers, occurs at distal axons and is both calcium- and SNARE-dependent, with both Syt7 acting as the calcium sensor and VAMP7 as the R-SNARE on the LE/lysosome membrane (Arantes and Andrews, 2006).

Evidence has been accumulating that both Syt7 and VAMP7 (and potentially by extension LEs) are integrated in the SV life cycle. VAMP7 is targeted to SVs via an interaction with its longin domain to the adaptor complex AP3 (Scheuber et al., 2006). Interestingly, the VAMP7 longin domain interferes with the formation of SNARE complexes with a variety of Q-SNARE partners (Martinez-Arca et al., 2003), providing a potential explanation for why VAMP7 fails to visit the cell surface during action potential stimulation (Hua et al., 2011; Ramirez et al., 2012). However, VAMP7-containing vesicles may support spontaneous SV fusion, since increased cell surface trafficking occurs in resting neurons. In support, expression of VAMP7 lacking its longin domain increases spontaneous SV fusion, suggesting that VAMP7 may be required for this event (Hua et al., 2011). Furthermore, modulation of spontaneous SV fusion events by the signaling molecule reelin was abolished on depletion of endogenous VAMP7 (Bal et al., 2013), suggesting that VAMP7-mediated fusion events occur at the presynapse and can be modulated.

Almost all of the proposed presynaptic functions for Syt7 are dependent on its role as a calcium sensor. For example, Syt7 is postulated to be the calcium sensor for store-operated channel entry-mediated presynaptic calcium increases from the endoplasmic reticulum (ER), which augment spontaneous glutamate release (Chanaday et al., 2021). In addition, Syt7 is proposed to replenish the RRP via a calcium-dependent interaction with calmodulin (Liu et al., 2014). Syt7 is also a candidate calcium sensor for asynchronous release, with the extent of this release modulated by the copy number ratio between fast binding, but low affinity calcium sensors such as Syt1 and slower, higher affinity sensors such as Syt7 (Maximov et al., 2008; Bacaj et al., 2013; Weber et al., 2014; Luo et al., 2015; Li et al., 2017).

Syt7 has also been linked to SV endocytosis. Early studies revealed that Syt7 overexpression increased the number of presynaptic endosomes (Virmani et al., 2003), with subsequent studies reporting slowed SV endocytosis in neurons overexpressing the sensor (Li et al., 2017). Interestingly, Syt7 knockdown was sufficient to restore normal SV endocytosis kinetics in Syt1 knockdown neurons, again suggesting a functional link between the two calcium sensors. These results suggest that Syt7 might facilitate endosomal recycling pathways such as ADBE. Syt7 trafficking is largely refractory to stimulation (Dean et al., 2012; Weber et al., 2014), in agreement with its predominant plasma membrane localization (Sugita et al., 2001; Maximov et al., 2008; Dean et al., 2012; Li et al., 2017). This atypical localization may explain some of the disparate functions ascribed to this calcium sensor. Recent evidence supports this view, with the plasma membrane localization of Syt7 critical for its control of multiple aspects of the SV life cycle (Vevea et al., 2021). In these studies, targeting Syt7 to either the plasma membrane or lysosome-associated membrane glycoprotein 1 (LAMP1)-positive vesicles, but not SVs, rescued the functional deficits observed in Syt7 knockout neurons. Plasma membrane targeting of Syt7 was dependent on its cleavage via γ-secretase and palmitoylation (Vevea et al., 2021), directly placing LEs and the endolysosomal system at the regulatory center of SV recycling.

The presence of two of the most abundant LE/lysosomal markers, VAMP7 and Syt7, in the SV pool suggests that lysosome-related organelles are intermingled in the pool of SVs, however, what could be their role? The evidence implicating LEs/lysosomes in regulation of local protein degradation is sparse. For example, LAMP1-containing organelles in distal axons have different acidity from the LAMP1-containing organelles in proximal axons indicating that they might have lower degradative capacity (Overly and Hollenbeck, 1996; Lie et al., 2021). In contrast, the ESCRT machinery is implicated in activity-dependent degradation of a subset of SV proteins via a pathway that requires Rab35 (Sheehan et al., 2016). Furthermore, cathepsins were detected in distal axons in the Drosophila brain and two parallel pathways, a Rab7-independent and a Rab7-dependent pathway were shown to specifically mediate synaptic degradation of SV proteins and membrane proteins, respectively (Jin et al., 2018). One study described a selective localization of the lysosomal protease cathepsin D to GABA-ergic presynapses and implicated it in the control of endocytic trafficking and GABA-ergic neurotransmission (Li et al., 2019). However, an argument against differential distribution of this lysosomal enzyme to inhibitory presynapses is the observation that cathepsin D knockout mice have global deficits in presynaptic ultrastructure (Partanen et al., 2008; Koch S. et al., 2011) and markedly decreased frequency of miniature excitatory postsynaptic currents, mEPSCs (Koch S. et al., 2011). Therefore, cathepsin D-containing lysosome-related organelles are present at both glutamatergic and GABA-ergic synapses and contribute to excitatory and inhibitory neurotransmission.

However, whether there are lysosomes with degradative capacity present at mammalian presynaptic terminals and what their contribution is, if any, to local degradation is currently unknown.




AUTOPHAGY FUNCTION AND SYNAPTIC VESICLE RECYCLING

Another key axonal retrograde membrane trafficking route, fully integrated in the endolysosomal system, is the autophagy pathway. The generation of autophagosomes in synaptic terminals involves the sequential recruitment and activation of a series of protein complexes, with the main membrane donor being the endoplasmic reticulum [summarized in Kuijpers et al. (2021a), Overhoff et al. (2021)]. Indeed, when autophagy is disrupted via the loss of the key molecule autophagy protein 5 (Atg5), there is increased calcium release from presynaptic ER, resulting in enhanced excitatory neurotransmission (Kuijpers et al., 2021b). Synaptic autophagosome formation appears to be a constitutive process, unlike nutrient starvation-triggered events in non-neuronal cells (Maday and Holzbaur, 2014) and may aid the turnover/degradation of SVs and their cargos (Ravikumar et al., 2010; Maday et al., 2012). Maturation of autophagosomes into autolysosomes involves their fusion with degradative lysosomes and retrograde transport toward the cell body (Itakura et al., 2012; Takáts et al., 2013). Alternatively, they can also fuse with LE to form amphisomes, which perform discrete signaling roles, particularly when transporting growth factor receptors (Villarroel-Campos et al., 2018; Andres-Alonso et al., 2019). As outlined above, manipulation of the autophagy pathway results in altered neurotransmission, implicating this pathway as another control point in the SV life cycle. Furthermore, autophagy also requires proteins with defined roles in SV recycling and clathrin-independent endocytosis pathways (Milosevic et al., 2011; Pechstein et al., 2015; Kroll et al., 2019), such as endophilin and synaptojanin-1 (Soukup et al., 2016; Soukup and Verstreken, 2017; Vanhauwaert et al., 2017). In addition, the active zone protein bassoon modulates autophagy via sequestration of the Atg5 (Okerlund et al., 2017). This suggests that both SV recycling and autophagy pathways are intricately linked in terms of both function and molecular requirements.



DISCUSSION

The question whether SV recycling involves an endosomal intermediate is surprisingly still a matter of debate (Jähne et al., 2015), even when one considers that most, if not all, reported EE, RE, and LE markers are present in the SV pool and with many having direct effects on presynaptic function. Furthermore, the ever-increasing subdivision of functional SV pools described above suggests that the presynapse harbors a collection of functionally diverse organelles with distinct molecular compositions, not all of which engage directly in neurotransmission. This leads to the question, how inter-dependent are SV recycling and the endolysosomal system, and perhaps more provocatively, are these apparently different processes part of the same cellular continuum? In the section below, we outline a series of hypotheses, supported by the current literature which provide a potentially unifying model for membrane trafficking at the presynapse.


How Homogenous Are Synaptic Vesicles and Are Many Recycling Endosomes/Late Endosomes in Disguise?

REs are a heterogeneous population of tubulovesicular membrane-bound organelles ∼60–100 nm in diameter (Willingham and Pastan, 1980; Willingham et al., 1984). An argument against a potential link between REs and SVs is the morphological uniformity of SVs that has been observed in multiple studies and attributed to the functioning of specific endocytic mechanisms (Zhang et al., 1998; Shimizu et al., 2003; Koo et al., 2015; Ivanova et al., 2020). However, electron microscopy (EM) studies from ultrathin sections have shown that the size of SVs exists in a range from 25 to 80 nm (Fox, 1988; Harris and Sultan, 1995). It is not always possible to reconstruct membrane continuity from such ultrathin sections and therefore the length at which SVs extend is difficult to appreciate. Contrary to the prevailing view that SVs have only a spherical shape, studies exist showing that SVs may not be morphologically uniform. Pleomorphic vesicles have been described in early EM studies, mostly as a marker for inhibitory synapses (Uchizono, 1965 and more recently, Koo et al., 2015; Li et al., 2019). With the advent of new technologies (e.g., cryo-EM and electron tomography) there is increasing evidence that tubule-shaped ellipsoidal vesicles are present at both excitatory and inhibitory synapses (Tao et al., 2018). Therefore, similarly to REs, SVs show a degree of morphological heterogeneity, with a diameter that ranges within tens of nanometers.

SVs are also functionally diverse and molecularly heterogeneous. Previous bulk biochemical approaches described the protein composition of a prototypical SV (Takamori et al., 2006; Wilhelm et al., 2014; Wittig et al., 2021). While providing insight into the molecular composition of an average SV, an important caveat of these bulk proteomic studies is that the cellular fractions that were analyzed represent averages of a diverse array of synapses and SVs. The copy number of common SV proteins, such as synaptobrevin2, synaptophysin, and synaptogyrin, in individual SVs shows a significant inter-vesicle variability, as revealed by single molecular quantification approaches (Mutch et al., 2011). Another important limitation of these early proteomic studies is that they have a bias toward proteins with high abundance, while underrepresented proteins with essential functions, often remain undetected. More recent studies report a longer list of proteins found in isolated synaptosomes, with low abundance proteins (less than 1 copy per SV) being the dominant fraction (Taoufiq et al., 2020). All of this suggests that different proteins are likely differentially distributed to different SV subpopulations. The presence of a multitude of endolysosomal molecules in the total SV pool that exert fine control over different steps of the SV cycle therefore strongly supports the notion that the two systems form a continuum (Figure 1).
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FIGURE 1. The SV life cycle as a mirror image of the general endolysosomal system. (A) The endolysosomal system consists of a set of membrane-bound compartments that undergo dynamic interconversion. At the center of this system is the Golgi apparatus, which is a steady-state organelle that apart from a central sorting hub in the secretory pathway, functions as an important quality control checkpoint that constantly receives cargo from the plasma membrane and the peripheral endosomes. The endolysosomal system is comprised of: (1). Early endosomes (EEs). EEs are organelles that receive membrane cargos and solutes from the extracellular environment through endocytosis. The main mode of endocytosis in most cells is clathrin-independent endocytosis (CIE). The EE sorts these cargos into recycling or degradative compartments of the cell. (2). Recycling endosomes (REs). REs are compartments involved in the slow constitutive and regulated recycling of cargo to the plasma membrane. (3). Late endosomes (LEs). The central role of LEs is sorting of ubiquitinated membrane proteins into intralumenal vesicles which form multi vesicular bodies (MVBs). MVBs fuse with lysosomes to form a degradative compartment in which protein cargos and intralumenal vesicles are degraded. LEs are also involved in the retrograde retrieval of cargo molecules from the plasma membrane and other endosomes to the Golgi apparatus. (4). Lysosomes are membrane-bound organelles that degrade and recycle cellular waste. In addition, they play an important role in cellular signaling and energy metabolism. (B) The dominant endocytosis modes operating at the central nerve terminals (ADBE and ultrafast endocytosis) are CIE pathways. The bulk endosome is emerging as a central sorting station, which similarly to the EE, sorts cargos to either the Recycling pool or the Resting pool. The Recycling pool (similarly to the REs) is implicated in the constitutive (spontaneous) and regulated (evoked) recycling of cargos to the plasma membrane. The Resting pool is likely a collection of functionally and molecularly heterogeneous membrane-bound organelles, which likely includes endolysosomal intermediates such as LE and lysosomes, which may or may not have a full degradative capacity. The membrane-bound organelles at the synapse are connected to endolysosomal organelles in neuronal cell bodies (the Golgi apparatus and the degradative lysosome) through antero- and retrograde-trafficking along the axon.


The disparity of endolysosomal molecules within the SV pool (Table 1) suggests that some vesicles previously assumed to be SVs may in fact be intermediates of the endolysosomal pathway. In support, SVs are functionally similar to REs, as they are involved in slow, regulated and constitutive recycling of SV cargo to the plasma membrane. Furthermore, a handful of molecular markers characteristic for RE have been implicated in SV function as discussed above. For instance, the Rab35/Arf6 axis directly impacts SV composition and function. Furthermore the RE marker, Rab11 impacts calcium-regulated exocytosis of dense core vesicles and SVs and integrates regulated and constitutive exocytosis in neurons and neuroendocrine cells (Khvotchev et al., 2003), while facilitating SV endocytosis modes in central nerve terminals (Kokotos et al., 2018). The only described R-SNARE associated with RE, cellubrevin, is a structural homologue of the most abundant SV R-SNARE, synaptobrevin2 (McMahon et al., 1993). It quantitatively co-isolates with synaptophysin, when expressed in a heterologous system, suggesting that both localize on the same vesicles (McMahon et al., 1993). In further support of the hypothesis that some recycling SVs may be the equivalent of the RE in the presynaptic terminal, cellubrevin fully rescues synaptic transmission when expressed in synaptobrevin2-deficient neurons (Deák et al., 2006).


TABLE 1. Common endolysosomal proteins present in the SV proteome.
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Similarly, LE/lysosome fusion events may be responsible for a series of functional outputs ascribed to particular SV subpopulations. The mobilization of the resting SV pool is of particular interest, since the LE/lysosome effectors VAMP7 and Syt7 are both represented in this SV pool. For example, the calcium-dependent nature of the VAMP7-dependent fusion events evoked by reelin (Bal et al., 2013), is reminiscent of ionophore-evoked lysosome fusion in non-neuronal cells. This may have great relevance, since the plasma membrane deposition of Syt7 impacts a series of SV recycling events (Vevea et al., 2021), suggesting lysosome fusion is a prerequisite for optimal presynaptic function. However, the reciprocal control of the resting SV pool by the calcium-activated protein phosphatase calcineurin and the protein kinase cyclin-dependent kinase 5 (Kim and Ryan, 2010) appears to operate in a reverse manner for lysosome fusion (Medina et al., 2015; Ishii et al., 2019). Therefore, more work is required to determine the specific molecular nature of the organelles that undergo regulated fusion at the presynapse.



A Reappraisal of the Synaptic Vesicle Pool Nomenclature

The concept of SV pools was introduced as a model to explain the functional diversity of SVs present in the presynaptic terminal and their distinct contribution to different forms of neurotransmitter release (Alabi and Tsien, 2012). As hypothesized above, the ever-increasing complexity of SV subpopulations that contribute to specific functional fusion or release events suggests a disparate composition of the total SV pool, with potentially direct contributions from different endolysosomal organelles. The SV pool model has proven its utility for describing the plasticity of neurotransmitter release in terms of changes of SV pool sizes (Kim and Ryan, 2010; Rey et al., 2020). However, as with any model, it has its limitations (Neher, 2015). The main limitation is that it remains too deterministic in its original interpretation, and in specific cases, it postulates that distinct pools with specific molecular composition mediate different forms of release (Crawford and Kavalali, 2015). In reality, the dynamic behavior of complex biological systems, such as the SV life cycle, is inherently stochastic. Molecules are randomly distributed to different SV populations and complex regulatory mechanisms guide probabilistic outcomes. Because of this, qualitatively similar functional outcomes may arise from the interactions of different and varied number of molecules, each present on SVs in a small absolute quantity.

The pool model also fails to explain why the resting pool both in vitro and in vivo cannot be released even after extensive periods of synaptic stimulation (Alabi and Tsien, 2012). The reluctant nature of these SVs to participate in activity-dependent recycling suggest that they might be endosomes that have roles other than a direct contribution to neurotransmitter release. For instance, these resting SVs might function as a reservoir of molecules that can be incorporated into the recycling pool on demand (during sorting, as discussed below) to allow plastic changes of SV composition and function (Denker et al., 2011). In addition, part of the resting pool, may in fact be comprised of a series of endolysosomal intermediates primed for transport to neuronal cell bodies and the degradative pathways (Figure 1).

In many cases, the pool model comes short in providing a good correlation between morphology and function. Thus, loss of function of molecules, such as synaptobrevin2 (Deák et al., 2004), munc-13 (Varoqueaux et al., 2002), munc-18 (Verhage et al., 2000), and calcium channels (Held et al., 2020), that strongly reduce or eliminate any forms of neurotransmitter release, does not have any major impact on synaptic ultrastructure and the number of SVs per synaptic terminal. In contrast, the integrity of the SV cluster is compromised when the function of key endosomal sorting proteins is abrogated (Glyvuk et al., 2010; Tagliatti et al., 2016). This implies that the SV pool and its clustering at the synapse are driven by intrinsic programs in the neuron and SV recycling is not essential for maintaining its integrity.

Contrary to the pool model, SV fusion and neurotransmitter release are likely an emerging property of a small subset of the endolysosomes orchestrated in the presynaptic terminal that has been selected through evolution to support the central function of the nervous system, neuronal communication. Indeed, the ultrastructural organization of excitatory presynaptic terminals that developed in complete absence of glutamate release (due to Cre-induced expression of tetanus toxin), was largely preserved, with a normal number of SVs and led to normal refinement of connectivity in the developing brain (Sando et al., 2017; Sigler et al., 2017). Furthermore, the universal excitatory (glutamate, aspartate, and cysteic acid) and inhibitory neurotransmitters (GABA, glycine), are amino acids and the endolysosomal system is a well-established storage site for free amino acids (Russnak et al., 2001; Abu-Remaileh et al., 2017). Some of these intralumenal amino acids are a key element of a central endolysosomal mechanism for nutrient sensing and metabolic control that operates in virtually all cells and organs (Lawrence and Zoncu, 2019). Furthermore, the transport of classical neurotransmitters and neuromodulators into SVs is driven by members of the solute carrier family of transporters (SLC) (Schuldiner et al., 1995; Anne and Gasnier, 2014), that are broadly expressed in various endolysosomal structures and are essential to vital processes within and outside the nervous system (Serrano-Saiz et al., 2020). In addition to their ability to transport amino acids, some of these channels operate as ion channels and regulate the ion gradients and acidification of endosomes (Martineau et al., 2017). The import of neurotransmitters could therefore be considered a by-product of the establishment of these electrochemical gradients, that have additional roles in the functioning of endosomes.

Additional support for the hypothesis that the SV pool is not an autonomous module, operating independently in isolated synaptic terminals, is provided by the existence of a superpool of SVs. Although it is generally accepted that the SV pool and recycling are local, synapse-specific phenomena, overwhelming evidence exists that the pool is not confined to a particular synapse, but spans multiple synapses in a single axon (Staras et al., 2010). Photobleaching and photoactivation experiments have demonstrated that recycling SVs, and synaptic proteins in general, quickly redistribute among neighboring synapses and even between synapses and neuronal cell bodies (Tsuriel et al., 2006; Staras et al., 2010; Ivanova et al., 2015). Thus, the SV pool is shared among many synapses and consists of multiple interconnected organelles that continuously shuttle (in both directions) between axons and neuronal cell bodies. Based on this, a different model emerges, in which the SV pool can be presented as a collection of molecularly heterogeneous endosomes. Owing to the accumulation of specific sets of molecules during the elaborate process of endosomal sorting, a small fraction of these endosomes engages in regulated (evoked) as well as constitutive (spontaneous) release in the confines of a specific synapse (Kaeser and Regehr, 2014; Chanaday and Kavalali, 2018). However, the SV cycle is nested in a larger cycle that encompasses membrane-bound organelles that reside in both, presynaptic sites and neuronal cell bodies.



Lessons Learned From Studying the Trafficking of the Endosomal R-SNARE VAMP4 at the Presynapse

As described above, VAMP4 is an endosomal R-SNARE implicated in homo- and heterotypic endosomal fusion which continuously shuttles between endosomes and the TGN in non-neuronal cells. In neurons it is enriched at the TGN as well as in distal axons. In nerve terminals, the majority of VAMP4 is sorted during ADBE to vesicles that are refractory to synaptic stimulation (Nicholson-Fish et al., 2015; Ivanova et al., 2021). Retrograde axonal trafficking of VAMP4 on vesicles that are positive for Rab7 (presumably LEs) mediates its continuous retrieval from nerve terminals and recycles it back to neuronal cell bodies. A small fraction of the VAMP4 pool is present on SVs that undergo activity-dependent exocytosis (recycling SVs) and its abundance in the SV pool inversely correlates with SV fusion (Ivanova et al., 2021). Thus, VAMP4 is an example of a protein that shows a wide distribution to different membrane-bound organelles, once again highlighting the interconnectedness of the endolysosomal system and SVs.

Activity-dependent SV endocytosis modes such as ultrafast endocytosis and ADBE are the dominant mechanism for SV cargo and membrane retrieval at central synaptic terminals (Chanaday et al., 2019). Therefore, the great majority of SVs mobilized during synaptic activity recycles through a common endosomal intermediate, the bulk endosome. To mediate efficient neurotransmitter release, recycling SVs must garner a specific set of proteins in a certain stoichiometric ratio. However, a systematic model of the molecular mechanisms underpinning differential protein sorting during SV recycling is currently missing. Di-leucine and tyrosine-based motifs are known to be involved in endolysosomal targeting of proteins (Bonifacino and Traub, 2003), such as with VAMP4, whose cytoplasmic domain possesses a di-leucine motif which mediates its AP1-dependent sorting to endosomes and lysosome-related organelles (Peden et al., 2001). The presence of a di-leucine signal in VAMP4 is likely the underlying reason for its limited localization to recycling SVs and its enrichment on bulk endosomes (Nicholson-Fish et al., 2015).

However, there is no common sorting motif responsible for selective targeting of proteins to the recycling SV pool. This might indicate the existence of distinct sorting mechanisms for each individual SV cargo. An alternative model stipulates that removal of molecules is more important than selective incorporation of proteins for generating of SVs with an optimal complement of proteins for recycling. According to this model, recycling SVs, exactly like REs, are the remnants of bulk endosomes (the equivalent of EE) that persist after cargo sorting to LE. The incorporation of classic endolysosomal proteins, such as VAMP4, in the SV pool makes endolysomal sorting a prerequisite step in the reformation of SVs. Based on the similarity between EEs and synaptic bulk endosomes, it is easy to envisage that following endocytic retrieval, the newly formed bulk endosomes mature to a dynamic sorting compartment by undergoing heterotypic fusion with pre-existing vesicles/endolysosomes from the resting SV pool. This hypothesis is supported by in vitro data showing that newly endocytosed SVs undergo homotypic fusion and are capable of fusing with early endosomes isolated from other cell types (Rizzoli et al., 2006). However, despite the increasing level of innovation in the imaging tools that drive rapid advancement in cellular neurobiology, currently there is no in cellulo data supporting endosomal fusion at the presynapse. More than anything else, this indicates the urgent need for developing of sufficiently sensitive techniques that break the diffraction barrier but simultaneously allow real-time visualization of membrane trafficking in the confinements of the conventional chemical synapse.

Despite these currently insurmountable technical limitations, we recently showed (indirectly, through studying VAMP4 trafficking at the presynapse) that intermixing of cargos retrieved through endocytosis with classic endolysosomal cargos, presumably prior to endolysosomal sorting, can introduce molecular heterogeneity in SV composition and drive plasticity of neurotransmitter release (Ivanova et al., 2021). This attunes synaptic transmission to both the history of presynaptic activity, and the functionality status of the quality control mechanisms operating throughout the endolysosomal system. More importantly, endolysosomal sorting during SV recycling provides a potential conduit for a constitutive, use-dependent turnover of SV components. In support, blocking the sorting of VAMP4 to LEs, using a dominant negative form of Rab7, increased its synaptic expression and slowed down its synaptic turnover (Ivanova et al., 2021). Interestingly, the same intervention also increased the synaptic expression of synaptophysin, although to a lesser extent. Therefore, it is tempting to speculate that active sorting of classic endolysosomal proteins, such as VAMP4, to LEs may promote passive retrieval of SV cargos that do not necessarily possess sorting determinants for targeting to LEs/lysosomes. This can provide a stochastic, pre-emptive mechanism for removal of SV cargos that have participated in recycling (that has been speculated to exist Truckenbrodt et al., 2018) which continuously rejuvenates the SV proteome and thereby maintains synaptic integrity and function.



Cycling Back to Neuronal Cell Bodies; Potential Impact of Re-trafficking to the Trans-Golgi Network and Somatic Lysosomes on Presynaptic Function, Lessons Learned From Models of Disease

The rapid redistribution of SV proteins between neighboring synapses (in a matter of minutes; Tsuriel et al., 2006; Staras et al., 2010) and between synapses and neuronal cell bodies (in a matter of hours Tsuriel et al., 2006; Ivanova et al., 2015) observed using various live-imaging approaches, indicates a very rapid axonal turnover of SV components. However, this is at odds with the very slow metabolic turnover of SV proteins, which ranges from several days to several weeks in vitro and in vivo, respectively (Dorrbaum et al., 2018). This suggests that SV proteins may undergo multiple rounds of trafficking between synapses and neuronal cell bodies before being directed to any of the degradative routes. Although synapses are located at a considerable distance from neuronal cell bodies, owing to the function of motor proteins the communication between them is a very rapid and efficient process (Guedes-Dias and Holzbaur, 2019). However, why would neurons support such a metabolically-expensive strategy to continuously shuttle vesicles and molecules between distal synapses and neuronal cell bodies?

The TGN, which is a central sorting hub in the secretory pathway, is also emerging as a major protein quality control checkpoint (Briant et al., 2017; Hellerschmied et al., 2019; Sun and Brodsky, 2019). Similarly to the quality control systems operating in the ER, specialized molecular machineries residing in the TGN perform protein surveillance and funnel damaged, misfolded or aggregated proteins into pathways that either attempt repair or sequester and degrade the damaged proteins (typically through lysosomal degradation) (Sun and Brodsky, 2019). Therefore, continuous retrograde trafficking and recycling through the TGN of plasma membrane proteins and proteins that normally localize to other endolysosomal compartments, will allow a periodical reevaluation of their state (Figure 2).


[image: image]

FIGURE 2. SV recycling is nested in the endolysosomal system. SV recycling is a nested cycle within a larger cycle that encompasses membrane-bound organelles that reside in both, presynaptic sites (the Recycling and Resting pool) and neuronal cell bodies (the Golgi apparatus and degradative lysosomes). The Golgi apparatus performs protein surveillance and funnels cargos to pathways that either repair damage or degrade old and damaged proteins (the lysosome).


This hypothesis that recycling of synaptic proteins to the TGN is essential for synapse integrity, is strongly supported by the key role of retromer in maintaining synaptic health and its involvement in the progression of neurodegenerative diseases such as Alzheimer’s and Parkinson’s disease (Small and Petsko, 2015). Multiple genetic studies have linked both Alzheimer’s and Parkinson’s disease to a number of retromer-associated proteins and enhancement of the retromer function was neuroprotective against the pathology of these slowly progressing neurodegenerative diseases (Vilariño-Güell et al., 2011; Wen et al., 2011; Small and Petsko, 2015; McMillan et al., 2017; Brodin and Shupliakov, 2018). The neuroprotective role of the retromer complex is believed to be coupled to its role in retrieving cargo from the plasma membrane and the endosome back to the TGN. However, whether the retrograde trafficking from synaptic endosomes to the TGN is limited to specific cargos or is a more widespread phenomenon with a major impact on synaptic function, remains an open question.

In the light of this hypothesis, one possible function for presynaptic LEs/lysosomes is sorting of SV cargos during SV recycling and directing them to trafficking pathways that carry them back to the soma where they can be subjected to quality control sampling (at the TGN) and/or degradation by somatic lysosomes. This is supported by the clear functional link between lysosomal function and presynaptic health. Neurodegenerative processes associated with lysosomal dysfunction, as in lysosomal storage diseases (LSD), are usually presynaptically initiated and neurodegeneration in these conditions can be curbed by re-establishing presynaptic function (Sambri et al., 2017). SV exo- and endocytosis are severely compromised by lysosomal storage dysfunction. Thus, in several LSD mouse models (Twitcher mice, Niemann-Pick disease type C1, and Mucopolysaccharidosis type 3A), axonal transport of SV-positive vesicles, SV exo-and endocytosis are critically impaired (Xu et al., 2010; Pressey et al., 2012; Wilkinson et al., 2012; Teixeira et al., 2014; Sambri et al., 2017; Bayó-Puxan et al., 2018). This is associated with reduction or aggregation of SV proteins and axonal swelling which results in compromised neurotransmission. Some of these deficits can be partly attributed to interference with the function of presynaptic autophagy (and reduced fusion of autophagosomes and lysosomes). However, the severe presynaptic phenotypes in LSD mouse models, strongly suggest that the SV cycle is a loop within a loop, and that it is structurally and functionally integrated in the general endolysosomal system of the neuron. Therefore, deficits at either end of the system will compromise the function of the whole system.



Outlook

Transitioning from a purely analytic approach to SV recycling to a more systemic one at a molecular level, which recognizes and studies the SV cycle as an integral part of the endomembrane system of the neuron is key for answering outstanding questions in the field by setting the right priorities for future research. Some of these questions are: Which are the cell-biological mechanisms underlying the assembly and removal of the presynaptic specializations? What drives the use-dependent structural and functional presynaptic plasticity that alters the information coding capacity of the neuron? What mediates the ongoing turnover of SV components which sustains synaptic integrity and function over the lifespan of the neuron? How does previous experience impact these events and is this process tuneable to external signals? Furthermore, multiple neurological disorders ranging from neurodevelopmental autism spectrum disorders and epilepsy to slowly progressing neurodegenerative disorders can be linked to deficits in endolysosomal function and concomitant presynaptic malfunction. To prevent or delay the onset of such disorders and assist in developing targeted therapies in the future, disentangling the systems that regulate these complex diseases is key and requires examining the interplay among the underlying factors at a molecular level.
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Cytoskeletal filamentous actin (F-actin) has long been considered a molecule that may regulate exo- and endocytosis. However, its exact roles remained elusive. Recent studies shed new light on many crucial roles of F-actin in regulating exo- and endocytosis. Here, this progress is reviewed from studies of secretory cells, particularly neurons and endocrine cells. These studies reveal that F-actin is involved in mediating all kinetically distinguishable forms of endocytosis, including ultrafast, fast, slow, bulk, and overshoot endocytosis, likely via membrane pit formation. F-actin promotes vesicle replenishment to the readily releasable pool most likely via active zone clearance, which may sustain synaptic transmission and overcome short-term depression of synaptic transmission during repetitive firing. By enhancing plasma membrane tension, F-actin promotes fusion pore expansion, vesicular content release, and a fusion mode called shrink fusion involving fusing vesicle shrinking. Not only F-actin, but also the F-actin assembly pathway, including ATP hydrolysis, N-WASH, and formin, are involved in mediating these roles of exo- and endocytosis. Neurological disorders, including spinocerebellar ataxia 13 caused by Kv3.3 channel mutation, may involve impairment of F-actin and its assembly pathway, leading in turn to impairment of exo- and endocytosis at synapses that may contribute to neurological disorders.
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INTRODUCTION

Vesicle exocytosis releases neurotransmitters and hormones to mediate important functions, such as synaptic transmission, stress responses, and immune responses (Wu et al., 2014; Chang et al., 2017; Brunger et al., 2018; Sharma and Lindau, 2018). After exocytosis, fused vesicles must be retrieved via endocytosis, which recycles vesicles and thus sustains exocytosis in secretory cells, particularly in nerve terminals (Wu et al., 2014; Kononenko and Haucke, 2015; Gan and Watanabe, 2018). Half a century of studies identified many core exo- and endocytic proteins, such as SNARE proteins, synaptotagmin, and dynamin (Jahn and Fasshauer, 2012; Kaksonen and Roux, 2018; Mettlen et al., 2018). However, the role of actin in the exo- and endocytosis of secretory cells remained not well understood despite it being one of the most abundant cytoskeletal proteins (Cingolani and Goda, 2008; Li et al., 2018).

Studies over the past three decades led to proposals that actin is involved in many steps of exo- and endocytosis in secretory cells. These potential roles include vesicle clustering in nerve terminals, physical barrier to prevent vesicle docking at the plasma membrane, facilitation of vesicle mobilization to the readily releasable pool (RRP) that seems to contradict its physical barrier function, fusion pore expansion, vesicle merging at the plasma membrane, and endocytosis that recycles vesicles (Cingolani and Goda, 2008; Li et al., 2018). With respect to its vesicle clustering role, filamentous actin (F-actin), together with synapsin, has long been proposed to provide a cytoskeletal scaffold linking vesicles together, leading to formation of vesicle clusters in nerve terminals (reviewed in Cingolani and Goda, 2008). Recent studies suggest that synapsin alone can form a distinct liquid phase in an aqueous environment, which may catalyze vesicle clustering at nerve terminals (Milovanovic et al., 2018). Microinjection of reagents that bind to the intrinsically disordered region of synapsin causes dispersal of synaptic vesicle clusters, suggesting that liquid-liquid phase separation may mediate synaptic vesicle clustering (Pechstein et al., 2020). These results suggest re-examination of the role of F-actin in vesicle clustering in the future. Accordingly, this topic will not be further discussed here.

With respect to its physical barrier role, early studies showed that disruption of actin polymerization increases the frequency of spontaneous and evoked transmitter release at synapses and in endocrine cells, suggesting that F-actin behind the plasma membrane may restrain docking of vesicles at release sites (Aunis and Bader, 1988; Morales et al., 2000; Trifaro et al., 2000; Chowdhury et al., 2002; Malacombe et al., 2006; Cingolani and Goda, 2008). In neuroendocrine cells, the region of cytosol adjacent to the plasma membrane contains the most actin filaments, called the cortical actin network (reviewed in Meunier and Gutierrez, 2016). This cortical actin network may act as a physical barrier that opposes vesicle access to release sites, as shown in studies of chemicals that stabilize or inhibit actin polymerization (Wen et al., 2011; Meunier and Gutierrez, 2016). The physical barrier function has been systematically surveyed in several excellent reviews (Meunier and Gutierrez, 2016; Papadopulos, 2017; Li et al., 2018). Thus, readers are referred to these reviews for more detailed discussion of the physical barrier function. This review focuses on actin’s roles in mediating endocytosis, facilitating replenishment of the RRP, promoting fusion pore expansion, and merging vesicles with the plasma membrane. Potential mechanisms that may reconcile the apparent conflict between actin’s physical barrier function versus facilitatory role in RRP replenishment are also suggested.



ACTIN IS CRUCIAL FOR ALL KINETICALLY DISTINGUISHABLE FORMS OF ENDOCYTOSIS

Early studies regarding actin’s role in endocytosis in secretory cells reached different conclusions as to whether actin is needed and at which step(s). For example, at lamprey giant synapses, latrunculin B, which disrupts actin polymerization, causes accumulation of clathrin-coated pits and vesicles (Shupliakov et al., 2002; Bourne et al., 2006), whereas latrunculin A (Lat A), which also disrupts actin polymerization, does not affect endocytosis as measured using FM1-43 uptake (Bleckert et al., 2012). At frog neuromuscular junctions, Lat A reduces FM1-43 uptake into nerve terminals (Richards et al., 2004). Whether this effect is caused by inhibition of endocytosis or exocytosis has not been distinguished. On the other hand, cytochalasin D, which inhibits actin polymerization, does not affect FM1-43 uptake or release, implying that actin may not be needed for endocytosis at frog neuromuscular junctions (Betz and Henkel, 1994). At hippocampal synapses, Lat A does not affect endocytosis after action potential trains (Li and Murthy, 2001; Sankaranarayanan et al., 2003; Hua et al., 2011). At goldfish retinal bipolar synapses, latrunculin B and cytochalasin D do not inhibit endocytosis over a time course <∼20 s, but may slow down bulk endocytosis (Holt et al., 2003). Lat A inhibits fast endocytosis at mossy fiber boutons (Delvendahl et al., 2016) and ultrafast endocytosis at hippocampal synapses (Watanabe et al., 2014). These pharmacological studies do not reach a consensus regarding the effect of actin blockers on endocytosis at the same synapse, at different synapses, or for different endocytic modes. However, these studies rely on actin blockers, and some studies use only one blocker at one concentration. False-positive or -negative results owing to off-target effects or difficulty blocking actin polymerization in live cells might contribute to these apparent controversial results (Bleckert et al., 2012). In the following, we review more recent studies that used genetic combined with pharmacological approaches to study actin’s endocytic role in mammalian cells.

There are six actin isoforms in mammalian cells. β-Cytoplasmic actin (β-actin), encoded by Actb, and γ-cytoplasmic actin (γ-actin), encoded by Actg1, are ubiquitously expressed and are the major isoforms in the nervous system (Figure 1A; Herman, 1993; Cheever and Ervasti, 2013). β- or γ-actin knockout at two types of nerve terminals in mice, the calyx of Held and hippocampal boutons, were generated (Wu et al., 2016). At the giant calyx of Held nerve terminal, capacitance measurements reveal four kinetically different forms of endocytosis, including slow endocytosis (tens of seconds), rapid or fast endocytosis (a few seconds), bulk endocytosis (forming vesicles larger than regular vesicles), and endocytosis overshoot (retrieving more vesicles than were exocytosed) (Sun and Wu, 2001; Sun et al., 2002; Yamashita et al., 2005, 2010; Renden and Von Gersdorff, 2007; Xu et al., 2008; Hosoi et al., 2009; Wu et al., 2009; Xue et al., 2012). At cultured small conventional hippocampal boutons, endocytosis can be measured with imaging of pH-sensitive pHluorin attached to synaptic vesicle proteins (Sankaranarayanan and Ryan, 2000; Wienisch and Klingauf, 2006; Balaji and Ryan, 2007; Sun et al., 2010; Zhang et al., 2013; Kavalali and Jorgensen, 2014; Chanaday and Kavalali, 2018).
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FIGURE 1. Actin is involved in mediating ultrafast, fast, slow, bulk, and overshoot endocytosis at synapses likely by facilitating membrane pit formation. (A) Antibody staining of β-actin, γ-actin, and vesicular glutamate transporter 1 (vGluT1) in calyx of Held nerve terminals. (B) Actin involvement in slow endocytosis: mean capacitance (Cm) traces (mean + SEM) induced by a 20 ms depolarization from –80 to +10 mV (depol20 ms, arrow) in calyces of wild-type (black), Actb–/– (red), and Actg1–/– (blue) mice. Depol20 ms induces slow endocytosis in wild-type calyces. (C) Actin involvement in rapid (or fast) endocytosis: similar arrangement as in B except that the stimulus was 10 depol20 ms at 10 Hz (depol20 msX10), which induces rapid (or fast) endocytosis in wild-type calyces. (D) Actin involvement in bulk endocytosis and endocytosis overshoot: sampled Cm induced by depol50 msX10 (10 depol50 ms at 10 Hz) with 5.5 mM calcium in the bath from wild-type (Ctrl), β-actin (Actb)–/–, and γ-actin (Actg1)–/– calyces. Depol50 msX10 induces bulk endocytosis (a large step of downward capacitance shift) and endocytosis overshoot in Ctrl. (E) Actin involvement in very fast endocytosis: averaged Cm response to single action potentials in Ctrl (black) and in the presence of latrunculin A (Lat A, green). Gray solid lines are exponential fits to the Cm decay. (F) Left: electron microscopy images of membrane pits of various shapes obtained during or after high potassium chloride (KCl) application from either wild-type (WT) or Actb–/– hippocampal cultures. Right: the number of pits before (R) and after KCl application (K+, 0 min; 3 min and 10 min) in wild-type (WT) control and Actb–/– hippocampal synapses (mean + SEM). *p < 0.05; ***p < 0.001 (t-test). The data show that β-actin knockout inhibits pit formation. (G) Actin involvement in ultrafast pit formation: average number of exocytic pits (blue) and endocytic pits (orange) in cells treated with latrunculin A (Lat A) or dimethyl sulfoxide (DMSO). ***p < 0.001 (t-test). (H) Schematic diagram showing the involvement of F-actin and its nucleation factors, such as Kv3.3 potassium channel, Arp2/3, formin, and myosin II in all kinetically distinguishable forms of endocytosis, including ultrafast, fast, slow, bulk, and overshoot endocytosis. Panels A–D,F are adapted from Wu et al. (2016) with permission. Panel E is adapted from Delvendahl et al. (2016) with permission. Panel G is adapted from Watanabe et al. (2013) with permission.


Capacitance measurements at calyces reveal that β- or γ-actin knockout inhibits slow endocytosis, rapid endocytosis (Figures 1B,C), bulk endocytosis (detected as the large downward capacitance shift; Figure 1D), and endocytosis overshoot (Figure 1D; Wu et al., 2016). Electron microscopy and pHluorin imaging at hippocampal synapses show that β- or γ-actin knockout inhibits slow endocytosis and endosome-like structure formation due to bulk endocytosis (Wu et al., 2016). Thus, actin is crucial in mediating rapid, slow, bulk, and overshoot endocytosis. An actin mutant with a polymerization defect could not rescue endocytosis in boutons lacking β-actin, suggesting that polymerized actin, which is known to exert mechanical forces (Mund et al., 2018), is involved in generating forces needed for endocytosis (Wu et al., 2016). Actin knockout does not affect the rate of fission pore closure during bulk endocytosis at calyces but inhibits membrane pit formation at hippocampal synapses (Figure 1F), suggesting that F-actin may exert mechanical force to bend membrane and thereby generate membrane pits (Wu et al., 2016). Taken together, these findings indicate that polymerized actin may mediate rapid, slow, bulk, and overshoot endocytosis by providing mechanical forces to bend membrane (Wu et al., 2016).

This suggestion, supported by genetic evidence, is consistent with pharmacological evidence that Lat A inhibits a very fast form of endocytosis with a time constant of ∼0.5 s recorded with capacitance measurements at cerebellar and hippocampal mossy fiber boutons (Figure 1E; Delvendahl et al., 2016). Lat A also inhibits ultrafast pit formation detected with electron microscopy combined with rapid freezing after optogenetic stimulation at hippocampal synapses (Figure 1G), which suggests involvement of F-actin in ultrafast endocytosis (Watanabe et al., 2013). Taken together, these results indicate that F-actin may be involved in mediating all distinguishable forms of endocytosis at synapses, including ultrafast, fast, slow, bulk, and overshoot endocytosis via its role in pit generation (Figure 1H).

This possibility, inferred from studies of secretory cells, may not generalize to non-secretory vesicle endocytosis in mammalian cells, where F-actin is thought to be needed to overcome membrane tension only when plasma membrane tension is high (Merrifield et al., 2005; Yarar et al., 2005; Ferguson et al., 2009; Saffarian et al., 2009; Boulant et al., 2011). However, it is consistent with actin’s role during endocytosis in yeast, which possess a cell wall, where actin polymerization from the plasma membrane toward the cytosol has been suggested to generate a force pushing and elongating the neck, forming a tube-shape pit (Picco et al., 2015; Kaksonen and Roux, 2018; Mund et al., 2018). Whether this mechanism applies to mammalian cells, which do not contain cell walls, remains to be determined. Imaging F-actin dynamics during endocytic membrane pit formation in real time, a very recent study in mammalian chromaffin cells suggests that F-actin may providing a point-pulling force at the center of the endocytic zone to pull membrane inward, forming membrane pits together with dynamin (Shin et al., 2022).

Many factors are involved in nucleating F-actin. Neural Wiskott-Aldrich-syndrome protein (N-WASP) may activate actin-related protein 2/3 complex (Arp2/3) to form branched actin networks together with myosin, whereas formins are involved in forming linear actin filaments (Cingolani and Goda, 2008; Kononenko and Haucke, 2015; Kaksonen and Roux, 2018). Myosin II inhibitor blebbistatin suppresses endocytosis at hippocampal and calyx of Held synapses, suggesting that myosin II-dependent F-actin nucleation is involved in mediating endocytosis (Yue and Xu, 2014; Soykan et al., 2017). Consistent with this suggestion, knockout of myosin IIB or application of blebbistatin reduces horseradish peroxidase uptake that may reflect endocytosis at hippocampal synapses (Chandrasekar et al., 2013). To investigate the function of actomyosin, actin nucleation, which precedes F-actin assembly, has been studied with pharmacological approaches and gene knockdown (Soykan et al., 2017). Inhibition of formin-mediated assembly of linear actin filaments by the selective inhibitor SMIFH2 (Ganguly et al., 2015) in turn inhibits endocytosis at hippocampal and calyx-type synapses (Soykan et al., 2017). Similarly, shRNA-mediated knockdown of the diaphanous-related formin mDia1 slows synaptic vesicle endocytosis (Soykan et al., 2017). These results suggest that formin-dependent actin filament assembly may regulate synaptic vesicle endocytosis (Soykan et al., 2017).

Recent studies reveal an unexpected relationship between potassium channels and endocytosis mediated by nucleation of F-actin at synapses (Zhang et al., 2016; Wu et al., 2021). Since the discovery of potassium channels, the physiological and pathological impact of potassium channels has been attributed to their ion conductance, which sets the cell membrane potential and repolarizes the membrane during action potentials (Kaczmarek and Zhang, 2017). For example, Kv3 family channels are generally considered to regulate neurotransmitter release by repolarizing the membrane during action potentials (Kaczmarek and Zhang, 2017). A recent study reports a crucial function of these channels independent of their ion conductance – by organizing the F-actin cytoskeleton in nerve terminals, Kv3.3 protein facilitates rapid and slow endocytosis at hippocampal and calyx of Held synapses (Wu et al., 2021). The extended cytoplasmic C-terminal domain of Kv3.3 at the plasma membrane binds to and thereby recruits beneath the plasma membrane the Arp2/3, which is involved in nucleating the cortical F-actin cytoskeleton (Zhang et al., 2016; Wu et al., 2021). The channel mutation G592R Kv3.3 causes Kv3.3 to fail to bind Arp2/3, and thus disrupts the ability of the channel to nucleate F-actin in nerve terminals, resulting in inhibition of synaptic vesicle endocytosis (Zhang et al., 2016; Wu et al., 2021). Since this mutation may cause spinocerebellar ataxia 13 (Middlebrooks et al., 2013), inhibition of synaptic vesicle endocytosis by disruption of F-actin nucleation may contribute to the generation of spinocerebellar ataxia 13 (Wu et al., 2021).

Figure 1H provides a schematic summary of the role of actin and its assembly pathways in mediating synaptic vesicle endocytosis. The implications of the studies discussed above are integrated in the figure to show the involvement of F-actin and F-actin nucleation factors, such as Kv3.3, Arp2/3, formin, and myosin II, in all kinetically distinguishable forms of endocytosis.



ACTIN FACILITATES VESICLE REPLENISHMENT TO THE READILY RELEASABLE POOL

After release of vesicles at active zone release sites, they must be replenished. This process, called vesicle mobilization or replenishment to the RRP, is crucial to sustain synaptic transmission and minimize short-term synaptic depression during repetitive firing (Wang and Kaczmarek, 1998; Schneggenburger et al., 1999; Wu and Borst, 1999; Sakaba and Neher, 2001; Von Gersdorff and Borst, 2002; Zucker and Regehr, 2002; Xu and Wu, 2005; He et al., 2009). At the calyx of Held synapse, the rate of RRP replenishment can be measured experimentally with a pair of depolarizing pulses of ∼20–50 ms, each of which can completely deplete the RRP (Figures 2A–C; Wu and Borst, 1999; Sakaba and Neher, 2001; Wu et al., 2016). The exocytosis induced by the second pulse applied at various intervals after the first pulse may thus indicate the time course of RRP replenishment (Figures 2A–C). It has been found that the RRP replenishment is suppressed by a variety of manipulations that inhibit F-actin, including knockout of the β-actin or γ-actin gene (Figures 2A,B), Lat A that inhibits F-actin polymerization (Figure 2C), Kv3.3 that disrupts F-actin nucleation, and mutation of Kv3.3 that causes spinocerebellar ataxia and inhibits F-actin nucleation at nerve terminals (Sakaba and Neher, 2003; Wu et al., 2016, 2021). These results suggest that F-actin facilitates RRP replenishment and impact F-actin nucleation may contribute to the generation of neurological disorders.
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FIGURE 2. Actin promotes RRP replenishment likely by facilitating active zone clearance. (A) Sampled Cm traces induced by a pair of depol20 ms at an interval of 200 ms in a control (Ctrl, left) and an Actb–/– (right) calyx. Measurements of the capacitance jumps induced by the first and second depol20 ms (ΔCm1 and ΔCm2) are schematically shown. (B) Left: the ratio between the second and first ΔCm (ΔCm2/ΔCm1) during a pair of depol20 ms plotted versus paired-pulse interval at control and Actb–/– calyces. Right: same as in left but plotting the interval between 0 and 1 s. *p < 0.05; **p < 0.01 (t-test). The data in A,B show that β-actin knockout reduces ΔCm2/ΔCm1. (C) Top: a dual pulse of 50 ms (to 0 mV) was applied at different intervals (200 and 500 ms) to the calyx. Presynaptic calcium currents (Ipre) and excitatory postsynaptic currents (EPSCs) are shown. Bottom: similar arrangement as in the top, but with the presynaptic pipette solution containing Lat A to inhibit actin polymerization. Arrows indicate that latrunculin A inhibits EPSC induced by a second pulse. (D) The Kv3.3 channel regulates EPSCs during repetitive action potential firing: sampled EPSCs (top) and the amplitude of EPSCs (bottom, mean + SEM) induced by 10 action potentials at 100 Hz at the calyx of wild-type mice, Kv3.3–/– mice, and mice with a mutation (Kv3.3 G592R) that causes spinocerebellar ataxia 13 and inhibits F-actin nucleation at the calyx. (E) Schematic diagram showing that the F-actin cytoskeleton may facilitate active zone clearance and thus RRP replenishment. RRP replenishment may involve active zone clearance, vesicle docking, and vesicle priming that makes the docked vesicle release-ready. Panels A,B are adapted from Wu et al. (2016) with permission. Panel C is adapted from Sakaba and Neher (2003) with permission. Panel D is adapted from Wu et al. (2021) with permission.


Since RRP replenishment sustains synaptic transmission during repetitive firing, suppression of RRP replenishment by inhibition of F-actin predicts severe short-term depression of synaptic transmission. This prediction was verified by measurements of the excitatory postsynaptic current (EPSC) during repetitive firing in Kv3.3 knockout or G592R Kv3.3 knock-in mice, in which F-actin nucleation at nerve terminals is impaired (Figure 2D; Wu et al., 2021). Taken together, these results suggest that F-actin opposes short-term depression, and thus helps to sustain synaptic transmission during repetitive firing.

Given that inhibition of endocytosis by the block of dynamin, calmodulin, calcium influx, and SNARE proteins slows down RRP replenishment, it has been suggested that endocytosis facilitates RRP replenishment via clearance of the active zone as perturbed by exocytosis (Hosoi et al., 2009; Wu et al., 2009, 2014; Neher, 2010; Sun et al., 2010; Hua et al., 2013; Xu et al., 2013). Accordingly, actin involvement in endocytosis and RRP replenishment suggests that F-actin promotes RRP replenishment by facilitating active zone clearance (Figure 2E; Wu et al., 2016). Therefore, impairment of RRP replenishment may contribute to the generation of spinocerebellar ataxia 13 and other neurological disorders caused by impairments of F-actin nucleation or assembly.

The exact mechanism of how actin and endocytosis mediate active zone clearance remains unclear. Annexin A2, a calcium-, actin-, and lipid-binding protein involved in exocytosis, may induce actin bundling that seems essential for generating active exocytotic sites in chromaffin cells (Gabel et al., 2015). Such a mechanism might provide hints about how F-actin facilitates replenishment of the RRP.

Actin’s role in facilitating RRP replenishment is apparently in conflict with its physical barrier function, which has been suggested based on an observed increase in spontaneous and evoked vesicular content release after inhibition of actin polymerization (Aunis and Bader, 1988; Morales et al., 2000; Trifaro et al., 2000; Chowdhury et al., 2002; Malacombe et al., 2006; Cingolani and Goda, 2008). This discrepancy could be reconciled if the RRP replenishment reflects mostly the active zone clearance, but not solely just vesicle movement to the docking site. The RRP is functionally defined as a pool of vesicles that can be depleted by a brief depolarization (Von Gersdorff and Borst, 2002; Neher and Sakaba, 2008; Wu et al., 2014). For example, at the calyx of Held, the RRP is defined as the vesicles being released by a 20 or 50 ms depolarization or about 20 action potentials at 100–300 Hz (Wang and Kaczmarek, 1998; Schneggenburger et al., 1999; Wu and Borst, 1999; Sakaba and Neher, 2001; Sun and Wu, 2001). The number of vesicles in the RRP, estimated with capacitance measurements (Sun and Wu, 2001; Sun et al., 2002), could be larger than the number of morphologically docked vesicles observed with electron microscopy (Sätzler et al., 2002; Taschenberger et al., 2002). Thus, RRP replenishment may reflect not only physical movement of vesicles from the cytosol to the plasma membrane docking site, but also the summed activity of active zone clearance, vesicle docking, and subsequent vesicle priming to become release-ready. Accordingly, we suggest that within the time scale of seconds after RRP depletion, F-actin cytoskeleton may help in active zone clearance that facilitates RRP replenishment. In a longer time scale and likely a longer distance, F-actin cytoskeleton may serve as a physical barrier for vesicles deep inside the cytosol to move toward the plasma membrane. This suggestion may reconcile the apparent controversy surrounding F-actin regarding its facilitatory role in RRP replenishment and its inhibitory function in vesicle movement toward the plasma membrane. Verifying this suggestion in the future may require imaging and quantification of individual vesicle movements toward, and fusion at, the plasma membrane release site in live cells.



FILAMENTOUS ACTIN PROMOTES FUSION PORE EXPANSION AND THUS CONTENT RELEASE BY ENHANCING MEMBRANE TENSION

Filamentous actin blockers that reduce F-actin (Figure 3A) and myosin II inhibitors slow down catecholamine release as detected with amperometry (Figures 3B,C; Neco et al., 2008; Berberian et al., 2009; Olivares et al., 2014) and prolong release of vesicular lumen protein neuropeptide Y-EGFP as detected with imaging in chromaffin cells (Figure 3D; Wen et al., 2016). These results suggest that F-actin speeds up vesicular content release in chromaffin cells. How does F-actin facilitate vesicular content release? Recent studies addressed this question by direct visualization of fusion pore opening, expansion, constriction and closure with super-resolution stimulated emission depletion (STED) microscopy at a neuroendocrine cell, the adrenal chromaffin cell containing ∼180–720 nm diameter vesicles (Figure 3E; Wen et al., 2016; Zhao et al., 2016; Shin et al., 2018). It has been observed that fusion pore size may vary between 0 and 490 nm within 26 ms to seconds (Shin et al., 2018). These pore dynamics are crucial in determining the efficiency of vesicular cargo release and vesicle retrieval (Shin et al., 2018). They are generated by competition between mechanisms for pore expansion and mechanisms for pore constriction and closure (Shin et al., 2018). Increasing the extracellular solution osmolarity, which shrinks the cell size and thus may reduce plasma membrane tension (Wen et al., 2016), reduces the initial fusion pore size as measured with STED microscopy (Figure 3F; Shin et al., 2018). Lat A, which reduces F-actin and plasma membrane tension as measured with the pipette aspiration technique in chromaffin cells (Figure 3G; Wen et al., 2016), also reduces the initial fusion pore size as measured with STED microscopy (Figure 3H; Shin et al., 2018). Thus, F-actin promotes fusion pore expansion by enhancing plasma membrane tension (Shin et al., 2018), explaining why F-actin facilitates vesicular content release (Figure 3I).
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FIGURE 3. F-actin promotes fusion pore expansion by enhancing plasma membrane tension. (A) Latrunculin A (Lat A) reduces F-actin: sampled Lifeact-labeled F-actin at the cell bottom of bovine adrenal chromaffin cells before (0 s, left) and 600 s after (right) application of Lat A (3 μM) or a control (Ctrl) solution. (B) A single amperometric spike along with the five parameters: quantal size Q (pC), half-width (ms), peak amplitude (pA), foot signal duration (ms), and mean foot current (pA). (C) Half-width (mean ± SEM) of amperometric spikes in control (CT) or in the presence of blebbistatin (BL), cytochalasin D (CD), ML-7 (ML7), or Lat A. Data normalized to the mean in control. *p < 0.05; **p < 0.01; ***p < 0.001 (t-test). (D) Lat A slows down neuropeptide Y-EGFP (NPY-EGFP) release from single vesicles: fluorescence of NPY-EGFP (FNPY) from single vesicles in Ctrl (left) and in the presence of Lat A (right). Decay indicates release of neuropeptide Y-EGFP. NPY-EGFP images at times indicated are also shown. The initial increase of NPY-EGFP fluorescence is due to fusion pore opening that increases the vesicular lumen pH. (E) Top: setup drawing. Cell membrane is labeled with the phospholipase C ΔPH domain attached with mNeonGreen (PHG, green), whereas the bath solution contains Atto 532 (A532, red, pseudo-color). Bottom left: STED PHG/A532 images immediately before (time 0) and after fusion during imaging every 0.1 s. PHG-labeled fusion pore is visible. The stimulation was a depolarization from –80 to +10 mV for 1 s (depol1 s). Bottom right: similar to left panel but showing a pore not visible to STED microscopy. (F) The percentage of fusion pores induced by depol1s that are visible to STED microscopy (Porev%) at 310 or 650 mOsm (bath solution) in calcium (Ca2+), strontium (Sr2+), or dynasore (DnS, with 5 mM Ca2+). Porev was detected with PHG STED imaging as shown in E. Data show that 650 mOsm reduces Porev%. (G) Latrunculin A (Lat A) reduces membrane tension. Left: drawings of the micropipette aspiration technique. Negative pressure (ΔP) in the pipette (with a diameter D) draws the cell membrane into the pipette by a length L. Middle: pipette-aspirated cells (bright-field images) in the absence (Ctrl) and presence of Lat A (0.5 μM). Arrows indicate membrane projection (L) into the micropipette (ΔP = 500 Pa). Right: normalized projection length (L/D, mean + SEM) for aspirated cells in the absence (Ctrl) or presence of Lat A (0.5 μM). *p = 0.011 (t-test). (H) Lat A inhibits Porev (fusion pore visible to STED microscopy) percentage: the percentage of Porev (Porev%) in the absence (–) or presence (+) of 3 μM Lat A in a bath containing Ca2+, Sr2+, or DnS. Porev was detected with STED imaging of PHG as shown in panel E. (I) Schematic drawing showing that F-actin cytoskeleton enhances plasma membrane tension and thus promotes fusion pore expansion that releases vesicular contents rapidly and completely. Promotion of fusion pore expansion does not necessarily flatten the fusion pore, explained in more detail in Figure 4. Panels A,D,G are adapted from Wen et al. (2016) with permission. Panels B,C are adapted from Berberian et al. (2009) with permission. Panel E,F,H are adapted from Shin et al. (2018) with permission.




FILAMENTOUS ACTIN PROMOTES SHRINK FUSION

For many decades, two fusion modes were thought to control hormone and transmitter release (Ceccarelli et al., 1973; Heuser and Reese, 1981; Alabi and Tsien, 2013; Wu et al., 2014). One facilitates release via fusion pore dilation and flattening, called full-collapse fusion. The other limits release by closing a narrow fusion pore, called kiss-and-run or close-fusion (Ceccarelli et al., 1973; Chiang et al., 2014; Zhao et al., 2016). With super-resolution STED microscopy to visualize fusion modes of dense-core vesicles in neuroendocrine cells, it has been found, surprisingly, that facilitation of release is not mediated by full-collapse, but rather shrink fusion, in which the Ω-profile generated by vesicle fusion shrinks, but maintains a large non-dilating pore until the Ω-profile is undetectable (Figure 4A; Chiang et al., 2014; Wen et al., 2016; Shin et al., 2018, 2021). Inhibition of F-actin polymerization by Lat A, cytochalasin D, or β-actin knockout significantly reduces plasma membrane tension (Figure 3G) and shrink fusion percentage (Figures 4B,C; Wen et al., 2016; Shin et al., 2020). Such an inhibition of shrink fusion can be mimicked by a decrease in plasma membrane tension (via increasing the extracellular solution osmolarity) and can be rescued by an increase in plasma membrane tension (via decreasing the extracellular solution osmolarity) (Wen et al., 2016). These results suggest that F-actin is essential in mediating shrink fusion (Wen et al., 2016). Furthermore, it has been shown that the F-actin assembly pathway, including N-WASP, formin, and hydrolysis of the energy molecule ATP is involved in mediating shrink fusion (Wen et al., 2016). Inhibition of F-actin leads to accumulation of Ω-shape profiles at the active zone of lamprey synapses, suggesting that F-actin also facilitates merging of fusing vesicles at the plasma membrane, likely also via shrink fusion (Wen et al., 2016).


[image: image]

FIGURE 4. Actin promotes shrink fusion by enhancing plasma membrane tension. (A) PHG-labeled Ω-profile fluorescence (FPH; normalized to baseline), A532 spot fluorescence (F532; normalized to baseline), PHG-labeled Ω-profile height (H; circles), PHG-labeled Ω-profile width (W; triangles), and sampled images at times indicated with lines showing shrink fusion. The experimental setup is the same as that shown in Figure 3E. (B) Percentages (mean + SEM) of fusion events undergoing Ω-shrink fusion in Ctrl or in the presence of 3 μM Lat A (***p < 0.001), 4 μM Cyto D (***p < 0.001), or ATPγS (2 mM, replacing 2 mM ATP in the whole-cell pipette; ***p < 0.001) (t-test). (C) Percentages (mean + SEM) of Ω-shrink fusion induced by whole-cell calcium (1.5 μM) dialysis in Ctrl, Actb–/– cells, Actb–/– cells overexpressed with β-Actin–mEGFP, Ctrl cells treated with Lat A (Lat A), and Actb–/– cells treated with Lat A. ***p < 0.001 (t-test). (D) Left: schematic of the model (not to scale). Cells maintain an outward (swelling) osmotic pressure ΔP = Pcell – Pext (green arrows), with cell pressure Pcell exceeding extracellular pressure Pext. Intact vesicles maintain swelling pressure (red arrow), with vesicle pressure Pves > Pcell. Following fusion with plasma membrane (PM), rapid equilibration between vesicle lumen and extracellular medium is assumed, so Pves = Pext. The vesicle osmotic pressure then equals ΔP but is now an inward squeezing pressure. The model calculates the vesicle tension, γves, while the PM tension, γPM, and the adhesion energy εadhesion to the actin cortex (maroon layer adjacent to PM) are taken from experiment. Right: predicted shrink fusion sequence. Computed vesicle shapes and free energies for squeezing pressure ΔP = 100 Pa and the indicated effective diameters D (such that vesicle area equals πD2). A transition occurs at D = 56 nm from Ω to Λ shape (defined as a profile lacking overhang). (E) Shrink fusion mechanism predicted by the model. Osmotic squeezing deflates the vesicular Ω-shape profile and abolishes its membrane tension, so the Ω-profile’s membrane is reeled into the PM by PM tension and PM adhesion to the actin cortex. Panels A,D,E are adapted from Shin et al. (2021) with permission. Panels B,C are adapted from Wen et al. (2016) with permission.


How does F-actin-provided membrane tension mediate shrink fusion? A recent study found that the swelling osmotic pressure maintained by cells, the positive intracellular-to-extracellular osmotic pressure difference, may squeeze the Ω-profile and reduce the Ω-profile membrane tension, generating a tension gradient from the plasma membrane to the Ω-profile that reels Ω-profile membrane into the plasma membrane (Figures 4D,E; Shin et al., 2020). The requirement of the plasma-membrane-to-Ω-profile tension gradient explains why F-actin-dependent plasma membrane tension is needed to mediate shrink fusion (Wen et al., 2016). As the fused vesicle medium equilibrates with the extracellular medium, the squeezing pressure is equal to the swelling osmotic pressure of the cell (Diz-Munoz et al., 2010; Boulant et al., 2011; Stewart et al., 2011; Tsujita et al., 2015; Wen et al., 2016). With squeezing force and membrane-reeling-in force, Ω-profile shrinking is energetically favored over full-collapse fusion (Figures 4D,E), explaining why shrink fusion is selected over full-collapse fusion to merge fusing vesicles at the plasma membrane.

Given that the swelling osmotic pressure and cortical F-actin required for mediating shrink fusion are general properties of cells (Dai and Sheetz, 1999; Diz-Munoz et al., 2010; Boulant et al., 2011; Stewart et al., 2011; Tsujita et al., 2015; Wen et al., 2016), shrink fusion may in fact replace the widely believed-to-be dominant full-collapse fusion in many cell types. It should be noted that as the fusion-generated Ω-profile shrinks at the final stage, the Ω-profile may undergo a transition to a Λ- or dome-shape profile (Shin et al., 2020). This observation has led to the proposal of a shrink-collapse fusion mode, in which Ω-profile shrinking is followed by a transition to a Λ-profile, which in turn is followed by flattening/merging (Shin et al., 2020). This mode unifies the apparent contradiction between shrink fusion and full-collapse fusion.

It has been proposed that small synaptic vesicles, with diameters in the range of ∼20–60 nm, may undergo shrink-collapse fusion, with shrinking as the major component for larger synaptic vesicles and collapse as the primary component for smaller synaptic vesicles. Supporting this proposal, inhibition of F-actin assembly with Lat A, cytochalasin D, or an inhibitor of the formin-dependent F-actin assembly reduces F-actin at nerve terminals and causes accumulation of Ω-profiles at the active zone of lamprey giant synapses (Wen et al., 2016), suggesting that F-actin is also involved in merging small synaptic vesicles, likely via facilitating shrink fusion or shrink-collapse fusion.



CONCLUSION AND FUTURE RESEARCH QUESTIONS

Recent studies reveal an essential role of F-actin in mediating all kinetically distinguishable forms of endocytosis, including ultrafast, fast, slow, bulk, and overshoot endocytosis (Figure 5). Ultrastructural examination and real-time imaging suggest that F-actin is involved in pit formation, a critical step of endocytosis that has just been visualized in real time in live cells (Shin et al., 2021, 2022). The essential role of F-actin in mediating endocytosis may facilitate active zone clearance that may in turn promote RRP replenishment (Figure 5). RRP replenishment sustains synaptic transmission and overcomes short-term depression during repetitive firing at synapses. Facilitation of RRP replenishment via active zone clearance within seconds after exocytosis is different from the physical barrier function F-actin performs on a much longer time scale during vesicle movement from deep inside the cytosol to the plasma membrane. Such a difference might reconcile the apparent conflict of F-actin’s roles between facilitation of RRP replenishment and being a physical barrier that blocks vesicle movement. Recent studies also showed that F-actin promotes rapid and complete vesicular content release by increasing plasma membrane tension, which facilitates fusion pore expansion (Figure 5). By increasing plasma membrane tension, F-actin reels off fusing vesicle membrane and thus mediates shrink fusion together with the swelling osmotic pressure of the cell that squeezes the fusing Ω-profile (Figure 5). In conclusion, F-actin is essential in (1) mediating all forms of endocytosis and the RRP replenishment that together sustain synaptic transmission, (2) expanding the fusion pore to promote vesicular content release, and (3) mediating shrink fusion or shrink-collapse fusion that merges fusing vesicles with the plasma membrane (Figure 5). Not only actin, but also the actin assembly pathway, including N-WASH-dependent branched F-actin assembly and formin-dependent linear F-actin assembly are involved in mediating these functions of F-actin. A mutation in the Kv3.3 potassium channel, which causes spinocerebellar ataxia 13, inhibits F-actin nucleation, endocytosis, and RRP replenishment and enhances short-term synaptic depression at synapses (Wu et al., 2021), suggesting that impairment of F-actin’s roles in exo- and endocytosis may contribute to neurological disorders.
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FIGURE 5. Schematic summary of F-actin’s functions in RRP replenishment, fusion pore expansion, fused vesicle merging via shrink fusion, and all distinguishable forms of endocytosis in secretory cells. The schematic drawing shows RRP replenishment involving active zone clearance, vesicle docking and priming, fusion pore opening, fusion pore expansion that releases vesicular contents, shrink fusion that merges fused vesicles at the plasma membrane, and classical endocytosis involving pit formation and fission of the pit. F-actin promotes (1) RRP replenishment likely by facilitating active zone clearance, (2) fusion pore expansion by enhancing the plasma membrane tension, (3) shrink fusion by providing membrane tension to reel of fusing vesicular membrane, and (4) endocytosis likely by generating forces needed for pit formation. Actin nucleation factors, including Kv3.3, N-WASP, Arp2/3, myosin II, and formin are also involved in these processes. This cartoon represents a synthesis of many suggestions derived from the many studies discussed in this review.


While recent studies reveal important roles of F-actin in regulating exo- and endocytosis, how F-actin generates forces to mediate endocytosis and pit formation remains not well understood. How actin facilitates active zone clearance and thus RRP replenishment also remains unclear, owing to the difficulty of visualizing active zone clearance in live synapses (Hua et al., 2013). To what extent impairment of F-actin assembly and nucleation plays a role in generating neurological disorders is not well understood. How the cell uses F-actin to shrink fusing Ω-profiles at release sites, but also to generate endocytic pits at endocytic sites, apparently contradictory functions, is also not well understood. It would be of great interest to address these questions in the future.
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In the adult brain, synapses are tightly enwrapped by lattices of the extracellular matrix that consist of extremely long-lived molecules. These lattices are deemed to stabilize synapses, restrict the reorganization of their transmission machinery, and prevent them from undergoing structural or morphological changes. At the same time, they are expected to retain some degree of flexibility to permit occasional events of synaptic plasticity. The recent understanding that structural changes to synapses are significantly more frequent than previously assumed (occurring even on a timescale of minutes) has called for a mechanism that allows continual and energy-efficient remodeling of the extracellular matrix (ECM) at synapses. Here, we review recent evidence for such a process based on the constitutive recycling of synaptic ECM molecules. We discuss the key characteristics of this mechanism, focusing on its roles in mediating synaptic transmission and plasticity, and speculate on additional potential functions in neuronal signaling.
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INTRODUCTION

An increasing number of studies are showing that synaptic function is strongly influenced by their local environment, including the molecules or cellular components in their vicinity. As a result, the classical synaptic framework (consisting of the pre- and postsynaptic compartments only) has gradually been extended to include the neighboring astrocytic processes (the “tripartite synapse”; Araque et al., 1999) and, ultimately, also the surrounding extracellular matrix (ECM; the “tetrapartite synapse”; Dityatev et al., 2006). Nowadays, the synaptic ECM is recognized to play an essential role in physiological synaptic transmission as well as in plasticity, and its dysregulation has been linked to synaptopathies in a wide variety of brain disorders (Bonneh-Barkay and Wiley, 2009; Pantazopoulos and Berretta, 2016; Ferrer-Ferrer and Dityatev, 2018). An important property of this ECM is that its molecules are among the longest-lived in the brain, which renders this structure extremely stable (Toyama et al., 2013; Dörrbaum et al., 2018; Fornasiero et al., 2018), and while this quality makes the ECM well-suited to provide long-term support to synapses, both functionally and structurally, it is seemingly ill-suited to allow for very frequent synaptic changes. However, increasingly more studies are showing that changes to synaptic structure can be extremely frequent, even in the adult brain (Berning et al., 2012; Willig et al., 2014; Wegner et al., 2018). In light of these observations, one would expect a mechanism to be in place for maintaining sufficient flexibility of the ECM at synapses, to allow for ongoing structural plasticity. In this review, we discuss a novel mechanism proposed to provide such flexibility, in the form of molecular recycling of ECM components at synapses (Dankovich et al., 2021). We begin by briefly reviewing the various roles of ECM components at the tetrapartite synapse and the existing model for ECM remodeling, followed by a discussion on the plausibility of ECM recycling and its potential implications for our current understanding of synaptic signaling.



ORGANIZATION OF THE ECM AT SYNAPSES

In the adult brain, the major components of the neuronal ECM are a family of chondroitin sulfate proteoglycans (CSPGs) called lecticans, and their binding partners: the glycoprotein tenascin-R (TNR) and the glycosaminoglycan hyaluronic acid. Together, these organize into an extensive lattice where long chains of hyaluronan form a backbone for lecticans to bind, and these are thoroughly cross-linked through extensive interactions with TNR (Ruoslahti, 1996). Hyaluronan remains attached to the transmembrane synthase that produces it, which effectively tethers these structures to the surface of the plasma membrane (Dityatev et al., 2010; Sorg et al., 2016). ECM lattices can be found throughout neuronal surfaces, albeit with variations in the relative abundance of the various components and the density of these structures. Particularly dense conformations can be found in the form of perineuronal nets (PNNs) that enwrap the soma and proximal dendrites of a subgroup of neurons, while more diffuse conformations are found pan-neuronally, including finer segments of the neurites and the perisynaptic spaces (Dityatev and Schachner, 2003). In addition to secreted molecules, synapses are also associated with a variety of membrane-bound molecules that interact with the nearby ECM. One well-studied example is the integrin family of ECM receptors, which play an important role in the modulation of actin-associated proteins, and therefore act as a link between the ECM and the neuronal cytoskeleton, allowing these ECM ligands to act as modulators of synaptic structure (Shi and Ethell, 2006; Park and Goda, 2016). Besides the various ECM receptors that are present in the synaptic membrane, there is also growing evidence that many membrane-bound components of the synaptic transmission machinery, such as neurotransmitter receptors, can interact with ECM molecules at the synapse. In the following section, we review some of this evidence, and discuss the potential role of these interactions in modulating various aspects of synaptic function.



ROLES OF THE ECM AT THE TETRAPARTITE SYNAPSE


Stabilization and Maintenance of Synapses

Expectedly, the perisynaptic ECM provides a steric hindrance to the diffusion of transmembrane molecules at the synapse (Figure 1). In vitro, postsynaptic AMPA-type glutamate receptors become significantly less mobile after ~2–3 weeks in culture, which also corresponds to the time at which structured ECM begins to appear on the neuronal surfaces (Borgdorff and Choquet, 2002; John et al., 2006). Disrupting the ECM through enzymatic cleavage of hyaluronan was shown to partially restore this juvenile level of mobility (Frischknecht et al., 2009). Interestingly, this effect was not limited to AMPA receptors, since the authors also reported a reduction in the mobility of green fluorescent protein (GFP) that was artificially introduced into the membrane, suggesting that the ECM at synapses stands as a diffusion barrier to a wide variety of membrane-associated proteins (Frischknecht et al., 2009). For the presynapse, evidence for ECM-mediated stabilization of membrane proteins comes from studies of synapses in the auditory pathway. In cochlear inner hair cell synapses, a deficiency in the lectican brevican leads to a misalignment of presynaptic calcium channels, resulting in a mild hearing loss (Sonntag et al., 2018). In the calyx of Held synapses, a loss of brevican results in altered dynamics in synaptic transmission that are also consistent with a change in the organization of presynaptic calcium channels (Blosa et al., 2015). Taken together, these findings suggest that the ECM-imposed hindrance of diffusion is necessary for the functional organization of synaptic transmission machinery.
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FIGURE 1. The tetrapartite synapse: speculated roles of extracellular matrix (ECM) molecules. Postsynapse: (a) The receptor for hyaluronan CD44 was demonstrated to modulate the activity of actin-associated proteins and thereby promote the stabilization of dendritic spines (Roszkowska et al., 2016). (b) β1 integrin receptors are proposed to contribute to LTP by modulating NMDAR-mediated currents, and play a role in spine restructuring and stabilization by modulating the actin cytoskeleton. An interaction has been reported between β1 integrins and tenascin-R (TNR) (Bernard-Trifilo et al., 2005; Liao et al., 2008; Tan et al., 2011; Sloan Warren et al., 2012). (c) Increased levels of reelin augment NMDAR-mediated currents, leading to enhanced LTP responses (Weeber et al., 2002; Rogers et al., 2011). (d) The hyaluronan-based perisynaptic ECM restricts the lateral mobility of AMPARs (Frischknecht et al., 2009). (e) Hyaluronan regulates VGCC-dependent plasticity by modulating these channels (Kochlamazashvili et al., 2010). Presynapse: (f) Presynaptic β1 integrin receptors are presumed to regulate the reserve pool of synaptic vesicles (Huang et al., 2006). (g) Reelin activation of its ApoER2 and VLDLR receptors modulates reserve pool synaptic vesicles (Bal et al., 2013). (h) Presynaptic active zone proteins are anchored at the membrane through putative interactions with β2 laminins (such as with VGCCs; Nishimune et al., 2004; Hunter et al., 2019). (i) The presence of perisynaptic brevican is essential for a correct alignment of presynaptic VGCCs in front of the postsynaptic density (Sonntag et al., 2018). (j) CD44, the receptor for hyaluronan, was shown to be present presynaptically and is essential for presynapse stability (Roszkowska et al., 2016). Modified from Dankovich (2021).



In addition to hindering protein diffusion, it also appears that the ECM constricts the mobility and outgrowth of the synapse itself. Application of CSPG-cleaving enzymes in vitro and in vivo has been shown to result in the outgrowth of dendritic spine heads, and an enhancement of spine motility (Orlando et al., 2012; de Vivo et al., 2013). Mechanistically, such a treatment may act not only to release the constraint placed by the ECM, but is also likely to interfere with direct interactions between ECM molecules and synaptic transmembrane proteins that contribute to synapse stabilization. For example, integrin receptors containing the β1 subunit are known to promote spine maintenance through the modulation of the actin cytoskeleton, and are also known to interact with TNR and CSPGs (Liao et al., 2008; Tan et al., 2011; Sloan Warren et al., 2012). Similarly, the hyaluronan receptor CD44 has been shown to affect spine structure through its modulation of actin cytoskeleton regulators. Furthermore, a knockdown of this receptor was shown to reduce the number of presynapses labeled by the active zone marker bassoon (Roszkowska et al., 2016). It remains to be determined whether the interaction of these ECM receptors with their ligands is necessary for their stabilization of the synapse.



Modulation of Postsynaptic Plasticity

ECM molecules have also been shown to directly modulate the activity of machinery involved in synaptic plasticity (Figure 1). In many synapses, plasticity-related changes are instigated through the activity-dependent opening of NMDA receptors (NMDARs), which results in an influx of calcium and, subsequently, the long-term potentiation of postsynaptic responses (LTP; Herring and Nicoll, 2016). A number of studies have demonstrated that the activation of postsynaptic β1 integrins is necessary for the initiation and maintenance of LTP, both by modulating the actin cytoskeleton to allow dendritic spine head enlargement and, presumably, resulting in an augmentation of NMDA-mediated currents (Bernard-Trifilo et al., 2005; Kramar et al., 2006; Rex et al., 2009). Accordingly, mice that harbor a neuron-specific deficiency in β1 integrins have impaired NMDAR-dependent LTP (Chan et al., 2006; Huang et al., 2006). It should be noted, however, that the demonstration of an integrin-dependent modulation of NMDARs relied on short integrin ligand (RGD) peptides that have since been shown to directly act on these receptors (Cingolani et al., 2008). It, therefore, remains to be established whether such modulations also take place at the physiological level.

An additional ECM component that has been implicated in LTP is the secreted glycoprotein reelin (generally known for its role in early brain development; D’Arcangelo, 2014). Several studies have shown that reelin supplementation results in enhanced LTP responses, likely due to its ability to modulate NMDAR-mediated currents. In addition, mice deficient in reelin were found to have impairments in LTP (Weeber et al., 2002; Beffert et al., 2005; Qiu et al., 2006; Rogers et al., 2011). Lastly, it is worth mentioning that additional, NMDAR-independent LTP mechanisms have also been linked to ECM modulation. For example, both hyaluronan and tenascin-C were shown to modulate a form of LTP that depends on signaling through postsynaptic L-type voltage-gated calcium channels (LVGCCs; Evers et al., 2002; Kochlamazashvili et al., 2010).

Besides bona fide plasticity mechanisms, synapses also have “metaplasticity” mechanisms in place that allow them to modify their predisposition to undergo plasticity. This is often achieved through an adjustment of a neuron’s basal level of excitation, which can act to temper the threshold for LTP induction (Abraham and Bear, 1996). The ECM glycoprotein TNR has been linked to such metaplasticity mechanisms due to its ability to modulate GABA-mediated inhibitory transmission, an important determinant of basal neuronal activity. TNR-deficient mice have elevated levels of basal excitatory transmission and hence a metaplastic increase in the LTP induction threshold (Saghatelyan et al., 2001; Nikonenko et al., 2003; Bukalo et al., 2007). It is possible that TNR exerts its modulation through direct interaction with GABAB receptors (Kruse et al., 1985; Saghatelyan et al., 2001, 2003).



Modulation of Synaptic Vesicle Release

As for the postsynapse, studies have also demonstrated that the ECM can directly modulate the presynaptic machinery involved in synaptic vesicle release (Figure 1). Recent evidence suggests that laminins, which have largely been studied in the context of brain development, are essential for the organization of presynaptic release machinery at synapses in the adult brain. In the retina, a deficiency in laminin β2 disrupted the spatial organization of a variety of presynaptic components, while their expression level remained unchanged (Hunter et al., 2019). It is possible that laminin β2 molecules achieve this function through direct interactions with the extracellular region of one or more of these components (e.g., they are known to bind presynaptic calcium channels at neuromuscular junction synapses; Nishimune et al., 2004). In addition to prospective interactions with release machinery, laminins may also interact with the synaptic vesicles themselves. At neuromuscular junctions, laminin α5 subunits were found to interact with the synaptic vesicle protein 2 (SV2), which plays a role in priming synaptic vesicles for their release (Son et al., 2000; Chang and Sudhof, 2009). Since laminin α5 was recently also shown to be present at central synapses, it is possible to imagine that it also plays a role in synaptic vesicle release in the brain (Omar et al., 2017). Besides these direct interactions with key synapse components, it is also possible that laminins carry out some of their functions indirectly, through an interaction with ECM receptors such as integrins (Carlson et al., 2010; Nirwane and Yao, 2018). For example, β1 integrins (known to bind laminin α5) were shown to be present at hippocampal presynapses (Mortillo et al., 2012). Furthermore, a neuron-specific deficiency in β1 integrin results in altered synaptic responses that are congruent with a reduced mobilization of vesicles belonging to the reserve pool (i.e., vesicles that are released only rarely under physiological conditions; Huang et al., 2006).

An additional ECM molecule that has been implicated in the modulation of synaptic vesicle release is reelin. A study by Bal and colleagues demonstrated that the application of reelin in vitro results in a significant increase in spontaneous vesicle release. Evidence suggests this is due to an increase in presynaptic calcium levels, possibly as a result of the interaction between reelin and its receptors ApoER2 and VLDLR (Bal et al., 2013). Interestingly, the authors also found that reelin specifically mobilizes vesicles enriched with the synaptic vesicle protein VAMP7, which are generally believed to be “reserve pool” vesicles (Hua et al., 2011). Similar to the findings for β1 integrins described above, this demonstrates that the ECM is capable of differentially modulating synaptic vesicle pools.




ECM REMODELING AT THE SYNAPSE

Since the ECM is integral to synapse stabilization and maintenance, events of synaptic plasticity are likely to require extensive remodeling of these components at synapses. The currently prevailing notion is that ECM remodeling takes place through proteolytic cleavage of these molecules by locally secreted enzymes, followed by the integration of newly-synthesized ECM molecules. One well-studied example is the local synaptic secretion of matrix metalloproteinase 9 (MMP9) at the onset of LTP, which was shown to be necessary for the accompanying structural plasticity of dendritic spines (Nagy et al., 2006; Wang et al., 2008; Gawlak et al., 2009; Michaluk et al., 2011; Dziembowska et al., 2012). MMP9 can be subsequently deactivated through the parallel secretion of tissue inhibitor of metalloproteinase1 (TIMP1), allowing this cleavage to be transient (Okulski et al., 2007; Magnowska et al., 2016).

While proteolysis-dependent ECM remodeling comprises a tightly controlled mechanism for mediating synaptic plasticity, it is expected to become metabolically expensive when employed very frequently. It is therefore difficult to reconcile this mechanism with the emerging understanding that structural synaptic plasticity is an extremely frequent event: as demonstrated by multiple super-resolution imaging experiments, synaptic morphology can change drastically within just minutes to hours (e.g., Figure 2; Berning et al., 2012; Testa et al., 2012; Willig et al., 2014; Wegner et al., 2018). If every structural fluctuation at synapses were to involve proteolysis and de novo synthesis of the ECM, this mechanism would necessitate a relatively fast turnover of these molecules, bringing them close to the lifetimes of other synaptic components that are affected by plasticity, as the postsynaptic receptors. Nevertheless, experimental evidence suggests that ECM molecules are among the longest-lived in the brain (see Table 1 below, for examples of ECM protein lifetimes in vivo, Toyama et al., 2013; Dörrbaum et al., 2018; Fornasiero et al., 2018), far longer-lived than the average pre- or postsynaptic protein. It is, therefore, highly likely that additional mechanisms of ECM remodeling exist that do not require a continual turnover of ECM molecules.
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FIGURE 2. Rapid dynamics of the postsynaptic density (PSD) in dendritic spines. Knock-in mice in which the postsynaptic density protein PSD95 was fused to a fluorescent reporter were used to track the morphology of the PSD. Individual dendritic spines in the visual cortex were imaged using live stimulated emission depletion (STED) microscopy for up to 6 h. (A) At a time interval of 1 min, no morphological changes to PSD assemblies are observed. (B,C) At higher intervals of 30 min to 2 h, morphological changes can be seen at some synapses (B2,C2), while others appear to remain stable (B1,C1). (D) At synapses imaged up to 6 h, PSD assemblies may undergo morphological changes and then return to their original structure (D1), remain unchanged for several hours and only then undergo a morphological change (D2), or undergo multiple morphological changes over the course of several hours (D3,D4). Scale bars = 500 nm. (E) Quantification of the % of either no change, subtle and strong changes to the morphology of postsynaptic assemblies of PSD95 for increasing imaging time intervals. N = 4 mice; n = 18 (1–2 min), 13 (3 min), 43 (0.5–1 h), 35 (1.2–2 h), 10 (5–6 h) PSD95 assemblies imaged. Adapted with permission from Wegner et al. (2018; http://creativecommons.org/licenses/by/4.0/).



TABLE 1. Average lifetimes of select extracellular matrix (ECM) and synaptic proteins (as reported in Fornasiero et al., 2018).
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RECYCLING OF SYNAPTIC ECM

A novel mechanism of ECM remodeling was presented in a recent study by Dankovich and colleagues, based on the recycling of ECM molecules at the synapse. The authors proposed that these molecules are constitutively internalized into neurons, and subsequently resurface and re-integrate into the ECM around synapses (Dankovich et al., 2021). A complete recycling loop was described for the glycoprotein TNR, which spans ~3 days (Figure 3).


[image: image]

FIGURE 3. TNR recycles in neurons over ~3 days. (A) A schematic of an assay to assess TNR recycling. (1) Cultured hippocampal neurons were pulsed with recombinant His-tagged TNR, which was then allowed to potentially internalize and recycle for a period of 0–3 days (2). After the incubation period, the neurons were immediately fixed (3), or fixed following treatment with proteinase K to strip away all surface-bound recombinant TNR molecules (3’). Following permeabilization treatment, the neurons were immunostained using antibodies against the His-tag to visualize all recombinant TNR (4), or the internalized recombinant TNR only (4’). (B) Immediately after pulsing the neurons with recombinant TNR, the staining was visibly reduced by the surface stripping, indicating that the majority of the molecules were surface-bound. One day after the pulse, the signal was similar for non-stripped and stripped neurons, indicating that most molecules had been internalized. Three days after the pulse, surface stripping visibly reduced the staining once again, indicating that a portion of recombinant TNR molecules had recycled back to the surface. Blue arrowheads indicate labeledTNR in neurites. Scale bar = 10 μm. Statistical significance was evaluated with repeated-measures one-way ANOVA (F1.044, 2.088 = 28, 6, *p = 0.03), followed by Fisher’s LSD (“0 days” vs. “1 day”: **p = 0.002; “1 day” vs. “3 days”: *p = 0.027; “0 days” vs. “3 days”: p = 0.775). N = 3 independent experiments. In the plot, lines represent the means, shaded areas represent the SEM, and dots represent individual experiments. Adapted from Dankovich et al. (2021) with permission from Springer Nature (http://creativecommons.org/licenses/by/4.0/).



In further support of this mechanism, it was found that recycling TNR molecules are significantly enriched at synaptic regions, while more stable TNR molecules are present throughout the neuronal surface. In addition, it was demonstrated that TNR recycling is tightly linked to synaptic activity and strength: the amount of recycling TNR molecules detected at the neuronal surface increased following treatment with an activity-enhancing drug (the GABAA channel blocker bicuculline) and decreased following treatment with activity-reducing drugs (the AMPA and NMDA channel blockers CNQX and AP5). The authors further established this link at the synapses themselves. To do so, they labeled actively recycling synaptic vesicles using antibodies against the lumenal domain of synaptotagmin1 (Syt1) as a proxy for local synaptic activity (Kraszewski et al., 1996; Wilhelm et al., 2010; Truckenbrodt et al., 2018; Gürth et al., 2020). Using stimulated emission depletion (STED) microscopy, they confirmed that local synaptic activity is significantly correlated to the extent of recycling. In a second experiment, the authors stained the neurons with lipophilic dye to reveal synaptic membranes, and found a second significant correlation between the extent of TNR recycling and the size of the postsynaptic head (which is known to be an important correlate of synaptic strength; Humeau and Choquet, 2019; Figure 4).
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FIGURE 4. The abundance of recycling TNR molecules at synapses is correlated to synaptic weight. Recycling TNR epitopes were labeled using a live immunostaining-based assay. First, all surface-bound epitopes are blocked with unlabeled antibodies against TNR. After a period of time, newly-emerged epitopes are revealed with the same TNR antibodies conjugated to fluorophores. (A) Newly-emerged TNR epitopes were labeled 12 h after surface-blocking (magenta). At the same time, actively recycling synaptic vesicles were labeled with antibodies against the lumenal domain of synaptotagmin1 (Syt1; green), as a proxy for synaptic activity. Shown are three exemplary synapses with increasingly larger active vesicle pools, imaged in confocal (Syt1) and STED (TNR). The mean fluorescence intensities of TNR and Syt1, normalized to the medians of each respective experiment, are plotted against each other. The values for Syt1 were divided into five bins containing equal numbers of synapses. Quantification of the correlation between the intensities demonstrates a strong link between the size of the active vesicle pool and the amount of recycling TNR epitopes (N = 3 independent experiments, >1,100 synapses imaged per datapoint, Spearman’s ρ = 0.927, ***p < 0.001). (B) Newly-emerged TNRs were labeled in a similar fashion to panel a (magenta), and the neuronal membranes were visualized by incubation with the lipophilic dye DiO (green). Shown are exemplary images of postsynapses with increasingly larger head sizes. The mean fluorescence intensities of TNR and the mean synapse area, normalized to the medians of each respective experiment, are plotted against each other. The values for the synapse area were divided into five bins containing equal numbers of synapses. Quantification of the correlation between the intensities demonstrates a strong link between the size of the dendritic spine and the amount of recycling TNR epitopes (N = independent experiments, >280 synapses imaged per datapoint, Spearman’s ρ = 0.862, ***p < 0.001. Scale bars = 300 nm. The data shown in the plots represent the means (long horizontal lines) ± SEM (short horizontal lines), with individual dots indicating separate experiments. Adapted from Dankovich et al. (2021) with permission from Springer Nature (http://creativecommons.org/licenses/by/4.0/).



An interesting point to consider is the timespan of the TNR recycling loop (~3 days), which is considerably longer than that of other, well-studied recycling molecules (Bretscher, 1989; Koenig and Edwardson, 1997; Bridgewater et al., 2012). The authors provided a partial answer by metabolically labeling glycans with azide-carrying sugars and then visualizing these with fluorophores using a click chemistry reaction (Saka et al., 2014). This experiment revealed that recycling TNR molecules appear to become re-glycosylated throughout their intracellular trafficking route. This finding was further supported by immunostainings showing that intracellular recycling TNRs colocalize with somatic endoplasmic reticulum and Golgi apparatus following their internalization. Pathways of re-glycosylation have not been widely investigated, but there are several reports of this process occurring in non-neural cells (for example, in liver cells; Kreisel et al., 1988; Volz et al., 1995; Porwoll et al., 1998). While the biological function of this process remains to be established, one simple possibility is that it serves to repair the wear and tear of frequently recycling molecules without the need to replace their protein core. It is also possible that the glycans residues themselves play a role in the recycling process by functioning in the sorting of the proteins, as has been shown in non-neural cells (Scheiffele et al., 1995).

Besides their internalization for the purpose of re-glycosylation, it is also interesting to consider that ECM molecules may be internalized to activate intracellular signaling cascades. Recent findings have shown that several types of cell-surface receptors can undergo post-endocytic “internalized activation”, i.e., trigger distinct signaling activation from within intracellular compartments (Wang et al., 2021). It is, therefore, possible to imagine that internalized ECM-bound receptors may trigger signaling cascades related to, for example, synaptic plasticity.

The findings discussed in this review demonstrate that the neural ECM, while composed of extremely stable components, needs to remain far more freely modifiable than previously expected, due to the high rate of synapse changes in the living brain. The only solution proposed so far to this problem remains the possibility that the ECM molecules have an ability to be recycled. While this concept is novel in the context of synaptic plasticity, it has, in fact, already been reported in other cell types for the process of fibrillogenesis (Varadaraj et al., 2017). In the respective study, it was demonstrated that the ECM protein fibronectin could be internalized through the activity of integrin and TGF-β receptors, and then subsequently recycled re-integrated into extracellular fibrils. While this is the only demonstration, to our knowledge, of a complete recycling loop of an ECM molecule, many additional studies also add credence to the concept of ECM recycling at synapses. These include reports of ECM molecules that undergo internalization (e.g., Coopman et al., 1996; Tammi et al., 2001; Shi and Sottile, 2008; Lobert et al., 2010; Leonoudakis et al., 2014), demonstrations that ECM receptors are present at synapses (e.g., Kramár et al., 2002; Huang et al., 2006; Roszkowska et al., 2016; Izumi et al., 2017; Apóstolo et al., 2020; Briatore et al., 2020), and reports that synapses contain the machinery for trafficking recycling molecules in an activity-dependent manner (Tang, 2008; Gürth et al., 2020; Helm et al., 2021). Nevertheless, additional demonstrations of the recycling of ECM molecules in neurons are anticipated in the future. We expect such studies to rely on creative probes developed for studying molecular recycling in vivo, and on the current explosion in the development of high-resolution imaging methods, including tools that enable long-term imaging with limited phototoxicity (e.g., Bodén et al., 2021).



CONCLUSION

Recycling mechanisms at synapses are well-studied for presynaptic vesicle release, where such a process is crucial for maintaining continuous neurotransmission without the need for a constant supply of vesicles. In a similar fashion, ECM recycling may also serve to preserve energy at the synapse by allowing continuous remodeling without the need for de novo synthesis and secretion of ECM components. While the energy gain is clear in the case of synaptic vesicles, it is not entirely obvious whether this also holds true for ECM recycling. Conceivably, this process also serves additional functions, for example, in cellular signaling. Considering that it appears to be largely synaptic and tightly linked to local activity, it is possible to imagine that this mechanism is intimately involved in synaptic function. In agreement with this claim, it was shown that perturbing TNR recycling with large antibody aggregates interfered severely with synaptic vesicle release and resulted in structural changes to the postsynapse (Dankovich et al., 2021). We predict that such perturbations to ECM recycling would also have implications for synaptic plasticity, both at the structural and the molecular level, and may also manifest in brain disorders. Hopefully, future studies will shed light on these ideas and reveal additional molecular details on the involvement of ECM recycling in synaptic function.
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Brain synapses pose special challenges on the quality control of their protein machineries as they are far away from the neuronal soma, display a high potential for plastic adaptation and have a high energy demand to fulfill their physiological tasks. This applies in particular to the presynaptic part where neurotransmitter is released from synaptic vesicles, which in turn have to be recycled and refilled in a complex membrane trafficking cycle. Pathways to remove outdated and damaged proteins include the ubiquitin-proteasome system acting in the cytoplasm as well as membrane-associated endolysosomal and the autophagy systems. Here we focus on the latter systems and review what is known about the spatial organization of autophagy and endolysomal processes within the presynapse. We provide an inventory of which components of these degradative systems were found to be present in presynaptic boutons and where they might be anchored to the presynaptic apparatus. We identify three presynaptic structures reported to interact with known constituents of membrane-based protein-degradation pathways and therefore may serve as docking stations. These are (i) scaffolding proteins of the cytomatrix at the active zone, such as Bassoon or Clarinet, (ii) the endocytic machinery localized mainly at the peri-active zone, and (iii) synaptic vesicles. Finally, we sketch scenarios, how presynaptic autophagic cargos are tagged and recruited and which cellular mechanisms may govern membrane-associated protein turnover in the presynapse.

Keywords: autophagy, endolysosomal system, active zone (AZ), Bassoon, endocytic zone, synaptic vesicle (SV), amphisome, presynaptic proteostasis


INTRODUCTION

Brain synapses can have long lifetimes (e.g., Holtmaat et al., 2005; Qiao et al., 2016) and display an enormous potential for plasticity (e.g., Citri and Malenka, 2008; Yang and Calakos, 2013). They also have a very high energy demand to maintain their functions (e.g., Harris et al., 2012), a situation that poses additional metabolic stress on synaptic protein components and requires an efficient management of proteostasis. This applies in particular to the presynaptic compartment with its apparatus for regulated neurotransmitter release, which rapidly and efficiently recycles releasable neurotransmitter-filled synaptic vesicles (SVs). Biosynthesis of presynaptic components occurs predominantly in the neuronal soma, where they are packaged into specific precursor organelles and are actively transported along the axon to presynaptic sites (for a review see Rizalar et al., 2021). The lifespan of presynaptic proteins varies with half-lives ranging from a few hours to several days (Hakim et al., 2016; Fornasiero et al., 2018; Cohen and Ziv, 2019), which is very short compared to the lifespan of neurons and synapses. Hence, presynaptic proteins must be continuously replaced in a specific and highly coordinated manner.

Three main systems are in place to mediate this turnover, i.e., the ubiquitin-proteasome system (UPS) acting in the cytoplasm (Rinetti and Schweizer, 2010; Lazarevic et al., 2011; Waites et al., 2013; Cohen and Ziv, 2017; Soykan et al., 2021), and the endolysosomal pathway and autophagy-related processes acting via degradative membranous organelles (Azarnia Tehran et al., 2018; Jin et al., 2018; Boecker and Holzbaur, 2019; Kuijpers et al., 2020; Lieberman and Sulzer, 2020; Andres-Alonso et al., 2021; Soykan et al., 2021; Figure 1A). Various autophagic pathways exist in parallel. These comprise macroautophagy, which can act in bulk or selective modes (including ER-phagy, aggrephagy and mitophagy) as well as chaperone-mediated autophagy (CMA) and microautophagy (Stavoe and Holzbaur, 2019). In this review, we will focus mainly on presynaptic macroautophagy, but will also consider constituents of other pathways of membrane-associated protein turnover. Macroautophagy (from here on referred to as autophagy) starts with the formation of a phagophore at a phagophore assembly site (PAS) and the recruitment of membranes from various sources via ATG9-containing vesicles (Figure 1B; Dikic and Elazar, 2018). Recruitment of cargo into the autophagosome is mediated via specific receptors/adaptors that bind ATG8-like proteins, which are anchored to the phagophore membrane via conjugation to phosphatidylethanolamine (e.g., Deng et al., 2017; Dikic and Elazar, 2018; Gatica et al., 2018). One major way of determining cargoes for autophagy is the conjugation of poly-ubiquitin chains, but there are also selective modes of autophagy that function independently of ubiquitination (Khaminets et al., 2016). On the other hand, ubiquitination is also involved in the tagging of proteins for proteasomal and endolysosomal degradation. This is achieved via several hundreds of E3-ubiquitin ligases encoded by mammalian genomes and makes them important surveyors of the various pathways of proteostasis (Wang and Le, 2019). In this regard, we will also address the question of which E3 ligases may mediate aspects of presynaptic autophagy.
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FIGURE 1. Major pathways of cellular proteostasis. (A) Major degradative pathways at the presynapse include proteasomal degradation, endo-lysosomal degradation and different types of autophagy. (B) Schematic representation of autophagosome formation and cargo recruitment into autophagosomes via autophagy receptors such as p62/SQMTS1 or ATL3. CMA, chaperone-mediated autophagy; ER, endoplasmic reticulum; PAS, phagophore assembly site (also designated as pre-autophagosomal structure); SVs, synaptic vesicles.




AUTOPHAGOSOME BIOGENESIS IN AXONS

In their axonal compartment, neurons entertain a steady process of basal autophagy (Figure 1B). Phagophore formation during basal autophagy is largely restricted to distal axons where autophagosomes are constitutively generated and then retrogradely transported toward the cell soma in a Dynein-dependent manner to fuse with lysosomes (Cheng et al., 2015; Maday and Holzbaur, 2016). Autophagy occurs at a basal level in all cells, but it can be up-regulated during stress, starvation, or infection. In neurons, however, conflicting reports have been published on whether neurons are sensitive (Boland et al., 2008; Nixon et al., 2008; Young et al., 2009; Alirezaei et al., 2010; Rubinsztein and Nixon, 2010; Hernandez et al., 2012; Catanese et al., 2018) or insensitive (Mizushima et al., 2004; Tsvetkov et al., 2010; Maday and Holzbaur, 2016; Kulkarni et al., 2020) to nutrient deprivation and/or mTOR inhibition. Likewise, the ordered recruitment of assembly factors for phagophore formation and maturation has been studied in much less detail for neuronal autophagy, but seems to be reminiscent of what has been found in non-neuronal cells (Maday and Holzbaur, 2014). The continuous formation of autophagosomes under steady-state conditions of neuronal signaling has led to the notion that autophagy is involved in homeostatic processes of proteostasis, particularly in axons. In fact, the primary membrane donor for the biogenesis of autophagosomes in distal axons is the endoplasmic reticulum (ER; Maday and Holzbaur, 2014). In very recent work, it was shown that the ER is also the main substrate for neuronal autophagy and that ER-phagy is important maintaining the integrity of axonal ER calcium stores and calcium release through ryanodine receptors (Kuijpers et al., 2021). In this contribution to the review series on ‘Molecular Nanomachines of the Presynaptic Terminal’, we will first examine which constituents of autophagic processes, as well as other interacting membrane-associated pathways of protein turnover, have been detected in presynaptic compartments to date, and how are they organized to fulfill their functions.



AUTOPHAGY-RELATED AND ENDOLYSOSOMAL PROTEINS IN THE PRESYNAPSE

To assess the presence of components of the autophagic and the endolysosomal protein degradation systems as well as major elements contributing to chaperone-mediated autophagy (CMA) in brain synapses, we assembled, based on the relevant literature, a list of proteins contributing to membrane-based degradation pathways. More than 90 proteins and protein complexes were identified (Table 1), which were inspected for their localization in synapses and, in particular, in presynaptic compartments by examining whether they are included in relevant databases, i.e., the SynProt database of synaptic proteins1 (Pielot et al., 2012), and the synaptic gene ontology database SynGO, an expert-curated knowledge base of synaptic proteins2 (Koopmans et al., 2019). In addition, we checked whether their presence in the presynapse has been reported otherwise. One important source was a study on the so-called hidden proteome of SVs that identified dozens of SV-resident and SV-visitor proteins of the autophagic and endolysosomal pathways (Taoufiq et al., 2020). About 50% of the proteins listed in Table 1 are present in the SynProt databases, which include proteins identified in synaptic proteome studies (SynProt classics) and in studies on the proteomes of presynaptic compartments (PreProt). About one third of the proteins/protein complexes are found in SynGO, which provides a much higher and expert-evaluated resolution with respect to the compartmental localization of the identified proteins. In essence, we could assign many of the entries included in Table 1 to the presynaptic compartment. A closer inspection of these proteins allowed us to draw conclusions on the major presynaptic structures involved in the anchoring for the autophagic machinery. These include the cytomatrix at the active zone (CAZ) of neurotransmitter release, represented by the CAZ scaffolding protein Bassoon, the endocytic machinery mainly localized peripherally to the active zone (AZ), the peri-AZ, and SVs (Figure 2A). Many of the identified proteins that are included in SynGO can be functionally assigned to presynaptic biological processes related to the SV cycle and SV endocytosis (Figure 2B).


TABLE 1. Proteins related to autophagic and endolysosomal processes.
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FIGURE 2. Sunburst plots of gene enrichment analyses for autophagy-related genes/proteins included in SynGO (Koopmans et al., 2019). Significantly enriched cellular components (A) and biological processes (B) are indicated by color code. The top-level terms of the Gene Ontology (GO) term tree are represented by the inner circle; the second level of the term tree is denoted by the innermost ring and so on. Presynaptic structures (A) and processes, like synaptic vesicle (SV) cycle and SV endocytosis (B) are significantly over-represented. Note, autophagy-related terms were not annotated in the database. Database entries for cellular components and for biological processes were considered as indicated in Table 1.




BASSOON, A DOCKING STATION FOR PROTEIN TURNOVER PATHWAYS AT THE ACTIVE ZONE

The AZ of neurotransmitter release is characterized by a prominent electron-dense meshwork of proteins, the CAZ, that organizes the regulated fusion of SVs with the presynaptic cell membrane (Garner et al., 2000; Gundelfinger and Fejtova, 2012; Sudhof, 2012; Ackermann et al., 2015). Two related multidomain proteins, Bassoon and Piccolo, serve among others as major scaffolding proteins of the CAZ (Gundelfinger et al., 2016). Knock-down of these two proteins has severe effects on the maintenance and integrity of neuronal synapses, which is in part mediated by their interaction with the E3 ubiquitin ligase Siah1 (Waites et al., 2013). More recent studies have shown that while Piccolo has important functions in SV retrieval (Ackermann et al., 2019), Bassoon contributes important binding sites for components of the proteosomal and the autophagic proteostasis pathways. Thus, Bassoon binds, in addition to Siah1, also the proteasomal subunit PSMB4 (alias β7) and thereby controls proteasome assembly (Montenegro-Venegas et al., 2021) as well as the autophagy protein ATG5, part of an E3-like protein ligase, and thus negatively regulates presynaptic autophagy (Okerlund et al., 2017). As will be detailed below, knockout of Bassoon causes increased ubiquitination of various presynaptic proteins, including various SV proteins, and enhances presynaptic autophagy (Hoffmann-Conaway et al., 2020) as well as proteasome activity (Montenegro-Venegas et al., 2021). Interestingly, the E3 ubiquitin ligase Parkin, an enzyme that is also involved in mitophagy and has been implicated in early onset Parkinsonism (Kitada et al., 1998; Dikic and Elazar, 2018), seems to antagonize Bassoon in this function (Montenegro-Venegas et al., 2020). How exactly Parkin acts in this context is unclear, as to date no physical interaction between Parkin and Bassoon has been detected. Interestingly, Parkin ubiquitinates constituents of the endocytic systems in the presynapse, including Synaptojanin-1, Endophilin-A and Dynamin-1 (Cao et al., 2014; Soukup et al., 2018). This could set the framework for the search for relevant functional interactions between Bassoon and the endocytic machinery to control induction of autophagy in the presynapse.

Overall, the findings discussed above suggest that Bassoon is a negative regulator of presynaptic autophagy and the UPS in the presynapse, and as such may act as an anchoring and control point of these two protein turnover pathways. It should be noted, in this context, that Bassoon itself, in contrast to Piccolo, is subject to autophagic degradation upon nutrient limitation in primary neuronal cultures (Catanese et al., 2018). This suggests that Bassoon may be highly feed-back regulated by the processes that it controls.

Interestingly, in C. elegans, another active zone protein, Clarinet, was recently reported to regulate presynaptic autophagy (Xuan et al., 2017, 2021). Clarinet is a large AZ protein that occurs in three different isoforms of about 9,000, 3,000, and 1,000 amino acids in length, that is required for proper synapse function. All three isoforms share a PDZ and a C2 domain similar to mammalian Piccolo, and Clarinet’s long and short isoforms are supposed to organize SV recruitment and clustering at the presynaptic AZ (Xuan et al., 2017). An elegant follow-up study by the same lab, uploaded recently onto the bioRxiv server, demonstrates that the long Clarinet isoform controls presynaptic autophagy by regulating ATG9 trafficking at the peri-active endocytic zone (Xuan et al., 2021). These observations further support the concept that large scaffolding proteins of presynaptic AZs couple exo- and endocytic zones at neurotransmitter release sites (Gundelfinger et al., 2003; Haucke et al., 2011) and can have essential roles in organizing presynaptic autophagy processes.



CONSTITUENTS OF THE ENDOCYTIC MACHINERY ASSOCIATED WITH PRESYNAPTIC AUTOPHAGY

A tight linkage between autophagic and endocytic factors has been suggested previously (Soukup and Verstreken, 2017; Vijayan and Verstreken, 2017; Azarnia Tehran et al., 2018). Here, we discuss proteins involved in endocytic processes in neurons that have also been implicated in membranous organelle-based protein turnover as listed in Table 1. Endophilin-A/EndoA, a BAR-domain protein that is able to sense and modify membrane curvature, is crucially involved in Clathrin-dependent and -independent retrieval of membranes following the fusion SVs with the presynaptic AZ (Milosevic et al., 2011; Boucrot et al., 2015; Watanabe et al., 2018). More recent studies also suggest a function for Endophilins A in exocytosis of neurosecretory vesicles (Gowrisankaran et al., 2020) and the coordination of exo- and endocytic processes in presynapses (Kroll et al., 2019). Compensatory endocytosis associated with neurotransmitter release occurs primarily next to the AZ at the so-called peri-AZ (Haucke et al., 2011; Cano and Tabares, 2016). Two studies, one in Drosophila (Soukup et al., 2016) and the other one in mice (Murdoch et al., 2016) have identified Endophilin-A also as major player in generating initiation sites for autophagy. The former study showed that phosphorylation of the BAR domain of Endophilin-A by the leucine-rich repeat S/T protein kinase LRRK2 leads to membrane deformation putatively opening entry sites for the autophagy-related protein ATG3. ATG3 in turn can conjugate LC3/ATG8 to phosphatidyl-ethanolamine in the membrane, promoting progression of autophagosome formation (Soukup and Verstreken, 2017). Utilizing mutants for all three EndoA genes in the mouse genome, the second study revealed that partial or complete Endophilin-A-deficiency leads to age-dependent neurodegenerative changes in the brain and up-regulation of the E3 ubiquitin ligase FBXO32. Endophilins-A are essential for autophagosome formation and their proper interplay with FBXO32 coordinates the balance between autophagosomal and UPS-mediated protein turnover and maintains neuronal health (Murdoch et al., 2016). However, to date, FBXO32 has not yet been detected in the presynapse.

Synaptojanins are lipid phosphatases acting on phosphatidylinositols. In particular, the brain-enriched isoform Synaptojanin-1 is recruited to Endophilin-A complexes and, in the SV cycle, is required for Clathrin uncoating after endocytosis (Cremona et al., 1999; Verstreken et al., 2003). More recently, studies on the Drosophila larval neuromuscular junction revealed that an inactivating mutation in the SAC1 domain, one of the two enzymatically active lipid phosphatase domains of Synaptojanin, causes accumulation of lipid-binding protein ATG18a on nascent autophagosomes (Vanhauwaert et al., 2017). Interestingly, this mutation does not interfere with SV cycling. Similarly, accumulation of WIPI2, the mammalian ortholog of ATG18a, occurs in neurons derived from induced pluripotent stem cells from a human patient with the same mutation (Vanhauwaert et al., 2017).

The heterooligomeric AP-2 complex is also involved in Clathrin-mediated endocytosis during SV recycling, where it can act at the cell membrane or at a bulk-endocytosed membrane compartment (McMahon and Boucrot, 2011; Kononenko et al., 2014). In addition, AP-2 in cooperation with CALM/PICALM has been implicated in autophagic degradation of the C-terminal fragment of the amyloid precursor protein (APP), thus contributing to the clearance of the Alzheimer-related Aβ peptide (Tian et al., 2013). APP is a cell adhesion molecule that has been detected as a constituent of the presynaptic AZ (Lassek et al., 2013). Moreover, AP-2 can directly interact with ATG9A, a multispan transmembrane protein delivering membrane material for phagophore formation and extension (Imai et al., 2016; Dikic and Elazar, 2018). This interaction appears essential for the trafficking of ATG9A through the recycling endosome and making it available for the autophagy process (Imai et al., 2016). Similarly, delivery of ATG16L1 and in turn ATG12-ATG5 to the phagophore depends on Clathrin and AP-2 (Ravikumar et al., 2010), indicating a key role for AP-2 in autophagy initiation and progression.

Recent studies have revealed that AP-2, in conjunction with the RapGTPase-activating protein (RapGAP) SIPA1L2, serve unexpected roles in the transport of autophagosomes that contain actively signaling BDNF-activated TrkB receptors (Kononenko et al., 2017; Andres-Alonso et al., 2019). AP2 and SIPA1L2 link the TrkB receptor to a Dynein motor for retrograde trafficking via a direct interaction with Snapin, a component of the BLOC-1 complex (see below). Interestingly, SIPA1L2 concurrently associates via LC3 to Rab7-positive amphisomes and binding to LC3 promotes RapGAP activity. Endosomes fuse with autophagosomes to form amphisomes, and this step is required for the degradation of some proteins and the overall function of autophagy and the endosomal system (Cheng et al., 2015). Amphisomes are transient intermediate organelles that in non-neuronal cells rapidly enter a lysosomal-degradative pathway. However, in distal axons mature lysosomes are rare and therefore TrkB-LC3-SIPA1L2-AP2-carrying amphisomes have a longer lifespan. They thus can traffic retrogradely along axons and visit presynaptic boutons. Intriguingly, motility and signaling of amphisomes are controlled by SIPA1L2, whose RapGAP activity reduces the trafficking velocity near boutons (Andres-Alonso et al., 2019). Collectively, these data suggest that retrograde transport of BDNF/TrkB in neuronal amphisomes is involved in plasticity-relevant local signaling at presynaptic boutons and this process seems tightly coupled to autophagy.

LRRK2 is a crucial enzyme with roles in intracellular membrane trafficking, including functions in the SV cycle, autophagy and the endolysosomal system (Taylor and Alessi, 2020; Piccoli and Volta, 2021). VPS35 is the cargo binding component of the retromer complex, which can serve multiple functions in synapses (Brodin and Shupliakov, 2018). VPS35 is an upstream regulator of LRRK2 and, as LRRK2, it is linked to various neurodegenerative diseases including Parkinson’s disease. Inoshita et al. (2017) studied the functional interaction of these two proteins at the Drosophila larval neuromuscular junction. Here, they could be localized peripherally to the AZ and inside presynaptic boutons, where they are essential for proper SV retrieval (Inoshita et al., 2017). VPS35 constructs carrying a Parkinson’s disease-associated mutation were unable to complement this endocytotic function in VPS35 null mutants. Tight interaction of the Rab7-LRRK2 pathway and the retromer complex was also observed in fly and rat neurons, where overexpression of wildtype, but not mutant, VPS35 protein was able to rescue Parkinson-related sorting defects (MacLeod et al., 2013).

Proteins discussed in this section, i.e., Endophilin-A, Synaptojanin, AP-2, CALM/PICALM, LRRK2 and VPS35, are all associated with endocytic functions within the SV cycle (cf. Table 1). Evidently, they also contribute to the delivery of key components into membrane-based protein degradation processes. However, the spatial organization of this latter machinery and the question of where within the boutons phagophore assembly is initiated remains to be clarified. Similarly, the crosstalk between SV recycling and autophagic and endocytic pathways needs further attention (see also Overhoff et al., 2021).



COMPONENTS OF MEMBRANE-BASED PROTEIN TURNOVER PATHWAYS ASSOCIATED WITH SYNAPTIC VESICLES

A link between SV cycling and membrane trafficking processes controlling proteostasis is also indicated by the finding that constituents of autophagy and endolysosomal degradation pathways are associated with SV protein preparations (Takamori et al., 2006; Boyken et al., 2013; Taoufiq et al., 2020). These are also listed in Table 1 and include, e.g., small GTPases like Rab7, Rab11a, Rab12, Rab24, Rab26, Rab35, Rab37, Rab39a, Arf6 and the ADP-ribosylation factor-like GTPase Arl8, the SNARE proteins SNAP-29, Stx17 and VAMP7, constituents of the phosphatidylinositol 3-kinase class III (PIK3C3) complex (Vps34, Vps15, Beclin-1, CISD2, Uvrag), as well as other autophagy-related proteins, i.e., ATG2a, ATG9A, ATG16L1, LC3/ATG8, Tecpr1, and autophagy the receptors WDFY3/ALFY, components of the TRAPP complex and various others. Altogether, Taoufiq et al. (2020) identified ∼40 autophagy-related proteins within the hidden SV proteome, eleven of them in the SV-resident repertoire, while the others were defined as SV-visitors by the authors (Figure 3).
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FIGURE 3. Autophagy-related proteins detected in the hidden proteome of synaptic vesicles (SV) (Taoufiq et al., 2020). Proteins of the SV-resident repertoire are indicated in different shades of orange; proteins defined by the authors as SV-visitors are gray-shaded. Note, the large active zone scaffolding protein Bassoon may be anchored to SVs via N-terminal myristoylation (Dresbach et al., 2003).


Of particular interest is the presence of ATG9 in SVs (Boyken et al., 2013; Taoufiq et al., 2020), a lipid scramblase that is involved in early steps of phagophore formation (Rao et al., 2016; Guardia et al., 2020; Maeda et al., 2020; Matoba and Noda, 2020; Matoba et al., 2020; Orii et al., 2021). Here, it may play a central role in organizing presynaptic autophagy in cooperation with the endocytic machinery (see below).

Rab26 is associated with a subset of recycled SVs, directing them for autophagic degradation (Binotti et al., 2015). This is modulated by the Pleckstrin homology containing family member 5 (PLEKHG5), which acts as guanine exchange factor (GEF) for Rab26. In motoneurons, the lack of PLEKHG5 leads to defective axon growth and impaired SV autophagy, a mechanism that may underlie motoneuron disease (Lüningschrör et al., 2017; Lüningschrör and Sendtner, 2018).

The presence of Arl8 in SV preparations is interesting as this protein has been characterized as a factor associated with anterogradely transported degradative lysosomes (Farias et al., 2017; Farfel-Becker et al., 2019). Vukoja et al. (2018) have proposed that SV precursors may share lysosomal membrane markers, but are distinct from bona fide lysosomes. Another, more recent study reported that Arl8 is involved exclusively in the anterograde transport of lysosomes (De Pace et al., 2020). In addition, Arl8 is involved in controlling fusion of autophagosomes with lysosomes (see Lieberman and Sulzer, 2020), where it may contribute to SV turnover via axonal autolysosomes.

SNAP-29 is regarded as an integral protein of vesicular membranes in the molecular SV model (Takamori et al., 2006; Taoufiq et al., 2020). In addition, SNAP-29, together with VAMP8, are considered as late endosomal/lysosomal SNAREs involved in the fusion with autophagosomes upon forming a SNARE complex with autophagosomal SNARE Syntaxin 17 (Itakura et al., 2012; Hill and Colon-Ramos, 2020).

In addition, multiple constituents of the endocytic machinery and the AZ, such as AP-2 complex, Bassoon, CALM, Endophilin-A, Endophilin-B1, Synaptojanin and VPS35, are associated with SV preparations (Table 1). Further proteins detected in SV preparations include the lysosomal-associated membrane protein LAMP1, the E3-ubiquitin ligase Parkin, Vps33B, a protein associated with late endosomes, as well as the Annexin A7. These proteins are mainly considered as visitor proteins associated with a subset of SVs (Figure 3). In many cases, however, their (pre-)synaptic localization has been reported utilizing immunocytochemistry.

A number of additional proteins with known functions in autophagic and/or endolysosomal degradative pathways could be localized to presynaptic structures as extracted from published literature (Table 1; SynGO database). Among them are:


-Atlastin2/3, which are involved in initiation of phagophore formation by guiding the Unc51-like kinase (ULK1) complex to the ER (Liu et al., 2021).

-Multiple GABARAPs that, as LC3, belong to the family of ATG8-like proteins that can be conjugated to phosphatidylethanolamine and are required for phagophore extension and closure (e.g., Martens and Fracchiolla, 2020).

-ATG5 that together with ATG12 and ATG16L forms an E3-like complex for the conjugation of ATG8/LC3 family members to phosphatidylethanolamine (Chang et al., 2021).

-Vps34, the catalytic kinase subunit of the lipid kinase PIK3C3-Complex 1, acting in phagophore nucleation (Dikic and Elazar, 2018; Chang et al., 2021).

-Sorting nexin 4 (SNX4)/ATG24B, a PI3P-binding protein controlling the recycling of ATG9A for reuse in phagophore formation (Ravussin et al., 2021).

-The cargo adaptors p62/SQSTM1 and Huntingtin (Deng et al., 2017).

-Snapin, a subunit of the BLOC-1 complex, which functions as a motor adaptor that coordinates retrograde transport and late endosomal-lysosomal trafficking (Cai et al., 2010). Moreover, Dynein-Snapin-mediated retrograde transport was reported to promote clearance of presynaptic mitophagosomes (Han et al., 2020).

-TBC1D24/skywalker, a GTPase-activating protein acting on Rab35 in the endolysosomal pathway (Fernandes et al., 2014; Wang et al., 2017) as well as on the small GTPase Arf6, which antagonizes Rab35 in SV recycling from early endosomes (Sheehan et al., 2016; Sheehan and Waites, 2019).

-Arf6, which in addition has been reported as a regulator of autophagosome formation by controlling phosphatidylinositol 4,5-bisphosphate (PIP2) generation and in turn phospholipase D activity (Moreau et al., 2012) and to rescue aberrant autophagosome formation in Synaptojanin-1-deficient in zebrafish cone photoreceptors (George et al., 2016). This includes Arf6 into the list of players in endocytosis-associated initiation of autophagy.

-Components of the HOPS (Homotypic fusion and vacuole protein sorting) complex involved in the fusion of late endosomal and lysosomal compartments (Jiang et al., 2014; van der Beek et al., 2019).

-Reticulon-3 (RTN3), which is involved in ER-phagy (Beese et al., 2019; Stavoe et al., 2019).

-HSC70, a cytosolic chaperonin of the HSP70 family that is involved in microautophagy and chaperone-mediated autophagy (CMA) (Kaushik and Cuervo, 2018), which is known to contribute significantly to the regulation of synaptic protein levels (Uytterhoeven et al., 2015).



Many of the autophagy-related proteins associated with the presynaptic endocytic machinery, the SV proteome, or other presynaptic structures are phospholipid-binding and -modifying proteins. These include, e.g., various subunits of PI3 kinases, PI phosphatases synaptojanin and OCRL, the lipid scramblase ATG9, lipid transfer protein ATG2a, as well as various other phospholipid binding proteins (Table 1). This indicates the significance of the metabolism of phospholipids in general and phosphoinositides in particular for the proper performance of presynaptic autophagy-related processes (for a detailed review see Marat and Haucke, 2016; Palamiuc et al., 2020).

Based on this inventory of autophagy-related proteins present at the presynapse (Figure 4), we can now start discussing potential cellular mechanisms of membrane-associated protein turnover in this compartment.


[image: image]

FIGURE 4. Inventory of autophagy-related proteins detected in presynaptic boutons and their relevant sites of action (for details see text and Table 1). Bsn, Bassoon; CAZ, cytomatrix at the active zone; EE, early endosome; ER, endoplasmic reticulum; LE/MVB, late endosome/multi-vesicular body; Lys, lysosome; PAS, phagophore assembly site/pre-autophagosomal structure; Pclo, Piccolo; RE, recycling endosome; SE, sorting endosome; and Bulk indicates bulk endocytosis.




TAGGING AND RECRUITMENT OF PRESYNAPTIC AUTOPHAGIC CARGOS

A central feature of autophagic function is the recruitment and degradation of aged and damaged proteins and membranous organelles. As in most forms of autophagy in different cells and organisms, presynaptic boutons seem to use the ubiquitination system to tag proteins not only for proteasomal degradation, but also in many instances for their removal by autophagy. This versatile system is capable of attaching specific ubiquitin chains to substrates, and this ubiquitination coding plays an essential role in recruitment to autophagic structures (Deng et al., 2017; Kwon and Ciechanover, 2017). The process of substrate ubiquitination requires the regulated activation of several key component of this tagging system, including the ubiquitin activating enzyme E1, the ubiquitin conjugating enzymes E2 and the E3 adaptor/ligases (Nandi et al., 2006; Ding and Shen, 2008). While there is only one E1 enzyme in mammalian cells, there are tens of E2s and hundreds of E3s (Li et al., 2008; Kawabe and Stegmuller, 2021). Of these, E3s are posited to provide substrate specificity, while the E2s define the type of poly-ubiquitin chain (Kwon and Ciechanover, 2017). These poly-ubiquitin determinants are then recognized by a variety of adaptor proteins that mediate the recruitment of tagged cargos into specific degradation pathways. For example, during autophagy the p62/SQSTM1 adaptor protein is capable of recognizing K63-poly-ubiquitined proteins for their engulfment into autophagic organelles (Linares et al., 2013).

Fundamental questions related to presynaptic autophagy are: which of the many E2 and E3 ligases contribute to presynaptic proteostasis? Further, when are they used and how are they regulated? A number of presynaptic E3 ligases (e.g., Scrapper, FBXO45) have been identified that trigger the removal/destruction of AZ proteins including RIM1, Munc13 or Munc18 via the proteasome (Yao et al., 2007; Tada et al., 2010; Martin et al., 2014). Less is known about which E3s regulate the removal of integral SV proteins. As mentioned above, studies of boutons lacking the presynaptic AZ proteins Piccolo and Bassoon have led to the identification of two E3s, Siah1 and Parkin, linked to the removal of SV proteins via the autophagy degradative system (Waites et al., 2013; Okerlund et al., 2017; Hoffmann-Conaway et al., 2020). Mechanistically, these AZ proteins seem to act as negative regulators of these enzymes. This is best exemplified in studies of Bassoon knockout mice, where the total pool of SVs per bouton is dramatically reduced, which can be restored by knocking down the expression of either Siah1 or Parkin (Hoffmann-Conaway et al., 2020), indicating that Bassoon normally counteracts their actions (Figure 5). For Siah1 this is supported by experiments showing that it directly binds the zinc finger domains in Bassoon, which inhibits Siah1 ubiquitination activity (Waites et al., 2013).
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FIGURE 5. Scenario for the regulation of presynaptic autophagy. Autophagy within presynaptic boutons appears to be locally regulated and mediated via the convergence of two major facets of autophagy. (1) Local tagging of aged and/or damaged proteins/organelles by the ubiquitination system. The active zone protein Bassoon is one regulator of this process by scaffolding E3 ligases such as Siah1 and Parkin. Bassoon can also control the induction of phagophore formation by inhibiting the activity of ATG5 and proteasome function via its binding to Psmb4 proteasomal subunit. (2) The formation of phagophore membranes, which requires an interplay between numerous proteins essential for the regulated conjugation of ATG8/LC3 to membranes containing the integral membrane protein ATG9. Many of these proteins are part of the hidden proteome of SVs (see Figure 3) and thus available for the rapid production of these membranes. This aspect of autophagy seems to be coupled to synaptic activity and the sorting and recycling of SV proteins through early endosomes. While not well understood, this compartment is well positioned to not only sort healthy ensembles of proteins regenerating functional SVs, but also damaged ubiquitinated proteins for engulfment into newly forming phagophores. This latter step requires the small GTPase Rab26 and its guanine exchange factor PLEKHG5, as well as autophagy adaptor proteins, like p62/SQSTM1, which binds both poly-ubiquitin chains and ATG8s. The inserted electron micrograph demonstrates the uptake of entire SV-like structures (asterisk) into autophagic vacuoles (arrowhead) within a presynapse (taken from Hoffmann-Conaway et al., 2020; size bar, 50 nm). Finally, the sorting/recycling endosomes also appears to function in the regeneration of SV-like membranes that carry ATG9, providing autophagic support for boutons in subsequent rounds of neurotransmitter release.


Hints to the substrates of these enzymes come from proteomic studies on synaptosomes isolated from the cortex of Bassoon-deficient mice (Hoffmann-Conaway et al., 2020). These studies identified a dramatic increase in ubiquitinated peptides from SV proteins and proteins involved in SV fusion with the presynaptic membrane, including SNAP25, Synaptotagmin 1, SV2, V-ATPase, VAMP2 and Syntaxin1b. Moreover, autophagy appears to be the major degradative pathway employed, as autophagic vacuoles, but not multi-vesicular bodies, accumulated in these boutons, and inhibiting autophagy restores SV pool size (Hoffmann-Conaway et al., 2020). Intriguingly, this study also found that the Ubiquitin-conjugating enzyme UBE2N was hyper-ubiquitinated. This is highly relevant, as UBE2N is an ubiquitin conjugating enzyme directly involved in creating K63-poly-ubiquitin chains (David et al., 2010), which can tag proteins for degradation via autophagy (Linares et al., 2013). UBE2N can also cooperate with both Siah1 and Parkin (Markson et al., 2009; Fiesel et al., 2014; Geisler et al., 2014). Another E3 ligase, HERC1, was proposed to dysregulate presynaptic pathways and to potentially affect SV autophagy, yet the mode of action is unclear (Montes-Fernandez et al., 2020). This highlights a general challenge for the field.

Given the plethora of known E3 ligases, it will be critical to define which of these are selectively involved in presynaptic autophagy, versus, for example, proteasomal and/or endolysosomal systems. Given the ability of these E3 enzymes to bind various E2s, this will be a daunting, but important challenge. Equally important will be the identification of their associated substrates. In the studies on synapses lacking Bassoon a poignant subset of SV proteins became hyper-ubiquitinated, but to what end? In another study, only a subset of SV proteins was selectively degraded by the endolysosomal system during high synaptic activity conditions (Sheehan et al., 2016), begging the question of which E2s and E3s direct these pathways of destruction.

While it is attractive to consider that there is a high specificity in the clearance systems for particular aspects of presynaptic proteostasis, it is far more likely that there is high flexibility and crosstalk between the different systems, including autophagy, endolysosomal or proteasomal degradation systems, that participate in the removal of different subsets of presynaptic proteins or organelles, like SVs, as was demonstrated for the degradation/turnover of other cellular systems. For example, ATG5-deficient neurons can survive and still display SV recycling (Negrete-Hurtado et al., 2020). Actually, they rather accumulate ER in axons and increase excitatory neurotransmission (Kuijpers et al., 2021) indicating flexibility and compensatory potential in the system.

From a functional perspective, there are several schools of thought: (i) that presynaptic autophagy primarily operates on a slow time scale for the basal removal of aging and/or defective proteins and membranous organelles, (ii) that it is directly involved in the destruction of SVs during high activity, and/or (iii) that it responds to eliminate proteins/membranes following acute and chronic stress or insults.

A key to solving some of these issues lies in how fast and with what specificity presynaptic autophagy can operate. Utilizing the light-activated free-radical generating protein SuperNova (SN) tethered to different SV proteins, it was recently shown that through the acute damage of these proteins, presynaptic autophagy could be induced in minutes and to depend on ubiquitination (Hoffmann et al., 2019). Here, the clearance mechanisms operated with high-specificity, directing the destruction of the SN-tagged protein (SN-synaptophysin or SN-synaptotagmin) to autophagy, but leaving other SV proteins in action. Intriguingly, such acute ROS-mediated damage had real-time effects on synaptic transmission only when autophagy was simultaneously inhibited with drugs or ATG5 knockdown (Hoffmann et al., 2019). One can thus conclude that the presynaptic autophagy machinery is capable of operating in real-time and can be highly selective, removing only damaged and ubiquitinated proteins ensuring the health and functionality of presynaptic boutons. Consistent with studies on boutons lacking Bassoon, these studies highlight the role of the ubiquitination system in tagging proteins for their elimination by autophagy. They also illustrate that the generation of ubiquitin-tagged damaged proteins is in and of itself a key driver of presynaptic autophagy. Potential cellular mechanisms associated with the sorting and delivery of these tagged proteins into newly formed phagophore membranes are discussed below. A point of consideration is the observation that, in boutons lacking Bassoon, autophagophore organelles contain seemingly intact SVs (Figure 5), indicating that whole SVs can also become cargos for autophagic destruction. From a ubiquitination perspective, this could be a consequence of the dramatic increase in the ubiquitination of many SV proteins due to the loss of Bassoon and the activation of Siah1 and Parkin, which then decorate the surface of SVs making them attractive as a cargo for engulfment (Hoffmann-Conaway et al., 2020).



CELLULAR MECHANISMS GOVERNING PRESYNAPTIC AUTOPHAGY

The ability of presynaptic boutons to engage the autophagy degradative system in real-time to maintain its functionality, raise fundamental questions of how this is temporally and spatial achieved. At its most basic level, the ability of autophagy to operate in a spatially restricted manner requires the machinery to be present. Clearly there are two major arms to this process: (i) the sensing and tagging of misfolded or damaged proteins by ubiquitination, and (ii) the formation of autophagophore membranes capable of engulfing these cargos. As we have seen, some of the enzymes involved in the ligation of ubiquitin are scaffolded to components of the AZ cytoskeletal matrix, e.g., Bassoon and Piccolo (Waites et al., 2013; Okerlund et al., 2017; Hoffmann-Conaway et al., 2020).

Interestingly, many of the proteins critical for autophagophore formation are associated either with the perisynaptic endocytic zone, SVs or scaffold proteins of the AZ (Figure 4). Hints to how these might be linked together come from observations in C. elegans and Drosophila showing that there are hotspots of autophagosome formation in close proximity to or directly within presynaptic terminals (Soukup et al., 2016; Stavoe et al., 2016; Neisch et al., 2017; Vanhauwaert et al., 2017). Also, in mammals, many, but not all, constituents of the autophagic machinery have been detected reliably in synaptic boutons (Table 1). For example, of the Unc51-like kinases required for initiation of phagophore formation, only ULK3 has been detected in synaptosomes together with other components of the ULK complex, i.e., FIP100 or ATG101 (Taoufiq et al., 2020). This seems consistent with the observation that ULK1 and ULK2 are not essential for constitutive autophagy in the young murine brain (Wang et al., 2018) and hint to a function of ULK3 in (pre-)synaptic autophagy. Moreover, constituents of the PI3-Kinase C3 complex, including Vps34 and Beclin-1, have been found associated with SV preparations (Figure 3; Taoufiq et al., 2020). Further, there is compelling evidence that components of SV recycling interact with autophagy-related proteins (George et al., 2016; Soukup and Verstreken, 2017; Vanhauwaert et al., 2017), and core components of autophagosomes, including the membrane-delivering protein ATG9, are present in presynaptic boutons (Boyken et al., 2013; Stavoe et al., 2016). This suggests that the local biogenesis of autophagosomes could start at endocytic zones, following SV endocytosis or shortly thereafter when SV proteins pass through early and recycling endosome membranes, where quality control process sort out corrupted proteins.

Actually, membrane trafficking and protein sorting within boutons may be critical for autophagosome formation. Thus, the ATG9 is not only an integral component of the SV membrane (Boyken et al., 2013; Taoufiq et al., 2020), but is also the only transmembrane protein in the core machinery for autophagy (Lang et al., 2000; Noda et al., 2000; Young et al., 2006). A recent study deposited on the bioRxiv server actually suggests that SVs also directly may donate lipids to autophagosomes (Yang et al., 2020; Xuan et al., 2021). These authors propose that ATG9 is transported in vesicles generated at the trans-Golgi network to the presynaptic membrane, which undergo exo-endocytosis prior to accumulation at the peri-AZ and/or autophagosome formation. Mutations that prevent exocytosis (e.g., in UNC13, UNC18 genes) or endocytosis (e.g., in AP1, AP2, or SDPN-1/Syndapin 1 genes) negatively interfere with activity-dependent synaptic autophagy associated with the SV cycle (Imai et al., 2016; Yang et al., 2020; Xuan et al., 2021). Taken together the data suggest that membrane trafficking of ATG9 could couple the SV cycle to activity-dependent presynaptic autophagy. However, as mentioned above, SVs can also be recruited directly into autophagophores vi Rab26 and PLEKHG5 (Binotti et al., 2015; Lüningschrör et al., 2017; Figure 5).

How does neuronal activity and nutrient depletion affect presynaptic autophagy? Starvation/nutrient depletion usually induces autophagy via mTOR signaling (Bockaert and Marin, 2015). As stated above, it remains controversial whether and how strongly starvation affects presynaptic autophagy. At Drosophila larval NMJs, both starvation and increased neuronal activity induces ATG8 accumulation in presynaptic boutons (Soukup et al., 2016; Vanhauwaert et al., 2017). Similarly, mTOR inhibition by rapamycin induces autophagy at dopaminergic release sites and is associated with decreased SV numbers and evoked dopamine release (Hernandez et al., 2012). Furthermore, Catanese et al. (2018) report disorganized SV pools and rapid degradation of Bassoon upon nutrient limitation in rodent primary neuronal cultures. Re-supplementation of glucose can restore SV pools, but does not rescue Bassoon levels. In contrast, there are multiple studies reporting no or only minor effects on presynaptic autophagy (Mizushima et al., 2004; Maday and Holzbaur, 2016). The relative resistance of some neurons to autophagy induction in the presynaptic/axonal compartment by starvation/nutrient depletion may have various reasons that should be tested in future: one may be that presynaptic mTOR signaling is dominated by mTORC2 (McCabe et al., 2020), which is not linked to starvation-induced autophagy; another one could be that presynaptic autophagy (partly) depends on ULK3 (see above), while amino acid starvation-induced autophagy is controlled by ULK1/2 (Cheong et al., 2011) in a subset of neurons.

There is strong evidence for neuronal activity being a major factor regulating presynaptic autophagy. Thus, it is known that neuronal activity, and the recycling of SVs carrying key autophagic molecules, might contribute to the assembly of autophagosomes within boutons. Consistently, KCl stimulation has been shown to induce axonal autophagy and enhances retrograde autophagy flux in hippocampal primary neurons (Wang et al., 2015). Of note, activity can also engage the endolysosomal/ESCRT system to degrade subsets of SV protein (Sheehan et al., 2016).

At the organismal level, various studies imply that autophagy has a major impact on learning and memory (Shehata and Inokuchi, 2014; Liang and Sigrist, 2018; Hwang et al., 2019; Liang, 2019). However, in most cases it is impossible to assign these effects to neurons or even neuronal compartments where the relevant autophagic effect on memory formation is expressed. A particular case of presynaptic autophagic dysfunction seems to be the tambaleante (tbl) mouse, where the HERC1 E3 ubiquitin ligase is mutated. Among other phenotypes these mice display poor performance hippocampus-dependent learning including novel-object recognition, T-maze and Morris water maze tests (Montes-Fernandez et al., 2020; Perez-Villegas et al., 2020). In fruit flies, a tight association between age-dependent memory impairment and structural changes in presynaptic AZs has been observed. Both structural changes and memory decline could be counteracted by treatment with the autophagy enhancer spermidine (Gupta et al., 2016; Liang and Sigrist, 2018). Finally, conditional knockout of the presynaptic AZ protein Bassoon only in excitatory neurons of the murine forebrain, which is supposed to cause enhanced autophagy exclusively in glutamatergic terminals, causes improved memory performance in dentate gyrus-dependent learning tasks, such as contextual fear memory or spatial pattern separation (Annamneedi et al., 2018). This memory improvement was associated with the maintenance of juvenile synaptic plasticity at relevant performant path to dentate gyrus synapses. These examples support the view that well-functioning presynaptic autophagy is a prerequisite for maintaining brain synapses plastic and healthy.



POTENTIAL SCENARIO FOR THE REGULATION OF PRESYNAPTIC AUTOPHAGY

An important unresolved question is how basal, activity-dependent and protein damage induced autophagy relate to each other? One potential answer is they are unrelated. A more parsimonious answer is they are intimately linked playing complementary and sometimes redundant roles. Moreover, the transition between them may primarily relate to the rate of flux and the pathways activated. Given the available data and emerging concepts in the field, we can conceive the following scenario for ubiquitination-dependent modes of protein turnover. It begins with a few knowns. First, that productive autophagy requires the generation of poly-ubiquitin tagged cargos (Figure 5), which can occur during use and natural aging of SVs and their associated proteins or through their acute damage, e.g., by ROS or nitrosylation among others. This could also occur during development, e.g., during synaptic pruning and/or trophic factor withdrawal via the E3 ligase MYCBP2/RPM-1/Highwire (Grill et al., 2016; Crawley et al., 2019). In principle, all this would be mediated by ubiquitin ligases, only a few of which are currently known. Second, that the degradation of these cargos requires the generation of phagophore membranes, which through adaptor proteins such as p62/SQSTM1, recruit the ubiquitinated cargos (Figure 5). This in turn requires the presence and activation of the machinery required to create the phagophore membrane. While there is a clear interdependency of these two arms of autophagy, as disruption of either blocks presynaptic autophagy, it is unclear how this is coordinated, regulated and/or what sensors are used. An attractive focal point for the generation of phagophore membranes and the sorting of ubiquitin-tagged cargos within presynaptic boutons are the early and sorting/recycling endosomal compartments, which maybe be used during basal, activity-dependent and protein damage induced autophagy. Here, it is well appreciated that these membranes operate as quality control stations, working to regenerate functional SVs with the correct complement of proteins. As such, it is easy to imagine that ubiquitin tagged proteins destined for destruction would be sorted into autophagic cargo vesicles at this point. Similarly, it would be a natural site for sorting the autophagy machinery (ATG9 among others), normally associated with SV-like vesicles, into precursor phagophore membranes that then mature into autophagosomes decorated with ATG8-like molecules (LC3, GABARAPs). In the event that there is little cargo, ATG9 would mostly be recycled back into the existing pool of SV-like membranes. Given the complexity of membrane trafficking, it would be important to entertain that many membranes could be used to generate autophagosomes and/or carry ubiquitinated cargos, including the plasma membrane, other endosomal compartments and/or the ER and potentially also SVs.



FURTHER OPEN QUESTIONS

It is well documented that accurate performance of all types of autophagy as well as the endolysosomal system are of utmost importance for cellular health. This applies particularly to neurons and their synapses with their extremely long lifespans. All major brain disorders are associated with failures of these clearance systems, either as causes or consequences of the pathology. In particular, neurodegenerative disorders, such as Parkinson’s Disease or Alzheimer’s can be directly linked with autophagy failures, though physiological aging is also associated with slow exhaustion of clearing systems. We have largely ignored this aspect in the present article and focused mainly on the molecular inventory of the presynapse, because disease-related issues have been the subject of numerous review articles during recent years (e.g., Rubinsztein, 2006; Mizushima et al., 2008; Bezprozvanny and Hiesinger, 2013; Michel et al., 2016; Deng et al., 2017; Menzies et al., 2017; Dikic and Elazar, 2018; Liang and Sigrist, 2018; Soukup et al., 2018; Lee and Kim, 2019; Malik et al., 2019; Pan et al., 2019; Giovedi et al., 2020; Tomoda et al., 2020). However, it is very obvious that there are multiple gaps in our knowledge about disease mechanisms. Therefore, a detailed understanding of the molecular organization of (pre-)synaptic protein turnover and clearance systems at the nanoscale is a major future challenge for the field.

Additional questions worth consideration include: Do clearance systems operate in a similar manner at all synapses? Do autophagic events occur near/within boutons or more remotely? On what time scales does autophagy operate? Which ubiquitin tagging systems (E2, E3 enzymes) are utilized? How many and when are the different lipidated ATG8-like conjugates used? Are different Unc-51-like kinase employed under specific conditions? What autophagy receptors/cargo adaptors are tapped and at which synapses? What ubiquitin-independent mechanisms are in operation?

Further questions concern the sorting and routing of damaged proteins. Where does the sorting take place? Which organelles contribute membranes to the phagophore? Do SVs contribute to phagophore formation? Can SVs even act as a starting point for phagophore assembly? How can clearance pathways compensate for each other and is this controlled and regulated?

Finally, there are interesting recent observations that liquid phase separation might also play a role in PAS formation and the initiation of autophagy (Fujioka et al., 2020; Hollenstein and Kraft, 2020). For example, evidence from yeast indicates that the endocytic protein Ede1 (the yeast homolog of p115/Uso1) can mediate the formation endocytic protein condensates (ENDs) that then enter an autophagic degradation path (Wilfling et al., 2020). Another recent study revealed that condensed liquid droplets, formed from the AZ proteins RIM, RIM-binding protein and ELKS/CAST2 can tether SVs in vitro (Wu et al., 2021). The authors hypothesize that similar processes play a role in organelle biogenesis and autophagy. It will thus be interesting to see whether phase separation indeed triggers autophagy at the perisynaptic endocytic zone.
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Cyclic adenosine monophosphate (cAMP) is a crucial second messenger involved in both pre- and postsynaptic plasticity in many neuronal types across species. In the hippocampal mossy fiber (MF) synapse, cAMP mediates presynaptic long-term potentiation and depression. The main cAMP-dependent signaling pathway linked to MF synaptic plasticity acts via the activation of the protein kinase A (PKA) molecular cascade. Accordingly, various downstream putative synaptic PKA target proteins have been linked to cAMP-dependent MF synaptic plasticity, such as synapsin, rabphilin, synaptotagmin-12, RIM1a, tomosyn, and P/Q-type calcium channels. Regulating the expression of some of these proteins alters synaptic release probability and calcium channel clustering, resulting in short- and long-term changes to synaptic efficacy. However, despite decades of research, the exact molecular mechanisms by which cAMP and PKA exert their influences in MF terminals remain largely unknown. Here, we review current knowledge of different cAMP catalysts and potential downstream PKA-dependent molecular cascades, in addition to non-canonical cAMP-dependent but PKA-independent cascades, which might serve as alternative, compensatory or competing pathways to the canonical PKA cascade. Since several other central synapses share a similar form of presynaptic plasticity with the MF, a better description of the molecular mechanisms governing MF plasticity could be key to understanding the relationship between the transcriptional and computational levels across brain regions.
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CYCLIC ADENOSINE MONO-PHOSPHATE-AND PROTEIN KINASE A-DEPENDENT MECHANISMS OF SYNAPTIC PLASTICITY

The molecular mechanisms of synaptic transmission have been intensely studied in recent decades, resulting in the functional characterization of many synaptic proteins involved in vesicle docking, priming, fusion and recycling. These includes the SNARE proteins, synaptotagmin, regulatory proteins, such as RAB3a, Munc13, Munc18, tomosyn, and active zone proteins, such as Piccolo, Bassoon and RIM1a, as well as several structural and endocytotic proteins (Dresbach et al., 2001; Südhof, 2013; Rizo, 2018; Chanaday et al., 2019). In many cases, the order of interactions involving these proteins, as well as their roles at different stages of the synaptic vesicle cycle, have been extensively described (Brunger et al., 2019). However, the exact contribution of these proteins to synaptic plasticity is still poorly understood. Several second messengers, such as calcium (Ca2+) and cyclic adenosine mono-phosphate (cAMP), are known to produce short- and long-term changes in vesicle release probability (Pr), the number of release sites, and the clustering of calcium channels at the presynaptic terminal. However, whereas the role of Ca2+ in regulating both pre- and postsynaptic processes has been described in detail (Zucker, 1999; Schneggenburger and Neher, 2005; Lisman et al., 2007; Kavalali, 2020) the identities of cAMP downstream effectors, especially in the presynaptic terminal, are still largely unknown.

cAMP is a ubiquitous second-messenger found in the three domains of life, namely Eukarya, Bacteria and Archaea (Gehring, 2010; Kalia et al., 2013). A direct link between cAMP, synaptic transmission and potentiation was first demonstrated in a seminal work showing that exposing sensory neurons of the sea mollusk Aplysia to cAMP molecules resulted in increased neurotransmitter release, in turn affecting a short-term memory process known as sensitization (Cedar et al., 1972; Klein and Kandel, 1980; Schacher et al., 1988; Kandel et al., 2000). Later studies extended the connection between cAMP and synaptic plasticity to other model organisms, such as Drosophila (Davis et al., 1998) and mice (Nguyen and Kandel, 1997; Wong et al., 1999), where cAMP exposure was also shown to lead to an increase in Pr (Ariel et al., 2013; Fukaya et al., 2021), vesicle redistribution (Orlando et al., 2021) and changes in Ca2+ channel clustering (Midorikawa and Sakaba, 2017).

Until recently, research into the molecular cascades activated by cAMP focused on a single downstream effector—protein kinase A (PKA) (Corbin and Krebs, 1969). PKA is a tetrameric enzyme consisting of two regulatory and two catalytic subunits (Bauman and Scott, 2002; Taylor et al., 2012). Binding of cAMP to the PKA complex results in detachment of the regulatory subunits from the catalytic subunits, thereby removing inhibition from the latter (Turnham and Scott, 2016; Mucignat-Caretta and Caretta, 2020). Subsequently, the catalytic subunits of PKA are able to phosphorylate a myriad of protein targets, thus modifying their functions (Waltereit and Weller, 2003; Kandel, 2012). In Aplysia, injection of the PKA catalytic subunits yielded similar effects to those observed following injection of cAMP alone (Castellucci et al., 1980), leading to a prevailing consensus that PKA is the principal, and perhaps sole downstream effector of cAMP. In the mammalian brain, the hippocampal mossy fiber (MF) synapse was found to be particularly prone to cAMP-mediated regulation of neurotransmitter release, as will be discussed in detail below.



THE MOSSY FIBERS PATHWAY, CYCLIC ADENOSINE MONO-PHOSPHATE AND PROTEIN KINASE A-DEPENDENT PLASTICITY

The hippocampus is a central cortical structure in the mammalian brain known to mediate key mnemonic and cognitive functions. The hippocampus is classically divided into three unidirectional pathways, collectively known as the trisynaptic circuit. According to this notion of hippocampal information flow, neuronal activity originating in the adjacent entorhinal cortex (EC) is relayed via the perforant pathway (PP), primarily to the hippocampal dentate gyrus (DG), where it is processed and relayed to CA3 and CA2 pyramidal neurons via the mossy fibers (MF) pathway. From these regions, which are internally connected in an auto-associative network, the information is delivered almost exclusively to CA1 pyramidal neurons via Schaffer’s collaterals (SC), which finally redistribute the processed signals across cortical and sub-cortical regions (Figures 1A,B; Lieberman, 1965; Witter, 2007). The MF synapse, corresponding to the second synapse in this circuit, is generally considered to be an important locus for the formation, storage and retrieval of contextual and episodic memories in mammals (Lieberman, 1965; Neves et al., 2008; Lisman et al., 2017), through a computational process termed “pattern separation” (Leutgeb et al., 2007; Schmidt et al., 2012; Rolls, 2013).
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FIGURE 1. Morphological and physiological properties of the hippocampal mossy fiber pathway. (A) Three-dimensional visualization of the anatomical location of the dorsal hippocampus in mouse brain. (B) Schematic representation of hippocampal sub-regions, with emphasis on the input and output to and from the DG. (C) Schematic representation of the unique anatomical and morphological structure of the MF-CA3 synapse. Insert: mossy fiber bouton (MFB, orange) and postsynaptic thorny excrescence (TE, light green). (D) A representative confocal image of the hippocampus following injection of AAV-DIO-EF1a-tdTomato into the DG of a Prox1-cre transgenic mouse (top). The images below show the MF tract at higher magnification (tdTomato, orange), following immunolabeling for VGluT1 (VGluT1, cyan), and demonstrate the size differences between the large MF terminals (white arrows) and the small S.R. terminals (magenta arrows). Scale bars represent 200, 10 and 2 μm for the top, right column and left column images, respectively. (E,F) MF-CA3 short-term plasticity demonstrated by measurements of paired-pulse (E) and a high-frequency burst (F) stimulation, delivered electrically to the DG while recording fEPSPs from the S.L. (G,H) MF-CA3 long-term plasticity demonstrated by measurements of FSK- (G) and tetanus- (H) induced potentiation, with subsequent application of DCG-IV, blocking synaptic transmission. (I). MF-CA3 long-term plasticity (LTD) following a prolonged low-frequency stimulation, with subsequent application of DCG-IV, blocking synaptic transmission. Images in (A) were adapted from the Allen institute’s Brain Explorer 2 (http://mouse.brain-map.org/static/brainexplorer).


The MF pathway is characterized by non-myelinated axons that originate in dentate gyrus granule cells (DGCs) and travel immediately above and below the CA3 Stratum Pyramidale (S.P.), forming the Stratum Lucidum (S.L.). There, each axon forms about a dozen enormous synapses (up to several micrometers in diameter (Rollenhagen et al., 2007), termed mossy fiber boutons (MFB), onto the large proximal dendritic spines of CA3 neurons termed thorny excrescences (TEs) (Amaral and Dent, 1981; Figures 1C,D). A single large MFB contains 25 active zones on average and harbors some 16,000 synaptic vesicles, of which only about 600 are located within 60 nm from the AZ and are considered part of the readily releasable pool of vesicles, while an additional 4,000 vesicles are found at a short distance of 200 nm from the AZ and are considered part of the recycling pool (Hallermann et al., 2003; Rollenhagen et al., 2007). Though it has been speculated that this organization might be essential for supporting the various plasticity processes taking place at the MFB (Rollenhagen et al., 2007), the reason for such extreme redundancy of synaptic vesicles remains unclear.

In contrast to its prominent size, the MF synapse is characterized by a very low basal Pr (Jonas et al., 1993) and as a result, following a single action potential (AP) elicits weak excitatory post-synaptic potentials (EPSPs) in CA3 neurons (Lysetskiy et al., 2005). However, following a short train of high-frequency APs, the accumulation of Ca2+ in the MF synapse produces a dramatic increase in Pr, manifested as robust short-term synaptic facilitation (Figures 1E,F). This facilitation, together with the strategic location of the synapse in proximity to the CA3 somata, and its multiple release sites, allow a single MF synapse to elicit APs in its postsynaptic target following a short train of APs (Henze et al., 2000; Evstratova and Tóth, 2014; Chamberland et al., 2018). This trait has led researchers to describe the MF synapse as a “conditional detonator” or a “high-pass filter,” due to the tendency of the synapse to selectively propagate high-frequency activity patterns (Pelkey and McBain, 2005; Vyleta et al., 2016).

While other hippocampal synapses have been shown to display primarily postsynaptic N-methyl-D-aspartate receptor (NMDAR)-dependent long-term potentiation (LTP) (Bliss and Collingridge, 2013), MF synapses are characterized by NMDAR-independent LTP (Zalutsky and Nicoll, 1990; Johnston et al., 1992; Huang et al., 1994; Salin et al., 1996b; Castillo, 2012). Long-term potentiation in the MF synapse (MF-LTP, Figure 1G) manifests as a long-term increase in the presynaptic Pr and is mediated by cAMP, evident by the robust potentiation observed also following application of the adenylyl cyclase (AC) agonist forskolin (FSK, Figure 1H; Weisskopf et al., 1994; Salin et al., 1996b; Villacres et al., 1998; Castillo, 2012). Using pharmacological tools that control cAMP levels, it was demonstrated that both cAMP and PKA are important for the induction and maintenance of MF-LTP (Huang et al., 1994; Weisskopf et al., 1994). These studies were followed by genetic perturbation of PKA subunits (Huang et al., 1995) that provided genetic evidence for the involvement of PKA in MF-LTP.

Like the MF-synapse, several other synapses in the mammalian brain display NMDAR independent presynaptic forms of LTP (Yang and Calakos, 2013). These include corticothalamic (Castro-Alamancos and Calcagnotto, 1999), thalamocortical (Andrade-Talavera et al., 2013), cortical interneuron (Chen et al., 2009; Sarihi et al., 2012) and subiculo-cortical synapses (Behr et al., 2009), as well as synapses of cerebellar parallel fibers (Salin et al., 1996a; Chen and Regehr, 1997; Bender et al., 2009), and several different inputs to the lateral amygdala (López de Armentia and Sah, 2007; Fourcaudot et al., 2008). However, due to vast morphological and molecular differences between these synapses and the MF, it remains to be determined exactly how similar are the molecular mechanisms that underlie their presynaptic LTP.

In addition to MF-LTP, which is induced by a short train of high-frequency activity, long-term depression in the MF synapse (MF-LTD) can also be elicited, by applying a prolonged (15 min) low-frequency stimulation (Figure 1I). Like MF-LTP, MF-LTD is also NMDAR-independent, however, it is mediated by a reduction in cAMP levels and is manifested as a decrease in Pr (Tzounopoulos et al., 1998; Kobayashi, 2010). MF-LTD induction can be blocked by the metabotropic glutamate receptor (mGluR) antagonist MCPG (Fitzjohn et al., 1998) or mGluR2/3 KO (Lyon et al., 2011). At the same time, application of the mGluR2/3 agonist DCG-IV completely blocks MF synaptic transmission synapses (Figures 1G–I), while having little to no effect on other hippocampal synapses (Yoshino et al., 1996; Kamiya and Ozawa, 1999). Since mGluR2/3 inhibits cAMP synthesis, it can be inferred that bidirectional changes in cAMP concentration control Pr at the MF synapse and can lead to LTP or LTD, depending on the direction of the change.

FSK is one of the main pharmacological tools for elevating cAMP levels that leads to synaptic potentiation. However, FSK affects both the presynaptic terminal and the postsynaptic cells, in addition to astrocytes, and is, therefore, not specific for the presynaptic terminal. New recently implemented tools, such as photoactivated adenylyl cyclase bPAC from the bacteria Beggiatoa (Stierl et al., 2011; Raffelberg et al., 2013) or pharmacogenetic tools, like Designer Receptors Exclusively Activated by Designer Drugs DREADDs (Roth, 2016; Campbell and Marchant, 2018), now enable control of cAMP levels with substantially better cellular, spatial and temporal precision than possible using pharmacological agents, such as FSK. Recently, photoactivation of a synaptically-translocated bPAC, termed SynaptoPAC, selectively in MF synapses, enabled cAMP synthesis with physiological kinetics and led to long-term changes in Pr, mimicking the effects of tetanus-induced LTP (Kees et al., 2021; Oldani et al., 2021). Such tools, together with new cAMP sensors (Odaka et al., 2014; Harada et al., 2017; Ohta et al., 2018; Linghu et al., 2020) will allow better understanding of the effects of cAMP on synaptic physiology at MF synapses.

MF synapses are characterized by additional forms of plasticity that should be briefly mentioned. Although MF-LTP is NMDA-independent, there are indications that presynaptic NMDA receptors support a different form of LTP in the MF synapse, which is dependent on Protein Kinase C (PKC) (Kwon and Castillo, 2008; Lituma et al., 2021). Furthermore, it should be noted that in addition to the large presynaptic MF terminal on pyramidal CA3 neurons, MF axons also innervate S.L. interneurons (SLINs) by small en-passant varicosities, also known as filopodial extensions (Acsády et al., 1998). These synapses on interneurons contribute to feed-forward inhibition and exhibit different forms of synaptic plasticity mediated by mGluR7 in a process only partially mediated by cAMP (Toth et al., 2000; Pelkey et al., 2008). MF-SLIN synapses also undergo cAMP-dependent plasticity changes, albeit in a unique way. These synapses reverse their polarity in an activity-dependent manner, with the internalization of mGluR7s serving as the switch between two states. In response to high frequency stimulation, naïve-state MF-IN synapses undergo cAMP-independent presynaptic LTD, whereas synapses that have internalized mGluR7s (LTD, resulting from previous high-frequency stimulation) undergo cAMP-dependent presynaptic LTP (Pelkey et al., 2008). This mechanism might allow initial bursts of APs to propagate uninhibited to CA3, yet prevents subsequent bursts from generating runaway excitation (Pelkey et al., 2008).

In addition, most previous research suggests that postsynaptic depolarization is not necessary for MF synapse LTP induction, although under certain conditions, such depolarization could still exert influence over presynaptic physiology (Castillo et al., 2012; Makani et al., 2021; Vandael et al., 2021). This implies that synchronous activation of pre- and postsynaptic neurons is not necessarily a prerequisite for this form of LTP, suggesting that MF synapse LTP is not Hebbian in nature. Together, these unique properties of the MF synapse are likely to support roles served by the hippocampus, such as the suggested role of MFs in spatial orientation through a mnemonic function known as pattern separation (Yassa and Stark, 2011; Schmidt et al., 2012; Rolls, 2013).



THE ROLE OF CA2+ AND ADENYLYL CYCLASE 1 IN MOSSY FIBERS PLASTICITY

As in most other synapses, vesicle release at the MF terminal depends on Ca2+ influx through voltage-dependent calcium channels (VGCC), such as the P/Q-, N-, L-, and R-type calcium channels (Li et al., 2007; Vyleta and Jonas, 2014; Shin et al., 2018). In addition, the activation of presynaptic NMDA receptors during high frequency activity (Carta et al., 2018; Lituma et al., 2021) and release of Ca2+ from internal stores (Lauri et al., 2003; Scott and Rusakov, 2006) also contribute to Ca2+ dynamics at the MF synapse. These dynamic changes in presynaptic calcium drive MF short- and long-term synaptic plasticity (Castillo et al., 1994; Regehr et al., 1994; Kapur et al., 1998; Breustedt et al., 2003; Pelkey et al., 2006; Li et al., 2007; Vyleta and Jonas, 2014). In a mature MFB, it was demonstrated that synaptic vesicles are only loosely coupled to Ca2+ channels, allowing for a highly dynamic Pr range (Vyleta and Jonas, 2014; Böhme et al., 2018; Brockmann et al., 2019; Orlando et al., 2021). Changes in distances between calcium channels and the synaptic machinery, in channel density, and/or in concentrations of endogenous calcium buffers can enable rapid and dynamic modulation of synaptic strength, as discussed below.

In addition to its direct effects on vesicle fusion and neurotransmitter release, Ca2+ also exerts a powerful effect on MF synaptic strength through the Ca2+ sensor calmodulin and activation of AC, leading to increased levels of cAMP. Numerous studies have pointed to cAMP as the primary mediator of MF-LTP, given how the application of the potent AC agonist FSK or of cAMP analogs, such as Sp-8-CPT-cAMPs, elicit a strong and sustained increase in the basal Pr (Weisskopf et al., 1994; Lonart et al., 1998; Tzounopoulos et al., 1998; Wang et al., 2003; Kaeser-Woo et al., 2013; Hashimotodani et al., 2017). In the mammalian brain, ten different isoforms of the Adcy gene encode for ten distinct AC enzymes (AC1-10). These are classified primarily according to their main upstream activator (Hanoune and Defer, 2001) and are differentially distributed across brain regions and cell types (Sanabra and Mengod, 2011). In the mouse hippocampus, Adcy isoforms 1 and 2 are strongly and selectively expressed in the DG but not in CA3 neurons (Figures 2A,B), and while KO of Adcy8 was shown to affect MF synaptic plasticity (Wang et al., 2003), comparatively low mRNA levels in the DG (Figures 2A,B) suggest that further experiments are needed to validate these results. Of the two most abundant AC isoforms in the DG, AC1 is known to be activated by an increase in Ca2+ and its downstream effector calmodulin (Hanoune and Defer, 2001), whereas AC2 is largely Ca2+-insensitive and is instead activated by PKC and the Gq protein-associated βγ subunit complex (Hanoune and Defer, 2001; Willoughby and Cooper, 2007; Halls and Cooper, 2011). Alongside these basic properties, additional evidence further supports a central role for AC1 in the MF synapse. First, AC1 is inhibited by the Gi cascade, such as that associated with mGluR2/3, leading to a reduction in cAMP levels (Sadana and Dessauer, 2009), an effect which potentially underlies the complete silencing of MF synaptic transmission following application of DCG-IV. Furthermore, Adcy1 KO mice were found to exhibit impaired MF-LTP but not PP-LTP and while MF short-term plasticity and FSK-induced potentiation were not altered in Adcy1 KO mice (Villacres et al., 1998; Table 1), this effect could have still been mediated by other AC isoforms, being that FSK is not a selective AC1 agonist. Last, immunolabeling of AC1 in the hippocampus revealed it to be enriched in the hilus and mossy fibers (Conti et al., 2007), implying that AC1 is preferentially trafficked to MF synaptic domains.
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FIGURE 2. Expression of AC isoforms across hippocampal sub-regions. (A) Distribution pattern of the ten AC isoforms in the hippocampus of adult mice following in situ hybridization (Lein et al., 2007). (B) A heat map showing the relative mRNA expression levels of Adcy isoforms 1–9 across different hippocampal sub-regions. fpkm—fragments per kilobase of transcript per million mapped reads (Cembrowski et al., 2016). (C) as in (B), a heat map showing relative Adcy isoform 1–9 mRNA expression levels for the main cell clusters across several central brain regions. The right-most column specifies for which cell clusters evidence supports the existence of presynaptic LTP (Saunders et al., 2018). Data in (A) were adapted from the Allen institutes ISH brain atlas (http://mouse.brain-map.org/), data in (B) were adapted from hipposeq.janelia.org/and data in (C) were adapted from Dropviz.org.



TABLE 1. The effects of manipulation of proteins on hippocampal mossy fiber synaptic plasticity.
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Together, these observations suggest that AC1 is the dominant isoform mediating Ca2+ dependent increases, or mGluR2/3-dependent decreases in cAMP levels, to control MF synaptic plasticity. Interestingly, the distribution of AC1 mRNA across brain regions reveals strong correlation between cell types in which Adcy1 is enriched, with such synapses having been previously shown to express a presynaptic form of LTP (Figure 2C). This correlation can potentially support the notion that shared molecular mechanisms, driven by up-stream AC1 activation, underlies presynaptic LTP across cell types. In the hippocampus, this conjuncture could apply to neurons of the CA2 sub-region, in which Adcy1 is also enriched. While previous studies suggested that CA2 neurons do not display any form of postsynaptic plasticity (Zhao et al., 2007), the nature of the presynaptic mechanisms at play in their synapses onto CA1 neurons, corresponding to their principal output (Kohara et al., 2014), have not yet been investigated. Further experiments are required to determine whether cAMP- and PKA-dependent presynaptic LTP can also be induced there, and if so, one can ask what sort of functional relevance this might have on information processing in this pathway.

In addition to the Ca2+-mediated activation of AC1, increased cAMP levels could also potentially arise from direct activation of AC2 and AC9 through the alpha subunit of Gs protein-coupled receptors (Hanoune and Defer, 2001), such as group 1 serotonin receptors (Hamblin et al., 1998), the beta sub-class of noradrenaline receptors (Johnson, 2006) and dopamine D1-like receptors (Girault and Greengard, 2004). In contrast, other Gi protein-coupled neuromodulator receptors, such as group 1 and 5 serotonin receptors, the alpha2 sub-class of noradrenergic receptors and the dopamine D2 receptor, would have an opposite effect on cAMP production, potentially supporting MF-LTD. It has previously been shown that neuromodulators can indeed exert effects on MF synaptic transmission in various manners (Yang and Calakos, 2013; Nozaki et al., 2016; Kobayashi et al., 2020). This contradictory mode of action of different receptors in response to the same ligand and their differential expression patterns across hippocampal sub-regions make it difficult to determine what would be the net effect of each receptor on synaptic transmission and plasticity. In addition, it has yet to be shown where these receptors are trafficked within the cells and whether they are enriched in presynaptic domains. Such knowledge is essential for determining whether neuromodulators could have a direct effect on neurotransmitter release at the MF-CA3 synapse, or whether the observed effects of neuromodulator application during recordings arise from changes in DGC somatic excitability or from various influences on CA3 postsynaptic domains. The use of specific cAMP sensors (Odaka et al., 2014; Harada et al., 2017; Ohta et al., 2018; Linghu et al., 2020) that can be targeted to the synapse will allow characterization of the spatiotemporal distribution of cMAP and can clarify the above debates.



MOLECULAR MECHANISMS OF PROTEIN KINASE A-DEPENDENT MOSSY FIBERS PLASTICITY

As mentioned above, MF-LTP depends on cAMP levels, with this effect having largely been attributed to downstream activation of PKA. This assessment was further supported by the observation that LTP is absent following KO of the PKA catalytic subunit-encoding gene (Huang et al., 1995) and that application of KT5720, a selective blocker of the PKA catalytic subunit, prevents MF-LTP (Weisskopf et al., 1994). In addition, it was suggested that FSK-induced potentiation interacts with LTP, as the two processes were shown to mutually occlude one another (Weisskopf et al., 1994). These findings led to the suggestion that activation of PKA is an essential step in MF-LTP. Accordingly, research conducted in recent decades identified several putative synaptic PKA targets thought to be involved in cAMP-dependent synaptic plasticity at MF synapses. These include RAB3a-interacting molecule 1a (RIM1a) and rabphilin, both acting through the vesicular GTPase Ras-related protein Rab-3A (RAB3a) (Takai et al., 1996; Wang et al., 2001), as well as synapsin (Bykhovskaia, 2011), synaptotagmin-12 (Maximov et al., 2007), and tomosyn-1 (Ashery et al., 2009). The involvement of these proteins in cAMP-dependent plasticity was mainly studied by examining the effects of deletion or mutations in each of the encoding genes on short-term plasticity (STP), FSK-induced potentiation, LTP and LTD (Table 1 and Figure 3).
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FIGURE 3. cAMP cascades and cAMP-dependent synaptic plasticity in the MF synapse. (A) Cascades of activation of cAMP, PKA, and Epac2 in the MF terminal. A train of action potentials arriving at the MF synapse triggers a calcium influx through voltage-dependent calcium channels and subsequent activation of CaM that activates cAMP synthesis by AC1. AC1 acts on PKA or Epac2 to up regulate synaptic transmission (dashed green arrows between vesicles). Application of FSK activates both AC1 and AC2 and elevates cAMP. AC2 is also activated by PKC following the activation by a G-coupled protein. Application of DCG-IV, an agonist to mGluR2/3, leads to inhibition of AC1. Green arrows: activation, red arrow: inhibition, blue arrows: application of pharmacological reagents. (B) Downstream PKA cascades and their relation to synaptic plasticity. PKA activity is dependent on the anchoring protein AKAP7, and is inhibited by the negative regulator PKAα. PKA, in turn, phosphorylates multiple proteins including synapsin, rabphilin, tomosyn-1, synaptotagmin12 (Syt12) and RIM1a. Of these, deletion of synapsin and rabphilin does not impair MF synaptic plasticity. Ablation of RAB3A, although not a direct PKA target, and RIM1a abolishes MF-LTP but does not affect STP and FSK-induced potentiation (FIP). Synaptotagmin-12 KO abolishes MF-LTP and impairs FSK-induced potentiation but do not affect STP, while deletion of tomosyn-1 abolishes MF-LTP, impairs FSK-induced potentiation and also affects STP. Epac2 manipulation also abolishes LTP and impairs FSK-induced potentiation. STP- short-term potentiation, LTP- long-term potentiation, FIP- FSK-induced potentiation. Orange arrow represent PKA-independent pathway, Green arrows shades represent different pathways.


Earlier efforts paid substantial attention to the small vesicular GTPase RAB3a, which is seemingly involved in vesicle mobilization and fusion (Geppert et al., 1997; Lonart and Südhof, 1998). While RAB3a is not considered a putative PKA target, it is known to be regulated by other PKA targets, such as RIM1a and rabphilin and has, therefore, been linked to the PKA-mediated cascade. RAB3a KO was shown to block LTP, impair LTD formation in MF synapse and led to memory impairment (D’Adamo et al., 2004), although neither STP nor FSK-induced potentiation were affected (Castillo et al., 1997). These effects were thought to be the result of an enhanced effect of Ca2+ on the secretory apparatus (Lonart et al., 1998), although the precise mechanism involved was not identified.

RIM1a is an active zone protein and putative PKA target (Wang et al., 1997; Castillo et al., 2002; Lonart et al., 2003). Similar to what was seen in the absence of RAB3a, KO of RIM1a also prevented MF-LTP but not FSK-induced potentiation or STP (Castillo et al., 2002; Figure 3 and Table 1), suggesting a direct link between PKA, RIM1a, RAB3a, and MF-LTP. However, this effect appears to be PKA-independent, as RIM1aS413A, an isoform that carries a point mutation preventing RIM1a phosphorylation by PKA, was found to have no impact on either short- or long-term plasticity, nor on behavior (Kaeser et al., 2008). Hence, despite the dependence of LTP on RIM1a, the link through PKA is less defined and suggests that PKA operates either through a different mechanism, or via yet another unidentified parallel pathway/s.

Rabphilin, another RAB3a effector, regulates vesicle priming through interactions with RAB3a and the SNARE protein SNAP-25, with the former occurring in a GTP-dependent manner (Tsuboi and Fukuda, 2005; Deák et al., 2006). Rabphilin was found to be phosphorylated following application of FSK in the MF but not in the SC synapse (Lonart and Südhof, 1998), highlighting that significant differences exist in the molecular mechanisms underlying synaptic plasticity between these different hippocampal regions. However, KO of the rph3a gene encoding for rabphilin did not change either short-term facilitation or MF-LTP at the MF terminal (Schlüter et al., 1999; Figure 3 and Table 1).

In addition to the RAB3a cascade, synapsin was considered as another candidate PKA downstream effector. Synapsins are among the most abundant synaptic proteins that are known to be phosphorylated by PKA, and are involved in both synaptic transmission and plasticity (De Camilli and Greengard, 1986; Gitler et al., 2004). Accordingly, synapsins were one of the first synaptic protein families to be examined as targets for cAMP and PKA-dependent plasticity at the MF. Synapsin binds synaptic vesicles and tethers them to the cytoskeleton, yet can release these vesicles following phosphorylation by PKA, enabling their translocation to the active zone in preparation for exocytosis (De Camilli et al., 1983; Spillane et al., 1995). A triple KO of all three synapsin isoform-encoding genes led to impaired plasticity in primary hippocampal neuronal cultures, with such changes being associated with PKA activity (Cheng et al., 2018). However, in the MF pathway of acute hippocampal slices, a double KO of the syn1 and syn2 genes, encoding the main isoforms expressed in CNS neurons, did not alter cAMP-dependent LTP or FSK-induced potentiation (Figure 3B and Table 1; Spillane et al., 1995). While further research is required to reconcile these contradicting results, these findings suggest that phosphorylation of synapsin1 and synapsin2 by PKA is unlikely to be required for cAMP-dependent MF synaptic plasticity.

More recent studies have examined other synaptic proteins thought to be involved in PKA-dependent LTP at the MF synapse. Synaptotagmin-12 differs from other synaptotagmins in that it does not bind Ca2+ (Wolfes and Dean, 2020). However, synaptotagmin-12 is phosphorylated by PKA and is involved in the regulation of synaptic vesicles fusion and Pr (Maximov et al., 2007). Synaptotagmin-12S97A mutant mice, in which the site of PKA-mediated phosphorylation was mutated, displayed impaired MF-LTP and FSK-induced potentiation, although their STP remained unaltered (Kaeser-Woo et al., 2013). Consequently, synaptotagmin-12 can be regarded as the first protein shown to affect both LTP and FSK-induced potentiation in a PKA-dependent manner.

Tomosyn is a PKA-dependent negative regulator of Pr and its over-expression leads to an inhibition of vesicle priming, while knockdown, knockout, or mutations in the tomosyn-1-encoding gene led to an enhancement of vesicle fusion (Yizhar et al., 2004; Chevlet et al., 2006; Gracheva et al., 2006; McEwen et al., 2006; Ben-Simon et al., 2015). Tomosyn-1, which was shown to be enriched in the MF pathway (Barak et al., 2010, 2013), can be phosphorylated by PKA at Ser-724 (Baba et al., 2005) and its acute down-regulation in the MF synapse leads to reductions in both LTP and FSK-induced potentiation (Ben-Simon et al., 2015). Interestingly, this manipulation also strongly reduced MF facilitation and STP. These effects are likely the result of an increase in the basal Pr following down-regulation of tomosyn-1, which also led to occlusion of both potentiation and facilitation. Although acute KD of tomosyn reduced both LTP and FSK-induced potentiation (Ben-Simon et al., 2015), a direct link between PKA-driven tomosyn-1 phosphorylation and synaptic plasticity has yet to be demonstrated.

Although FSK-induced potentiation and MF-LTP are thought to be interlinked and are driven by cAMP elevation (Weisskopf et al., 1994), deletion of most PKA-dependent synaptic proteins abolished only MF-LTP and not FSK-induced potentiation. This could suggest the presence of additional parallel cAMP-dependent pathways that are not fully PKA-dependent. It is also possible that high frequency stimulation-induced LTP and FSK affect downstream events with different cAMP-mediated dynamics, which would differently affect MF-LTP and FSK-induced potentiation. However, the same does not apply to the loss of synaptic proteins, such as of tomosyn-1 or synaptotagmin-12, which impaired both MF-LTP and FSK-induced potentiation (Kaeser-Woo et al., 2013; Ben-Simon et al., 2015). It is reasonable to assume that the impact of the loss of tomosyn-1 on MF-LTP and FSK-induced potentiation can be explained through an increase in basal Pr that is further translated into a reduction in synaptic potentiation. What is clear is that further studies are needed to characterize the exact contributions of these and other synaptic proteins and pathways to the cAMP dependent plasticity of the MF.

Additional proteins that interact with PKA, like PKAα and AKAP7, have also been shown to affect MF plasticity. PKAα is a PKA inhibitor whose activity decreases following synaptic stimulation, leading to a relief of PKA inhibition during neuronal activity. Moreover, blocking this pathway with anti-sense oligonucleotides to PKAα resulted in elimination of MF-LTP in the synapse (De Lecea et al., 1998). AKAP7 is a PKA-anchoring protein also essential for the function of PKA. Ablation of AKAP7 results in even more pronounced effects than those seen with PKAα inhibition, specifically, not only the elimination of MF-LTP but also various measurable behavioral deficits (Huang et al., 1995; Jones et al., 2016; Figure 3B and Table 1).



CYCLIC ADENOSINE MONOPHOSPHATE AND RESTRUCTURING OF SYNAPTIC RELEASE SITES

Recent results obtained with isolated MF terminals indicate that cAMP can directly affect Pr via regulation of Ca2+ signaling (Midorikawa and Sakaba, 2017; Fukaya et al., 2021). Applying cAMP to isolated MF terminals increased Pr, although the number of vesicles in the readily releasable pool and replenishment of this pool following depletion remained unchanged. It has been suggested that this increase in Pr is associated with changes in the physical coupling between of P/Q-type Ca2+ channels and readily releasable vesicles (Midorikawa and Sakaba, 2017), which can alter the synaptic properties at the terminal (Bucurenciu et al., 2008; Vyleta and Jonas, 2014). As such, following an action potential, Ca2+ concentrations near release sites are expected to be higher, thereby leading to synaptic potentiation. Such molecular rearrangements were recently shown to occur within 5–10 min following FSK application (Fukaya et al., 2021).

A recent paper showed that FSK-induced potentiation was associated with fast remodeling of MF synapse presynaptic ultrastructure. However, the distance between P/Q-type calcium channels and Munc13–1 as a proxy for the release machinery was not altered and was found to be 65 nm (Orlando et al., 2021). On the other hand, FSK-induced potentiation was associated with synaptic vesicle accumulation at active zones, increases in the numbers of docked and tethered vesicles and an overall increase in the number of active AZs. In addition, vesicles were more dispersed, possibly mediated by PKA phosphorylation of synapsin (Sihra et al., 1989; Pechstein et al., 2020), allowing for the mobilization of vesicles into the readily releasable vesicle pool. A similar increase in the number of docked vesicles was recently suggested to take place following high-frequency stimulation of MF synapses (Vandael et al., 2020) and was referred as a “pool engram,” enabling post-tetanic potentiation. Reorganization of active zone and changes in the recycling vesicle pool also occurs after FSK-induced LTP at CA3-CA1 synapses and might represent a basic mechanism of presynaptic LTP in central synaptic synapses (Rey et al., 2020) and in the Drosophila neuromuscular junction (Weyhersmüller et al., 2011). Such processes are likely to be mediated by AZ proteins, such as RIM1a that interacts with Munnc13–1, or Rab3A together with calcium channels (Betz et al., 2001; Schoch et al., 2002; Han et al., 2011; Kaeser et al., 2011; Eggermann et al., 2012), via RIM-BP2 that stabilizes Munc13-1 protein clusters at MF AZs channels (Brockmann et al., 2019), or via synapsin phosphorylation. However, as mentioned above, PKA-mediated phosphorylation of RIM1a was shown to have no effect on MF synaptic transmission (Kaeser et al., 2008), while synapsin KO had no effect on MF-LTP. Additional super-resolution microscopy methods that can inspect organizational changes at the 10–20 nm range can resolve how the release machinery, AZ and calcium channels are restructured following elevations in cAMP levels.



ALTERNATIVE CYCLIC ADENOSINE MONOPHOSPHATE TARGETS

PKA is considered by many to be a master regulator of synaptic plasticity in the hippocampal MF synapse, as well as in many other synapses (Waltereit and Weller, 2003). Consequently, other than the intensive studies conducted on the involvement of PKA targets in MF-LTP, only few studies have considered other possible cAMP-dependent pathways. One such example is a study that linked Epac2, a member of a family of cAMP-dependent guanine nucleotide exchange proteins (GEFs), to synaptic plasticity at the MF synapse (Fernandes et al., 2015). The two cAMP-dependent GEFs, Epac1, and Epac2 (encoded by the Rapgef3 and Rapgef4 genes, respectively), were linked to several cAMP-dependent processes (Gloerich and Bos, 2010), and it was further suggested that these proteins are relevant to synaptic plasticity processes (De Rooij et al., 1998; Kawasaki et al., 1998; Fernandes et al., 2015). Epac was shown to activate a MAP-kinase called p38 (Figure 4) in cerebellar and hippocampal neurons and this was correlated with modulation of neuronal excitability (Ster et al., 2007, 2009). In a separate study, several experiments have demonstrated that blocking Epac2 signaling led to reduced levels of p38 phosphorylation (Emery et al., 2014). This suggests that Epac2 responds to cAMP by activating ERK and the small GTPase Rap, as well as its downstream kinase p38-MAPK, thereby bypassing the canonical PKA cascade (Figure 4). Epac2 plays a crucial role in MF-LTP, as KO of the encoding gene led to deficits in MF-LTP and impaired FSK-induced potentiation without affecting basal synaptic properties, as measured by changes in STP (Fernandes et al., 2015; Figure 3B and Table 1).


[image: image]

FIGURE 4. Model of molecular mechanisms of cAMP-dependent LTP. Three cAMP-dependent effectors, Epac, PKA, and Rapgef2, give rise to three parallel molecular pathways. Each of the three cAMP-dependent molecular pathways include a transcription factor that upon activation leads to long-term effects on gene regulation that support synaptic plasticity.


More recently, an additional member of the RAPGEF family, RapGEF2, was hypothesized to participate in neuronal and synaptic processes. Due to its unconventional cAMP-binding motif, RapGEF2 was long considered not to be a cAMP sensor (Liao et al., 1999; Kuiperij et al., 2003; Kannan et al., 2007). However, more recent studies have shown that a specific RAPGEF2 isoform expressed exclusively in neurons and endocrine cells, termed NCS-Rapgef2, can phosphorylate ERK in a cAMP-dependent manner in these cells (Emery et al., 2013; Figure 4). In neurons, this observed effect was modulated by activation of the dopamine receptor D1 (DRD1), potentially modulating postsynaptic sensitivity in response to dopamine release as well as in a dopamine receptor D1 (DRD1)-dependent manner (Jiang et al., 2017). In addition, KO of NCS-Rapgef2 in DRD1+ medium spiny neurons (MSN) of the nucleus accumbens was shown to have behavioral consequences, resulting in impairments in cocaine-induced locomotor sensitization (CILS) and in conditioned place preference (Jiang et al., 2021). Interestingly, CILS was previously shown to require ERK-dependent DRD1-MSN neuroplasticity (Ferguson et al., 2006; Girault et al., 2007), further supporting the contribution of ERK-dependent pathways and the possible involvement of NCS-RAPGEF2 in neuroplasticity. Still, the involvement of NCS-Rapgef2 in presynaptic plasticity has yet to demonstrated.

Based on current understanding, we can assume the existence of at least three main cAMP-dependent molecular pathways relevant to synaptic plasticity. These can be described according to the proteins directly activated by cAMP, and by the principal kinases or RAPGEFs downstream of these proteins, which execute many of the regulatory functions ascribed to their respective pathways. The three principal pathways are PKA → CREB, Epac → p38 and Rapgef2 → Erk (Figure 4). These pathways can work independently but can also interact and influence one another (Emery et al., 2014, 2016, 2017). Lastly, these molecular pathways can activate plasticity processes that differ in several aspects, such as the locus of plastic changes (e.g., pre- vs. postsynaptic plasticity), resistance to pharmacological compounds, and even associated behavioral processes (Morozov et al., 2003; Fernandes et al., 2015).



CONCLUSION

In summary, the presynaptic forms of LTP and LTD that transpire in the hippocampal MF-CA3 synapse are thought to depend on cAMP-PKA-dependent cascades. Various synaptic proteins have been linked to these cascades, and manipulations of several of these proteins, such as RAB3a, RIM1a, synaptotagmin-12, and tomosyn-1, are crucial for signaling along these cascades. Interestingly, manipulations of these proteins mostly impact MF-LTP formation and only in some cases, FSK-induced potentiation or STP. This indicates the strong possibility of the existence of several parallel cAMP-dependent cascades, which are still only partially understood. Mechanistically, elevation of cAMP in the MF synapse involves the rearrangement of synaptic vesicles near release sites and the clustering of calcium channels near the release machinery, which lead to synaptic potentiation. Adopting additional methods that can detect nanometric-level organizational changes in the AZ will help resolve how the release machinery is restructured following elevation in cAMP with more detail. Such changes in synaptic plasticity can be mediated via other PKA targets or via non-canonical PKA-independent but cAMP-dependent pathways, like those involving the RAPGEF family of proteins. Combinations of cell type-specific manipulation of specific proteins, along with synapse-specific manipulation of cAMP by either optogenetic or pharmacogenetic approaches, as well as the ability to measure cAMP levels in response to natural stimulation patterns, will allow a more detailed understanding of the relationship between cAMP and synaptic plasticity at the MF synapse. Such findings could potentially be extrapolated to other synapses, which bear similar physiological hallmarks, to expand our understanding of the links between cellular transcriptomics, synaptic physiology and behavior.
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Presynaptic Ca2+ regulation is critical for accurate neurotransmitter release, vesicle reloading of release sites, and plastic changes in response to electrical activity. One of the main players in the regulation of cytosolic Ca2+ in nerve terminals is mitochondria, which control the size and spread of the Ca2+ wave during sustained electrical activity. However, the role of mitochondria in Ca2+ signaling during high-frequency short bursts of action potentials (APs) is not well known. Here, we studied spatial and temporal relationships between mitochondrial Ca2+ (mCa2+) and exocytosis by live imaging and electrophysiology in adult motor nerve terminals of transgenic mice expressing synaptophysin-pHluorin (SypHy). Our results show that hot spots of exocytosis and mitochondria are organized in subsynaptic functional regions and that mitochondria start to uptake Ca2+ after a few APs. We also show that mitochondria contribute to the regulation of the mode of fusion (synchronous and asynchronous) and the kinetics of release and replenishment of the readily releasable pool (RRP) of vesicles. We propose that mitochondria modulate the timing and reliability of neurotransmission in motor nerve terminals during brief AP trains.
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INTRODUCTION

Synapses can broadly modulate their responses according to the pattern of the stimuli they receive, which has important consequences for information processing. Short-term synaptic plasticity is mostly presynaptic, and multiple mechanisms enhance or depress the synaptic output. Presynaptic Ca2+ is one of the main determinants of plasticity as it regulates exocytosis, endocytosis, and synaptic vesicle mobilization (Wu et al., 2014; Chamberland and Tóth, 2016; Leitz and Kavalali, 2016). For example, different electrical stimulation patterns generate distinct spatio-temporal increases in intracellular Ca2+ concentration [(Ca2+)i], which, in turn, determine the number and timing of vesicle fusions. Among the multiple modes of neurotransmitter release, spontaneous, phasic, and asynchronous, the last two are action potential (AP) dependent. Phasic (synchronous) release is triggered by the arrival of one or more AP to the nerve terminal and the subsequent rapid and transient influx of Ca2+ through voltage-gated calcium channels in active zones (AZ), which produces the fusion of primed synaptic vesicles with the plasma membrane on a submillisecond time scale. Following the fusion of vesicles, the AZs reorganize, and new vesicles are recruited and docked to the release sites so that neurotransmission can continue efficiently. Asynchronous release occurs during and after a stimulation train due to the accumulation of Ca2+ (residual Ca2+) at release sites (Atluri and Regehr, 1998).

The large capacity of mitochondria to sequester and release Ca2+ is essential in many cell types to maintain Ca2+ homeostasis for different functions, from muscle contraction to secretion (Pallafacchina et al., 2021). In nerve cells, mitochondria are highly sensitive to increases in cytosolic [Ca2+] (Chouhan et al., 2010; Ashrafi et al., 2019; Lopez-Manzaneda et al., 2021), making them good candidates to regulate synaptic activity and plasticity (MacAskill et al., 2010; Harris et al., 2012; Yang et al., 2021). Mitochondria have been shown to participate in the regulation of synchronous and asynchronous neurotransmitter release during an intense neuronal activity at motor nerve terminals (Tang and Zucker, 1997; David and Barrett, 2000, 2003; Talbot et al., 2003; Mironov and Symonchuk, 2006). However, the role of mitochondrial Ca2+ uptake in secretion properties during short-duration high-frequency AP bursts at mouse motor nerve terminals remained to be investigated.

Here, we used combined simultaneous real-time measurement of mitochondrial Ca2+ (mCa2+) and exo-endocytosis to analyze the spatial and temporal relationships between release sites and mCa2+ uptake during electrical nerve activity. Furthermore, intracellular synaptic potential recordings were used to examine the effects of inhibiting mCa2+ uptake by carbonyl cyanide m-chlorophenylhydrazone (CCCP) on synaptic transmission. We found that mitochondria participate in establishing synaptic properties even during short bursts of AP.



MATERIAL AND METHODS


Animal Model

We generated an FVB/NJ mouse line that expressed the Synaptophysin-pHluorin (SypHy) protein endogenously in neurons under the Thy1.2 promoter1. SypHy mice appeared normal in size, weight, and behavior, and the morphology and functionality of their motor nerve terminals were indistinguishable from SypHy negative mice. The recordings were made in adult mice (2–3 months old). All experiments were carried out according to the guidelines of the Directive of the European Council for Laboratory Animal Care and the Animal Care and Ethics Committee of the University of Seville.



Acute Neuromuscular Preparation

Mice were killed with 100% CO2. The levator auris longus (LAL) muscle, a fast-twitch muscle located in the rear part of the neck (Ojeda et al., 2020), was dissected as previously described (Tejero et al., 2016). The neuromuscular preparations were superfused with a solution of the following composition (in mM): NaCl 135, KCl 4, CaCl2 2, MgCl2 1, NaHCO3 15, NaH2PO4 0.33, and glucose 10. The solution was continuously gassed with 95% O2 and 5% CO2.



Mitochondrial Calcium Probe Loading

For mitochondrial calcium measurements, we used the membrane-permeable Rhod-2 AM probe (Thermo Fisher, R1245MP, Spain). The acetoxymethyl ester (AM) form is preferentially restricted to mitochondria because of its net positive charge. Rhod-2 is a single wavelength Ca2+ indicator with a maximum absorption/emission wavelength of ~557/581 nm and a KD of ~570 nM. As described before (Lopez-Manzaneda et al., 2021), the probe was dissolved in dimethylsulfoxide (DMSO) and diluted to a final concentration of 5 μM in the solution that perfused the neuromuscular preparation. The preparation was incubated with the probe for 30 min at room temperature. After incubation, the preparation was washed with the physiological solution in the absence of the probe for 30 min at 28°C–32°C.



Live Imaging and Analysis

The nerve was stimulated using a suction electrode. Action potentials were elicited by square wave pulses of 0.15 ms duration and 2–10 mV amplitude at variable frequencies (20–100 Hz) and train durations (1–20 s)using an isolated pulse stimulator (A-M Systems, mo. 2100, USA). Muscle contractions were prevented by adding 10 μM D-tubocurarine (Sigma-Aldrich, T2379, Spain) to the bath solution. Intervals between trains were always ≥10 min unless otherwise stated to allow complete recovery of terminal resting values. Experiments were conducted at 28–32°C using a temperature controller (TC-344B) connected to a thermistor (SF-28 SloFlo, Warner Instruments, USA). Exo-endocytosis (SypHy) and mCa2+ (Rhod-2) images were acquired and analyzed similarly. SypHy and Rhod-2 were excited with a 488 nm laser line. The different emission signals were captured separately using a 525/50 nm emission filter for the SypHy signal and a 617/73 nm emission filter for the Rhod-2 signal. Both fluorescence signals were monitored with a Yokogawa CSU-X1 spinning disk system (3i, Germany) mounted on an upright BX61WI microscope (Olympus, Spain) equipped with a water-immersion LUMPlanFI objective (x60, NA: 0.9). The images were captured using an EM-CCD camera C9100-13 (Hamamatsu, Spain) with an effective number of pixels of 512(H) × 512(V) and a pixel size of 16 × 16 μm. The images were acquired up to four frames per second with commercial software (SlideBookTM 5.0, 3i, Germany), only in the best focus plane since the 3D simultaneous acquisition was not possible given the low fluorescent intensity of SypHy and the fast rise of the Rhod-2 signals.

Before analysis, images were aligned using the automatic routine of the Slidebook program. Images were exported to FIJI (ImageJ) and split into two separate channels. The regions of interest (ROI) were outlined with a threshold-based macro routine, and the data were exported to Microsoft Office Excel. The fluorescence intensity of each ROI was corrected by subtracting the mean background level in the corresponding channel. Fluorescence intensity values were plotted vs. time to calculate different parameters. Correction for time-dependent loss of the SypHy signal, primarily due to photobleaching, was performed by subtracting the exponential fits of the resting-state fluorescence before and after recovery from the stimuli. Although each ROI was analyzed individually, the characteristics of the different ROI responses of the same nerve terminal were usually similar and thus averaged together for plotting the mean response (Figure 1C). Baseline fluorescence (Fbasal) was measured as the average fluorescence in ROIs before the stimulus (at least 10 frames). The change in fluorescence was expressed as ΔF (ΔF = F − Fbasal) or normalized to the baseline (ΔF/Fbasal). For mCa2+ (Rhod-2), the rise time was calculated as the time from 10 to 90% of the maximum fluorescence, and the decay time was calculated as the time required for the signal to return to half of its maximum value (t1/2). For the colocalization analysis between Rhod-2 and SypHy fluorescence signals, the JACoP (Bolte and Cordelières, 2006) plugin was used.
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FIGURE 1. Simultaneous recording of hot spots of exocytosis and mCa2+ in a single nerve terminal. (A) Representative example of SypHy (left) and Rhod-2 (right) fluorescence signals recorded from a nerve terminal at the end of a 10 s stimulation train at 50 Hz. Calibration bar: 10 μm. (B) 3D intensity plots of the same terminal before, during stimulation (after 50 and 500 AP), and after stimulation. The dotted line partially displays the boundary of the terminal. (C) Mean intensity changes of SypHy (left graph) and Rhod-2 (right graph) vs. time at the terminal in (A). Horizontal lines show the start and end of the stimulation train.





Electrophysiology

The nerve was stimulated using a suction electrode. Action potentials were elicited by square wave pulses of 0.15 ms duration and 2–10 mV amplitude. A glass microelectrode (10–20 MΩ) filled with 3 M KCl was connected to an intracellular recording amplifier (TEC-05X; npi electronic, Germany) and used to impale single muscle fibers near the motor nerve endings. Evoked EPP and mEPP were recorded at room temperature (22°C–23°C), as previously described (Lopez-Manzaneda et al., 2021). Muscle contractions were prevented by including in the bath 2 μM μ-conotoxin GIIIB (Alomone Laboratories, C-270, Israel), a specific blocker of voltage-gated sodium channels in skeletal muscle. The recordings were sampled at 20 kHz, the mean amplitudes of the EPP and mEPP normalized to a resting membrane potential of −70 mV, and the EPP was corrected for nonlinear summation (McLachlan and Martin, 1981). Quantum content (m) was estimated by the direct method, which consists of recording mEPPs and EPPs (nerve stimulation 0.5 Hz) simultaneously and then calculating the ratio: m = Average EPP amplitude/Average mEPP amplitude. During a high-frequency train, m was estimated by calculating the ratio between each EPP and the average amplitude of the mEPPs for each experimental condition. To estimate the size of the RRP, m values during a train were plotted against time and fitted to a sequential model, as previously described (Ruiz et al., 2011). Briefly, the model assumes that quanta release on the stimulus came from the RRP, which subsequently was depleted along an exponential time course. The model also states that the recruitment process began after the first stimulus and rose sigmoidally to the plateau level as the original RRP became depleted. Then, we fitted the entire observed curve of quantal content along the train (m (t)) with two functions: a declining exponential plus a rising sigmoid, representing the contribution of the depletion of the RRP and the recruited vesicles, respectively: m (t) = A*exp(−t/B) + C/(1 + exp(−(t − D)/E)), where A represents initial m; B, time constant of RRP depletion; C, mean amplitude of the plateau; D, half-time of refilling; and E, steepness of the refilling time course. We constrained the sigmoid to start at zero. Integration of the first exponential gives the size of the RRP.

The mitochondrial membrane potential (ψm) was depolarized with the protonophore carbonyl cyanide m-chlorophenylhydrazone (CCCP, 0.5–2 μM, Sigma-Aldrich C2759, Spain), which inhibits complex III of the electron transport chain preventing mCa2+ uptake and mitochondrial ATP synthesis. Mitochondrial complex V was inhibited with oligomycin (5 mg/ml, Sigma-Aldrich, Spain, O4876) to minimize ATP hydrolysis and partial ψm depolarization (David et al., 1998; David and Barrett, 2000). When possible, the same fiber was first recorded in the absence of drugs (control), then with oligomycin alone (after 20–30 min of incubation), and finally with oligomycin plus CCCP. The addition of oligomycin alone did not affect the amplitude or frequency of mEPPs compared to the control. The exposition time to CCCP was restricted to a maximum of 20–30 min to minimize the possible effects of decreasing/interrupting the oxidative ATP synthesis.

Asynchronous release during 50 Hz trains was estimated by counting the events between the second half of the inter-stimulus interval and multiplying by two since asynchronous events during the evoked responses could not be detected accurately (Talbot et al., 2003). However, in CCCP, when the frequency of mEPP became too high to be resolved, we calculated the area under the baseline elevation after correcting for nonlinear summation and divided by the pretrain averaged mEPP area, as previously described (Van der Kloot, 1990; David et al., 2003). Asynchronous release peak rates were calculated as the mean number of asynchronous events during the last 60 ms of 1-s trains and expressed per millisecond.

The probability of release for synchronous release upon the first shock of a stimulation train was calculated as the ratio of initial m vs. the estimated RRP size.



Statistical Analysis

Statistical analysis of the imaging and electrophysiological data was performed using GraphPad Prism 5 (GraphPad Software). All values mentioned in the text and represented in the graphs are averages ± standard errors of the mean (SEM) unless otherwise stated. Parametric statistics were used whenever possible. The assumption of homogeneity of variances was assessed with the Levene test, using α = 0.05 as the cutoff. The Kruskal-Wallis rank-sum test was used when the distribution was not normal, followed by the post hoc Dunns multiple comparison test.

Given that the number of nerve terminals analyzed per condition was typically six, each terminal was treated as statistically independent. The results were considered statistically different when the P-value was <0.05. Data in parentheses (n, N): n, the number of nerve terminals (imaging experiments) or muscle fibers (electrophysiological experiments) per group; N, the number of mice per group. All reported experiments include the results of at least three animals per condition.




RESULTS


Spatio-Temporal Relationship Between Exocytosis and mCa2+ Uptake

We simultaneously monitored mCa2+ with Rhod-2 AM and exo-endocytosis in adult transgenic mice expressing synaptophysin-pHluorin (SypHy; Lopez-Manzaneda et al., 2021). The acetoxymethyl (AM) ester group of Rhod-2, which facilitates its uptake, is removed by intracellular esterases, resulting in the selective accumulation of the calcium dye within mitochondria (David et al., 1998; Talbot et al., 2003).

Figures 1A,B show 2D and 3D images, respectively, for Syphy and mCa2+ signals in a representative nerve terminal, stimulated with a 500 AP train (50 Hz). The surface intensity plots of the SypHy signal (Figure 1B, green channel, left column) displayed multiple peaks distributed along the terminal surface, which amplitudes increased upon stimulation, especially in certain regions, which represent hot spots of exocytosis (Wu and Betz, 1999; Tabares et al., 2007; Gaffield et al., 2009; Cano et al., 2012; Lopez-Manzaneda et al., 2021), and remain stable with repeated trains (Tabares et al., 2007).

The time course of the SypHy increase was relatively slow. Figure 1B, second and third panels, shows the fluorescence increase, representing the excess of exocytosis over endocytosis, at 1 s (50 AP) and 10 s (500 AP) of the stimulation. When stimulation ceased, fluorescence decreased to the base level (lower panel) due to the endocytosis-reacidification process (Sankaranarayanan et al., 2000). Figure 1C (left graph) shows the average change in SypHy fluorescence vs. time at this terminal. The amplitude of the signal and the time constant of endocytosis (~7 s) were similar to what has previously been described in this synapse (Cano et al., 2012; Cano and Tabares, 2016).

Similarly, the mCa2+ signal was distributed along the terminal surface, although its rising kinetics was much faster (Figure 1B, right column and Figure 1C, right graph) than the SypHy signal. The mCa2+ signal stayed high (plateau) during the stimulation train (second and third panels). The plateau represents the dynamic equilibrium between Ca2+ uptake, reversible formation of Ca2+-phosphate complexes, and Ca2+ efflux (Gunter and Sheu, 2009). After stimulation, the signal slowly returned to the basal level, indicating mCa2+ release to the cytosol, a process mainly driven by the mitochondrial Na+/Ca2+ exchanger. The average rise time was 1.07 ± 0.21 s, and the decay half-time was 17.67 ± 2.38 s (n = 6), which is consistent with previous measurements from presynaptic mitochondria of postnatal mouse motor nerve terminals (Lopez-Manzaneda et al., 2021). The slow release of Ca2+ from mitochondria has been shown to transitorily elevate cytosolic Ca2+ and promote post-tetanic potentiation at the mouse and crayfish motor nerve terminals (Tang and Zucker, 1997; García-Chacón et al., 2006) and at hippocampal mossy fiber synapses (Lee et al., 2007). In our recordings, Ca2+ efflux from mitochondria was slower than the endocytosis time course. Then, it would be of interest to determine in future studies whether mCa2+ release participates in the regulation of endocytosis.



Estimation of Inter-distances Between Mitochondria and Exocytosis Hot Spots by Quantitative Spatial Analysis

We performed an object-based approach analysis (Bolte and Cordelières, 2006) to examine the spatial relationship between mitochondria and exocytosis hot spots. The procedure was as follows: First, the maximum increase in fluorescence (ΔFexo and ΔFmCa2+) at both channels was obtained by subtracting the intensity of their respective last images during the stimulation from the average intensity obtained before stimulation (mean of 10 images). Then, the regions of interest (ROIs) were established using an intensity auto threshold macro (Lopez-Manzaneda et al., 2021), and the outlines were represented. Finally, the geometric center (centroid) of each ROI was obtained, and the inter-distances between objects were calculated (see “Materials Methods” Section). For example, Figure 2A shows the outlines from a representative nerve terminal containing 10 active mCa2+ regions (red outlines) and eight exocytosis hot spots (green outlines) merged in the same image.
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FIGURE 2. Quantitativeanalysis of the spatial relationship between exocytosis hot spots and mCa2+. (A) Representative image showing the outlines of hot spots of exocytosis regions (green) and mCa2+ increase regions (red) superimposed after a 500 AP train (50 Hz) of stimulation. (B) Spatial distribution of exocytosis hot spots centroids (green) and mCa2+ (red) centroids of the terminal in A. The dotted lines indicate the nearest neighbors between exocytosis hot spots and mCa2+. (C) Location of mCa2+ centroids (red) and the exocytosis hot spot areas (green). (D) Location of exocytosis hot spots centroids (green) and the mCa2+ areas (red). Calibration bar (A–D): 5 μm. (E) Distance distribution between nearest-neighbor centroids in 11 terminals (four mice). Left: exocytosis-mCa2+ distance. Right: mCa2+-exocytosis hot spots distance. (F) Frequency histograms of the exocytosis hot spots areas (left) and mCa2+ region areas (right; 14 terminals, six mice) in each case.



Figure 2B shows the overlay of the centroids of the exocytosis hot spots (green) and the mCa2+ centroids (red) of the nerve terminal shown in Figure 2A. The dotted lines highlight the nearest neighbors’ centroids between channels. The centroids in one channel and the ROIs in the other channel, and vice versa, are also shown for this terminal (Figures 2C,D). In general, most exocytosis hot spots were close to one or two active mitochondrial regions.

The distance distributions of the closest neighbor centroids between channels in a total of 11 nerve terminals from four experiments are shown in Figure 2E. The distances are represented in two histograms since the number of centroids in one channel and the other was not the same for a given terminal. The most frequent inter-distances between centroids of different channels were ~0.5–1 μm, and ~61% of exocytosis hot spots centroids were within 2 μm of a mCa2+ centroid, and ~47% of mCa2+ centroids were within 2 μm from an exocytosis centroid.

Next, we wondered how many AZs could be within our exocytosis hot spots. In mouse motor nerve terminals, AZs are distributed throughout the surface terminal, and the mean density of AZs is ~2.4/μm2 (Fukunaga et al., 1983; Nishimune et al., 2004; Ruiz et al., 2011). Since, in our experiments, 80% of the hot spots had a surface area of ≤4 μm2 (Figure 2F, left histogram, 14 terminals, six mice), we estimate they may contain between ~1 and 12 AZs. For comparison, the size distribution of the mCa2+ regions measured in our experiments is shown in the right histogram of Figure 2F.

Together, these observations suggest that hot spots of exocytosis and a subset of mitochondria are located in sub-synaptic functional domains (tandems). This distribution may contribute to the local regulation of [Ca2+] and facilitate the delivery of ATP at places of high exocytosis activity.



Presynaptic Mitochondria Efficiently Uptake Ca2+ in the Physiological Range of Neural Activity

To examine the capacity of presynaptic mitochondria to respond to physiological stimuli, we used short-duration stimulation trains and different stimulation frequencies. For example, Figure 3A shows a representative nerve terminal stimulated with six consecutive 1-s trains at 50 Hz, spaced 2–3 s. The plateau amplitude was essentially reached with the first train, confirming the high sensitivity of mitochondria to a brief high-frequency burst of APs. The plateau was not due to probe saturation since permeabilization of the membrane with digitonin increased the fluorescence above the plateau amplitude (data not shown, and Lopez-Manzaneda et al., 2021).
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FIGURE 3. mCa2+responses to different patterns of nerve stimulation. (A) mCa2+ increases to six successive trains of 1-s duration at 50 Hz in a representative nerve terminal. (B) The average increase in fluorescence (ΔF/Fbasal) at 20, 50, and 100 Hz. The numbers of terminals and mice recorded are in parentheses. (C,D) Average fluorescence increase (ΔF/Fmax) as a function of time (C) and number of AP (D) at 20 (red symbols), 50 (green symbols), and 100 (yellow symbols) Hz. The solid lines are sigmoidal fit on the data. The time required to reach half-maximum mCa2+ (dotted lines in C) varies between 650 ms (20 Hz) and 190 ms (100 Hz). Half-increase in fluorescence is achieved with 13–19 AP (dotted lines in D). The apparent higher sensitivity of the response at 20 Hz in (D) is probably not such but reflects the time-dependent component of the response, as shown in (C).



We also compared the amplitude and the rising kinetics of the mCa2+ responses at different stimulation frequencies while maintaining the number of action potentials constant (500 AP). The mean amplitude of the responses increased little with the stimulation frequency (3.7-fold ± 0.43 at 20 Hz, 4.01-fold ± 0.53 at 50 Hz, and 4.36-fold ± 0.46 at 100 Hz; n = 5–8 nerve terminals at each frequency; Figure 3B), indicating a powerful calcium buffering system in the matrix (David, 1999; David et al., 2003). However, the rising kinetics of the signal was very sensitive to the stimulation frequency. Figure 3C shows the average time course of mCa2+ rise at each frequency, normalized to the plateau amplitude (ΔF/Fmax). The half-maximum amplitudes were reached at ~190 ms (100 Hz), ~360 ms (50 Hz), and ~650 ms (20 Hz), which correspond to the firing of 13–19 APs (Figure 3D). These results indicate that presynaptic mitochondria efficiently uptake calcium in the physiological range of neural activity of this synapse.



Reduction of mCa2+ Uptake May Alter Exocytosis

To explore the role of mitochondria in modulating synaptic strength, we recorded exocytosis and mCa2+ before and after adding CCCP to the bath solution. CCCP inhibits complex III of the electron transport chain, which depolarizes the mitochondrial membrane potential (ψm), reduces stimulation-induced mitochondrial Ca2+ uptake, and increases cytosolic [Ca2+] (Tang and Zucker, 1997; David et al., 1998; David, 1999; Suzuki et al., 2002; David and Barrett, 2003; Talbot et al., 2003; Lopez-Manzaneda et al., 2021). In addition, ψm depolarization reduces the electromotive force used for mitochondrial ATP synthesis and produces additional ATP depletion associated with ATP synthase (complex V) reversion. To prevent this extra hydrolysis of ATP, we added oligomycin (5 μg/ml) before CCCP, an inhibitor of complex V that does not depolarize ψm (David et al., 1998).

Figure 4 shows a representative example of a nerve terminal where mCa2+ and exocytosis were recorded first in oligomycin alone and then in oligomycin plus CCCP. As expected, the mCa2+ response to a 500 AP stimulation train (50 Hz) decreased considerably in the presence of CCCP (Figure 4A). On the contrary, the exo-endocytosis response increased (transitorily) over time (Figure 4C), compared to the oligomycin response alone (Figure 4B, purple trace: after 23 min in oligomycin; brown, blue, and orange traces: 5, 10, and 15 min in oligomycin plus CCCP). Normalizing the responses to their peak amplitudes (Figure 4D) revealed similar rise and decay kinetics in oligomycin (purple trace) and up to 10 min in CCCP (blue trace), and only slower relaxation after 15 min of CCCP (orange trace). The increases in the amplitude of the responses suggested an increase in exocytosis due to the elevation of cytosolic Ca2+. However, this effect was followed by a marked decrease in the signal soon after, an effect varying greatly between different terminals. For this reason, we decided to further investigate the effect of mitochondria on secretion using an electrophysiological approach, which would allow us to use shorter stimulation trains and, therefore, minimize ATP consumption.


[image: image]

FIGURE 4. Modification of the secretory response in depolarized mitochondria.(A) mCa2+ responses to 500 AP stimulation (50 Hz) in oligomycin only solution (left graph) and with oligomycin plus CCCP (right graph). (B) SypHy fluorescence increases in oligomycin alone (purple trace) and after 10 and 15 min in oligomycin plus CCCP (blue and yellow traces, respectively). Fluorescence increments were represented relative to the basal fluorescence in each case. (C) Fluorescent peak amplitudes of the SypHy signals vs. time in CCCP. (D) SypHy fluorescence for recordings in (B) normalized to their respective peak values to compare the kinetics of the responses. Horizontal lines show the start and end of the stimulation train (500 AP, 50 Hz).





Mitochondria Limit Asynchronous Release During Short-Duration AP Trains

To further elucidate the role of mitochondria in neurotransmission during short-duration high-frequency nerve activity, we recorded endplate potentials (EPP) and miniature endplate potentials (mEPP) in the control solution, then in oligomycin, and finally with oligomycin plus CCCP in the same fiber. Stimulation in the control solution produced the typical response consisting of a progressive decrease in the EPP amplitude from an initial value to a plateau that was approximately one-half of the initial amplitude (Figure 5A; left recording). Stimulation after 20 min of incubation with oligomycin (5 mg/ml) did not significantly change the response (Figure 5A; central recording) nor the amplitude of EPP and mEPP. However, 5 min after adding oligomycin + CCCP (1 μM), there was an elevation on the baseline (Figure 5A; right recording) during the second half of the stimulation train and several seconds after the train due to the buildup of asynchronous release (David and Barrett, 2003). This response was never observed in control or oligomycin alone.
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FIGURE 5. Mitochondria regulate asynchronous release during brief AP trains. (A) Representative responses to 1-s stimulation trains (50 Hz) in a fiber recorded in control solution, oligomycin, and oligomycin plus CCCP. Note the elevation on the baseline during and after the train due to the prominent increase in asynchronous release in the presence of CCCP. The insets display the last three EPPs of the trains for each condition. (B) Cumulative asynchronous release during synaptic activity in CCCP (the same fiber as in A, estimated by integration, as described in “Materials and Methods” Section. (C) Cumulative synchronous quanta release from the fiber in (A) in all three solutions. (D) Average cumulative synchronous quanta release in control, oligomycin alone, and oligomycin plus CCCP (24 fibers, eight mice) (PKruskal-Wallis = 0.0034). The box-whisker plot represents median (line), 25th–75th percentile (box), and min–max (whisker) for each condition. *:<0.05; **:<0.005; n.s., not significative. (E) Total quanta release (synchronous + asynchronous) in CCCP (red line). For comparison, release in oligomycin alone (blue line) is also shown.



Before each train, the mEPP rates were similar in control (2.55 vesicles/s) and oligomycin (2.67 vesicles/s) but slightly elevated in CCCP (6.87 vesicles/s), which may represent a small increase in resting [Ca2+]i.

Estimation of the amount of intra-train asynchronous events (see “Materials Methods” Section) in this fiber showed two orders of magnitude higher peak vesicle release rates in CCCP (~2,500 s−1, Figure 5B) than in control and oligomycin (~30 s−1), indicating that the mean survival time of a vesicle before fusing asynchronously changed from ~33 ms to a fraction of a ms after CCCP. On the contrary, on average, no statistical differences were found between control and oligomycin alone, which agrees with a previous report showing that the increase in asynchronous release with CCCP, in experiments lasting <1 h, is due to the increase in the [Ca2+]i rather than inhibition of mitochondrial ATP synthesis (David and Barrett, 2003).

In contrast, cumulative synchronous release was reduced in CCCP compared to the control (Figure 5C). On average, the maximum vesicle release rate (Figure 5D) for synchronous release was approximately half in CCCP (1,649 ± 290 vesicles/s, n = 6 fibers) than in control (3,658 ± 346 vesicles/s, n = 10 fibers) or oligomycin alone (3,447 ± 277 vesicles/s, n = 8 fibers; PKruskal-Wallis = 0.0034; Figure 5D).

Typically, total cumulative release (synchronous + asynchronous) in CCCP (Figure 5E, red line) was equivalent to release in oligomycin alone (blue line) during the first 500 ms of stimulation, suggesting that a proportion of the RRP vesicles fused asynchronously (see “Discussion” Section). However, during the second part of the train, total release in CCCP exceeded by <1,725 vesicles evoked release in oligomycin that could obey fusions of secondary docked vesicles (Nagwaney et al., 2009) or to the acceleration of the recruitment rate (Lu and Trussell, 2000).

Together, these data suggest that fast mitochondrial Ca2+ uptake restricts Ca2+ building up within microdomains and maintains the equilibrium between synchronous and asynchronous release during short bursts of AP.



Mitochondria Modulate Short-Term Plasticity and the Depletion and Refilling Kinetics of the RRP

Subsequently, we investigated whether mitochondrial uptake of cytosolic Ca2+ regulates short-term plasticity, vesicle loss and replenishment kinetics, and RRP size during short-duration AP trains. Since the degree of ψm depolarization produced by CCCP increases during the experiment (David et al., 2003; Talbot et al., 2003; Lopez-Manzaneda et al., 2021), we analyzed the modification of the release properties over time in CCCP in single fibers. For the analysis, we used a simple sequential kinetic model (Ruiz et al., 2011) that assumes that the primary docked vesicles (the RRP) would be the first to be released with repetitive nerve stimulation, that the RRP pool is depleted exponentially, and that the recruitment of new vesicles begins, increases, and maintains the plateau (Elmqvist and Quastel, 1965).

Examples of representative responses to two 1-s stimulation trains in a representative fiber, 1 and 10 min after adding CCCP (2 μM), are shown in Figure 6A. Note the high rates of mEPPs in the recordings (insets). The analysis performed is illustrated in Figure 6B (Ruiz et al., 2011). The thicker lines represent the quanta released synchronously (m) for each EPP. The loss of RRP (dotted exponential lines in Figure 6B) was estimated by adjusting the values of m during the first nine-10 stimuli in the train to a decaying exponential (see “Materials Methods” Section). The recruitment time course was then estimated by subtracting the exponential decay of the RRP from the entire observed curve and fitting the resulting curve with a rising sigmoid (dotted lines).


[image: image]

FIGURE 6. Mitochondriamodulate the depletion and refilling kinetics of the RRP andshort-term plasticity during physiological stimuli. (A) Representative EPP responses of a single fiber to two 1-s stimulation trains, 1 and 10 min after adding CCCP to the recording chamber. Note the high frequency of asynchronous release before (insets), during, and after (insets) each train. (B) Curve fitting of m values during the trains (thick lines) to a function of the sum of exponential decay of the RRP plus the sigmoidal rise of recruitment (dotted lines) of the recordings in 6A for estimation of the RRP size, RRP depletion, and recruitment time. The inset on the right graph displays the probability of release (pr) vs. time in the CCCP, estimated by dividing the number of quanta released with the first by the size of the RRP for each train. (C) Quanta released at the initial of the train (open symbols) and plateau amplitude (filled symbols) after 1, 2, 4, 6, and 10 min in CCCP. (D) Relationship between the plateau and the initial release amplitudes with time in CCCP. (E,G) Average plateau amplitude (E) and RRP size (G) in control (10 fibers, eight mice), oligomycin alone (eight fibers, six mice), and CCCP (5–10 min, six fibers, four mice). The box-whisker plots represent median (line), 25th–75th percentile (box), and min–max (whisker) for each condition (PKruskal-Wallis = 0.0018). *: <0.05; **: <0.005; n.s.: not significative. (F) Decrease of the RRP over time in CCCP (same fiber as in A). (H) Acceleration of RRP depletion (τRRP, open symbols) and vesicle recruitment (t1/2, filled symbols) over time in CCCP. (I) Correlation between the depletion of the RRP and the frequency of mEPP before the train. The data were fitted with an exponential function (dotted line).



Nerve terminals recorded in control or oligomycin alone usually presented facilitation (increase in EPP size with the first two-three consecutive stimuli) in response to 50 Hz trains. Facilitation was still present at the beginning of the incubation with CCCP (Figure 6B, left recording) but generally disappeared later (Figure 6B, right graph). Figure 6C (open symbols) shows the number of quanta released after the first shock (initial m) vs. time for this experiment. The inset in Figure 6B shows the change in the probability of release (pr), calculated as the ratio of initial m vs. the size of the pool. The increase in pr (from 0.1 to 0.2), is correlated with a ~40-fold increase in the pre-train mEPP rate in this fiber (from 1.2 to 47 vesicles/s), presumably caused by an elevation in residual [Ca2+] within microdomains (Jackman and Regehr, 2017).

In contrast, the plateau amplitude, which reflects the equilibrium between depletion and vesicle replenishment, progressively depressed over time in CCCP (Figures 6B,C, filled symbols). For example, in this fiber, the steady-state to initial quanta ratio changed from ~0.4 to ~0.12 over time (Figure 6D). On average, the plateau amplitude after 5–10 min in CCCP was approximately half (25.5 ± 5.4 quanta) than in control (59.6 ± 5.7 quanta) or oligomycin alone (54.9 ± 4 quanta; PKruskal-Wallis = 0.0032; Figure 6E). The increase in synaptic depression was not due to the desensitization of postsynaptic receptors, since the amplitude of mEPP did not change significantly over time in CCCP (for example, in the fiber of Figure 6, from 1.36 ± 0.27 mV to 1.34 ± 0.49 mV), or to severe failure of vesicle replenishment, since many vesicles still fused asynchronously (Supplementary Figures 1A,B).

Since ψm depolarization increases cytosolic [Ca2+] and [Ca2+] affects the priming of synaptic vesicles and the RRP size (Sakaba and Neher, 2001b; Burrone et al., 2002; Taschenberger et al., 2002; Habets and Borst, 2007; Hosoi et al., 2007; Ruiz et al., 2011; Thanawala and Regehr, 2013), we next examined the effect of CCCP on the number of available vesicles for synchronous release. For example, in the fiber of Figure 6A, the RRP decreased by ~39% over time in CCCP, from ~1,103 to ~672 quanta (Figure 6F), despite the pr increase (Figure 6B, inset). On average, the size of the RRP after 5–10 min in CCCP (889.7 ± 110.3 quanta, six fibers, four mice) was significantly smaller (Figure 6G) than in control (1,962 ± 150.1 quanta, 10 fibers, eight mice) or with oligomycin alone (1,847 ± 109.2 quanta, eight fibers, six mice; PKruskal-Wallis = 0.0018).

The RRP size decrease was correlated with the concomitant increase in asynchronous release, which varied between different nerve terminals and over time in CCCP. For example, in the fiber shown in Figure 6, asynchronous release during the 1-s train accounted for ~20% of total release after 1 min in CCCP (Supplementary Figure 1C) and ~48% after 10 min (Supplementary Figure 1D). The asynchronous peak vesicle release rates went from ~614 s−1 to 1,145 s−1, and the synchronous ones from 2,429 s−1 to ~1,235 s−1.

Finally, we estimate the time constant of RRP depletion (τRRP, open symbols) and the half-time of refilling (dark symbols) during synaptic activity in control, oligomycin alone, and oligomycin plus CCCP (Figure 6H). RRP loss became approximately two times faster (from ~195 to ~90 ms), and reloading three times faster (from ~370 to ~113 ms) between the first and last recording in CCCP. On the contrary, no change was observed over time in control or oligomycin alone. On average, the τRRP in control was 266 ± 19.9 ms (n = 10 fibers) and 276 ± 30.1 ms (eight fibers) in oligomycin alone. The average refill half-time was 433 ± 34 ms and 415.7 ± 23.5 ms, respectively. In CCCP, the velocity of the RRP loss was inversely correlated with the frequency of mEPPs before stimulation (Figure 6I, n = 15 terminals, six mice). The τRRP became faster within a narrow range of mEPP frequencies, reaching an estimated minimum mean value of ~129 ms for release rates ≥10 vesicles/s (Figure 6I, dotted line). Acceleration of the RRP loss in correlation to the increase in [Ca2+] at release sites has been previously observed in the calyx of Held (Sakaba and Neher, 2001a).

Although the above results suggested that the RRP emptying kinetics through synchronous fusions is Ca2+-dependent, we wondered whether the observed acceleration was due to the loss of vesicles through asynchronous fusions. Hence, we estimated the number of asynchronous events along each train and calculated the total release. Supplementary Figures 1E,F compare total quanta released (black traces), as well as that released synchronously (gray traces) and asynchronously (blue traces) during the 1-s AP train. The kinetics of RRP loss for vesicles going through the synchronous mode changed little despite the increase in asynchronous fusions. For example, the RRP depletion rate, the inverse of the time constant, for synchronous and total release after 10 min in CCCP was ~0.0111 and ~0.0092 vesicles/ms, respectively. Twice as fast as after 1 min in CCCP (~0.0053 vesicles/ms), and approximately three times faster than in control and oligomycin alone (~0.0037 vesicles/ms), indicating that the increase in asynchronous fusions along the 1-s train was not the main cause of the observed acceleration of synchronous release from the RRP.

Together, these results indicate that mitochondria limit the velocity of synchronous release under physiological conditions and participate in the regulation of synaptic plasticity during short-duration bursts of electrical activity.




DISCUSSION

This study examined the spatiotemporal and functional coupling between exocytosis and presynaptic mCa2+ at the motor nerve terminal of adult mice by a combination of techniques. Our results show that: (i) mitochondria and regions of high exocytosis (hot spots) are closely localized, (ii) mitochondria uptake Ca2+ upon arrival of a small number of APs at the terminal, and (iii) the inhibition of mCa2+ uptake increases the probability of release, accelerates the RRP depletion and refilling rates, and produces a rapid increase in asynchronous fusions during short bursts of APs. We propose that mitochondria regulate the synaptic response during the physiological activity of mature motor nerve terminals.


Spatial Relationship Between Hot Spots of Exocytosis and Mitochondria

Ca2+ microdomains are regions of an estimated size of 100 nm–1 μm across (Neher and Sakaba, 2008) where [Ca2+] rises and decays rapidly around voltage-dependent Ca2+ channels (Adler et al., 1991; Stanley, 1993; Neher, 1998; Bucurenciu et al., 2008). Multiple mechanisms participate in the spatiotemporal control of Ca2+ in microdomains, including mitochondria, which could be considered a part of the endogenous fixed Ca2+ buffer system. Positioning of mitochondria relative to AZs is critical for both local Ca2+ buffering and immediate energy source for synaptic vesicle functionality. Reports on the location of mitochondria within CNS axon terminals and crayfish and Drosophila motor nerve terminals show that most mitochondria are located in a central region of synaptic boutons, containing few synaptic vesicles (Gotow et al., 1991; King et al., 1996; Chouhan et al., 2010). However, a subset of mitochondria has also been reported to be spatially closely associated with clusters of synaptic vesicles at mouse motor nerve terminals (Torres-Benito et al., 2011, 2012) and the calyx of Held (Wimmer et al., 2006), forming rings or donut-like structures. Electron tomography in the calyx of Held synapse also shows mitochondria connected to the presynaptic membrane near AZs through cytoskeletal structures (Perkins et al., 2010). Our live imaging experiments showed spatial association of hot spots of exocytosis and mCa2+ signals (Figure 2); however, the relatively low resolution of our imaging system precludes us from estimating more accurately the distance between these two signals. Nevertheless, we started to detect an increase in mCa2+ with ~5–10 AP (Figure 3D), that is, ~50–100 ms from the onset of a train at 100 Hz (Figure 3C), in agreement with the findings that neuronal mitochondria can uptake Ca2+ in the submicromolar range (Chouhan et al., 2010; Ashrafi et al., 2019) and that a single AP can trigger mCa2+ influx at hippocampal neurons boutons (Gazit et al., 2016). In synapses, the high sensitivity of mitochondria to Ca2+ may be relevant not only to preventing Ca2+ accumulation in microdomains and their surroundings but also to modulate the range of responses to physiological stimuli during development and maturity. For example, in the mouse calyx of Held, mitochondrial volumes are increased to support high firing and secretion rates upon maturity (Kim et al., 2013; Thomas et al., 2019) and in Drosophila motor nerve terminals, presynaptic mitochondrial volume and packing density scale with presynaptic demands (Justs et al., 2022).



The Role of Mitochondria on the RRP Size and the Release Kinetics

We previously observed that the size of the functional (effective) RRP is frequency-dependent; the higher the stimulation frequency, the larger the RRP (Ruiz et al., 2011). An interpretation of this result is that the size of the RRP partially depends on the accumulation of Ca2+ during repetitive stimulation (Zucker and Regehr, 2002; Neher and Sakaba, 2008; Thanawala and Regehr, 2013). Under this hypothesis, one might expect that mitochondrial depolarization will produce a larger accumulation of Ca2+ in nerve terminals and, concomitantly, an increase in the effective RRP size. However, we did not observe an enhancement of the RRP but a decrease (Figures 6F,G). On one side, the no increase in the RRP agrees with our previous observation that the maximum size of the RRP at this synapse comprises ~1,700–2,000 vesicles, with no further increase when the stimulation frequency is above 50 Hz (Ruiz et al., 2011). Therefore, our present results also indicate that the upper limit of the RRP size in this synapse is reached at 50 Hz stimulation and that the reduction in mCa2+ uptake cannot increase it. On the other side, the progressive decrease in the RRP with CCCP could be due, among others, to the increase in asynchronous fusions (Figure 5E, Supplementary Figures 1C,D), reduction in the mitochondrial ATP production (Justs et al., 2022), partial inactivation of P/Q-type voltage-dependent Ca2+ channels by high Ca2+ (Forsythe et al., 1998; Demaria et al., 2001), moderate desensitization of postsynaptic receptors, or a combination of all. In all cases, mCa2+ uptake could minimize these effects during physiological stimuli.

Interestingly, together with the decrease in the RRP, we observed faster vesicle depletion and recruitment rates when the mCa2+ uptake was inhibiting (Figure 6H), suggesting a role of mitochondria in the regulation of these two processes. These observations agree with previous findings showing Ca2+-dependent acceleration of vesicle recruitment in numerous types of synapses, including the calyx of Held (Wang and Kaczmarek, 1998; Sakaba and Neher, 2001a), the climbing fiber to cerebellar Purkinje cell synapses (Dittman and Regehr, 1998), excitatory hippocampal synapses (Stevens and Wesseling, 1998), the ribbon synapse in the retina (Von Gersdorff et al., 1998; Gomis et al., 1999), and the NMJ (Ruiz et al., 2011). Besides Ca2+, the rate of vesicle recruitment at the steady-state is shortened by raising the temperature from 23°C to 37°C, both at the calyx of Held (Kushmerick et al., 2006) and the NMJ (Ruiz et al., 2011), what has no appreciable effect on the initial RRP size. These findings indicate that Ca2+ and temperature are two major determinants of short-term depression during high-frequency firing.



Mode of Fusion Change Upon mCa2+ Uptake Inhibition

The inverse synchronous and asynchronous release occurrence observed in our experiments during short AP trains (1-s) when the mCa2+ uptake was inhibited with CCCP (Figures 5B,C, and Supplementary Figure 1) suggests a switch in the mode of fusion of vesicles belonging to the RRP (Hagler and Goda, 2001; Otsu et al., 2004). Alternatively, or additionally, asynchronous fusions could result from secondary docked vesicles (Nagwaney et al., 2009) located outside AZ (Schneggenburger and Neher, 2005; Wen et al., 2013) and newly recruited vesicles from other pools that compete for the same release sites.

It has been found that synaptic vesicles are functionally and molecularly heterogeneous within the presynaptic terminal (Sakaba and Neher, 2001b; Hua et al., 2011) and that they could be spatially segregated according to their molecular identities (Wen et al., 2010). For example, asynchronous release has been reported to be triggered by a relatively low [Ca2+] (Otsu et al., 2004), indicating that vesicles that use this mode of release possess a high-affinity Ca2+ sensor (Sugita et al., 2002). Supposing that the vesicles that fuse asynchronously are located at a greater distance from voltage-dependent Ca2+ channels than the synchronous pool, it is expected they fuse after a relatively prolonged elevation of Ca2+ within microdomains. Alternatively, Ca2+ accumulation at microdomains during sustained activity may promote the integration of Synaptotagmin 7 and other synaptic proteins related to asynchronous release (Virmani et al., 2003; Sun et al., 2007) into the vesicular membrane via endocytosis, changing release towards the asynchronous mode while using the same release sites. In any case, controlling Ca2+ accumulation at the microdomains and their surroundings is crucial for determining the release mode.

In summary, our results suggest that mitochondria and release sites are organized in functional subsynaptic compartments for the spatial and temporal regulation of release during physiological neuronal activity. We propose that mitochondria uptake Ca2+ with high sensitivity and play a significant role in maintaining synaptic transmission strength and reliability in the NMJ under physiological activity.
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Supplementary Figure 1 | Change of the release mode over time in the presence of ψm depolarization. (A,B) Cumulative release components, asynchronous (A) and synchronous (B), during 1-s train stimulation (50 Hz) after 1 min (blue lines) and 10 min (red lines) in CCCP (2 μM). (C,D) Comparison of cumulative total release (black) and synchronous release (gray) after 1 min (C) and 10 min (D) in CCCP calculated from (A,B). (E,F) Time course of total (black), asynchronous (gray) and asynchronous (blue) quanta released during 1-s AP train.
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A nerve cell is a unit of neuronal communication in the nervous system and is a heterogeneous molecular structure, which is highly mediated to accommodate cellular functions. Understanding the complex regulatory mechanisms of neural communication at the single cell level requires analytical techniques with high sensitivity, specificity, and spatial resolution. Challenging technologies for chemical imaging and analysis of nerve cells will be described in this review. Secondary ion mass spectrometry (SIMS) allows for non-targeted and targeted molecular imaging of nerve cells and synapses at subcellular resolution. Cellular electrochemistry is well-suited for quantifying the amount of reactive chemicals released from living nerve cells. These techniques will also be discussed regarding multimodal imaging approaches that have recently been shown to be advantageous for the understanding of structural and functional relationships in the nervous system. This review aims to provide an insight into the strengths, limitations, and potentials of these technologies for synaptic and neuronal analyses.
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INTRODUCTION

The molecular organization of neurons has been shown to play a regulatory role in neural communication. Investigation of this dynamic nanoscale architecture is crucially important for understanding the mechanistic insight into the brain activity and biology. Besides in vivo studies, neuronal cultures are widely used as models to study neuronal biology, for example, primary neuronal cultures, induced pluripotent stem cell-derived neurons, and neuronal cell lines. The main advantage of neuronal cultures is that their environmental factors, such as temperature, CO2 and the culture medium, can be controlled and modified in a specific manner. In addition, it is a simplified model with only one or few cell types, allowing to focus on specific cellular mechanisms or particular cellular pathways while eliminating interference from complex interactions regarding the diversity of cells in the brain. To obtain highly spatially resolved images of single synapses, spines, vesicles, etc., imaging technologies with high spatial resolution are needed. To evaluate transmitter release in single synapses, analytical techniques with high temporal resolution are desirable. These criteria can be met using presently available technologies, for instance, fluorescence microscopy and super-resolution microscopy, mass spectrometry imaging (MSI), and cellular electrochemistry. While microscopic techniques have been widely used as established methods in neuroscience and biological research, MSI and cellular electrochemistry are less known in the field (Figure 1).
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FIGURE 1. Schematic of the main components of synaptic structure: synaptic vesicles and major associated molecules affecting synaptic activity. Secondary ion mass spectrometry (SIMS) and electrochemistry for measuring synaptic structure and activity, respectively.


Mass spectrometry imaging (MSI) is a powerful imaging tool for obtaining chemical information with cellular and subcellular spatial information. MSI is characterized by high chemical specificity, high sensitivity, high mass resolution, and, often, parallel detection of various compounds. Among different types of MSI, secondary ion mass spectrometry (SIMS) offers highest spatial resolution, which is suitable for subcellular imaging of neuronal cells. Unlike fluorescence imaging, SIMS allows for a label-free approach and elucidation of molecular structure (ToF-SIMS), although isotopic labeling is often employed to track the molecular turnover of cells and organelles (Lanekoff et al., 2011; Steinhauser et al., 2012). SIMS has continuously expanded its horizon of applications to study biomolecular organization in cell biology and neuroscience (Thomen et al., 2020; Agüi-Gonzalez et al., 2021; Jähne et al., 2021).

Electrochemical methods such as amperometry, cytometry, and voltametry measure the current or potential, which is changed by an electrochemical reaction related to an analyte, to quantify its concentration. Catecholaminergic neurotransmitters such as dopamine, epinephrine, and norepinephrine are all electroactive molecules, which can be oxidized or reduced and detected. With the excellent temporal resolution of electrochemical techniques (ns-ms range), single vesicular release events of live cells can be assessed to elucidate the mechanism of release. Electrochemical methods are, therefore, important techniques for studies on neural communication mechanisms and effects of exogeneous elements, e.g., drugs or plasticity inducing stimulation (Li et al., 2016b; Gu et al., 2019).

In this review, we present the principle, technical aspects of SIMS imaging and cellular electrochemistry, and their most relevant applications in the research on synaptic biology. The goal of this review is to introduce these unfamiliar technologies to the neuroscience community, providing an insight of their strengths, limitations, and potentials for synaptic and neuronal imaging and analysis.



SECONDARY ION MASS SPECTROMETRY IMAGING

Secondary ion mass spectrometry utilizes a primary ion beam to bombard the surface of a sample pixel by pixel, sputtering secondary ions, which originate from the sample (Pacholski and Winograd, 1999; Vickerman and Briggs, 2013). Secondary ions will then be extracted and analyzed with a mass spectrometer and eventually be detected based on their mass to charge ratio (m/z). A mass spectrum is obtained for each pixel. Assembly of all spectra corresponding to their coordinates on the surface of the sample results in ion images showing the distribution of detected ions across the sample. During bombardment of the sample surface, the energy of the primary ion beam is partially transferred to the sample surface, the so called “collision cascade” phenomenon is taking place, and molecules in the sample are sputtered and ionized. It should be noted that only a small fraction of sputtered particles is ionized and analyzed. There are a variety of primary ion sources, for example, liquid metal ion guns (LMIGs) Au3+, Bi3+, polyatomic C60+, gas cluster ion beams (GCIBs), and monoatomic Cs+ and O–. Detailed development and performance of these primary ion sources can be found in comprehensive bodies of literature (Toyoda et al., 2003; Weibel et al., 2003; Kollmer, 2004; Rabbani et al., 2013). Depending on their properties, they have different performances in terms of spatial resolution, detected ions, destruction of the sample surface, and ionization efficiency. Larger cluster ion beams are softer than the small ones (Postawa et al., 2005; Winograd, 2013 and, thus, are less destructive to the sample and generate less fragmented secondary ions. However, large ion beams have a larger beam size, which hinders lateral resolution. Furthermore, there are several other parameters that also affect secondary ion yield, particularly, ionization probability, sputter yield, and concentration of analytes, and transmission of the instrument.


Time of Flight-Secondary Ion Mass Spectrometry and NanoSIMS

There are two main types of SIMS instruments available in the field. In the following section, distinct instrumental features of these two instruments are discussed. In time of flight (ToF)-SIMS, the primary ion beam impacts the sample at a 45° angle (Figure 2A), which is one of the factors limiting achieved lateral resolutions. On the other hand, nanoscale SIMS (NanoSIMS) benefits from its coaxial design, and combined with the monoatomic primary ion beam, it provides very high lateral resolution, ∼50 nm for a Cs+ source (Figure 2B). SIMS generally has a depth resolution (z) of 1–10 nm. ToF-SIMS detects various analytes in parallel within a mass range of up to 2,000 Da, whereas NanoSIMS measures elements and small fragmented ions with up to 7 detectors. Mass resolution (M/ΔM) is ∼10,000 for nanoSIMS and up to 10,000 for ToF-SIMS with delayed extraction (Vanbellingen et al., 2015; Nuñez et al., 2018). In addition, NanoSIMS employs Cs+ and O– as primary ion sources, whereas ToF-SIMS has more options from a wide range of primary ion sources mentioned above. Detailed discussion on the configuration of ToF-SIMS and NanoSIMS and their characteristics can be found in selected reviews of literature (Boxer et al., 2009; Nuñez et al., 2018; Agüi-Gonzalez et al., 2019).
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FIGURE 2. Schematic diagram depicting the set-up of (A) ToF-SIMS and (B) nanoscale SIMS (NanoSIMS). In ToF-SIMS, sample surface is bombarded with primary ion beam at an angle of 45 degrees, and secondary ions are sputtered away, extracted, and transferred into the ToF mass analyser, where the ions are separated based on their mass to charge ratio (m/z). For each pixel, a mass spectrum is obtained, and for each mass peak, an ion image is depicted. NanoSIMS can achieve higher lateral resolution owing to the coaxial design of the primary and secondary ion beams. After being sputtered from the sample surface, the secondary ions are separated by a magnetic sector analyzer, and, eventually, seven masses are detected.




Sample Preparation for Secondary Ion Mass Spectrometry Imaging

Sample preparation is a key aspect for SIMS analysis as molecules of interest and their locations need to be preserved well. Depending on the species of interest, different strategies for sample preparation should be considered. The simplest approach in terms of sample handling is the air-drying method in which preserved cells, after multiple washing steps to remove salts etc., are air-dried. This, however, could lead to shrinkage and deformation. Distinct sample preparation protocols could be performed for particular analytes of interest because of complex chemical distribution and topography in cultured neurons (Tucker et al., 2012). Paraformaldehyde fixation retained good lipid signals of Aplysia californica but produced low signals in the cell soma, whereas glycerol preserved well cell mophology and retained good lipid signals in the soma. On the other hand, formaldehyde increased background signal intensity but did not enhance lipid signals. The combination of glycerol and paraformadehyde was suitable for SIMS imaging of cultured neurons. Nevertheless, chemical fixation does not work well for all types of molecules and could potentially cause interferences. To avoid this, frozen hydrated samples have been used. Samples are snap-frozen and maintained in the frozen state during measurement; this is currently the best way to preserves the sample’s molecular structure. However, it is less reproducible because of the inherent challenging procedure. One of the challenges is that samples need to be kept at a very low temperature throughout the preparation and away from the atmosphere to prevent the condensation of water on top of the samples. Another challenge is that the instrument needs to be cooled down with liquid nitrogen and maintained at equally low temperature during the entire analysis. This, in turn, causes difficulties in storing and transferring frozen samples into the analysis chamber of the SIMS instrument for analysis. A common alternative, which preserves samples well enough and is easily reproduced, is freeze-drying where samples are snap frozen in isopentane at −180°C to avoid the formation of larger water crystals. Subsequently, samples are dried in a vacuum at a low temperature so that the water slowly sublimates. Lee et al. (2019) propose covering samples with a graphene layer to let the samples dry slowly to better preserve cellular structures. The graphene layer can then be removed by air plasma treatment, and ion images can be taken with an improved quality compared to air drying. Most recently, Lim et al. (2021) showed that cells can be imaged in the wet state by covering them with grapheme, and that ions are sputtered through a transient hole while cells are still alive. Another possibility of sample preparation is to chemically fix cells with aldehydes and embed them in a resin (epoxy or acrylic resins), which has been commonly used for NanoSIMS. Samples can be contrasted, e.g., with osmium tetroxide to perform correlative transmission electron microscopy. Transparent resins can be used for correlative fluorescence microscopy (Saka et al., 2014).

Analyzing the spatial distribution of biomolecules across a biological sample has been demonstrated to be an important application for SIMS in general. Especially in highly polarized cells such as neurons, gaining the subcellular spatial distribution of cellular molecules is an important step in understanding their biology. SIMS is able to provide extensive atomic and molecular information at subcellular resolution, thus enabling the analysis of neurons, synapses, and vesicles.



Secondary Ion Mass Spectrometry Imaging of Single Nerve Cells


Vitamin E in Single Neurons

Many authors have studied the localization of vitamin E, an important antioxidative molecule, in neurons. The molecule is of great interest in neuroscience as low level of vitamin E affects axonal transport and can lead to axonal dystrophy and swelling. Monroe et al. (2005) identified vitamin E peaks with a vitamin E standard at m/z: 430, 205, and 165. Similar peaks were found in the Aplysia neuron with a distinct distribution; particularly, vitamin E localized in the soma. To minimize the effects of sample topography, the signal intensity of vitamin E was normalized to that of an ubiquitous evenly distributed ion, e.g., lipid acyl chain fragment (m/z 69). In addition, the authors highlight the importance of consistent sample preparation/analysis time as this distinct localization could not be observed when the samples were stored for a few days after freeze-drying before analysis (Monroe et al., 2005). The identification of vitamin E peaks was confirmed in Aplysia neurons by Passarelli and Ewing (2013) by tandem MS analysis. The localization of vitamin E was found to be in the soma, co-localizing with carotenoids, which were seen in an optical image. More recently, Bruinen et al. (2018) have imaged α-tocopherol, a type of vitamin E, in neurons (Figure 3A). Human-induced pluripotent stem cell (iPSC)-derived neurons were imaged in depth, and tandem MS analysis was performed for m/z 430. The data of MS/MS total ion current for m/z 430 as well as its product ions showed the localization of α-tocopherol predominantly in the soma but also in neurites (Bruinen et al., 2018). In addition, it was noted that peak assignments of molecules could be improved by the MS/MS information of other molecules. In this case, m/z 772 was more confidently assigned to phosphatidylcholine (PC) (32:0) [M + K]+ and m/z 551 as a fragment of PC (32.0) and DG (32:0). PC (32:0) [M + K]+ localized evenly distributed in the soma and in central axes of neurites. Interestingly, m/z 551 showed a different distribution in the outer perimeter of the soma and neurites, which is likely to be attributed to DG (32:0).
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FIGURE 3. Examples of ToF-SIMS imaging in nerve cells. (A) Ion images of phosphocholine head group C5H15PO4+ and α-tocopherol of human iPSC-derived neurons. (B) Ion images of masses m/z 277.2 and m/z 282.3 of PC12 cells incubated with α-linolenic acid (ALA) and isotopically labeled D5-ALA. ALA-incubated cells show higher signal in m/z 277.2 than in 282.3, whereas for D5-ALA the signal of incubated cells in m/z 282.3 is more dominant because of the contribution of the isotopic label. The Figures were reproduced and modified from Bruinen et al. (2018) and Philipsen et al. (2018) under the creative commons license.




Organization and Turnover of Membrane Lipids in PC12 Cells

PC12 rat pheochromocytoma cells are a common, well-studied cellular model system for the investigation of exocytosis mechanisms. They are easy to maintain in a culture. PC12 cells contain large dense core vesicles (LDCVs) with catecholamines (DeLellis et al., 1973). These vesicles can release their content upon extracellular stimulation in a conserved mechanism involving multiple proteins such as SNARE proteins. This has led to the investigation of PC12 cells with different SIMS techniques. Main emphases of the studies were lipid analysis mainly with ToF-SIMS and analysis of LDCV with NanoSIMS. In the study by Lanekoff et al. (2011), PC12 cells were incubated with isotopic phospholipids of two different shapes. Incubation with cylindrical-shaped lipid PC and conical-shaped phosphatidylethanolamine (PE) was shown to alter the exocytosis rate in opposing ways (Uchiyama et al., 2007); therefore, ToF-SIMS was conducted to assess the incorporation of these lipids. The cells were incubated with lipids containing rare isotopes [deuterated 16:0/16:0 PC (D75PC) and deuterated 16:0/16:0 PE (D62PE)], which incorporated into newly synthesized lipids in cells and could be distinguished from endogenous molecules. Lanekoff et al. showed that small changes in lipids (0.5% for PC, 1.3% for PE) were observed in the plasma membrane. With increasing concentrations of up to 300 μM during incubation, the relative amount of PC and PE in the membrane also increased to ∼ 2% for PC and ∼ 9% for PE. In 2018, relative quantification of isotopic fatty acids in PC12 cells as well as their lipid turnover, a process in which old lipid molecules are gradually replaced by newly synthesized ones to maintain proper cellular functions, were investigated by Philipsen et al. (2018). A -linolenic (omega 3 fatty acid) and linoleic acids (omega 6 fatty acid) are the precursors for polyunsaturated fatty acids and lipids and have been implicated in neurological disorders (Parletta et al., 2016). Incubation of PC12 cells with α-linolenic acid and linoleic acid leads to their uptake and incorporation into PCs, PEs, and phosphatidylinositols (PIs) (Figure 3B). Interestingly, it was shown that the formation of polyunsaturated fatty acids is different depending on which isotopically labeled fatty acid was incubated. Linoleic acid was only converted to 20 carbon polyunsaturated lipids, whereas α-linolenic acid could be converted to 20 carbon and 22 carbon polyunsaturated fatty acids. Furthermore, linoleic acid and its conversion product, arachidonic acid, were found to make up lipids with two and four double bonds, while α-linolenic acid and its product, eicosapentaenoic acid, make up lipids with three, five, and six double bonds, meaning that no addition of double bonds takes place during incorporation (Philipsen et al., 2018).



Structural Effects of Membrane Lipids on Synaptic Plasticity

Synaptic plasticity associated with lipid alterations has recently been investigated by Gu et al. (2020). PC12 cells were stimulated 0, 3, or 6 times with a 100-mM K+ solution, and lipid fragments were analyzed with an ION-TOF V instrument. The authors focused on the fragments from PCs, PEs, and PIs, as they appear in higher abundance in the plasma membrane than other lipids. Interestingly, PC level reduced with increasing stimuli, whereas PE, PI, and cholesterol levels increased. It was hypothesized that this alteration might stabilize the fusion pore of vesicles during exocytosis owing to high abundance of high curvature, such as conical (PE), inverted cone shape (PI) lipids, and intrinsically negatively curved cholesterol. This, in turn, would lead to higher fraction of vesicular content to be released after multiple stimuli (Gu et al., 2020). The data agree with the results from previous studies on patients with Alzheimer’s disease (Prasad et al., 1998), cocaine-treated flies (Philipsen et al., 2020), and cognitive-enhanced methylphenidate-treated flies (Philipsen et al., 2020), suggesting a link among dynamic lipid organization, synaptic plasticity, and memory.

Agüi-Gonzalez et al. (2021) investigated the effect of neuronal activity alterations on the lipid organization of the plasma membrane in primary hippocampal neurons. First, the spatial organization of lipids and lipid fragments across different parts of the cellular membrane was assessed. Independent component analysis and neighborhood cross correlation coefficient analysis was conducted to differentiate differences in lipid localization between neurites and the cell body. Second, neurons were treated with tetrodotoxin, a voltage-gated sodium channel blocker, to inhibit neuronal activity, or with bicuculine, a competitive antagonist of GABAA receptors, to increase neuronal activity. 51 lipid related peaks were found significantly different in their relative abundance between the activity inhibited cells and the control, and 41 lipid related peaks changed compared between the activity stimulated cells and the control. For example, ceramides, which are second messengers and components in the sphingolipid metabolic pathway, increased their abundance in inhibited cells. In addition, the total PC level decreased in the cell body while it increased in neurites in both activity-inhibited and enhanced cells. Furthermore, phosphatidylserine abundance reduced in low-activity cells, whereas it increased in high-activity ones. These distinct lipid alterations provide new insights into possible mechanisms of activity-dependent molecular organization in neurons.





CORRELATIVE SECONDARY ION MASS SPECTROMETRY AND OTHER TECHNIQUES FOR IMAGING SINGLE VESICLES AND SYNAPSES

Recently, emerging correlative imaging has expanded the perspectives of many complex biological questions that need multidimensional information, which cannot be achieved with a single technique. Correlative imaging combines several different imaging and analysis technologies to connect different properties of cells, e.g., cellular structures, functions, and molecular dynamics to obtain an insight into their molecular mechanistic process. Various combinations such as SIMS, electron microscopy, and fluorescence microscopy have been optimized (Watanabe et al., 2011; Wilhelm et al., 2014; Salamifar and Lai, 2015; Lange et al., 2021). Here, we describe several correlative approaches, which have been applied for imaging single vesicles and synapses.


Correlative NanoSIMS and Fluorescence Microscopy

Correlative NanoSIMS and super resolution-stimulated emission depletion (STED) microscopic imaging was developed to study protein turnover in specific subcellular structures of rat hippocampal neurons (Saka et al., 2014). Neurons were incubated with 15N-leucine, which was then incorporated into newly synthesized proteins as a marker for protein turnover in neurons. Several organelles and structures, particularly active zones, vesicles, mitochondria, Golgi, and endoplasmic reticulum, were immunostained and visualized by STED microscopy. Correlation between the map of protein turnover from NanoSIMS and protein localization from STED microscopy showed that the protein turnover in the synapse is significantly higher than that in axonal regions.

The combination of isotopic 15N-leucine labeling and immunostaining for specific vesicular proteins in rat hippocampal neurons was used to study the protein turnover of recycling vesicles by NanoSIMS and STED microscopy (Truckenbrodt et al., 2018). By labeling recycling vesicles with an antibody against the intravesicular domain of synaptotagmins in different endocytosis cycles, the protein turnover of actively recycling vesicles could be compared to that of older vesicles. It was found that actively recycling vesicles are more enriched at the isotopic label and, therefore, have more newly produced proteins.

Correlative NanoSIMS and STED imaging was also performed to investigate protein turnover in single synapses with respect to synaptic activity in rat hippocampal neurons (Jähne et al., 2021). It was found that protein turnover is well-correlated with synaptic activity at the single synapse level. Combined with mathematical modeling of the synaptic vesicle cycle, the authors confirmed this observation by identifying the localization of synapses by STED microscopy and assessing their protein turnover by NanoSIMS using 15N-labeled leucine incubation technique. Pre- and post-synapses were marked with synaptophysin1 and Homer1, respectively. The intensity of both markers was not correlated with protein turnover; however, when examining only vesicles undergoing exo- and endocytosis, their synaptotagmin intensity correlated strongly with presynaptic protein turnover (Figures 4A–C). Interestingly, this correlation was abolished when the synaptic activity was altered by tetrodotoxin and bicuculine. Both drugs had an opposite effect on both pre- and postsynaptic protein turnover, which indicates that synaptic protein turnover closely depends on synaptic activity (Jähne et al., 2021).
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FIGURE 4. Examples of correlative imaging with NanoSIMS in neurons and synapses. (A–C) Correlation of synaptic protein turnover with synaptic activity. (A) Stimulated emission depletion (STED) images localizing the pre- and post-synapses identified by presynaptic marker (Synaptophysin), postsynaptic marker (Homer 1), synaptic activity marker (Synaptotagmin 1), and their corresponding protein turnover shown in the 12C15N/12C14N NanoSIMS image. Scale bar is 5 μm. (B) Quantitative chart showing the correlation of presynaptic protein turnover with synaptic activity. (C) Quantitative chart showing no correlation of postsynaptic protein turnover with synaptic activity. (D) Correlative TEM and NanoSIMS imaging of dense core vesicles in a PC12 cell incubated with 13C-labeled L-DOPA. A higher concentration of 13C-dopamine (87.5 mM) was found in the dense core compared to the halo (16 mM). The Figures were reproduced from Jähne et al. (2021) and Rabasco et al. (2022) under the creative commons license.




Correlative NanoSIMS and Electron Microscopy

The content of LDCVs has been evaluated by NanoSIMS imaging (Lovrić et al., 2017; Thomen et al., 2020; Nguyen et al., 2022; Rabasco et al., 2022). Lovrić et al. investigated the distribution of dopamine across LDCVs by incubating PC12 cells with 13C-labeled L-DOPA, which is then converted to dopamine and loaded into vesicles. Correlating transmission electron microscopy (TEM) and NanoSIMS, LDCVs could be identified, and their substructures, the dense core and halo, could be distinguished. The distribution of 13C-labeled dopamine across these substructures could also be analyzed. In addition, reserpine, an inhibitor of the vesicular monoamine transporter (VMAT) for inhibiting the loading of dopamine into vesicles, was used in this study to modulate vesicular content. Interestingly, the results indicated that the protein-rich dense core (containing, e.g., chromogranins) traps more dopamine compared to an “expandable labile pool” of dopamine in the halo with increasing incubation time with 13C-L-DOPA. NanoSIMS results were additionally confirmed by electrochemical data (Lovrić et al., 2017). Thomen et al. (2020) performed an absolute quantification of 13C-labeled dopamine level in vesicles of PC12 cells. Importantly, the concentration of carbon in the embedding material, epoxy resin, measured via the 12C12C– signal, was similar to that in PC12 cells including vesicles. In addition, to reach a steady state of sputtering, primary ion fluence must reach 1 × 1017 Cs+cm–2, which consumed a sample depth of ∼180 nm. Accumulation of dopamine in the dense core of vesicles was observed to be similar to the results from Lovrić et al. (2017). The determined concentration of 13C-dopamine in vesicles was ∼60 mM, which is in agreement with the electrochemical data (Thomen et al., 2020). More recently, the absolute concentration of dopamine in each of two vesicle compartments was quantified (Figure 4D; Rabasco et al., 2022). It was found that the dense core contains a dopamine concentration of 87.5 mM, which is significantly higher compared to that in the halo (16 mM). Another study confirmed partial exocytotic release in PC12 cells, which is visualized by correlative NanoSIMS and TEM (Nguyen et al., 2022). 13C-labeled L-DOPA was incubated in cells for visualization of 13C-dopamine in vesicles. In addition, 127I-di-N-desethylamiodarone was introduced to cell media during KCl stimulation of cells. Exocytosed vesicles were then identified by the co-localization of 127I-di-N-desethylamiodarone and 13C-labeled dopamine signals inside the vesicles in NanoSIMS images. This allowed for the direct comparison of dopamine content of vesicles between stimulated and non-stimulated cells. The result showed that the dopamine content of vesicles reduces significantly after they undergo exocytosis, which confirmed the partial release of exocytosis.




AMPEROMETRY FOR STUDYING NEUROTRANSMITTER RELEASE DURING EXOCYTOSIS

Amperometry is one of the electrochemical methods that provides excellent sensitivity for quantification of neurotransmitters secreted from single cells at attomole to zeptomole (Chen et al., 1994; Jaffe et al., 1998; Pothos et al., 1998; Hochstetler et al., 2000), and an outstanding temporal resolution at sub-millisecond level (Robinson et al., 2008). In amperometry, a microelectrode is placed adjacent to a cell surface while a cell is stimulated with a potassium solution to initiate exocytosis. The potential is applied to an electrode surface and kept constant whereas a reduction and oxidation current will be recorded for the detection of an electroactive analyte, in this case the neurotransmitters released from the cell. A carbon fiber microelectrode was first introduced by Gonon et al. (1980) to record neurotransmitter release (Ponchon et al., 1979). In the early 1990s, single cell amperometry (SCA) was described by the Wightman group to study individual exocytosis events by placing a disk-shaped electrode on top of single bovine chromaffin cells (Leszczyszyn et al., 1991; Wightman et al., 1991). Carbon fibers have prominent mechanical and electrical properties, including high stability, long-term durability, and negligible temperature sensitivity. These electrodes can be constructed by aspirating carbon fibers (usually 5–10 μm in diameter) into glass or silica tubes to have a cylinder or a disk shaped with a 45° angle electroactive surface. Therefore, any electroactive molecules present on the surface of the electrode will react, causing a change in current (Bard and Faulkner, 2001; Borland and Michael, 2007). The recording of an amperometric peak with the presence of electroactive transmitters is shown in Figure 5A. According to Faraday’s law, the number of transmitter molecules released from each exocytosis event can be calculated with N = Q/nF, where Q is the charge in coulombs, n is the number of electrons transferred per mole in the oxidation reaction (2 electrons for the oxidation of catecholamines and serotonin), and F is Faraday’s constant (96,485 C mol–1). The limitation of this method is that only neurotransmitters in vesicles with accessible redox waves such as dopamine, adrenaline, noradrenaline, serotonin, and histamine can be detected. Another drawback of the technique is the lack of a qualification analysis because the applied constant potential over time cannot distinguish different electroactive analytes measured at the same time (Borland and Michael, 2007). Therefore, it is necessary to identify molecules before amperometric measurements.
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FIGURE 5. Schematic of single cell amperometry (SCA) measurement and different modes of exocytosis. (A) Correlation of an exocytosis event of its recorded spike. (B) Schematic of disk electrode placement onto a cell and a stimulation pipette to initiate exocytosis (Left), and three different modes of exocytosis: kiss and run and partial release allow for a small fraction of neurotransmitters to be released from the vesicle, while full release expels all the transmitters (Right). The fraction of released transmitter is smaller in the kiss-and-run mode than in the partial release mode.



Different Modes of Exocytosis

SCA has been employed as a powerful tool to determine different modes of exocytosis. This phenomenon involves a fusion between a secretory vesicle and the plasma membrane, resulting in the release of its chemical content into the extracellular environment. The formation of a fusion pore is facilitated by SNARE proteins, but what exactly happens to the fusion pore afterward is still controversial (Ren et al., 2016). During quantal release, also called full release, a vesicle fully collapses and merges with the plasma membrane, leading to discharge of the entire content of the vesicle. The mechanism of exocytosis was thought to be an all-or-none process for a long time. However, more recent research has proved that this is not the only mode of release. There are a number of variations depending on how long the pore stays open and how much of the vesicular content is released. One of them is the kiss-and-run mechanism, in which an initial fusion pore can be transiently formed, and the vesicle releases a small amount of its content and closes. The third mode of exocytosis is referred to partial release, also known as sub-quantal release, or extended kiss and run, or open and closed. This mode involves the expansion of small sized fusion pores to a certain degree, allowing a larger amount of neurotransmitters to escape in comparison to that in the kiss and run mode. Illustrations of various modes of release are shown in Figure 5B. Flickering is another mode by which a pore opens and closes many times with only a very small fraction of catecholamine released (Staal et al., 2004). In this case, vesicles can open and close their fusion pores multiple times before expelling all the content. This phenomenon seems to appear more frequently than full release (Mellander et al., 2012).



Amperometry for Quantifying Neurotransmitters in Single Cell Models

Owing to outstanding spatial-temporal resolution and high sensitivity, amperometry has become a powerful tool to study exocytosis for many cell types, including primary cultures, nerve cells, other secretory cell models (chromaffin cells, pheochromocytoma cells, PC12 cells, mast cells, and pancreatic β cells), neurons, synapses, and single nerve cell varicosities (Keighron et al., 2020). Quantal release was observed from axonal varicosities of midbrain dopamine neurons consisting of small synaptic vesicles by Pothos et al. (1998). A 5-μm diameter carbon electrode was placed gently onto a varicosity, which was visualized by labeling neurites with Lucifer yellow. These results provided a new mean for direct measurement of the number of neurotransmitter molecules and release duration of quantal events in central nervous system (CNS) neurons. The data also demonstrated that synaptic strength can be modulated by changing the number of dopamine molecules, or quantal size, released per exocytotic event. Zhou and Misler reported the detection of quantal catecholamine release on the surface of somas of cultured neurons by placing a carbon fiber electrode into the cleft between the somas of superior cervical ganglion neurons (Zhou and Misler, 1995). They found that 3.5 × 104 catecholamine molecules were released per packet, or per quantum, indicating that release from neurons is almost 80-fold smaller than that from adrenal chromaffin cells. Another study on exocytosis events was carried out by Chen and Ewing in the cell body of single dopamine-containing neurons of Planorbis corneus (Chen and Ewing, 1995). Using a CNS stimulant, amphetamine, they manipulated the size and distribution of different classes of vesicles, which were distinguished by distinct distributions of the released dopamine from the neuron after the stimulation. Their results indicated a coexistence of two different classes of vesicles in dopamine containing neurons of Planorbis. Dopamine level was decreased by 40%, with changes in both vesicular content and distributions after amphetamine treatment. Moreover, amphetamine showed different effects on the two classes of vesicles, resulting in a third class of vesicles. The data demonstrated that multiple classes of vesicles are released, and that vesicular content can be independently manipulated with a psychostimulant. In 1995, Bruns and Jahn monitored the amount of transmitter released and kinetics of exocytosis from individual synaptic vesicles (Bruns and Jahn, 1995). The results indicated that the exocytosis of small vesicles appears more frequently and more quickly after a single action potential compared to large dense core vesicles because of different properties of their release events regarding charge, amplitude, and kinetics. Release rates of both types of vesicles are quite fast; large dense core vesicles discharge their content during the first millisecond, while small vesicles start releasing at a sub-millisecond timescale, suggesting rapid opening formation of a preassembled fusion pore. It was shown as a possible hypothesis that small vesicles are recycled without experiencing full fusion process.



Quantifying Neurotransmitters in Single Neuronal Varicosities and Synapses

Drosophila melanogaster, known as fruit fly, is an excellent model for studying brain function and neuronal communication due to its well-defined and easily manipulated nervous system. Despite its relatively simple genomes, the fly brain displays many high-order brain functions comparable to human counterparts. Therefore, Drosophila has been investigated to understand many important mechanisms of human developmental and physiological processes. Fly larva have been successfully developed to study the release in the field of in vivo electrochemistry. Majdi et al. (2015) reported a novel method to examine the octopamine release of exocytosis events in type 2 varicosities from a live, dissected larval system by amperometry. The neuromuscular junction is located peripherally and can be easily accessed with a small carbon fiber microelectrode. Furthermore, octopaminergic varicosities locate in the larval body wall, which allows an electrode to be easily positioned on these boutons from a filet of the muscle wall (Figures 6A–D). The light-activated ion channel, channelrhodopsin-2, in neuronal varicosities (type 2 optopaminergic boutons) was expressed with the m-Cherry fluorescent protein. A 5-μm carbon fiber microelectrode was positioned on top of a bouton while it was visualized under red light, and exocytosis was evoked by the activation of channelrhodopsin-2 with blue light. The number of octopamine molecules released from the varicosity was determined to be ∼22,000 per vesicle. Interestingly, different modes of release were observed based on different shapes of transients, which was considered related to the mechanism of pore opening of a vesicle to form a nanometer-wide fusion pore (Figure 6E). It was also indicated that a vesicle fusion pore just opens to release the right amount of neurotransmitters at a necessary rate. This partial release of transmitters possibly affects presynaptic plasticity.
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FIGURE 6. Measurement of octopamine release from Drosophila melanogaster larvae by amperometry. (A) Schematic depicting muscles from the body wall, including muscles 12 and 13, which contain type 2 octopaminergic varicosities. (B) Dissection of the third instar larva revealing the body muscle wall. (C) Position of microelectrode on type 2 varicosities in muscle 13; (D) Same view as panel (C) but under red light to visualize mCherry in octopaminergic terminals, and the white ring indicates the location of the electrode. (E) Different amperometric peaks of the octopamine released from varicosity stimulated by blue light. (E1) Two overlapping peaks, (E2) plateau complex event, and (E3) single event. This Figure was reproduced from Majdi et al. (2015) under the creative commons license.


Because of the small distance of a synaptic cleft between neurons (20–30 nm) (Cox and Gabbiani, 2010), it has been very difficult to measure the neurotransmitters released in an individual synapse between two communicating cells. Recently, a novel finite conical nanoelectrode with a 50- to 200-nm tip diameter was introduced for measuring individual vesicular exocytosis events at the synaptic level (Li et al., 2014). The nanotip electrode was fabricated by flame-etching a carbon fiber to form a needle-shaped electrode with less than 100-nm radius and 1-μm shaft length. The release of norepinephrine from single synapses was probed by placing the electrode inside the space between neuronal varicosities and the soma of superior cervical ganglion cells (Figure 7). The results showed two types of amperometric peaks with approximately 42% of single events and 58% of complex events. This indicated the coexistence of different types of vesicle fusions in a single synapse. Additionally, a comparison between exocytosis events inside a synapse and on top of the corresponding varicosity denoted a non-uniform distribution of active zones corresponding to these two peak types. The results suggested that neurons can adopt different vesicle fusion modes in different locations of their axonal varicosities. In another study, a quantification of dopamine release inside single dopaminergic synapses with a nanoelectrode was performed for the first time (Tang et al., 2019). Harpagide, a natural product known to be a neuroprotective drug, was unambiguously demonstrated to enhance synaptic dopamine release and restore dopamine release to normal level from damaged neurons of a Parkinson’s disease model. Phosphorylation and aggregation of α-synuclein monomers in neurons are suppressed by harpagide by inhibition of intracellular reactive oxygen level. This leads to an increase in exocytosed dopamine by increasing release frequency and total released amount, thus promoting synaptic activity.
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FIGURE 7. Amperometric measurements of noradrenaline release at single synapses. (A) Scanning electron microscope image of a synapse formed between cultured superior cervical ganglion (SCG) sympathetic neurons. (B) Bright field photomicrograph of the nanotip at an individual synapse, between a varicosity of one SGC neuron and the soma of another neuron. (C) Photomicrograph of the nanotip electrode at a synapse, between a varicosity of a SGC neuron and smooth muscle cell. These Figures were reproduced from Li et al. (2014) under the creative commons license.




Biosensors for Measuring Non-electroactive Neurotransmitters in Single Neurons

Amperometric techniques with carbon fiber micro- or nano-electrodes have been commonly used to directly quantify electroactive neurotransmitters in individual exocytotic events. However, it is impossible to monitor non-electroactive neurotransmitters such as acetylcholine, glutamate (Glu), and γ-aminobutyric acid (GABA). Shen et al. (2018) investigated acetylcholine concentration and release dynamics with a 15-nm nanopipette electrode without any modifications. The pipette electrode with nanoscale tip was filled with an organic reagent and then placed in a biological environment, recordings are obtained via ionic fluctuations caused by ion transfer between two immiscible electrolyte solution (ITIES) interfaces. With nanoscale scanning electrochemical microscope assistance, a nanoscale ITIES can be accurately positioned at a single living Aplysia synapse to measure the dynamics of cholinergic transmitter release. This study revealed that acetylcholine release from Aplysia varicosity is Ca2+-dependent, and that it consists of singlet, doublet and multiplet spikes, which implies the possibility of multiple vesicle release or flickering of the fusion pore.

In another example, an enzymatic biosensor was successfully developed by co-modification of glutamate oxidase (GluOx) and platinum nanoparticles on the surface of a carbon fiber electrode by the Huang group (Qiu et al., 2018). This has been known as the first direct electrochemical detection of glutamate (Glu) released by exocytosis. The sensor was placed at a single hippocampal varicosity with stimulation of high K+ concentration during SCA experiments. Multiple well-defined amperometric transients of exocytosis events were obtained in the presence of GluOx on the electrode. Recently, Yang et al. (2021) developed an electrochemical Glu-nanobiosensor to measure in real-time Glu fluxes released via exocytosis from individual living neurons. An enzyme, GluOx, was immobilized onto a carbon-modified SiC nanowire to convert Glu into H2O2, which is an electroactive molecule. The electrode was placed laterally on top of the varicosities of unpaired (without postsynaptic partner) rat hippocampal axons, and exocytosis release was triggered by a high potassium solution, leading to a series of amperometric spikes (46% occurrence frequency of single event, and the remaining had complex shapes). The study suggested a regulatory mechanism occurring during the exocytosis process to control the size, dynamics and lifetime of fusion pores, which, in turn, affects Glu release during synaptic transmission in the hippocampus.




VESICLE IMPACT ELECTROCHEMICAL CYTOMETRY AND INTRACELLULAR VESICLE IMPACT ELECTROCHEMICAL CYTOMETRY FOR MONITORING NEUROTRANSMITTER STORAGE IN INDIVIDUAL VESICLES

Amperometry provides an excellent method for quantification of the release process at the single cell level; however, it is unable to measure total vesicular content. This can be obtained by vesicle impact electrochemical cytometry (VIEC), and intracellular vesicle impact electrochemical cytometry (IVIEC) developed by the Ewing group (Dunevall et al., 2015; Li et al., 2016a; Figures 8A,B). These two methods share several similarities, but setups are different. In VIEC, a 33-μm disk-shaped electrode is directly dipped into a suspension of isolated vesicles. Vesicles are stochastically ruptured, and their transmitters are released to the surface of the electrode upon the application of a potential. With a similar principle, however, IVIEC employs a carbon fiber nanotip electrode (diameter < 100 nm), which allows for the electrode to penetrate into the cytosol of a living cell and measure the content of individual vesicles in situ. Using Faraday’s law, the number of molecules stored inside individual vesicles can be determined similarly to SCA.
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FIGURE 8. Schematic of panel (A) intracellular vesicle impact electrochemical cytometry (IVIEC) with a nanotip electrode, (B) vesicle impact electrochemical cytometry with a 33-μm disk electrode, (C) mCherry-labeled neurons in Drosophila larva under a fluorescence microscope and an electrode placed on or inside a varicosity, (D) position of a nanotip electrode in the varicosity, and (E) Representative current transients for IVIEC measurements. Panels (C–E) were reproduced from Larsson et al. (2020) under the creative commons license.


The combination of SCA and IVIEC can be applied to study transmitter release and storage in secretory vesicles, and helps to unambiguously certify the quantal or sub-quantal release in different modes of exocytosis in single living cells. Fraction release, the ratio of the amount released and total vesicle content, has been shown to be affected by drug treatments (Ye et al., 2018; Zhu et al., 2019). This provides powerful methodologies allowing for the analysis of the physical properties of vesicles in order to obtain a better understanding of vesicle dynamics. Additionally, these techniques enable the understanding of how alteration of the fraction of release, under the effects of an exogenous factor, can modulate synaptic and brain activities.

Using a combination of SCA and IVIEC, Larsson et al. (2020) showed that the release of octopamine during exocytosis in Drosophila larval neuromuscular junction is sub-quantal and complex. In this study, a nanotip electrode was used to pierce through the muscle into octopaminergic varicosities, which were observed under a fluorescence microscope (Figures 8C–E). Total vesicle content was detected in the range of 200,000 to 1.3 million molecules per vesicle, with a median of 411,000. This value is much higher than the amount released (22,700 molecules per vesicle) previously measured by SCA (Majdi et al., 2015). The fraction release of octopamine is, therefore, very small, and accounts for 4.5% for single events and 10.7% for complex events (oscillating or flickering) compared to the total vesicle content. A fusion pore can be adjusted via the opening-and-closing process to increase the released amount in complex spikes compared to simple ones. Their results strongly demonstrated that presynaptic plasticity can be regulated by fluctuations of fusion pores in the partial release.

Recently, intravesicular Glu was quantified using a novel Glu biosensor in living neurons (Yang et al., 2021). A combination of SCA and IVIEC enables the determination of Glu release and intracellular storage from rat hippocampal neurons following L-glutamine and Zn2+ treatments, which are known to be involved in the learning and memory processes. Intravesicular contents were strongly affected in opposite ways under the two treatments. Glu vesicular content and released amount dramatically increased by 259 and 183%, respectively, under the L-glutamine treatment. However, fraction release was at a similar level compared to the control group undergoing no L-glutamine treatment. In contrast, under the Zn2+treatment, Glu content decreased by ca. one half, while the released amount increased by ca. one third of the total content. L-glutamine significantly enhanced the loading and synthesis of intracellular Glu but did not affect the final fusion pore, whereas Zn2+ tended to enlarge pore sizes. The results strengthened the concept of sub-quantal release during exocytosis.



OTHER ELECTROCHEMICAL METHODS

Another common technique is fast scan cyclic voltammetry (FSCV), which is useful for monitoring neurotransmitter fluctuations in tissues or single cells in vitro because of interferences of complex environments. It has been considered as the most common method for monitoring neurotransmitter level in the brain (Robinson et al., 2003, 2008; Venton and Wightman, 2003; Rodeberg et al., 2017; Roberts and Sombers, 2018). Electroactive species are quickly reduced and oxidized on electrode surface by a triangular waveform applied to the electrode at high scan rate (>100 V/s). Electroactive compounds in the CNS of a rat brain were measured for the first time using implanted graphite paste microelectrodes by the Adam group (Kissinger et al., 1973). The Wightman group successfully introduced FSCV to determine electroactive transmitters such as dopamine, norepinephrine, epinephrine, serotonin, histamine, and adenosine, from various samples, including nucleus accumbens, bovine adrenal medullary cells, mast cells, and brain tissues (Bucher and Wightman, 2015). Venton and coworkers implemented a method for monitoring dopamine release in a ventral nerve cord from Drosophila larva (Vickrey et al., 2009). They also determined extracellular serotonin and dopamine levels in a single Drosophila larva ventral nerve cord (Borue et al., 2009). ChR2 was genetically expressed in octopaminergic and serotonergic neurons, neurotransmitter released was detected by FSCV with blue light stimulation. These studies show that dopamine and serotonin regulations are analogous to those in mammals.

Chronoamperometry and differential pulse voltammetry are available for measuring concentrations of neurotransmitters and different analytes. However, these methods show limited chemical selectivity and poor time resolution, as one scan takes more than 10 s for chronoamperometry and more than 30 s for differential pulse voltammetry. The fluctuation of neurotransmitters is on the sub-second time scale; therefore, these techniques are not commonly employed for monitoring chemical communication in the nervous system.

Capacitance measurement is also a useful approach for monitoring changes of cellular surface area after the vesicular membrane has fused with the plasma membrane during exocytosis (Lindau and Neher, 1988; Gillis, 1995). It allows for direct characterization of fusion pore properties. Capacitance measurements have been conducted for cells and neurons with complex branching (Kushmerick and von Gersdorff, 2003; Kim and Von Gersdorff, 2010). Example study is whole-cell recording from mossy fiber boutons in hippocampal neurons (Hallermann et al., 2003), in axon terminals of the brainstem calyx of Held (Sun and Wu, 2001; Wölfel and Schneggenburger, 2003), and in axon terminals of neurons in the posterior pituitary gland (Hsu and Jackson, 1996). Standard capacitance measurement, however, can only measure readily releasable vesicles and, thus, is not applicable for total releasable pools.



SUMMARY AND FUTURE PERSPECTIVES

Measurement of molecular organization, turnover, and dynamic change in single neuronal cells and single synapses is possible using current state-of-the-art analytical technologies (Table 1). SIMS allows for the visualization of non-targeted and targeted molecules and their metabolic turnover, whereas single cell amperometry and cytometry are ideal quantification methods with high temporal resolution for neuronal secretion. These technologies offer a unique opportunity to obtain an insight into the molecular mechanism that modulates synaptic activity and neuronal processes.


TABLE 1. Common secondary ion mass spectrometry (SIMS) and electrochemical methods for neuronal and synaptic measurements.

[image: Table 1]
Challenges in neuronal and synaptic imaging are the required very high spatial resolution to visualize extremely small structures, sufficient sensitivity to detect analytes in a very small volume, and a suitable sample preparation strategy to preserve the intact molecular architecture of the sample. Technical developments in these technologies are still continuously ongoing to circumvent these challenges. For example, new primary ion sources and ion optics in SIMS are being developed to improve imaging sensitivity, spatial resolution, and mass resolution. Tandem MS SIMS, such as the recently developed OrbiSIMS (Passarelli et al., 2017), will be useful for elucidating molecular structures in complex molecular compositions of neurons and synapses. In addition, development of labeling tools for large biomolecules, such as proteins (Kabatas et al., 2019; Agüi-Gonzalez et al., 2021), will allow for targeted imaging of multiple proteins and lipids by SIMS at the single synapse level. Furthermore, standardization of data treatment and statistical analysis, as well as development of mass peak databases specific for neurons and synapses will ensure reliable data handling and interpretation performed by those who are not SIMS experts. This will play a vital role in realizing SIMS as a common imaging technique in neuroscience.

The development of new types of micro- and nanoelectrodes for electrochemical analysis is in continuous progress to expand its repertoire of detectable analytes, improve sensitivity and speed, and enable sub-vesicular measurements. Modification of electrochemical conditions, for example adding chaotropic anions (SCN–) (He and Ewing, 2022), could change the opening nature of vesicles, facilitating the measurement of transmitter content in individual sub-vesicular compartments, the halo, and dense core.

Finally, a combination of different imaging and analysis techniques to obtain multidimensional information of the studied samples will be an increasingly favored trend. We will be able to correlate the organization of a wide range of targeted molecules, neuronal structures and morphology, dynamic metabolic processes, and synaptic activity in single neurons and synapses.
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Vesicle impact electrochemical
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Intracellular vesicle impact
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(IVIEC)

Fast scan cyclic voltammetry
(FSCV)

Applications

Imaging spatial distribution of ions up to ~
2,000 Da (metabolites, molecular lipids, small
peptides)

2D and 3D imaging possible

Imaging spatial distribution of monoatomic or
diatomic ions at subcellular resolution
2D and 3D imaging possible

Quantification of the number of
neurotransmitters released from individual
vesicles

Quantification of the total number of
neurotransmitters stored inside individual
vesicles

Investigation of the effects of drug treatments
on vesicle properties

In situ approach quantifying total vesicle

content within their cellular environment (in the

cytoplasm)

Study of the behavior, addiction, and disease of

live animals by measuring in vivo the rapid
changes of neurotransmitters

Advantages/disadvantages

+ Parallel detection within a large mass range (0-2,000 Da)
+Suitable for non-targeted imaging (non-labeling)

+ Many primary ion sources available

- Topographical sample effect

- Spatial resolution possibly ~ 250 nm

+ Spatial resolution ~ 50 nm

- Molecular information lost

- Parallel detection up to 7 ions

- Isotopic labeling often employed

+ High temporal resolution (sub-milliseconds to a few millisecond)
- Cannot distinguish between catecholamine and other electroactive
molecules at the same time

+ easily manipulate the surrounding environment of vesicles

- Risk of leakage of vesicular transmitters and changes of vesicle
properties during the vesicle isolation process

- Cannot distinguish between catecholamine and other electroactive
molecules at the same time

+ Possible to change external factors such as osmolarity, pH and
pharmaceutical treatments with minimal impact on the cells

- Cannot distinguish between catecholamine and other electroactive
molecules at the same time

+ Possible to simultaneously quantify and identify various analytes by
selecting voltage limits of the interested analyte
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Prosontin
SynProt®

UniProt acc.# (name); alternative names

AOAZ2 (RAT_MOUSE, Acaling
moloculoin BECN-regulted autophagy
proten 1

Q07076 (ANKAT_MOUSE), Amenin 7:
Synesin

PI7426 (APOA1_MOUSE),

PI7427 (\P2A2_MOUSE),

Q00BG3 (AP2B1_MOUSE).

PBI0D1 (AP2M1_MOUSE).

P62743 (AP2S1 MOUSE);

Adaptor protin AP-2 complx suburnits mu,
apha-1,apha-2, btat and sgma

PE2G31 (ARF6_MOUSE) ADP-ibosyiaton
fctors:

H

H

QBC2 (ARLSB MOUSE):
ADP-sbosylation factor-iko proton 88;

Yes (8A8)

Q6PATO (TG2A MOUSE):
Autophagy-related protein 2 homoiog A
ortholog: D3ZT64 (DAZT64_RAT, formery
XP_219529)

QUCPH6 (ATGI_MOUSE):
Autophagy-roated protein 3.
Ubiquiin-ike-conjugaling enzyne ATGS;
Short name: APG-ike

QSUING (ATG42_CAEELY, G8C958
(ATGAAMOUSE] etc: Oysteine proteases
ATGIAD

Q9883 (ATGS_MOUSE), Autophagy protein
5:APGS ko

Q9008 (ATG7_MOUSE):; Utiauit- ke
modieractvating enzymo AT
Autophagy-reated protoin 7: APGT ko

QGSFE2 (ATGIA MOUSE):
Autophagy-related protein OA; APGO-ike 1;

QBRIP4 (ATG10_MOUSE):
Ubiqutin-ke-conjugating enzyme ATG10;
Autophagy-related protein 10

Q9CQY1 (ATG12_MOUSE); Ubiauitn-lke
protein ATG12; Autophagy-olated profein
12; APG12-4ko

Q91YI1 (ATG13 MOUSE);
Autophagy-relted protein 13

QBCDJ3 BAKOR_MOUSE) Beciin 1-associated
autophagy related key reguiator; Autophagy-rolted protein
1450 proten

ATGi6L1 Q8C0U2 (M6L1_MOUSE); Autophagy-related protein 16-1;
APGIG 0 1

ATG101 Q90676 (ATGA1_MOUSES; GOVWQ1 (QSVWQ1T_DROME):
Autophagy roted proten 101

An2z3 QBPACS (ATLAZ_MOUSE, Alastin-2; ADPbosylation
factor-ike proten G-nteracting protein
QOTYHS (ATLAS MOUSE); Atlastin

BAGS QRULY1 (BAGS MOUSE): BAG famy molecular chaperone
rogulator 3; Bol-2-associated athanogono 3

Bassoon 088737 (BSN_MOUSE); AZ scaffod protein Bassoon.

Bacin-V/ATGS 088507 (BECN1_MOUS), Bocin-1

CALWPICALM  Q7MGYS (PICAL_MOUSE), Phosphatidyinasiot bnding
‘Chihvin assemblyprotei; Clathvin assembly mphoid myeloid
laukemia

cisoz Q9CQBS (CISD2_MOUSE); COGSH ron-sullr
‘domaincontaning proton 2; Miner 1; NAF-1

DFCPIZlyve1  QB10J8 ZFYV1_MOUSE); Zinc ager FYVE domain-containing
protoin1

0ENNDS A2RT67 DENDS_MOUSE); DENN dommain containing protoin 3

Endophin- Q62420 (SH3G2. MOUSE) Endophiin A1, A2; Q8T390

AEndoA (5H363_DROVE), Endophiin:A; SH3 dormain containng
GRB2 ko protein;

Endophin‘B1  QAUK48 (SHLB1_MOUSE: SHG domain-containing GRB2 ike
protan B BF-1

FADD Q61160 FADD_MOUSE); FAS-associated death domain
proten

FAMISE QBVE9 (RETR1_MOUSE); Retculophagy reguiator 1: famiy
with sequence simiarty 134 member B;

FIP200/RbToc1  QEESKO RBCC1MOUSE): RBI-induciie coled-col protein
15 FAK famiy Kinasaintoacting poten of 200 KDa,

Faxos2 QECPU7 (FBX32_MOUSE) F-box only protein 82: Arogin-1

GABARAPS/  QIDCDS (GBRAP_MOUSE); GABA receptor

ATGS-lke associated protein; GBR3RE (GBRL1_MOUSE);
PGOS21 (GBRL2_MOUSE), GABARP-lie 1, 2; LGG-1
and LGG-2in C. degans

HSCT0 PB3017 (HSP7C_MOUSE); Heat shock cognate
71kDa protein; Heat shock 70 kDa protein 8 (Hspag)

HOPS complex QO1WES (VPS11_MOUSE)

Vest1 Q92004 (VPS16_MOUSE)

VpsSTEpSI3A  QID2NO (VP33A_MOUSE)

Vpsts Q8R3O7 (VPS18_MOUSE)

Vps39 QBR5L3 (VPS39_MOUSE)

Vpsdt QSKUGO (VPS41_MOUSE), VAM2

HuntinglivHit  P42859 (HD_MOUSE), Huntington disease protein
homolog;

Pt QWO (JIP1_MOUSE); c-Jun-amino-terminal
Kinaso-interacting protein 1; JNK-interacting protei 1;
Islet brain 1 [B-1)

JP3 QOESN9 (JIP3_MOUSE); C-Jun-amino-teminal
Kinase-interacting protein 3; Unc-16; Mapkeip3.

LAVPY, P11438 (LAVP1_MOUSE), Lysosome-associated
membrane glycoprotein 1;
CD107 antigen-lie family member A

LAMP2()  P17047 (LAMP2_MOUSE); Lysosome-associated
membrane glycoprotein 2:
CD107 antigen-fke family member B

LCYATGS  Q9CQVG (MLPIB_MOUSE): Autophagy related
ubiquitin-ike modifier LC3 B; Microtubule-associated
proteins 1A/18 ight chain 38; Map1k:db.

LRRK1 QIUHC2 (LRRK1_MOUSE); Leucine-rich repeat
serine/threonine-protein kinase 1

LRRK2 Q58006 (LRRK2_MOUSE); Leucie-rich repeat
serine/threonine-protein kinase 2; Dardasin

mIoR ‘QOJLNO (MTOR_MOUSE); Serine/threonine-protein
Kinase mTOR; mechanistic target of rapamycin;

MYceP2 QTTPHG (MYCB2_MOUSE); E3 Yes
ubiquitin-protein igase MYCBP2;
Pamhighwire/pm-1 protein

NBRt PO7432 (NBR1_MOUSE); Next to BRCAT  No
gene 1 protein

NDP52 A2ABMS (CACO2_MOUSE): No
‘Galcium-binding and coled-coil
‘domain-containing protein 2; Nuclear
‘domain 10 protein 52

NRBF2 Q8VCQ3 (NRBF2_MOUSE) Nuclear No
receptor-binding factor 2

OPTN QBK3KS (OPTN_MOUSE) Optineurin No

OcRL QBNVFO (OCRL_MOUSE) Inositol No
polyphosphate 5-phosphatase OCAL

Parkin QNS (PRKN_MOUSE) E3 Yes
ubiquitin-protein igase parkin

P6/SQSTMI 064337 (SOSTM_MOUSE) No
Sequestosome-1, Ubiquitin-binding protein
pe2

p1S/UsOl  Q9Z120 (USO1_MOUSE), General vesicular  Yes
transport factor p115; Protein USO1
'homolog; Transcytosis-associated protein

PHLPP1 QBCHE4 (PHLP1_MOUSE), Peeckstin No
homology domain leucine-rich
repeat-containing protein phosphatase 1;
PH domain-containing famiy E member 1

PLEKHGS QB6TO2 (PKHGS_MOUSE) Pleckstrin Yes
homology domain-contairing family G
‘member 5; Synectin-binding RhoA
exchange factor; Tech

PLEKHM! QTSI (PKHM1_MOUSE); Pleckstrin No
homology domain-containing family M
member 1

Rab7 P51150 (RABTA_MOUSE), Ras-elated  Yes
protein Rab-7a

Rabita P62492 (RB11A_MOUSE) Ras-related  No
protein Rab-11A

Rab12 P35283 (RAB12_MOUSE); Ras-related protein Rab» 12

Rab24 P35290 (RAB24_MOUSE); Ras-relted protein Rab>-24;
Rab-16;

Rab26 Q504M8 (RAB26_MOUSE); Ras-rolated protein Rab26.

Rab3s. QBPHNO (RAB35_MOUSE); Ras-related protein Rab-35.

Rab37 QOUKMT (RAB37_MOUSE); Ras-related protein Rab-37

Rabd%a QBBHDO (RB39A_MOUSE); Ras-related protein
Rab-39A

RHEB Q92142 (RHEB_MOUSE); GTP-binding protein Rheb;
Ras homolog enviched in brain

AT QOESO7 (RTNG_MOUSE), Reficulon-3;

RUSC2 QB0U22 (RUSC2_MOUSE); RUN and SH3
domain-contairing protein 2; porin

SPATL2 QBOTE4 (S11L2_MOUSE); Signal-induced
profferation-associated 1-ke protein 2; SPAR2

SNAP29 ‘QOERBO (SNP29_MOUSE), Synaptosomal-assodiated
protein 29,

Snapin Q97266 (SNAPN_MOUSE}; SNARE-associated protein
Snapin; Biogenesis of ysosome-related organclles
‘complex 1 subunit 7; BLOC-1S7.

SNxa QO1YJ2 (SNX4_MOUSE); Sorting nexin-4; ATG24,

Synaptojanins  QBCHC4 (SYNJ1_MOUSE); Q9D2G5
(SYNJ2_MOUSE); Synaptojanin-1, -2; Synaplic inositol
1,4,5-tisphosphate 5-phosphatase 1, 2.

Synaptopodin  QBCC3S (SYNPO_MOUSE);

Swi7 QDOI4 (STX17_MOUSE): Syntaxin-17;

Taxibpt QIUKC1 (TAXB1_MOUSE); Taxi-binding protein 1
homolog

TBCID24/  QBUUGH (TBC24_MOUSE); TBC1 domain family

Skywalker  member 24; QOVIH7 (SKY_OROME);
GTPaso-activating protein skywaker

T8CID2 BIAVHT (TBD2A MOUSE); TBC1 domain family
member 24; Armus

K1 QOWUN? (TBK1_MOUSE); SerineAthreonine-protein
kinase TBK1; TANK-binding kinase 1

Tocpr! QBOVPO (TCPR1_MOUSE) Tectonin beta-propelier
repeal-containing protein 1

TRAPP QOY2LS (TPPC8_HUMAN); Traficking protein particle

complex complex 8

TRAPPCS

Toc2 Q61087 (TSC2_MOUSE); Tuberin; Tuberous sclerosis 2
protein homolog

Ubdin2 Q9QZMO (UBQL2_MOUSE) Ubiquilin-2; Chap1; DSK2
homolog; PLIC-2

ULKS/ATGE- 070405 (ULK1_MOUSE}; Unc1 ke kinase 1;

ke Serine/thveonine-protein kinase ULK1//Q8QY01

ULKi (ULK2_MOUSE); Unc-51-fike kinase 2

uLk2

ULK3

Uwiag Q8K245 (UVRAG_MOUSE), UV radiation
resistance-assodiated protein

VAVP7 P70280 (VAMP7_MOUSE); Vesiclo-associated
membrane protein 7; Synaptobrevin-ke protein 1;
TLVAVP

VAWPS 070404 (VAMPB_MOUSE); Vesicle-associated
membrane protein &

Vpst3(acd)  QSHBCA (VP13A_MOUSE); Vacuolar protein
sorting-associated protein 13A

Vps15/PIKIRA  QBVDGS (PI3R4_MOUSE); Phosphoinositde 3-kinase
reguiatory subunit 4;

Vps338 P59016 (VP33B_MOUSE); Vacuolar protein
soring-associated protein 338

Vps34/PIKIC3  QBPFO3 (PKIC3_MOUSE); Phosphatidyinositol
‘3-kinase catalyic subuni typo 3; Vpsd4

Vps35 QOEQHS (VPS35_MOUSE); Vacuolar protein
sorting-associated protein 35; Vesicle protein sorting 35

WDFY3/ALFY  Q6VNBS (WDFY3_MOUSE), WD repeat and FYVE
‘domain-containing protein 3, Autophagy-inked FYVE
protein

WOR47 QBCGFG (WDRA47_MOUSE); WD repeat-containing
protein 47; Neuronal enriched MAP interacting protein

WOR91 Q7TMQT (WDR91_MOUSE); WD repeat-containing
protein 91

WIPI2/ATG18a  QBOWA7 (WIPI2_MOUSE); WO repeat domain
phosphoinositde-interacting protein 2

WIPIBWDRASS QICR39 (WIPI3_MOUSE)

WIPIANDRAS  QO1VMB (WIPI4_MOUSE); WD repeat domain

phosphoinositde-interacting protein 3/4; WD
repeat-containing protein 45/458

Prosentin  Prosentin
HiddonSV  SynGO®
Proteome®
No No
Yes No
Svvistor
Yos Yos
Svresidont
Yes Yes
Svaisitor
Yes(8AB)  (Yes)
Svasitor 8P only
(o3) No
Tow abundanco
P2-fracton
P2fcion  No
No No
No No
P2facion  No
Yes Yos
Svresidont
No No
No No
No No
No No
Yes Yes
SVavisitor
No P2-raction
Yes(ATL2)  Yes
ANz
SVaisitor
AT
Svaisitor
Yes P2raction
Yes Yes
Svaisitor
No Yes
Svavisitor
Yes Yes
Svaviitor
No Yes
Svavisitor
No Yes
SVaistor
No No
Yes. Yes
Svavisitor
No Yes
Svisitor
No No
No No
Yos P2-raction
No No
Yes
GABARAPLY
GABARAPL2
Yes.
Yes.
Yes
Yes
Yes.
Yes
Yes
Yes.
Yes No
Yes P2'raction
Yes Yes.
SV-visitor
No Yes.
SV-visitor
Yes Yes
S-visitor
No No
Yes No
Yes Yes
SV-visitor
Yes. No
S\avisitor
No No
No No
No No
No No
Yes. No
Svevisitor
No Yes
P2-fraction  No
P2-fraction  No
No No
No (Yes)
only B8P
No No
Yes Yes
SV-visitor
Yes Yes
SVavisitor
No Yes
SWevisitor
Yes Yes.
SV-visitor
Yos Yes
SV-resident
Yes Yes
SV-visitor
Yes Yes.
SV-visitor
Yes. Yes.
SV-visitor
Yes Yes
SVevisitor
Yes. Yes
SV-visitor
No No
Yes P2'-fraction
Yos Yes
SV-resident
Yes P2'-fraction
Yes. (Yes)
P2'fraction
Yesoth  Yes (Synit)
isoforms)  SV-visitor
Yes Yes
SVavisitor
No Yes
SVavisitor
No P2"fraction
Yes. P2-fraction
No No
Yes. P2"fraction
No Yes
SV-resident
No Yes
S-resident
Yes
No P2"fraction
No (Yes) ULK3
P2"fraction
No Yes.
SVevisitor
Yes Yes.
SVeresident
No No
No Yes (139)
P2'raction
(13a,0)
No Yes.
SV-visitor
No Yes
SVavisitor
No Yes.
SVeresident
Yes P2"fraction
No Yes
SVevisitor
Yes. P2'raction
Yes No
No P2'raction
No P2'fraction

Localizationin  Function/Remarks Selocted referonces

Synapso?

ng. Part of the autophagy nuceation complox (Fimia o . 2007; Diic and Elzar,

2016; Tomoda ot . 2020)

Synapse Autophagy, promotes membrana fusion (Taoufa etal, 2020)

sv

Synapso. Adaptorfor Clathvinmodiated membrano ission. Togather with  (Boyian ot al, 2013; Tan ot L.

Prosynapse,  CALM, AP-2 medates formaton of autophagosomes/signaling  2014; Weingarton el al. 2014;

PoriAZ amphisomes: prosent n SV preparations. Kononenko ot al., 2017; Wang

sv etal, 2017; Azarnia Tofvan ot a.

2018: Taoufa t . 2020)

Prosynapse ‘Small GTPase antagonizes Rabds n SV recycing; reguiates  (Voreau ot a, 2012; Georgo ot .

Postsynopso  aulophagy by inlorplay wilh Synj1 and/or phospholpaso D 2016; Shoohian and Waits, 2019)

sv

Synapse. Prosent in synaphic vesico (SV) and active 2000 (A2) (Takamori ot L. 2006; Boyken

Prosynapse proparations; anterograds ansport of ysosome - elated etal, 2013; Vukoja et al, 2018

SvAZ vesidles Fartl-Bocker ot ., 2019; Do Pace

etal 2020; Borchers et i, 2021)

Synapso. Prosentin SV protein preparaton: (Tokamod ot i, 2006)

Synaptosome  Translers phosphaipics o th phagophore. (Soukup ot a, 2016;

Prosynapsa, Sawa-Makarska ot al, 2020;

sV Chang et al., 2021)

Synapso E2.5ko enzyme of the ubiquin o congalion system: ATG3  (Soukup ot al. 2016: Viayan and

an bo rocruitod to membranes by EndoA Verstroken, 2017: D and Elazar,
2016; Hi and Colon-Ramos, 2020)
nd. Oystoine proteases of the bicuitin- ke conjugation systor;  (Dikc and Elazar, 2018 Hil et al..
C: dogans: ATG-4.2invoed i autophagosomo claranco 2015 Hi and Colon-Rarmos, 2020)
Synapse, Partof tho ATG12-ATGS ATG16L1 EQ-ke complex ofthe  (Viayan and Versieken, 2017: DK
Prosynapse Ubiquit 1o conjugation system; binds AZ protoin Bassoon;  and Elazar, 201 Tomoda el a,
Golocalizes vith prosynaptic markers  primary nouons; 2020; Andros-Aonso et a, 2021;
ATGS-KOin ncurons induces axonal ER.phagy: Cheng etk 2021)
(Okerknd otal 2017: Kuipars
etal, 2021; Soykan ot al. 2021)
Smapse E1-5ko enzymo of the Ubiquiin ke conjugaton system; (Komatsu ot al 2007; Viayan and
Synaptosome  ATGY deficency has severo effcts on presynaplic fnclion.  Vecsteken, 2017; Do and Elazar,
2018 Licberman and Sutzer, 2020;
Overhot ot . 2021)

Syapso, Lipid scramblaso involed i autophagosome biogenesis:  (Boyke o al, 2013; Stavo ot al.

Prosynapse;  present in SV preparatons (SV-resident repertoiel; kel lobo  2016; Guarda e al. 2020 Hiland

sv. involved i SV autophagy. olonRamos, 2020: Maeda ot a.

e 2020; Sawa Makarska ot al, 2020

PoiAZ Ghang ot a. 2021)

nd. E2.iko enzyme of the o ke congation system: (Dikic and Elazar, 2018; Stavoe and

Gonjugates ATG12 on ATGS. Holzbaur, 2019)
nd. Partof the ATG12-ATGS ATG16L1 EQ ke complex ofthe  (Viayan and Versieke, 2017; DK
Ubiquitn ko conjugation system: and Blazar, 2018; Chang ot .
2021)
nd. ‘Adaplor protein witin tho ULK/ATG1 compx (DK and Elazar, 2018; Hil and
‘Colon-Ramos, 2020; Tomoda e al..
2020
No nd. Partof he PIKIC3 compl; and promotes. (a0 e ., 2015; Dk and Elazar,
autophagosome-endolysosome fuson. 2018; Hl and Colon-Ramos, 2019)

No Synepso: Patof the ATG12-ATGS-ATG1GLT ES ke inotiiet ., 2015; Dikc and
Prosynapse,  complex of Ub-ike conjugation system: maybo  Elazar, 2018 Hil and
sv Inkod 10 SV autophagy. Colon Ramos, 2020; Chang et .

2021)

No Synapso Partof tho ULKIATG1 complex Dk and lazar, 2016; Chang
Synaptosome etal, 2021)

No Synapso. Recnitment and statization of ATG1 complex at (Do Gregorio ot al. 2017
Prosmapse  the FIP200-ATG13-spocified autophagosome  Ancies-Alonso ot al., 20
sv formation sites on ER. etal., 2021; Wojnacki et al., 2021)

Adaptor for ER:phagy:requied for presynaptic
functon atlanal WL

No Synapso ‘Co-chaperoninfor HSC70, interacts with (Stumer and Bet, 2017; et a.
Synaptosome  synaptopodin 2019

Yes Prosynapse,  Recruits ATGS 1o the presynaplic AZ:functionaly _ (Okerkind et al, 2017 Viayan and
nz, teracts with Parkin Verstroken, 2017; Hil and
sv Colon-Ramos, 2020;

Holimann:Conaway o . 2020;
Andres-Alonso ot al. 2021)

No Prosynape ‘Coro subunitofthe PIGKinaseC3 complex; (O and Elazar, 2018)
sv roguiates Vs ik knaso:

Yos Prosynapse;  Autophagi soring adaptor; endooyicadaptor,  (Takamoriet o, 2006; Tan ot .,
PoriAZ, 2013; Azarnia Tehvan et ., 2016)
sv

No Prosynapso Rogulator of autophagy: contibutes to control of  (Chang ot al. 2010; Shen et .,
sv Becin-1. 2021)

No Prosyapse  PI3P-binding poloin; enviched in omegasames (Diic and Blazar, 2016; Hil and
sv oAthoER ColonsRamos, 2020)

No nd. Actin-bindig guanino ucleotido exchange (Xt al, 2015, 2018; Woinacki

factor for Rab12 actvated by ULKI and requied
forautophagy

Yos Prosynapse;  Endocyt adaptor essential for SV recycing;  (Murdoch ot k., 2016; Soukup
sv forms docking satins for aulophagic protensat el L 2016, 2015; Viyan and
Pei-AZ ‘synapses. Verstroken, 2017; Azartia Tehvan

etal. 2018)

No Prosymapse,  Assocites vith PISKC3.C2 and regultes ATGSA, (Takahashi et al, 2011; Taoufi
sv. aicking etal, 2020

No nd. Death domain protein that ireclyinteracts with ~ (Pyo ot al. 2005)

ATGS,
No nd. Adaptor for ERphagy (Knaminets et L, 2015; Stavoe and
Holzbaur, 2019; Ancies-Alonso
etal, 2021
No Synapso, Partof the ULK/ATG1 complox (e and Elazar, 2018 Licberman
Synaptosome. and Suzer, 2020; Tomoda ot a.
2020)
No nd. E3-ubicuitin igaso: intoracts ith endophiinAto  (Murdoch ot al. 2016: Azarnia
‘contro autophagosome formation and protein  Tehvan ot al. 2018)
homeostass.

No Synapse, Uipidated ATG8-like proteins that are key  (Dikic and Elazar, 2018; Hil
Synaptosome  factors for various autophagic processes. et al., 2019; Martens and
Presynapse  In C. degans localized in presynapse Fracchiolla, 2020)

Yes Synapse, ‘Oytosolic protein guiding KEFRQ-proteins ~ (Uytterhosven etal., 2015;
Presynapse 1o chaperone-mediated autophagy (CMA)  Kausiik and Cuen, 2018;

Andres-Alonso et al., 2021)

Yes Presynapse, AZ Homotypic fusion and vacuole protein  (Jiang et al., 2014; Dikic and

Yes Presynapse  sorting complex: involved inthe fusion  Elazar, 2018; van der Beek

No Presynapse  events of late endosomes and lysosomes. ot al., 2019)

Yes Presynapse

No Synaptosome

No Synaptosome

Yes Synapse, ‘Scaffolding adaptor recritedto (Deng et a., 2017; Stavoe and
Presynapse; SV autophagosomes Holzbaur, 2018; Cason et al,

2021)

No Synapse Motor adaptor for autophagosome (Saudou and Humbert, 2016;

(hxon) Stavoe and Holzbaur, 2018; Hil
and Colon-Ramos, 2020;
Cason etal., 2021)

No Synapse Motor adaptor for autophagosome (il et al, 2019; Hiland
Synaptosome Colon-Ramos, 2020; Cason
(Axon) etal, 2021)

Yes Presynapse,  Marker for degradative (De Leo et al., 2016; ko
sv ‘autophagy-lysosomal organelies etal, 2018; Hil and

Colon-Ramos, 2020)
but see also (Cheng ot al,
2018)

No Presynapse,  LAMP2Ais chiefl involved in CMA Wang etal, 2017; Issaetal.,

sv 2018; Kaustik and Cuervo,
2018)
Yes Synapse, Uipidated ATG8-like proteins that arekey  (Dikic and Elazar, 2018; Hil and
Prosynapse  factors for various autophagic processes;  Colon-Ramos, 2020; Martens
LGG in C. sogans; and Fracchiola, 2020)
No - Regulates autophagy via (Toyofuku et al., 2015)
TBC1D2-dependent Rab7 inactivation

Yes Synapse, LRRIK2 acts on key actors of the SV cycle;  (Soukup et al, 2016, 2018;

Presynapse  among them endophiin A, amain anchor  Azarria Tehvan et al, 2018;
for autophagic proteins. Taylor and Alessi, 2020; Piccol
and Volta, 2021)

Yes Synapse, Reguiates various celllar processes (Bockaert and Marin, 2015)
Postsynapse  including autophagy
SV fraction

Presynapse  E3 ligase upstream of ULK1/UncS1 (@il et al, 2016; Crawiey ot al, 2019)
SV fraction
- Autophagy receptor (Kikin etal 2009; Deng et al, 2017;
Dikic and Elazar, 2018)
- Autophagy receptor (Deng et al., 2017; Dikic and Elazar,
2018; Chang et al. 2021)
- Assembles vith PIBKC3, Autophagosome  (Gai et al., 2021)
‘maturation, Rab7 effector
- Autophagy receptor (Deng et al., 2017; Dikic and Elazar,
2018; Chang et al., 2021)
Presynapse  Lipid phosphatase, controls (O Leo et al. 2016; Marat and
SVfraction  autophagosome-lysosome fusion Haucke, 2016; Palamiuc et a,, 2020)
Synapse, E3 biquitin-protein igase involved in (Mouatt-Prigent ot a., 2004; Dikic and
Presynapse,  mitophagy and together with Bassoon Elazar, 2018; Soukup et a., 2018;
sv ‘controls SV protein degradation. Hoftmann-Conaway et al., 2020)
Synapse, Autophagy receptor (Deng etal., 2017; Dikic and Elazar,
Synaptosome  Presynaptic localization in primary neurons.  2018; Soukup et al., 2018)
Presynapse (Okerlund etal., 2017)
Synapse, Associates with PI3KCAcomplex | (Oikic and Blazar, 2018)
‘Synaptosome
nd. Phosphatase in CMA; (Avias et ., 2015; Kaushik and Cuenvo,
dephosphorylates e.g., AKT1 2019)
Presynapse  Regulates autophagy of SV; Guanine. (Uiningschrdr etal, 2017 Hil and
‘exchange factor (GEF) that regulatesthe  Colon-Ramos, 2020; Andres-Alonso.
activity of Rab26. etal., 2021)
nd. RabT and A eflector: recruts HOPS (Hil and Colon-Ramos, 2020;
‘complex to autophagosome Andres-Alonso et al,, 2021; Borchers
etal, 2021)
Presynapse,  Smal GTPase with key ok for the (Hyttinen et al, 2013; Weingarten et al.,
sv ‘maturation of late endosomes and 2014; Hill and Colon-Ramos, 2020;
‘autophagosomes. Borchers et al, 2021; Xing et al, 2021)
Postsynapse  Rab of recycing endosomes (RE); involved  (Binoti et al., 2016; Puri et al., 2018;
Presynapse  in phagophore formation from RE Wei and Duan, 2019)
sv

No Presynapse,  Rab involved in autophagy initation; LRRK2 (Takamori et al,, 2006; Matsui

sv substrate and Fukuda, 2013; Wei and
Duan, 2019; Taoufiq et al.,
2020)

No Synapse Faciltates clearance of autophagic (Via-Antia et al, 2015; Wei
Presynapse  compartments; and Duan, 2019)
sv

Yes Synapse Links SV to autophagy pathway; in (@inotti ot al., 2015;
Presynapse,  complex with PlekhgS; Liningsehrr et al., 2017;
sv Wang et al, 201

Andres-Alonso et ., 2021;
Kohrs etal, 2021)

Yes Synapse, ‘Small GTPase controling SV tumover; acts ~ (Sheehan et al, 2016;
Presynapse,  viaNDP52 Minowa-Nozawa et al. 2017;
v ‘Soukup et al., 2018; Wei and

Duan, 2019)

No Synapso Interacts with ATGS and reguiates (Sheng et al, 2018; Weiand
Presynapse  ATGS-12-16 complex assembly. Duan, 2019)

v

No Presynapse  Interacts with PIK3C3 and negatively (Behrends etal, 2010; Boyken
v reguiates autophagosome formation; etal, 2013; Setoetal,, 2019

Yes Postsynapse  Small GTPase inmTORCH signaling (Bockaert and Marin, 2016)
Preynapse  pathway
v

Yes Presynapse  ER protein involved in ER-phagy (Weingarten et al, 2014;

v Grumati et al, 2018; Boese
etal, 2019; Stavoe and
Holzbaur, 2019; Kuipers et a.,
2021; Wojnacki et al, 2021)
No nd. Regulates association of ATG9a with (Guardia et al., 2021)
Kinesin motor

No Synaptosome  Rap-GTPase activating protein (RapGAP);  (Andres-Alonso et al., 2019,

Presynapse  component of signaling amphisome; 2021)
‘co-traffics with Snapin; colocaiized with
‘synaptophysin in presynapses.

Yes Presynapse,  Autophagosome fusion with endolysosome ~(takura et al,, 2012; Diao et al,

v 2015; Andres-Alonso et al.,
2021)

Yes Synaptosome  Motor adaptor that coordinates retrograde  (Cai et al., 2010; Kuijpers et l.

Presynapse  transport and 2020; Andres-Alonso et al.,
late endosomal-lysosoma trafficking 2021)

Yes Synaptosome  Phosphatidylinositol 3-phosphate-binding ~ (Ravussin et al, 2021)
Presynaptic  protein that controls ATG9A recycling and
endosome  autophagy
sv

Yes(ooth  Presynapse  Lipid phosphatase that s essential for (Vanhauwaert et al., 2017;

isoforns) SV fraction  maluration of autophagosmes in Azarria Tehvan et al, 2018;

presynaptic boutons Soukup et al., 2018)

Yes Postsynapse I cooperation with BAG3 affects fusion (i et al., 2019; Taoufiq et al,
Presynapse?  between autophagosomes and lysosomes. ~ 2020)
sv

No SVfraction  Autophagosome fusion with endolysosome (takura et al, 2012; Jiang

etal. 2014; Diao etal., 2015;
Andres-Alonso et al., 2021)
No Synaptosome  Autophagy receptor; Ubiquilin-binding  (Whang et al., 2017; Chang
protein that mediates autophagosome et al., 2021)
induction

Yes Synapso GTPase activating protein controling SV (Fernandes et al, 2014; Lamb,

Presynapse  tumover; acts on Rab35; regulates etal., 2016; Soukwp et al.,
autophagy via TRAPP complex and ATG9  2018; Soykan et al., 2021)

(Yes) Synapse GTPase-activating protein for RABTA (Toyofuku et al., 2015; Jaber

ony B8P etal. 2016)

No Synapse Reguiates together with Rab3SNDPS2  (Vinowa-Nozawa et al., 2017)

recnitment to promote mitophagy and
maturation of autophagosomes.

No Presynapse  Autophagosome maturation mediated by (Chen et al., 2012; Wetzel et al,
sv TEGPR1 and the ATG12-ATGS conjugate;  2020)

No Presynapse  TRAPPCB s the mammalian orthologa  (Lamb et al, 2016)
sv yeast autophagy-specific TRAPP suburit. It

interacts with TBC1024 to regulate ATG9
trafficking;

Yes Synapse Controls mTORGH signaling; TSC2is (Tang et al,, 2014; Bakula et al,
Synaptosome  reguiated by WIPI3 and FIP200; 2017; Diic and Elazar, 2018;
Postsynapse  heterazygous loss of TSC function impairs Tomoda et a., 2020)

spine development.
No Synaptosome  Ubiquitn binding autophagy receptor (Deng et al., 2017; Lin et al.,
2021)
No Synaptosome  Intation of autophagy; ULK has important  (Lee and Tournier, 201 1; Alers
(2% rolefor excitation-inhibition balance inthe et al., 2012; Dikic and Elazar,
brain 2018; Sumitomo et al, 2018;
Tomoda etal, 2020; Chang
etal, 2021)

No Presynapse  Regulatory component of PIKIC2; involved  (Vercer and Tooze, 2021)
sv in maturation of autophagosomes;

Yes Presynapse  Overlapping functions with VAMPS, SNARE  (Verderio et al., 2012; Toyofuku
v of secretory lysosomes in astrocytes. etal, 2015; Hil and

Colon-Ramos, 2020; Tian et l,
2021; Wojnacki et al, 2021)
No n SNARE involved in autophagosome fusion  (takura et al., 2012; Diao et a

Yes

Yes

with endolysasome together with STX17
and SNAP29

Synaptosome  ATG2-like protein invoived in ER-phagy.

Prosynapse

v

Presynapse  Regulatory subunit i the PIGKC3 complex;

v

Presynapse,  belongs 10 class G core vacuole/endosome

v tethering (CORVET) complex, which is
‘mainly implcated in endosomal fusion

Presynapse  Catalytic component of PIK3C3-C1;

v colocaizes with synaptophysin at
synapses.

Synapse Component of the retromer complex;

Synaptosome  involvediin SV endocytosis in cooperation

Presynapse,  with LRRK. Knock-down causes

Peri-AZ accumuiation of ATG9a on endolysosomes

Presynapse  Autophagy receptor; mainly for aggrephagy.

sv

Synapse Negatively reguiates association of ATG9a

Synaptosome  with kinesin motor; essentia for autophagy

Synapse Rab efector, regulates lysosome fusion.

Synapse, Involved in early steps of phagophore

Synaptosome  formation, recruts ATG12-ATGS-ATG16L1
E-ike complex.

Synaptosome  Components of the autophagy machinery

2015; Andros-Alonso et al.,
2021; Tian et al., 2021)

(Ghen etal, 2020; Chang et .,
2021)

(Mercer and Tooze, 2021)

(Takamori e al, 2006; Jiang
etal, 2014; van der Beok et a,
2019)

(naguma et al. 2016; Jaber

et al, 2016; Do and Elazar,
2018

(noshita ot al., 2017; Kausiik
and Cuervo, 2018; Rawussin
etal, 2021)

(Deng et al., 2017; Stavoe and
Holzbaur, 2019)

(Kannan et al, 2017; Tomoda
et al, 2020; Guardia et al.,
2021)

(Borchers etal., 2021; Xing
etal, 2021)
(Vanhauwaert ot a
and Blazar, 201
2019)

(Bakuia et al., 2017; Wan etal.,
2020)

AZ, actise zone; BR, annotated for biokogical processes; CMA, chaperone-mediated autophagy; SV, synapiic vesicle; n.d., not detected in synapses; P2, Synaptosomal Protein Preparation (Taoufiq et al., 2020).

Cwwwsynprot.de (Pictt et a, 2012).
24 reported by Teoufiq et al. (2020).
Cummisyngoportal.org (Koopmans ot al, 2019).

9As taken from the databases or as referred (o in remarks/function colum.
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Protein

Syntaxin-6

Syntaxin-7

Syntaxin-8

Syntaxin-12

Rab-4

Rab-5

Rab-7

Rab-8
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Rab-11

Rab-14
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Rab-35

EHD1

Vtita

Viitb

AP1

VPS26
VPS29
VPS35
VPS34
SNX1

SNX5

SNX6

TBC1D24

sy7

VAMP3

VAMP4

VAMP7

ATGS

Endophiin

LAMP1

SV recyeling role

Activity-dependent trafficking to plasma
membrane
(Hoopmann et al., 2010)

Not determined

Not determined

Activity-dependent trafficking to plasma
membrane

(Hoopmann et al., 2010)

Not determined

Required for efficient SV recycling/SV cargo
processing

(Shimizu et al., 2003; Wucherpfennig et al.,
2003; Star et al,, 2005; Shin et al., 2008)
Not determined

Not determined

LDCV secretion
(Sasidharan et al., 2012)

Faciltation of SV endocytosis/recycling

(Steinert et al., 2012; Han et al., 2017; Kokotos

etal, 2018)
Not determined

Not determined

Required for efficient SV recycling/SV cargo
processing

(Uytterhoeven et al., 2011; Sheehan et al.,
2016)

Required for ADBE

(Jakobsson et al., 2011)

Spontaneous SV fusion
(Ramirez et al,, 2012)

Activity-dependent trafficking to plasma
membrane

(Hoopmann et al., 2010)

SV fusion via TGN cargo trafficking
(Emperador-Melero et al., 2018)

SV fusion via TGN cargo trafficking
(Emperador-Melero et al., 2018)

Control of SV composition via SV cargo
clearance

(Candiello et al., 2016; lvanova et al., 2021)
Not determined

Not determined

Facilitation of SV recycling
(inoshita et al., 2017)

Bulk endosome cargo sorting
(Candiello et al., 2016)

Not determined

Not determined

Not determined

Repression of SV recycling/SV cargo
processing

(Allaire et al., 2006)

Reaquired for efficient SV recycling/SV cargo
processing

(Uytterhoeven et al., 2011; Fernandes et al.,
2014; Finelli et al., 2019)

RRP Replenishment
(Liu et al., 2014)

Asynchronous release
(Maximov et al., 2008; Bacaj et al., 2013;
Weber et al., 2014; Luo and Stidhof, 2017)
Spontaneous release

(Chanaday et al., 2021)

Facilitation of ADBE

(Virmani et al., 2003; Li et al., 2017)

Not determined

Control of Pr
(vanova et al., 2021)

Required for ADBE

(Nicholson-Fish et al., 2015; Ivanova et al.,
2021)

Asynchronous release

(Raingo et al., 2012)

Spontaneous release

(Raingo et al., 2012; Lin et al., 2020)
Spontaneous SV fusion

(Hua et al., 2011; Ramirez et al., 2012; Bal
etal,, 2013)

Not determined

Required for SV uncoating
(Gad et al., 2000; Milosevic et al., 2011;
Pechstein et al., 2015)
Reauired for SV endocytosis
(Gad et al., 2000; Sundborger et al., 2011;
Watanabe et al., 2018)
Calcium influx and SV recycling
(Kroll et al., 2019; Gowrisankaran et al., 2020)
Not determined

Endolysosomal role

Endosome fusion

(Maxfield and McGraw, 2004; Grant
and Donaldson, 2009)

LE fusion

(Luzio et al,, 2010)

LE fusion
(Luzio et al., 2010)
Endosome fusion
(Grant and Donaldson, 2009)

Axonal transport
(Stenmark, 2009)

EE fusion/maturation
(Stenmark, 2009)

EE to LE maturation
(Stenmark, 2009)

LE fusion

(Luzio et al., 2010)
Axonal transport
(Stenmark, 2009)

TGN to plasma membrane transport
(Stenmark, 2009)

RE maturation
(Grant and Donaldson, 2009;
Stenmark, 2009)

TGN to EE transport
(Stenmark, 2009)

EE to LE transport
(Stenmark, 2009)

RE fusion/maturation

(Grant and Donaldson, 2009;
Stenmark, 2009; Sheehan and Waites,
2019)

EE to RE transport

(Grant and Donaldson, 2009; Naslavsky
and Caplan, 2011)

Endosome fusion

(Maxfield and McGraw, 2004)

Retrograde TGN transport
(Johannes and Popoff, 2008)
LE/lysosome fusion

(Luzio et al., 2010)

Cargo selection for retrograde transport
(Grant and Donaldson, 2009)

Retromer cargo selection
(Seaman, 2012; Burd and Cullen, 2014)
Retromer cargo selection

(Seaman, 2012; Burd and Cullen, 2014)
Retromer cargo selection

(Seaman, 2012; Burd and Cullen, 2014)
Endosome to TGN transport

(Grant and Donaldson, 2009)

Retromer tubulation

(Seaman, 2012; Burd and Cullen, 2014)
Retromer tubulation

(Seaman, 2012; Burd and Cullen, 2014)

Retromer tubulation

(Seaman, 2012; Burd and Cullen, 2014)
RE maturation

(Grant and Donaldson, 2009; Sheehan
and Waites, 2019)

Rab35 GTPase activating protein
(Uytterhoeven et al., 2011)

Control of Arf6 activity
(Falace et al., 2014; Aprie et al., 2019)
LE/lysosome fusion

(Martinez et al., 2000; Arantes and
Andrews, 2006)

RE fusion
(Grant and Donaldson, 2009)

Endosome fusion
(Maxfield and McGraw, 2004)

Retrograde TGN transport (Johannes.
and Popoff, 2008)

LE/lysosome fusion

(Rao et al., 2004; Arantes and
Andrews, 2006; Luzio et al., 2010)
Presynaptic autophagy

(Kuijpers et al., 2021a; Overhoff et al.,
2021)

Presynaptic autophagy

(Soukup et al., 2016; Soukup and
Verstreken, 2017)

Maintenance of lysosome integrity
(Saftig and Kiumperman, 2009)

Presence on SVs

Yes
(Takamori et al., 2006)

Yes

(Takamori et al., 2006; Taoufiq
etal., 2020)

Yes

(Taoufiq et al., 2020)

Yes

(Takamori et al., 2006; Taoufiq
etal, 2020)

Yes

(Takamori et al., 2006; Pavios et al.,
2010; Taoufiq et al., 2020)

Yes

(Takamori et al., 2006; Pavlos et al.,
2010; Taoufiq et al., 2020)

Yes
(Takamori et al., 2006; Pavlos et al.,
2010; Taoufi et al., 2020)

Yes
(Takamori et al., 2006; Pavios et al.,
2010; Taoufiq et al., 2020)

Yes

(Takamori et al., 2006; Pavios et al.,
2010)

Yes

(Takamori et al., 2006; Pavios et al.,
2010; Taoufiq et al., 2020)

Yes

(Takamori et al., 2008; Pavios et al.,
2010)

Yes

(Takamori et al., 2006; Pavios et al.,
2010; Taoufiq et al., 2020)

Yes

(Takamori et al., 2006; Pavlos et al.,
2010; Taoufiq et al., 2020)

Yes
(Taoufiq et al., 2020)

Yes
(Takamori et al., 2006; Taoufiq
etal, 2020)

Yes
(Taoufiq et al., 2020)
Yes

(Takamori et al., 2006)

No

Yes
(Taoufiq et al., 2020)
No

No

Yes

(Taoufiq et al., 2020)

Yes

(Takamori et al., 2006; Taoufiq
etal., 2020)

Yes

(Taoufiq et al., 2020)

Yes

(Taoufiq et al., 2020)

No

Yes
(Taoufiq et al., 2020)

Yes

(Takamori et al., 2006; Taoufiq
etal,, 2020)

Yes

(Takamori et al., 2006; Taoufiq
etal,, 2020)

Yes
(Takamori et al., 2006; Taoufiq
etal,, 2020)

No

Yes
(Taoufiq et al., 2020)

Yes
(Takamori et al., 2006; Taoufiq
etal., 2020)

Many endolysosomal proteins are part of the cohort of molecules present in highly purified SV fractions. This table reports common endolysosomal molecules, their

proposed role in the SV lfe cycle and their presence on purified SVs.
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