
EDITED BY : Yuan Lin and Ying Li

PUBLISHED IN : Frontiers in Physics and Frontiers in Molecular Biosciences

MEMBRANE AND CYTOSKELETON 
MECHANICS

https://www.frontiersin.org/research-topics/15079/membrane-and-cytoskeleton-mechanics#articles
https://www.frontiersin.org/research-topics/15079/membrane-and-cytoskeleton-mechanics#articles
https://www.frontiersin.org/research-topics/15079/membrane-and-cytoskeleton-mechanics#articles
https://www.frontiersin.org/journals/physics
https://www.frontiersin.org/journals/molecular-biosciences


1 January 2022  |  Membrane and Cytoskeleton MechanicsFrontiers in Physics

About Frontiers

Frontiers is more than just an open-access publisher of scholarly articles: it is a 

pioneering approach to the world of academia, radically improving the way scholarly 

research is managed. The grand vision of Frontiers is a world where all people have 

an equal opportunity to seek, share and generate knowledge. Frontiers provides 

immediate and permanent online open access to all its publications, but this alone 

is not enough to realize our grand goals.

Frontiers Journal Series

The Frontiers Journal Series is a multi-tier and interdisciplinary set of open-access, 

online journals, promising a paradigm shift from the current review, selection and 

dissemination processes in academic publishing. All Frontiers journals are driven 

by researchers for researchers; therefore, they constitute a service to the scholarly 

community. At the same time, the Frontiers Journal Series operates on a revolutionary 

invention, the tiered publishing system, initially addressing specific communities of 

scholars, and gradually climbing up to broader public understanding, thus serving 

the interests of the lay society, too.

Dedication to Quality

Each Frontiers article is a landmark of the highest quality, thanks to genuinely 

collaborative interactions between authors and review editors, who include some 

of the world’s best academicians. Research must be certified by peers before entering 

a stream of knowledge that may eventually reach the public - and shape society; 

therefore, Frontiers only applies the most rigorous and unbiased reviews. 

Frontiers revolutionizes research publishing by freely delivering the most outstanding 

research, evaluated with no bias from both the academic and social point of view.

By applying the most advanced information technologies, Frontiers is catapulting 

scholarly publishing into a new generation.

What are Frontiers Research Topics?

Frontiers Research Topics are very popular trademarks of the Frontiers Journals 

Series: they are collections of at least ten articles, all centered on a particular subject. 

With their unique mix of varied contributions from Original Research to Review 

Articles, Frontiers Research Topics unify the most influential researchers, the latest 

key findings and historical advances in a hot research area! Find out more on how 

to host your own Frontiers Research Topic or contribute to one as an author by 

contacting the Frontiers Editorial Office: frontiersin.org/about/contact

Frontiers eBook Copyright Statement

The copyright in the text of 
individual articles in this eBook is the 

property of their respective authors 
or their respective institutions or 

funders. The copyright in graphics 
and images within each article may 

be subject to copyright of other 
parties. In both cases this is subject 

to a license granted to Frontiers.

The compilation of articles 
constituting this eBook is the 

property of Frontiers.

Each article within this eBook, and 
the eBook itself, are published under 

the most recent version of the 
Creative Commons CC-BY licence. 

The version current at the date of 
publication of this eBook is 

CC-BY 4.0. If the CC-BY licence is 
updated, the licence granted by 

Frontiers is automatically updated to 
the new version.

When exercising any right under the 
CC-BY licence, Frontiers must be 

attributed as the original publisher 
of the article or eBook, as 

applicable.

Authors have the responsibility of 
ensuring that any graphics or other 
materials which are the property of 

others may be included in the 
CC-BY licence, but this should be 

checked before relying on the 
CC-BY licence to reproduce those 

materials. Any copyright notices 
relating to those materials must be 

complied with.

Copyright and source 
acknowledgement notices may not 
be removed and must be displayed 

in any copy, derivative work or 
partial copy which includes the 

elements in question.

All copyright, and all rights therein, 
are protected by national and 

international copyright laws. The 
above represents a summary only. 

For further information please read 
Frontiers’ Conditions for Website 

Use and Copyright Statement, and 
the applicable CC-BY licence.

ISSN 1664-8714 
ISBN 978-2-88974-366-7 

DOI 10.3389/978-2-88974-366-7

https://www.frontiersin.org/research-topics/15079/membrane-and-cytoskeleton-mechanics#articles
https://www.frontiersin.org/journals/physics
https://www.frontiersin.org/about/contact
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
http://www.frontiersin.org/


2 January 2022  |  Membrane and Cytoskeleton MechanicsFrontiers in Physics

Topic Editors: 
Yuan Lin, The University of Hong Kong, SAR China
Ying Li, University of Connecticut, United States

Citation: Lin, Y., Li, Y., eds (2022). Membrane and Cytoskeleton Mechanics. 
Lausanne: Frontiers Media SA. doi: 10.3389/978-2-88974-366-7

MEMBRANE AND CYTOSKELETON 
MECHANICS

https://www.frontiersin.org/research-topics/15079/membrane-and-cytoskeleton-mechanics#articles
https://www.frontiersin.org/journals/physics
http://doi.org/10.3389/978-2-88974-366-7


3 January 2022  |  Membrane and Cytoskeleton MechanicsFrontiers in Physics

04	 Editorial: Membrane and Cytoskeleton Mechanics

Yuan Lin and Ying Li

07	 Application of Force to a Syndecan-4 Containing Complex With 
Thy-1–α

V
β

3
 Integrin Accelerates Neurite Retraction

Francesca Burgos-Bravo, Samuel Martínez-Meza, Andrew F. G. Quest, 
Christian A. M. Wilson and Lisette Leyton

23	 Confinement Geometry Tunes Fascin-Actin Bundle Structures and 
Consequently the Shape of a Lipid Bilayer Vesicle

Yashar Bashirzadeh, Nadab H. Wubshet and Allen P. Liu

33	 Triggering Cation-Induced Contraction of Cytoskeleton Networks via 
Microfluidics

Shea N. Ricketts, Pawan Khanal, Michael J. Rust, Moumita Das, 
Jennifer L. Ross and Rae M. Robertson-Anderson

41	 Unveiling a Hidden Event in Fluorescence Correlative Microscopy by AFM 
Nanomechanical Analysis

Massimiliano Galluzzi, Bokai Zhang, Han Zhang, Lingzhi Wang, Yuan Lin, 
Xue-Feng Yu, Zhiqin Chu and Jiangyu Li

54	 Importance of Viscosity Contrast for the Motion of Erythrocytes in 
Microcapillaries

Anil K. Dasanna, Johannes Mauer, Gerhard Gompper and Dmitry A. Fedosov

63	 Effect of F-Actin Organization in Lamellipodium on Viscoelasticity and 
Migration of Huh-7 Cells Under pH Microenvironments Using AM-FM 
Atomic Force Microscopy

Miao Chen, Wenpeng Zhu, Zhihua Liang, Songyou Yao, Xiaoyue Zhang and 
Yue Zheng

75	 Regulation of Actin Bundle Mechanics and Structure by Intracellular 
Environmental Factors

Nicholas Castaneda, Jinho Park and Ellen Hyeran Kang

82	 Chemomechanical Simulation of Microtubule Dynamics With Explicit 
Lateral Bond Dynamics

Matthias Schmidt and Jan Kierfeld

106	 Coarse-Grained Modeling of Coronavirus Spike Proteins and ACE2 
Receptors

Timothy Leong, Chandhana Voleti and Zhangli Peng

115	 Bidirectional Mechanical Response Between Cells and Their 
Microenvironment

Claudia Tanja Mierke

155	 3D Computational Modeling of Bleb Initiation Dynamics

Wanda Strychalski

Table of Contents

https://www.frontiersin.org/research-topics/15079/membrane-and-cytoskeleton-mechanics#articles
https://www.frontiersin.org/journals/physics


Editorial: Membrane and Cytoskeleton
Mechanics
Yuan Lin1* and Ying Li2

1Department of Mechanical Engineering, The University of Hong Kong, Hong Kong, China, 2Department of Mechanical
Engineering and Polymer Program, Institute of Materials Science, University of Connecticut, Storrs, CT, United States
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Editorial on the Research Topic

Membrane and Cytoskeleton Mechanics

As two main structural components of a cell, the lipid bilayer membrane [1] and cytoskeleton [2] are
responsible for stabilizing the cell shape as well as playing key roles in different cellular functions. For
example, important processes like cell migration [3–6], division [7, 8], and embryo development [9,
10] are all driven by internal forces generated within the cytoskeleton. In addition, various mechano-
sensitive proteins in the membrane allow cells to probe their microenvironment and perform
functions such as mechano-transduction [11, 12] and volume regulation [13, 14]. For these reasons,
extensive efforts have been devoted in the past few decades to elucidating key factors dictating the
mechanical response of the lipid membrane and cytoskeleton [15–18] as well as connecting them to
the capability of cells to perform biological duties or the progression of diseases such as cancer [19]
and malaria [20]. This research topic intends to present a collection of substantial advances made in
this field recently.

The paper by Burgos-Bravo et al. shows that proteoglycan receptor Syndecan-4 can form a ternary
complex with αVβ3 integrin and the neuronal protein Thy-1, increase the lifetime of Thy-1 – αVβ3
integrin binding, modulate their mechano-transduction function, and eventually result in faster
neurite retraction and suppressed neurite outgrowth under pro-inflammatory conditions.

The paper by Ricketts et al. focuses on how ionic conditions influence the rearrangement of
networks of actin and microtubules. Specifically, the authors show that the bulk contraction of both
actin and actin-microtubule networks increases when Mg2+ concentrations varies from 2 to 20 mM.
Interestingly, actin networks begin to contract at lower Mg2+ concentrations and shorter times than
actin-microtubule networks. These results shed light on how varying environmental conditions can
dynamically tune the morphology of the cytoskeleton without the help of motor proteins.

The paper by Bashirzadeh et al. discusses how the properties of actin crosslinkers and surrounding
confinement geometry regulate the formation of actin bundles and bundle networks. Specifically,
depending on the size of giant unilamellar vesicles (GUVs) encapsulating actin and concentration of
fascin, a short crosslinker, straight F-actin bundles, or crosslinked bundle networks can be formed. In
addition, the authors also show that the presence of a long crosslinker, α-actinin, impacts fascin-
induced GUV shape changes and significantly impairs the formation of filopodia-like protrusions.

The paper by Dasanna et al. presents how the contrast/ratio of viscosities between RBC cytosol and
blood plasma affects the shape and dynamics of RBCs via mesoscopic hydrodynamics simulations.
Interestingly, it is found that distinct RBC shapes, including tumbling cells, parachutes, and tank-treading
slippers, can all appear depending on the values of viscosity contrast, flow rate, and tube diameter.
Furthermore, the authors demonstrate that the tumbling-to-slipper transition, as well as the size of the
parachute region, is strongly affected by viscosity contrast.

The paper by Galluzzi et al. discusses the influence of photothermal effects of fluorescent dyes on
the mechanical response and stability of membranes. Specifically, the authors show a 30 min laser
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irradiation, with intensity similar to that in a typical confocal
scanning microscopy experiment, is enough to trigger a ∼40%
decrease in the breakthrough force of the stained phospholipid
bilayer membrane along with a ∼30% reduction in its apparent
elastic modulus, highlighting the importance of considering such
effect when using, for example, atomic force-fluorescence
correlative microscopy to investigate the deformability and
permeability of cell membranes.

The paper by Schmidt and Kierfeld proposes a chemomechanical
model of microtubule dynamics on the dimmer level. By taking into
account the attachment/detachment and hydrolysis of tubulin
dimers, the deformation of protofilaments, and the rupture/
formation of lateral bonds between them, the authors show the
model is computationally efficient to capture repeated catastrophes
and rescues at realistic tubulin concentrations and hydrolysis rates,
as well as gain insight into microscopic structural features triggering
these events.

The paper by Chen et al. discusses the organization of F-actin
and viscoelasticity distribution in migrating cells in response to
pH changes in the microenvironment. In particular, by using
multifrequency atomic force microscopy (AFM) with amplitude
modulation-frequency modulation (AM–FM), the authors show
that, unlike the randomly distributed F-actin and the
homogeneous viscoelasticity at the normal pH level, living
Huh-7 cancer cells with the reduced pH level of 6.5 exhibits
highly oriented and organized F-actin along the lamellipodium
direction coupled with a spatial gradient both in elasticity and
viscosity of the cell.

The paper by Castaneda et al. reviews recent progress on
understanding how different environmental factors contribute to
actin bundle assembly, organization, and mechanics. Specifically,
the effects of macromolecular crowding, cation interactions, and
actin-crosslinking proteins on F-actin bundling, higher-ordered

structure formation, and mechanical response of the resulting
network are discussed in detail.

The paper by Leong et al. presents coarse-grained molecular
dynamics models of spike proteins in SARS-CoV-2 coronavirus
and angiotensin-converting enzyme 2 (ACE2) receptor proteins to
study the endocytosis of the virus under physiologically relevant
spatial and temporal scales. The coarse-grained molecular
simulations show that, during their interaction with the ACE2
receptors, the spike proteins adopt bent configurations because of
their unique flexibility, which facilitates their attachment to the host
cell membrane, compared with rigid spikes.

The paper by Mierke reviews the current understanding of
the bidirectional mechanical interplay between cells and their
microenvironment. Specifically, it points out how, on the one
hand, the intracellular cytoskeletal architecture and, on the
other hand, the matrix architecture contribute to cellular
stiffness or contractility and thereby determines the
emergence of a distinct migration mode of cells. In
addition, it also discusses whether universal hallmarks of
the migratory phenotype can be defined.

The paper by Strychalski presents a 3D dynamic
computational model for describing cell blebbing where
membrane locally detaches from the actin cortex, resulting in
a pressure-driven flow of the cytosol and membrane expansion.
In particular, bleb expansion dynamics under different initiation
mechanisms are analyzed. Furthermore, the author also discusses
the influence of treating the cytoplasm as a viscous fluid or as a
poroelastic material on blebs’ shape and growing speed.
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Application of Force to a Syndecan-4
Containing Complex With Thy-1–αVβ3
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Inflammation contributes to the genesis and progression of chronic diseases, such
as cancer and neurodegeneration. Upregulation of integrins in astrocytes during
inflammation induces neurite retraction by binding to the neuronal protein Thy-1,
also known as CD90. Additionally, Thy-1 alters astrocyte contractility and movement
by binding to the mechano-sensors αVβ3 integrin and Syndecan-4. However, the
contribution of Syndecan-4 to neurite shortening following Thy-1–αVβ3 integrin
interaction remains unknown. To further characterize the contribution of Syndecan-
4 in Thy-1-dependent neurite outgrowth inhibition and neurite retraction, cell-based
assays under pro-inflammatory conditions were performed. In addition, using Optical
Tweezers, we studied single-molecule binding properties between these proteins, and
their mechanical responses. Syndecan-4 increased the lifetime of Thy-1–αVβ3 integrin
binding by interacting directly with Thy-1 and forming a ternary complex (Thy-1–
αVβ3 integrin + Syndecan-4). Under in vitro-generated pro-inflammatory conditions,
Syndecan-4 accelerated the effect of integrin–engaged Thy-1 by forming this ternary
complex, leading to faster neurite retraction and the inhibition of neurite outgrowth.
Thus, Syndecan-4 controls neurite cytoskeleton contractility by modulating αVβ3

integrin mechano-receptor function. These results suggest that mechano-transduction,
cell-matrix and cell-cell interactions are likely critical events in inflammation-related
disease development.

Keywords: cell–cell adhesion, single-molecule analysis, trimolecular adhesion complex, mechano-sensor,
mechano-transduction, inflammation, cell adhesion molecules

Abbreviations: bFGF, basic fibroblast growth factor; CAD, Cath.a-differentiated; CNS, central nervous system; CSPG,
chondroitin sulfate proteoglycans; FA, focal adhesions; FGFR, fibroblast growth factor receptor; Hase III, heparitinase III;
HBD, heparan binding domain; Hep, heparin; HS, heparan sulfate; HSPG, heparan sulfate proteoglycans; pN, piconewton;
TMB, 3,3′,5,5′-tetramethylbenzidine; TNF, tumor necrosis factor.
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INTRODUCTION

Cell–cell adhesion is initiated by the interaction in “trans”
of membrane receptors located on opposing cell surfaces. An
example of such heterophilic interactions is that mediated
by the glycosyl-phosphatidylinositol (GPI)-anchored adhesion
protein Thy-1 (expressed on many cells including neurons,
fibroblasts, thymocytes and cancer cells) with integrins, such
as αVβ3 on astrocyte and α5β1 on human melanoma cells
(Herrera-Molina et al., 2013). These transmembrane mechano-
receptors are well known to connect extracellular matrix ligands
to the cytoskeleton to promote cell adhesion, contractility,
and migration. However, association also occurs between
oligomerized, preassembled Thy-1 complexes and integrin
clusters located on adjacent cell surfaces (Hagood, 2019; Leyton
et al., 2019). For example, under inflammatory conditions
in the CNS, αVβ3 integrin clustering, and the intracellular
signaling cascade initiated in astrocytes by neuronal Thy-1
binding, leads to the assembly of focal adhesions (FA) and
cell motility (Kong et al., 2013; Lagos-Cabré et al., 2017).
Alternatively, αVβ3 integrin binding to Thy-1 complexes on
an adjacent cell (the neuron), triggers neurite retraction or
inhibition of neurite outgrowth (Herrera-Molina et al., 2012;
Maldonado et al., 2017). Another example is the binding of
melanoma integrins to the Thy-1-expressing cytokine-activated
endothelium, which increases endothelial cell contractility
(Schubert et al., 2013). In this case, cell contraction results
in extravasation of cancer cells through the blood vessel wall,
an important event for establishing secondary tumors (Bendas
and Borsig, 2012). These examples underscore the importance
of studying the effect of forces generated by alterations in
cytoskeletal tension on the cell responses mediated by Thy-1–
integrin association.

Bonds supporting protein-protein interactions respond to
mechanical forces in three manners, force might (i) accelerate
bond dissociation (slip bond); (ii) slow down dissociation (catch
bond); or (iii) maintain bond lifetime (ideal bond) (Dembo
et al., 1988; Zhu, 2014). Molecular force spectroscopy is a
technique employed to characterize the effect of force on these
interactions, and is used to obtain information concerning bond
strength, the energy landscape of the dissociation process and
the lifetime of bimolecular interactions (Yuan et al., 2000;
Stangner et al., 2013).

In a recent study, binding of Thy-1-coated beads to the
purified α5β1 integrin ectodomain was shown to exhibit
a slip bond behavior (non-stiffening bond). Additionally,
when the Thy-1-beads were challenged with α5β1 integrin
expressed in K562 cells, a “dynamic catch” behavior was
observed, that is the slip bond changed to a catch bond
(stiff bond) and then reverted back to slip bond behavior,
as the force applied increased (Fiore et al., 2014). In these
experiments, antibodies against α5β1 integrin only partially
blocked the interactions, suggesting the participation of
other adhesive components in the bead-cell model. This
led to the discovery of the heparan sulfate proteoglycan
Syndecan-4 as the missing protein component that, by
forming a tri-molecular complex with Thy-1 and the

integrin, changes the stiffness of the bonds involved under
mechanical stimulation.

Interestingly, the bi-directional signaling described by
our group studying neuron-astrocyte interactions under pro-
inflammatory conditions, induced for instance by traumatic
brain injury or neurodegenerative diseases was shown to require
similar components. That is, Thy-1 binding to αVβ3 integrin
in astrocytes requires Syndecan-4 to induce FA turnover and
forward cell motility in reactive astrocytes (Avalos et al., 2009;
Kong et al., 2013). Thy-1-stimulated astrocyte migration is an
essential response of this glial cell to reach and repair the damage
zone (Lagos-Cabré et al., 2017). Alternatively, αVβ3 integrin
binding to Thy-1 on neurons leads to neurite retraction (Herrera-
Molina et al., 2012; Maldonado et al., 2017), an early response
of axons to injury required to remove at a small-scale damaged
axonal connections, to stabilize the affected neuronal network
and to initiate the repairing processes (Houle and Tessler, 2003;
Luo and O’Leary, 2005). However, a role for Syndecan-4 in the
αVβ3 integrin-induced alteration of the neuronal actin-myosin
cytoskeleton has not been reported.

Thus, the physical properties and the biological significance
underlying the formation of the tri-molecular complex in
neuron-astrocyte interactions were studied. To this end, bond
behavior under force was analyzed using optical miniTweezers
in combination with various cell-based assays. Here, we report
that Thy-1–αVβ3 integrin binding, and the neuronal responses
elicited downstream of this interaction are modulated by
Syndecan-4 association. In addition, and contrary to the dynamic
catch model previously reported (Fiore et al., 2014), we found that
Syndecan-4 does not change the slip bond properties of the Thy-
1–αVβ3 integrin interaction, but rather stabilizes the interaction
between these two proteins, thereby potentiating the integrin
effect in neurons. Importantly, only reactive astrocytes induced
these outcomes in neurons, suggesting that inflammatory
conditions are required to favor the ternary complex formation.
These studies yield important insights to how inflammation
affects neuronal architecture inducing changes in mechano-
transduction that will contribute to neurodegeneration.

MATERIALS AND METHODS

Antibodies and Reagents
Immunoblot analysis of astrocyte cell lysates was performed
using antibodies, including anti-β3 integrin (AB2984; Millipore),
anti-1-heparan sulfate (3G10; Seikagaku), anti β actin (A5060;
Sigma-Aldrich), and secondary horseradish peroxidase-
conjugated goat anti-mouse (074-1806) or anti-rabbit (074-1516)
IgG polyclonal secondary antibodies from KPL. Anti-Syndecan-
4 (sc-12766; Santa Cruz) was used to detect the recombinant
Syndecan-4-Fc. Goat polyclonal antibody anti-rat β3 integrin
(sc-6627; Santa Cruz) and rabbit polyclonal anti-rat β1 integrin
(sc-8978; Santa Cruz) were used as blocking antibodies
in the co-culture assays. Reagents used in this work were:
Heparin (H-3400; Sigma-Aldrich), Heparitinase III from
Flavobacterium heparinum EC 4.2.2.8 (H-8891; Sigma-Aldrich),
Cell TrackerTM Green 5-chloromethyl fluorescein diacetate dye
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(C2925; Invitrogen) for monitoring living cells. The cell Line
Nucleofector Kit (VCA-1003; Lonza) was used to transfect the
astrocytes in the Nucleofector Device, X-treme GENE HP DNA
Transfection Reagent (06-366 244 01; Roche) for HEK293T cell
transfection, 1-Step Ultra TMB (3,3′,5,5′-tetramethylbenzidine)
ELISA substrate (34028; Thermo Scientific), recombinant
human bFGF protein (PH-G0266; Gibco), bovine serum
albumin fraction V protease- and immunoglobulin-free (BSA-50;
Rockland), protein A-sepharose from Staphylococcus aureus
(P-3391; Sigma) and protein G-polystyrene beads (3.1 and
2.1 µm; Spherotech).

Cell Cultures
CAD cells (Cath.a-differentiated) were used as a neuronal model
to study neuronal process outgrowth (Qi et al., 1997; Li et al.,
2007). CAD cells were grown in DMEM/F12 medium (Gibco,
United States) supplemented with 8% of fetal bovine serum
(FBS HyClone, Canada) and morphological and functional
differentiation of CAD cells was induced by serum deprivation
for 24 h in DMEM/F12 supplemented with 50 ng/ml of sodium
selenite (S5261; Sigma-Aldrich) as reported (Herrera-Molina
et al., 2012). The astrocyte cell line DITNC1 was maintained
in RPMI 1640 medium (Gibco) with 5% FBS (HyClone,
United States) and 0.1 mM 2-mercaptoethanol (Gibco). Primary
astrocytes were derived from mixed glial cell cultures recovered
from cortices of 2-day-old rats (P2) (bioethical protocol approved
by the biothical committe of the Universidad de Chile) and
cultured with DMEM/F12 medium supplemented with 10%
FBS (Biological Industries) as previously described (Lagos-Cabré
et al., 2017). HEK293T cells used to produce recombinant αVβ3-
Fc and Syndecan-4-Fc proteins were grown in DMEM/High-
glucose medium supplemented with 10% FBS (Hyclone, Canada).
All cells were maintained with 1% penicillin-streptomycin
solution on standard tissue culture dishes in a humidified
atmosphere of 5% CO2 and 37◦C.

Recombinant Fc-Tagged Proteins
Purified Thy-1-Fc wild-type, Thy-1(RLE)-Fc mutant for the
integrin-binding site, Thy-1(AEAAA)-Fc mutant for the HBD,
as well as human TRAIL-R2-Fc fusion proteins were obtained
as previously reported (Schneider, 2000; Leyton et al., 2001).
Recombinant αVβ3-Fc integrin, possessing the ectodomain
of the heterodimeric protein and the Fc portion of the
human immunoglobulin IgG1, was secreted into serum-free
cell culture media of transiently transfected HEK293T cells
and purified as previously published (Burgos-Bravo et al.,
2018). A similar experimental strategy was used to produce
the Fc-tagged protein of Syndecan-4 (Syndecan-4-Fc), where
the extracellular domain of the human proteoglycan at the C
terminus was fused to the Fc tag. Here, HEK293T cells were
transfected with the Syndecan-4-Fc expression plasmid using
the X-treme GENE HP DNA transfection reagent according
to the manufacturer’s instructions (Roche). After 2 days in
culture, serum-free medium containing soluble Syndecan-4-
Fc was recovered, filtered and stored at -20◦C. Commercially
purified human Syndecan (ectodomain)-4-Fc was used for optical
tweezers experiments.

Characterization of Syndecan-4-Fc
Functionality
HS chains on the recombinant Syndecan-4-Fc protein were
characterized by the electrophoretic mobility of Syndecan-4-Fc
after treatment with Heparitinase (Hase III), which removes
the HS chains from the core protein. Syndecan-4-Fc was
first precipitated from the serum-free medium obtained from
HEK293T transfected cells, by incubating for 1 h at 4◦C, with
an excess of protein A-sepharose beads. Then, the solution was
centrifuged (3000 g × 5 min) and the precipitate contained
the Syndecan-4-Fc protein (Precipitated; Figure 2B), while
the medium was depleted of the fusion protein (Depleted;
Figure 2B). All samples were digested for 3 h at 37◦C with 0.5
mU Hase III and resuspended in the digestion buffer (20 mM
Tris-HCl, pH 7.4 containing 50 mM NaCl and 2 mM CaCl2). As
controls, undigested samples were also prepared by incubating
them only with the digestion buffer. Samples were then boiled for
5 min in Laemmli buffer (2% SDS, 10% Glycerol, 62.5 mM Tris-
HCl, pH 6.8, 5% β-mercaptoethanol and 0.01% bromophenol
blue), separated by 10% SDS-PAGE gels, transferred onto
nitrocellulose membrane (Millipore) and blocked in 5% w/v non-
fat, dry milk in TBS containing 0.1% Tween-20. Immunoblots
were analyzed by incubation of membranes with anti-Syndecan-
4 antibodies (1:2000, Santa Cruz) for 1 h at room temperature.
Membranes were then washed and incubated with horseradish
peroxidase-conjugated goat anti-mouse IgG (1:3000, KPL) for
1 h at room temperature. The peroxidase activity was revealed
with a chemiluminescence kit (Pierce, Thermo Scientific). The
functionality of Syndecan-4-Fc was tested by enzyme-linked
immunosorbent assay (ELISA). First, bFGF (1 µg/ml) or BSA
(1 µg/ml; control) were immobilized overnight in a 96-well plate
(Maxisorp, Nunc) at 4◦C. Then, serum-free medium containing
Syndecan-4-Fc protein as well as TRAIL-R2-Fc protein (Fc-
tagged protein control) were added to wells and incubated for 2 h
at 37◦C. To detect Syndecan-4-Fc/bFGF binding, HRP-coupled
goat anti-human IgG1 antibodies and the chromogenic TMB
substrate were used according to manufacturer’s instructions
(Thermo Scientific).

Neurite Outgrowth Assay
DITNC1 cells (5× 105 cells/cm2) or primary astrocytes (3× 105

cells/cm2) were seeded and grown to 90% confluency on 8-well
glass bottom plates. To induce a pro-inflammatory environment,
rat primary astrocytes were stimulated with 10 ng/ml of TNF for
48 h. Astrocyte monolayers were treated with Hase III (0.5 mU)
for 3 h at 37◦C in serum-free medium to study whether heparin
sulfate chains were involved in neurite outgrowth inhibition.
In other experiments, astrocyte Syndecan-4 was silenced using
siRNA against exons 3 and 4, as reported (Avalos et al.,
2009). Control siRNA (siCTRL) was used to confirm specificity.
Astrocytes were fixed with 4% p-formaldehyde for 30 min at
room temperature and washed with abundant PBS containing
5 mM glycine. Then, fixed monolayers were incubated with anti-
β3 integrin antibody (5 µg/ml) during 1 h at 37◦C to block
β3 or β1-containing heterodimeric integrins in the astrocyte
surface, respectively. Next, cell tracker green-labeled CAD cells
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(5 × 104 cells/cm2) were added to the astrocyte monolayer and
maintained in co-culture for 24 h. In some experiments, CAD
cells were pre-incubated with Heparin (400 µg/ml) for 30 min at
room temperature to block astrocyte surface HS chain binding.
The next day, cells were washed with PBS and morphological
differentiation of CAD cells (i.e., neurite outgrowth) was
induced in serum-free medium for 24 h. Images of living cells
were acquired using a FV10i confocal microscope (Olympus
Corp., Tokyo, Japan) equipped with UPLSAPO 60X/1.35 water
immersion objective. CAD cells were analyzed using NeuronJ
plug-in for ImageJ software as was previously reported (Herrera-
Molina et al., 2012; Maldonado et al., 2017). The length of
processes was measured and expressed in µm. CAD cells were
considered morphologically differentiated when presenting at
least one neurite longer or equal to 15 µm. The number of
varicosities per neuronal process was also used to characterize
differentiated CAD cells.

Neurite Retraction Assay
CAD cells (5 × 104 cells/cm2) were seeded in 24-well plastic
plates and grown in serum-containing DMEME/F12 medium
overnight to reach 60% confluency. Then, morphological
differentiation was induced in serum-free medium for 24 h as
indicated before. CAD cells with established neurites (i.e., with
neuronal processes) were incubated with serum-free medium
containing αVβ3-Fc integrin (one tenth of the total volume), in
the absence or presence of different volumes of Syndecan-4-Fc-
containing medium at 37◦C. Control cells were incubated with
Fc-tagged depleted medium, which was obtained by overnight
incubation with an excess of protein A-sepharose beads. In
other experiments, medium-containing αVβ3-Fc protein was pre-
incubated with Protein-A (2 µg) and added to morphologically
differentiated CAD cells. Neurite length changes were recorded
after 5, 10, 20, and 40 min of exposure to Syndecan-4-Fc and/or
αVβ3-Fc-containing supernatant using a Disk Scanning Unit-
IX81 Spinning disk confocal microscope (Olympus Corp.). The
neuronJ plug-in was used to quantify neurite length over time.

Immunoblotting Analysis
For immunoblot analysis of DITNC1 cells or primary astrocytes,
cells were washed with ice-cold PBS and lysed with ice-cold lysis
buffer (150 mM NaCl, 0.1% SDS, 0.25% sodium deoxycholate,1%
Triton-X100, in 50 mM Tris-HCl pH, 7.0) supplemented
with protease and phosphatase inhibitors (1 mM sodium
orthovanadate, 2 µg/ml antipain, 1 µg/ml leupeptin, 10 µg/ml
benzamidine and 1 mM PMSF). Protein extracts (30 µg) were
mixed with Laemmli buffer, boiled for 5 min, electrophoretically
separated on 10% SDS-PAGE and transferred to nitrocellulose
membranes (Millipore). For Syndecan-4 detection, protein
extracts were first digested with Heparitinase III (0.5 mU) for 3 h
at 37◦C and then mixed with Laemmli buffer. The membranes
were blocked with TBS-T 5% fat-free milk and subsequently
incubated with anti-1-heparan sulfate (1:2500; Seikagaku), anti-
β3 integrin (1:3000; Millipore), or anti-β-actin (1:3000; Sigma-
Aldrich) antibodies for 1 h at room temperature, followed by
the appropriate horseradish peroxidase-conjugated secondary

antibodies. In all cases, peroxidase activity was revealed with the
chemiluminescence kit (Pierce, Thermo Scientific). Immunoblot
quantification was performed by measuring band intensity using
ImageJ software and normalized to the loading control (β actin).

Optical Tweezers and Force
Measurement Protocols
To characterize the mechanical properties of the Thy-1-
dependent interactions, a miniTweezers device was used as a
single-molecule force transducer instrument (Smith et al., 2003),
using a stiffness of 0.1 pN/nm. All binding experiments were
performed in Hepes buffer (10 mM Hepes, pH 7.4) containing
100 mM NaCl and 1 mM MgCl2 at 25◦C, using a microchamber
with a glass micropipette as reported (Burgos-Bravo et al., 2018).
Protein G-coated polystyrene beads were used to attach the
Fc-tagged proteins at a femtomolar concentration (description
in Figure 1A). In order to characterize the rupture forces
required to dissociate the Thy-1-Fc-dependent interactions and
determine the adhesion frequency between Thy-1-Fc (wild-
type and mutants) and Syndecan-4-Fc, a force-ramp assay was
performed pulling the optically trapped bead at a constant
force-loading rate (10 pN/s) as described (Burgos-Bravo et al.,
2018). The rupture force histograms were obtained with at
least 120 binding events per four pairs of freshly prepared
beads and normalized for the total number of approaching-
retraction cycles (i.e., when both protein-coated beads are put
in contact to promote the protein-protein interaction and then
are separated at a constant rate to dissociate the binding).
These histograms contain rupture forces associated to non-
specific binding events of Thy-1-Fc (Figure 1B, Thy-1/buffer
condition), however, for comparison studies, we assumed that
these non-specific interactions of lower affinity were affecting
each histogram in similar magnitude, mainly in the low range
of force values. The bin size was calculated using Scott’s rule
(Scott, 1979). For the adhesion frequency assay, events with
and without binding were characterized to calculate an adhesion
frequency in at least 50 approach-retraction cycles carried out
per 4–5 pairs of different beads. The lifetime of each bond
(Thy-1-Fc–Syndecan-4-Fc, Thy-1-Fc–αVβ3-Fc or Thy-1–αVβ3-
Fc + Syndecan-4-Fc) was determined using the constant-force
assay, in which the optically trapped bead is placed in close
proximity of the other bead to promote bond formation and
then quickly subjected to a ramp force (<1 s) at a constant
value (constant forces applied here were: 10, 20, 30, 40, and 50
pN) until the interaction is dissociated. The bond lifetime was
measured as the time from when the force reached the desired
level until the instant the binding was disrupted (Figure 1C). At
each constant force condition, a collection of lifetime data was
obtained and plotted as a function of the constant force. The Bell
model:

τ (F) = τ0e(
x‡F
kBT )

was used to describe the effect of force on bond lifetime, where
τ0 is the lifetime in the absence of force, x‡ is the distance to
the transition state, F is the force applied to the bond, kB is
the Boltzmann′s constant, and T is the absolute temperature.
The Bell model predicts that the time that both proteins interact
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FIGURE 1 | Characterization at the single-molecule level reveals that Syndecan-4 increases the lifetime of the Thy-1–αVβ3 integrin binding by forming a ternary
complex. (A) Scheme of the assay using miniTweezers. Two different sizes of protein G-coated beads were used; the smaller bead (Bead 1; 2.1 µm) contained
purified Thy-1-Fc and was attached to a micropipette by suction; the larger bead (Bead 2; 3.1 µm) containing the αVβ3-Fc, Syndecan-4-Fc or both molecules, was
trapped by a laser beam and held in the focus of the microscope (Figure adapted from Burgos-Bravo et al., 2018. https://doi.org/10.1091/mbc.E17-03-0133).
(B) Adhesion frequency of Syndecan-4 (Synd-4-Fc) with TRAIL-R2-Fc (control protein), wild-type Thy-1-Fc, Thy-1(RLE)-Fc mutated in the integrin binding-site, and
Thy-1-(AEAAA)-Fc mutated in the heparin binding domain, was assessed using force-ramp assays at a loading rate of 10 pN/s. The total number of binding events
in at least 50 approaching-retraction cycles per 4–5 pairs of beads were measured. Non-specific interactions were evaluated using Thy-1-Fc- and Hepes
buffer-treated beads (Buffer). Data are expressed as the mean ± SEM (*p < 0.05; n.s. non-significant, assessed by Mann–Whitney’s test). (C) Representative
force-time trace obtained by force-constant assay at 30 pN between Thy-1-Fc and Syndecan-4-Fc. The force is ramped to and sustained at a constant force until
the interaction is disrupted. (D) Lifetime of bi-molecular Thy-1-Fc interactions with Syndecan-4-Fc (Thy-1-Fc/Syndecan-4-Fc) or αVβ3-Fc integrin (Thy-1-Fc/αVβ3-Fc)
as a function of the constant force. (E) Lifetime of tri-molecular Thy-1-Fc interactions with αVβ3-Fc integrin and Syndecan-4-Fc (Thy-1-Fc/αVβ3-Fc + Syndecan-4-Fc)
plotted versus constant force. As a control for the tri-molecular interactions, lifetime data were evaluated for Thy-1-Fc binding with TRAIL-R2-Fc in the presence of
Syndecan-4-Fc (Thy-1-Fc/Syndecan-4-Fc + TRAIL-R2-Fc) or αVβ3-Fc integrin (Thy-1-Fc/αVβ3-Fc + TRAIL-R2-Fc). Lifetime data plotted against constant forces
were fitted to the Bell model (see Materials and Methods) to calculate the unbinding parameters at zero force for each interaction (F), including lifetime (τ0), off-rate
constants (koff

0; inversely related to the lifetime), and the distance to the transition state (1x‡). Lifetime data in (D,E) are expressed as the mean ± SEM from at least
60 binding events obtained using 3 pairs of different beads. Force-ramp and constant-force results were analyzed by a Matlab program.

decreases exponentially with force (Bell, 1978) and was used
due to non-deviation from linearity in the force-dependent
lifetime plot. Both force-ramp and constant-force data were
processed with Matlab using the “Tweezers Analysis” program

developed by Jesse Dill in the laboratories of Carlos Bustamante
and Susan Marqusee (Dill, 2012) to estimate rupture force
values, lifetime and binding/non-binding event data for each
condition evaluated.
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Statistical Analysis
Data are expressed as the mean ± standard error of the mean
(SEM) from n = 3 or more independent experiments. Results
were compared by non-parametric unpaired, one-tailed Mann–
Whitney analysis using GraphPad Prism 5 software, as was
previously reported (Herrera-Molina et al., 2012; Maldonado
et al., 2017). Statistical significance is indicated in each figure.

RESULTS

Characterization at the Single-Molecule
Level Reveals that Syndecan-4 Increases
the Lifetime of the Thy-1–αVβ3 Integrin
Binding by Forming a Ternary Complex
Our prior results suggest the existence of a tri-molecular complex
in the neuron-astrocyte cell-cell adhesion model, which involves
Thy-1, Syndecan-4 and the αVβ3 integrin (Avalos et al., 2009;
Kong et al., 2013). Considering that not only the αVβ3 integrin,
but also Syndecan-4 acts as a mechano-receptor in other cells
(Bellin et al., 2009), we first investigated the mechanical response
of these Thy-1-dependent interactions either as bi-molecular
binding between Thy-1–Syndecan-4 and Thy-1–αVβ3 integrin,
or tri-molecular binding Thy-1–αVβ3 integrin + Syndecan-4.
To this end, we purified Fc-tagged recombinant proteins and
employed the optical miniTweezers instrument to characterize
the interactions between fusion proteins by molecular force
spectroscopy (Figure 1A).

We used optical tweezers experiments at a dilution that
ensures detection of single binding events to obtain evidence
for a direct interaction between Thy-1 and Syndecan-4 (Burgos-
Bravo et al., 2018). The two fusion proteins were attached to
different size polystyrene beads coated with protein G; Thy-1-Fc
was bound to the smaller bead attached to a micropipette, while
Syndecan-4-Fc was attached to the bigger bead trapped with a
laser beam (Figure 1A). As we previously reported for the Thy-
1–αVβ3 integrin interaction, the probability of adhesion between
two proteins is estimated from the frequency of adhesion events
in a sequence of approaching-retraction cycles between both
beads (Burgos-Bravo et al., 2018). Therefore, we performed an
adhesion frequency assay using the force-ramp strategy to study
binding specificity. Higher adhesion frequencies of Syndecan-
4 with Thy-1-Fc wild type [Thy-1(RLD)-Fc] compared to the
control conditions with TRAIL-R2-Fc receptor (TRAIL-R2-Fc)
or beads without proteins (Buffer) were observed (Figure 1B).
TRAIL-R2-Fc is an Fc-tagged protein that serves as a negative
control in all our functional assays (Maldonado et al., 2017;
Lagos-Cabré et al., 2018).

The Thy-1-Fc mutated in the integrin-binding site [Thy-
1(RLE)-Fc] (Hermosilla et al., 2008) showed a similar binding
frequency as the wild type Thy-1, ruling out the participation
of this domain in the interaction with Syndecan-4 (Figure 1B).
Conversely, Thy-1-Fc mutated in the heparin-binding domain
[HBD, Thy-1(AEAAA)-Fc] (Avalos et al., 2009; Kong et al.,
2013) showed a lower binding frequency with Syndecan-4-Fc
(Figure 1B). These results are consistent with the rupture force

distribution profiles obtained for each individual interaction,
where similar peak rupture forces for the interaction between
Syndecan-4-Fc and both Thy-1-Fc wild type and Thy-1(RLE)-Fc
were observed (Supplementary Figures S1A,B). As expected, a
different rupture force histogram was obtained for the binding
of the proteoglycan Syndecan-4 and Thy-1(AEAAA)-Fc mutated
in the HBD (Supplementary Figure S1C). These results are
indicative of a direct interaction between Syndecan-4 and Thy-
1 and the involvement of the Thy-1 HBD in the binding between
these two proteins.

A constant-force strategy was implemented with the optical
tweezers to characterize the mechanical response of the Thy-
1-dependent interactions. Here, once the beads are in contact,
the force is quickly ramped to and held at a desired constant
force until the interaction is disrupted. Thus, the bond lifetime
is determined as the time that it takes to dissociate the bond at
a given constant force (Marshall et al., 2003). A representative
force-time trace obtained for the interaction between Thy-
1-Fc and Syndecan-4-Fc is shown in Figure 1C. Using this
methodology, we then measured the bond lifetime for each
bi-molecular interaction (Thy-1-Fc–Syndecan-4-Fc and Thy-
1-Fc–αVβ3-Fc; Figure 1D) and the tri-molecular interaction
(Thy-1-Fc–αVβ3-Fc + Syndecan-4-Fc; Figure 1E) at different
constant forces, between 10 and 50 pN, and plotted bond
lifetime as a function of constant force. The lifetime data were
then fitted by applying the Bell model (Bell, 1978) (see section
Materials and Methods). As predicted by the Bell’s equation,
Figure 1D shows that force accelerates the dissociation of both
bi-molecular interactions, indicative of slip bond behavior. These
mechanical responses were corroborated by plotting the force-
dependent lifetime data on a logarithmic scale (Supplementary
Figure S1D). Using this model, we characterized the kinetic
parameters of the unbinding process for each set of bi-molecular
binding events in the absence of force (Figure 1F). A significant
difference in the mechanical response is observed at forces
lower than 10 pN, where the calculated bond lifetime values
are lower for the interaction of Thy-1 with the proteoglycan
Syndecan-4. The result suggests that this interaction is disrupted
more rapidly than Thy-1–αVβ3 integrin binding at forces lower
than 10 pN. The higher bond lifetime at zero force that was
found for Thy-1–αVβ3 integrin binding (τ0 = 6.79 ± 1.49 s)
compared to that of Thy-1–Syndecan-4 (τ0 = 3.06 ± 0.22 s)
suggests that in the absence of mechanical forces, the Thy-1–αVβ3
integrin interaction is more stable than that of Thy-1–Syndecan-
4. In addition, a similar distance to the transition state value
was characterized for both interactions (∼0.2 nm; Figure 1F),
suggesting that despite the differences found in the mechanical
responses for each bi-molecular interaction, the nature of these
bonds is similar.

We also studied the mechanical response of Thy-1-dependent
binding in the presence of both astrocytic proteins, Syndecan-4
and αVβ3 integrin. As a control for binding specificity, we first
evaluated the force-dependent lifetime in the presence of the
TRAIL-R2-Fc protein (i.e., Thy-1-Fc–Syndecan-4-Fc + TRAIL-
R2-Fc and Thy-1-Fc–αVβ3-Fc + TRAIL-R2-Fc; Figure 1E).
Under these conditions, the mechanical response and the bond
lifetime at zero force were similar to those characterized for each
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bi-molecular Thy-1–αVβ3 and Thy-1–Syndecan-4 association
(Figure 1D). These findings confirm that the mechanical
response observed depends on the specific interaction mediated
by Thy-1 and its ligands and not on the addition of
another component to the system. Interestingly, when the
constant-force assay was performed using Thy-1-Fc and αVβ3
integrin + Syndecan-4, we found that force accelerated the
dissociation of these molecules (Figure 1E and Supplementary
Figure S1E). However, at forces between 0 and 20 pN, the
binding lifetime was higher for the tri-molecular complex than
for the bi-molecular Thy-1-dependent interactions (Figure 1E).
Similarly, the bond lifetime at zero force in the presence of
αVβ3 integrin and Syndecan-4 increased to 11.64 ± 1.34 s
(Figure 1F), when compared to those τ0 values calculated
for the bi-molecular binding. These results indicate that both
astrocytic proteins, αVβ3 integrin and Syndecan-4, stabilize and
enhance binding parameters of Thy-1-dependent interactions in
the absence of force.

Syndecan-4 Accelerates Neurite
Retraction Promoted by the αVβ3 Integrin
Our laboratory has shown that the Thy-1–αVβ3
integrin + Syndecan-4 association triggers signals in astrocytes
to promote cell movement (Avalos et al., 2009; Kong et al.,
2013). On the other hand, αVβ3 integrin binding to Thy-1 in
neurons induces neurite retraction (Herrera-Molina et al., 2012;
Maldonado et al., 2017). In the latter case, the integrin acts
as a ligand rather than a receptor. Thus, we next determined
whether the ternary Thy-1–αVβ3 + Syndecan-4 complex acts
bi-directionally playing a role in both astrocyte migration and
the contraction of the neuronal processes (Figure 2A).

To answer this question, we used Syndecan-4-Fc fusion
protein obtained in the supernatant of transiently transfected
HEK293T cells (i.e., serum-free medium containing Syndecan-4-
Fc; see section “Materials and Methods”). First, we demonstrated
the functionality of Syndecan-4-Fc protein: (1) the protein
contains heparan sulfate chains as shown by Heparitinase
treatment and immunoblot analysis (Figure 2B); (2) Syndecan-
4-Fc binds to human basic Fibroblast Growth Factor (bFGF)
in an ELISA (Figure 2C), as expected based on the reported
existence of an interaction between bFGF and the heparan sulfate
chains of Syndecan-4 (Allen et al., 2001; Horowitz et al., 2002).
As a negative control, bFGF was incubated with a different Fc-
tagged protein (TRAIL-R2-Fc). We observed an increment in the
oxidation of the chromogenic substrate TMB, as compared to
the other control conditions, when the supernatant containing
Syndecan-4-Fc was incubated with bFGF (Figure 2C). These
results are indicative of the presence of heparan sulfate chains
with ligand binding properties in Syndecan-4-Fc.

We then tested the contribution of Syndecan-4-Fc to
neurite retraction induced by αVβ3-Fc integrin. To this end,
morphologically differentiated neuron-like CAD cells (i.e., CAD
cells with at least 15 µm neuronal processes; see section
“Materials and Methods”) were incubated with serum-free
HEK293T medium containing the two fusion proteins Syndecan-
4-Fc and αVβ3-Fc. Then, morphological changes on CAD

cells were recorded (Supplementary Figure S2) and neurite
length was quantified (Figure 2D) as described in our previous
publications (Herrera-Molina et al., 2012; Maldonado et al.,
2017). Neurite retraction reportedly occurs after 20 min of
incubation with αVβ3-Fc, and this effect is maintained for at
least 40 min of stimulation with the integrin (Maldonado et al.,
2017). Thus, the effect of αVβ3-Fc on neurite retraction in the
presence of Syndecan-4-Fc at different time points (0–40 min)
was tested. When differentiated CAD cells were incubated with
Syndecan-4-Fc (inverted purple triangle), neurite length did not
change over time (Figure 2D and Supplementary Figure S2). As
expected, αVβ3-Fc (green circle) promoted a significant retraction
of neurites at 20 and 40 min of incubation. Interestingly, when
CAD cells were incubated with αVβ3-Fc and Syndecan-4-Fc
(ratio 1:1), a significant reduction in neurite length was observed
after 5 min (orange diamond) (Figure 2D and Supplementary
Figure S2). One possibility to explain the accelerated neurite
contraction is that Syndecan-4 might be facilitating the clustering
of integrin and thus, of Thy-1. If this were the case, the addition
of Protein A [Protein A favors cross-linking of the Fc-fusion
proteins (Moks et al., 1986)] in the absence of Syndecan-4, should
induce aggregation of αVβ3-Fc, and thus a similar response.
Indeed, we observed that incubation of CAD cells with αVβ3-
Fc pre-treated with Protein A induced neurite retraction after
already 5 min (blue triangle, Figure 2D), thus accelerating the
effect of αVβ3-Fc, just as observed when αVβ3-Fc and Syndecan-
4-Fc were added together. We additionally tested the effect of the
concentration of Syndecan-4 on the retraction process at 40 min
of incubation, by adding αVβ3-Fc and Syndecan-4-Fc at different
ratios to differentiated CAD cells. αVβ3-Fc in the absence of
Syndecan-4-Fc induced a reduction in neurite length (green bar),
compared to the condition without any fusion proteins (gray
bar, Figure 2E). Interestingly, neurite retraction promoted by
αVβ3-Fc integrin was not significantly modified by the addition
of Syndecan-4-Fc at any dilution at this time point (purple bars,
Figure 2E). These results agree with those shown in Figure 2D,
where no differences in neurite retraction induced by αVβ3-Fc in
the presence or absence of Syndecan-4-Fc were found at 40 min.
Altogether, the results suggest that although Syndecan-4 interacts
directly with Thy-1, recombinant Syndecan-4-Fc by itself has no
effect on neuronal CAD cell extensions. However, Syndecan-4
increases the speed at which neurite retraction is promoted by
αVβ3-Fc integrin, suggesting that the proteoglycan Syndecan-4
acts as a co-ligand for Thy-1.

The Inhibitory Effect of Astrocytes on
Neurite Extension Requires Syndecan-4
We next evaluated whether the neuronal response triggered
by αVβ3 integrin plus Syndecan-4 also occurs in cell-to-cell
communication. As a control, neurite outgrowth was induced in
CAD cells seeded in a tissue culture dish. Here, neurons extended
processes longer than 60 µm (CAD/Plate) (Figures 3A,B). Such
growth was largely inhibited (3-fold) when CAD cells were
cultured over a monolayer of fixed DITNC1 astrocytes, which
are known to express both αVβ3 integrin (Kong et al., 2013) and
Syndecan-4 (Avalos et al., 2009) (CAD/DITNC1) (Figures 3A,B).
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FIGURE 2 | Syndecan-4 accelerates neurite retraction promoted by the αVβ3 integrin. (A) Thy-1–αVβ3 integrin binding induces cell signaling events resulting in the
retraction of neuronal processes. On the other hand, Thy-1–αVβ3 integrin + Syndecan-4 association promotes astrocyte migration. Here, the effect of Syndecan-4
on αVβ3 integrin-induced neurite retraction was tested. (B) Serum-free medium containing Syndecan-4-Fc fusion protein was incubated (+) or not (–) with an excess
of protein-A-sepharose beads and then centrifuged to obtain a precipitated Syndecan-4-Fc-protein-A-sepharose complex and Syndecan-4-depleted supernatant,
respectively. All these samples were treated (+) or not (–) with Heparitinase III, separated by SDS-PAGE and analyzed by immunoblotting with anti-Syndecan-4
antibodies. (C) A microplate coated with human bFGF (1 µg/ml) or BSA (1 µg/ml) was incubated with serum-free medium containing Syndecan-4-Fc or TRAIL-R2-Fc
(control Fc-protein), followed by incubation with anti-Fc-HRP conjugated antibody. Specific binding was measured in a colorimetric method with TMB substrate
solution (Absorbance at 450 nm). (D) Quantification of the neurite length of differentiated CAD cells (1 × 105 cells/cm2) over a 24-well plate after 5, 10, 20, and
40 min of incubation with control medium (without fusion proteins), Syndecan-4-Fc or αVβ3-Fc in serum-free medium, αVβ3-Fc/Protein-A, or αVβ3-Fc/Syndecan-4-Fc
(ratio 1:1). (E) Quantification of the neurite length of differentiated CAD cells over a 24-well plate (1 × 105 cells/cm2) after 40 min incubation with serum-free medium
containing αVβ3-Fc (1:10 of the total volume, 100 µl) in the absence or presence of different volumes of serum-free medium containing Syndecan-4-Fc. In (D,E) the
neurites of at least 100 cells were measured per condition by using NeuronJ plug-in for ImageJ. In all graphs, data are expressed as the mean ± SEM (n = 3;
*p < 0.05; n.s. non-significant, assessed by Mann–Whitney’s test). In (D) *p < 0.05 compared to the control situation at the respective times analyzed.

To test the contribution of Syndecan-4 heparin sulfate groups
in neurite outgrowth inhibition, the monolayer of DITNC1
astrocytes was pre-treated with heparitinase III (Hase III) (Levy-
Adam et al., 2008). The reduction in neurite extension was not

as pronounced when CAD cells were cultured over heparitinase-
treated astrocytes (CAD/DITNC1 + Hase III; neurite length
∼35 µm) (Figures 3A,B). Interestingly, treatment with the
antibody against β3 integrin showed an effect similar to the
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FIGURE 3 | The inhibitory effect of astrocytes on neurite extension requires Syndecan-4. Cell tracker green-labeled CAD cells (5 × 104 cells/cm2) were seeded onto
a plate or co-cultured on top of a fixed-monolayer of DITNC1 astrocytes. Neurite extension was then induced by serum deprivation for 24 h (1 × 105 cells/cm2). To
evaluate the participation of heparan sulfate chains in the inhibition of neurite outgrowth, DITNC1 cells were pre-treated with Heparitinase III (Hase III; 0.5 mU; 3 h at
37◦C) or pre-incubated with Heparin (Hep; 400 µg/ml; 30 min). To block αVβ3-integrin, astrocytes were incubated with anti-β3 integrin antibodies (anti-β3; 5 µg/ml;
1 h; 37◦C). (A) Representative microphotographs of different conditions. Quantification of neurite length (µm) after (B) Hase III treatment or (C) Hep incubation.
(D) siRNA silencing of Syndecan-4 protein in whole cell lysates. DITNC1 cells that were either non-transfected (NT), transfected with siRNA control (siCTRL) or with
siRNA targeting Syndecan-4 (siSDC4) were evaluated by immunoblotting. Actin was used as a loading control. The band intensities were quantified by ImageJ
software and normalized to actin. (E) Quantification of neurite length (µm) after Syndecan-4 silencing. For each quantification (B,C,E), neurites of at least 100 cells
per condition were evaluated by using NeuronJ plug-in for ImageJ. Arrowheads in (A) indicate neurites growing over the DITNC1 astrocytes. In all graphs data are
expressed as mean ± SEM (n = 3; *p < 0.05; **p < 0.01; n.s. non-significant, assessed by Mann–Whitney’s test).

heparitinase treatment. Then, when the astrocyte monolayer was
incubated with heparitinase together with the antibody against
β3 integrin (CAD/DITNC1 + Hase + anti-β3; neurite length
∼52 µm), neurite length increased compared to the condition

without any astrocyte pre-treatment (CAD/DITNC1 ∼22 µm)
or with individual pre-treatments (∼35 µm, Figures 3A,B).
In addition to the length of processes, we characterized
morphological differentiation of CAD cells, defined by the

Frontiers in Molecular Biosciences | www.frontiersin.org 9 September 2020 | Volume 7 | Article 58225715

https://www.frontiersin.org/journals/molecular-biosciences
https://www.frontiersin.org/
https://www.frontiersin.org/journals/molecular-biosciences#articles


fmolb-07-582257 September 26, 2020 Time: 19:2 # 10

Burgos-Bravo et al. Syndecan-4 Regulates Neurite Retraction

presence of at least one neurite of ≥15 µm in length
(Supplementary Figure S3A). When CAD cells were seeded
onto a tissue culture dish, ∼80% of the cells differentiated.
Alternatively, only ∼19% developed such extended processes
over a monolayer of DITNC1 astrocytes. However, the percentage
of differentiated cells increased after heparitinase treatment
(∼50%). As expected, this effect was enhanced when β3 integrin
was also blocked (∼62%). Another indicator of morphological
differentiation is the number of varicosities along CAD
processes (Supplementary Figure S3B). Here, results similar
to those shown in Figure 3B and Supplementary Figure S3A
were obtained. Heparitinase pre-treatment also prevented the
reduction of varicosities induced by the astrocyte monolayer.
Therefore, the ability of DITNC1 astrocytes to block neurite
extension requires Syndecan-4. Importantly, considering that a
fixed monolayer of cells was used as a substrate to differentiate
the CAD cells, the effects observed can be attributed exclusively
to membrane-bound rather than soluble factors.

Considering that Thy-1 interacts directly with sulfated
glycans, such as heparin (Hueber et al., 1992), a second strategy
was to pre-incubate CAD cells with heparin. In this case, heparin
should compete with Syndecan-4 heparan sulfate chains for the
Thy-1 HBD. Neurite extension was not affected when CAD cells
were pre-incubated with heparin and seeded directly onto a tissue
culture dish (CAD+Hep/Plate) (Figure 3C and Supplementary
Figure S4); however, inhibition of neurite outgrowth was
observed when CAD cells were cultured over astrocytes
(CAD/DITNC1) (Figure 3C). In addition, an increase in process
outgrowth was observed when CAD cells were pre-incubated
with heparin (CAD + Hep/DITNC1), or when the DITNC1 cell
monolayer was treated with anti-β3 integrin antibodies. These
effects were potentiated by the combined addition of heparin
and anti-β3 integrin antibodies (CAD+Hep/DITNC1+ anti-β3)
(Figure 3C). The results obtained with heparitinase and heparin
treatments suggest that astrocyte heparan sulfate proteoglycans
(HSPG) are required to inhibit CAD cell neurite outgrowth
induced by Thy-1. To confirm the specific involvement of
Syndecan-4 in the neuronal response, we used two different
small interference RNA (siRNA) against exons 3 and 4 (Avalos
et al., 2009) to silence Syndecan-4 in DITNC1 astrocytes.
Immunoblot analysis revealed a 50% reduction in the levels of the
proteoglycan after siRNA transfection (siSDC4), compared to the
non-transfected (NT) cells or to those transfected with a siRNA
control (siCTRL) (Figure 3D). To evaluate whether inhibition
of neurite outgrowth depends on astrocytic Syndecan-4, CAD
cells were co-cultured over a monolayer of DITNC1 with silenced
Syndecan-4, and then neurite extension was induced by serum
deprivation. Quantification of neurite length showed a process
extension of ∼60 µm in the control condition. In contrast, for
DITNC1 astrocytes transfected with siCTRL, neurite length was
only ∼21 µm (Figure 3E). This reduction in neurite length
was attenuated when β3 integrin was blocked with an anti-β3
integrin antibody (∼38 µm). A similar effect was observed when
CAD cells were seeded over astrocytes transfected with siRNA
targeting Syndecan-4 (∼39 µm). Interestingly, when β3 integrin
was blocked in Syndecan-4 knock down astrocytes, neurite length
increased (∼45 µm) (Figure 3E). These findings indicate that

inhibition of neurite outgrowth mediated by Thy-1 depends on
the combined action of αVβ3 integrin and Syndecan-4 present on
the surface of astrocytes.

Primary Astrocytes Under
Pro-inflammatory Conditions Inhibit
Neurite Outgrowth in an αVβ3 Integrin-
and Syndecan-4-Dependent Manner
Primary astrocytes reportedly display growth promoting
properties that favor neurite extension (Hama et al., 2004).
Interestingly, astrocytes from adult individuals do not express
αVβ3 integrin (Ellison et al., 1998); however, under pathological
conditions associated with inflammation, astrocytes adopt a
reactive phenotype and upregulate the expression of αVβ3
integrin (Gladson and Cheresh, 1991; Ellison et al., 1998;
Del Zoppo and Milner, 2006) and Syndecan-4 (Iseki et al.,
2002; Okuyama et al., 2013; Lagos-Cabré et al., 2017). Our
previous results indicate that primary astrocytes treated with
pro-inflammatory cytokines increment protein levels of αVβ3
integrin and Syndecan-4 in vitro and become reactive astrocytes
(Lagos-Cabré et al., 2017, 2018). Therefore, we tested the
hypothesis that cytokine-treated astrocytes should inhibit neurite
outgrowth in a co-culture assay with CAD cells. Immunoblot
analysis of primary astrocytes treated with TNF (+TNF)
confirmed the presence of elevated levels of αVβ3 integrin and
Syndecan-4 in such astrocytes compared to the control condition
(−TNF) (Figure 4A). For CAD cells seeded over a monolayer of
TNF-treated astrocytes, process extension decreased compared
to the control condition without cytokines (Figure 4B and
Supplementary Figure S5). Neurite outgrowth under pro-
inflammatory conditions (i.e., in the presence of TNF) increased
when primary astrocytes were pre-treated with anti-β3 integrin
antibodies or heparitinase to block Syndecan-4. Moreover, the
combined treatment (+Hase; +anti-β3) lead to an even greater
increase in neurite extension, reaching essentially the same
values as in the absence of TNF (Figure 4B and Supplementary
Figure S5). To evaluate the specific role of Syndecan-4 on the
inhibition of neurite outgrowth, co-culture assays were employed
utilizing primary astrocytes in which the proteoglycan Syndecan-
4 was silenced. In the absence or presence of TNF, protein levels
of Syndecan-4 after transfection with siRNA against Syndecan-4
(siSDC4) remained low compared to the non-transfected (NT)
cells or those transfected with an siRNA control (siCTRL)
(Figure 4C). CAD cells in serum-free medium grew long
processes over primary astrocytes transfected with siCTRL,
whereas neurite outgrowth was decreased by the addition of TNF
(Figure 4D and Supplementary Figure S6). This inhibition was
partially prevented when β3-integrin was blocked with specific
antibodies (+TNF; +anti-β3; siCTRL). On the other hand,
when CAD cells were seeded over astrocytes transfected with
siSDC4, in the absence of pro-inflammatory conditions (−TNF;
siSDC4), neurite length was similar to that observed in the
transfection control condition (−TNF; siCTRL). Interestingly,
when primary astrocytes transfected with siSDC4 were treated
with TNF, extension of neurites was inhibited (+TNF; siSDC4),
compared to control condition without TNF (−TNF; siSDC4);
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FIGURE 4 | Primary astrocytes under pro-inflammatory conditions inhibit neurite outgrowth in an αVβ3 integrin- and Syndecan-4-dependent manner. (A,C) Protein
levels of β3 integrin and Syndecan-4 in primary astrocytes treated or not with TNF were evaluated by immunoblotting. Actin was used as a loading control. The band
intensities were quantified by ImageJ software and normalized to actin. (B,C) CAD cells (5 × 104 cells/cm2) were seeded on top of a monolayer of primary
astrocytes pre-treated or not with TNF (10 ng/ml; 48 h) and neurite extension was induced by serum deprivation. Primary astrocytes were (B) pre-treated with
Heparitinase (Hase III; 0.5 mU) for 3 h at 37◦C or (D) transfected with siRNA against Syndecan-4 (siSDC4) to evaluate heparan sulfate chains and Syndecan-4
participation in the inhibition of neurite outgrowth, respectively. To block αVβ3 integrin, astrocytes were also incubated with anti-β3 integrin antibodies (5 µg/ml; 1 h;
37◦C). (B,D) Quantification of neurite length (µm) in co-culture assays. Neurites of at least 100 CAD cells per condition were evaluated by using NeuronJ plug-in for
ImageJ. Data are expressed as mean ± SEM (n = 3; *p < 0.05, assessed by Mann–Whitney’s test).

however, such inhibition was not as pronounced as that induced
by astrocytes transfected with siCTRL under pro-inflammatory
conditions (+TNF; siCTRL) (Figure 4D and Supplementary
Figure S6). In addition, when β3 integrin was blocked in
primary astrocytes with silenced Syndecan-4 and treated with
TNF, a significant recovery in neurite extension was observed
(+TNF; +anti-β3; siSDC4). These results indicate that under
pro-inflammatory conditions the combined action of the surface
molecules αVβ3 integrin and Syndecan-4 in astrocytes promotes
inhibition of CAD cell neurite extension. In conclusion, under
pathophysiological conditions, where astrocytes are exposed to
an inflammatory environment, neurite retraction is promoted in
a Syndecan-4-dependent manner.

DISCUSSION

Signals exchanged between neurons and astrocytes regulate the
cytoskeleton of both cells suggesting a bi-directional flow of

information between the two cell types (Herrera-Molina et al.,
2013; Leyton et al., 2019). In our present study, results obtained
at a single molecule level using molecular force spectroscopy
indicate that Thy-1 interacts directly with Syndecan-4. We
also show that the proteoglycan Syndecan-4 forms a ternary
complex with Thy-1 and αVβ3 integrin increasing the Thy-1–
αVβ3 integrin bond lifetime, even when exposed to mechanical
stress. In a cellular context, the role of Syndecan-4 in this
ternary complex is important because it increases the speed of
the neuronal responses. This neuronal outcome is facilitated
under inflammatory conditions due to the increased expression
of Syndecan-4 (Iseki et al., 2002; Properzi et al., 2008) and αVβ3
integrin (Ellison et al., 1998, 1999; Lagos-Cabré et al., 2017).

The ternary molecular complex described here (Thy-1–
αVβ3 + Syndecan-4) differs from that reported by Barker’s
group (Thy-1–α5β1 + Syndecan-4) with respect to the integrin
heterodimer involved, the biological context, and also the manner
in which force regulates bond dissociation (Fiore et al., 2014).
The α5β1 integrin ternary complex formed mediates adhesion
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between activated endothelium and melanoma cells, while the
complex containing αVβ3 integrin is involved in neuron-to-
astrocyte bi-directional communication. The bi-molecular Thy-
1–α5β1 integrin bond behaves as a slip bond when force is
applied, but when Syndecan-4 is present, a tri-phasic slip-
catch-slip behavior is observed implying that force abruptly
increases bond strength (Fiore et al., 2014). Although other
authors have described a catch bond behavior at forces around
5–10 pN for other ternary complexes, such as that formed by
Cadherin-Catenin-Actin (Buckley et al., 2015), Fiore’s findings
revealed a catch bond behavior at forces between 20 and 35 pN
for the ternary complex. Here, we demonstrate that both bi-
molecular complexes formed by Thy-1 (i.e., Thy-1–αVβ3 integrin
and Thy-1–Syndecan-4) have slip bond characteristics, as the
bond lifetime decreases with forces between 10 and 50 pN
(Figure 1D). Also, the absolute values of lifetime in the absence
of force suggest a weaker interaction, and therefore a lower
relative binding affinity between Thy-1 and Syndecan-4 than with
αVβ3 integrin, which might reflect Thy-1 binding to heparan
sulfate chains rather than a protein-protein interaction. Indeed,
such differences in affinities have also been described for the
fibronectin-dependent interactions with either Syndecan-4 or
α5β1 integrin. There too, the binding to the proteoglycan is of
lower affinity (Kennelly et al., 2019).

The lifetime values are consistent with the responses in
neurons (e.g., neurite retraction) triggered by the astrocyte
proteins: αVβ3 integrin induces a significant retraction of
neuronal processes, while the proteoglycan Syndecan-4 does
not promote any morphological changes (Figure 2D). The slip
bond behavior found for both bi-molecular interactions coincides
with the mechanical characterization described for Thy-1–α5β1
binding (Fiore et al., 2014) as well as for FGF with the HSPG
(Sevim et al., 2017). Moreover, we found that the ternary
complex (Thy-1–αVβ3 integrin + Syndecan-4) is more stable
in terms of force-dependent lifetime than each binary complex.
The presence of both astrocyte proteins increases the time that
Thy-1-dependent interactions last, both in the absence of force
(∼11.7 s) as well as when force is applied (e.g., ∼4 s at 20
pN). This extended lifetime is consistent with the enhanced
and faster neuronal effect promoted by the αVβ3 integrin in
the presence of Syndecan-4, suggesting that the proteoglycan
stabilizes the Thy-1–αVβ3 interaction, thereby accelerating its
specific biological functions.

In contrast to the mechanical response reported by Barker’s
group, the Thy-1–αVβ3 integrin + Syndecan-4 complex
dissociates more rapidly under force, indicating that the slip
bond properties are retained, and that the nature of the integrin
as well as its biological function is what defines how Thy-1-
dependent interactions are regulated by external forces. In this
context, the α5β1 integrin determines adhesion strength and is
involved in cell adhesion maturation processes (Roca-Cusachs
et al., 2012; Fiore et al., 2014). Alternatively, the αVβ3 integrin
acts as a mechano-transducer by providing a connection to
the cytoskeleton (Roca-Cusachs et al., 2009) and triggering
downstream events required for cell migration. Altogether, these
findings permit hypothesizing that when Syndecan-4 is present,
Thy-1–α5β1 bond (catch) resists higher forces to form strong and

stable adhesion complexes, whereas the Thy-1–αVβ3-bond (slip)
is transient and less resistant to mechanical forces facilitating
force sensing and mechano-transduction.

In a cellular context, the stimulation of neurons expressing
Thy-1 on their surface, with a combination of soluble αVβ3
integrin and Syndecan-4 proteins (αVβ3-Fc and Syndecan-4-Fc),
accelerates neurite retraction when compared with stimulation
of Thy-1 with only αVβ3 integrin. Interestingly, such accelerated
retraction is also seen for neurons stimulated with αVβ3
integrin in a multivalent format (with Protein A) (Herrera-
Molina et al., 2012). These results can be explained assuming
that Syndecan-4 induces structural changes in αVβ3 integrin
to favor more efficient interactions between Thy-1 and the
αVβ3 integrin, thereby promoting αVβ3 integrin clustering
and activation. In support of this idea, Syndecan-1–αVβ3
integrin interaction reportedly stimulates integrin binding to
fibronectin, not only by bringing the two molecules together,
but also by inducing integrin activation (Beauvais et al.,
2004). Intriguingly, the effect of Syndecan-1 requires that
the proteoglycan is ligand-engaged, favoring the possibility
that conformational changes and/or clustering of Syndecan-
1 are required to induce integrin activation. In this context,
the association of the Syndecan-1 ectodomain with αVβ3
integrin provides a docking surface to incorporate the growth
factor receptor IGF1R into the complex and promote IGFR1
kinase activity that depends on Syndecan-1 clustering. Then,
in turn, activated IGF1R induces changes in the cytoplasmic
protein Talin, which promotes integrin activation (Beauvais
and Rapraeger, 2010). Therefore, Syndecan-dependent integrin
activation is attributable to both molecular clustering and
changes in cytoplasmic signaling.

The inhibition of morphological neuronal differentiation
induced by the engagement of Thy-1 in cell-cell association
requires the collective action of αVβ3 integrin and Syndecan-
4 expressed in reactive astrocytes. Accordingly, Syndecan-4
downregulation or the blockade of HS chains with Hase III or
Hep, all favor neuronal differentiation and neurite outgrowth.
However, when β3 integrin is blocked by antibodies, and
Syndecan-4 is treated with Hase III or Hep at the same time,
neuronal differentiation is promoted to levels where process
extension, number of processes, and number of varicosities are
similar to, but still significantly lower than those observed in
the control samples. These results reveal that although αVβ3
integrin and Syndecan-4 are important for Thy-1-dependent
inhibition of neuronal differentiation, additional molecules or
the protein core of Syndecan-4 (not affected by Hase III or
Hep treatments) likely also contribute to inhibition of neurite
outgrowth. Indeed, for CSPGs both the protein core and the
chondroitin sulfate chains are known to independently inhibit
axonal regeneration (Bandtlow and Zimmermann, 2000; Asher
et al., 2001). In contrast, little information is available concerning
the regulation and function of astrocytic HSPGs in response
to brain pathological conditions. Nevertheless, HS moieties of
Syndecan-4 are important to mediate the integrin-independent
interaction of Thy-1 with Syndecan-4. This is supported by
the optical tweezers results revealing that Thy-1-Syndecan-4
interaction requires the HBD of Thy-1 and does not depend on
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the presence of the αVβ3 integrin binding domain (RLD) or the
occurrence of Thy-1-integrin interaction.

Moreover, HSPGs reportedly act as potential "scaffolds" that
bring together two proteins to favor their interaction, and
thus regulate where and when signaling events begin (Xu and
Esko, 2014). An example of this is the interaction of FGF
with its receptor (FGFR), where Syndecan-4 acts as a co-
receptor (Carey, 1997). In this case, although the FGF/FGFR
binding is of high affinity, the interaction with Syndecan-4 and
the subsequent signaling events are amplified in the presence
of HS chains (Sperinde and Nugent, 2000). Moreover, the
formation of a ternary complex FGF/FGFR/Syndecan-4 has been
reported to reduce the dissociation constant (koff; or increases
the lifetime) of the FGF/FGFR interaction, increase the primary
ligand-receptor affinity and favor the activation of FGFR at
low concentrations of the ligand (Nugent and Edelman, 1992;
Forsten-Williams et al., 2005). This data is consistent with
the function established for Syndecan-4 in this study, where
we report that the HSPG facilitates neuronal retraction and is
required for inhibition of neurite outgrowth mediated by Thy-
1–αVβ3 integrin association.

Considering a CNS physio-pathological context, our results
suggest that under inflammatory conditions- where both
astrocytic αVβ3 and Syndecan-4 protein levels are increased - the
ternary complex formed by Thy-1–αVβ3 integrin + Syndecan-
4 promotes more stable neuron-astrocyte association (i.e.,
extended lifetime compared to bi-molecular Thy-1-dependent
interactions). Consequently, the effects triggered by these
adhesion proteins, such as neurite retraction, are enhanced.
However, mechanical cues from the surrounding environment
exerted on the Thy-1-αVβ3 integrin + Syndecan-4 complex
regulate these cellular processes by stimulating rapid bond
dissociation between the molecules. On the other hand,
under physiological conditions, when both αVβ3 integrin and
Syndecan-4 are expressed at low levels (Lagos-Cabré et al., 2017),
bi-molecular interactions are more likely to occur. Thus, the
faster bond dissociation of these complexes, with or without
mechanical forces, makes stimulation of retraction of neuronal
processes unlikely. Therefore, Syndecan-4 appears to play a
key role in modulating the speed of neuronal responses under
pathological conditions (Figure 5), in agreement with the rapid
axon retraction observed in vivo (Houle and Tessler, 2003) and
in vitro (Shao et al., 2019).

Here, we studied morphological neuronal changes stimulated
by cell-cell communication between neurons and astrocytes
through the cell adhesion molecules, Thy-1, αVβ3 integrin and
Syndecan-4. It has also been reported that cell-extracellular
matrix interactions play a key role in the regulation of neuronal
process retraction (Ahmad et al., 2000; Franze et al., 2009;
Shao et al., 2019), as well as in the contraction of other
cell types (Okamoto et al., 1998). In our neurite retraction
assays, CAD cells were seeded directly over standard tissue
culture dishes without additional treatments (e.g., poly-L-lysine).
Thus, further investigation is required to decipher how the
magnitude of neurite retraction resulting from neuron-to-
astrocyte communication is affected by the strength of the
adhesion between neurons and the extracellular matrix.

FIGURE 5 | Model showing Syndecan-4 as a key player in neuron-astrocyte
interactions under inflammation accelerating axonal retraction. The illustrated
behavior is particularly relevant under inflammatory conditions where the
expression of both Syndecan-4 and αVβ3 integrin increase on astrocytes and
exacerbate the detrimental effects of Thy-1–αVβ3 integrin association, on
neurons.

Retraction of neuronal processes is also driven by mechanical
tension produced by the active contraction of the actomyosin
cytoskeleton (Kranenburg et al., 1997; Govek et al., 2005;
Maldonado et al., 2017). Our prior results demonstrate that the
engagement of astrocytic αVβ3 integrin with Thy-1 on the surface
of neurons triggers specific RhoA-dependent signaling pathways
through a preformed membrane complex between Thy-1, the
transmembrane protein CBP and the non-receptor tyrosine
kinase Src, that drives actomyosin cytoskeleton contraction and,
consequently, leads to neurite retraction (Herrera-Molina et al.,
2012; Maldonado et al., 2017). Results shown here indicate that
Syndecan-4 accelerates the effect of integrin-engaged Thy-1 by
interacting directly with the neuronal protein, suggesting that this
proteoglycan may also modulate the reported signaling pathway;
however, this interesting possibility needs to be confirmed in
future experiments.

We describe a Thy-1–αVβ3 + Syndecan-4 ternary complex,
which is crucial in determining the Thy-1-dependent response
of neurons to astrocytes under inflammation-related diseases in
the CNS. In this tri-molecular complex, Syndecan-4 is identified
as an enhancer of αVβ3 integrin effect in neurite contractility
likely by stabilizing Thy-1–αVβ3 interaction, even when exposed
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to mechanical forces. Considering that both Syndecan-4 and
αVβ3 integrin are upregulated in astrocytes by pro-inflammatory
cytokines, our results indicate that under pathological conditions
(inflammation), protein expression ultimately determines the
formation, as well as the different properties and functions,
of the Thy-1–αVβ3 integrin + Syndecan-4 ternary complex
(Figure 5). Therefore, our research provides new insights
towards understanding how inflammation contributes to
neurodegeneration and how mechanical stimuli regulate
unbinding properties of adhesion proteins occurring during
neuron-to-astrocyte communication.
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Depending on the physical and biochemical properties of actin-binding proteins, actin
networks form different types of membrane protrusions at the cell periphery. Actin
crosslinkers, which facilitate the interaction of actin filaments with one another, are
pivotal in determining the mechanical properties and protrusive behavior of actin
networks. Short crosslinkers such as fascin bundle F-actin to form rigid spiky filopodial
protrusions. By encapsulation of fascin and actin in giant unilamellar vesicles (GUVs), we
show that fascin-actin bundles cause various GUV shape changes by forming bundle
networks or straight single bundles depending on GUV size and fascin concentration.
We also show that the presence of a long crosslinker, α-actinin, impacts fascin-induced
GUV shape changes and significantly impairs the formation of filopodia-like protrusions.
Actin bundle-induced GUV shape changes are confirmed by light-induced disassembly
of actin bundles leading to the reversal of GUV shape. Our study contributes to
advancing the design of shape-changing minimal cells for better characterization of the
interaction between lipid bilayer membranes and actin cytoskeleton.

Keywords: actin, fascin, membrane deformation, encapsulation, giant unilamellar lipid vesicles

INTRODUCTION

Dynamics of actin filaments are coordinated to form different networks that regulate cellular
functions by supporting and remodeling the plasma membrane (Fletcher and Mullins, 2010;
Stricker et al., 2010), generating driving forces for cell motility and cell division, facilitating
cell adhesion to extracellular matrix (Burridge et al., 1990), and spatially organizing cellular
machineries (Matsudalra, 1991; Pollard and Borisy, 2003; Pollard and Cooper, 2009). The dynamic
organization of actin networks is regulated by a number of accessory proteins that coordinate
actin polymerization/de-polymerization and crosslink actin filaments to one another, to other
cytoskeletal components, and to cellular membranes. Actin crosslinkers organize actin filaments
into bundles and networks, and each type of actin crosslinker has specific attributes to regulate
actin organization and subsequently cellular functionality (Matsudalra, 1991; Tseng et al., 2002),
including cell locomotion. Given the diversity in crosslinkers and architecture of actin networks, it
is important to understand how the assembly of actin networks induces morphological changes of
cells and how multiple crosslinkers orchestrate cellular shape changes.
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During cell motility, two distinct structures are formed at the
leading edge of the cell: filopodia and lamellipodia. Filopodia
is a protrusive organelle that together with lamellipodia drives
cellular motility, particularly by functioning as a sensor to the
external environment (Ridley et al., 2003; Adams, 2004). The
prominent actin crosslinker in filopodia is fascin (Yamashiro
et al., 1998). Fascin is a small crosslinker that forms linear,
closely packed bundles from parallel filaments that, under specific
circumstances, dynamically remodels the plasma membrane
through the formation of filopodia (Otto et al., 1979; Small,
1988; Lewis and Bridgman, 1992; Svitkina et al., 2003). Prior
in vitro reconstitution works have shown the mechanism of
filopodia formation and the role of fascin as an actin filament
crosslinker forming stiff linear actin bundles (Vignjevic et al.,
2003; Yang et al., 2013). Using in vitro reconstitution on
functionalized beads and supported lipid bilayers, research has
demonstrated the transition of actin filaments from dendritic
networks to bundled networks by the recruitment of fascin as
actin filaments elongate (Haviv et al., 2006; Vignjevic et al.,
2006; Lee et al., 2010). Furthermore, reconstituted dendritic actin
networks on the surface of giant unilamellar vesicles (GUVs) have
been shown to spontaneously generate filopodia-like protrusions
that deform membranes in the absence of fascin (Liu et al.,
2008; Simon et al., 2019). Moreover, research has also delved
into how two crosslinkers, fascin and α-actinin, concurrently
generate force to form filopodia and its subsequent effect in
enhancing the mechanical response of the cell (Tseng et al.,
2005). Recently, it was also demonstrated that the size of fascin
and α-actinin allows them to self-sort in vitro when forming
actin bundles by inhibiting the recruitment of one another
(Winkelman et al., 2016).

Although actin crosslinkers such as fascin have been
well-studied using various reconstitution assays previously, it
remains unclear how different actin crosslinkers individually and
synergistically construct actin bundle structures that generate
forces to induce membrane deformation. Encapsulation of actin
and accessory proteins inside membrane-enclosed systems such
as GUVs allow for studying the orchestration of actin networks
and their interaction with the lipid membrane in a cell-like
compartment without the involvement of complex cell signaling
pathways (Bashirzadeh and Liu, 2019). Encapsulated actin
crosslinkers such as fascin, α-actinin, and filamin assemble actin
into diverse structures (Honda et al., 1999; Abkarian et al., 2011;
Bashirzadeh et al., 2020; Litschel et al., 2020). These structures
have been shown to induce diverse GUV morphological changes
(Honda et al., 1999; Limozin and Sackmann, 2002; Abkarian
et al., 2011; Tsai and Koenderink, 2015; Litschel et al., 2020),
and the shape changes were recently shown to be reversible by
light-induced actin bundle disassembly (Litschel et al., 2020).
Recent advances in encapsulation methods have been shown to be
effective in generating GUVs encapsulating functional proteins
(Majumder et al., 2019; Litschel et al., 2020). Reconstitution
of actin networks inside GUVs has shown motor protein-
induced membrane deformation by contracting membrane-
associated actin cortex and rings (Maan et al., 2018; Litschel
et al., 2020), but examples of such cellular reconstitution
studies remain limited.

By confining actin polymerization and bundling process
in GUVs, here we studied the formation of actin structures
by fascin and their interaction with the lipid membrane. We
found that membrane deformation patterns were correlated
to the concentration of fascin. In addition, small GUVs
increased bundle-bundle proximity, fascin-induced crosslinking
at the GUV center, and the formation of protrusions akin to
filopodia. Actin bundle-induced deformations could be reversed
by actin de-polymerization using exposure to light. Light-
induced actin bundle disassembly and restorative property of
deformed membranes are further characterized as a function of
actin bundle architecture. Moreover, we co-encapsulated fascin
and α-actinin at different concentration ratios and studied
changes in membrane deformation as a function of GUV size
and GUV shape restoration in comparison to fascin alone. Our
results highlight the feasibility of the confinement of a mixture
of biopolymer networks for studying cytoskeleton-membrane
interactions and cellular shape changes.

MATERIALS AND METHODS

Preparation of Proteins and Reagents
We purified actin from rabbit skeletal muscle acetone powder
(Pel-Freez Biologicals) as described previously (Pardee and
Aspudich, 1982) or purchased it from Cytoskeleton Inc,
United States. ATTO 488 actin was purchased from Hypermol
Inc, Germany. α-Actinin was purchased from Cytoskeleton Inc.
We purified fascin from E. coli as Glutathione-S-Transferase
(GST) fusion protein. For purification, BL21(DE3) E. coli cells
was transformed with pGEX-4T-3 (GE Healthcare) containing
the coding sequences of fascin. Cells were grown at 37◦C while
shaking at 220 rpm until the OD600 reached 0.5–0.6. Protein
expression was induced with 0.1 mM IPTG and cell culture was
incubated at 24◦C for 8 h. Cells were harvested by centrifugation
at 4,000 × g for 15 min and washed with PBS once. Pellets
were stored at −80◦C until the day of purification. Cell pellets
were resuspended in lysis buffer (20 mM K-HEPES pH 7.5,
100 mM NaCl, 1 mM EDTA, 1 mM PMSF) and ruptured
by sonication. Cell lysates were centrifuged at 75,000 × g for
25 min and supernatants were loaded on a GSTrap FF 1 mL
column (GE Healthcare) using an AKTA Start purification system
(GE Healthcare) at a flow rate of 1 mL/min. The column was
washed with 15 mL washing buffer (20 mM K-HEPES pH
7.5, 100 mM NaCl) and the protein was eluted with 5 mL
elution buffer (washing buffer + 10 mM reduced L-glutathione).
Purified fascin was dialyzed against 1 L PBS twice for 3 h and
once overnight at 4◦C. Protein concentration was calculated
by UV absorption using predicted molar extinction coefficients
(ExPasy) of 110,700 M−1cm−1. Proteins were concentrated with
Centricon filters (Merck-Millipore) when needed and/or diluted
to a final concentration of 1 mg/mL in PBS.

Generation of GUVs
We modified continuous droplet interface crossing encapsulation
(cDICE) technique for robust encapsulation in GUVs of various
sizes (Abkarian et al., 2011; Bashirzadeh et al., 2020; Litschel et al.,
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2020). Briefly, a custom 3D-printed chamber is mounted on a
benchtop stir plate and rotated at 1,200 rpm. An outer solution
of 200 mM glucose (matched to the osmolarity of the inner
solution) is pipetted into the chamber. Then, the lipid mixture
(∼70% DOPC, 30% cholesterol, and a trace concentration of
fluorescent lipid) in a mixture of silicone oil and mineral oil (4:1)
is added. The lipid-oil solution forms an interface at the oil–
water interface. Inner solution containing 5 µM actin including
10% ATTO 488 actin in polymerization buffer containing 50 mM
KCl, 2 mM MgCl2, 0.2 mM CaCl2, and 4.2 mM ATP in 15 mM
Tris, pH 7.5 and 5% OptiPrep, 0.25–2.5 µM fascin and/or 0.5–
1.5 µM α-actinin were added into 700 µL of the lipid–oil
mix and droplets were generated by pipetting up and down.
GUVs were then generated by dispensing the droplets into the
cDICE chamber. A lipid bilayer is formed when a second layer
of lipid is acquired as the droplets cross the lipid/oil-outer
solution interface.

Bulk Fascin-Actin Bundle Assay
Five micrometers of monomeric actin with different
concentrations of fascin were added to the actin polymerization
buffer containing the same amounts buffer, salts, and ATP as
those used for encapsulation experiments. Thirty minutes after
polymerization and bundling at room temperature, Acti-stain
488 phalloidin was added (instead of using ATTO 488 actin) to
stabilize actin bundles.

Imaging and Image Processing
Following cDICE, GUVs were transferred to a 96-well plate for
imaging. OptiPrep in the inner solution increases GUV density
and accelerates sedimentation of GUVs onto the bottom of well
plate. For imaging actin bundles in bulk, the solution containing
actin bundles was confined between a cover slip and glass slide.
All samples were imaged at least 1 hour after actin polymerization
and bundling. An Olympus IX-81 inverted microscope equipped
with a spinning disk confocal (Yokogawa CSU-X1), AOTF-
controlled solid-state lasers (Andor Technology), and an iXON3
EMCCD camera (Andor Technology) was used for microscopy.
Images were magnified by an oil immersion 60×/1.4 NA objective
lens mounted on the microscope. Images were acquired by
MetaMorph software (Molecular Devices). Fluorescence images
of actin and lipids were taken with 488 nm and 561 nm
laser excitation, respectively. Z-stack fluorescence confocal image
sequence of lipids and actin were taken with a z-step size
of 0.5 µm.

Images were processed using ImageJ/Fiji (Schindelin et al.,
2012; Schneider et al., 2012; Litschel et al., 2020), SOAX (Xu
et al., 2014, 2015), and MATLAB routines (Bashirzadeh et al.,
2020). 3D images were created using 3D Project command
in ImageJ/Fiji. Skeletonized bundles were generated by SOAX
source code (Xu et al., 2014, 2015) following image-processing
of z-stack image sequences using ImageJ/Fiji, complemented
with the plugin Squassh (Rizk et al., 2014) from the MOSAIC
ToolSuite update site (Litschel et al., 2020). MATLAB routines
were developed to reconstruct generated SOAX text files as a
USCF Chimera marker file, include a colormap for z coordinates,

and save file as.cmm format for 3D visualization in USCF
Chimera (Pettersen et al., 2004).

Data Analysis
Actin bundle phenotypes and GUV shape changes were
characterized from z-stack actin and lipid images. The diameter
of a GUV was measured by line scan from GUV images. The
percentages and probabilities of mid-plane bundle formation,
network formation, filopodia-like protrusions, and GUV
shape changes (membrane deformation and/or filopodia-like
protrusions) were obtained by their count divided by the total
number of GUVs with actin bundles (i.e. GUVs encapsulating
fluorescent actin monomers with no sign of bundling activity
were not counted). We calculated the persistence length of
fascin-actin bundles using the skeletonized images of actin
bundles by measuring their orientational correlation function
as described previously (Bashirzadeh et al., 2020). Persistence
length values are shown as average ± standard error of the mean
of the data at each fascin concentration.

For probability and percentage measurements at least 2
independent experiments were conducted for each condition
indicated. The reported p values are two-tail, unpaired two-
sample student t-test assuming unequal variances.

RESULTS

Actin Bundling by Fascin Reshapes
GUVs to Different Geometries Yet
Reversible by Light
We first encapsulated actin and fascin in actin polymerization
buffer into GUVs to observe F-actin bundling activity in a
membrane-enclosed environment. Fascin formed rigid actin
bundles some of which were non-protrusive yet deformed the
membrane while others were rigid enough to protrude into the
membrane and formed long filopodia-like structures (Figure 1).
Stabilized GUVs deformed by fascin bundles were restored to
their spherical resting shape due to actin bundle disassembly
under prolonged exposure to 488 nm light (Figure 1). In the
absence of actin, prolonged light exposure has no impact on
vesicle shapes at all. This confirms that bundle elongations act
as the driving force for GUV shape changes, and they support
and stabilize deformed GUVs. Although bundle disassembly
under light exposure was accompanied by GUV shape reversal,
the absence of bundle-membrane interactions in filopodia-like
membrane protrusions and disassembly of actin filaments in their
interior destabilized the now actin-free protruded membrane.
After the disassembly of actin bundles, all GUVs maintained their
spherical shape without rupturing (Supplementary Video S1).

GUV Size-Dependent Amalgamation of
Fascin-Bundles Contribute to Protrusion
In order to test the influence of confinement geometry on actin
bundling by fascin and interaction of bundles, we encapsulated
fascin and actin at different molar ratios in a large population
of GUVs with varying sizes. Fascin-bundles appeared as either
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FIGURE 1 | Actin (top right), lipid (top middle), and merged (top left) confocal images of actin bundles which assembled to deform GUVs and formed long
filopodia-like membrane protrusions. Application of 488 nm light at high exposure times (3 s) resulted in the disassembly of actin bundles and reversal of GUV shape
without affecting the integrity of the lipid bilayer. Images were captured at 1 frame/3.6 s. Fascin/actin, 0.5 (M/M). Scale bar, 10 µm.

networks or a single bundle in GUVs (Figure 2). At fascin /
actin molar ratio of 0.5, fascin-bundles in small GUVs (7–16 µm
diameter) mostly appeared as long bundles at the GUV midplane
which protrude into the membrane to form long filopodia-
like structures from both ends of the bundle. Bundles were
straight and their lengths were consistent with those observed
in bulk, some spanning beyond GUV diameter (Supplementary
Figure 1) (Claessens et al., 2008; Breitsprecher et al., 2011). We
find that fascin-to-actin molar ratio determines bundle length
in our encapsulated system, as opposed to the concentration of
actin and fascin in bulk experiments (Claessens et al., 2008). At
fascin/actin molar ratio of 0.5 and 0.1, actin bundles in most
GUVs appeared as an amalgamation of several actin bundles
changing GUV shape from spheres to spindles (Figures 2A,B).
Some GUVs, however, deformed into irregular shapes by crimped
or protruded actin bundles the majority of which had lengths
well above GUV diameter (Figures 2A,B). The majority of single
bundles aligned horizontally with respect to the GUV surface
and localized at the GUV equatorial plane. Actin localization
was often more intense at the locus of membrane protrusion in
GUVs (Figures 2C,D) which could possibly be an indication of
membrane-induced actin bundling to facilitate protrusion (Liu
et al., 2008). By decreasing fascin concentration to a molar ratio
of 0.05, we rarely observed single bundles. Rather, the majority
of actin bundles appeared to be forming networks in small GUVs
(7–16 µm diameter) (Figure 2E).

Analyzing GUV populations at three fascin molar ratios
showed that indeed, the probability of the formation of a single
actin bundle in small (7–16 µm diameter) GUVs was high (0.75)
at fascin-to-actin ratios of 0.5 and 0.1 while network formation
probability was high (0.8 and 0.92, respectively) in large (>16 µm

diameter) GUVs at the same fascin molar ratios (Figure 3A).
Increased fascin-mediated interaction between actin filaments
being bundled in a small volume increase the chance of actin to
merge into a single bundle. The balance of forces in and on GUVs
possibly positions single bundles in the GUV equatorial plane.
The resistance of long packed bundles against bending under the
influence of membrane curvature could also contribute to the
merging of actin bundles at the GUV mid-plane. Such resistance,
described in terms of bundle persistence length, is highly
influenced by crosslinker type and concentration (Claessens
et al., 2006a; Takatsuki et al., 2014). The persistence length of
encapsulated fascin-actin bundles were indeed increased from
53 ± 12 µm to 173 ± 41 µm by increasing fascin molar ratio
from 0.05 to 0.5 which is significantly greater than the F-actin
persistence length (∼14–17 µm) (Figure 3B) (Le Goff et al.,
2002). Such increase is consistent with an increase in persistence
length of fascin-actin bundles in bulk and motility assays values
from ∼20 µm at molar ratio of 0.05 to ∼150 µm at molar
ratio of 0.5 (Takatsuki et al., 2014). The increase in persistence
length is an indication of the effect of encapsulation in merging
nearby actin bundles with high flexural rigidity. Encapsulation of
actin networks has also been shown to increase network stiffness
by diminishing filament fluctuations (Claessens et al., 2006b).
We found no relationship between the length and persistence
length of the encapsulated actin bundles. While high persistence
length of the elongated fascin-actin bundles favors merging and
protrusion at the mid-plane of small GUVs, lowering fascin
concentration and consequently bundle persistence length can
induce the formation of kinked actin bundle structures around
GUV periphery. Fascin at a molar ratio of 0.5 induced large-
scale membrane shape changes in all small GUVs (Figure 3C),
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FIGURE 2 | (A,B) Actin (left), lipid (middle), and merged (right) confocal images of actin bundles in small GUVs (diameter < 16 µm) at fascin concentrations of
2.5 µM (A) and 0.5 µM (B). Actin, 5 µM. Scale bars, 10 µm. (C) Actin (left), lipid (middle), and merged (right) confocal images of a protruding actin bundle with
aggregated actin at the point of initiation of membrane protrusion (arrow) at fascin concentration of 0.5 µM. (D) Actin fluorescence intensity profile across the dashed
lines in (C). (E) Actin (left), lipid (middle), and merged (right) confocal images of actin bundles in small GUVs (diameter < 16 µm) at a fascin concentration of 0.25 µM.
Actin, 5 µM. Scale bar, 10 µm.

the majority of which had at least one filopodia-like membrane
protrusion (Figure 3D). Fascin concentration here was high
enough to induce GUV shape changes in all large GUVs with
the majority of them appearing to have filopodia-like protrusions
(not statistically analyzed). At a low fascin concentration, smaller

portion of GUVs changed shape as expected due to lower
bundle rigidity (Takatsuki et al., 2014) (Figures 3C,D). The
schematic in Figure 3E illustrates bundle-bundle interactions at
high fascin concentrations in small GUVs that could lead to
the formation of a single bundle with increased rigidity at the
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FIGURE 3 | (A) Probability of the formation of a single actin bundle (Bundle) or networks (Ntw) in small GUVs (7–16 µm diameter) and large GUVs (>16 µm
diameter) at actin concentration of 5 µM with different fascin concentrations indicated. Number of GUVs >30 per experiment per category; ≥2 independent
experiments per fascin concentration. (B) The persistence length of actin bundles at two fascin concentrations. Actin, 5 µM; >18 bundles in 6 GUVs across two
independent experiments were analyzed per fascin concentration. Error bar represents standard error of the mean. (C) The percentage of small GUVs (7–16 µm
diameter) with shape changes (deform and/or protrude) by fascin-actin bundles at various fascin concentrations indicated. Number of GUVs > 30 per experiment
per category; ≥2 independent experiments per fascin concentration. (D) The percentage of small GUVs (7–16 µm diameter) with filopodia-like membrane
protrusions by fascin-actin bundles at different fascin concentrations indicated. Actin concentration is 5 µM. Number of GUVs > 30 per experiment per category; ≥2
independent experiments per fascin concentration. (E) Schematic representation of the formation of single actin bundles at high fascin concentrations (left) and actin
bundle structures around the membrane at low fascin concentrations (right) in small GUVs (7–16 µm diameter). Small geometry of confinement increases the
interaction of fascin-bundled actin filaments at high fascin concentrations to merge into a stiff protruding bundle at the GUV mid-plane. These bundles cause GUVs
to deform into spindle-like vesicles with filopodia-like protrusions.

GUV midplane thereby contributing to membrane protrusion.
At low fascin concentrations, low persistence length and the
absence of bundle-bundle interactions result in bundle buckling
and/or bending around the membrane to form peripheral actin
bundle structures.

Fascin-Induced Filopodia-Like
Protrusions Are Abrogated in the
Presence of α-Actinin
To explore how the flexibility of actin bundles can influence
their interaction at the midplane of GUVs and subsequent GUV
shape changes, we sought to co-encapsulate fascin and α-actinin
with actin in GUVs. The persistence length of encapsulated
α-actinin-actin bundles is lower than the persistence length
of fascin-actin bundles measured here (Takatsuki et al., 2014;
Bashirzadeh et al., 2020). This causes α-actinin-actin bundles
to bend around the membrane and merge into an actin
ring in cell-sized GUVs in order to minimize their elastic
energy (Miyazaki et al., 2015) (Supplementary Figure 2A).
Bending also increases the chance of actin bundle-membrane
interactions and colocalization of actin filaments with the
membrane (Supplementary Figure 2B). Encapsulation of
fascin, α-actinin, and actin in GUVs caused a portion of
actin bundles to bend at the GUV periphery (Figure 4A)
some of which resulted in local (Figure 4B) or large-scale
(Figure 4C) membrane deformations by forming an actin
meshwork around the periphery (Figure 4D, arrow). Reversal

of the GUV shape to its original spherical shape under
exposure to 488 nm light was observed similar to that
observed in the presence of fascin-only bundled actin (Figure 1,
Supplementary Figures 3A–C, and Supplementary Videos 2–
4). This confirmed that fascin-α-actinin actin bundles drove
GUV shape changes and applied lateral forces to deform GUVs.
Higher α-actinin concentration required higher exposure time
indicating that the presence of α-actinin can suppress bundle
disassembly under light exposure (Supplementary Figure 3D
and Supplementary Video 5). This was confirmed by the
observation that α-actinin-actin networks do not disassemble by
488 nm light (Supplementary Figure 3E and Supplementary
Video 6). Further investigations are required to examine the
influence of light on association/dissociation rate and bundling
ability of α-actinin and fascin.

Although fascin-α-actinin-actin bundles could often deform
GUVs, only around half of small (7–16 µm diameter) GUVs
changed shape in the presence of α-actinin and fascin both at a
molar ratio of 0.1. This was significantly lower compared to the
number of GUVs deformed by fascin-actin bundles at a fascin
molar ratio of 0.1 (50% < 80%) (Figure 4E). The portion of small
GUVs which changed shape further decreased by increasing
α-actinin molar ratio from 0.1 to 0.3 (37% < 50%) (Figure 4E).
The majority of fascin-actin bundles at fascin molar ratio of
0.1 induced filopodia-like membrane–protrusions (62.5%) in
small GUVs more than two-third of which was by protrusion
of single bundles at the GUV midplane (Figure 4F). Addition
of α-actinin at molar ratio of 0.1 abrogated the formation
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FIGURE 4 | (A–C) Representative confocal merged images (actin:green, lipid:red) of GUVs encapsulating actin bundles in the presence of fascin and α-actinin. Actin
bundles in the lumen of large GUVs do not deform GUVs (A). Localized actin bundles (B) and meshwork (C) at or around the periphery deform GUVs (arrows).
Fascin/actin, 0.1 (M/M). α-actinin/actin, 0.1 (M/M). Scale bars, 10 µm. (D) Skeletonized image of encapsulated actin bundles in (C). Actin meshwork in the deformed
GUV is indicated by arrow. Scale bar, 10 µm. (E) The percentage of small GUVs (7–16 µm diameter) with shape changes by fascin-actin bundles without and with
α-actinin at various concentrations. Fascin/actin, 0.1 (M/M). Actin, 5 µM. Error bars indicate standard error of the mean. Number of GUVs > 30 per experiment per
category; three independent experiments per category. (F) The percentage of GUVs with filopodia-like membrane protrusions formed by fascin-actin bundles without
and with α-actinin at various concentrations in small (7–16 µm diameter) and large (>16 µm diameter) GUVs. The black line indicates the probability of filopodia-like
protrusion in small GUVs encapsulating a single actin bundle. Fascin/actin, 0.1 (M/M). Actin, 5 µM. Number of GUVs > 30 per experiment per category; three
independent experiments per category.

of fascin-induced filopodia-like membrane protrusions (2.2%)
(Figure 4F). No filopodia-like structures were observed by
increasing α-actinin concentration to a molar ratio of 0.3.

Similar trend was observed in large GUVs. However, filopodia-
like protrusions by fascin-actin bundles were also significantly
lower in large (>16 µm diameter) GUVs than small (7–16 µm
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diameter) GUVs (8.1% < 62.5%) (Figure 4F). These results
underscore the influence of actin crosslinkers and possibly a
crosslinker competition mechanism for actin bundling on bundle
persistence length and consequently GUV shape changes.

DISCUSSION

By cellular reconstitution of actin and actin crosslinking
proteins in GUVs, we could recapitulate diverse membrane
morphologies. We showed that both confinement geometry and
crosslinker concentration influence bundle–bundle and bundle–
membrane interactions in confinement thereby determining
actin bundle architecture and GUV shape. These results highlight
the influence of cell size and density of actin crosslinking
proteins on the interaction of actin cytoskeleton and plasma
membrane in small scale and the overall cellular structure in
a larger scale. We speculate that depletion effects in small
volume increase the chance of non-specific attractions between
filaments and bundles which contribute to ATP hydrolysis-
dependent actin polymerization and fascin-mediated bundling
(Marenduzzo et al., 2006a,b; Miyazaki et al., 2015). We showed
that high fascin concentration significantly contributed to the
amalgamation of actin bundles into one protruding unit in
small GUVs. Bundle persistence length was shown to sharply
increase by increasing the concentration of fascin. Hence, our
observations suggest that GUV size and fascin concentration
both contribute to fascin-mediated filopodia-like protrusions
by increasing the chance of actin bundles interacting with one
another in a confined environment. Our results are in agreement
with the formation of packed fascin-actin bundles which remain
straight at the tip of protrusion (Tsai and Koenderink, 2015).
It has been suggested that membrane elasticity can contribute
to actin bundle assembly and protrusion of branched actin
networks at the membrane (Liu et al., 2008). This model
and occasional aggregation of straight bundles in protrusion
sites suggest a mechanism by which membrane protrusion is
facilitated through a feedback mechanism where flexible lipid
bilayer and fascin both contribute to protrusion at the bundle-
membrane interface.

External control over bundle disassembly and the consequent
reversal of GUV shape by light exposure reported here
can lay the foundation for numerous studies on membrane
morphology and the mechanics of network–membrane complex
in membrane-encapsulated biopolymer networks. One future
approach could be light-induced localized disassembly of
reconstituted actin bundles and branched actin networks by
targeted photo-illumination (Linsmeier et al., 2016). This
will enable direct observation of actin-membrane interactions
upon actin network disassembly in only selected regions of
interest. By cellular reconstitution of membrane-associated actin
networks in the presence of fascin and network disassembly
by targeted illumination, one can study the dynamics of
assembly/disassembly in filopodia-like structures, which can
provide insights into the understanding of transition/remission

from lamellipodia to filopodia in reconstituted networks (Haviv
et al., 2006) and in living cells.

Our findings revealed that fascin-mediated filopodia-like
protrusions in cell-sized GUVs were suppressed in the presence
of α-actinin. We have shown recently that actin bundles are
more likely to undergo transient interactions with the bilayer
at high α-actinin concentrations (Bashirzadeh et al., 2020).
Hence, the bending of encapsulated α-actinin-actin bundles
and their interaction with the membrane is expected to be
responsible for the inhibition of protrusion. Supported by coarse-
grained simulations, bulk and motility reconstitution assays have
demonstrated spontaneous sorting and domain formation of
fascin and α-actinin in a crosslinker size-dependent manner
(Winkelman et al., 2016; Freedman et al., 2019). As protein
sorting is expected to contribute to the formation of filopodia
by fascin-bundles, the mechanism of inhibition of membrane
spikes in the presence of α-actinin remains an open question.
Visualizing fluorescently labeled crosslinkers in actin bundles can
potentially reveal the existence of such mechanism.
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Triggering Cation-Induced
Contraction of Cytoskeleton Networks
via Microfluidics
Shea N. Ricketts1, Pawan Khanal1, Michael J. Rust2, Moumita Das3, Jennifer L. Ross4 and
Rae M. Robertson-Anderson1*

1Department of Physics and Biophysics, University of San Diego, San Diego, CA, United States, 2Department of Molecular
Genetics and Cell Biology, University of Chicago, Chicago, IL, United States, 3School of Physics and Astronomy, Rochester
Institute of Technology, Rochester, NY, United States, 4Department of Physics, Syracuse University, Syracuse, NY, United States

The dynamic morphology and mechanics of the cytoskeleton is determined by interacting
networks of semiflexible actin filaments and rigid microtubules. Active rearrangement of
networks of actin and microtubules can not only be driven by motor proteins but by
changes to ionic conditions. For example, high concentrations of multivalent ions can
induce bundling and crosslinking of both filaments. Yet, how cytoskeleton networks
respond in real-time to changing ion concentrations, and how actin-microtubule
interactions impact network response to these changing conditions remains unknown.
Here, we use microfluidic perfusion chambers and two-color confocal fluorescence
microscopy to show that increasing magnesium ions trigger contraction of both actin
and actin-microtubule networks. Specifically, we use microfluidics to vary the Mg2+

concentration between 2 and 20mM while simultaneously visualizing the triggered
changes to the overall network size. We find that as Mg2+ concentration increases
both actin and actin-microtubule networks undergo bulk contraction, which we
measure as the shrinking width of each network. However, surprisingly, lowering the
Mg2+concentration back to 2mM does not stop or reverse the contraction but rather
causes both networks to contract further. Further, actin networks begin to contract at
lower Mg2+ concentrations and shorter times than actin-microtubule networks. In fact,
actin-microtubule networks only undergo substantial contraction once the Mg2+

concentration begins to lower from 20mM back to 2mM. Our intriguing findings shed
new light on how varying environmental conditions can dynamically tune themorphology of
cytoskeleton networks and trigger active contraction without the use of motor proteins.

Keywords: cytoskeleton, microfluidics, actin, microtubules, microscopy

INTRODUCTION

The cytoskeleton, a dynamic network of filamentous proteins, enables cells to maintain shape and
structure while carrying out a wide range of processes such as cell proliferation, migration and
division. To enable such diverse processes and structural properties, cytoskeletal networks readily
rearrange in response to changing environmental conditions (ions, nucleotide-triphosphates, and
crowding) and interactions with accessory proteins. Two of the principle constituents of
the cytoskeleton are thin semiflexible actin filaments, ∼7 nm wide with a persistence length of
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lp ∼ 10 μm, and thicker rigid microtubules, ∼25 nm wide with lp ∼
1mm [1, 2]. Both filaments are also polyelectrolytes with an average
linear charge density of 4 e/nm for actin filaments and 280 e/μm for
microtubules [3–5]. Actin filaments serve primary roles inmigratory
processes, cellular contraction and maintaining cellular polarity
while microtubules organize and maintain axonal branching,
intracellular trafficking and mitotic spindle orientation during
cellular division [6–10]. Further, interactions between actin and
microtubules play critical roles in essential dynamic processes
including directed cell migration, neuronal growth, cellular
wound healing, cortical flow, and cellular division [11–16].

Active reorganization of cytoskeleton networks is typically
driven by ATP-consuming motor proteins including myosin and
kinesin. In vitro actin-myosin networks are shown to be
contractile, while purified microtubule-kinesin networks form
extensile liquid crystal networks [17–19]. However, due to the
polyelectrolyte nature of both actin and microtubules, changes to
the ionic conditions of the network environment can also trigger
rearrangements in actin and microtubule networks. For example,
high concentrations of Mg2+ ions have been shown to induce
bundling and crosslinking of actin filaments [20–23] and
microtubules [24, 25] via counterion crossbridges. Increasing
Mg2+ concentration has also been shown to promote higher
order structure formation in both actin and microtubule
networks in vitro and in vivo [26–31].

We previously showed that the mechanical response of actin
networks depended strongly on the Mg2+ concentration.
Specifically, actin networks polymerized at Mg2+

concentrations of 2–52 mM exhibited an increase in network
stiffness, nonlinear force response, elasticity and relaxation
timescales with increasing Mg2+ concentration. We showed
that this increase in the mechanical response arose from
small-scale counterion-enabled crosslinking and bundling of
actin filaments that occurred for Mg2+ concentrations ≥10 mM
Mg2+. Surprisingly, despite dramatic changes in mechanical
behavior, the mesoscopic changes to network morphology and
architecture were relatively small in nature [22].

While varying Mg2+ concentration has been shown to impact
both actin and microtubules, no studies have investigated the
effects of Mg2+ on composite actin-microtubule networks.
Moreover, how dense cytoskeleton networks dynamically morph
from one state to another as ion concentration changes remains
unknown. To address these open questions, we use microfluidic
perfusion chambers to slowly vary theMg2+ concentration between
2 and 20mM while imaging the triggered changes in actin and
actin-microtubule networks using two-color confocal microscopy.
Specifically, we characterize how the bulk network size changes as
we vary theMg2+ concentration from low (2 mM) to high (20 mM)
and back to low (2mM). We show that increasing the Mg2+

concentration triggers bulk contraction of both actin networks
and actin-microtubule networks. However, when subsequently
lowering the concentration from 20 to 2 mM Mg2+ both actin
and actin-microtubule networks surprisingly continue contracting
rather than re-expanding or stopping contraction. Moreover, as we
describe here within, while both networks contract, there are
marked differences in the contraction rate and characteristics
for actin vs. actin-microtubule networks.

METHODS

Sample Preparation
Rabbit skeletal actin and Alexa-568-labeled actin were purchased
from Cytoskeleton (AKL99) and Thermofisher (A12374) and
stored at −80°C in Ca buffer [2 mM Tris (pH 8.0), 0.2 mM ATP,
0.5 mM DTT, 0.1 mM CaCl2]. Porcine brain tubulin and
rhodamine-labeled tubulin were purchased from Cytoskeleton
(T240, TL590M) and stored at −80°C in PEM-100 (100 mM
PIPES (pH 6.8), 2 mM MgCl2, and 2 mM EGTA). Both actin
and actin-microtubule networks were formed at a fixed
concentration of 5.8 μM total protein concentration and
included a fraction of labeled protein to image networks
(Figure 1). Actin networks were polymerized from 3.9 μM
unlabeled actin monomers and 2 μM labeled actin monomers
in PEM-100 with 2 mM ATP. Equimolar actin-microtubule
networks were prepared by polymerizing 2.4 μM actin
monomers, 0.5 μM labeled actin monomers, 2 μM tubulin
dimers and 0.9 μM labeled tubulin dimers in PEM-100 with
2 mM ATP, 2 mM GTP, and 5 μM Taxol. By including a small
fraction of labeled monomers in the solution prior to network
polymerization, rather than doping in pre-formed labeled
filaments, we are able to directly visualize the network
structure and morphology rather than relying on tracer

FIGURE 1 | Experimental approach to triggering cation-induced
contraction of cytoskeleton networks. (A) Cartoon of microfluidic device
comprised of three channels separated by two semipermeable membranes
(gray). The device has a central chamber containing the sample and two
side channels used for buffer exchange. Buffer is pulled into the inlet and out of
the outlet through capillary tubing using a syringe pump. The flow rate is set to
allow for passive diffusion of buffer into the sample chamber as it flows from
inlet to outlet. (B) Two-color laser scanning confocal images of an actin
network (left) and an equimolar actin-microtubule network (right)where actin
is magenta and microtubules are cyan. Scale bar is 50 μm.
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filaments to report the structure [32]. However, the caveat to this
technique is that individual filaments cannot be resolved as each
filament is too sparsely labeled and the network is too dense
(<1 μm mesh size). As such, the networks in Figure 1 show
structure but not individual filaments. To reduce photobleaching,
oxygen scavenging agents (4.5 μg/ml glucose, 0.005%
β-mercaptoethanol, 4.3 μg/ml glucose oxidase, 0.7 μg/ml
catalase) were included. For both network types, the final
solution was mixed and pipetted into the central channel of
the microfluidic sample chamber (Figure 1) and incubated at
37°C for 30 min prior to further microfluidic assembly (described
below). We have shown these networks to be isotropic and stable
for up to ∼48 h [33]. As such, we do not expect filament
orientation or sample aging to play a role in our results.

Microfluidics
The construction of the microfluidic device shown in Figure 1 is
adapted from techniques in Ref. 34 and Ref. 35. The microfluidic
sample chamber is formed from a coverslip, a glass microscope
slide, and parafilm. The coverslip and glass slide were washed
thoroughly with deionized water, acetone, and isopropanol and
then plasma cleaned for 30 min. A mixture of 0.5% TMSPMA in
isopropanol was baked onto the coverslip and glass slide at 80°C
for 2 h. The slide and coverslip were washed with isopropanol and
ethanol and left to air dry. To assemble the sample chamber and
create a flow cell, the slide, coverslip, and parafilm spacer were
placed on a 60°C plate to allow the parafilm to melt and fuse the
slide and coverslip together.

The flow cell was filled with a 50:1 mixture of polyethylene
glycodiacrylate (PEG-DA) and photoinitiator, 2-hydroxy-2-
methylpropiophenone, diluted to 10% in 10 mM Tris-HCl,
then exposed to UV through a custom photomask to form
two semipermeable membranes of crosslinked PEG-DA. The
flow cell was immediately flushed with DI to remove the un-
linked PEG-DA solution. This process results in three channels
separated by two semipermeable membranes: one central channel
for holding the sample and two side channels to enable buffer
exchange via diffusion. The flow cell was flushed with 5% Tween
(in PEM-100) followed by PEM-100.

The sample was pipetted into the central channel and the side
channels were filled with the original polymerization buffer
consisting of PEM-100, 2 mM ATP and 2 mM GTP (only for
actin-microtubule networks). The flanking side channels were then
connected to capillary tubing (74/95 mm inner/outer diameter,
Incom) at both ends. The sides of the device were sealed with epoxy
to completely enclose the sample within the central chamber and
the capillary tubing in the side channels. The capillary tubes were
connected to separate Tygon tubing (Cole Parmer Tygon tubing
AAD02091- CP, 0.010/0.030 inches inner/outer diameter) before
sealing all tubing with epoxy. The Tygon tubing on the inlet side of
the microfluidic device was prefilled with the original
polymerization buffer. We included 2 μM fluorescein salt in the
original polymerization buffer as a proxy to measure ion
concentration. To enable buffer exchange, the outlet Tygon
tubes were connected to a digitally controlled syringe pump and
the inlet Tygon tubing was inserted into the desired buffer
reservoir. When the syringe pump is turned on, buffer is pulled

into the side channels from the reservoir at a flow rate of 3 μl/min to
enable buffer exchange within the sample chamber via passive
diffusion through the semipermeable membranes.

The microfluidic experiment took place over the course of 3 h.
In the first 10 min, the pump remained off in order to equilibrate
the system. We then pumped in the fluorescein-polymerization
buffer for 30 min to achieve simultaneous flow at an equal flow
rate. After 30 min of pumping the fluorescein-polymerization
buffer we switched the reservoir to the buffer containing PEM-
100, 20 mM MgCl2, 2 mM ATP and 2 mM GTP (only for actin-
microtubule networks). This buffer did not contain fluorescein.
We pumped this buffer through for 90 min before switching back
to the fluorescein-polymerization buffer and pumping for 50 min.

Confocal Imaging
A Nikon A1R laser scanning confocal microscope with a 4×
objective and QImaging QICAMCCD camera was used to collect
time-series of labeled cytoskeletal networks and buffer channels.
The low magnification objective enabled us to visualize the entire
network to determine bulk morphological changes triggered by
buffer exchange. It also allowed us to view the entire device in a
single field of view to characterize the rate of buffer exchange and
to correlate the network activity with Mg2+ concentration. The
microscope is outfitted with 488 nm and 561 nm lasers and
simultaneously records separate images for each laser channel.
As such, we are able to separately visualize the cytoskeleton
network in the sample chamber (568 nm laser channel) and
the intensity of fluorescein dye in the side channels and
sample chamber (488 nm laser channel). Time-series of 512 ×
512 images (6.215 μm/pixel) in each channel were recorded for
3 h with each image taken every minute. Time-series from the
network channel and fluorescein channel were analyzed
separately using custom written Matlab code to determine
network width and corresponding Mg2+ concentration.

RESULTS

We use microfluidic perfusion chambers and two-color confocal
microscopy to measure the bulk structural changes induced in
cytoskeletal networks in response to continuous variation of Mg2+

concentration (Figure 1, Methods). We prepare entangled actin
networks and co-entangled actin-microtubule networks using
previously established protocols [32, 33]. We polymerize
networks within home-built microfluidic chambers to enable
subsequent variation of Mg2+ concentration, via passive
diffusion, without disrupting the network of polymerized filaments.

Once networks are formed in microfluidic chambers, each
170 min experiment proceeds as follows (depicted in Figure 2).
For the first 30 min, we pump the original 2 mMMg2+

polymerization buffer through the device, allowing for passive
diffusion of the buffer into the network (Phase I). This phase
serves as a control to ensure that we achieve simultaneous flow
with equal flow rate through both side channels. After 30 min we
change the buffer to include 20 mMMg2+ (Phase II). After 90 min
of 20 mM Mg2+ buffer flow (t � 120 min), we reintroduce the
original 2 mM Mg2+ polymerization buffer (Phase III).
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Because buffer exchange occurs via passive diffusion, the ion
concentration in the network sample chamber does not
instantaneously change when we switch buffers. Thus, to
determine the Mg2+ concentration as a function of time during
the experiment we include fluorescein dye in the 2 mMMg2+ buffer.
We determine the relative ion concentration, which increases from
2 to 20 mM, by monitoring the decay of the fluorescein intensity.
When we reintroduce the 2 mMMg2+ buffer we use the fluorescein
intensity once again to measure ion concentration as it decreases
from 20 mM to 2 mM Mg2+ (Figures 2, 3). We simultaneously
image the cytoskeleton network as shown in Figure 2.

We find that both actin and actin-microtubule networks
contract as the ion concentration increases, shown by the
shrinking width of the material over the course of the
experiment (Figures 2–4). The extent of contraction over the
full course of the experiment is similar for both networks, with
both widths shrinking to ∼13% of their initial width (Figure 4).

Due to the ability to control the concentration of the ions with
the perfusion chamber, we can identify three phases of ion

concentration resulting in changes in the network organization.
Phase I is the time when buffer is flowed through the chamber, but
the ionic strength of the buffer is constant. Phase II is the time
framewhenwe increase the ion concentration. Phase III is whenwe
return to the original buffer conditions.

As shown in Figure 3, during Phase I, the widths of both actin
and actin-microtubule networks remain fairly stable, as expected
as the environmental conditions are not changing significantly.
The only difference between the polymerization buffer pumped
in vs. the polymerization buffer the networks were formed in is
the lack of the oxygen scavenging system and Taxol.

In Phase II, as Mg2+ concentration increases from 2 to 20mM,
actin and actin-microtubule networks both contract but the
contraction dynamics are markedly different for the two network
types. Actin networks contract at a nearly constant rate of∼4 μm/min,
reaching 28 ± 10% of their initial width (Figure 3). Conversely, the
width of actin-microtubule networks remains stable for the majority
of this phase, only starting to contract after ∼70min of the 90min
phase, and reaching 68 ± 5% of the initial width (Figures 3, 4).

FIGURE 2 | Two-color confocal imaging of actin network undergoing contraction triggered by variation in Mg2+ concentration. Two-color laser scanning confocal
images of an actin network (red) as the Mg2+ concentration slowly varies from 2 mM (green) to 20 mM (black) and back to 2 mM (green). Fluorescein in the 2 mMMg2+

buffer (but not in the 20 mMMg2+ buffer) is used to quantify the Mg2+ concentration as a function of time. Because it takes ∼5 min for the buffer from the reservoir to enter
the sample channel, the buffer channels in the first few images are black despite being at 2 mMMg2+. At t � 30min, the 20 mMMg2+ solution is introduced, which is
seen as the green signal intensity decaying to black. At t � 120min, the 2 mMMg2+ solution is reintroduced, viewed as increasing intensity in the green channel. Scale bar
is 500 μm and time is in minutes.

Frontiers in Physics | www.frontiersin.org November 2020 | Volume 8 | Article 5966994

Ricketts et al. Cation-Induced Contraction of Cytoskeleton

36

https://www.frontiersin.org/journals/physics
www.frontiersin.org
https://www.frontiersin.org/journals/physics#articles


In Phase III, when we reintroduce the original 2 mM Mg2+

buffer, we surprisingly find that both networks continue to
contract rather than re-expand or stabilize. The rate of
contraction for the actin network is slowed appreciably during
this phase and appears to be approaching a steady-state width,
contracting by only 11% during this phase (Figures 3, 4B).
However, the rate of contraction for the actin-microtubule
network actually increases during this phase, dropping by 88%
at a nearly constant contraction rate of ∼7 μm/min over the course
of the 50 min phase (t � 120 min to t � 170 min, Figure 3).

These results can be seen more readily in Figure 4A in which
we plot the width for both networks as a function of Mg2+

concentration. The color gradient indicates the experimental
time that correlates with the given Mg2+ concentration. As
shown, actin networks begin to noticeably contract when the
Mg2+ concentration reaches ∼12 mM. Noticeable contraction of
actin networks continues as the Mg2+ concentration increases to
20 mM, with the most dramatic contraction happening between
∼18 and 20 mM Mg2+. Conversely, actin-microtubule networks
appear to remain relatively stable asMg2+ concentration increases
to ∼20 mM, yet undergo dramatic contraction as the
concentration drops from 20 to ∼17 mM. While the
contraction of actin-microtubule networks slows as the Mg2+

concentration is lowered further, they continue to exhibit more
substantial contraction than actin networks during this phase.

Figure 4B summarizes our findings for the three Phases of our
experiment and highlights the key results: 1) both actin networks
and actin-microtubule networks undergo significant bulk
contraction in response to increasing Mg2+ concentration; 2)
both networks continue to contract even as the Mg2+

concentration is lowered back to the original concentration;

and 3) the onset of contraction is delayed for actin-
microtubule networks in comparison to actin networks.

We note that in both networks the main period of contraction,
in which a constant negative slope is observed in Figure 3, exhibits
the smallest standard deviation among different samples (Figures
3, 4). This small error demonstrates the reproducibility of Mg2+-
driven contraction. The regions with larger standard deviation, at
the beginning and end of the experiments, represent variations in
the initial and final widths of the different samples, likely arising
from small differences in the semipermeable membranes of each
microfluidic chamber (Figure 1). Slight differences in membrane
thickness and pore size impact the width of the central sample
channel and the rate of buffer exchange, which in turn alter the
initial and final network widths.

FIGURE 3 | Actin and actin-microtubule networks contract in response
to continuous variation of Mg2+ concentration. The average width (left axis) of
the actin network samples (magenta) and actin-microtubule network samples
(cyan) as a function of time. The Mg2+ concentration (right axis) is also
plotted (green line) as a function of time. The three phases of the experiment
(I-III) are separated by dashed lines: I) 2 mM Mg2+ solution (original
polymerization buffer) diffuses through the sample for 30 min II) exchange to
20 mM Mg2+ buffer is initiated and proceeds until 120 min III) 2 mM Mg2+

buffer is reintroduced for 50 min.

FIGURE 4 | Cytoskeleton networks exhibit network-dependent
contraction in response to both increasing and decreasing Mg2+

concentration (A) The average width of actin network samples (magenta) and
actin-microtubule network samples (cyan) as a function of Mg2+

concentration. Experimental time is indicated in the symbol gradient coloring
where t � 0 is cyan and magenta and t � 170 is light cyan and magenta. (B)
The fractional amount of contraction measured for each Phase (I, II, III;
described in the text), computed by Wf/Wi where Wi is the width at the
beginning of the experiment and Wf is the width at the end of the
corresponding Phase. The dashed lines separating the three Phases
approximate the relative length of time of each phase. The corresponding
Mg2+ concentration is depicted as a gradient with dark to light green indicating
2 to 20 mM Mg2+.
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DISCUSSION

Previous studies have shown that the charge screening from
divalent Mg2+ cations are sufficient to enable bundling,
crosslinking and reorientation of actin and microtubules
in vitro and in vivo [26, 36, 37]. The onset of contraction for
actin networks, occurring at ∼12 mM Mg2+ (Figure 4), is
consistent with the previously shown critical concentration of
∼10 mM Mg2+ needed to induce actin bundling and crosslinking
[21, 22]. As such, our results suggest that this self-association can
trigger bulk contraction of dense cytoskeleton networks. If the
networks are highly entangled, as they are here, as each filament
begins to associate with its nearest neighbor the filament pulls
with it other surrounding filaments that it is entangled with,
resulting in overall contraction of a fully connected network.

We can also understand this contraction process by considering
the entropic cost of trapping theMg2+ cations between neighboring
filaments [38, 39]. At low Mg2+ concentrations, the cations
between two filaments are in an energetically favorable state
(near negatively charged surfaces), and the filaments repel each
other due to the cloud of positive ions surrounding them (and
repelling each other). Squeezing the two filaments together would
lower the entropy of the “trapped” ions and is thus avoided. This
effect is similar to an osmotic pressure difference that drives water
between the filaments to try to balance the concentration of cations
near and far from filament surfaces [38, 40, 41]. However, as the
cation concentration increases this osmotic pressure difference is
lowered and then reversed as the concentration of cations in bulk
increases. Thus, water flows out of the region between filaments
into the bulk, driving the filaments together. The net result is
overall network contraction as the cation concentration increases.
It is important to note that this depletion-like effect is driven by
thermal fluctuations of the filaments. Namely, thermal fluctuations
that drive the filaments together, and thus push the water out, are
preferred. As such, the timescale for this contraction process
depends on the relaxation timescales of the filaments.

The more counterintuitive and surprising result is that
contraction continues when we lower the Mg2+ concentration by
reintroducing the original 2 mMMg2+ polymerization buffer (Phase
III). While Phase II contraction is largely driven by the free energy
minimization of the cations, as we describe above, we interpret the
Phase III contraction as arising from the free energyminimization of
the filamentous network. Namely, as filaments are pulled toward
each other and linked together by cation crossbridges, the initial
configuration is not the most entropically favorable in terms of their
configuration. There are likely mechanical stresses on the filaments
that were pulled together by the increasing ion concentration. Thus,
the filaments will rearrange and reorient to relieve this stress and
increase their configurational entropy, even when the cation
concentration is reduced. Because the relaxation timescales of
entangled actin networks such as these can be as long as minutes
to hours, [33, 42–44] this can indeed be a slow process. The fact that
this process leads to contraction rather than re-expansion suggests
that the cation crossbridges that form between filaments at high
Mg2+ concentration are quite strong. Further, there is no obvious
driving force, analogous to the entropic force that drives the
filaments together, that would force the filaments apart. Finally,

there are theoretical predictions that suggest that thermal Casimir
forces may play a role in electrolyte solutions confined by surfaces
(which in this case are the filaments) and in biopolymer networks
[45, 46]. This force, arising from thermal fluctuations in the ionic
concentration near filaments leads to an attractive force between
filaments, similar to the van der Waals interaction [47]. This effect
may also play a role in the Phase III contraction.

The question remains as to why the actin-microtubule
networks exhibit contraction dynamics that are so distinct
from actin networks. Namely, actin-microtubule networks
require more Mg2+ cations (∼20 mM Mg2+) for the onset of
contraction than actin networks, and the most pronounced
contraction occurs only after the ion concentration starts to
drop (Figure 4). Microtubules are much stiffer than actin,
with a ∼100× larger persistence length, and are also comprised
of more proteins per unit length. The result then of replacing half
of the molar protein concentration of the actin network with
tubulin is that the network is stiffer and the mesh size of the
network is ∼2× larger [33]. In addition, the relaxation dynamics
of the actin-microtubule network are slower as the microtubules
relax and reorient over much longer timescales than actin [33].

The longer relaxation times could explain the delay in contraction
triggered by increasing Mg2+ concentration due to the time needed
for the actin-microtubule network to rearrange and reorient in
response to the triggered attraction. The increased mesh size of
the actin-microtubule network could also delay the depletion-like
self-association of filaments. As the spacing between filaments
trapping the cations is larger, more thermal fluctuations (and
thus longer time) and/or a stronger entropic force (dictated by
the cation concentration difference between the bulk and in between
filaments) would be required for neighboring filaments to be driven
together by the osmotic-like depletion of water between the
filaments. As such, a higher Mg2+ concentration and longer time
would be needed to induce contraction, just as we see in Figures 3
and 4. Just as the actin-microtubule network is harder to start
contracting, the composite would also be more difficult to stop
contracting, as if it had an inertial response to the ions. Thus, we see a
delay in the contraction, and the most significant contraction only
occurring once the ion concentration begins to drop (Figure 4).
Interestingly, while the contraction is delayed in actin-microtubule
composites compared to actin networks, once contraction begins the
rate is ∼2× faster than for actin networks. This faster contraction, is
most likely due to their larger mesh size. While the composites
require higher Mg2+ concentration and more time for thermal
fluctuations to move neighboring filaments close enough to each
other to allow for depletion-driven contraction, once the filaments
reach this point they can move together more rapidly because there
are fewer steric constraints (entanglements) restricting their motion.
Namely, the empty voids in the mesh that filaments can freely move
through are larger than in actin networks. While actin filaments are
more flexible and can thus more readily respond to depletion forces,
their smaller network mesh size (i.e., higher entanglement density,
smaller empty voids) prevents the filaments frommoving as quickly
together as in the actin-microtubule composites.

Finally, the shift that actin-microtubule composites exhibit at
∼140 min (in Phase III) from relatively fast contraction (∼13 μm/
min) to slower contraction of ∼3 μm/min (Figure 3) may indicate
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a shift from contraction triggered by the osmotic-like force from
the cations (albeit delayed) to the slow rearrangement of filaments
to increase their configurational entropy. We expect that if we
delayed the onset of Phase III (lowering of Mg2+ concentration)
that rapid contraction of actin-microtubule networks would still
occur at the same experimental time, governed by the intrinsic
relaxation timescale of the network. However, we expect that the
shift to slower contraction that occurs in Phase III would occur
proportionally later, as it is determined by a shift to
configurational entropy maximization that can only occur after
the network has been in the presence of low ion concentration for
a long enough time. In future work we will more fully explore
these hypotheses by varying the times over which the networks
are exposed to high and low cation concentrations as well as the
maximum Phase II cation concentration.

We chose to focus our study on Mg2+ due to its importance in
physiological processes such as actin and microtubule
polymerization and myosin-driven actin contraction [1, 2, 17,
33, 48]. We expect that other divalent ions, such as Ca2+, would
produce similar results for polyelectrolytes with similar charge
densities as actin and microtubules [23]. However, previous
studies examining cation-driven bundling of actin have shown
that monovalent ions are not able to induce substantial actin self-
association [23, 38]. Further, while Mg2+ promotes actin
polymerization and stabilizes filamentous actin, Ca2+ can
destabilize actin filaments and promote depolymerization,
which could negatively impact contractile behavior [33].

We have previously shown that actin-microtubule composites
exhibit increasing stiffness, mesh size and heterogeneity as the ratio
of microtubules to actin is increased [33]. In future work, we will
explore the dependence of Mg2+-triggered contraction on this
ratio. We expect our results to smoothly vary between the two
cases we present here as we vary this ratio. While the networks we
have studied do not have any crosslinking proteins present, we plan
to incorporate actin and microtubule crosslinkers and determine
their impact on the results. Based on our previous microrheology
measurements on crosslinked actin-microtubule composites [49,
50], we expect to measure a more complicated dependence of
crosslinker type and concentration on the contraction behavior.

CONCLUSION

We have presented an experimental approach that combines
diffusion-controlled microfluidics with two-color fluorescence
confocal microscopy to measure bulk morphological changes

to cytoskeletal networks triggered by increasing and decreasing
concentrations of magnesium ions. We show that both actin
networks as well as actin-microtubule networks undergo bulk
contraction triggered by increasing Mg2+ concentration. The
contraction dynamics are highly dependent on the network
type, with actin-microtubule networks exhibiting a substantially
delayed response relative to actin networks. We also show that
both networks continue to contract during subsequent lowering of
Mg2+ concentration, which we attribute to slow network
rearrangement to maximize the configurational entropy of the
filaments. Our results demonstrate unexpected ways in which the
cytoskeleton can dynamically morph and contract in response to
environmental stimuli, and how the varying mechanical and
structural properties of actin and microtubules can tune the
characteristics of this dynamic response.
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Fluorescent imaging combined with atomic force microscopy (AFM), namely AFM-
fluorescence correlative microscopy, is a popular technology in life science. However,
the influence of involved fluorophores on obtained mechanical information is normally
underestimated, and such subtle changes are still challenging to detect. Herein, we
combined AFM with laser light excitation to perform a mechanical quantitative analysis of a
model membrane system labeled with a commonly used fluorophore. Mechanical
quantification was additionally validated by finite element simulations. Upon staining,
we noticed fluorophores forming a diffuse weakly organized overlayer on phospholipid
supported membrane, easily detected by AFMmechanics. The laser was found to cause a
degradation of mechanical stability of the membrane synergically with presence of
fluorophore. In particular, a 30 min laser irradiation, with intensity similar to that in
typical confocal scanning microscopy experiment, was found to result in a ∼40%
decrease in the breakthrough force of the stained phospholipid bilayer along with a
∼30% reduction in its apparent elastic modulus. The findings highlight the significance of
analytical power provided by AFM, which will allow us to “see” the “unseen” in correlative
microscopy, as well as the necessity to consider photothermal effects when using
fluorescent dyes to investigate, for example, the deformability and permeability of
phospholipid membranes.

Keywords: atomic force microscopy, correlative fluorescence microscopy, biomembrane, fluorophore, hybrid
phospholipids

INTRODUCTION

Fluorescence microscopy is one of the most often used imaging techniques in biology and material
science (Lichtman and Conchello, 2005; Shashkova and Leake, 2017), and this is dictated by efficient
staining agents with ability to bind on target while maintaining fluorescence. The high-specificity of
fluorophores is relative to the interaction force between those label agents and target biomolecules.
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While process of measurement requires to minimize the
perturbation of system under investigation, a strong (for
example covalent (Luitz et al., 2017)) label-target interaction
can produce an opposite effect. Complementary investigations
are essential to unveil the influence of fluorescent tags, as well as
to understand the targeting quality and uniformity.

A peculiar way enabled by atomic force microscopy (AFM), is
to investigate the mechanical properties in biological system
through quantitatively measuring viscoelastic modifications
(Nautiyal et al., 2018; Garcia, 2020; Zhou et al., 2021).
Considering the versatility of AFM in biology, it is significant
to integrate such platform with optics, the so-called correlative
microscopy (Zhou et al., 2021). With such a combination, the
mechanical quantities and biochemical events can be
simultaneously investigated with high spatial-temporal
resolution. This will provide new insights into biological
processes, but previous studies also suggested the used
fluorophores could have huge impact on the targeted
biomolecules during visualization (Luitz et al., 2017; Cosentino
et al., 2019). Highly desirable now is to understand the underlying
cross-talk between the two techniques, especially in a quantitative
manner.

For our study we selected one of the most studied bio-systems,
represented by phospholipid bilayers as a model system
mimicking real cell membrane (Eeman and Deleu, 2010;
Redondo-Morata et al., 2020). Furthermore, the modeled
biomembranes can be flexibly reconstructed to facilitate
surface techniques for investigation of mechanical properties
such as AFM (Stetter et al., 2016; Müller et al., 2020;
Redondo-Morata et al., 2020), and molecular dynamic
simulations (Hofsäß et al., 2003; Leeb and Maibaum, 2018).
This is significant since the biomembrane is the most critical
interface between the living organisms and the external
environment, while mechanical properties are correlated with
its stability (Alessandrini and Facci, 2012; Beedle et al., 2015;
Balleza et al., 2019; Mescola et al., 2020).

In current work, we perform an AFM-fluorescence correlative
microscopy study on a model system consisting of biomembrane
(DOPC bilayer) interacting with a commonly used hydrophobic
molecule, Nile red (Ira and Krishnamoorthy, 1998; Jain and Das,
2006; Kurniasih et al., 2015; Levitt et al., 2015; Halder et al., 2018),
having high efficacy staining intracellular neutral lipid droplets
and phospholipid cell membranes. Very recently, Zhanghao et al.
(Zhanghao et al., 2020) used Nile red to perform single-cell super-
resolution lipidomic resolving the membrane morphology,
polarity, and phase of cell membrane and subcellular
organelles. Lipid order in outer leaflet of bacterial membrane
was investigated with high-sensitivity fluorescent probe based on
Nile red (Bogdanov et al., 2020). Therefore, the investigation of
mechanical properties of membrane in physiological conditions
will be essential to determine a cross-talk induced by fluorescent
optical microscopy. Our obtained results are well-validated by
direct comparison of AFM single force spectra with finite element
simulations (FEM) based on AFM topography. We compare the
cases of model system with or without laser irradiation, and show
different degrees of mechanical modifications. Moreover, we used
our routine on a hybrid system composed by DOPC + Nile red

before aqueous micellization, again highlighting the synergistic
effect of laser and fluorophore in modifying fluidity and stability
of lipid-based membranes.

MATERIALS AND METHODS

Phospholipid Bilayer Preparation and Red
Nile
The phospholipid molecules (dioleoyl phosphatidylcholine
(DOPC) from Sigma-Aldrich, St. Louis, MO) were initially
dissolved in a chloroform solution at a concentration of
10 mg/ml. The dried lipids (0.1 mg) were rehydrated in PBS
(phosphate buffer saline) maintaining 0.5 mg/ml
concentration, the final solution increases turbidity due to
formation of micelles. The ionic strength of PBS is necessary
to shield effectively the electrostatic repulsive interaction between
the negatively charged mica surface and phospholipids heads
(Reviakine and Brisson, 2000; Richter and Brisson, 2005; Indrieri
et al., 2008). The lipids solution is vortexed and sonicated for
10 min. The effect of sonication was to break bigger multi-layered
vesicles, favoring the formation of smaller single-layered vesicles.
After sonication, the solution containing the lipids is deposited on
a freshly cleaved mica surface in the amount of 40 μl with 2 min
incubation time. The deposition protocol proceeds with the
elimination of deposition buffer by spin coating at 5000 rpm
for 2 min. We found that spin coating was the best methodology
to control the quantity of single bilayers on mica substrate,
achieving repeatability. Finally, the sample was rehydrated in
PBS to perform AFM measurement in fluid environment using
the imaging buffer. In this work, PBS was utilized to mimic closer
physiological conditions. Importantly, the supported bilayers can
be stabilized by the higher ionic strength on mica (therefore it is
easier to find bilayers during microscopy). Moreover, the
electrostatic interaction is shielded by ionic strength. The
“unshielded” electrostatic interaction in liquid (described by
DLVO theory) is increasing uncertainty during contact point
determination. The overall procedure was tested several times in
order to ensure repeatability.

Nile Red (N1142, Invitrogen, Carlsbad, CA) was firstly
dissolved in DMSO at a concentration of 10 mg/ml, then the
solution was further diluted to a final concentration of 2.5 μg/ml
in PBS, which was applied as the imaging buffer. CellTracker
Deep Red (C34565, Thermo Fisher Scientific, Waltham, MA) and
HOECHST (33,342, Thermo Fisher Scientific) were dissolved in
PBS with concentrations of 25 μg/ml and 2.5 μg/ml, respectively.

Laser Installation and Alignment
To simulate the confocal microscope environment to the
maximum extent, we installed the 532 nm laser (green) to the
optical microscopy (Eclipse Ti2, Nikon, Tokyo, Japan) as the light
source for the excitation of Nile Red and CellTracker Deep Red,
while 480 nm laser (blue) was used for HOECHST. In brief, a
front-surface mirror was placed on the stage of the microscopy,
the installed laser was adjusted to focus onto the reflective surface
using the 40X objective lanes. Then filter settings were selected to
allow some of the reference laser to be bounced back through the

Frontiers in Molecular Biosciences | www.frontiersin.org May 2021 | Volume 8 | Article 6693612

Galluzzi et al. Unveiling Hidden Events AFM Nanomechanics

42

https://www.frontiersin.org/journals/molecular-biosciences
www.frontiersin.org
https://www.frontiersin.org/journals/molecular-biosciences#articles


microscopy optical train and out through the external coupling
port. After alignment, the laser power intensity is adjusted by the
controller. In our case, 10.1 mW power intensity was set to obtain
a final output power intensity of 35.4 mW/μm2. More details on
this calculation are collected in Supporting Information,
Supplementary Figure SI1.

AFM Force Spectroscopy
AFM force spectroscopy experiments were performed with MFP
3DBio (Asylum Research, Goleta, CA) mounting short-wide SNL
probes (Bruker, Billerica, MA) with nominal elastic constant k �
0.5 N/m, nominal radius R � 10 nm, allowing to cover force
interaction range from 10–104 pN. The elastic constant of
cantilever was calibrated by thermal tuning with built-in
procedure in air and in water leading to consistent results of
elastic constant as k � 0.42 N/m. We used the environmental
control unit to keep the temperature constant at 30°C, slightly
higher than room temperature to allow the system to

re-equilibrate in case of thermal modification induced by AFM
operation and laser application.

During AFM force spectroscopy, the probe approaches
vertically the phospholipid bilayer recording the interaction
force in function of probe-surface position. The first visible
nanomechanical parameter is related to the quantitative
determination of the breakthrough event, i.e. the force
threshold indicative of AFM probe penetrating the lipid layer,
also confirming its existence (Butt et al., 2005; Redondo-Morata
et al., 2020). Raw morphology from integrated software is
representative of mica substrate, neglecting layers breaking
during force curves. For each sample, a series of force volume
mapping at 64 × 64 resolution was performed insisting on the
same area but using different conditions (dye injection and/or
laser application) in different macroscopic positions to improve
the statistical reliability of the experiments.

Data Analysis
Data analysis was performed in MATLAB (The MathWorks,
Natick, MA) environment with custom routine functions.
Analysis is firstly focused in converting raw force curves from
Deflection Voltage (V) vs. Piezo Travel Distance (nm) into Force
(nN) vs. Tip-substrate separation (nm)(Butt et al., 2005). To this
purpose, optical lever sensitivity Zsens (nm/V) is calculated from
contact part when probe reached the substrate after breaking
through the layer, while spring constant is used to finally convert
in Force.

After conversion, the tip-sample contact point must be
determined to consider the morphology of soft biomembranes
(Galluzzi et al., 2018). As first approach, the force axis is binned
resulting in a well-defined peaked histogram indicating non-
contact region (right part of Figure 1A). To avoid considering
electrostatic interactions, the low-force morphology is
reconstructed individuating contact point above 0.3 nN. The
second approach is focused in finding the layer near the
substrate by binning the distance axis. While the peak
correspondent to zero distance is representing the substrate,
the second peak represents the nearest layer (bottom part of
Figure 1A). Gaussian fitting is employed to find automatically the
peaks for all force curves in force volume. The second approach is
particularly powerful to exclude long-range electrostatic
interactions or loosely bounded contaminants on surface of
phospholipid bilayer. Using the peak correspondent to first
layer facing the substrate, the contact point and breakthrough
force can be retrieved easily as left and right extremes of Gaussian
fitting. After contact with surface, AFM probe starts to compress
the bilayer until the indentation reaches circa 2.5 nm, at which
point the elastic energy of the deformed bilayer overcomes the
energetic cost of forming a hole and the tip penetrates the bilayer
reaching the substrate in a breakthrough event (Figure 1B).
(Garcia-Manyes et al., 2005; Das et al., 2010; Garcia-Manyes
and Sanz, 2010) The breakthrough force is a parameter
representing the mechanical stability to vertical compressive
loads. After reaching the maximum force setpoint, the tip
reverses the motion and retracts from surface allowing to
measure the force necessary to detach from surface and close
the hole in phospholipid bilayer (red curve in Figure 1B).

FIGURE 1 | The analysis of supported phospholipid bilayers. (A)
Working principle of algorithm to identify automatically the contact point on
first layer by decomposition of force curve (FC) with X-Y histograms. (B)
Typical force curve (approaching and retracting) acquired on
phospholipid bilayer highlighting important positions.
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The first layer topography map is obtained from difference
between contact point and substrate, so that thickness map (from
h parameter) is equivalent to standard morphology. The contact
part of force curve between contact point and Fbreak is then used
for mechanical analysis. Considering the typical probe radius can
be approximated by sphere which radius is larger than
indentation length (usually 2 nm for our system), we consider
standard Hertz model with the correction for finite thickness to
describe a system composed by a thin elastic layer supported on
solid substrate (Garcia-Manyes and Sanz, 2010; Garcia-Manyes
et al., 2005; Das et al., 2010). For the elastic contribution, we
implement the theoretical model represented in second term of
Eq 1: (Dimitriadis et al., 2002; Stetter et al., 2016)

F � 4
3

E
��
R

√
(1 − ]2)δ

3/2[1 + 1.133χS + 1.283χ2S + 0.769χ3S

+ 0.0975χ4S]; χS �
���
Rδ

√
h

(1)

Where F is the applied force, δ the indentation, ν the Poisson’s
ratio, E the effective Young’s Modulus of the lipid bilayer, and R
the radius of the spherical probe and the adimensional parameter
χS �

����
Rδ/h

√
. Poisson ratio for lipid bilayers is close to 0.5, with

relative deviations about 3%. (Terzi et al., 2019) For a single
measurement, the error σ associated with the mean thickness,
Fbreak or Young’s modulus of the membrane is calculated taking
into account the propagated uncertainty in calibration procedure
and the width of histogram distribution correspondent to a single
measurement. We highlight that quantification of mechanical
parameters is difficult or hardly reproducible, because the
geometry of apex of sharp probe is unknown or irregular,
moreover the choice of probe geometry and correspondent
model is causing largest differences in the interpretation of the
data. (Eid et al., 2021) Here we simplify using a probe with apex
approximated as a sphere with nominal radius R � 10 nm,
moreover we managed to use the very same probe for all
experiments and performing comparisons relative to control
specimen. Between different experiments AFM probe was
cleaned by gentle flux of ethanol.

FEM Simulations
A 2D-axisymmetric numerical model was developed to study
indentation on a supported phospholipid bilayer with a
spherical indenter, mimicking AFM experiments as closely as
possible. The total size of bilayer was 1 um in lateral dimension
(radius) and 5 nm layer supported on 500 nm thick mica (can be
considered as thin slab supported on semi-infinite substrate).
The radius of the spherical indenter was set as in AFM
experiments, R � 10 nm. During deformation, the left
boundary, representing the symmetry axis, was allowed to
move only vertically, while the bottom boundary was
constrained to move horizontally. The right and top
boundaries were not constrained, except when indenter is
contacting the top objects (surface or inclusions): the contact
area was restricted to follow the indenter contour ensuring hard
contact between the indenter and the sample. Material
properties for substrate (mica), and indenter (silicon) are

required as input parameters in the modeling and set as
Esubstrate � 3.3 GPa, ]substrate � 0.34, ESi � 160 GPa, ]Si � 0.22.
These hard materials have Young’s moduli several orders of
magnitude larger (GPa range) than phospholipid bilayers
(usually in the MPa range (Jacquot et al., 2014; Stetter et al.,
2016)) in this study, showing negligible deformations. Young’s
moduli of phospholipid bilayer were directly measured by AFM
indentation experiments. A methodological study, comparing
AFM indentation and FEMmodel was recently published by our
group (Tang et al., 2018; Tang et al., 2019).

Stress and deformation fields (example is reproduced in
Supplementary Figure SI2) produced by indenter
approaching vertically are directly converted in Force (nN) vs.
Indentation (nm) to be compared with AFM approaching force
curves.

An array of simulation was generally built variating a single
unknown quantity around the most probable value guessed from
AFM morphology and mechanical analysis (Thickness and
corrected Young’s Modulus). FEM model can be designed
tuning the slip/friction at the interface between thin layer and
substrate: 2 extreme conditions are represented by perfect bound
(zero slip) and perfect loose (free slip). Although the deformation
pattern at the interface at zero and free slip can be qualitatively
similar, only quantitative analysis through AFM comparison can
distinguish the proper behavior at the interface.

RESULTS AND DISCUSSION

The Issues in AFM-combined Fluorescence
Correlative Microscopy
The commonly integrated fluorescence microscopy, especially the
confocal laser scanning microscopy (CLSM), raises the concern of
photochemistry effects induced by tightly focused laser beam,
particularly in the presence of dye molecules. Whether these
photochemical effects can affect the mechanical properties
becomes critical, but difficult to detect. Figure 2 represents the
schematic of experimental setup used in current study, to perform
laser fluorescent microscopy co-localized with atomic force
microscopy. Before all the experiments, laser alignment on
AFM probes was achieved as explained in Materials and
Methods. We ensured that intrinsic noise during force
spectroscopy was not modified during laser application.

When exposed in dry air, a progressive bending of the probe
was observed presumably due to local heating induced by
intensely focused green laser. However, such effect became
negligible when the probe was immersed in water with
temperature controlled at 30 °C. Also, we noticed that global
thermal output remains constant even after 1 h of green (or blue)
laser irradiation, showing that excitation laser is not influencing
(with 0.1°C resolution) the global temperature of cell dish
containing 2 ml PBS.

Standard laser confocal scanning microscopy setup was then
adopted where laser spot was focused on surface through
microscopy objective, so that local power density of laser was
enhanced. In Supplementary Figure SI1 we show the schematic
of laser focused application, along with calculation of laser power
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density. All experiments involving green laser excitation were
maintained at the same output power measured directly on
sample stage as P � 10.1 mW. Laser beam was focused onto
sample surface with a 40X objective lens finally leading to a local
power density around 35.4 mW/μm2 (see Supporting
Information, section: Focusing the laser for more details).

AFM Mechanical Imaging of Phospholipid
Bilayers
DOPC phospholipid bilayers were deposited on mica and AFM
measurements were performed as described in Materials and
Methods. As an example, we showed a typical AFM mechanical
investigation by indenting a mica substrate partially covered by
DOPC bilayers in Figure 3. Between contact point and
breakthrough event, the contact part was fitted using Eq. 1 in
order to retrieve the Young’s modulus value after finite thickness
correction (Dimitriadis et al., 2002). As shown in Figure 3A, the
fitting curve follows the experimental data resulting in a final
modulus of 153 ± 8 MPa. Following the generic mechanical
approach and using simple Hertz model derivation, Young’s
modulus results in 406 ± 7 MPa, largely overestimating the
modulus due to the hard substrate contribution. In addition,
we built an array of FEM simulations (Supplementary Figure
SI2) using same thickness of experimental data (5 nm), different
Young’s moduli values and free to slip boundary conditions (as
expected from fluid-phase DOPC). In Figure 3A the simulated
indentation curves are overlapped to data and Eq. 1 fit showing
that finite thickness correction is a good approximation and
necessary to extract quantitative mechanical properties.

In our experiments, DOPC supported bilayers on mica were
investigated by repeating single force spectroscopy events along a
regular matrix, forming a Force Volume (FV). This approach is
finally leading to property maps and corresponding histograms of

distributed values to improve the statistic reliability. As an
example, in Figure 3B we show the overlay of breakthrough
force map on 3D morphology while highlighting the pixel/force
spectroscopy grid. The values obtained during control test
analysis (shown in Table 1) were in agreement with values
found in literature (Das et al., 2010; Garcia-Manyes and Sanz,
2010; Alessandrini and Facci, 2012).

Our FV measurement approach was compared with
morphology by tapping mode in liquid using photothermal
actuation. While tapping mode morphology in Supplementary
Figure SI3A is qualitatively similar to FV morphology
(Supplementary Figure SI3B), the quantification shows
underestimation of thickness as Δh � 1.4 nm (compare
Supplementary Figures SI3D,SI3E). Tapping mode on soft
layer is exerting an average non-negligible force, causing a
compression not easy to evaluate without force curve
approach. We highlight that such compression can be
exploited in advanced nanomechanical approaches, such as
bimodal AMFM, in order to measure Young’s modulus with
high-resolution, as well to correct the morphology adding
indentation (Al-Rekabi and Contera, 2018; Liu et al., 2020).

Before introducing Nile red as fluorophore, several control
experiments were performed to benchmark selected physical
stimulations. Firstly, the influence of continuous
measurements was investigated by scanning in FV mode for
3 h on an area (70 μm × 70 μm). Comparing the first and last
measurements, no significant differences were detected (see
Table 1). In particular, such experiment shows that the
formation of holes is reversible and the area of layers is large
enough to minimize erosion at the edges. Such reversible
character is clearly shown when vertical forces (for example in
retracting curve of Figure 1B) decrease below the threshold
required to reform the bilayer. Considering that laser
irradiation can have a photothermal effect, we measured the

FIGURE 2 | Schematics of integration of AFM with fluorescence microscopy used to determine nanomechanics of phospholipid bilayers interacting with
fluorophore and focused laser light.
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mechanical properties of DOPC bilayers gradually increasing
temperature of AFM cell up to 41°C. A series of breakthrough
maps of phospholipid after temperature increase are shown in
Supplementary Figure SI4, showing a slight decrease of Fbreak up
to −15%. This is well-documented, as thermal energy decreases
the stability of repulsive steric forces in hydrophobic lipid tails.
Vertical shrinking and decrease of breakthrough forces was
evidenced by Leonenko et al. on phospholipid bilayers
including DOPC at 60°C (Leonenko et al., 2004).

Finally, we investigated the effect of laser power focusing the
beam on phospholipid bilayer area by maintaining a power
density of 35.4 mW/μm2 for 30 min. In Supplementary Figure
SI5, we compared DOPC control sample with the situation after
irradiation, showing only slight decrease of breakthrough forces
at −12%. The numerical data are shown in Table 1. In order to
avoid systematic uncertainty in model and tip radius
determination, we present the final results of all experiments
considering control. It is interesting that effect of laser irradiation
focused below the probe is similar to environmental cell heating,
although no modification of temperature was detected. This

behavior is expected to be enhanced when fluorophores,
excited by laser light, are employed.

Revealing the Influence of Fluorophore and
Laser Irradiation
Nile red fluorophore, which has the excitation and emission
wavelength at 552 and 636 nm respectively, was dispersed in a
solution of DMSO/PBS (1:5) prior injection in AFM liquid cell.
Considering a volume of 2 ml, we obtained a final concentration
of 2.5 μg/ml Nile red and 2.5% solution of DMSO to ensure
dispersion in water. Previous studies suggest that the influence of
DMSO at a concentration of 2.5% is negligible on phospholipid
structure (Hughes et al., 2012; Cheng et al., 2015), moreover we
used the standard procedure employed to stain living cells
(Rumin et al., 2015).

AFM measurements were performed after 20 min
equilibration upon injection of Nile red. Considering the
control DOPC (Figures 4A–C), Figure 4A shows the first
layer thickness analysis obtained from force curves (typical
example in Figure 4C) using the procedure described in
Material and Methods, focusing on bilayer near substrate.
Figure 4B is the morphology obtained by detecting an
interaction probe-sample with force F � 0.3 nN, showing good
overlap with optimized first-layer morphology of Figure 4A.
Quantification through histogram is parallelly reported in
Figures 5A,B. After injection of Nile red, morphology of first
layer is unchanged (Figure 4D) while an increase of thickness is
detected in Figure 4E (searching contact point with a low force as
F � 0.3 nN) and confirmed quantitatively in Figure 4D. The
increase of thickness is relative to oscillations in force curves
before contact with first DOPC layer as shown in Figure 4F. With
low-force sensitivity, AFM probe is able to detect a weakly
bounded overlayer on top of DOPC bilayer. This is suggesting
that Nile red molecules are attracted to DOPC bilayer, showing
not-negligible interaction and forming weakly bounded
aggregates. After injection of Nile red, the force curves on
clean substrate are same as control substrate, showing that
Nile red molecules are not forming stable interactions with
mica surface, as well excluding that surface of probe has
contaminations.

After irradiating for 20 min the area under the probe with
green laser at 35.4 mW/μm2, AFM investigation was performed
in the same region, shown in Figures 4G–I. Interestingly, the
amount of overlayer detected in Figure 4H decreases noticeably
(if compared to Figure 4E), as highlighted in area selected in blue
circles. The quantification shown in Figures 5D,F confirms a
decrease of coverage of overlayer aggregates from 17.2% to 10.9%
peak area. Probably, focusing the laser for several minutes can
cause an increase of the mobility of Nile red molecules, leading to
displacement of weakly bounded surface aggregates. More
dramatic changes are affecting the force curves, evidently
decreasing the breakthrough forces (highlighted with green
circles in Figure 4) as shown in Figure 4I in comparison with
Figures 4C,F.

The nanomechanical analysis is evidencing modifications
related to stability and elasticity. Considering the control

FIGURE 3 | Force spectroscopy and force volume on phospholipid
bilayer. (A) Force vs. Indentation with fitting ofEq. 1 and FEM simulated curves
overlapped. (B) 3D Map representation of 64 × 64 force volume grid by
overlapping breakthrough force color map on morphology. Low ‘h’
thickness (blue color) represents substrate, while higher ‘h’ thickness (red
color) represents the bilayer.
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DOPC, we show the maps for breakthrough force required to
break the DOPC bilayer in Figure 6A, the Young’s Modulus in
Figure 6B and the adhesion force between probe and layer in
Figure 6C. Figure 7 shows the quantification through histogram

relative to Figure 6, while data are presented and compared in
Table 1. For instance, after adding Nile red to the solution, the
adhesion increases noticeably in agreement with the presence of a
weakly bound overlayer that can trap the AFM probe after closing

FIGURE 4 | Results of morphological analysis of DOPC partially covering mica using 64x64 force curves. (A) Thickness map of first layer and substrate, (B) low-
force (F < 0.3 nN) morphology and (C) examples of approaching (Appr) and retracting (Retr) force curves with fit from Eq. 1 on control DOPC bilayer. Inset represents a
zoom near contact point. With the same order of DOPC control (A–C), DOPC after 30 min incubation with 2.5 ug/ml Nile red with DMSO at 2.5% (D–F), and after
irradiating probe region with 35.4 mW/μm2 laser (G–I). Blue circles in panel e and h are representative of an area where overlayer recedes after laser application.
Green ovals in panels C, F, i highlight breakthrough events.

TABLE 1 | Summary of experimental setting parameters and obtained mechanical properties. For each experiment we show the percentual variability of selected conditions
in comparison with control.

Condition Thickness (nm) Breakthrough (nN) Young’s modulus (MPa) Adhesion (pN)

Control 4.67 ± 0.53 7.13 ± 0.73 157 ± 22 74 ± 11
Time 3 h 4.48 ± 0.65 7.28 ± 0.98 152 ± 34 47 ± 5

−4% 2% −3% -36%
Control 4.62 ± 0.46 8.67 ± 1.12 169 ± 27 89 ± 11
T � 41°C 4.41 ± 0.34 7.53 ± 0.69 153 ± 22 101 ± 19

−4% −15% −10% 11%
Control 4.85 ± 0.63 7.68 ± 0.64 149 ± 30 30 ± 5
Laser green 4.72 ± 0.54 6.89 ± 0.48 144 ± 31 31 ± 6

−3% −12% −3% 3%
Control 4.44 ± 0.47 7.43 ± 0.66 161 ± 43 80 ± 21
NR 2.5 μg/ml 4.39 ± 0.65 7.97 ± 0.75 157 ± 51 474 ± 189
Laser green 4.20 ± 0.66 4.49 ± 0.56 111 ± 36 428 ± 145

−1% | −6% 7% | −40% −3% | −31% 492% | 435%
Hybrid DOPC+NR 4.64 ± 1.21/10.1 ± 1.2 9.25 ± 0.62 219 ± 34 112 ± 45
Laser green 5.07 ± 1.14/9.44 ± 1.04 7.43 ± 1.17 122 ± 27 97 ± 47

9% | −6% −20% −44% −13%
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the layer during the retract phase (see adhesion map Figures 6F,I
compared with control Figure 6C). Also in agreement with idea
of weakly bounded overlayer of Nile red, the breakthrough force
threshold slightly increases, in fact, similar to multilayer
structures, more force is required to displace laterally the
overlayer before final breakthrough event (Relat-Goberna
et al., 2017).

After 30 min laser irradiation, the effect on layer mechanics is
very noticeable, exhibiting a decrease of force required to
breakthrough (−40%, Figures 6G, 7A,G decrease of Young’s
modulus (−31%, Figures 6H, 7H). The synergic effect of
fluorophore and laser may be an indication of laser energy
absorption by Nile red, subsequent relaxation (part of incident
energy dissipated non-radiatively) and final decrease of ordering/
stability reflected by mechanics of DOPC phospholipid layer.

The experiments of DOPC bilayer interacting with Nile red
and green laser were repeated, maintaining the same conditions
but changing AFM probe. In this case, the value of radius may

have large errors leading to different absolute values in
breakthrough force and Young’s modulus.

Particularly, the experiment was performed 3 times showing
the same behavior. While morphological analysis shows
negligible modifications, breakthrough force has slight increase
after adding Nile red and noticeable decrease after laser
application. An overlayer is visualized from force curves after
staining, while disappearing after laser application. The two
additional independent experiments using different probes are
in supporting information respectively in Supplementary
Figures SI6, SI7, while data are collected in Supplementary
Table SI1.

Increasing Concentration of Nile Red
To further explore the combined effect of amphiphilic
fluorophore Nile red and laser on DOPC bilayer, we produced
a hybrid structure bymixing 10 mg/ml DOPCwith 2.5 μg/ml Nile
red in chloroform before dispersing in water. While in previous

FIGURE 5 |Quantification with histograms andGaussian fit relative tomorphological analysis. (A) Thickness histogram of first layer and substrate, (B) low-force (F <
0.3 nN) morphology histogram for control DOPC. Same order of histogram of DOPC after 30 min incubation with 2.5ug/ml Nile red with DMSO at 2.5% (C,D), and after
irradiating probe region with 35.4 mW/μm2 laser (E,F). Gaussian fitting and average are depicted for first (red color) and additional layers (blue color), while percentages
are indicative of area coverage (events falling in under the fit curve). Counts of vertical axis are normalized on total number of traces (4096).
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experiments we experience interaction of Nile red at the most
exterior phospholipid leaflet, the objective is to produce a hybrid
system including Nile red homogeneously in both leaflets. After
chloroform evaporation and rehydration in PBS, hybrid
liposomes in solution are red indicating Nile red is
incorporated in apolar lipidic environment. Nile red is blue/
purple in a polar environment such as water and quickly
aggregating. Compared with previous experiments where same
concentration of Nile red is dispersed in PBS, we expect the
effective quantity of Nile red within the hybrid system is higher.

After deposition on mica, AFM morphology shows DOPC +
Nile red hybrids formed irregular, fragmented layers (oppositely
to pure DOPC) and double bilayers were often encountered, as
shown in Supplementary Figure SI8. In average, the
breakthrough force is higher than pure DOPC single layer, as
expected from multilayer systems showing the layer near the
substrate exhibiting higher stability (see Supplementary Figure
SI8B for map and Supplementary Figure SI8C examples of force
curves on single or double bilayer). After several measurements,
we have evidenced that double bilayer of hybrid structure is the
most stable. It may be possible that Nile Red molecules added

before micellization in water can favor the formation and
stabilization of multilayer structures.

Laser is causing large delamination of layers and
reorganization of material. The hybrid structure is becoming
very movable, while the probe is probably influencing the
displacement of layers by lateral drags. Supplementary
Figures SI9D,SI9E show the layers broken and certain
amorphous accumulation near the scan area border (evidenced
by red circles). By comparing the quantification through
histograms in Supplementary Figure SI9, the second bilayer
almost disappears and the first greatly reduces in dimensions. The
breakthrough force and Young’s modulus decrease about −20%
and −44%, respectively in comparison with control. When mixed
before micellization in water, we speculate a stronger interaction
between hydrophobic Nile red and core of lipid tails.

DOPC Interacting with Other Dyes
The investigation of model membrane interacting with different
dyes and lasers is important to understand howmuch the synergy
between dye excitation and mechanical modifications can be
generalized.

FIGURE 6 |Results of mechanical analysis of DOPC partially covering mica using force curves. (A) Breakthrough force map of first layer, (B) Young’s Modulus map
and (C) adhesion map on control DOPC bilayer. With the same order of DOPC control (A–C), DOPC after 30 min incubation with 2.5 ug/ml Nile red with DMSO at 2.5%
(D–F)), and after irradiating probe region with 35.4 mW/μm2 green laser (G–I).
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For example, we performed AFM nanomechanical
experiments on DOPC membrane interacting with
different dyes and lasers. If not stated otherwise we
always use the experimental conditions described in
Material and Methods.

First, we used CytoTracker deep red, a staining agent, to
visualize cytosol for the purpose of tracking cells’ movements.
This dye is more hydrophilic than Nile Red; not specific for cell
membrane, but membrane permeable. Therefore, in a model
system such as supported bilayer with staining solution always
in contact, a certain interaction was expected. Using operative
concentration of 2.5 μg/ml no modification was evidenced. Only
increasing concentration 10 times (25 μg/ml) a decrease of
breakthrough force was showed similarly to Nile red. The
corresponding results are shown in Supplementary Table S2;
Supplementary Figure SI10.

Secondly, we used HOECHST, a common staining agent for
DNA molecules in order to visualize nucleus in confocal
measurements. The dye is amphiphilic, not specific for cell
membrane but permeable. Here, using operative staining
concentration of 2.5 μg/ml we noticed a large deposit forming
on top of DOPC layer causing difficulties in AFM measurement.
The thickness doubled the breakthrough force, while the

adhesion force increased 100 times, evidencing a complex of
DOPC/dye molecules strongly attracting AFM probe. The laser
application (same power as in main text but blue color) was
dramatic, removing all material from surface within 1 min. The
corresponding results are shown in Supplementary Table S2;
Supplementary Figure SI1, in particular we show adhesion
signal as the most significant.

Hydrophilic molecules require higher concentration to modify
the membrane, while we speculate that they can have more
influence on their target (proteins in cytosol). Amphiphilic
molecules such as HOECHST can have more effect on
membrane (especially after long time of continuous
interaction). For this reason, standard protocols for
HOECHST staining are requiring to remove excess of dye by
washing after short time (15 min).

Finally, we highlight that the effects we observed here are
dependent on the nature of the system. While a general
photooxidation is expected when using focused laser, the
intensity of mechanical modifications depends on the
interaction between dye molecules and biological target,
therefore additional investigations using confocal AFM
mechanics could help in determining which system should be
treated with more care.

FIGURE 7 | Quantification with histograms and Gaussian fit relative to mechanical analysis. (A) Breakthrough force histogram of first layer, (B) Young’s Modulus
histogram and (C) adhesion histogram on control DOPC bilayer. With the same order of DOPC control (A–C), DOPC after 30 min incubation with 2.5ug/ml Nile red with
DMSO at 2.5% (D–F)), and after irradiating probe region with 35.4 mW/μm2 green laser (G–I). Gaussian fitting and average are depicted for first and additional layers,
while percentages are indicative of area coverage (events falling in under the fit curve). The peaks around zero breakthrough force in (A,D,G) reflect the fact that
some parts of the mica surface were not covered by DOPC bilayer. Counts of vertical axis are normalized on total number of traces (4096).
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DISCUSSION

Fluorescence microscopy, especially the laser confocal scan
microscopy, raises the concern of biologically relevant
modifications induced by irradiated laser, particularly in the
presence of dye molecules. Whether these effects can affect the
mechanical properties becomes critical for membrane integrity
during live measurements. Hidden events in standard
fluorescence microscopy can be detected by implementing
optomechanical correlative microscopy analysis. Firstly, by
controlling the applied force during analysis, we detected Nile
red fluorophores forming weakly bounded composite structures
on top of phospholipid layer near substrate. Weakly bounded
layer is visible in force oscillation in Figure 4F as well increase of
adhesion force during retracting. These oscillations are also
detected by AFM force spectroscopy when weakly bounded
molecular electrolytes are attracted to solid surface electrode
(Sakai et al., 2015; Cui et al., 2016; Griffin et al., 2016). In this
framework, phospholipid mixtures were investigated using
rhodamine-based phospholipid as fluorescent probe to
visualized raft structures (Ayuyan and Cohen, 2006).
Excitation of fluorophore induced photooxidation of DOPC in
a three component lipid mixture, evidenced by the formation of
large raft-like structures. While a substantial amount of DOPC
may be converted in lipid peroxides easily visible by fluorescence
microscopy, mechanical properties were never investigated.
Nanomechanics by AFM was used in this work to unveil
modification not easily detected during fluorescence
microscopy. In fact, we revealed that the degradation of
mechanical properties of model phospholipid membranes is
driven by synergic presence of bounded fluorophores and
focused laser irradiation. Similar to modification induced by
temperature rise (Leonenko et al., 2004; Garcia-Manyes et al.,
2005), we expect laser energy transfer between fluorophores and
biomembranes is at the base of this modification. Instead, it was
evidenced that fluorescence intensity is decreasing dependent
with temperature increase for DOPC and Nile red system (Halder
et al., 2018). Such effect was explained as temperature related
increase of flexibility and consequent water penetration, leading
to partial Nile red quenching. Beside quenching, we expect the
modification of mechanical properties induced by combined
action of laser and fluorophore will lead to additional
deterioration of fluorescence performance. Conversely, the
possibility to tailor fluorescence and photothermal relaxations
for near-infrared fluorophores was recently explored by Gao et al.
(Gao et al., 2019) In particular, fluorescence imaging can enhance
intraoperative guidance, at the same time allowing photothermal
ablation therapy for cancer lesions. In confocal experiments, the
signal/noise ratio can be improved by increasing the quantity of
staining agent or laser light intensity.While this strategy is proven
effective, photo quenching is often encountered, moreover, we
now highlight how the structural equilibrium of phospholipids
can break upon irradiation if relative quantity of fluorophore is
high. As shown in the hybrid system, photothermal energy
conversion may be responsible for degradation of mechanical
properties and increased mobility stressed by relatively higher
quantity of accumulated Nile red. Similar behavior (increased

mobility and fluidity, displacement of layers during
measurements) are observed when using cationic surfactants
strongly interacting with lipid tails (Lima et al., 2013;
Redondo-Morata et al., 2014).

CONCLUSION

This work highlights the analytical power provided by AFM to
obtain subtle yet important information, which are otherwise
hard to detect, in correlative microscopy as well as the necessity in
taking photothermal effects into account when using
fluorophores in examining the behavior of cell membranes.
Indeed, a synergistic effect of focused laser and Nile red
fluorophore interacting with DOPC model membrane was
detected by AFM nanomechanics, showing remarkable
decrease of stability and elasticity of supported bilayers. This
effect is comparable to that caused by elevated temperature,
suggesting the critical role of local heat transfer (within the
membrane) induced by excitation/relaxation of Nile red
fluorophores in this process. The equilibrium between
radiative (fluorescence) and non-radiative (lattice vibrations)
relaxations is worth investigating in order to evaluate the
extent of prospective applications when using multi-modal
nanoparticles able to switch fluorophore and photothermal
characteristics. Our results are accompanied by a robust and
reliable methodology to implement correlative AFM mechanics
and optical microscopy, as well a routine of custom data analysis.
While we investigate phospholipid bilayers influenced by excited
Nile red, the scope of application of this methodology can be
extended to other biosystems where synergic action of
fluorophore and laser may play important role in
nanomechanical modifications.
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The dynamics and deformation of red blood cells (RBCs) in microcirculation affect the

flow resistance and transport properties of whole blood. One of the key properties that

can alter RBC dynamics in flow is the contrast λ (or ratio) of viscosities between RBC

cytosol and blood plasma. Here, we study the dependence of RBC shape and dynamics

on the viscosity contrast in tube flow, using mesoscopic hydrodynamics simulations.

State diagrams of different RBC dynamical states, including tumbling cells, parachutes,

and tank-treading slippers, are constructed for various viscosity contrasts and wide

ranges of flow rates and tube diameters (or RBC confinements). Despite similarities

in the classification of RBC behavior for different viscosity contrasts, there are notable

differences in the corresponding state diagrams. In particular, the region of parachutes

is significantly larger for λ = 1 in comparison to λ = 5. Furthermore, the viscosity

contrast strongly affects the tumbling-to-slipper transition, thus modifying the regions

of occurrence of these states as a function of flow rate and RBC confinement. Also,

an increase in cytosol viscosity leads to a reduction in membrane tension induced by

flow stresses. Physical mechanisms that determine these differences in RBC dynamical

states as a function of λ are discussed.

Keywords: red blood cell, channel flow, cell shape, cell dynamics, cell deformation, mesoscopic simulation

1. INTRODUCTION

Microvascular blood flow is essential for the homeostasis of organism tissues, as it transports
nutrients and waste products and mediates various physiological processes. This research field
has received enormous attention directed at understanding complex microvascular transport and
regulation [1–5]. Blood is a liquid tissue whose major cellular component is erythrocytes or red
blood cells (RBCs) which constitute about 45% of blood volume. A healthy RBC has a biconcave
shape with a diameter of 6–8 µm and thickness of 2 µm [6]. The RBC membrane consists of a
lipid bilayer and spectrin network (cytoskeleton) attached to the inside of the bilayer [7]. These
structures supply cell deformability and durability, as RBCs have to frequently pass capillaries with
a diameter comparable to the RBC size. The ability of RBCs to deform is vital for microvascular
perfusion, as an increased membrane rigidity is generally associated with pathological conditions
[8, 9] such as sickle-cell anemia [10] and malaria [11, 12].

One of the important steps toward understanding microvascular blood flow is a detailed
description of RBC behavior in microcapillaries. Early experiments [13–15] have shown that
RBCs passing through small vessels either deform into cup-like parachute shapes at the vessel
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center or assume elongated slipper shapes at an off-center
position. A number of more recent microfluidic experiments
[16–20] have systematically studied and confirmed these
observations and suggested a connection between RBC elasticity
and its shape in flow. From the physics point of view, it is
interesting to understand how such shapes develop and which
cell and flow properties determine their stability. First simple
axisymmetric models of RBCs flowing in microvessels [21] have
demonstrated the ability of RBCs to attain parachute and bullet-
like (in very narrow vessels) shapes due to the stresses exerted
by fluid flow. Two dimensional (2D) simulations of fluid vesicles
mimicking RBCs have shown that cell behavior in microcapillary
flow is quite complex [22–27]. In addition to the parachute
and slipper shapes, snaking dynamics (a periodic cell swinging
around the tube center) at low flow rates and a region of co-
existing parachutes and slippers at high flow rates were reported
[24, 25]. These 2D simulations have also demonstrated that
the transition between parachute and slipper shapes can be
triggered by changes in flow rate or RBC membrane elasticity.
This transition can be characterized by the distance between
the cell’s center-of-mass and the channel center, which has been
shown to have a similar behavior as a pitchfork bifurcation [23].
Nevertheless, it is still not fully clear why the parachute-to-slipper
transition takes place.

Three dimensional (3D) simulations of RBCs flowing in
microchannels [28–34] have confirmed the existence of stable
slippers in 3D. Despite some similarities between the results
obtained from 2D and 3D simulations, RBC dynamics in
microchannels is inherently three dimensional, so that the results
from 2D simulations are at most qualitative. For instance, 3D
simulations have shown the existence of a dynamic state of
RBC tumbling at a radial position away from the tube center
[29, 34]. In fact, the transition from tumbling to slipper state with
increasing flow rate is reminiscent of the well-known tumbling-
to-tank-treading transition of RBCs in simple shear flow [35–38].
Furthermore, recent experiments on RBCs in flow within square
microchannels have found a tumbling trilobe state at large flow
rates and low confinements [34]. Such trilobe dynamics has so
far only been reproduced in simulations of RBCs in simple shear
flow, and occurs at large shear rates and for large enough viscosity
contrasts λ defined as the ratio between viscosities of RBC cytosol
and suspending medium [39, 40], with λ & 3.5.

Most of the current simulation studies assume for simplicity
the viscosity contrast of unity, even though the average
physiological value of λ is about five [41, 42]. The viscosity
contrast is an important parameter that significantly affects RBC
behavior in simple shear flow [39, 40, 43–45]. However, it remains
unclear whether the viscosity contrast is equally important for
RBC dynamics in microcapillary flow. Therefore, we focus on
the effect of λ on RBC dynamical states in tube flow. Several
state diagrams of RBC dynamics, including snaking, tumbling,
tank-treading slipper, and parachute, are presented for different
viscosity contrasts, tube diameters, and flow rates. Even though
the dynamical states are similar for λ = 1 and λ = 5, there are
differences in flow conditions at which they appear. In particular,
the region of tumbling dynamics for λ = 5 expands toward
larger flow rates in comparison to λ = 1, since an increased

dissipation inside the cell suppresses membrane tank-treading in
favor of tumbling motion. Furthermore, the region of parachute
shapes is larger for λ = 1 than that for λ = 5. A larger viscosity
inside the RBC also leads to a decrease in membrane tension for
the same flow conditions. Physical mechanisms that determine
these differences in dynamical state diagrams for various viscosity
contrasts are discussed.

2. MODELS AND METHODS

2.1. Red Blood Cell Model
A RBC is modeled as a triangulated surface with Nv = 3, 000
vertices, Ne edges, and Nf triangular faces [28, 46–48]. The total
potential energy of the system is given by

V = Vin−plane + Vbend + Varea + Vvol. (1)

The term Vin−plane represents an in-plane elastic
energy as [47, 48]

Vin−plane =
Ne
∑

i=1

kBTℓm
(

3x2i − 2x3i
)

4p (1− xi)
+

Ne
∑

i=1

kp

ℓi
, (2)

where the first term is an attractive worm-like chain potential and
the second term is a repulsive potential with a strength coefficient
kp. In the attractive potential, p is the persistence length, ℓi is
the extension of edge i, ℓm is the maximum edge extension,
and xi = ℓi/ℓm.

The second term in Equation (1) corresponds to bending
resistance of the membrane,

Vbend =
Ne
∑

i=1

κb
(

1− cos(θi − θ0)
)

, (3)

where κb is the bending coefficient, θ is the angle between
two neighboring faces, and θ0 is the spontaneous angle.
Equation (3) is a basic discretization of the Helfrich bending
energy [49], which is acceptable for RBCs as their dynamics and
deformation are primarily governed by shear-elastic properties.
Other discretizations of the Helfrich energy are also available
[50, 51].

The last two terms in Equations (1), Varea, and Vvol, represent
surface area and volume constraints given by

Varea =
ka (A− A0)

2

2A0
+

Nf
∑

i=1

kd
(

Ai − A0
i

)2

2A0
i

, (4)

Vvol =
kv (V − V0)

2

2V0
,

where ka, kd, and kv are local area, total surface area and volume
constraint coefficients, respectively. A0

i , A0, and V0 are local area
of individual faces, total surface area and total volume of the RBC,
respectively. Note that the membrane viscosity is omitted in the
employed RBC model for simplicity.

Frontiers in Physics | www.frontiersin.org 2 May 2021 | Volume 9 | Article 66691355

https://www.frontiersin.org/journals/physics
https://www.frontiersin.org
https://www.frontiersin.org/journals/physics#articles


Dasanna et al. Motion of Erythrocytes in Microcapillaries

2.2. Modeling Hydrodynamic Flow
Fluid flow is modeled by the smoothed dissipative particle
dynamics (SDPD) method which is a Lagrangian discretization
of the Navier-Stokes equations [52, 53]. The SDPD fluid consists
of N fluid particles which interact through conservative (C),
translational dissipative (D), rotational dissipative (R), and
random forces (∼). The forces between particles i and j are
given by,

FCij =
(

pi

ρ2
i

+
pj

ρ2
j

)

Fijrij, (5)

FDij = −γij
(

vij +
(

vij · eij
)

eij
)

, (6)

FRij = −γij
rij

2
× (ωi + ωj), (7)

F̃ij = σij

(

dW
S
ij +

1

3
tr[dWij]1

)

·
eij

dt
, (8)

where ri, vi, and ωi are the particle position, velocity, and angular
velocity, and rij = ri − rj, vij = vi − vj, and eij = rij/|rij|.
ρi =

∑

j[i]mjWij is the particle density, where the sum runs
over the particle i and its neighbors within a smoothing length
(or cutoff radius) h, mi is the particle mass, and Wij = W(rij) is
the smoothing kernel represented by the Lucy function [54]

W(r) =
105

16πh3

(

1+ 3
r

h

) (

1−
r

h

)3
. (9)

The function Fij is calculated from Wij as ∇iWij = −rijFij.
The particle pressure pi is defined as pi = p0(ρi/ρ0)α − b,
where ρ0 is the reference density and the parameters p0, α, and
b control fluid compressibility, and can be freely selected [55].
tr[dWij] is the trace of matrix of independent Wiener increments

dWij and dW
S
ij is the traceless symmetric part. The dissipative

γij = 20ηFij/(7ρiρj) and random σij force coefficients are related

as σij = 2
√

kBTγij where η is the dynamic viscosity, kB is the
Boltzmann constant, and T is temperature. dt is the time step.

The solvent inside the RBC (cytosol) is separated from outside
fluid (plasma) by the membrane. The number density of fluid
particles is set to n = 12 (per unit volume in model units)
for both cytosol and plasma, providing a good resolution for
fluid flow inside and outside the RBC. The reference density
is set to ρ0 = mn with m = 1. Solid walls are modeled by
frozen SDPD particles. Fluid-membrane interactions have two
contributions: (i) fluid particles bounce back from the membrane
surface and (ii) the dissipative force coefficient between fluid
particles andmembrane vertices is set such that no-slip boundary
conditions are attained. Note that the conservative force for fluid-
membrane interactions is turned off. Fluid particles are also
reflected back at the solid wall. In addition, an adaptive shear
force is added to fluid particles near the wall to ensure no-slip
boundary conditions [56].

2.3. Simulation Setup and Parameters
Poiseuille flow with a single RBC suspended in a viscous fluid
inside a cylindrical tube of length L = 50 µm is simulated.
The tube axis is aligned with the flow direction along the x axis.

Diameter of the tube D = 2R determines RBC confinement as
χ = Dr/D, where Dr =

√
A0/π is the effective RBC diameter.

To generate flow, a force f is applied on every solvent particle,
representing a pressure gradient 1P/L = f · n with the pressure
drop 1P along the tube length.

In simulations, cell properties correspond to average
characteristics of a healthy RBC with a membrane area
A0 = 133 µm2, cell volume V0 = 93 µm3, shear modulus
µ = 4.8 µN/m, and bending rigidity κ = 70 kBT = 3 × 10−19 J
[6, 57–59]. This leads to Dr = 6.5 µm (Dr = 6.5 in model units)
and a RBC reduced volume of V∗ = 6V0/

(

πD3
r

)

≈ 0.64. Note
that the stress-free shape of a RBC elastic network (Equation
2) is assumed to be an oblate spheroid with a reduced volume
of 0.96. The biconcave shape of a RBC with V∗ = 0.64 is
obtained by deflating the stress-free spheroid with a reduced
volume of 0.96. Furthermore, the energy unit kBT is selected to
be kBT = 0.2 in simulations, corresponding to a physiological
temperature of 37◦ C.

To characterize different flow conditions, several non-
dimensional parameters are employed

(i) Reynolds number Re = ρ ¯̇γD2
r/η is the ratio of inertial and

viscous forces, where ρ is the mass density, ¯̇γ = v̄/D =
Dfn/(32η) is the average (or pseudo) shear rate, and η is the
external fluid viscosity. In all simulations, Re ≤ 0.3.

(ii) λ = ηi/ηo is the viscosity contrast between internal (cytosol)
and external (plasma) fluids. The average value of λ under
physiological conditions is λ = 5 [41, 42].

(iii) γ̇ ∗ = ¯̇γ · τ is the dimensionless shear rate that characterizes
flow strength. τ is the RBC relaxation time given
by τ = ηDr/µ.

To keep Reynolds number low enough (i.e., Re ≤ 0.3), in most
simulations γ̇ ∗ is controlled by varying η instead of changing the
flow rate for a fixed viscosity.

2.4. Dynamical Characteristics and
Membrane Tension
To analyze dynamical properties of a flowing RBC, the
gyration tensor

Tij =
1

N

N
∑

n=1

(

rn,i − rc,i
)

·
(

rn,j − rc,j
)

(10)

is employed, where i and j denote x, y, or z, rn is the position of
membrane vertex n, and rc is the center of mass of the RBC. Then,
the eigenvalues ξi of the gyration tensor Tij characterize RBC
deformation. The eigenvector that corresponds to the smallest
eigenvalue is used to define the orientational axis of the cell.
Orientation angle θ1 of the RBC is defined as the angle between
its orientational axis and the flow direction. The eigenvalues are
also used to compute cell asphericity O, which characterizes its
deviation from a spherical shape

O =
[

(ξ1 − ξ2)
2 + (ξ2 − ξ3)

2 + (ξ3 − ξ1)
2] /

(

2R4g

)

, (11)

where R2g = ξ1 + ξ2 + ξ3.
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To calculate local membrane tensionGi at vertex i, virial stress
is used as

Gi = −
1

2ai

∑

j(i)

ri,j · Fi,j, (12)

where ai is the vertex area computed as one third of a sum of
all face areas adjacent to vertex i, j(i) represents all neighboring
vertices connected to i by an edge, and ri,j and Fi,j are position
and force vectors at the edge (i, j), respectively. Note that the in-
plane elastic energy, bending potential, surface area, and volume
constraints can contribute to the membrane tension. The kinetic
energy contribution to tension is omitted, as it is very small under
a significant membrane stretching in flow.

3. RESULTS

In microcapillary flow, RBCs are known to exhibit different
dynamical states, including snaking, tumbling, tank-treading,
and parachute [15, 17, 20, 24, 25, 29, 34]. Snaking is characterized
by a periodic swinging in RBC orientation around the tube axis
[24, 25, 29]. Tumbling is an off-axis rigid-body-like rotation,
similar to RBC tumbling in simple shear flow [37, 40, 60]. Tank-
treading is represented by membrane rotation with a nearly
fixed cell orientation, which also occurs in simple shear flow
at low enough λ [37, 40, 61]. The tank-reading state of a
RBC in microcapillary flow is also often referred to as slipper.
Finally, parachute is a stable stomatocyte-like RBC deformation
in the tube center. These dynamical states depend on RBC
mechanical properties (e.g., shear modulus, bending rigidity,
viscosity contrast), cell confinement, and the flow rate. Here,
we primarily focus on how the viscosity contrast affects these
dynamical states for a wide range of RBC confinements and
flow rates.

3.1. Dynamic State Diagram
Figure 1 presents dynamic state diagram for the viscosity
contrast λ = 5 and different χ and γ̇ ∗ values. The representative
snapshots of tumbling, tank-treading, and parachute states are
also displayed (see Supplementary Movies 1–3). The snaking
state exhibits minimal deformation and appears at very low shear
rates γ̇ ∗ . 0.01 for all confinements χ . The tumbling state
occurs for small confinements and moderate shear rates. As
the shear rate increases, a tumbling RBC transits into a tank-
treading state. The critical shear rate, at which the tumbling-to-
tank-treading transition takes place, depends on χ and increases
with increasing confinement. For large enough confinements
and shear rates, the RBC adopts a parachute shape which
exhibits least dynamics out of all observed states. Note that the
classification of different states becomes difficult close to the
transition boundaries, because the RBC may exhibit complex
deformations. Therefore, these boundaries are approximate and
intended to provide a visual guidance.

To understand the effect of viscosity contrast on dynamical
states of the RBC in microcapillary flow, the state diagrams for
λ = 1 and λ = 3 are shown for comparison in Figure 2.
As the viscosity contrast is decreased from λ = 5 to λ = 1,

the parachute region widens toward smaller confinement values.
This is a surprising result considering the fact that an increase
in viscosity contrast suppresses tank-treading in simple shear
flow [39, 40], which will be discussed later. The tumbling-to-
tank-treading transition shifts toward larger shear rates as the
viscosity contrast is increased from λ = 1 to λ = 5. This
result is consistent with our expectations that an increase in
internal viscosity leads to increased fluid stresses inside the RBC,
suppressing membrane tank-treading. A similar observation has
also been made in the context of adhered malaria-infected RBCs
(iRBCs) under flow, such that an increase in viscosity contrast
suppresses iRBC crawling at the surface and results in iRBC
flipping or its complete detachment [62]. Note that the snaking
state remains nearly unchanged by the viscosity contrast.

3.2. Dynamical Characteristics
To examine differences in dynamical characteristics of RBCs
with a change in viscosity contrast, multiple dynamical measures
which uniquely characterize each state are computed. Figure 3
presents time evolution of the orientation angle θ1 and
asphericity O for two different flow conditions (χ = 0.35 &
γ̇ ∗ = 0.076; χ = 0.44 & γ̇ ∗ = 0.1) and viscosity contrasts
λ = 1 and λ = 5. For the case with χ = 0.35 and γ̇ ∗ = 0.076
in Figures 3A,B, the RBC tank-treads for λ = 1, whereas it
tumbles for λ = 5. In an idealized tank-treading state with
only membrane rotation and without cell deformation, both θ1
and O should remain constant. However, a moderate periodic
deformation and oscillatory orientation swinging is observed in
Figure 3A for λ = 1. For the tumbling state in Figure 3B with
λ = 5, membrane deformation is significantly reduced, and the
orientation angle spans a much wider range, indicating whole-
cell flipping. For the case with χ = 0.44 and γ̇ ∗ = 0.1 in
Figures 3C,D, λ = 1 results in a parachute state with nearly
constant θ1 and O, while λ = 5 leads to a tank-treading state
with variations in θ1 and O resembling those in Figure 3A.
Interestingly, the frequency of the variations in θ1 and O for
λ = 5 in Figure 3D is significantly smaller than that for λ = 1
in Figure 3A, even though the shear rate is larger for λ = 5. This
means that an increased internal viscosity slows downmembrane
dynamics in microcapillary flow due to an increased dissipation,
which is consistent with the results of a study on discocyte
(fluid) vesicles for various viscosity contrasts and membrane
viscosities [63].

Another difference in Figures 3A,D for the tank-treading
state is that the amplitude of oscillations in cell orientation angle
is larger for λ = 5 than for λ = 1. Note that, a RBC at large
enough viscosity contrasts (λ & 3.5) in an unbounded shear flow
does not exhibit tank-treading, but shows a rotational dynamics
[40]. In the microchannel, the tank-treading motion of a RBC
for λ = 5 is facilitated by cell confinement [64]. Therefore, the
aforementioned tendency of the RBC at λ = 5 for rotation likely
results in the larger amplitude of oscillations in the orientation
angle in comparison to that for λ = 1.

3.3. Membrane Tension
It is interesting to take a look at the effect of viscosity contrast
on local membrane tension, as it might be important for the
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FIGURE 1 | State diagram for λ = 5 showing different dynamical states of the RBC for various confinement ratios χ and non-dimensional shear rates γ̇ ∗. The states

include snaking (blue stars), tumbling (red diamonds), tank-treading (brown squares), and parachute (green circles). Dashed lines separating regions with different

states are drawn for visual guidance. Representative snapshots for tumbling, tank-treading, and parachute states are also displayed.

FIGURE 2 | State diagrams for viscosity contrasts (A) λ = 1 and (B) λ = 3 with snaking (blue stars), tumbling (red diamonds), tank-treading (brown squares), and

parachute (green circles) states. Dashed lines separating regions with different states are drawn for visual guidance.

activation of mechano-sensitive channels within the membrane
[65, 66]. Figure 4A shows the distribution of local tension G
for a parachute shape normalized by the shear modulus µ.
The local tension G is calculated using Equation (12), where
all contributions from model potentials in Equation (1) are
considered, even though the in-plane elastic-energy term supplies
the maximum contribution to G. The concave part of the
parachute shape has a significantly lower tension than the
convex front of the RBC exposed to strong fluid stresses. The
tension distribution for tumbling and tank-treading RBCs has a
qualitatively similar trend, in which the frontal part of the cell has
larger tension than the back portion. However, for tumbling and
tank-treading states, local tension fluctuates in accord with the

discussed RBC dynamics, while for the parachute state, temporal
tension changes are generally small.

Figure 4B presents tension Ḡ averaged over the RBC surface
as a function of γ̇ ∗ for two different viscosity contrasts λ = 1 and
λ = 5. The average tension increases with the shear rate γ̇ ∗ in an
almost linear fashion for both viscosity contrasts. Interestingly,
λ = 5 generally leads to a lower tension in comparison with λ =
1, which is consistent with a previous numerical investigation
[67] showing that the maximum tension increases with the flow
rate and decreases with increasing viscosity contrast. For λ =
5, there is a jump in tension at approximately γ̇ ∗ ≃ 0.065
that corresponds to the tank-treading-to-parachute transition as
shown in Figure 1. Note that such jump is not present for λ = 1.
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FIGURE 3 | Comparison of time-dependent cell orientation θ1 and asphericity O for (A,C) λ = 1 and (B,D) λ = 5. Two flow conditions are selected, including (A,B)

χ = 0.35 and γ̇ ∗ = 0.076, and (C,D) χ = 0.44 and γ̇ ∗ = 0.1. Both (A,D) represent tank-treading states, whereas (B) corresponds to a tumbling state and (C) to a

parachute state.

FIGURE 4 | Membrane tension. (A) Side and front views of the parachute shape with a local tension G indicated by the color code and normalized by the shear

modulus µ. Here, λ = 5, χ = 0.71, and γ̇ ∗ = 0.076. (B) Average tension Ḡ/µ of the whole RBC as a function of non-dimensional shear rate γ̇ ∗. Here, the

confinement is fixed at χ = 0.53. The data are shown for two different viscosity contrasts λ = 1 and λ = 5. A jump in tension for λ = 5 at γ̇ ∗ ≃ 0.065 corresponds to

the tank-treading-to-parachute transition.

An average tension of about Ḡ = 10−6 N/m (or Ḡ/µ ≈ 0.2) is
comparatively large. For example, in a recent study on sculpting
of lipid vesicles by enclosed active particles [68], complex vesicle
shapes have been observed for floppy vesicles with a tension
of about 10−8 N/m, while a high membrane tension of about
10−5 N/m completely suppresses any vesicle shape changes.
Apart from the average tension, it is also instructive to look at the

maximum tension Gmax = max{Gi} for different χ and γ̇ ∗. As
expected, Gmax increases with increasing shear rate. For λ = 5,
the maximum tension at χ = 0.62 is Gmax/µ = 0.7 for γ̇ ∗ =
0.053 and Gmax/µ = 0.77 for γ̇ ∗ = 0.076 (both are parachute
states). For a given shear rate, an increase in confinement results
in elevation of Gmax, e.g., for γ̇ ∗ = 0.053, Gmax/µ = 0.64 for
χ = 0.35 (tumbling state) and Gmax/µ = 0.7 for χ = 0.62
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(parachute state). These trends are similar for λ = 1. However,
differences in Gmax with respect to the viscosity contrast are
rather small, indicating that external fluid stresses mainly govern
the membrane tension. The magnitudes of maximal tension from
our simulations are consistent with the values reported in [67].

4. DISCUSSION AND CONCLUSIONS

In our study, we have focused on the effect of viscosity contrast
λ on RBC dynamic states in microcapillary flow. State diagrams
with different dynamic states, such as snaking, tumbling, tank-
treading, and parachute, have been constructed for several λ

values and wide ranges of non-dimensional shear rates γ̇ ∗ and
confinements χ . Our central result is that there are significant
changes in the state diagram when the viscosity contrast is
decreased from λ = 5 to λ = 1. In particular, the region
of stable parachutes becomes larger and expands toward lower
confinements with decreasing λ. This result seems to be in
contradiction to the fact that a large viscosity inside the RBC
dampens membrane dynamics and hence, should suppress the
dynamic tank-treading state [39, 40]. To verify the robustness
of our simulation predictions, we have performed simulations
with a consecutive change in the viscosity contrast for several
conditions where parachutes are stable for λ = 1 and tank-
treading is stable for λ = 5. Thus, after reaching a stable
parachute state for λ = 1, the viscosity contrast is instantaneously
switched to λ = 5, leading to the tank-treading state. Then,
switching back to λ = 1 brings the initially tank-treading RBC
to the parachute state. Furthermore, a larger parachute region
for λ = 1 than that for λ = 5 has also been observed in 2D
simulations of vesicles [24, 25].

To reconcile this seeming contradiction, physical mechanisms
that govern the parachute-to-tank-treading transition in tube
flow have to be uncovered. A study based on 2D simulations
of vesicles in an unbounded parabolic flow [23] suggests that
the parachute-to-slipper transition can be described well by a
pitchfork bifurcation and that a slipper shape provides a higher
flow efficiency for 2D RBC-like vesicles. In particular, there is
a lag between the vesicle velocity and the imposed parabolic
flow in the parachute state, which is proposed to trigger this
instability. This lag increases as the parachute conforms less
with the parabolic flow profile for decreasing flow rate or
increasing bending rigidity of the vesicle. Unfortunately, this
argument has not been connected in any way to the viscosity
contrast or internal cell dissipation. From existing experimental
and simulation studies [15, 17, 20, 24, 25, 29, 34], it is clear
that the parachute state requires large enough flow rates, such
that flow stresses in the tube center are sufficient to deform
the RBC into a parachute shape. Therefore, only when a RBC
conforms well enough to the flow profile, the parachute state
is stable. Nevertheless, the change in the parachute-to-slipper
transition for different λ cannot be attributed to differences in
the parachute shape (or conformity with the flow), as we have
not found substantial differences in parachute shapes for different
viscosity contrasts. The insensitivity of the parachute shape to λ

is likely due to the fact that a non-dynamic parachute state of

the RBC depends primarily on its elastic properties, and is nearly
independent of internal dissipation.

Our hypothesis is that membrane dynamics is also important
for parachute stability at the tube center. As the parachute-to-
tank-treading transition is approached, a perturbation (e.g., due
to cell diffusion) in RBC position from the tube center leads to
the asymmetry in fluid-flow stresses which pull the RBC away
from the center and set the membrane into a tank-treading-like
motion. A slight motion of the membrane in the parachute state
is observed in our simulations, as the RBC is never perfectly
symmetric and is often located slightly away from the tube center.
For λ = 1, the membrane can rotate faster than in case of
λ = 5, and therefore, the mismatch between local membrane
motion and fluid flow is smaller, resulting in reduced local fluid
stresses that pull the RBC away from the center. For λ = 5, the
local fluid stresses on the RBC are larger due to slow membrane
tank-treading, leading to the destabilization of parachute shape
at larger confinements in comparison to λ = 1.

Another important difference in the state diagrams for λ =
1 and λ = 5 is that the tumbling-to-tank-treading transition
occurs at larger shear rates for λ = 5 than for λ = 1.
This can be explained by the fact that an increased dissipation
inside the RBC for λ = 5 suppresses tank-treading motion
and delays the transition in terms of γ̇ ∗. In fact, in simple
shear flow, the tank-treading state does not exist for λ = 5
[39, 40]. For microcapillary flow, RBC tank-treading becomes
possible at λ = 5 due to the confinement which can trigger the
tumbling-to-tank-treading transition even when cell dimensions
are smaller than the distance between two walls [64]. For a
large enough vessel diameter, it is plausible to expect that the
tank-treading state should disappear for λ = 5, as local flow
conditions should closely resemble simple shear flow at the scale
of RBC size. For instance, recent microfluidic experiments in
a square channel [34] have reported the existence of rotating
trilobe shapes at low confinements and high flow rates, which
are consistent with RBC shapes in simple shear flow at λ = 5
[39, 40].

Membrane tension must be directly related to mechano-
transduction as the RBC membrane contains many mechano-
sensitive channels [65, 66]. We have shown that an increase
in the viscosity contrast lowers the membrane tension. A
high viscosity of the cytosol provides a large dissipation,
reducing membrane tension. Furthermore, the maximum
tension increases with increasing shear rate γ̇ ∗ and confinement
χ . Several experimental studies show that flow stresses can
change RBC biochemical properties. For instance, when RBCs
pass through small constrictions, they release ATP which can
participate in vasodilation signaling [69, 70]. Furthermore,
a recent investigation [71] reports that when RBCs pass
through small constrictions, the mechano-sensitive channels
(e.g., Piezo1 and Gardos channels) that participate in RBC
volume control become activated. The relevance of membrane
tension has also been demonstrated for malaria disease, such
that an increased RBC membrane tension in the Dantu blood
group significantly reduces the invasion of RBCs by malaria
parasites, which is a protective mechanism from malaria
infection [72].

Frontiers in Physics | www.frontiersin.org 7 May 2021 | Volume 9 | Article 66691360

https://www.frontiersin.org/journals/physics
https://www.frontiersin.org
https://www.frontiersin.org/journals/physics#articles


Dasanna et al. Motion of Erythrocytes in Microcapillaries

DATA AVAILABILITY STATEMENT

The raw data supporting the conclusions of this article will be
made available by the authors, without undue reservation.

AUTHOR CONTRIBUTIONS

AD and JM performed simulations and analyzed the
data. GG and DF designed the research. DF supervised

the project. All authors discussed the results and wrote
the manuscript.

SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found
online at: https://www.frontiersin.org/articles/10.3389/fphy.
2021.666913/full#supplementary-material

REFERENCES

1. Popel AS, Johnson PC. Microcirculation and hemorheology. Annu Rev Fluid

Mech. (2005) 37:43–69. doi: 10.1146/annurev.fluid.37.042604.133933
2. Lipowsky HH. Microvascular rheology and hemodynamics.Microcirculation.

(2005) 12:5–15. doi: 10.1080/10739680590894966
3. Pries AR, Secomb TW. Blood flow in microvascular networks. In: Tuma

RF, Duran WN, Ley K, editors, Handbook of Physiology, The Cardiovascular

System, Microcirculation. San Diego, CA: Academic Press (2008). p. 3–36.
4. Secomb TW. Blood flow in themicrocirculation.Annu Rev FluidMech. (2017)

49:443–61. doi: 10.1146/annurev-fluid-010816-060302
5. Gompper G, Fedosov DA. Modeling microcirculatory blood flow: current

state and future perspectives. WIREs Syst Biol Med. (2016) 8:157–68.
doi: 10.1002/wsbm.1326

6. Evans EA, Skalak R. Mechanics and Thermodynamics of Biomembranes. Boca
Raton, FL: CRC Press, Inc. (1980).

7. Discher DE, Mohandas N, Evans EA. Molecular maps of red cell deformation:
hidden elasticity and in situ connectivity. Science. (1994) 266:1032–5.
doi: 10.1126/science.7973655

8. Diez-Silva M, Dao M, Han J, Lim CT, Suresh S. Shape and biomechanical
characteristics of human red blood cells in health and disease. MRS Bull.

(2010) 35:382–8. doi: 10.1557/mrs2010.571
9. Tomaiuolo G. Biomechanical properties of red blood cells in health

and disease towards microfluidics. Biomicrofluidics. (2014) 8:051501.
doi: 10.1063/1.4895755

10. Kaul DK, Fabry ME, Windisch P, Baez S, Nagel RL. Erythrocytes in
sickle cell anemia are heterogeneous in their rheological and hemodynamic
characteristics. J Clin Invest. (1983) 72:22–31.

11. Cranston HA, Boylan CW, Carroll GL, Sutera SP, Williamson JR, Gluzman
IY, et al. Plasmodium falciparum maturation abolishes physiologic red cell
deformability. Science. (1984) 223:400–3. doi: 10.1126/science.6362007

12. Fedosov DA, Caswell B, Suresh S, Karniadakis GE. Quantifying the
biophysical characteristics of Plasmodium-falciparum-parasitized red blood
cells in microcirculation. Proc Natl Acad Sci USA. (2011) 108:35–9.
doi: 10.1073/pnas.1009492108

13. Skalak R, Branemark PI. Deformation of red blood cells in capillaries. Science.
(1969) 164:717–9. doi: 10.1126/science.164.3880.717
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Effect of F-Actin Organization in
Lamellipodium on Viscoelasticity and
Migration of Huh-7 Cells Under pH
Microenvironments Using AM-FM
Atomic Force Microscopy
Miao Chen1,2,3, Wenpeng Zhu1,2,3*, Zhihua Liang1,2,3, Songyou Yao1,2,3, Xiaoyue Zhang1,2,3*
and Yue Zheng1,2,3

1School of Physics, Sun Yat-sen University, Guangzhou, China, 2State Key Laboratory of Optoelectronic Materials and
Technologies, Sun Yat-sen University, Guangzhou, China, 3Centre for Physical Mechanics and Biophysics, School of Physics,
Sun Yat-sen University, Guangzhou, China

Cytoskeleton is responsible for fundamental cellular processes and functions. The
filamentous actin (F-actin) is a key constituent of the cytoskeleton system which is
intrinsically viscoelastic and greatly determines the mechanical properties of cells. The
organization and polymerization of F-actin are relevant to the viscoelasticity distribution and
the migration of living cells responding to pH microenvironments. Recently, progression in
various diseases such as cancers have been found that cellular migration is related to the
alterations in the viscoelasticity of lamellipodium. However, the correlation among F-actin
organization, viscoelastic properties and cellular migration of living cancer cells under
different pH microenvironments are still poorly understood. Conventional experimental
methods of optical microscopy and atomic force microscopy (AFM) can neither break the
trade-off between resolution and rate in cytoskeleton imaging, nor achieve the structural
characterization and the mechanical measurement simultaneously. Although
multifrequency AFM with amplitude modulation-frequency modulation (AM–FM) enables
us to probe both the surface topography and the viscoelasticity distribution of cells, it is
difficult to image the cytoskeletal filaments with the diameter down to the scale of tens of
nanometers. Here, we have improved the AM-FM AFM by employing the high damping of
cell culture medium to increase the signal-to-noise ratio and achieve a stable imaging of
F-actin with the resolution down to 50 nm under in situ microenvironment. The approach
that can successfully visualize the structures of cytoskeletal filaments and measure the
distribution of mechanical properties simultaneously enable us to understand the
relationship between the organization of F-actin and the viscoelasticity of living Huh-7
cancer cells under different pH values. Our experimental results have demonstrated that,
unlike the randomly distributed F-actin and the homogeneous viscoelasticity at the normal
pH level of 7.4, the living Huh-7 cancer cells with the reduced pH level of 6.5 show highly
oriented and organized F-actin along the lamellipodium direction associated with the
significant gradient increase both in elasticity and viscosity, which are confirmed by
immunofluorescence confocal microscopy. The F-actin organization and the gradient
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viscoelasticity of lamellipodium provide structural and mechanical understanding on the
adhesion and migration of living cancer cells that undergo metastasis and malignant
transformation.

Keywords: amplitudemodulation-frequencymodulation atomic forcemicroscopy, living cancer cells, viscoelasticity
gradient, F-actin cytoskeleton, lamellipodium, pH microenvironments, migration

INTRODUCTION

Living cells, as the smallest unit in biological systems, plays a
pivotal role in human life and disease processes [1]. Changes in
the viscoelastic properties of cells are relevant to the fundamental
cellular physiological behaviors and functions, such as cell
migration [2], adhesion [3], differentiation [4] and absorption
[5]. Cytoskeleton that is an essential structural component of
cells, is intrinsically viscoelastic and responsible for the cell
viscoelasticity [6], controlling the cellular development and
maintenance [7]. In the cytoskeleton system, the filamentous
actin (F-actin) (Figure 1) is one of the most major constituent
building up many higher order structures in cells (e.g., stress
fibers, lamellipodia, and filopodia) [8]. The arrangement and
distribution of F-actin greatly dominates the mechanical
properties of cells including viscoelasticity [9–13]. For
example, the actin cortex is a thin layer that lies beneath the
plasma membrane, maintaining and regulating cell topography
[10]. Oberleithner et al. found that the depolymerization of
cortical actin induced by altering the local microenvironment
reduces the elasticity of cells, thus modulating the deformation of
the plasma membrane [11]. The stress fibers are arranged in
parallel by F-actin, connecting the cytoskeleton to the
extracellular matrix via focal adhesions [12]. Wang et al.
reported that viscosity of F-actin can significantly increase
stability of the cell adhesion [13]. The cellular protrusions
including lamellipodium and filopodium located at the edge of
cells is involved with the cell migration [14, 15]. Lamellipodia are

sheet-like structures, from which filopodia usually grow out [16].
Lamellipodial branched actin network not only generates a
pushing force by actin polymerization but also provides crucial
mechanical support for cell migration through the extracellular
matrix or adjacent cells [17, 18]. Laurent et al. revealed that cells
migrates toward the more rigidity side of the lamellipodia [19].
Moreover, lamellipodia-based cell migration plays a crucial role
in cancer metastasis [20]. The malignant degree of cancer cells is
related to their migration speed, that is, the metastasis and
invasiveness of cancer cells [21]. In particular, in the complex
microenvironment of tumor tissues [22, 23], the cancer cells will
change the structure and topography of lamellipodia at an acid
pH level, and then accelerate their metastasis [24, 25]. However,
the organization of the F-actin in lamellipodia under different pH
microenvironments associated with the underlying relationship
with the viscoelasticity andmigration of living cancer cells remain
unclear and is in urgent need to be fully interpreted. The
nanomechanical mechanism revealing the effects of F-actin in
lamellipodia on the cell viscoelasticity and migration represents a
meaningful approach to understand the physical nature in the
malignant metastasis of cancer cell response to the change of pH
microenvironments.

To understand the correlation among F-actin organization,
viscoelastic properties and cellular migration of living cancer cells
under different pH microenvironments, it is the key issue to
simultaneously obtain the high-resolution in situ images of the
cytoskeleton topography and viscoelastic properties of cells. For
the soft matter of cells that are heterogeneous with intrinsically

FIGURE 1 |Schematics of a cell with F-actin architectures. (A) Four primary types of F-actin structures in the cytoskeleton: actin cortex, stress fiber, filopodium, and
lamellipodium. (B) A magnified view of the lamellipodium. The formation of lamellipodium is facilitated by the organization of F-actin.
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viscoelastic cytoskeletons and undergo large deformation [26,
27], the structural organization and mechanical properties are
highly coupled [28]. A wide variety of experimental work has
been performed in order to assess the relationship between cell
mechanics and microstructures [29, 30], focusing on the changes
in either cytoskeletal structure [29] or elasticity [30]. However,
these experiments have been limited by the characterization
methods of cells and cytoskeletons. Although the fluorescence
imaging techniques have the advantage in the fast in situ
identification of subcellular structures, it is difficult for the
optical resolution to be smaller than the diffraction limit
around hundreds of nanometers and capture the details of
cytoskeletal structures [31]. The transmission electron
microscopy is usually adopted to observe the cells and
cytoskeletons [32]. Nevertheless, the sample preparation
process is complicated with fixation, dehydration, infiltration
and staining, which will cause the loss of cell activity [33].
Furthermore, the imaging of transmission electron microscopy
is slow and commonly conducted under vacuum condition,
which make it unable for the fast in situ identification of cells
and cytoskeletons under different microenvironments. For
studying cellular mechanics, a number of experimental
methodologies have been developed, including micropipette
aspiration [34], traction force microscope [35], optical
tweezers [36], and magnetic twisting cytometry [37]. Atomic
force microscopy (AFM) is one of the most major and reliable
methods for probing the mechanical properties of cells [38, 39].
Conventional AFM imaging based on contact mode force curve
measurement has been introduced to measure the cellular
viscoelasticity [40, 41]. And yet the poor resolution and long
acquisition time prevent it from fast high-resolution
characterization of subcellular microstructures and mechanical
properties. It is a key challenge to not only break the trade-off
between resolution and rate in cytoskeleton imaging, but also
achieve the structural characterization and the mechanical
measurement simultaneously.

In this work, we use amplitude modulation–frequency
modulation (AM–FM) AFM to characterize the topography
and viscoelasticity of living Huh-7 cancer cells at the same
time. We have improved the AM-FM AFM by using the high
damping of cell culture medium, instead of original damping
materials that cannot be used in liquid, to dissipate unnecessary
vibration that deviates from the standard resonance of the AFM
cantilever. The efficient stabilization of the cantilever oscillation
enables us to increase the signal-to-noise ratio, achieving a fast
imaging and mapping simultaneously of F-actin structures,
cellular topography and viscoelasticity with the ultrahigh
resolution down to 50 nm under in situ pH
microenvironment. Moreover, the capability of AM–FM AFM
to capture the F-actin microstructures are validated by
immunofluorescence confocal microscopy. By using AM–FM
AFM, we study the effect of pH level on the organization of
F-actin in lamellipodium and the change in the topography and
viscoelasticity of living Huh-7 cancer cells. The experimental
results demonstrate that the F-actin in lamellipodium under
normal culture medium (pH 7.4) is short, thin and dispersed,
associated with the homogeneous distribution of cell

viscoelasticity. On the contrary, in acid culture medium (pH
6.5), the F-actin cytoskeletons polymerize and are woven into a
long and thick bundle-like structure directed to the protruding
direction of lamellipodium. Both the elasticity and viscosity show
a significant gradient increase along the protruding direction,
which can facilitate the adhesion and migration of living cancer
cells. These results have significant implications for
understanding the significance of F-actin structures and
viscoelasticity in changing cell topography and behaviors, and
opening a new paradigm of nanomechanical mechanisms for the
metastasis of cancer cells under pH microenvironments.

MATERIALS AND METHODS

Cells Culture and Treatment
The cells used in this study are the human hepatoma cell lines
Huh-7 cells, obtained from the Type Culture Collection of the
Chinese Academy of Sciences, Shanghai, China. The cells were
cultured in Dulbecco’s Modified Eagle Medium (Gibco, Life
Technologies, China) supplemented with 10% fetal bovine
serum (Gibco, Life Technologies, Australia) and 1% penicillin-
streptomycin (Gibco, Life Technologies, United States), at 37°C
and 5% CO2 in humid conditions. The pH level of normal culture
medium is set as 7.4. One day prior to the AFM experiments, the
cells were seeded onto 25 mm × 25 mm glass slides. After the cells
had enough time to adhere to the substrate, the existing medium
was replaced with the fresh medium to remove dead and loosely
attached cells every 2 h. The fresh medium was prepared in the
normal or acid condition to mimic microenvironments at
different pH levels. HCl (0.5 mol/L) was added precisely to the
normal culture medium for the acid culture medium (pH 6.5) by
using a pH meter measurement to verify the targeted pH value of
6.5. Phosphate buffer saline (PBS) solution was used to rinse the
substrate every time before adding and changing the culture
medium. The cells were cultured with either pH
microenvironment for at least 6 h in CO2 incubator for
subsequent characterization and measurement in AFM
experiments. To maintain the pH level in the cell cultivation,
the new acid culture medium of pH 6.5 was replaced every 2 h. By
pH monitoring, we found that the acid culture medium of pH 6.5
in the CO2 incubator can be kept well within 2 h. The time of AM-
FM AFMmeasurement was limited to a maximum of 2 h. During
the AM-FM AFM measurement, the pH monitoring was
employed constantly and the acid culture medium of pH 6.5
was added when needed.

Atomic Force Microscopy
AFM experiments were performed with an Asylum Research
MFP-3D Infinity AFM system. The AM-FM bimodal imaging
mode was performed by using BL-AC40TS cantilever (Olympus,
Japan) with 0.11 nN/nm nominal force constant (k1). The spring
constant for the first eigenmode k1 of the cantilever was obtained
by force constant calibration. In AM-FM method that employs
the tapping mode, the cantilever is excited near the first and
second resonant frequencies simultaneously. To ensure the
physiological conditions of cells, the cantilever was completely
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immersed in the liquid of culture medium during the
experiments. The cantilever tuning was conducted in liquid
by which the first cantilever eigenmode was excited to the
resonant frequency (f1 ≈ 30 kHz) by the AFM software
(Asylum Research) and the second eigenmode to the second-
order resonant frequency (f2 ≈ 110 kHz). And the spring
constant for the second eigenmode k2 of the cantilever can be

calculated by k2 � (f2
f1
)
2

k1.

During the scanning, the first order amplitude A1 is adjusts to
maintain constant that is equal to amplitude setpoint A1,set, so
that the displacement of scanner in z-direction can be used for
living cell topography tracking. Meanwhile, the cantilever is also
excited at the second resonant frequency f2. Here, a frequency
feedback loop adjusts the frequency by a small amount Δf2 to
maintain the second eigenmode on resonance as the AFM tip
interacts with the cell. The AM-FM signals were recorded by the
lock-in and feedback system and can be used to extract the
effective storage modulus Estorage for elastic property [42]:

Estorage � π

R

�
1
6

√
(
k1
Q1

A1,free

A1,set
cos∅1)

− 1
2

(
2k2Δf2
f2

)
3
2

,

whereQ1 are the quality factor,A1,free (4.0 V) is the free amplitude
tuned for the first eigenmode in liquid, A1,set (2.0 V) is the
setpoint used for imaging, and R (∼10 nm) is the radius of
AFM tip provided by the manufacturer. As described in
details [43], the mapping of loss tangent Eloss can be derived
by the amplitude (A1) and phase signals (∅1) in the first
resonance mode:

Eloss �
π(A1,set

A1,free
− sin∅1)

cos∅1
.

The loss tangent is equivalent to the ratio of the dissipated
energy to stored energy:

Loss tangent � Eloss

Estorage
,

which allows us to calculate the loss modulus for viscous
property. Correlated topography and viscoelastic images were
generated with a resolution of 256 × 256 pixels. And the scan
speed was set at 0.5 line/s. As the modulus of the AFM tip used
defers greatly from that of the glass substrate, the mechanical
signal from the background part of glass substrate is meaningless
and not considered, and is shown as the gray background in
Figures 4, 5. The same AFM tip and imaging configuration were
used for all samples to maintain consistency between
measurements of cell viscoelasticity. Repetitions of experiments
with more living Huh-7 cancer cells under different pH states are
performed to verify the robustness of results and mechanisms in
our work.

Confocal Fluorescence Microscopy
Confocal fluorescence microscopy was used to observe the
F-actin microstructures and validate the AFM imaging. The
cells for the imaging by confocal fluorescence microscopy were

seeded onto 20 mm cell slides and incubated with the same
culture conditions as for AFM measurements. The cells were
washed with PBS, fixed with 4% paraformaldehyde in PBS and
kept at 4°C for around 15 min. Afterwards the cells were
permeabilized with 0.5% Triton X-100 in PBS at room
temperature for 15 min and rinsed with PBS. The nucleus of
cells was stained with DAPI (Solarbio, China) for 15 min in dark.
The F-actin cytoskeleton of cells was stained in dark using Alexa-
Fluor 488 Phalloidin (Solarbio, China) for 30 min. Finally, the
slides were mounted with the DAPI mounting medium (Solarbio,
China). The stained cells were examined by using a confocal
microscope setup (Leica SP8X, Germany) to visualize the F-actin
microstructures. The fluorescent F-actin cytoskeleton images
were acquired with a 63x/1.40 oil immersion objective lens
(Leica Microsystems, Germany).

RESULTS AND DISCUSSION

Improved Amplitude Modulation-Frequency
Modulation Atomic Force Microscopy for
Mapping Topography and Viscoelasticity of
Living Cells
To simultaneously obtain the images of topography and
viscoelastic properties of living cells under physiological
conditions, we have improved the original AM-FM AFM
assembly. In the AM-FM method, two driving signals with
different frequencies (black and red signals) are superposed to
excite two independent vertical oscillationmodes of the cantilever
(Figure 2A). The first resonance operates in normal tapping
mode (AM mode). The amplitude A1 controls the vertical
feedback loop of the standard tapping mode for topography,
and the phase∅1 gives the values for the loss tangent (black box).
The second resonance operates in the FM mode. The change in
resonance frequency f2 determines the elasticity, while the change
in the amplitude A2 gives the dissipation information (red box).
Therefore, the AM-FM method strictly relies on the resonance
information of the cantilever, and the stability of the first-order
and second-order resonance peaks limits the signal-to-noise.
Although AFM with AM-FM mode is competent for the
simultaneous mapping of topography and viscoelasticity, the
original AM-FM AFM of MFP-3D Infinity AFM system is
inappropriate for the in situ environment of cell culture
medium, as the build-in high damping material that is
required to optimize the resonance of the cantilever cannot
work in the liquid of culture medium. Without the high
damping material, it is difficult for AM-FM AFM to achieve
high-resolution imaging of F-actin microstructures [44]. In our
work of in situ AM-FM AFM imaging, we unloaded the original
high damping material and naturally used the liquid of cell
culture medium as the high damping to dissipate unnecessary
vibration in the oscillation process of AFM cantilever that
deviates from the standard resonance. Figure 2B shows the
first resonance signal of the cantilever without high damping
in air, while Figure 2C shows the first resonance signal of the
cantilever with the high damping in liquid. The introduction of
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the high damping eliminates spurious peaks of the vibration
information from unnecessary media and optimizes the
resonance of the cantilever to form a clean standard peak in
liquid. Similarly, the cluttered signal of the second-order
resonance is greatly reduced due to the presence of high
damping in liquid (see Supplementary Figure S1).

In addition, the ratio A1,set/A1,free is set in the range of 0.3–0.5
which ensures the optimal tracking of surface topography for
living cell imaging in AM-FM AFM. By introducing the high
damping and setting the appropriate parameters, we successfully
stabilize the cantilever oscillation, efficiently increase the signal-
to-noise ratio, and achieve a high-resolution mapping in AM-FM
AFM. As shown in Figure 3, we are able to simultaneously
measure the cell topography (Figures 3A,B), associated with
the distributions of storage modulus Estorage (Figure 3C), loss
modulus Eloss (Figure 3D), and loss tangent (Figure 3E) of living
cancer cells under physiological conditions. By taking advantage
of the high contrast in the mapping of loss tangent, we have
achieved an ultrahigh resolution down to 50 nm (Figure 3F) and
captured cytoskeleton microstructures under in situ
microenvironment.

Figure 3 shows the topography and viscoelasticity of living
cells. It is important to note that the string microstructure

observed in the images of viscoelasticity (Figures 3C–E) are
highly correlated to the features observed in the topography
image (Figures 3A,B). The widths of the strings are tens of
nanometers. The storage moduli Estorage of the strings are higher
than the gaps in between as shown in Figure 3C, while the loss
tangents of the strings in Figure 3E are lower. These results show
that the string microstructure takes the elasticity as the dominant
property, which may correspond to the mechanical
characteristics of cytoskeletons reported in previous study [45].
Hence, the same topography and viscoelasticity give us a strong
implication that the microstructures shown by AM-FM AFM are
cytoskeletons, which will be confirmed as F-actin by the latter
section of immunofluorescence confocal microscopy. This AM-
FM AFM method allows a direct observation in correlation of
cytoskeletal structure with both topography and viscoelasticity
for living cells, which shows better capability and application than
the optical microscope that is limited by the diffraction limit
resolution [31], the transmission electron microscope that cannot
maintain the physiological state of living cells [32], and other
methods for measuring mechanical properties of cells including
the traction force microscope, optical tweezers and magnetic
twisting cytometry that cannot obtain the topography
simultaneously [35–37]. Our improvement of AM-FM AFM

FIGURE 2 | Mapping topography and viscoelasticity of living cells by AM-FM AFM. (A) Schematics of the AM-FM AFM showing the experimental setup and the
working principle. The AFM tip and the whole cantilever are immersed in the liquid of culture medium for in situmeasurement of living cells in physiological condition. Two
separate excitation signals are combined to excite the cantilever resonances. The cantilever deflection when probing the sample is analyzed to evaluate the offsets of the
two resonances for the mapping of topography and viscoelasticity. (B) The first resonance signal of the cantilever without high damping in air. (C) The first
resonance signal of the cantilever in liquid.
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has increased the resolution of cell mechanical imaging, and
achieved simultaneously characterization of cytoskeleton
topography, viscoelasticity, which are crucial for studying the
relationship between the organization of cytoskeleton
microstructure and the distribution of mechanical properties
associated with their effects on cellular behaviors and functions.

Topography and Viscoelasticity of
Cytoskeletons in Lamellipodium at pH 7.4
Based on the in situ AM-FM AFM method we improved for
simultaneous mapping topography and viscoelasticity of living
cells, it is feasible to study the relationship between the
organization of cytoskeleton microstructures and the
distribution of viscoelastic properties under different pH
microenvironments. The microenvironment of cancer cells in
tumor tissue is constantly acidified [23], with a lower extracellular
pH value (∼6.5) than the basic value (∼7.4) in normal tissue [22].
The acid microenvironment enables the progression of cancer
cells by promoting proliferation, the evasion of apoptosis,
metabolic adaptation, migration and invasion that are involved
with the malignant transformation and metastasis [46]. During
this stage, the F-actin and the lamellipodium are the two crucial

media linking the cellular behaviors and the mechanical
properties. It has been reported that the acid extracellular pH
induces the reorganization of F-actin cytoskeleton and facilitates
the formation of lamellipodial protrusion [25], which can
modulate the morphology and rigidity against the forces
needed for cell migration [47]. It would be a key challenge
and a great significance to study the correlation between the
organization of F-actin structures and the viscoelasticity
distribution in lamellipodium of living cancer cells under
normal (pH 7.4) and acid (pH 6.5) microenvironments for
revealing the nanomechanical mechanism of the cellular
migration in metastasis.

In the normal microenvironment (pH 7.4), we use the
improved AM-FM AFM method to characterize the
topography and the viscoelasticity of living Huh-7 cells as
shown in Figure 4. Figure 4A shows an overall topography of
the cell edge, with the region of lamellipodium in the red box
measured by larger contact force and scanning density for higher
resolution in topography (Figure 4B), storage modulus Estorage
(Figures 4C,D), loss modulus Eloss (Figures 4E,F), and loss
tangent (Figures 4G,H). The topography image of Figure 4B
represents the shot and thin cytoskeletal structures randomly
dispersed in lamellipodium, which is also reflected by the

FIGURE 3 | Capability to image cytoskeleton microstructures of living cells by improved AM-FM AFM. (A,B) Topography of microregion near the periphery of living
cancer cell. The view of (B)magnifies the rectangular region within the red box in (A). Topography of the red box in (A). (C–E)Mapping of Estorage (C), Eloss (D), and loss
tangent (E) simultaneously obtained by AM-FM AFM. (F) Cross-section profiles for the loss tangent along the red solid line in (E).
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homogeneous patterns of viscoelasticity (Figures 4C,E,G and
Supplementary Figure S2). The histogram analyses of storage
modulus, loss modulus and loss tangent for Figures 4C,E,G were
performed as shown in Figures 4D,F,H, respectively. The storage
modulus in the lamellipodium region (Figure 4D) indicates a
single Gaussian peak for elasticity with the main range of
50–80 kPa and the mean value of ∼65 kPa, which are in good
agreement with previous studies [29, 48]. Similarly, the viscous
properties measured by loss modulus and loss tangent exhibit
monomodal Gaussian peaks, which further indicates the
homogeneous distribution of cytoskeletons (Figures 4F,H).
The Gaussian peak of loss modulus has a mean value of
∼18 kPa with the range varying from 14 to 24 kPa, while that
of the loss tangent has a mean value of ∼0.28. The mappings of

storage modulus and loss modulus demonstrate that the
cytoskeletons have slightly higher elasticity and viscosity than
the background of intracellular fluid or other organelles (Figures
4C,E) [48]. Note that the greater difference between the
cytoskeletons and the intracellular background is shown in the
mapping of loss tangent (Figure 4G), owing to the dominant
elasticity of cytoskeletal filaments [28, 29]. As a result, the
mapping of loss tangent can show higher contrast and
resolution with the patterns greatly corelated to the
cytoskeletal structures in the topography image, which further
proves the capability in characterizing the detailed organization
of cytoskeletal structures by the improved AM-FM AFM.
Repetitions of experiments for more living Huh-7 cancer cells
at pH 7.4 (Supplementary Figure S2) show similar cytoskeleton

FIGURE 4 | Topography and the viscoelasticity of Huh-7 cells at pH 7.4. (A) Topography of cell edge. (B)High-resolution topography of lamellipodium region within
the red box in (A). (C,E,G)Mapping of Estorage (C), Eloss (E), and loss tangent (G) simultaneously obtained by AM-FM AFM. (D,F,H) Histogram analyses of the measured
Estorage, Eloss, and loss tangent in (C), (E) and (G), respectively.
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organization and cell viscoelasticity, which verify the robustness
of our results.

Topography and Viscoelasticity of
Cytoskeletons in Lamellipodium at pH 6.5
To study the effect of acid microenvironment on living cancer
cells, we change pH value of the culture medium to pH 6.5 [22],
and measure the topography and the viscoelasticity of Huh-7 cells
by the improved AM-FM AFM as shown in Figure 5 and
Supplementary Figure S3. Unlike the homogeneous
dispersion of cytoskeletons in lamellipodium at pH 7.4, the
topography of Figures 5A,B show highly oriented and
organized patterns of cytoskeletal structures at pH 6.5. The
cytoskeletons are polymerized to long filaments and woven
into thick bundle-like structures directed to the protruding
direction of lamellipodium. The viscoelasticity, including
storage modulus, loss modulus and loss tangent, of the same
lamellipodium region in Huh-7 cells are measured and analyzed
in Figures 5C–H in which the polymerized filaments and bundles

are visible. The strings that have higher storage modulus, higher
loss modulus and lower loss tangent than the intracellular
background indicate the cytoskeletal filaments in Figures
5C,E,G, respectively. Interestingly, along with the convergence
of cytoskeletal filaments towards the protruded lamellipodium,
the storage modulus and loss modulus increase while the loss
tangent decreases. The gradient of viscoelasticity in the
lamellipodium region with the relationship to the cellular
migration will be discussed in details in the latter section.

The histogram analyses of storage modulus, loss modulus and
loss tangent were also performed as shown in Figures 5D,F,H,
respectively. Unlike monomodal Gaussian peaks at pH 7.4, all of
the storage modulus, loss modulus and loss tangent show bimodal
distributions at pH 6.5, corresponding to the heterogeneous
organization of cytoskeletons. In Figure 5D for elasticity, the
lower peak of storage modulus with the mean value of ∼35 kPa
represents the thin and unwoven cytoskeletal filaments, while the
higher peak (∼60 kPa) the thick cytoskeletal filaments that have
been bundled together. These results of elasticity distribution are
consistent with the previous studies that the increased density of

FIGURE 5 | Topography and the viscoelasticity of Huh-7 cells at pH 6.5. (A) Topography of cell edge. (B)High-resolution topography of lamellipodium region within
the red box in (A). (C,E,G)Mapping of Estorage (C), Eloss (E), and loss tangent (G) simultaneously obtained by AM-FM AFM. (D,F,H) Histogram analyses of the measured
Estorage, Eloss, and loss tangent in (C), (E) and (G), respectively.
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actin filaments can lead to the stiffening of cells [28, 29, 49]. The
bundled actin filaments are bound by crosslinking proteins and
molecular motor, such as fascin and myosin-X, providing strong
viscosity [50, 51], which results in an elevated loss modulus as the
higher peak (∼40 kPa) in Figure 5F. Our work visualizes the
organization of cytoskeletal filaments and reveals the structural
origins of the viscoelasticity distribution in the lamellipodium
region of living cancer cells under acid microenvironment.
Repetitions of experiments for more living Huh-7 cancer cells
at pH 6.5 (Supplementary Figure S3) show similar cytoskeleton
organization and cell viscoelasticity, which verify the robustness
of our results. We also performed the experiments at the pH level
within the range from 6.5 to 7.4, and found that the more cells
with F-actin polymerization and viscoelasticity gradient can be
seen at the lower pH state.

Validation of F-Actin Cytoskeletons by
Immunofluorescence Confocal Microscopy
To identify the type of cytoskeletal structures shown by the
improved AM-FM AFM as in Figures 4, 5, the
immunofluorescence confocal microscopy was adopted and
the fluorescent phalloidin that can selectively bind to F-actin
was used to image the distribution of F-actin in the living Huh-7

cells (Figure 6) [52]. The Huh-7 cells were cultured in the two
different pH environments (pH 7.4 and pH 6.5) as in AFM
experiments and stained with Alexa-Fluor 488 Phalloidin and
DAPI. The imaging of confocal microscopy shows that the
F-actin filaments dyed by green are short, thin and randomly
dispersed within the whole Huh-7 cell at pH 7.4 (Figure 6A).
Although becoming slightly thicker near the periphery, the
F-actin filaments are loosely arranged with the same
homogeneous feature observed in AFM experiments
(Figure 6B). On the contrary, at pH 6.5, the F-actin filaments
that are much thicker and longer form highly oriented bundle-
like structures (Figure 6C) and converge toward the front of
lamellipodium (Figure 6D), which is in good agreement with the
AFM imaging as well. The consistency of intercellular structures
confirms that the cytoskeletal filaments visualized by the
improved AM-FM AFM are the F-actin.

Viscoelasticity Gradient Facilitates Cell
Adhesion and Migration
In previous sections, by using the improved AM-FM AFM, we
have successfully characterized the viscoelasticity distribution of
the lamellipodium regions in living Huh-7 cells at pH 7.4 and 6.5
(Figures 4, 5). To compare them quantitatively, we rescale the

FIGURE 6 | Immunofluorescence confocal microscopy images of F-actin filaments in living Huh-7 cells under different pHmicroenvironments. (A,B) F-actin in Huh-
7 cell at pH 7.4. (C,D) F-actin in Huh-7 cell at pH 6.5. The F-actin filaments are highlighted by green and the cell nuclei by blue. The view of (B) and (D) magnifies the
rectangular region near the periphery of cell within the red box in (A) and (C), respectively.
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mapping of storage modulus (Figure 7A) and loss modulus
(Figure 7B) to the same color range for studying the effect of
viscoelasticity distribution on cell adhesion and migration.
Figure 7A shows that along the direction of lamellipodium
protrusion (as the arrows), the storage modulus of cell
elasticity increases from ∼50 kPa to over 60 kPa at the acid
microenvironment and maintains at a plateau (∼60 kPa) at the
normal microenvironment. For cell viscosity following the same
arrows, the loss modulus increases from 35 to over 50 kPa at pH
6.5, while staying at a low level of ∼10 kPa at pH 7.4 (Figure 7B).
Combining the AFM images of cytoskeletons, we can conclude
that the acid microenvironment may result in the organization of
F-actin filaments and the gradient of both elasticity and viscosity
in living cancer cells.

Recent researches of cell migration and cancer metastasis have
reported that the living cancer cells prefer to migrate toward the
substrate with higher stiffness [19, 53]. However, few studies
focus on the distribution and alteration of cell viscoelasticity
during migration associated with the effects of cell viscoelasticity
on migration. According to literatures, the higher elasticity and
viscosity enable stronger adhesion to substrate [13, 54]. In our
work, by using the improved AM-FM AFM, we found that the
F-actin cytoskeleton aggregate and form the thick bundle-like
filaments directed to the protruding direction of lamellipodium,
leading to gradient increases in elasticity and viscosity. The
gradient of viscoelasticity suggests a gradient of adhesion
strength, which means that the lamellipodium can achieve

stable adhesion at the front but have high possibility to detach
the substrate at the back, resulting in the driving force for cell
migration towards the direction of lamellipodium protrusion.
Moreover, the aggregation and the stiffening of F-actin
cytoskeleton allow focal adhesions to enhance cell adhesion,
and provide sufficient cell rigidity against the forces needed
for migration [55, 56]. In all, the homogeneity of F-actin
cytoskeleton and viscoelasticity in the lamellipodium at pH 7.4
suppresses the migration of cancer cells, which consistent with
the fact of uneasy malignant transformation of cancer cells under
normal environment [47, 57]. Conversely, the aggregation of
F-actin cytoskeleton and the gradient of viscoelasticity at pH 6.5
facilitate cell adhesion and migration, which explains the strong
tendency in migration and metastasis of cancer cells under the
acidified microenvironment in tumor tissues [47, 58]. These
findings may help us to understand the structural and
nanomechanical mechanism of malignant behavior of cancer
cells under different pH microenvironments.

CONCLUSIONS

In summary, we have improved the original AM-FM AFM
assembly, achieved the simultaneous mappings of topography
and viscoelasticity of living cells under physiological conditions,
and reached an ultrahigh resolution down to 50 nm for the
imaging of F-actin cytoskeletons. By using the improved AM-

FIGURE 7 | Acid microenvironment inducing viscoelasticity gradient in the lamellipodium of living Huh-7 cells. (A,B) The storage modulus for elasticity (A) and the
lossmodulus for viscosity (B) of the lamellipodium under different pH environments. The upper panels are at pH 7.4, themiddle panels are at pH 6.5, and the lower curves
analyze the storage modulus or the loss modulus within the white rectangular boxes along the arrows directed to lamellipodium protrusion. The white rectangular boxes
with the directions of arrows are the same for each pH value.
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FM AFM, we were able to study the effect of pH
microenvironment on organization of F-actin cytoskeletons
and the distribution of viscoelasticity in lamellipodia of living
Huh-7 cancer cells correlated with the cell adhesion and
migration. The acidified environment can transform the
short, thin and dispersed F-actin structures to the long, thick
and oriented bundle-like structure converged along the
protruding direction of lamellipodium. The conformation of
F-actin cytoskeletons leads to the gradient increases of both
elasticity and viscosity directed to the lamellipodium front,
which provides sufficient driving force and rigidity that can
facilitate cell adhesion and migration. Our work has paved the
avenue for the in situ characterization of the F-actin
microstructures and cell viscoelasticity, and contributed
insights into the structural origins and nanomechanical
mechanism of the migration and metastasis of living cancer
cells under the acidified microenvironment.
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The mechanical and structural properties of actin cytoskeleton drive various cellular

processes, including structural support of the plasma membrane and cellular motility.

Actin monomers assemble into double-stranded helical filaments as well as higher-

ordered structures such as bundles and networks. Cells incorporate macromolecular

crowding, cation interactions, and actin-crosslinking proteins to regulate the organization

of actin bundles. Although the roles of each of these factors in actin bundling have

been well-known individually, how combined factors contribute to actin bundle assembly,

organization, and mechanics is not fully understood. Here, we describe recent studies

that have investigated the mechanisms of how intracellular environmental factors

influence actin bundling. This review highlights the effects of macromolecular crowding,

cation interactions, and actin-crosslinking proteins on actin bundle organization,

structure, and mechanics. Understanding these mechanisms is important in determining

in vivo actin biophysics and providing insights into cell physiology.

Keywords: actin bundles, macromolecular crowding, cation interactions, actin crosslinker, bending stiffness

INTRODUCTION

The dynamic assembly of actin monomers into higher-ordered structures such as bundles and
networks is vital to many eukaryotic cell functions. Actin bundle mechanics and structure play
essential roles in the formation of filopodia [1, 2], structural support of plasma membrane [3],
force generation [4], cell division, and cell motility [2, 5, 6]. Recent studies demonstrate that actin
bundles can function as mechanosensors displaying mechanical responses to external stimuli and
mechanical deformation [7, 8]. Bundle assembly dynamics are tightly regulated by intracellular
environmental factors, contributing to changes in cell mechanics as well as physiology.

Actin bundle formation can be achieved bymacromolecular crowding, electrostatic interactions,
and various actin-crosslinking and/or bundling proteins (Figure 1A) [10–17]. Bundles are formed
in highly crowded intracellular environments consisting of various macromolecules and ions that
limit available cytoplasmic space [18–20]. The presence of macromolecular crowding promotes
steric exclusion (“hard”) and/or non-specific (“soft”) effects [21, 22]. Depletion forces induced
by macromolecular crowding lead to bundle formation through excluded volume effects, which
can overcome repulsive interaction between negatively charged actin filaments [10, 23, 24]. In
comparison, cation interactions result in actin bundle formation through counterion condensation
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FIGURE 1 | (A) Schematic representation of the various intracellular factors such as macromolecular crowding, cation interactions, and actin-crosslinking/bundling

proteins (fascin or α-actinin) that can induce actin bundling at the leading edge of a cell. (B) Cation-induced actin bundle formation in the presence of macromolecular

crowding. Potential interactions between cations and crowding may affect the organization of bundles with a different bundle diameter (D). (C) Bundles induced

(Continued)
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FIGURE 1 | by actin-crosslinking proteins [actin-binding proteins (ABPs)] in crowded environments. Potential competitive interactions between ABPs and crowding

may affect the binding of ABPs to filaments as well as bundle organization. Actin bundling proteins bind to actin filament (gray; unbound state, blue and green; bound

state) during bundle formation with kon, which is slower than koff due to reduced bundling interactions between actin filament and bundling proteins. Compared with

small crosslinkers (e.g., fascin; blue), longer crosslinkers (e.g., α-actinin; green) yield a significant decrease in D since their orientation switches from perpendicular to

angled on filament, affecting bundle compactness [9]. (D) ABP-induced bundle formation in the presence of cations can result in modulations to

association/dissociation constant kon and koff by cations influencing bundle organization.

[11, 25], similar to DNA condensation [26]. In addition to
depletion and electrostatic interactions, cells utilize various actin-
crosslinking proteins to form crosslinked bundles or networks
[2]. These actin-crosslinking proteins bind actin filaments with
different on- and off-rates, influencing the dynamic organization
of bundles [15, 27, 28].

The main goal of this review is to summarize major findings
on how macromolecular crowding, cation interactions, and
actin-crosslinking proteins influence the assembly, organization,
and mechanics of actin bundles. In the first part, we describe
the effects of depletion and cation interactions on bundle
mechanics and structure. In the second part, we introduce
the influence of both crowding and cation interactions on the
organization and mechanics of bundles crosslinked by actin-
binding proteins (ABPs). While the effects of either crowding,
cations, or ABPs on actin bundle assembly and mechanics
are well-characterized individually, we mainly focus on recent
studies demonstrating the potential interplay between these
factors on actin-bundling mechanisms.

EFFECTS OF DEPLETION AND CATION
INTERACTIONS ON ACTIN BUNDLE
MECHANICS AND STRUCTURE

Macromolecular crowding induces actin bundle assembly by
generating depletion interactions [10, 12, 29, 30] through
excluded volume effects [31]. Macromolecular crowding
promotes attractive interactions between filaments by reducing
the free energy required for bundle formation [10, 32, 33].
Depletion forces maximize the overlap between filaments by
minimizing the system free energy [33] and generating sliding of
filaments [34]. Crowding has been demonstrated to affect actin
filament assembly kinetics [35–37], and filament stability has
been evidenced by altered critical concentration of actin [38]. A
recent study indicates that crowding enhances filament bending
stiffness and alters filament conformations, including filament
helical twist [39]. Although the effects of crowding on actin
filament assembly are known, how crowding modulates bundle
assembly kinetics is not well-understood. Changes to bundle
assembly by crowding can potentially influence the mechanical
properties of actin bundles.

Themechanical properties of depletion-induced actin bundles
have been determined by measuring bundle bending stiffness,
elastic moduli, and force between filaments (summarized in
Table 1) [12, 50]. Previous in vitro studies have demonstrated
that non-specific depletion forces can function as effective
crosslinkers [10, 12, 40]. Bundle bending stiffness depends on
the number of filaments per bundle and crosslinker effectiveness

demonstrated by mechanical modeling as well as previous
experimental evidence [12, 51]. Bundle bending stiffness was
shown to quadratically scale with the number of filaments
within the bundle [12]. Increasing polyethylene glycol (PEG)
concentrations result in enhanced local elastic moduli of actin
bundles and networks as well as an increase in bundle diameter,
which were determined by microrheological analysis (Table 1)
[40]. A recent study using optical tweezers determined the force
exerted on two bundling filaments [23] by PEG, resulting in
weaker bundling (∼0.07 ± 0.006 pN) as compared to divalent
cations (Mg2+) (∼0.20 ± 0.094 pN) (Table 1). Bundles induced
by depletion interactions display distinct elastic responses to
external forces, such as bending deformations, with minimal
evidence of permanent damage [52]. Recently, in vitro motility
assay and mathematical modeling have demonstrated that
depletion-induced bundles exhibit a critical buckling length,
which affects the bundle structure and is dependent on the bundle
rigidity and the number of filaments in bundles [53]. Martiel et al.
[53] demonstrated that as depletion-induced bundles increase
in length, they reach a boundary transition that allows for
bundle deformations (i.e., loops) although this boundary can be
extended depending on bundle stiffness [53]. The relationship
displayed between critical buckling length and persistence length
as well as the number of filaments in a bundle is a key determinant
in bundle deformation [53].

Cation interactions (non-specific electrostatic and/or
specific ion binding) promote bundling of actin filaments,
which are linear polyelectrolytes, through a reduction in
electrostatic repulsion between filaments above a threshold
cation concentration required for actin polymerization
[17, 25, 54, 55]. High concentrations of divalent cations
(e.g., Mg2+ and Ca2+) were shown to condense actin filaments
to bundles and induce over twisting of filaments in bundles,
increasing bundle bending persistence length ranging from
∼15 to 45µm (Table 1) [16]. Cation binding modulates
the mechanics and structure of actin filaments, potentially
affecting bundle mechanics and structure. Hocky et al. [56].
demonstrated, through molecular dynamics (MD) simulations
that binding of divalent cations at the “stiffness cation site
[57],” along an actin filament, induced the reorganization
of the DNase-I binding loop (D-loop). Cation binding at
the stiffness site generates a tighter twist angle distribution
and affects filament torsional stiffness [56]. The addition of
counterions further alters the structure of bundled filaments by
changing the contact angle per monomer of the filament helices,
obtaining an additional twist of ∼3.8◦ [25]. Recently, Gurmessa
et al. [41] have shown the effects of varying concentrations
of Mg2+ on the stiffness and elasticity of bundled networks
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TABLE 1 | The geometric and mechanical properties of actin bundles induced by crowding, cations, and actin-crosslinking proteins.

Bundle-inducing factor D (nm) L (µm) N Lp (µm)

or κ (pN· µm2)

G′ (Pa) F (pN) References

Polyethylene glycol (PEG) ∼ 2–20 N/A ∼ 6–20 κ = ∼ 1–10 ∼ 0.1–1 0.07 ± 0.006 [12, 23, 40]

Mg2+ ∼ 10–350 ∼ 2–6 ∼ 4–28 Lp = ∼ 15–45 ∼ 0.01–0.1 0.2 ± 0.094 [16, 23, 41]

Ca2+ ∼ 10–300 ∼ 4–5 ∼ 4–15 Lp = ∼ 12–25 N/A N/A [16]

Fascin ∼ 10–140 ∼ 5.4–7.7 ∼ 3–30 Lp = ∼ 35–170

κ = ∼ 0.4–10

∼ 8.5 ± 0.8 N/A [13, 14, 42–47]

α-Actinin ∼ 94–114 ∼ 2.0–2.5 ∼ 3–30 Lp = ∼ 18

κ = ∼ 0.2–10

∼ 44 ± 2 N/A [42, 48, 49]

Fascin + crowding ∼ 108–173 ∼ 2.3–2.7 ∼7–13 Lp = ∼ 25–95 N/A N/A [9]

α-Actinin + crowding ∼ 52–130 ∼ 3–12 ∼8–15 Lp = ∼ 10 N/A N/A [9]

D, bundle diameter; L, bundle length; N, No. of filaments per bundle; Lp, persistence length; κ, bending stiffness; G’, Elastic modulus; F, forces between filaments within a bundle.

using optical tweezers microrheology and confocal microscopy
imaging. They demonstrated that the stiffness, elasticity, and
non-linear force response of the actin network increase with
increasing concentration of Mg2+ (≥10mM) (Table 1) [41].
Cation binding at discrete sites along actin filaments can lead to
bundle formation and promote modulations to bundle structural
properties, such as helical twist [16, 25, 41, 58, 59]. Small-angle
x-ray scattering (SAXS) showed that actin filaments condensed
into bundles display an over twisting of filaments within the
bundles [25]. The observed helical twisting of bundles due to
cation interactions was corroborated in a recent study that
showed cations specifically bind between filaments at key amino
acid residues promoting helical twist of bundles [16]. Cation-
induced bundles were shown to retain their secondary structures
under high pressures (up to ∼5 kbar) and temperatures (up
to ∼60◦C), evidenced by Fourier transform infrared (FTIR)
spectroscopy [36].

Although investigations into the effects of cations and
crowding on actin bundling have been individually shown, the
interplay of both factors together has not been well-established.
A previous study demonstrated that the onset of bundling
promoted by depletion (PEG) and electrostatic interactions
exhibits opposite dependence on cation (K+) concentrations
[29]. A possible competition between electrostatic and depletion
interactions can modulate the assembly and organization of actin
bundles (Figure 1B). Experimental evidence has demonstrated
the individual impacts of both crowding and ionic interactions
on actin filament or bundle structure [16, 25]. For example,
high divalent cation concentrations condense actin filaments to
form bundles, resulting in changes to filament helical symmetry
[25]. A potential competition between the bending energy of
helical filaments and the binding energy of crosslinkers can
contribute to finite bundle sizes [60]. We speculate that the
concentrations, types, and size of crowding agents and cations
contribute to alterations in actin bundle structure by changes in
bending and/or binding energy. A recent study on PEG-induced
microtubule bundling indicated that cohesive interactions
between microtubules depend on the attractive depletion
interactions and electrostatic repulsion [61]. Investigations into
the opposite effects of depletion and cation interactions have
been performed with DNA [62]. Krotova et al. [62] demonstrated

competition, upon an increase in salt concentration between
entropy and ionic interactions, of DNA undergoing an unfolding
transition in crowded environments. These studies illustrate
the counteracting effects of crowding and cation interactions
on bundling of cytoskeletal biopolymers as well as DNA
condensation. Further studies on the combined effects of both
crowding and cation interactions are necessary to determine their
impacts on actin bundle mechanics and structures.

THE INFLUENCE OF CROWDING AND
CATION INTERACTIONS ON THE
ORGANIZATION AND MECHANICS OF
ACTIN BUNDLES CROSSLINKED BY
ACTIN-BINDING PROTEINS

Actin-crosslinking and bundling proteins can assemble filaments
into higher-ordered structures such as bundles and networks [2,
4, 63]. The size of the crosslinker size, the kinetics of crosslinkers,
and the binding affinity of crosslinkers, along with competitive
or cooperative interaction between crosslinkers can influence the
architecture as well as mechanical properties of actin bundles
[15, 27, 28, 42, 51]. The size of actin-crosslinking proteins
determines the architecture and compactness of bundles. For
example, fascin is an crosslinking protein (diameter ∼6 nm),
which forms tightly packed bundles, whereas α-actinin is a larger-
sized crosslinker (diameter ∼35 nm) inducing widely spaced
bundles and/or networks [12, 15]. The bending stiffness of
fascin- and α-actinin-induced bundles depends on interfilament
spacing, supporting an important role of bundle architecture and
compactness in bending mechanics of ABP-crosslinked bundles
(Table 1) [12, 51]. Binding kinetics (on- and off-rates) and
binding affinity of both fascin and α-actinin to filaments have
been shown to affect actin bundle assembly and architecture
[27, 28]. Competitive interactions between fascin and α-actinin
have been shown in a recent study, where fascin-induced bundles,
in the presence of α-actinin, were observed to have a reduction
in bundle stiffness and filopodia protrusions with varying
concentrations of α-actinin [43]. In comparison, combining α-
actinin and filamin results in more enhanced elastic moduli of

Frontiers in Physics | www.frontiersin.org 4 May 2021 | Volume 9 | Article 67588578

https://www.frontiersin.org/journals/physics
https://www.frontiersin.org
https://www.frontiersin.org/journals/physics#articles


Castaneda et al. Actin Bundling by Intracellular Environments

actin filament networks formed by each crosslinker, supporting
their cooperative interactions [64].

In a living cell, actin bundles induced by ABPs are formed in a
crowded cytoplasm; therefore, it is important to understand how
crowdingmodulates ABP-induced bundling. Changes in filament
bending stiffness and conformations in crowded environments
[39] can influence interactions between filaments and ABPs,
including actin-crosslinking proteins (e.g., fascin and α-actinin)
[9] and severing proteins (e.g., gelsolin) [65]. Crowders with
different sizes and concentrations [PEG and methylcellulose
(MC)] have been shown to affect the organization patterns
and potentially nucleation/growth of microtubule bundles cross-
linked with microtubule-associated protein (MAP65) [66].
Potential competitive interactions between crowding (PEG,
sucrose, and Ficoll) and actin-crosslinking proteins, fascin,
and α-actinin, have recently begun to be explored [9].
Macromolecular crowding influences the organization of either
fascin or α-actinin bundles by reducing binding interactions
between actin filaments and crosslinking proteins (Figure 1C
and Table 1), evidenced by fluorescence microscopy and atomic
force microscopy imaging along with MD simulations [9]. MD
simulations indicated that macromolecular crowding increases
interaction energy between fascin or α-actinin and filaments, and
reduces the number of hydrogen bonds [9].

Competitive binding of actin-crosslinking proteins, such as
fascin and α-actinin, affects their sorting in a size-dependent
manner, thereby influencing the actin bundle structure [15].
Furthermore, recent studies suggest that physical confinement
has a significant impact on the mechanics and structure of
bundles induced by these actin-crosslinking proteins [43, 67].
Giant unilamellar vesicles (GUVs) were used to demonstrate the
impacts of enclosed boundary conditions on self-assembly of
actin networks and competition between fascin and α-actinin
[43]. The physical confinement has a drastic impact on the
formation of actin networks, where larger-diameter (>16µm)
GUV resulted in a greater probability of actin network/aster
formation and reductions in ring formation, directly driving the
sorting of fascin [43] and α-actinin [67]. Live cells can introduce
a boundary of lipid bilayers that potentially interact with the
formation of networks by ABPs [42, 43, 68]. The effects of
macromolecular crowding on the self-organization of actin rings
by heavy meromyosin (HMM) and α-actinin in confinement
have been previously investigated [69]. Crowding agent MC was
shown to hinder the contraction of actin rings formed by either
α-actinin or HMM in GUVs [69]. Overall, the encapsulation
of the actin cytoskeleton can be a regulatory mechanism that
facilitates the reorganization of actin bundled networks and
potential interactions with lipid membranes.

Cation interactions impact the conformations of actin-
crosslinking proteins as well as actin filaments, potentially
influencing the mechanics and structure of ABP-induced
bundles and/or networks (Figure 1D). The actin filament-
binding domain, calponin-homology (CH) domain, is found in

various types of actin-crosslinking proteins such as α-actinin
and filamin [70]. Divalent cation binding has been shown to
induce structural transitioning of the CH domain, impacting
actin bundle formation by ABPs. For example, Pinotsis et al.
demonstrated that Ca2+ binding to α-actinin increases the
rigidity of α-actinin, leading to the hindrance of actin bundle
formation [71]. Cation binding modulates the bending stiffness
of actin filaments [57] and the rheological properties of actin
networks [72]. Bidone et al. [72] showed that changes in filament
rigidity incurred by specific cation binding result in different
strain-stiffening responses of actin networks that depend on the
flexibility of actin crosslinkers. Overall, these studies indicate that
cation interactions with actin filaments and crosslinking proteins
are key modulators in bundle formation as well as mechanics.

SUMMARY AND OUTLOOK

In this review, we gave an overview of the growing body of
work demonstrating how intracellular environmental factors,
specifically macromolecular crowding and cation interactions,
modulate the assembly, mechanics, and structure of both
non-crosslinked actin bundles and ABP-induced bundles.
Studies highlighted that both depletion and cation interactions
are key players in the tight regulation of actin bundling.
Given that actin bundles respond to changes in intracellular
environmental factors, it is important to understand (1)
whether combined environmental factors act synergistically
or competitively to control bundle assembly and (2) how
the interactions between actin crosslinkers and crowding
and/or cation binding modulate bundle mechanics and
structure. Knowledge gained from in vitro studies on actin-
bundling mechanisms will enhance our understanding of how
complex cellular environments influence actin cytoskeleton
organization and mechanics. Future studies will benefit from
investigating how the actin cytoskeleton actively responds to
local changes in intracellular environments as well as external
stimuli shaping its architecture, organization, function, and
mechanical properties.
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We introduce and parameterize a chemomechanical model of microtubule dynamics

on the dimer level, which is based on the allosteric tubulin model and includes

attachment, detachment and hydrolysis of tubulin dimers as well as stretching of lateral

bonds, bending at longitudinal junctions, and the possibility of lateral bond rupture and

formation. The model is computationally efficient such that we reach sufficiently long

simulation times to observe repeated catastrophe and rescue events at realistic tubulin

concentrations and hydrolysis rates, which allows us to deduce catastrophe and rescue

rates. The chemomechanical model also allows us to gain insight into microscopic

features of the GTP-tubulin cap structure and microscopic structural features triggering

microtubule catastrophes and rescues. Dilution simulations show qualitative agreement

with experiments. We also explore the consequences of a possible feedback of

mechanical forces onto the hydrolysis process and the GTP-tubulin cap structure.

Keywords: microtubule dynamics, dynamic instability, chemomechanical model, catastrophes, hydrolysis,

microtubule, cytoskeleton

1. INTRODUCTION

Microtubule (MT) dynamics is essential for many cellular processes, such as the positioning and
separation of chromosomes in mitosis [1], or maintenance of cell polarity and cell shape [2]. An
important feature, which enablesMTs to exert pulling and pushing forces in these cellular processes,
is their dynamic instability, which is the stochastic switching of MTs between states of growth by
polymerization and states of fast shrinkage by depolymerization [3].

Switching from growth into shrinkage happens in catastrophe events, whose mechanism and
triggers are not completely understood on the molecular level, but they are associated with a loss
of the GTP-cap by hydrolysis within the MT [4, 5] (see references [6, 7] for reviews). Hydrolysis is
strongly coupled to mechanics of the MT, as is clearly seen in the curling of MT protofilaments
into a “ram’s horn” conformation after the catastrophe and during the shrinking phase [8].
The loss of the stabilizing GTP-cap triggers a release of binding energy and stored mechanical
energy in the tubular MT structure. Therefore, shrinkage following a catastrophe is more than
simple depolymerization of the MT; it is rather a rupture or crack propagation process between
protofilaments, which releases chemical and mechanical energy while it propagates toward the
minus end. The energy released during shrinking has biological functions and can be employed
to exert pulling forces onto kinetochores during separation of MTs in mitosis [9].
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The curling of hydrolyzed protofilaments into a ram’s
horn structure shows that GDP-tubulin dimers have a bent
conformation [8, 10–12]. Tubulin dimers assembled within the
MT body are in a straight conformation, on the other hand
[13]. Hydrolysis of tubulin dimers embedded in a straight MT
causes mechanical strains in the tubular structure because the
surrounding MT lattice prevents these GDP-tubulin dimers from
assuming their preferred bent conformation. This mechanical
strain is released in a catastrophe via the rupture of lateral bonds.

There are different models explaining how the mechanical
strain is increased by hydrolysis or how lateral bonds are
weakened by hydrolysis such that the strained MT becomes
more prone for catastrophes. The first cryo-electron microscopy
(EM) studies showed blunt tips for growing MTs but curved
tips for shrinking MTs [8] suggesting that GTP-protofilaments
are straight while GDP-protofilaments are curved. Later evidence
from cryo-EM showed that GTP-protofilaments are also curved,
but significantly less thanGDP-protofilaments [10]. The allosteric
model is based on the assumption that hydrolysis of a tubulin
dimer changes the dimer conformation from a rather straight
GTP-conformation to a bent GDP-conformation. Hydrolysis of
tubulin dimers embedded in a straight MT causes mechanical
strain in the tubular structure because the surrounding MT
lattice prevents these GDP-tubulin dimers from assuming their
preferred bent conformation. This model was employed in
almost all previous MT simulation models that consider MT
mechanics [14–19]. The lattice model, on the other hand, is based
on evidence from X-ray and cryo-EM structures [20–23] and
simulations [24, 25] that also GTP-tubulin dimers assume a bent
conformation and that hydrolysis rather affects the lateral and
longitudinal dimer interaction energies. It is supported by recent
experimental observations that both growing and shrinking MTs
have bent protofilament ends [26]. Reference [26] also presents
first simulation results with a lattice model. But there is also
recent evidence from molecular dynamics (MD) simulation
pointing in a different direction and supporting an intermediate
model, where hydrolysis affects interactions but also lowers GDP-
tubulin flexibility [27]. If hydrolysis weakens lateral interaction
energies, hydrolysis makes the MT structure more prone for a
catastrophe. While in the allosteric model, the mechanical strain
in the structure is increased by hydrolysis, in the latticemodel, the
mechanical strain that theMT structure can tolerate is reduced by
hydrolysis. In both models, the result is an increased propensity
for lateral bonds to rupture. Therefore, chemomechanical MT
models with explicit bond rupture are a necessity to reproduce
catastrophes. We build on existing modeling approaches based
on the allosteric model [14–19] and include lateral bond rupture
as explicit stochastic events with force-dependent rates, which
can give important clues about how catastrophes are triggered in
the MT structure.

The influence of tubulin dimer hydrolysis onto the mechanics
of the MT lattice suggests that, vice versa, mechanical forces
and torques acting on tubulin dimers via strains in the tubular
structure could also affect hydrolysis rates, an effect which has
been explored only in reference [17] previously. Although this
interplay is plausible from a mechanochemistry point of view,
experimental verification on the dimer level is extremely difficult

and not possible yet, but we can employ chemomechanical MT
models to explore and suggest possible implications for the
dynamic instability.

The coupling between chemical events—namely
polymerization events, dimer hydrolysis, bond rupture—
and mechanical forces because of conformational changes due
to these chemical events, is a characteristic of MTs and requires
chemomechanical MT models on the dimer level in order to
develop a microscopic understanding of their dynamic instability
including catastrophe and rescue events [28]. In this respect,
chemomechanical models go beyond a phenomenological
description of MT dynamics in a four-parameter model based
on growth and shrinking velocities and phenomenological
catastrophe and rescue rates [29]. The challenge for microscopic
chemomechanical models is to include all chemical events as
stochastic processes, to perform conformational relaxation
governed by MT mechanics following each chemical event, and,
eventually, to also include the feedback of mechanical forces
within the MT onto reaction rates of the chemical events.

We present a stochastic chemomechanical MT model on the
dimer level. Our model includes (i) a mechanical model of the
MT containing lateral elastic bonds between tubulin monomers
in neighboring protofilaments and a harmonic bending energy
between tubulin monomers with a non-zero equilibrium angle
after hydrolysis (allosteric model), (ii) stochastic addition and
removal of tubulin dimers, (iii) explicit stochastic lateral bond
rupture and bond formation; the bond rupture rate is coupled
to the mechanical stress state of the bond and thus via elastic
interactions within the MT lattice also to the other bonds, (iv)
stochastic hydrolysis of dimers with a rate that can also couple
to the mechanical bending stress in the dimer. The stochastic
kinetics (ii)–(iv) is handled by aGillespie algorithm and after each
stochastic event, a mechanical energy minimization mimicking
the relaxational dynamics of the structure is applied to the MT.

In order to parameterize our model, we will focus on the
simplified scenarios of a growing MT consisting of GTP-tubulin
only and a shrinking MT consisting of GDP-tubulin only. In
both cases, we can neglect hydrolysis (iv); in the growing
GTP-MT, we can also neglect mechanics, which is generated
by hydrolysis. In the presence of mechanics and hydrolysis,
repeated catastrophe and rescue events are obtained and will
be described and analyzed. One problem in chemomechanical
MT models is the computational effort associated with the
mechanical relaxation. We investigate in detail, which level of
computational effort is necessary in our model to obtain a
sufficient mechanical relaxation following each chemical event,
on the one hand, and which simplifications can be taken to assure
a finite simulation time for growingMTs, on the other hand. This
will allow us to simulate arbitrarily long growing MTs at fixed
computational speed.

Our chemomechanical model has to be compared to previous
modeling approaches, which include the mechanics of the MT
[14–19]:

• References [15, 16] employ the allosteric model for dimer
bending and include stochastic addition and removal
of dimers. Hydrolysis is random. Mechanical energy
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minimization is performed only locally on randomly selected
dimers. Lateral bond rupture is not implemented as explicit
stochastic process but only included using a threshold energy
criterion.

• The models in references [14, 19] focus on mechanics and do
not include dimer addition and removal. They are also based
on the allosteric model but consider fixed hydrolysis states. In
reference [14], the lateral bond energy landscape is harmonic
around a minimum but includes an energy barrier and a
dissociated, i.e., ruptured state. Global energy minimization
gives the final state of the static structure.

• In reference [18], the stochastic kinetics is added to a
mechanical model similar to Molodtsov et al. [14]. Here,
the mechanical relaxation and lateral bond rupture is
performed using Brownian dynamics (which include thermal
fluctuations) with small time steps (equivalent to 2 × 107

minimization steps), which is only applied to 300 tubulin
dimers at the plus end. Stochastic addition of dimers and
removal by rupture of lateral and longitudinal bonds is
included. The rupture of lateral bonds happens by activation
over the bond energy barrier, the longitudinal rupture by a
threshold criterion. Hydrolysis is random and stochastic with
a rate that is independent of mechanics.

• Reference [17] is also based on the allosteric model.
Lateral bond rupture is possible using a threshold criterion.
Mechanical energy minimization was performed globally.
There is no addition or removal of dimers, but hydrolysis
is included. In a first attempt to include a coupling of the
hydrolysis rate to mechanical forces, the hydrolysis kinetics
remained deterministic, however, with the most probable
hydrolysis event determined by mechanical forces. In the
present paper, we will add addition and removal of dimers and
a fully stochastic hydrolysis kinetics.

Our chemomechanical model has also to be compared to
previous purely chemical modeling approaches on the dimer
level but without explicit mechanical model [30–34]. These
models include attachment and detachment of tubulin dimers;
some of these models [32–34] also include lateral bond rupture
and are thus able to produce crack-like catastrophe events. Crack-
like catastrophe events are, however, triggered by adjusting
chemical rupture rates rather than including MTmechanics. The
model byMargolin et al. [33] has successfully reproduced features
of the experimentally observed MT dynamic instability [35] but
relies on a heuristic tuning of simulation parameters.

2. MATERIALS AND METHODS

2.1. Microtubule Structure and Energy
OurMTmodel is formulated on the dimer level. The base units of
the model are alpha- and beta-tubulin monomers. In our model,
we represent each monomer as cylinder with radius rt = 2 nm
and height ℓt = 4 nm (see Table 1). Alpha- and beta-tubulin
monomers form unbreakable tubulin dimers, which are arranged
head-to-tail into protofilaments. Thirteen protofilaments form a
13_3 MT, i.e., a MT with a helical shift of three tubulin monomer
lengths per turn.

TABLE 1 | Geometric parameters of our MT model.

Parameter Symbol Value

Mean MT radius RMT 10.5 nm

Tubulin monomer radius rt 2 nm

Tubulin monomer length ℓt 4 nm

Helical shift between protofilaments 1zh 0.92 nm

Rest length of lateral springs s0 1.47 nm

Straight equilibrium bending angle 1θ0 0◦

Curved equilibrium bending angle 1θ0 11◦

For the remainder of this paper, we will use triples (p, d, t)
to address specific tubulin monomers within the MT with p ∈
{1, 2, . . . , 13} as the protofilament number, d ∈ {1, 2, . . . , d(p)}
as the tubulin layer [with d = 1 denoting the minus end and
d = d(p) denoting the plus end of the protofilament p], and
t ∈ {1, 2} denoting the tubulin monomer within the dimer with
t = 1 for the alpha- and t = 2 for the beta-tubulin monomers.
For simplicity, we assume periodicity in p (i.e., p = 0 ≡ 13 and
p = 14 ≡ 1) and combined periodicity in d and t [i.e., (p, d, 3) ≡
(p, d + 1, 1) and (p, d, 0) ≡ (p, d − 1, 2)]. We will also generally
refer to the lateral neighbors of tubulin monomer (p, d, t) using
(p± 1, d, t) even though at the seam, lateral neighbors differ in all
three indices.

The MT is straight and oriented along the z-axis with the
positive z-direction pointing to the plus end. Vectors Em(p, d, t)
and Ep(p, d, t) point to the to the lower (minus end) and upper
(plus end) circular base of the tubulin monomer (p, d, t). The
direction vector

Ed(p, d, t) = Ep(p, d, t)− Em(p, d, t) = ℓt





cosφ(p) sin θ(p, d, t)
− sinφ(p) sin θ(p, d, t)

cos θ(p, d, t)





(1)
with length ℓt = 4 nm points from Em(p, d, t) to Ep(p, d, t) and is
specified using spherical coordinates, i.e., azimuthal and polar
angles (see Figure 1A). The polar angle θ(p, d, t) is the only
degree of freedom of each monomer, because we assume that
monomers can only be displaced in radial direction, i.e., all
azimuthal angles are fixed to φ(p) = 2π(p−1)/13. As both alpha-
and beta-tubulin have their polar angles as a degree of freedom,
the model supports intra- and inter-dimer curling [36].

At the minus end of the MT each protofilament p starts
with an alpha-tubulin arranged in a circle with mean MT radius
RMT = 10.5 nm and with an offset z(p, 1, 1) = 3ℓt(p −
1)/13 in z-direction, such that the seam is between the 13th
and the 1st protofilament. The protofilament length that will
be used to calculate the growth and shrinkage velocities is
the maximum z-coordinate ℓmax(p) of all tubulin monomers
within the protofilament (see Supplementary Material for more
details). The MT length is given by the average

ℓMT =
1

13

13
∑

p=1

ℓmax(p). (2)
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FIGURE 1 | (A) Schematic illustration of the different vectors with the origin O (The vertical gaps between tubulin cylinders are for illustration purposes only). (B)

Bending angles between the tubulin monomer direction vectors.

Every tubulin monomer has four interaction points: two
in longitudinal direction and two in lateral direction. The
longitudinal bond between alpha- and beta-tubulin monomers
of the same dimer is considered unbreakable but the orientation
of this junction can change via the beta-tubulin’s polar angle
θ(p, d, 2). In contrast, the longitudinal bond between adjacent
tubulin monomers of different dimers can break and is modeled
via the bond energy 1G0∗

long (where the “0” refers to it being

a standard energy [37] and the asterisk to the fact that it also
includes the entropic cost of “immobilization” [30]). The lateral
interaction points are located at the edge of the upper base (see
Figure 1A). If there is a lateral bond between tubulin monomer
(p, d, t) and its neighbor in the (p+ 1)-th protofilament, the bond
is modeled as a harmonic spring with base energy 1G0

lat:

Elat(p, d, t) = 1G0
lat +

1

2
klat

(

|Es(p, d, t)| − s0
)2

(3)

with the spring constant klat of the bond and the vector Es(p, d, t)
connecting the lateral interaction points; s0 ≃ 1.47 nm is the rest
length of the spring (see [17] and also consider the helical shift
between two neighboring tubulin monomers of 3ℓt/13). Lateral
bonds at the seam are assumed to have identical mechanical
properties as other lateral bonds based on evidence that they do
not constitute a weaker bond [22, 38]. Additionally, there is a
lateral repulsion term between neighboring tubulin monomers
(regardless of whether they are bonded or not) to ensure a
cylindrical form [17]:

Erep(p, d, t) = krep
(

|Ep(p, d, t)− Ep(p+ 1, d, t)| − 2rt
)−12

. (4)

The bending of monomer junctions is described by a harmonic
potential with bending constant κ :

Ebend(p, d, t) =
1

2
κ
(

1θ(p, d, t)− 1θ0(p, d, t)
)2
. (5)

The bending angle 1θ(p, d, t) = θ(p, d, t) − θ(p, d, t − 1) (see
Figure 1B) is calculated with the neighboring monomer in the
minus direction [using the periodicity convention in d and t,
(p, d, 0) ≡ (p, d − 1, 2)], and 1θ0(p, d, t) is its equilibrium value.
For hydrolyzed beta-tubulin monomers and for alpha-tubulin
monomers on top of a hydrolyzed beta-tubulin (and for the
first alpha-tubulin monomers of each protofilament if the beta-
tubulin in the same dimer is hydrolyzed), we use a rest angle
1θ0(p, d, t) = 11◦ in order to reproduce the experimentally
measured radius of curvature of 21 nm corresponding to an angle
of 22◦ per dimer for a GDP-protofilament curling into the ram’s
horn configuration [10, 39]. Otherwise (for an unhydrolyzed
beta-tubulin monomer or an alpha-tubulin monomer on top of
an unhydrolyzed beta-tubulin monomer), we assume a straight
equilibrium configuration with 1θ0(p, d, t) = 0◦. This choice
of rest angles implements the allosteric model, where GTP-
hydrolysis leads to bending of tubulin dimers.

Our mechanical MT model is defined by the total energy

EMT =
13
∑

p=1

d(p)
∑

d=1

(

1G0∗
long +

2
∑

t=1

[

Elat(p, d, t)+ Erep(p, d, t)

+ Ebend(p, d, t)
]

)

, (6)

where Elat(p, d, t) only contributes if there is a lateral bond
between tubulin monomers (p, d, t) and (p + 1, d, t) and
Erep(p, d, t) only contributes if tubulin monomer (p, d, t) has a
lateral partner (p+ 1, d, t).

There are four free parameters in our mechanical MT model
(see Table 2): the longitudinal bond energy 1G0∗

long, the lateral

bond energy 1G0
lat, the lateral spring constant klat, and the

bending constant κ . For the repulsion constant krep, we use
the same value krep = 10−6 rad2 nm12κ that has been found
previously to ensure the overall cylindrical shape of the MT and
only contributes a small portion to the MT energy [17].
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TABLE 2 | Free parameters of our MT model and the “standard set” of their

values that we will focus on in the rest of the paper.

Parameter Symbol Standard set of values

Longitudinal bond energy 1G0∗
long −9.3 kBT

Lateral bond energy 1G0
lat −1.58 kBT

Lateral spring constant klat 100 kBT/nm
2

Bending constant κ 149 kBT/rad
2

Pseudo-first-order polymerization rate k+ 4µM−1 s−1

Lateral bond formation attempt rate katt 258 s−1

Constant hydrolysis rate khydr 0.1–0.5 s−1

Base hydrolysis rate k0hydr 1–5 s−1

In the simulationmodel, we do not use this mechanical energy
to calculate forces for a microscopic dynamics, such as Brownian
dynamics on the dimer level (as opposed to [18]). We rather
assume that mechanical relaxation dynamics is fast compared
to chemical changes in the MT due to tubulin attachment and
detachment, bond rupture and formation, or hydrolysis. The
slowest mechanical process is relaxation of bending modes of
protofilaments governed by small restoring bending moments.
The basic time scale for this process can be estimated as
τ ∼ ηℓ3t /κ [40], where η ∼ 10−3 Pa s is the viscosity of
water. This gives τ ∼ 10−10 s, which is orders of magnitude
smaller than typical time scales of seconds for chemical events.
Therefore, even longer protofilaments relax fast compared to
chemical changes. There is additional evidence from Brownian
dynamics that bending mode relaxation is also much faster
than immobilization in cryo-EM [41]. Therefore, we perform a
quasi-instantaneous energy minimization of (6) between these
chemical simulation steps. This is the computationally more
efficient strategy to achieve mechanical relaxation. The rates of all
chemical simulation events themselves determine the dynamics
of the MT and are handled by a Gillespie algorithm as explained
in more detail below.

2.2. Chemical Simulation Events
To simulate the dynamics of MTs, we include attachment of
individual GTP-tubulin dimers and detachment of (laterally
unbonded) tubulin dimers or whole (laterally unbonded)
protofilament segments at the plus end, as well as lateral
bond rupture and formation, and hydrolysis of tubulin dimers
as stochastic chemical events into the simulation; Figure 2A
summarizes the different possible events and the associated rates.

2.2.1. Attachment and Detachment

At the plus end of each protofilament, a GTP-tubulin dimer can
attach with an on-rate

kon = k+ctub (7)

where k+ is the pseudo-first-order polymerization rate and ctub
is the concentration of free GTP-tubulin dimers. The on-rate
is assumed to be independent of the hydrolysis state of the
protofilament end.

FIGURE 2 | (A) Schematic illustration of the different simulation events with

their rates. Dashed lateral bonds can be formed with rate kform, thin solid lateral

bonds can rupture with rate krup, and thick bond cannot rupture. “T” and “D”

correspond to the hydrolysis state of beta-tubulin of the dimers. (B) If the black

tubulin dimer in layer d is affected by an event and dcutoff = 2 was used, all of

the gray (and the black) tubulin dimers are used for energy minimization.

For depolymerization, we assume that a tubulin dimer at the
plus end can only detach if it has no lateral bonds. We also allow
for detachment of whole protofilament segments starting from
an interior dimer [d < d(p)] if the whole segment has no lateral
bonds. Laterally unbounded dimers or segments can detach with
a rate

koff = k+c0 exp
(

1G0∗
long

)

(8)

as given by Kramers theory with the longitudinal standard bond
energy 1G0∗

long (including the entropic cost of “immobilization”)

and the standard concentration c0 = 1M [37].
This approach differs from other models [15, 30, 42], where

tubulin dimers can detach regardless of whether they have lateral
bonds or not. In such models, if a tubulin dimer still has lateral
bonds, its detachment rate decreases exponentially with the
additional lateral bond energies. In our model, we rather include
lateral bond rupture and formation as separate stochastic events
into the simulation (similarly to the purely chemical models in
[32–34]); bond rupture can then be followed by detachment of
laterally unbounded dimers or protofilament segments. Bond
rupture enables dimer detachment and is necessary prior to a
catastrophe; vice versa, bond reformation is necessary for a rescue
event. Therefore, it is essential to also include the process of bond
formation into the model. Moreover, it has been observed in MD
simulations in Kononova et al. [43] that lateral tubulin bonds can
easily reform. The restriction that only laterally unbonded dimers
can detach also causes an indirect increase of the effective off-rate
if the last dimers of a protofilament are hydrolyzed because this
tends to create stretched bonds, which rupture more easily.

2.2.2. Zipper-Like Lateral Bond Rupture and Bond

Formation

We assume that bond rupture between protofilaments starts from
the plus end and proceeds by a rupture front monomer by
monomer toward theminus end; likewise, bonds can be reformed
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only monomer by monomer toward the plus end in a zipper-
like fashion. As a result, we always have a rupture front between
two neighboring protofilaments such that all monomers on top
of the front toward the plus end are ruptured and all monomers
below toward the minus end are intact. If tubulin monomer
(p, d, t − 1) has a lateral bond with its neighbor in protofilament
p+1 but the tubulin monomer on top of it, (p, d, t), has no lateral
bond with this neighbor, the rupture front can recede toward
the plus end, and tubulin monomer (p, d, t) can form a bond
with rate

kform = katt (9)

with the attempt rate katt. Vice versa, if the bond at (p, d, t) is
intact and bond (p, d, t + 1) is broken, the rupture front can
advance toward the minus end by rupturing this bond with a rate

krup = katt exp
(

1G0
lat + 1Gmech

)

(10)

which contains the chemical lateral bond energy 1G0
lat and a

mechanical energy 1Gmech, which accounts for the weakening
of the lateral bond due to mechanical strain in the bond and
enters according to Bell theory [44, 45]. In our model, 1Gmech

is due to the stretching of the Hookean springs representing
the lateral bonds so that 1Gmech = Flatℓrup, where Flat =
−∂Elat/∂|Es(p, d, t)| is the force currently acting on the lateral
bond and ℓrup is the characteristic bond rupture length. We
define ℓrup as the length increase of the lateral bond from its rest
length s0 at which the stretching energy of the spring cancels the
bond energy:

ℓrup =

√

−21G0
lat

klat
. (11)

2.2.3. Hydrolysis Without and With Mechanical

Feedback

Lastly, GTP in beta-tubulin monomers can hydrolyze into GDP
via a random (or scalar) hydrolysis rule meaning that almost
every GTP-tubulin dimer in the MT can hydrolyze with a fixed
rate khydr regardless of the hydrolysis state of its longitudinal
neighbor (which would be a vectorial hydrolysis rule). The
“almost” in the previous sentence refers to the finding that the
polymerization of the tubulin dimer (p, d) and thus the formation
of a longitudinal bond between beta-tubulin (p, d − 1, 2) and
alpha-tubulin (p, d, 1) catalyzes the hydrolysis reaction in beta-
tubulin (p, d − 1, 2) [13]. As a consequence, only GTP-tubulin
dimers that ever had another tubulin dimer on top of them can
be hydrolyzed in our model.

We also consider the possibility that hydrolysis is
mechanochemically coupled to the bending strain [17].
Then, the hydrolysis rate

khydr(p, d) = k0hydr exp
(

−1Ehydr(p, d)
)

(12)

is modulated with a dimer-specific change 1Ehydr(p, d) in the
energy barrier height of the hydrolysis reaction, which depends
on the bending state of dimer (p, d). Because this bending
state also depends via lateral bonds on the bending states in

all neighboring dimers, and because the bending state of all
neighboring dimers strongly depends on their hydrolysis state,
the hydrolysis dynamics becomes effectively non-random but
depends on the hydrolysis state of the neighbors.

The basis for our assumption of a tubulin dimer-specific
mechanochemical hydrolysis rate is to view the equilibrium
bending angle 1θ0 of a dimer as the reaction coordinate
for hydrolysis which can be described by an energy profile
Fhydr(1θ0). Fhydr(1θ0) has two local minima corresponding to
the straight conformation with 1θ0 = 0◦ and the curved
conformation with 1θ0 = 11◦ and a rate-limiting energy
barrier of unknown height 1Fbarrierhydr in between. We propose

that hydrolysis of a tubulin dimer is eased if its actual bending
angle 1θ is closer to the equilibrium angle 1θ0 = 11◦ in the
hydrolyzed state. We model this dependency by adding a dimer-
specific bending energy contribution Ehydr(1θ0) to Fhydr(1θ0),

which changes the energy barrier height from 1Fbarrierhydr to

1Fbarrierhydr +1Ehydr(p, d) (see Figure 3). 1Fbarrierhydr can be absorbed

into the constant rate k0hydr so that only 1Ehydr(p, d) remains in

the Arrhenius factor in (12).
To calculate the change in the energy barrier height

1Ehydr(p, d), we now consider the total MT energy in (6) as a
function of the hydrolysis reaction coordinate 1θ0 while keeping
all polar angles {θ(p, d, t)} fixed. We simply assume that the
energy barrier is centered between theminima at1θbarrier0 = 5.5◦

resulting in

1Ehydr = EMT(1θ0 = 5.5◦)− EMT(1θ0 = 0◦). (13)

Because hydrolysis of tubulin dimer (p, d) affects the rest bending
angles of beta-tubulin monomer (p, d, 2) and alpha-tubulin
monomer (p, d+ 1, 1) and the rest bending angles only affect the

FIGURE 3 | Schematic hydrolysis energy landscape with two local minima

corresponding to the straight conformation (1θ0 = 0◦) and the bent

conformation (1θ0 = 11◦) and an energy barrier 1Fbarrier
hydr at 1θ0 = 5.5◦

between them. 1F release
hydr is the energy released by hydrolysis. The dashed line

represents the modified energy landscape due to the dimer-dependent

contribution Ehydr(1θ0).
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bending energies (5), we finally obtain

1Ehydr(p, d) =
1

2
κ
[

(1θ(p, d, 2)− 5.5◦)2 − 1θ2(p, d, 2)

+ (1θ(p, d + 1, 1)− 5.5◦)2 − 1θ2(p, d + 1, 1)
]

=
1

2
κ
[

−(1θ(p, d, 2)+ 1θ(p, d + 1, 1)) · 11◦

+ 2 · (5.5◦)2
]

(14)

so that only a local bending energy change has to be calculated.
As a result, tubulin monomers in the MT lattice with larger
bending angles 1θ(p, d, t) tend to hydrolyze preferentially. For
the terminal tubulin dimer of a protofilament (p, d(p)), the d+ 1-
term in (14) is missing because tubulin monomer (p, d(p)+ 1, 1)
does not exist. This results in an overall smaller energy barrier
and, thus, a higher hydrolysis rate of the terminal tubulin dimer.

We also see that the base hydrolysis rate k0hydr in (12) is not

the hydrolysis rate for a perfectly straight MT [1θ (p, d, t) = 0◦

for all tubulin monomers] because there is still the constant
contribution κ(5.5◦)2 to the energy barrier in (14) that reduces
the hydrolysis rate. As these terms are proportional to the
bending constant κ , we cannot simply absorb them into the
constant factor k0hydr.

We note that for almost all GTP-tubulin dimers in the GDP-
body of the MT, we will typically find negative bending angles;
these dimers bend inward in order to allow the longitudinal GDP-
dimer neighbors to further bend outwards. For such negative
bending angles the hydrolysis rate is reduced according to (14).

In addition to the previous four free parameters from the
MT energy, the simulation events add three additional free
parameters: the pseudo-first-order polymerization rate k+, the
attempt rate katt, and the hydrolysis rate khydr (or k

0
hydr). In total,

there are now seven free parameters, which are listed in Table 2.

2.3. Simulation and Parameter
Determination
The actual MT simulation (implemented in C++) works
as follows:

1. Initially, a MT with NGDP GDP-tubulin dimers followed by
NGTP GTP-tubulin dimers per protofilament is constructed
with θ(p, d, t) = 0◦ for all (p, d, t).

2. Using the tubulinmonomers’ polar angles {θ(p, d, t)}, theMT’s
actual initial configuration is determined by minimizing its
mechanical energy. Details on the minimization procedure
will be discussed in the next section.

3. For all of the events described in the previous section, a list
of possible events is determined and based on their rates ki,
a “tentative” event time ti is calculated using Gillespie’s first
reaction method [46]:

ti =
1

ki
ln

1

r
(15)

where r is a uniformly distributed random number from 0 to
1. The event i with the shortest event time ti is executed and
the simulation time is increased by ti.

4. Assuming fast mechanical relaxation the MT’s energy is
minimized after any event.

5. The simulation terminates if a protofilament is shorter than
two tubulin dimers.1 Otherwise we go back to the third step to
determine the next event.

There is a general agreement between different experiments
[3, 47–52] that the MT growth velocity vgro increases linearly
with the tubulin dimer concentration ctub and that the shrinkage
velocity vshr is independent of ctub. We will use the results by
Walker et al. [47], which were measured for ctub ∈ [7.7, 15.5 µM],

vgro(ctub) = (0.33± 0.01)
µm

min µM
ctub − (1.59± 0.50)

µm

min
,

(16)

vshr = (−27± 1)
µm

min
, (17)

and lead to an individual critical concentration ctub,c ≃ 5 µM
(below which vgro < 0).

To determine the values of the model parameters, we use a
“divide and conquer” approach [15, 30]. First, we consider MT
growth, where mechanics are assumed not to play a significant
role as protofilaments are not curling outward so that 1Gmech =
0. Thus, we use a GTP-only MT (NGDP = 0) and set klat = 0
and κ = 0 so that the only free parameters left are k+, 1G0∗

long,

1G0
lat, and katt. The goal of these simulations is to reproduce the

measured growth velocity in (16) as function of the free tubulin
dimer concentration ctub. Secondly, we consider MT shrinkage,
where mechanics are now assumed to play a significant role, i.e.,
klat > 0 and κ > 0. For a shrinking MT, we use NGTP = 0,
NGDP > 0, and the parameter values already determined by the
growth simulations to reproduce the shrinkage velocity in (17).
In both cases, hydrolysis is ignored. A schematic overview of
the entire parameter determination procedure can be found in
Figure S7 in the Supplementary Material.

Comparing the number of free parameters and the amount
of experimental data, we can already predict that we will
not be able to determine one set of fixed parameter values
but only restrict some parameter values to specific values if
other parameter values are set to (arbitrarily but reasonably)
chosen values. We will discuss this issue in more detail in
the conclusion.

2.4. Energy Minimization
In previous three-dimensional models, different energy
minimization approaches have been used. VanBuren et al. [15]
used a local minimization approach in which they randomly
selected individual tubulin dimers and then only locally

1To calculate shrinkage velocities of shrinkage simulations via a simple linear fit,
it has proven to be easier to stop simulations if a protofilament still contains one
tubulin dimer instead of zero tubulin dimers as the last tubulin dimer requires
more time to depolymerize creating a “tail” in the length-vs.-time plot. This time
increase is due to lateral springs being stretched less because there is no additional
tubulin dimer below the terminal tubulin dimer that would exert an additional
bending moment. In practice, for determining parameters and when running full
simulations, this first layer at the minus end is irrelevant and could be regarded as
a “seed” on which the MT grows.
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minimized with respect to the parameters of this dimer.
On average, each tubulin dimer was visited three times for
minimization. Zakharov et al. [18] employed a completely
different approach by explicitly modeling the stochastic motion
of tubulin monomers in space using Brownian dynamics
(applied to the first 300 tubulin dimers at the plus end).
They solve Langevin equations every 2× 10−10 s while using
10−3 s as the time step for the events in their simulation
resulting in O(107) dynamics steps between actual events.
Using a parallel implementation run on a supercomputer,
their simulation took more than a day to simulate 1 s of MT
dynamics. There are drawbacks for both approaches: a local
energy minimization scheme might not come close enough to
a mechanically relaxed configuration, whereas a full Brownian
dynamics simulation is computationally very costly. In this
paper, we employ a systematic mechanical energy minimization
between each stochastic chemical simulation event. We try to
achieve a better mechanical energy relaxation than VanBuren
et al. [15] with significantly less computational steps than
Zakharov et al. [18].

In our simulation, we use the Broyden–Fletcher–Goldfarb–
Shanno (BFGS) algorithm, a quasi-Newton method, provided
by the GNU Scientific Library (GSL) [53] to minimize the total
mechanical MT energy in (6) as a function of the polar angles
{θ(p, d, t)}. If each protofilament in the simulated MT contains
NGDP + NGTP tubulin dimers, there are a total of 26(NGDP +
NGTP) polar angles and thus the same number of minimization
parameters. In realistic simulations, MTs can stay in the growing
phase for a very long time resulting in an unbounded increase in
the number ofminimization parameters drastically slowing down
the simulation. In essence, the average time for one minimization
step increases with the MT length in this scenario making long-
running simulations impossible.

To overcome this limitation, we will explore two
possibilities to avoid having a MT length-dependent number of
minimization parameters:

1. restricting the number of minimization steps per energy
minimization to a small value but still considering all
minimization parameters (this approach is similar to the
strategy in [15]),

2. restricting the number of minimization parameters by only
considering the tip of the MT but not restricting the number
of minimization steps.

While the first strategy is easy to understand and implement,
the second needs further specifications in terms of how we
define the tip of the MT here. If a certain event is executed
that affects tubulin dimer (p, d), we include all layers starting
from min(0, d − dcutoff) in the mechanical energy minimization
because mechanical interactions within the MT have a certain
range; dcutoff is a cutoff layer distance (see Figure 2B).

Below, we will compare these approaches of restricted
minimization with respect to accuracy and speed and find that
we obtain accurate energy minimization at a high simulation
speed by using the second approach and restricting the number
of minimization parameters with dcutoff = 10. We can compare
with the approaches of Zakharov et al. [18] and VanBuren et

al. [15] in terms of the average number of minimization steps
between chemical events.

Zakharov et al. [18] use O(107) Brownian dynamics steps
between events and restrict the number of simulation parameters
to 300 tubulin dimers at the plus end. With dcutoff = 10 we
minimize on average with respect to a comparable number of
150 tubulin dimers at the plus end. To compare the efficiency,
we consider a single quasi-Newton minimization step in our
simulation to be equivalent to one time step of their Brownian
dynamics (if we ignore the random thermal fluctuations in their
Langevin equations, they are basically using a gradient descent
method). We compare our event time ti divided by the number
of minimization steps after the execution of that event to their
Brownian dynamics time step of 2× 10−10 s. For shrinking
MTs, one minimization step takesO(10−5 s) after polymerization
events, O(10−4 s) after depolymerization events, and O(10−7 s)
after lateral bond events; all of these time steps are orders of
magnitude larger than 2× 10−10 s and, thus, the simulation
proceeds orders of magnitude faster, while we still achieve an
accurate energy minimization. As a comparison with the 1 s
of MT dynamics simulated in more than a day in a parallel
computation in reference [18], we generally do not require more
than a few hours for 1min of MT dynamics (for a constant
hydrolysis rate) using just a single CPU core.

VanBuren et al. [15] apply a local minimization procedure
and restrict minimization to, on average, three minimizations
with respect to the parameters of each dimer. Because one step
of their algorithm minimizes with respect to the parameters
of a single tubulin dimer, a comparison to our quasi-Newton
minimization steps which minimize the MT energy with respect
to the parameters of, on average, O(150) tubulin dimers is
not straightforward. In addition, VanBuren et al.’s model also
contains longitudinal springs so that outward bending of single
tubulin dimers as a consequence of local minimization can be
compensated by stretching the next longitudinal spring. As our
model does not contain such longitudinal springs, bending one
tubulin dimer causes the whole protofilament part above the
tubulin dimer to also bend outwards creating an effectively non-
local, far-reaching interaction. Consequently, we are not able to
also implement a local minimization procedure for comparison.
To make a qualitative comparison between the two approaches,
we assume that one minimization step of our BFGS algorithm,
which acts on average on 300 parameters, i.e., 150 tubulin
dimers, corresponds to 100 single tubulin dimer minimizations
in the model of reference [15] as they consider three parameters
per tubulin dimer. Between chemical events, we perform on
average 150 BFGS minimization steps, which corresponds to
1.5 × 104 single tubulin dimer minimizations in reference [15].
Therefore, we apply the equivalent of 15, 000/150 = 100 single
tubulin minimizations to each of the 150 tubulin dimers close
to the plus tip on average as compared to three single tubulin
dimer minimizations in the simulation model of reference [15].
Accordingly, we should achieve a more accurate mechanical
energy relaxation.

We also compared our chosen minimization method,
the BFGS algorithm, against the other multidimensional
minimization algorithms using derivatives provided by GSL [53],
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including the conjugate gradient method, and found the BFGS
algorithm to perform better. In particular, to fully minimize the
initial configuration of a MT with NGDP = 20 and NGTP = 0,
BFGS only required about a third of the time compared to the
next best algorithm, a conjugate gradient method.

3. RESULTS

3.1. GTP-Microtubule Growth and Model
Parameterization
MT growth mainly depends on the four parameters k+, 1G0∗

long,

1G0
lat, and katt, because the growing MT tip mainly consists

of straight GTP-tubulin dimers. Therefore, we consider growth
of a GTP-only MT (NGDP = 0) in the absence of hydrolysis
and set klat = 0 and κ = 0 so that the only free
parameters left are k+, 1G0∗

long, 1G0
lat, and katt. For k+ =

2 µM−1 s−1 and k+ = 4 µM−1 s−1, we scanned the parameter
space (1G0∗

long,1G0
lat, katt) in steps 11G0∗

long = 0.2 kBT to

find parameter values that reproduce the experimental growth
velocity data of Walker et al. in (16). The growth velocity vgro
for each simulation was determined by fitting ℓMT(tsim) with
a linear function. Experiments on MT growth show a linear

dependence vgro(ctub) = agroctub + bgro characterized by two
parameters agro and bgro from (16). If simulations reproduce a
linear dependence of vgro as a function of ctub, we can determine
two of the three model parameters (1G0∗

long,1G0
lat, katt) by

fitting to the experimental data (16) for agro and bgro, i.e., two
experimental constraints fix two model parameters as a function
of the third parameter. This will allow us to parameterize a one-
dimensional sub-manifold (a line) within the three-dimensional
parameter space (1G0∗

long,1G0
lat, katt) where our model agrees

with experimental growth data. This procedure is conceptually
analogous to the approach of VanBuren et al. [30], but we
work in a higher-dimensional (three-dimensional) space of
model parameters.

As a result, we obtain a line in the three-dimensional
parameter space, which we parameterize by 1G0∗

long, i.e., for a

given value of 1G0∗
long, a value of 1G0

lat (see Figure 4A) and a

value of katt (see Figure 4B) is determined by the experimental
growth data.

Afterwards, we will fix a particular value of 1G0∗
long by the

additional requirement that the simulation should exhibit an
as linear as possible concentration dependence of the growth
velocity vgro over a certain range of tubulin concentrations
ctub (see Figure 4D) such that we arrive at parameter sets

FIGURE 4 | (A) Lateral bond energy 1G0
lat as a function of the longitudinal bond energy 1G0∗

long from matching the concentration-dependent growth velocity data from

Walker et al. [47], see (16). To compare our lateral bond energies (per tubulin monomer) to other publications (lateral bond energy per tubulin dimer), the y-axis shows

21G0
lat. (The numbers behind reference [30] refer to their value of k+.) (B) Lateral bond attempt rate katt as a function of the longitudinal bond energy 1G0∗

long for our

two values of k+ from matching the concentration-dependent growth velocity data from Walker et al. [47], see (16). (C) Relative occurrence of different ddepoly values

for MT growth with k+ = 4µM−1 s−1 and ctub = 10µM. The inset shows the average ddepoly as a function of 1G0∗
long for k+ = 4µM−1 s−1 and ctub = 10µM and also for

ctub = 16µM. (D) MT growth velocity vgro as a function of a larger interval of free tubulin dimer concentration values ctub for k+ = 4µM−1 s−1 and different longitudinal

bond energies 1G0∗
long. We also plot (16) from the growth velocity data from Walker et al. [47] over the larger concentration interval.
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(1G0∗
long,1G0

lat, katt) for k+ = 2 µM−1 s−1 and k+ = 4 µM−1 s−1

(see Table 3).
The results in Figure 4A show that the values of 1G0∗

long and

1G0
lat depend only weakly on our chosen k+ values. Figure 4A

also shows that our data matches results obtained in [30] (this
data was later re-used in [15, 16, 54]) but also differs from other
results [31, 55], which were all obtained by the same approach
of fitting growth velocity data from Walker et al. [47] (or their
own growth data in [55]). Kononova et al. [43] obtained bond
energies fromMD simulations of nano-indentation experiments;
the values from Kononova et al. [43] are much larger for both
types of bonds (1G0∗

long ∼ 21G0
lat ∼ 25kBT) and, thus, not shown

in Figure 4A.
Qualitatively, the measured dependencies of 1G0

lat and katt on

1G0∗
long can be understood as follows: the weaker longitudinal

bonds are, the more likely it is that a tubulin dimer will
depolymerize. To get the same growth velocity, this decrease in
“longitudinal stability” has to be compensated by an increase in
“lateral stability” by stronger lateral bonds (making it less likely
that lateral bonds break and, thus, enabling depolymerization) or
faster formation of lateral bonds (to stabilize newly polymerized
tubulin dimers). Figure 4C shows the number of tubulin dimers
ddepoly that detach at once during depolymerization events. For
increasingly stronger longitudinal bonds and, thus, weaker lateral
bonds, multi-dimer depolymerization becomes more relevant.
The data in the inset in Figure 4C is also compatible with results
in reference [33] obtained with a purely chemical model.

Until now, we only considered free tubulin dimer
concentrations ctub ∈ [7, 16 µM] to use similar values as
Walker et al. [47], but there have also been other measurements
with a larger range of ctub values [3, 48, 51, 52]. In general, it is
assumed that the growth velocity vgro increases linearly with ctub
for the whole MT just as the polymerization rate in (7) increases
linearly with ctub for individual protofilaments. Theoretically,
it has been shown that, for multistranded polymers, lateral
interactions give rise to a non-linear relation between growth
velocity on monomer concentration [56]. For MT growth, a
non-linear dependence on tubulin concentration was found in
reference [31] using a two-dimensional model based on reference
[30]. Over a larger range of ctub values, our simulations also
exhibit a non-linear relation between vgro and ctub depending on
the value of 1G0∗

long, as shown in Figure 4D. Data for different

values of 1G0∗
long (and correspondingly adjusted values of 1G0

lat

and katt, see Figures 4A,B) and the same value of k+ that was
previously overlapping in the interval ctub ∈ [7, 16 µM] start to
differentiate in a larger concentration interval. While possible

TABLE 3 | Growth parameter values that generate the most linear dependence

vgro(ctub).

k+ (µM−1 s−1 ) 2 4

1G0∗
long (kBT) −9.7 −9.3

1G0
lat (kBT) −1.38 −1.58

katt (s
−1) 281 258

non-linear relations have been predicted theoretically, the
available experimental data show a linear vgro(ctub) dependence
over a large range of ctub values [3, 48, 51, 52]. Therefore, we
determined the remaining free parameter value of 1G0∗

long for

the two k+ values from the condition that the concentration
dependence of vgro is as linear as possible up to 50 µM. To
determine these values of 1G0∗

long, we ignored concentrations

ctub below the individual critical concentration (for which
vgro < 0) which violate our fundamental assumption of a
growing MT.

In summary, we find a triple (1G0∗
long,1G0

lat, katt) that fits the

growth velocity data fromWalker et al. [47] and that gives a linear
concentration dependence over a wide tubulin concentration
range for two representative values of k+. Table 3 lists these
parameter triples for k+ = 2 µM−1 s−1 and k+ = 4 µM−1 s−1. For
a given k+, these results fix four of the seven model parameters in
Table 2 using experimental data on MT growth. To address the
parameters κ and klat, we now turn to MT shrinkage.

3.2. GDP-Microtubule Shrinkage and
Model Parameterization
As opposed to MT growth, MT shrinkage also depends on the
bending constant κ and spring constant klat as protofilament
curling and bond rupture become relevant processes for a
shrinking MT. We consider a shrinking MT that initially only
consists of GDP-tubulin dimers (NGTP = 0, NGDP > 0)
with parameter values k+, 1G0∗

long, 1G0
lat, and katt as already

determined by the growth simulations and in the absence of
hydrolysis (a shrinking, initially GDP-only MT acquires some
GTP-dimers by attachment but remains GDP-dominated). To
investigate shrinkage, MTs with NGDP = 20 and NGTP = 0 were
used. For each parameter set, 20 simulations were run to get an
average shrinkage velocity vshr. Experimental data on shrinking
MTs show a shrinkage speed vshr that is independent of the
tubulin dimer concentration. For each value of k+, we should be
able to determine one of the two parameters (κ , klat) as a function
of the other parameter by fitting such that the experimental
value of the shrinkage velocity is reproduced in simulations (for
parameters 1G0∗

long, 1G0
lat, and katt fixed by the growth velocity

data). We use the experimental shrinkage velocity of Walker et
al., see (17), for this fitting procedure.

Figures 5A,B show the values of klat and κ for k+ =
2 µM−1 s−1 and k+ = 4 µM−1 s−1 and different values of 1G0∗

long

that reproduce the experimentallymeasured shrinkage velocity in
(17). All data points for each 1G0∗

long fall on square root functions

κ(klat) = ashr
√

klat + bshr. (18)

This functional dependence can be understood qualitatively by
considering themechanical contribution to the bond rupture rate
(10), exp(Flatℓrup), which, on average, should have the same value
for all mechanical parameter combinations to produce the same
shrinkage velocity. As the characteristic bond rupture length in

(11) depends on klat as ℓrup ∼
√

klat
−1

, the average lateral bond
force at rupture should depend on klat like Frup ∼ klatℓrup ∼
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FIGURE 5 | Mechanical parameter values reproducing the experimentally measured shrinkage velocity in (17) for (A) k+ = 2µM−1 s−1 and (B) k+ = 4µM−1 s−1 and

different values of 1G0∗
long. (C) Force on lateral bonds at rupture Frup as a function of klat for k+ = 2µM−1 s−1 with 1G0∗

long = −9.5 kBT and k+ = 4µM−1 s−1 with

1G0∗
long = −9.0 kBT, both at ctub = 10µM. (D) Rupture energy Frupℓrup of lateral bonds as a function of klat for the same parameters as in (C). (E) Shrinkage velocity

vshr as a function of the free tubulin dimer concentration ctub for k+ = 4µM−1 s−1, 1G0∗
long = −9.3 kBT, and different values of klat and linear fits vshr(ctub).

√

klat. The lateral bond force Flat is a consequence of the lateral
bonds stretching as the tubulin monomers curl outward to
decrease the bending force Fbend = κ

(

1θ(p, d, t)− 1θ0(p, d, t)
)

,

which leads to Frup ∼ Fbend ∼ κ resulting in κ ∼
√

klat in
accordance with Figures 5A,B.

Figure 5C confirms that the average force on lateral bonds
at rupture 〈Frup〉 has the functional dependence 〈Frup〉 ∼

√

klat
predicted by our above qualitative argument (〈Frup〉 and error
bars σFrup were determined by fitting normal distributions to
the histogram of the lateral bond rupture forces collected for
20 shrinkage simulations per parameter set with NGDP =
20). Also, the resulting mechanical contribution Frupℓrup for
the exponential function of the lateral bond rupture rate in
Figure 5D is approximately constant as expected from our
above argument.

As the experimentally measured shrinkage velocity vshr does
not depend on the free tubulin dimer concentration ctub, we used
constants to fit our vshr(ctub) data. In reality, however, our data
shows a linear dependence between vshr and ctub as shown in
Figure 5E corresponding to a slowing down of depolymerization.
This is caused by an increased probability for intermediate
addition of tubulin dimers and lateral bond formation between
them; these lateral bonds require additional time to rupture.
While this dependency of vshr on ctub will have a small influence
on the concrete value of the shrinkage velocity, we expect it to not
have any qualitative effect on the overall MT dynamics. At higher
tubulin concentrations, where the decrease of |vshr(ctub)| would
become significant, the catastrophe rates decrease dramatically
so that shrinking will rarely occur.

Comparing our results from Figures 5A,B to other results is
not always directly possible due to different modeling approaches
but most find that klat≪1.000 kBT/nm2 and κ ≪1.000 kBT/rad2

[15, 57, 58], with some exceptions [43, 59]. Previously, we used
MD simulation data from Grafmüller et al. [60] to calculate the
bending constant κ [17]. Compared to reference [17], we have
to adjust the calculation to consider both inter-dimer and intra-
dimer bending resulting in κ ≃ 50 kBT/rad2. MD simulation in
Kononova et al. [43], on the other hand, give a persistence length
of individual protofilaments of Lp ≃ 6 µm, which corresponds
to a significantly larger value of κ ≃ 1.500 kBT/rad2 for the
bending constant. This discrepancy cannot be resolved at present.
We use κ = 149 kBT/rad2 in the following together with
the corresponding value of klat = 100 kBT/nm2 according to
Figure 5B which are values close to the ones used by VanBuren
et al. [15].

3.3. Restricted Energy Minimization for
Efficient Simulation
Until now, energy minimization was not restricted by either a
maximum number of minimization steps or by only considering
a subset of tubulin dimers at the MT tip so that we will consider
this unrestrictedminimization as the “gold standard” to which we
will compare the two restricted energy minimization approaches
described in section 2.4. We use the shrinkage velocity vshr as the
observable by which we judge the relevant cutoff values in the
two approaches.

For restricting the number of quasi-Newton minimization
steps, Figure 6A shows that an acceptable maximum number of
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FIGURE 6 | (A) Shrinkage velocity vshr as a function of the maximum number of minimization steps. (B) Shrinkage velocity vshr as a function of the layer cutoff

distance dcutoff (where dcutoff = ∞ means that no cutoff was used). Twenty simulations for each parameter set were run for both plots and both used k+ = 4µM−1 s−1,

1G0∗
long = −9.3 kBT, ctub = 10µM, NGDP = 20, and different values of klat.

minimization steps reproducing vshr = −27 µm/min depends
on the chosen mechanical parameters as the higher their values
are, the greater the energy and its gradient. A maximum number
of minimization steps of around 100 should be an appropriate
value according to the results shown in Figure 6A. The results in
Figure 6A also show that reducing the number of minimization
steps by a factor of 10 can lead to deviating growth velocities.
Therefore, the improved energy relaxation that we obtain in
comparison to reference [15] by applying the equivalent of one
order of magnitude more minimization steps should be relevant.

If minimization is restricted to a subset of minimization
parameters at the tip of the simulated MT, this subset is defined
by the cutoff distance dcutoff. To have a maximum improvement
in simulation speed, dcutoff should be as small as possible. It is
evident from the data shown in Figure 6B that values dcutoff < 5
have a detectable influence on the shrinkage velocity. We also ran
some simulations with NGDP = 50 and also for k+ = 2 µM−1 s−1

(see Figure S8 in the Supplementary Material) and based on all
data, we choose dcutoff = 10 as a conservative value for the
cutoff distance.

In summary, we are more confident in the second approach to
only minimize the MT tip where actual conformational changes
happen, because for this subset, the restricted energy is fully
minimized. Additionally, the first approach still has the issue
of slowing down with an increasing number of minimization
parameters as all minimization parameters are considered. The
second approach ensures that the number of minimization
parameters does not scale with the MT length but remains
bounded, which assures that we can simulate arbitrarily long
growing MTs at a fixed minimal computational speed. In the
first approach, the quality of the minimization will probably
also decline because the number of minimization parameters
increases while the number of minimization steps is kept
constant. Lastly, the first approach, in contrast to the second
approach, does not guarantee that the upper, i.e., the dynamic
part of the MT is properly minimized.

We also note that in the presence of mechanical feedback
onto hydrolysis, simulations take longer because minimizations
after hydrolysis events need to consider more tubulin dimers if
the hydrolyzed tubulin dimer is relatively deep in the MT lattice
(see Supplementary Material for more details).

3.4. Full Simulations Exhibit Repeated
Catastrophe and Rescue Events
Based on the previous section on energy minimization, we
use dcutoff = 10 for full simulations in which the initial
MTs have both a GDP-body and a GTP-cap, thus NGDP >

0 and NGTP > 0. We now aim for realistic MT dynamics
with repeated phases of growth and shrinkage in the same
simulation and catastrophe and rescue events in between. First,
we only consider strictly random hydrolysis with a hydrolysis
rate khydr that is independent of tubulin dimers’ position or
mechanical forces and which is another unknown free parameter
in our model. Hydrolysis coupled to mechanics via (12) will be
considered later.

It poses a computational challenge for chemomechanical MT
models to reach time scales of MT dynamics where repeated
catastrophe events occur at realistic hydrolysis rates khydr and
tubulin dimer concentrations ctub. In reference [18], where
mechanics was implemented via full Brownian dynamics, only
short times scales could be reached (although the Brownian
dynamics was applied to only 300 tubulin dimers at the plus end).
Therefore, they increased the hydrolysis rate from their “normal”
value of 0.5 s−1 (based on the 2 s delay between polymerization
and phosphate release measured by [61], which is also used by
[62]) into a range of 3–11 s−1 in order to trigger catastrophe
events within computationally accessible time scales. They found
a linear scaling of catastrophe rate with khydr and employed
a linear extrapolation to obtain catastrophe rates for realistic
hydrolysis rates (see their Figure 3A). In our simulations, we
observe that increasing khydr beyond a certain (ctub-dependent)
value leads to immediate MT shrinkage because the initial cap
quickly hydrolyzes; this can be interpreted as an instantaneous
catastrophe. In such cases (like in Figure 7 for ctub = 7 µM
and khydr = 0.5 s−1), there is no real growth phase based on
which a catastrophe frequency could be determined. For these
hydrolysis rates, the individual critical concentration ctub,c (where
vgro = 0 is reached) has apparently increased above the given
tubulin concentration.

The experimental data on the hydrolysis rate is limited, so
that many publications determine the hydrolysis rate themselves
by matching simulation results with experimental data [16, 30–
33, 63–65]. There are, however, more direct measurements in
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FIGURE 7 | The MT length ℓMT was measured as a function of the simulation time tsim for 20 different simulations with k+ = 4µM−1 s−1, 1G0∗
long = −9.3 kBT,

klat = 100 kBT/nm
2, seven different values of ctub, and five different values of khydr. MT growth trajectories for three additional ctub values can be found in

Figure S9 in the Supplementary Material.

Melki et al. [61]. In most models and also in measurements from
Melki et al. [61], the (random) hydrolysis rate is in the range of
0.1–0.5 s−1 (reference [30] use a relatively high value of 0.95 s−1).
We explore exactly this range of hydrolysis rates, see Figure 7.

Figure 7 shows MT growth curves (length vs. time) over
simulation times up to tsim = 10min for several representative
tubulin concentrations and realistic hydrolysis rates. MT growth
trajectories as in Figure 7 for other klat values can be found in
Figures S10–13 in the Supplementary Material. Simulations in
Figure 7 were started with NGTP = 10 and NGDP = 20, but
results are largely independent of the initial ratio NGTP/NGDP

(see, e.g., Figure S11 in the Supplementary Material).
Our chemomechanical MT model is computationally efficient

such that we can determine catastrophe and rescue rates as
inverse average growth and shrinking times between repeated
catastrophe and rescue events. In the Supplementary Material,
we explain the algorithm that we used to identify catastrophe
and rescue events and, thus, growth and shrinking times from
MT simulation trajectories in detail. The results are shown in
Figure 8. In comparison to typical experimental data [47, 67],
the decrease of the catastrophe rate with tubulin concentration
seems too steep. Current phenomenological models for the MT

catastrophe rate as a function of tubulin concentration can be
found in Flyvbjerg et al. [68] and Zelinski and Kierfeld [69],
experimental data in Walker et al. [47] and Janson et al. [66]; the
decrease of the catastrophe rate with GTP-tubulin concentration
ctub appears steeper in the simulation for all hydrolysis rates
khydr = 0.1–0.5 s−1.

In the following, we will discuss two aspects of MT growth
and catastrophes in more detail, namely the dependence
of growth velocity on hydrolysis rate and the detailed
dynamics within single catastrophe events, which become
accessible within a computational model and are impossible to
address experimentally.

3.5. Growth Velocity Reduces Linearly With
Hydrolysis Rate Because of Cap Structure
So far, we parameterized the model by fitting the growth velocity
of GTP-only MTs, i.e., in the absence of hydrolysis to the
experimentally measured velocity in (16). Hydrolysis reduces
this growth velocity by increasing the probability of GDP-
dimers at the plus end. This increases the rate of bond rupture
because hydrolyzed dimers tend to create stretched bonds which
rupture more easily (there is no direct increase of the off-rate
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FIGURE 8 | (A) Catastrophe rate ωcat and (B) rescue rate ωres as a function of GTP-tubulin concentration ctub and in comparison with experimental data from Walker

et al. [47] and Janson et al. [66].

FIGURE 9 | Growth velocity vgro as a function of (A) the free tubulin dimer concentration ctub for different hydrolysis rates khydr and as a function of (B) the hydrolysis

rate khydr for different free tubulin dimer concentrations ctub in comparison to the experimental data from Walker et al. [47]. (C) Average GTP-tubulin cap length 〈Ncap〉 of
protofilaments and (D) fraction of protofilaments without a GTP-cap as a function of the hydrolysis rate khydr. The standard set of parameters from Table 2 was used.

for hydrolyzed GDP-dimers in our model). As only laterally
unbounded dimers can detach, hydrolyzed GDP-dimers at the
plus end have an effectively higher detachment rate.

The last row of Figure 7 indicates and Figure 9B shows
explicitly that increasing the hydrolysis rate decreases the growth
velocity linearly although the growth reduction mechanism
is indirect via the increased probability of bond rupture for
hydrolyzed GDP-dimers. Our model parameterization was such
that we obtain the experimentally measured growth velocities by
Walker et al. [47] at khydr = 0 s−1 in Figure 9B. Nevertheless,
Figure 9A shows that there is still a linear relation between the
free tubulin dimer concentration ctub and the growth velocity
vgro so that it is possible to re-adjust parameters to reproduce the

growth velocity in the presence of hydrolysis, once a particular
hydrolysis rate can be reliably selected.

Because both the dependence on tubulin concentration in
Figure 9A remains linear and the reduction by the hydrolysis rate
in Figure 9B is linear, we also expect that the individual critical
concentration (where vgro = 0 is reached) increases linearly with
the hydrolysis rate beyond the value ctub,c ≃ 5 µM of Walker
et al. [47]. Figure 7 clearly shows that increasing khydr actually

increases the individual critical concentration ctub,c.
2

2The individual critical concentration can be read off from Figure 7 as the
concentration below which immediate MT shrinkage sets in.
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FIGURE 10 | Lengths of two MTs as a function of simulation time tsim with k+ = 4µM−1 s−1, 1G0∗
long = −9.3 kBT, klat = 100 kBT/nm

2, and (A) ctub = 8µM and

khydr = 0.1 s−1 and (C) ctub = 9µM and khydr = 0.2 s−1. The insets highlight parts of the trajectories of interest for the dynamics and color-code the probability of the

ℓMT(tsim) curve to stay quantitatively the same at the relevant point in time if new simulations are started with the relevant configuration as the initial configuration (for

more details, refer to the text). (B) shows the two-dimensional representations of certain MT tip configurations that are marked by arrows in the insets of (A,C)

(configuration 4* has been shifted toward the MT tip by 24 tubulin dimer lengths). The first protofilament is the periodic image of p = 13 and the last protofilament is

the periodic image of p = 1. Lateral bonds are represented by the thick black line between protofilaments.

The mechanism of growth velocity reduction by hydrolysis
can be further elucidated by comparing the average GTP-tubulin
cap length 〈Ncap〉 of protofilaments (see Figure 9C), and the
fraction of protofilaments without a GTP-cap (see Figure 9D):
The higher the hydrolysis rate is, the smaller the GTP-cap and the
higher the fraction of cap-less protofilaments is.3 The increase in
GDP-tubulin dimers depolymerizing from the protofilament tips
for higher hydrolysis rates is due to an increase in the probability

3As the cap lengths shown in Figure 9C are averaged over the whole duration of the
simulations, these cap lengths also average over growth and shrinkage phases. As
cap lengths are shorter during shrinkage than growth, the cap lengths in Figure 9C

can be regarded as a lower limit on the average cap length during MT growth.

of uncapped protofilaments with the hydrolysis rate as shown in

Figure 9D. In reference [70], dependencies 〈Ncap〉 ∝
√

ctub/khydr

and p(Ncap = 0) ∝ khydr/ctub have been predicted, which are in
agreement with Figures 9C,D.

3.6. Detailed Dynamics Within Single
Catastrophe and Rescue Events
The chemomechanical model reproduces realistic MT dynamics
including catastrophe and rescue events. Figure 10 shows typical
MT growth paths featuring two catastrophe events and a rescue
event in subfigure (C). Moreover, we observe “dips” in the
growth path where a short phase of shrinking appears, which are
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similar to “stutter” events that have been observed in reference
[35]. Videos of these two simulations with two- and three-
dimensional representations of the MT structure can be found
in the Supplementary Material.

Using our computational model, we can systematically
identify the point in a MT growth path, where a catastrophe
becomes structurally unavoidable. This allows us to search for
typical catastrophe-triggering features in MT growth. To analyze
how probable it is at specific points in the simulation of MT
dynamics that the MT continues a certain growth path, we chose
two simulations with at least one significant event (meaning a
catastrophe, rescue, or a “dip”/“stutter”) and took configurations
around such events as starting points for new simulations (similar
to [33]). In these new simulations, MTs were allowed to grow
(or shrink) for a maximum of 60 s, a sufficient amount of time
to check if the new simulations show dynamics similar to the
original simulation around the significant event.

The MT growth trajectory shown in Figure 10A has two
significant events: a dip at tsim = 1.2min and a catastrophe
at tsim = 6.85min; the trajectory in Figure 10C contains three
significant events: a dip at the very beginning, a catastrophe at
tsim = 9.15min, and a rescue at tsim = 9.54min. To determine
whether newly run simulations with starting points from the
initial simulation qualitatively follow the original simulation, we
need criteria to identify dips, catastrophes, or rescue events.
The exact criteria for these events in Figures 10A,C are stated
in the Supplementary Material. In short, in order to identify
whether a new simulation reproduces a catastrophe, we check
after a time of 10–15 s whether the MT is sufficiently short that
a catastrophe must have happened; for a dip, we check whether
the MT continued to grow without entering a catastrophe; for a
rescue, we check that the MT did not completely vanish because
it continued to shrink. For each initial configuration, we ran 20
new simulations and calculated the fraction of simulations that
fulfilled these criteria. These fractions are the probabilities for
the original growth path at different points in time, and they are
shown color-coded in all the insets in Figure 10.

Both catastrophes and the rescue show that the transition
from a high probability to stay in the current dynamic state to
a high probability to switch into the other dynamic state occurs
within a few seconds. In Figures 10A,C, we first observe that
catastrophes become practically unavoidable [red color code in
(A.C) and (C.C)] after a phase of relatively slow shrinking by
50–100 nm; similar “transitional catastrophe” behavior has been
observed in reference [35]. A dip, on the other hand, can only
evade a catastrophe [yellow to red color code in (A.D) and (C.D)]
if the MT length shrinks by significantly < 50 nm.

Because hydrolysis followed by straining and rupture of the
lateral bonds is required before a laterally unbonded dimer can
detach, MT shrinking by 50 nm suggests that roughly 6 dimer
layers must hydrolyze in a row to trigger a catastrophe. This is,
however, not sufficient to remove the entire GTP-cap. The GTP-
cap length averaged over all protofilaments is still > 1 when
the catastrophe becomes unavoidable (at points 3 in Figure 10A

and 6 in Figure 10C, see also Figure S1 in the Supplementary
Material). As the corresponding MT snapshot insets 3 and 6
reveal, the reason for this discrepancy is the average over all
protofilaments: it appears that typically only a “nucleus” of

three neighboring protofilaments shrinks by more than 6 dimers,
such that its GTP-cap is removed and its ends reach into the
GDP-body of the MT, when a catastrophe is triggered. The MT
snapshots in Figure 10B also suggest that rescue events require
formation of a GTP-cap on almost all 13 protofilaments (with an
average cap length ∼ 4) such that nuclei of three neighboring
uncappedGDP-protofilaments are avoided. Further investigation
of more catastrophe events will be necessary to definitely deduce
catastrophe- and rescue-triggering structural MT features.

3.7. Hydrolysis Coupled to Mechanics
Changes the Cap Structure
We also test how a mechanical feedback onto the hydrolysis rate
as introduced in (12) and (14) changes the cap structure and
dynamic behavior. In the presence of this mechanical feedback,
tubulin dimers in the MT lattice with larger bending angles tend
to hydrolyze preferentially.

Overall, we find a linear relation between k0hydr and the

average hydrolysis rate 〈khydr〉 (see Figure 11A) with k0hydr ≫
〈khydr〉. When comparing MT growth with hydrolysis coupled
to mechanics with average hydrolysis rate 〈khydr〉 to MT
growth with constant hydrolysis rate khydr (for example in
Figures 11D–F), we use Figure 11A to choose the base hydrolysis
rate k0hydr such that 〈khydr〉 ≈ khydr.

Figure 11B shows the average hydrolysis rate 〈khydr〉 as a

function of the free tubulin dimer concentration ctub for k
0
hydr =

1.5 s−1. Here, we observe a pronounced non-linear concentration
dependence with a decrease around the individual critical tubulin
concentration ctub ≃ 10 µM. At the same concentration, also
the porous cap length Npcap (see Figure 11C), which is defined
as the difference between the number of tubulin dimers in a
protofilament and the value of d of the first GTP-tubulin dimer
counted from the minus end, starts to increase. As a result, the
porous cap length for hydrolysis coupled to mechanics is much
longer compared to a constant hydrolysis rate, even if the average
effective hydrolysis rate is roughly the same. In the following, we
argue that the reason for this increase in porous cap length is a
decrease of the hydrolysis rate for GTP-dimers away from the tip.
Mechanical feedback gives rise to preferential hydrolysis at the
tip, i.e., the average hydrolysis rate 〈khydr(x)〉 (over all actually
executed hydrolysis events) is larger for small layer distances
x ≡ d(p)−d from the tip, as can be seen in Figure 11G. This is in
line with previous results in reference [17] from a much simpler
version of our model with a deterministic hydrolysis kinetics and
without dimer attachment and detachment.

According to (14), GTP-tubulin dimers with larger bending
angles tend to hydrolyze preferentially. If a straight GTP-dimer is
bent inward (1θ < 0◦), its hydrolysis rate is reduced according
to (14); if it is bent outwards (1θ > 0◦) the rate is increased.
From the hydrolysis rates shown in Figure 11G, it is possible to
calculate the average bending angles using (12) and (14),

〈1θ̃(p, d)〉 =
1

11◦

[

1+ δd,d(p)

κ
ln

(

khydr(p, d)

k0hydr

)

+ (5.5◦)2
]

.

(19)
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FIGURE 11 | (A) Average actual hydrolysis rate 〈khydr〉 as a function of the constant base hydrolysis rate k0hydr. Comparison of (B) the average actual hydrolysis rate

〈khydr〉 and (C) the porous cap length Npcap as a function of the free tubulin dimer concentration ctub for hydrolysis coupled to mechanics with k0hydr = 1.5 s−1 and a

constant hydrolysis rate of khydr = 0.25 s−1. (D) Shows the two-dimensional representations of two MT tip configurations that are marked by arrows in (C) at

tsim = 5min. The top and bottom protofilaments are periodic images of p = 13 and p = 1, respectively. Relative occurrence of GTP-tubulin dimers as a function of the

dimer-based distance from the protofilament tip d(p)− d for (E) a constant hydrolysis rate of khydr = 0.25 s−1 and (F) hydrolysis being coupled to mechanics and

k0hydr = 1.5 s−1. (G) Average hydrolysis rate as a function of distance d(p)− d from the tip and (H) the associated average bending angle 〈1θ̃〉 for hydrolysis coupled to

mechanics and k0hydr = 1.5 s−1. All plots are for k+ = 4µM−1 s−1, 1G0∗
long = −9.3 kBT, and klat = 100 kBT/nm

2.

The results for these bending angles as a function of the distance
x from the top are shown in Figure 11H. Surprisingly, almost all
GTP-tubulin dimers are bent inwards (1θ < 0◦) on average prior
to hydrolysis apart from dimers close to the tip. We will interpret
these results in the following.

An isolated GTP-dimer within the GDP-body can alleviate the
bending stress of GDP-dimers by bending inward (1θ < 0◦),
which allows longitudinally neighboring GDP-dimers to bend
outwards (such that 1θ > 0◦) resulting in an overall decrease
of the MT energy (see Figures S14, S15 in the Supplementary
Material). Therefore, isolated GTP-dimers deep in the GDP-body
hydrolyze with a reduced asymptotic rate 〈khydr〉∞ ≪ khydr.

We also find that, for several consecutive GTP-dimers in
the same protofilament, GTP-dimers curl inward directly at the
GDP/GTP interface resulting in a reduced hydrolysis rate (see
Figure S15), while GTP-dimers in the center of a GTP-island are
straight so that they have a higher hydrolysis rate than at the
GDP/GTP interfaces. Effectively, this hydrolysis rate distribution

within a GTP-island results in a “anti-vectorial” hydrolysis
mechanism with which GTP-islands are hydrolyzed from the
interior in contrast to vectorial hydrolysis where hydrolysis
happens at the GTP/GDP interfaces.

Also for GTP-dimers in layers closer to the MT tip, other
longitudinally close-by GTP-dimers cooperate in alleviating
bending stresses; then inward bending is still preferred, but the
inward bending angle becomes smaller. This decrease in inward
bending corresponds to an increase of the average hydrolysis
rates 〈khydr(x)〉 for GTP-dimers in these layers compared to GTP-
dimers buried deeper in the MT body (see Figures 11G,H). For
terminal tubulin dimers (x = 0), we observe a hydrolysis rate
〈khydr(x)〉 higher than khydr (while it is equal or lower than khydr
for all other layers x > 0). Hydrolysis in the first layer is
enhanced because there are no tubulin dimers on top, such that
hydrolysis has to overcome a smaller energy barrier as pointed
out previously [the d + 1-term in (14) is missing corresponding
to the δd,d(p)-contribution in (19)].
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As a result of the hydrolysis bias toward the tip, the spatial
GTP-tubulin dimer distribution also differs. For concentrations
where the MTs are growing only on time scales of several
minutes (ctub ≥ 11 µM) for the chosen parameters, a
constant hydrolysis rate leads to the expected exponential
distribution of GTP-dimers shown in Figure 11E as observed
in in vivo experiments [71]. Using an effective one-dimensional
(or single protofilament) model similar to Padinhateeri et al.
[63] to calculate the probability of tubulin dimers being GTP-
tubulin dimers as a function of the polymerization rate kon,

effective depolymerization rate k̃off, and hydrolysis rate khydr
matches the simulation results for concentrations at which
the MTs can be considered in a steady state of growth (see
section 4 in the Supplementary Material). We use an effective

depolymerization rate k̃off instead of koff, because we map onto
the depolymerization process of a one-dimensional model so that

k̃off includes all effects from lateral bond formation and rupture
and the actual depolymerization process in the full model.

If hydrolysis is coupled to mechanics, the spatial distribution
is only exponential in its tail, has larger values at the MT tip, and
GTP-tubulin dimers can be found much deeper in the GDP-body
(see Figure 11F). These results reflect that the average hydrolysis
rate 〈khydr(x)〉 is decreasing toward the GDP-body and reaches a
small limiting value 〈khydr〉∞ ≪ khydr for distances x = d(p) −
d > 500 away from the tip, which governs the exponential tail

(see Figure 11G). This can be rationalized by considering the
probability pGTP(x) to find a GTP-dimer at distance x from the
tip in a single protofilament and continuum approximation. The
balance between attachment/detachment and hydrolysis leads to

0 = −(kon − k̃off)
dpGTP
dx

− 〈khydr(x)〉 pGTP(x) (20)

in the stationary state, which results in a sharp initial decrease of
pGTP(x) because 〈khydr(0)〉 is large at the tip but a much slower
asymptotic exponential decrease when 〈khydr(x)〉 ≈ 〈khydr〉∞ ≪
khydr, which explains the main features in Figure 11F. In section
4 in the Supplementary Material, we show that (20) describes
simulations with a constant hydrolysis and with hydrolysis
coupled to mechanics equally well. With pGTP(x), we can define
an “average cap length” as ℓ̄cap =

∫∞
0 dx pGTP(x)x. This average

cap length ℓ̄cap is longer if hydrolysis is coupled to mechanics
compared to a constant hydrolysis rate because pGTP(x) is much
greater for larger x (see Figures 11E,F). As ℓ̄cap < Npcap, this
increase in average cap length also explains the increased porous
cap length if hydrolysis is coupled to mechanics.

The relative increase of hydrolyzed GDP-dimers at the tip
could make MTs more prone for catastrophes and give rise to
an increased catastrophe rate and, eventually, a more realistic
concentration dependence of catastrophe rates. Figure 12,

FIGURE 12 | MT length ℓMT as a function of the simulation time tsim for 20 different simulations with k+ = 4µM−1 s−1, 1G0∗
long = −9.3 kBT, klat = 100 kBT/nm

2, three

different values of ctub, and four different values of k0hydr.
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however, shows that this is not the case. Instead, the same steep
dependence on the (base) hydrolysis rate as in Figure 7 persists.

In comparison to the MT growth trajectories with a constant
hydrolysis rate shown in Figures 10, 13 shows an example of
a MT simulation in which the hydrolysis rate is coupled to
mechanics. To calculate the probabilities shown in the insets,
the same criteria as for Figure 10A were used. At first sight,
these trajectories look similar to the corresponding trajectories
for a constant hydrolysis rate (Figure 10A). There is, however,
a significantly increased roughness of the trajectory during
the growth phase, which could be interpreted as increased
occurrence of “dips” or “stutter” events. A high probability
of stutter events has also been observed in reference [35],
which supports the existence of a mechanochemical coupling
in hydrolysis. The catastrophe-triggering configuration of a
“nucleus” of several neighboring protofilaments shrinking by
more than 6 dimers is also similar as snapshots 4 and 5 in
Figure 13B show.

3.8. Dilution Experiments
In dilution experiments, the free tubulin dimer concentration ctub
is reduced to cdil ≪ ctub at a certain point in time [5, 72, 73]. If
the diluted concentration is sufficiently small or zero, the GTP-
cap stops growing by polymerization (and depolymerizes) but
continues to hydrolyze; after a characteristic delay time 1tdelay,
the GTP-cap has vanished, a catastrophe is initiated, and the
MT shrinks. Thus, dilution experiments and their comparison to
corresponding dilution simulations can give information on the
hydrolysis rate. Simulation results for the delay time are shown
in Figure 14. In the Supplementary Material, we explain the
algorithm that we used to determine the delay time 1tdelay from
MT simulation trajectories in detail.

We expect the delay time to be proportional to the GTP-cap
length, 1tdelay ∝ 〈Ncap〉, as corroborated by Figure 14C and

〈Ncap〉 ∝
√

ctub/khydr according to section 3.5 (see Figures 9C,D)

[70]. This results in 1tdelay ∝
√

ctub/khydr, which is in qualitative

FIGURE 13 | (A) Length of a MT ℓMT as a function of the simulation time tsim with k+ = 4µM−1 s−1, 1G0∗
long = −9.3 kBT, klat = 100 kBT/nm

2, ctub = 9µM and

k0hydr = 1.5 s−1 with hydrolysis being coupled to mechanics and (B) the two-dimensional representations of certain MT tip configurations that are marked by arrows in

the inset (A.C) (configuration 6* has been shifted toward the MT tip by 21 tubulin dimer lengths).

FIGURE 14 | Average post-dilution delay time 〈1tdelay〉 as a function of (A) the hydrolysis rate khydr for ctub = 16µM and different post-dilution GTP-tubulin dimer

concentrations cdil and (B) the pre-dilution GTP-tubulin dimer concentration ctub for cdil = 0µM and different hydrolysis rates khydr. The averaged data from Duellberg

et al. [73] specified the pre-dilution growth velocity, which was converted to ctub for this plot. (C) Average GTP-cap length 〈Ncap〉 at the time of dilution tdil as a function

of the delay time 〈1tdelay〉 for ctub = 16µM and different values of cdil.
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agreement with our simulation data in Figures 14A,B. The
comparison with the experimental dilution data from reference
[73] in Figure 14B shows that delay times for a hydrolysis rate
khydr = 0.1 s−1 come close to the experimental data but appear to
depend too steeply on ctub.

4. DISCUSSION

We introduced, parameterized, and analyzed a chemomechanical
model for MT dynamics in which, in addition to polymerization
(attachment of dimers), depolymerization (detachment of
dimers), and hydrolysis of dimers, the rupture of lateral bonds
between monomers in neighboring protofilaments is explicitly
modeled and coupled to the mechanics of the MT. The basis
for this coupling is the allosteric model according to which a
hydrolyzed dimer acquires a more bent configuration, which
builds upmechanical stress in theMT tubular structure via lateral
bonds between dimers.

As many model parameters as possible have been determined
from the experimentally measured MT growth and shrinkage
velocities measured byWalker et al. [47]. To determine the values
of themodel parameters, we use a “divide and conquer” approach
[15, 30]. We used simulations of growing GTP-only MTs to
parameterize longitudinal and lateral bond energies 1G0∗

long and

1G0
lat and the attempt rate katt for lateral bond formation. By

requiring a linear concentration dependence of growth velocity,
we can fix all three parameter values for a given value of k+. We
used simulations of shrinking GDP-only MTs to parameterize
the bending constant κ and the spring constant klat of the
lateral bonds. Here, we can only fix one of the two parameters.
Moreover, the hydrolysis rate khydr is still a free parameter,

for which we use values in the range 0.1–0.5 s−1 known from
experiments [61].

The general philosophy of a divide-and-conquer approach is
the successive fixation of simulation parameters by using first
GTP-only growth, then GDP-only shrinkage and, eventually,
catastrophe frequencies or dilution to fix the hydrolysis rate. This
successive fixation is, however, problematic, as the corresponding
experimental data is influenced by all simulation parameters
in general. The problem becomes apparent when considering
the hydrolysis rate: changes in the hydrolysis rate also affect
the growth rate over a wide concentration range because
hydrolyzed dimers have an effectively higher detachment rate, see
Figure 9B. Strictly speaking, all simulation parameters in Table 2

must be determined at once by fitting several experimental
results simultaneously instead of the successive fixation in
the divide-and-conquer approach or to apply the divide-and-
conquer approach iteratively several times until a self-consistent
parameter set is found. A simultaneous fixation of all parameters
has been performed, for example, in reference [31] on a chemical
model without bond rupture and, thus, with only four parameters
(on-rate, bond energies, and hydrolysis rate). Future work on our
model should include at least a re-adjustment of the parameters
once a hydrolysis rate is selected such that the growth velocity of
Walker et al. [47] is reproduced in the presence of hydrolysis. If

mechanical feedback onto hydrolysis is included, the model has
to be re-parameterized again, in principle.

Our simulation model handles all chemical events, i.e., dimer
attachment and detachment, bond rupture and formation, and
hydrolysis using a Gillespie algorithm. After each chemical
event, we relax the resulting MT structure mechanically
by energy minimization based on the assumption that the
microscopic mechanical dynamics is much faster than the
chemical steps. Therefore, mechanical energy minimization is
the computationally most demanding step in the simulation.
This is a common problem in all dimer-based chemomechanical
MT models [15, 16, 18]. We address this problem by restricting
the mechanical energy minimization to bounded number MT
degrees of freedom near the plus end. We showed that restricting
energy minimization to a depth of dcutoff = 10 additional layers
into the MT (in minus end direction) from the point of the last
chemical event is an accurate and efficient choice. Computational
efficiency of this procedure is better than performing a
dedicated microscopic Brownian dynamics simulation [18] and
better than random local energy minimization [15, 16] (for
the same accuracy in energy minimization). The restricted
energy minimization strategy also ensures that the number of
minimization parameters does not scale with the MT length but
remains bounded, which assures that we can simulate arbitrarily
long growing MTs at a fixed minimal computational speed using
our approach.

Simulations do not require more than a few hours for
1min of MT dynamics (for a constant hydrolysis rate) using
just a single CPU core. Therefore, we can reach time scales
of several minutes of MT dynamics which is the time scale
for repeated catastrophe events for concentrations above the
individual critical concentration, where the dynamic instability
can occur.We performed a first systematic analysis of catastrophe
and rescue rates in Figure 8, which indicates that the decrease
of the catastrophe rate with tubulin concentration is too steep
compared to experimental data [47, 66]. It is also much steeper
than simulation results of reference [18] but these results
for the catastrophe rate relied on linear extrapolation from
unrealistically high hydrolysis rates (3–11 s−1) down to realistic
values (0.1–0.5 s−1). In the future, our computational model can
also be used to measure the dependence of catastrophe rates on
MT lifetime [67].

Within our model, we could also study single catastrophe and
rescue events in detail (see Figure 10). The growth paths appear
very similar to experimentally observed catastrophe and rescue
events. Catastrophes typically feature an initial “transitional”
phase of slow shrinking by 50–100 nm as also observed in
reference [35]. Moreover, we observe “dips” in the growth paths
resembling the “stutter” events from reference [35].

The most interesting results of chemomechanical models
are possible statements about the typical catastrophe-triggering
configurations. In this respect, our simulations indicate that
a catastrophe could be triggered by a “nucleus” of three
neighboring protofilaments shrinking by more than 6 dimers,
such that its GTP-cap is removed and its ends reach into the
GDP-body of the MT. To rescue a shrinking MT the GTP-cap
has to be re-established on almost all 13 protofilaments such that
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nuclei of three neighboring uncapped GDP-protofilaments are
avoided. This shows thatmechanical correlations in the dynamics
of protofilaments are important in triggering catastrophe events.
This is an aspect which is absent in the calculation of catastrophe
frequencies based on simplified purely chemical models, such as
in reference [68], where protofilaments are regarded as effectively
independent and uncorrelated.

Our model can achieve qualitative agreement with
experimental data on dilution experiments (see Figure 14C)
from reference [73] for relatively low hydrolysis rates of
khydr = 0.1 s−1, which is an indication that the catastrophe
mechanism is correctly captured by our chemomechanical
model. This also constrains the hydrolysis rate, which is
still a free parameter in our model, to lower values around
khydr = 0.1 s−1.

Finally, we explored the consequences of a mechanochemical
coupling in the hydrolysis of tubulin dimers. Because hydrolysis
gives rise to bending of the GTP-dimers, we argue that
mechanical forces on a dimer that increase its bending angle
should also lead to higher hydrolysis rates, see (12) and (14).
In the presence of mechanical feedback, hydrolysis gets a
bias toward the MT plus end which, in turn, also causes an
increase in porous cap length. At the same average hydrolysis
rate, hydrolysis in the immediate tip of the GTP-cap is more
likely while it is less likely in the remaining part of the cap
such that GTP-tubulin dimers can be found much deeper
in the GDP-body (see Figure 11). Individual catastrophe and
rescue events (see Figure 13) look qualitatively similar in the
presence of mechanical feedback but the probability of “dips”
or “stutter” events is increased in agreement with reference
[35]. The coupling of hydrolysis to mechanics does not increase
catastrophe rates significantly such that the steep decrease of the
catastrophe rate with tubulin concentration persists.

The main problem of our model appears to be the steep
decrease of catastrophe rate with tubulin concentration, which
could hint to a failure of basic assumptions. One possibility is
that a direct effect of the hydrolysis state of the dimer onto
the off-rate (as also suggested by atomistic simulations [74]) is
relevant and not included in the model. Another possibility is
a failure of allosteric models in general. The steep decline of
catastrophe rates with the tubulin concentration gives a hint that
MTs are structurally too stable for GTP-rich caps. This might
provide evidence for a shortcoming of the underlying allosteric
model, which inserts GTP-dimers in a straight configuration
that is more prone to form stable lateral bonds than a curved
configuration. An alternative are so-called lattice models [20,
21], according to which dimers are always bent but hydrolysis
affects lateral and longitudinal dimer interaction energies. A
systematic comparison of allosteric and lattice models toward the
resulting concentration dependence of catastrophe rates within
the framework provided here could help decide which class of
models is more appropriate.

So far, almost all chemomechanical modeling approaches were
based on the allosteric model [14–19] but recent experimental
advancements in the analysis of the structure of MT tips [26]
demonstrated that both growing and shrinking MTs have bent
protofilament ends supporting similar earlier results [75–78].
Additionally, calculations using MT structures with different

nucleotide content in the beta-tubulin [23] and all-atom MD
simulations of GTP- and GDP-only MTs [24, 25] revealed that
hydrolysis weakens lateral bonds and strengthens longitudinal
bonds. Both aspects support the lattice model for the influence
of hydrolysis on MT mechanics. There is, however, also evidence
from MD simulations for intermediate models, where hydrolysis
affects interactions and also leads to a much lower GDP-tubulin
flexibility [27]. Independent of these findings, our study based
on the allosteric model is valuable for the following reasons:
(i) In both the allosteric and the lattice model, catastrophes are
cascades of lateral bond rupture and in both models, the bent
shape of GDP-dimers is the dominating cause of mechanical
strain in the MT structure. In the allosteric model, bending
and mechanical strain is directly generated by the hydrolysis of
GTP-dimers, whereas in the lattice model, the tubulin dimers
are always bent but hydrolysis weakens lateral bonds. In both
models, the result is an increased lateral bond rupture rate
of mechanically strained bonds after hydrolysis. Therefore,
an explicit modeling approach for lateral bond rupture as a
stochastic process under force generated by the bending of GDP-
dimers will also be important in all future chemomechanical
models based on the lattice model. So far explicit stochastic
models of lateral bond rupture have only been included into two-
dimensional models lacking explicit mechanics [32–34] or with
heavy computational cost by explicitly simulating the Brownian
dynamics of dimers and bonds [18]. (ii) The importance of
lateral bond rupture becomes particularly clear for shrinking
MTs or MTs entering a catastrophe. In these phases of the
dynamic instability, GDP-tubulin dimers are significantly more
relevant than GTP-tubulin dimers. As GDP-dimers are bent
in both models and this bending gives rise to lateral bond
stretching, we believe that both types of models will display a
very similar behavior in these phases. The only difference in
this scenario is that in the lattice model, the lateral bond energy
1G0

lat in the rupture rate (10) will depend on the nucleotide
type of the bonded tubulin monomers, which also makes krup an
explicit function of the nucleotide state. Because the nucleotide
state is predominantly GDP during shrinkage, the results for
properly parameterized models will be very similar. (iii) We
also introduced a computationally efficient scheme to relax the
mechanical energy between chemical events, which can also be
employed in future chemomechanical lattice models. Within the
allostericmodel, we achieve a bettermechanical energy relaxation
than previous models [15] with significantly less computational
steps than a full Brownian dynamics simulation requires [18].
(iv) The idea of a feedback of mechanical forces onto the
hydrolysis rate can also be applied in future chemomechanical
lattice models: if hydrolysis leads to a weakening of lateral bonds,
one could expect mechanical strains that favor weakening of
lateral bonds also to favor hydrolysis.

In the future, our model could be extended to also include
regulating TIP+ proteins [79] for which different mechanisms
of how they influence MTs could be implemented. Comparing
the results of such simulations with experimental data could
help to develop a mechanistic picture of the action of these
proteins. Another future extension is MT polymerization under
force [80, 81]. So far, polymerization under force has been
investigated using chemical models [56, 82–85]; the influence
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of an external force on the microscopic level, in particular the
detailed dynamics of catastrophe events and the catastrophe-
triggering configurations is unknown.
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Coarse-Grained Modeling of
Coronavirus Spike Proteins and ACE2
Receptors
Timothy Leong, Chandhana Voleti and Zhangli Peng*

Richard and Loan Hill Department of Bioengineering, University of Illinois at Chicago, Chicago, IL, United States

We developed coarse-grained models of spike proteins in SARS-CoV-2 coronavirus and
angiotensin-converting enzyme 2 (ACE2) receptor proteins to study the endocytosis of a
whole coronavirus under physiologically relevant spatial and temporal scales. We first
conducted all-atom explicit-solvent molecular dynamics simulations of the recently
characterized structures of spike and ACE2 proteins. We then established coarse-
grained models using the shape-based coarse-graining approach based on the
protein crystal structures and extracted the force field parameters from the all-atom
simulation trajectories. To further analyze the coarse-grained models, we carried out
normal mode analysis of the coarse-grained models to refine the force field parameters by
matching the fluctuations of the internal coordinates with the original all-atom simulations.
Finally, we demonstrated the capability of these coarse-grained models by simulating the
endocytosis of a whole coronavirus through the host cell membrane. We embedded the
coarse-grained models of spikes on the surface of the virus envelope and anchored ACE2
receptors on the host cell membrane, which is modeled using a one-particle-thick lipid
bilayer model. The coarse-grained simulations show the spike proteins adopt bent
configurations due to their unique flexibility during their interaction with the ACE2
receptors, which makes it easier for them to attach to the host cell membrane than
rigid spikes.

Keywords: multiscale modeling, endocytosis, SARS-CoV-2, cell membrane, coarse-graining

INTRODUCTION

Although a significant amount of research effort has been conducted to understand the SARS-CoV-2
coronaviruses and vaccines have been developed the exact infection mechanisms remain unclear [1].
Coronaviruses are spherical viruses with unique surface spikes [2]. The average diameter is about
80–120 nm. The virus is protected by the envelope and nucleocapsid when it is outside the host cell
[3]. The RNAs of the virus are enclosed in an envelope with a diameter of roughly 85 nm [1]. The
envelope consists of a lipid bilayer and the membrane (M), envelope (E), and spike (S) structural
proteins embedded in the bilayer. While membrane proteins, envelope proteins, and the lipid bilayer
shape the viral envelope and maintain its size, spike proteins interact with the host cells by binding
with surface receptors such as angiotensin-converting enzyme 2 (ACE2) receptors. Cryo-electron
microscopy (cryo-EM) and x-ray crystallographic techniques have been applied to reveal the new
structures of viral proteins [4–16]. Due to their significance, computational modeling was employed
alongside experimental studies to investigate the properties of these proteins [17], but most of these
existing computational studies are limited to atomistic length and time scales. In this study, we will

Edited by:
Ying Li,

University of Connecticut,
United States

Reviewed by:
Baofu Qiao,

Northwestern University,
United States

Zhiqiang Shen,
Oak Ridge National Laboratory (DOE),

United States

*Correspondence:
Zhangli Peng

zhpeng@uic.edu

Specialty section:
This article was submitted to

Biophysics,
a section of the journal

Frontiers in Physics

Received: 15 March 2021
Accepted: 18 May 2021
Published: 04 June 2021

Citation:
Leong T, Voleti C and Peng Z (2021)

Coarse-Grained Modeling of
Coronavirus Spike Proteins and

ACE2 Receptors.
Front. Phys. 9:680983.

doi: 10.3389/fphy.2021.680983

Frontiers in Physics | www.frontiersin.org June 2021 | Volume 9 | Article 6809831

ORIGINAL RESEARCH
published: 04 June 2021

doi: 10.3389/fphy.2021.680983

106

http://crossmark.crossref.org/dialog/?doi=10.3389/fphy.2021.680983&domain=pdf&date_stamp=2021-06-04
https://www.frontiersin.org/articles/10.3389/fphy.2021.680983/full
https://www.frontiersin.org/articles/10.3389/fphy.2021.680983/full
https://www.frontiersin.org/articles/10.3389/fphy.2021.680983/full
http://creativecommons.org/licenses/by/4.0/
mailto:zhpeng@uic.edu
https://doi.org/10.3389/fphy.2021.680983
https://www.frontiersin.org/journals/physics
www.frontiersin.org
https://www.frontiersin.org/journals/physics#articles
https://www.frontiersin.org/journals/physics
https://www.frontiersin.org/journals/physics#editorial-board
https://doi.org/10.3389/fphy.2021.680983


investigate the endocytosis of the whole virus under
physiologically relevant spatial and temporal scales by
constructing coarse-grained models of the spike proteins and
ACE2 receptors.

On the one hand, multiscale coarse-grained models of the
whole coronavirus have been developed [15], but they have not
been applied to study the endocytosis. In addition, to build a
minimal model with enough molecular details, we adopted a
more aggressive coarse-graining approach than that used in [15]
for both proteins and membranes. On the other hand, the
endocytosis of nanoparticles has been extensively studied by
computational modeling [18–24], but the endocytosis of
coronavirus has not been explored computationally with
sufficient molecular details. In the current study, we will
explicitly take into account the detailed molecular structures of
the spikes and ACE2 rather than modeling them as abstract
binding points.

We will focus on establishing the coarse-grained models of the
spike proteins and ACE2 receptors. The spikes are unique
structures of coronaviruses and are responsible for their
distinguishing halo-like surface. A coronavirus particle
typically has about 70 spikes on its surface [25]. Each spike
consists of three spike proteins (a trimer) and its length is about
20 nm. Each spike protein is made of an S1 head subunit and an
S2 stem subunit. The S1 head subunit includes the receptor-
binding domain (RBD). Although one spike has three RBDs, only
one of them is in the up position for binding [26]. The S2 stem
subunit anchors the spike in the viral envelope. Recently, the
crystal structure of the SARS-CoV-2 spike protein has been
characterized using cryo-EM [PDB ID: 6Vestigial sideband
(VSB)] [6], which is responsible for binding to the cell
membrane via the extracellular domain of the ACE2 receptor
(PDB ID: 6M17) [27]. ACE2 receptor is a membrane-bound
carboxypeptidase that forms a dimer and serves as the cellular
receptor for SARS-CoV-2 [27]. Molecular dynamics (MD)
simulations revealed that the spike protein polybasic cleavage
sites, which are distributed approximately 10 nm away from the
RBD, can enhance the binding affinity between the SARS-CoV-2
RBD and ACE2 [28]. We took this into consideration by using the
enhanced binding energy (−177 kcal/mol) between RBD and
ACE2 among the predicted values of −50 kcal/mol ∼
−177 kcal/mol [28–32].

During the infection, the viral spike proteins first attach to
their complementary host cell receptors such as ACE2. Then the
host cell protease activates the receptor-attached spike proteins.
The virus enters the host cell by either endocytosis or membrane
fusion of the viral envelope with the host membrane, depending
on the availability of the host cell proteases [33]. One of our goals
is to simulate the endocytosis by coarse-grained modeling and
explicit consideration of the structures of spike and receptor
proteins. We will focus on the endocytosis simulation in this
study and extend the model to study membrane fusion in the
future.

Since the coronavirus is more than 80 nm, all-atom molecular
dynamics simulation is prohibitively expensive, not to mention
the long-time scale of the endocytosis. Instead, we will apply a
multiscale modeling approach. We will conduct all-atom MD

simulations of the spike protein and the ACE2 receptors based on
their recently characterized crystal structures. Then we will build
coarse-grained models of these proteins using the all-atom
simulation trajectories. After we demonstrate that the coarse-
grained model share similar structural properties with the
original all-atom proteins by matching fluctuations, we will
construct a whole virus model with a realistic number of spike
proteins, and conduct simulations of the endocytosis process of
the virus to investigate the cell entry mechanisms. In addition, we
developed automated scripts and MATLAB code for establishing
these CG models and conducting normal mode analysis. We
made them publicly available so that other users can repeat and
modify these models.

MATERIALS AND METHODS

All-Atom Molecular Dynamics Simulations
All-atomMD simulations of the spike protein and ACE2 receptor
were conducted using Nanoscale Molecular Dynamics (NAMD)
[34]. Explicit solvent is used in order to capture the accurate
fluctuations of the structure in equilibrium. A standard protocol
is applied. Minimization and annealing processes were carried
out first and then equilibrium simulation with the backbone
fixed were done before production MD simulations were run.
Both the fully-glycosylated full-length spike protein model
(Supplementary Figure S1 in the Supplementary Material)
and spike protein head S1 subunit model (Figure 1A) were
conducted by following the procedure described in [35]. The
simulation of the S1 subunit model is used to extract the force
field parameters of the bonds and angles in the S1 subunit, and
the simulation of the full-length spike protein model is used to
estimate the bond and angle coefficients for the stem S2 subunit.
A typical simulation box is 25 by 25 by 38 nm and about 2.3
million atoms were simulated for 20 ns. All-atom MD and CG
simulations were conducted on the supercomputer Theta in
Argonne Leadership Computing Facility (ALCF) in the
Argonne National Lab.

Shape-Based Coarse-Graining and Coarse
Grained Simulations
We utilized a technique called the Shape-Based Coarse Graining
(SBCG) approach to develop the CG models, where large-scale
motions of organic/biological molecules are represented using as
few spherical CG sites (beads) as possible [36]. This decreases
computational demand significantly when performing molecular
dynamics simulations. When it comes to the force-field equation,
atoms are substituted with CG beads. “Intramolecular” bonds
between CG beads are established if the CG beads are within a
certain distance of each other, or if the all-atom domains that
comprise the CG beads are contiguously connected by
intramolecular bonds.

We applied the SBCG tool in Visual Molecular Dynamics
(VMD) to construct the coarse-grained model [37]. First, the CG
sites and bonded interactions (bonds and angles) were established
based on the original all-atom structures. The coefficients of
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Lennard-Jones (LJ) potential and the bonded interactions were
extracted based on all-atom MD simulation trajectories.
Specifically, an initial guess of the coefficients of bonded
interactions was made by matching the root mean square
displacement (RMSD) of internal coordinates, such as bond
lengths and angles. Then iterations of refinements were made
through CGMD simulations and normal mode analysis [38].
Detailed steps are shown in the Supplementary Material. In
addition, we also developed an automated Tool Command
Language (TCL) script for this procedure (“To-CG-File.tcl”)
within the Supplementary Material. The following classical
intramolecular and intermolecular interactions without
dihedrals were used

V � ∑
bonds k

Kb,k

2
(Rk − R0,k)

2 + ∑
angles k

Kθ,k

2
(θk − θ0,k)

2

+ ∑
beads i,j

4Eij
⎡⎣(

σ ij
rij
)

12

− (
σ ij
rij
)

6

⎤⎦ + ∑
beads i,j

qiqj
4πϵϵ0ri,j

(1)

where Eij� (Ei × Ej)
½, σ ij � (σ i + σ j)/2.0. The first term in Eq. 1

represents the energy associated with the harmonic oscillation
of a bond connecting two beads. Kb, k is the proportionality
constant for the harmonic oscillator, and R0, k is the
equilibrium distance of the bond, or, the distance where
the elastic force is zero for bond k. The 2nd term represents
the energy associated with the harmonic oscillation of an angle
between the position vectors of two beads that are bonded to a
common bead. Kθ, k is the proportionality constant, and θ0, k is
the equilibrium angle between the three beads for angle k.
Energy arising from electrostatic interactions is modeled

through Coulombic potential energy and the Van der Waals
interaction is modeled using the 6–12 LJ potential. rij is the
distance between beads i and j, and qi and qj are the charges of
beads i and j, respectively. ε0 is the vacuum permittivity
constant and ε is the relative permittivity of the medium
that beads i and j exist in. σ ij represents the Van der Waals
radius of the pair of beads i and j, or, the distance where the LJ
potential is zero. Eij is a proportionality constant representing
the minima of the LJ potential energy graph for the paired
beads i and j, and is proportional to the maximum strength of
the attraction between beads i and j. LJ potentials prevent the
overlapping or penetrating of neighboring CG sites. The
equation sums up all of the individual energies obtained
from every intramolecular bond, intramolecular bond angle,
and every combinatorial pair of beads that exist in the
molecule. In addition to the force field approximations, the
following Langevin equation is used to describe the motions of
the CG beads

m
z2r
zt2

� F −mc
zr
zt

+ χψ(t) (2)

where F is the force imparted on the bead by other beads in
the system, r is the position of the bead, m is the mass of the
bead, c is the damping coefficient of the solvent the bead is in, and
χ is a fluctuation-dissipation theorem function of the form χ �
(2ckBT/m)½, where kB is the Boltzmann constant. ψ(t) is a
Gaussian process used to simulate Brownian motion. As z2r/
zt2 would represent the acceleration of the bead, then this
Langevin equation describes the motion of the bead after
accounting for fluid viscous friction and thermal fluctuations.

FIGURE 1 |Coarse-grained models of the spike protein and the Angiotensin-Converting Enzyme 2 (ACE2) receptor. (A)Overlap of the original all-atom structure of
the head unit of spike protein (PDB ID: 6VSB) with the CG model. (B) Overlap of the original all-atom structure of the head unit of ACE2 protein (PDB ID: 6M18) with the
CG model. (C) Numbering of CG sites of the spike CG model. (D) Numbering of CG sites of the ACE2 CG model.
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The CG simulations of individual spike proteins and ACE2
receptors were carried out in NAMD for refinement of the
force field parameters.

The detailed procedure is given in the Supplementary Material
for building the CG model based on all-atom MD simulations in
VMD and converting it to the format of molecule files that can be
used in CG simulations of endocytosis using Large-scale Atomic/
Molecular Massively Parallel Simulator (LAMMPS) [39].

Normal Mode Analysis
We also wrote a Matlab code to conduct the normal mode
analysis (NMA) [38] of the two CG models. We constructed
the Hessian matrix ∇2E (E is the total energy) based on bond and
angle interactions

∣∣∣∣∇2E − λM
∣∣∣∣ � 0 (3)

whereM is the mass matrix and λ � ω2 is the eigenvalue (ω is the
vibration frequency). We diagonalized the mass weighted
Hessian matrix to obtain eigenvalues and eigenvectors. The
fluctuations of the CG bead coordinates are given as

〈Δx2k〉 � ∑
3N−6

i�1

kBT
Mkω2

∣∣∣∣ yki
∣∣∣∣2 (4)

The mean square displacement (MSD) of the internal
coordinates can be written as function of eigenvalues and
eigenvectors as [38].

〈Δϕ2
j 〉 � ∑

3N−6

i�1

kBT
ω2

∑
3N

k�1

∣∣∣∣∣Bjk M
−1/2
k ykj

∣∣∣∣∣
2

(5)

where ω2 � λ and y is the eigenvector and B is the Wilson matrix
relating the CG bead coordinates to the internal coordinate
as Δϕ � BΔx[38].

Setup of Endocytosis Coarse-Grained
Simulations
We modeled the envelope of the virus as a rigid sphere with a
diameter of 85 nm. Seventy-two spikes are embedded in the
envelope in our model. The end CG sites (CG site 17 in
Figure 1C) of the spike stems are anchored to the envelope.
Morse bonds are formed between the receptor binding site (CG
site 11 Figure 1C) of the spike and the binding sites (CG sites 1
and 13 in Figure 1D) of the ACE2 protein when they get close to
each other. Only one receptor binding site is modeled on each
spike, as the crystal structure of the spike has only one receptor
binding site up [26]. Two binding sites on each ACE2 receptor
were modeled. The virus is given an initial small velocity
towards the cell membrane to initiate the endocytosis
process. Body temperature is used for all simulations, and a
simulation box of 800 by 800 by 1600 nm is applied with the
periodic boundary condition. While there is no direct
measurement of absolute ACE2 surface densities and only
relative ACE2 expressions were measured [40, 41], Chen
et al. measured a density of 480–640/μm2 for receptors of
various species [42]. We used a surface density of 300/μm2

which is about 1/10 of the surface density of the spike on the
envelope (3,260/μm2). This value was also used in a recent study
to quantify the adhesive strength between the SARS-CoV-2
spike proteins and the human receptor ACE2 [43].

We applied the one-particle-thick lipid bilayer model [44],
which we developed as a LAMMPS package [45], to simulate a flat
cell membrane patch with ACE2 proteins embedded. It gives a
bending rigidity of 50 kBT, and ACE2 proteins can diffuse freely
on the surface of the fluctuating cell membrane. All the CG
simulations of endocytosis were carried out in LAMMPS.

We used the Berendsen thermostat and barostat to control the
temperature and membrane tension. The temperature is set to
T � 0.23 ε/kB for all the particles in the simulations, where ε is the
energy depth in the one-particle-thick lipid bilayer.We controlled
the membrane tension to zero by setting the coupled XYZ
pressure to zero. Because the out-of-plane stress of the
membrane is always zero, and the membrane is curved in 3D
due to deformation, the coupled XYZ pressure is linearly
proportional to the membrane tension.

The binding energy between the spike RBD and ACE2 is
modeled using the Morse breakable bond as

E � D[1 − e−α(r−r0)]
2

(6)

with an energy well depth of D � 68 ε, which gives a physical value
of 177 kcal/mol obtained from all-atom simulations [28], and
α � 1.0, r0 � 1 nm. We used Morse breakable bonds instead of
Morse pair interactions because pair interactions can cause
clustering of ACE2 receptors, as many ACE2 receptors can
bind to the same spike at the same time [18]. This unphysical
problem can be solved by using LAMMPS commands “fix bond/
create” and “fix bond/break”. We set the maximum number of
bonds that can be formed for the spike RBD fromACE2 to be one.
The cutoff for Morse bond formation in “fix bond/create” is set to
20 nm, and the cutoff for Morse bond break in “fix bond/break” is
set to 28 nm. By using the command “fix bond/break”, we not
only make the simulation of binding/unbinding more realistic,
but also avoid numerical instability due to excessive bond stretch.
Because the attraction branch of Morse potential near the cutoff
distance is weak, after the bond is formed the bond can be
stretched beyond the ghost atom cutoff length in LAMMPS in
some cases, leading to errors of missing atoms in multiple CPU
simulations. With “fix_bond/break”, the bond will break if it is
longer than 28 nm before it reaches the ghost atom cutoff length,
which is set to 30 nm in the simulations.

RESULTS

Overview of the Coarse-Grained Models
Although different resolutions of coarse-graining can be
developed by using the SBCG approach, we focused on the
minimal model with a small number of CG sites. The CG
models for the SARS-CoV-2 spike protein and the ACE2
receptor are shown in Figure 1B. In Figure 1A and
Figure 2B, the CG models are superimposed on top of their
respective all-atom structures, and only the head S1 subunit is
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shown for the spike protein. The all-atom systems are colored
based on their secondary structures.

The CG model of the spike protein has 17 CG sites. Sites 1–15
represent the S1 head subunit and sites 16 and 17 present the S2
stem subunit. Within the S1 subunit, CG site 11 represents the
receptor binding domain (RBD) in the original crystal structure
(PDB: 6VSB), and CG sites 3 and 15 present the hidden RBDs.
CG sites 6, 12, and 14 represent the outer beta sheets domains of
each spike protein in the trimer. In the S2 subunit, CG site 17 is
anchored in the viral envelope, and CG site eight is the connecting
region between S1 and S2 subunits.

The CGmodel of the ACE2 receptor has 15 CG sites. CG sites 3,
4, 5, 8, 10, 11, and 15 represent the transmembrane domains, while
CG sites 1 and 13 represent two binding sites for the spike protein.

Parameters of the Coarse-Grained Model
The CG parameters in Eq. 1, such as bond coefficients and initial
lengths, are listed as Supplementary Tables S1–S8 in the
Supplementary Material for the SARS-CoV-2 spike protein
and the ACE2 receptor. Note that only bond and angle
interactions are used as shown in Eq. 1, while dihedral angles
are not included in this shape-based coarse-graining approach.

Note that the bonded coefficients of the S1 head subunit are
obtained from the all-atom simulations of the S1 head subunit,
while the bonded coefficients of S2 subunits are obtained
from the fully-glycosylated full-length spike protein model
(Supplementary Figure S1 in the Supplementary Material).

The comparison RMSDs of the original all-atom simulations
with the CG models for bond length and angles are shown in
Figure 2A. Figure 2B shows the fluctuation magnitudes of the
CG model match well with the original all-atom model.

Normal mode analysis of the
coarse-grained model
Normal mode analysis (NMA) is also applied to calculate the
fluctuations and vibrationmodes of the CGmodels. In Figure 2B,

the fluctuations (yellow curves) obtained by NMA match well
with the all-atom model. The fluctuations calculated from NMA
are different from the fluctuations obtained from direction CG
simulation of the same model due to the anharmonic effect in the
direct CG simulations. In addition, the first three vibration modes
of the spike S1 head unit are shown in Figure 3. The 1st and 2nd
modes involve the motions of the RBD site in two horizontal
directions, respectively, and the 3rd mode involves the motion of
one of the three exterior beta sheet domains.

Modeling of the Endocytosis of the
Coronavirus.
After we established the CG models of the spike protein and ACE2
protein, we applied them to simulate the endocytosis of a whole
coronavirus. As shown in Figure 4A, we modeled the virus envelope
as a rigid sphere with a diameter of 85 nm. The CG models of the
spike proteins (red) are distributed on the surface of the virus with
the stems embedded in the viral envelope (grey). The RBD binding
sites of the spike proteins (CG site 11 in Figure 1A) are highlighted
as blue. The transmembrane domain CG sites of the ACE2 proteins
(green) are embedded in the host cell membrane (orange). The host
cell membrane is modeled by using the one-particle-thick bilayer
model [44, 45]. The same interaction is applied between the cell
membrane particles and the CG particles of the transmembrane
domains of ACE2 so that the ACE2 proteins are anchored in the cell
membrane with the right orientation as shown in Figure 4A. The
binding sites of the ACE2 proteins are also shown as blue. The depth
of the energy well ε of the pair interaction in the one-particle-thick
model is set to about 5.0 times thermal energy (kB T) and the
characteristic length and the cutoff length are set to 4 and 10.4 nm so
that the membrane self-assembled into a one-particle-thick layer
with the fluid behavior and bending rigidity of 50 kB T. The
attraction and repulsive parameters η � 2 and ζ � 4, and the
bending parameter μ � 3 (see Fu et al. [45]).

As shown in Figures 4C,D, the ACE2 proteins can diffuse on
the fluctuating cell membrane with the correct orientations. The

FIGURE 2 | Comparison of Root Mean Square Displacement (RMSD) fluctuations of bond lengths (A) and angles (B) obtained from the original all-atom
simulations, the CG simulations, and the normal mode analysis of the CG model of the spike protein head S1 unit.
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FIGURE 3 | The first three normal modes of the spike CGmodel. (Ai) 1st mode (side view). (Aii) 1st mode (top view). (Bi) 2nd mode (side view). (Bii) 2nd mode
(top view). (Ci) 3rd mode (side view). (Cii) 3rd mode (top view). The RBD site (CG site 11) is highlighted as blue.

FIGURE 4 | Simulations of the endocytosis of a whole virus by incorporating the CG models of the spike protein and the ACE2 receptor. (A) A CG model of the
whole virus with 72 distributed spike proteins (red) anchored on its viral envelope (grey). The spike proteins are modeled using the CGmodel described in Figure 1. ACE2
proteins (green) are anchored in the host cell membrane (orange). Both the binding sites of the spike proteins and ACE2 proteins are marked as blue. (B) The initial
attachment of the virus to the fluctuating cell membrane. (C) The progress of the endocytosis due to spike-ACE2 interaction. (D) Separation of the membrane-
bounded virus from the host cell membrane. Only half of the cell membrane is shown in (B, C, D) for revealing the interior virus and interactions. (E) A close view of the
interactions between the spike proteins (red) and ACE2 receptors (green) through their binding sites (blue). Most ACE2 receptors bind to two spikes. Membrane is not
shown. (F) The same as (E) except the ACE2 receptors and spikes are modeled as rigid bodies without flexibility. All ACE2 bind to one spike only. Membrane is
not shown.
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Berendsen thermostat and barostat are used to maintain a
constant membrane temperature and zero membrane tension.
The rigid body dynamics in LAMMPS is employed for the viral
envelope, and the NVE integrator with Langevin thermostats is
employed for the dynamics of spike and ACE2 proteins under
the same temperature as the membrane. The interaction
between the spike RBD sites and the ACE2 binding sites is
simulated by breakable Morse bonds. The binding energy
between the spike and ACE2 is set to −177 kcal/mol,
obtained from the literature for spike-ACE2 interaction
[28–32].

When the virus is initially attached to the cell membrane, the
spike proteins at the bottom surface of the virus bind to the
ACE2 proteins and are deformed due to their structure
flexibility as shown in Figure 4B, while the spike proteins on
the top surface remain much less deformed, although they
vibrate due to thermal fluctuations. After more ACE2
proteins bind to the spikes, the virus is engulfed by the cell
membrane. This eventually leads to the necking and rupture of
the cell membrane as shown in Figures 4C,D. Our simulations
show that due to the flexibility of the spike proteins and their
actual surface density, it is possible for the two spikes to bend
significantly to bind to the same ACE2 receptor as shown in
Figure 4E. Our simulations show that this is not possible if the
spike and ACE2 proteins are modeled as rigid structures, and
one spike can only bind to one ACE2 as shown in Figure 4F.
Therefore, it is critical to consider the realistic flexibility of the
spike and ACE2 proteins in the simulations, as also
demonstrated in all-atom MD simulations [46–48].

CONCLUSIONS AND DISCUSSIONS

We developed the CG models of the spike proteins and ACE2
receptors using the shape-based coarse-graining approach. The
force field parameters are obtained from the all-atom simulations
by matching the fluctuations. Then these CG models are
incorporated into LAMMPS to simulate the binding of the
spike proteins with the ACE2 receptors during the endocytosis
of a whole virus. We found that the realistic structure flexibility of
the spike proteins and ACE2 proteins is critical for better
interaction between these two proteins. For example, our
results showed that two spike proteins can easily bind to one
ACE2 receptor due to significant bending deformation.

Besides endocytosis, the coronavirus can enter the host cell by
membrane fusion. To model the membrane fusion process in a
future study, we will need to consider the viral envelope as a
flexible membrane using the one-particle-thick lipid bilayer
model. As the connection between the S1 and S2 subunits is
cleaved and the S1 head subunit is removed from the virus during
the membrane fusion process, we also need to refine the CG
model to incorporate this breakable bond mechanism.

In summary, we simulated the endocytosis of the whole
coronavirus with minimal atomistic details of its spike
proteins and corresponding ACE2 receptors. Although the
resolution is coarse and the coarse-graining is aggressive, it

can help us understand the biophysical behavior of the
coronavirus at large temporal and spatial scales beyond typical
atomistic simulations. Furthermore, the CG resolutions can be
refined if needed through the same procedure by using the scripts
provided in the Supplementary Material.
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Bidirectional Mechanical Response
Between Cells and Their
Microenvironment
Claudia Tanja Mierke*

Faculty of Physics and Earth Science, Peter Debye Institute of Soft Matter Physics, Biological Physics Division, University of
Leipzig, Leipzig, Germany

Cell migration and invasion play a role in many physiological and pathological processes and
are therefore subject of intensive research efforts. Despite of the intensively investigated
biochemical processes associated with the migration and invasion of cells, such as cancer
cells, the contribution ofmechanobiological processes to themigratory capacity of cells aswell
as the role of physical polymeric phase transitions is not yet clearly understood. Unfortunately,
these experiments are not very informative because they completely disregard the influence of
the three-dimensional cell environment. Despite this data situation, it was possible to
adequately demonstrate that there exists a direct mechanical interplay between cells and
theirmicroenvironment in both directions, where both elements can bemechanically altered by
one another. In line with these results, it has turned out that the mechanobiological molecular
processes through which cells interact with each other and additionally sense their nearby
microenvironment have an impact on cellular functions such as cellular motility. The
mechanotransduction processes have become the major focus of biophysical research
and thereby, diverse biophysical approaches have been developed and improved to
analyze the mechanical properties of individual cells and extracellular matrix environments.
Both, the cell mechanics andmatrix environmentmechanics regulate the cell migration types in
confined microenvironments and hence it seems to be suitable to identify and subsequently
present a common bidirectional interplay between cells and their matrix environment.
Moreover, hallmarks of the mechanophenotype of invasive cells and extracellular matrices
can be defined. This review will point out how on the one hand the intracellular cytoskeletal
architecture and on the other hand the matrix architecture contribute to cellular stiffness or
contractility and thereby determines the migratory phenotype and subsequently the
emergence of a distinct migration mode. Finally, in this review it is discussed whether
universal hallmarks of the migratory phenotype can be defined.
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1 INTRODUCTION TO CELLS AND THEIR
ENVIRONMENT

Specific migratory phenotypes are exhibited by cells and the speed
of migration and invasion can be dynamically adapted to the
physical characteristics of their microenvironment [1,2]. Thereby
the physical constraints, cell adhesion, matrix rigidity and
topology are key issues of the extracellular matrix
environment that consequently impact the migratory capacity
of cells [3,4]. It has been seen that the mechanical properties of
cells contribute to their migratory capacity and seem to determine
their migration mode. The mechanical properties of cells define
their overall mechanophenotype. Similar to cells, the extracellular
matrix mechanical properties can also define the matrix
mechanophenotype of the microenvironment of cells and
tissues. Since mechanophenotypes may be addressed in a more
quantitative and comparable manner compared to shape or
structural phenotypes, they seem to be more suitable to
determine the migratory capacity of cells or collections of
cells. However, it is still unclear whether the
mechanophenotype of the cell relies on the
mechanophenotype of the matrix and adapts accordingly to
changes in the mechanophenotype in the environment.
Eukaryotic cells promote the migration and invasion through
linkage of the intracellular force and the actin cytoskeleton
toward the microenvironment. Whereas the force coupling
mechanics employed by mesenchymal migrating cells is
generally conducted through transmembrane adhesion
receptors, such as primarily those of the well-known integrin
family, amoeboid cells, such as leukocytes can manage to move
with highspeed, since there exists very weak cell-matrix adhesion
forces [5,6]. Living organisms are subjected to a broad array of
mechanical stimuli on different length scales, which cover
universal forces, such as gravity, and microscopically localized
forces, such as fluid shear stress within blood vessels [7],
compression through adjacent tissues [8,9] or the rigidity of
the extracellular matrix scaffold [10]. Specifically, it can be
inferred that the displacement of the balance equilibrium
among actin protrusion, actomyosin contraction, and adhesion
to the extracellular substrate can account for the diverse modes of
amoeboid locomotion, and the fact that blebbing and gliding are
scarcely extreme varieties of a commonly adopted migratory
pattern [5].

When enclosed in three-dimensional (3D) environments, cells
exploit the topographic characteristics of the subsurface to move
around. In particular, the retrograde flow of the actin
cytoskeleton tends to have a pattern that closely matches the
texture of the substrate, generating retrograde shear forces that
are adequate to propel the cell body onward. It is noteworthy that
adhesion-dependent and adhesion-independent migration are
not necessarily contradictory, and instead are versions of the
identical principle of linkage of retrograde actin flow to the
surroundings, and thus can operate prospectively and

interchangeably at the same time [6]. Univariate maps and
phase diagrams provide an insight into how physical
characteristics impact cell migration. Moreover, the phase
transition may offer a simple explanation for a phase shift
within cell populations, such as the unjamming-jamming
phase transition or epithelial-mesenchymal transition [11].
Computational modeling allows systematic reconnaissance of
the phase space to emphasize strategies for experimental
investigations [1]. The phase transition may serve as a
mechanical hallmark for cancer and its malignant progression.

2 CELLS IMPACT THEIR
MICROENVIRONMENT

There are commonly physiological and pathological processes
where the migration and invasion of cells plays a crucial role.
Cancers develop to handle environmental stress or face and
overcome all kinds of challenges, including nutrient
deficiencies, lack of survival factors, and out-of-balance
mechanical forces. The runaway growth and anomalous
deregulation of central homeostatic cellular tracts resulting
from genetic mutations establishes a stressful milieu [11].
Adjustments of cancers to the evolving surroundings can
cause alterations in the motility engine of cells that impact
migration, invasion, and metastasis. Cancer cells may enter
singly or in groups, or may be ejected out of surrounding
epithelium. These mechanisms are assumed to represent
modulations of normal events that arise either in the course of
development or tissue repair or in inflammatory responses [3,11].
The Plausibility of Life [12], which posits that every system in a
cell or organism has developed to incorporate built-in distinct
moduli of variability that can be triggered under stress or in the
light of new capabilities, seems to be applicable for cells that need
to adapt to the environmental cues. In turn, cells can alter the
extracellular matrix surroundings, which may represent one such
mechanism of adaption. Thereby, the cells can either secrete
matrix metalloproteinases (MMPs), such as MT1-MMP toward
their local environment [13], expresses sheddases on their cell
surface or release matrix crosslinking molecules or secrete growth
factors, cytokine or matrix-degrading enzymes regulatory
molecules that are stored within the microenvironmental cavities.

Cancer cells overcome steric obstacles that represent
enormous tissue barriers through the exertion of small actin-
rich membrane protrusions, which are referred to as invadopodia.
These invadopodia play a role in many steps of the metastatic
cascade (Figure 1). The full maturation of invadopodia relies on
extrusion and elongation of protrusions and the timed release of
the matrix metalloproteinase MT1-MMP through endosomal
trafficking involving unidentified mechanisms. The
endoplasmatic reticulum (ER) protein protrudin can be
demonstrated to foster the maturation and function of
invadopodia. Protrudin assembles interaction sites for MT1-
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MMP-positive endosomes that are filled with the RAB7-binding
kinesin-1 adaptor FYCO1 [14]. However, the lack of RAB7,
FYCO1, or protrudin impaired the MT1-MMP-dependent
extracellular matrix break-down and consequently, the
invasion of cancer cells through blockage of the anterograde
translocation and the release MT1-MMP through exocytosis [14].
In the event that endosome translocation or exocytosis has been
hindered through depletion of protrudin or synaptotagmin VII,
respectively, the invadopodia failed to extend and lengthen. In
contrast, when protrudin has been overexpressed, noncancerous
cells exhibited prominent invadopodia-like protrusions and
displayed enhanced levels of matrix breakdown and elevated
invasion.

Stabilization of progenitors promotes the maturation of
invadopodia, which proceeds by a dual-track mechanism. On
the one hand, actin polymerization and cortactin-dependent
ramification permit the extension and elongation of the
invadopodium. There is on the other hand fusion of MMP-
containing vesicles with the plasma membrane of invadopodia,
which results in the breakdown of the extracellular matrix.
Curiously, both stages of invadopodia maturation abide on
membrane plasticity and vesicle trafficking. While lysosomes
have been proposed to act as membrane feeders for
invadopodium outgrowth [15], late endosomes and lysosomes
(henceforth collectively designated LE/Lys) have an well-
established function in the supply of transmembrane (MT)1-
MMP, synonymously referred to as MMP14, to the plasma
membrane of invadopodia [16]. Thus, protrudin-facilitated
ER-endosome contact sites encourage the invasion of cells
through driving the translocation of MT1-MMP-laden
endosomes toward the plasma membrane, which then fosters

the outgrowth of invadopodia outgrowth and the exocytosis of
MT1-MMPs.

Evidence suggests that invasive cancer cells overcome these
tissue barriers producing specialized F-actin-based protrusions
referred to as invadopodia, which focally breakdown the
extracellular matrix to accommodate cell invasion [17–19]. In
light of this, MT1-MMP is highly expressed within invadopodia
and is found to be a key component of pericellular matrix
breakdown, which labels the invasion of carcinoma cells across
the basement membrane and through dense, collagen-rich tissue
confinements [20–24]. While by definition all invadopodia types
break down the matrix and are dependent on the catalytic activity
ofMT1-MMP, their composition and activity may vary according
to the molecular composition and mechanical characteristics of
the matrix microenvironment [25–27]. In the conventional
model employed to examine invadopodia assembly, cancer
cells are seeded atop a thin quasi-2D substrate of denatured
collagen, such as gelatin, where deterioration activity is focused
within 0.5–1 μm-sized, actin-rich spots [18]. In contrary, when
confronted with a truer physiological matrix construction of
collagen type I fibers [24,28], cancer cells form cortactin/
F-actin-positive constructs that continue to mature into
breakdown-competent invadopodia, together with focal MT1-
MMP shedding and aggregating in conjunction with the
subjacent matrix of collagen fibers [16,26,29,30]. Typically,
these structures, extended in the plane of the plasma
membrane, may be multiple micrometers long [26,29,30]. It
has been seen that cancer cells penetrating through the
collagen gel with a nucleus-at-the-back conformation [31,32],
favorably develop prolonged invadopodia at the advance level of
the invasive protrusion in front of the nucleus and dismantle the

FIGURE 1 |Cancer cells form invadopodia in many steps of the metastatic cascade, such as the spreading out of cancer cells from the primary tumor, the invasion
through the extracellular matrix tissue environment, the intravasation through the endothelial cell layer into vessels, such as blood or lymphoid vessels, the extravasation
of cancer cells through the endothelium and subsequent invasion through the extracellular matrix of targeted tissue. Finally, secondary tumors can be assembled and the
metastasis cascade is completed.
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matrix-constricting fibers to aid in invasive pathway formation
[24,28,33].

However, another more common mechanism of cell adaption
may either alter their own mechanical characteristics or induce a
phase separation due to modified assemblies of proteins.

Fundamental concepts of cell locomotion have been first
uncovered in the 1970s [34–36]. Specifically, the 2D
locomotion of fibroblasts that migrate over a flat substratum
have been examined. Nevertheless, cell migration on the 2D
surface insufficiently mirrors cell migration in vivo, as the cells
are permanently subjected to the physical restraints of the
extracellular matrix [13]. The fundamental stages of cell
migration through the extracellular matrix can be identified by
the three-stage model of invasion [37]. According to this theory,
during migration, cells first acknowledge the extracellular matrix
and adhere to it by adhesion molecules such as integrins [37].
Subsequently, proteinases are conscripted to induce local
breakdown of the extracellular matrix. Ultimately, the cell
body relocates to the deteriorated extracellular matrix cavity
[37]. Repeating the three steps effectively empowers the cells
to traverse over the extracellular matrix. This type of migration is
termed mesenchymal type and demands the harmonious
orchestration of integrin-facilitated cell adhesion, cytoskeletal
rearrangement, and proteinase activity [13]. In reaction to the
presence of sufficiently large, porous matrices, cells can also
embrace a protease-independent regime of movement
commonly referred to as amoeboid locomotion [38]. However,
when cells break down extracellular matrix moieties and need to
find a pathway to migrate, they engageMMPs, a set of proteinases
that feature prominently in the breakdown of the extracellular
matrix [39,40].

2.1 Cells Act on the Extracellular Matrix
Apart from biochemical signal transduction processes, cellular
functionality and fate critically rely on the mechanophenotype of
the surrounding extracellular matrix environment [2,3,41]. The
extracellular matrix represents an acellular element of tissues that
builds a matrix scaffold for the adhesion of cells and fosters
multiple mechanotransduction events, which play a role in
physiological processes encompassing morphogenesis and
homeostasis [42]. Alterations of the mechanical
characteristics of the extracellular matrix in in vivo and
in vitro models through reimplanting tissues or alterations of
the rigidity of the adherent substrate seem to be relevant in the
reversion of the aging process [43], enhance developmental
events [8] or modify the malignancy of cancers [44,45].

Restructuring of extracellular matrix scaffold and their
compositional proteins seems to be relevant for the
organization of entire tissues and organs. In this light, it is
essential to gain an insight into the cellular and molecular stages
that occur when individual collagen fibers move [46]. The
movement of single collagen fibers may be either a cause of
cell movement in 3D confinement or a prerequisite for the cell
movement by deposition of misplaced collagen fibers
(Figure 2).

2.1.1 Effects of the Dimensionality Affects
Transportation of Collagen Fibers
The dimensionality of the cell culture systems impacts the
mechanism of collagen fiber transportation. In specific detail,
cell propagation on glass and other flat 2D substrates seems not
to be strictly involved in the motion of fibers in 3D matrices. A
limited level of crossover is seen between proteins resident at 3D
matrix interfaces and those incident at 2D adhesions [47,48].
Specifically, the shape of fibroblasts in a 3D collagen matrix
shares scant similarity with their morphology on a 2D collagen-
coated interface [49,50]. Therefore, an essentially alternative mode
of motility exists on 3D fibers in comparison to 2D surfaces
[4,51,52]. Precisely regulated motions of actin and myosin
filaments form the basement of multiple migration events of
cells [53–55]. In line with this, it has been proposed that
the cell locomotion system creates the cortical cytoskeleton.
Due to coupling with extracellular matrix proteins, integrin
receptors trigger an intricate signal transduction cascade
leading to the activation of contraction through motor
proteins empowering cell migration [56]. Thereby, the
integrin–extracellular matrix interferences connect physically the
extracellular microenvironment with the cell’s actin cytoskeleton
and consequently couples it to microtubules and intermediate
filaments. It has been explored what type of myosin and
signal transduction pathways are engaged. In general, non-
muscle myosin II (NM II) represents an actin-binding
protein that can crosslink actin filaments and obeys
contractile characteristics and its regulation is performed
through the phosphorylation of its light and heavy chains.
Specifically, myosin molecules are capable of moving
longitudinally along actin filaments, driving their sliding or
creating tension on them. While this demands energy supplied
through the hydrolysis of ATP, it also necessitates that myosins
contain catalytic sites possessing ATPase activity.

Apart from the linkage through integrins and the extracellular
matrix scaffold, zyxin can localize to and dissociate from focal
adhesions due to forces imposed by the extracellular matrix
scaffold [57]. In contrast, the focal adhesion kinase (FAK), a
prominent adhesion-associated tyrosine kinase, is required for
durotaxis, which is based on the tendency of cells to move toward
more rigid substrates [58]. Hence, these two molecules play also a
crucial role in the process of cell migration and force generation
[59–61].

Lack of non-muscle myosin heavy chain II (NMHC II) in cells
does not impact numerous motile events, such as 2D migration
on glass, however, it causes a reduction of the cell’s capacity to
generate large forces [62,63]. Since large forces are commonly

FIGURE 2 |Migrating cells can bend and deposit a collagen fibril during
the formation of lamellipodia in the course of cell migration.
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associated with the restructuring of collagen scaffolds, NMHC II
seems to play a role in this process [64,65].

The remodeling of collagen carried out by fibroblasts fulfills a
prominent function in the optimization of tissue architecture,
which is fundamental for motility in the course of wound healing,
developmental processes and the control of cell growth.
Nevertheless, the mechanism of collagen fiber locomotion in
3D matrices has not been fully elucidated. Fibroblast
lamellipodia project along retained collagen fibers, engage
them, and retract them in a “hand-over-hand” cycle engaging
α2β1-integrin [46]. Wild-type fibroblasts propel collagen fibers
three to four times farther in each cycle than fibroblasts deficient
in myosin II-B, referred to as myosin II-B−/−. In a similar manner,
myosin II-B−/− fibroblasts shrink 3D collagen gels threefold less
compared to controls. Nevertheless, on 2D substrates, the
propagation rates of collagen beads and cells are not
influenced by loss of myosin II-B. Green fluorescent protein
(GFP)-labeled myosin II-B, while not myosin II-A, re-
establishes the normal function in knockout cells and becomes
locally distributed at cell processes, whereas myosin II-A is
distributed rather at a central location. In this regard, GFP
myosin II-B travels to the peripheral region and returns to the
central region during hand-over-hand fiber locomotion, while on
2D collagen, myosin II-B tends to be more centrally dispersed.
Consequently, it has been hypothesized that a cyclic formation of
myosin II-B and contraction within lamellipodia foster the
locomotion of 3D fibers [46].

NMHC II is instrumental in the contractility of actin upon
migration, cytokinesis, and formation/sustainment of the cell
shape. There exist three isoforms of NMHC II in mice and
humans, NMHC II-A, II-B and II-C [66–68] that exhibit
various expression profiles [67]. Even though NMHC II-A and
NMHC II-B exhibit 85% amino acid sequence identity within the
motor domain, they seem to have nonoverlapping distinct
functions [69–71]. Ablation of NMHC II-B is embryonically
fatal in mice due to serious defects in the heart and brain
[72,73]. NMHC II-B−/− fibroblasts that express NMHC II-A
but not II-C have normal appearance on tissue culture plastic
and other 2D supports, although they display more haphazard
locomotion and marginally elevated on-momentummotion rates
[46,74,75].

NMIIA is linked to complement receptor-driven but not
FcγR-driven phagocytosis, which has been suggested to engage
the polymerization of actin [76]. NMIIA filaments may also
coordinate phagocytosis [77] through either fostering the
depolymerization of cortical actin [78] or its fluidization [79].
NMIIA filaments resemble exactly toward collagen adhesion sites
and are needed for interference and capture of the small GTPase
Rap1 within focal adhesions [80,81], which is critical for
governing the activation of β1 integrins [82] and,
correspondingly, for the phagocytosis of collagen. All of which
has been revealed through siRNA-knock-down of NMIIA [81].
Apart from collagen remodeling through phagocytosis, there
exists another collagen remodeling process that seems to be
based on collagen transportation.

To enlighten the last process of collagen remodeling, single
fibers of Cy5-labelled or TAMRA-labelled collagen type I can be

positioned on top of the apical plasma membrane of adherent
cells. The labeling of collagen fibers provided the opportunity to
monitor individual cells that interfere with individual collagen
fibers, and record the local collagen displacement or transport,
whereby the capacity of cells to adhere to or act on fluorescent
collagen fibers is not altered [46,83]. It has been reported that the
displacements of individual collagen fibers are subject to the
cycles of cell elongation, retraction, and liberation at the anterior
surface of a polarized cell [46].

When examining the movement of the cell edge and the fiber
displacement over time, it has been seen that the fiber is stalled
upon the cell extension at the cell’s leading edge. When the
lamellipodium expanded parallel to the fiber, the contact is
maintained and no motions in any other direction can be
seen. After the extension phase in the range of 20–40 s, the
lamellipodium pulled back; concurrently with this contraction,
the fiber traveled inwards at the identical velocity as the leading
edge. After the fiber has been carried into the endoplasmic region,
it became liberated from the cell. While this behavioral rhythm
pattern of motility in 3D is akin to the cycles of cell motility
observed in 2D models [53], it is distinct from 2D motions [46].
The behavioral pattern of fiber motions through the cell is
intermittent; the lamellipodium stretches along a retained
fiber, attaches, and pulls backward in a set of distinctive steps
that is what is referred to as an event. Several events appear hand
in hand and produce large fiber dislocations. Therefore, the main
mechanism for collagen remodeling entails a sequence of
elongation/retraction events propelled through lamellipodia.
To quantify fiber motion, the frequency of remodeling events
for each cell, the speed and duration can be determined. The
location of the fibers has been monitored over time that leads to
displacement over time curves, which can be subdivided into
distinct individual events, The events start when the fibers initiate
their movements, and are terminated when the movements are
stalled. From the collagen fiber displacements, it can be deduced
that wild-type cells exhibit multiple high velocity phases and
display long duration periods.

Since the fiber motion seem to rely on NMHC II-B, the fiber
movements have been determined in NMHC II-B−/− fibroblasts
and wild-type controls, whereby the knock-out cells exhibited less
motion. Employing a more precise quantitative examination of
the events pointed out that the duration and velocity of fiber
motion is reduced that leads to the reduction of displacements for
each event appearing subsequently at a lower frequency in
NMHC II-B−/− compared to NMHC II-B+/+ cells. Restoration
of NMHC II-B content in NMHC II-B−/− cells through transient
or stable transfection with GFP-NMHC II-B [84] augmented
fiber shift per event; however, expression of GFP-NMHC II-A
failed to increase the fiber shift per event.

To assess whether reduced fiber motion at the single-cell level
mirrors the capacity of 3D collagen matrix remodeling, the
contraction of collagen matrices through a suspension of a
standard amounts of fibroblasts has been determined. Wild-
type cells can contract the matrix to about 25% of the original
area, whereby NMHC II-B−/− cells solely to about 75% original
area. Stable transfection of GFP–NMHC II-B is able to rescue
capability of the NMHC II-B−/− cells to contract the matrix, while
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transfection of GFP–NMHC II-A cannot restore it. This finding
indicates that NMHC II-B is necessary for the contraction of
collagen matrices, while NMHC II-A is not required. However,
NMHC II-A possesses a different distribution from NMHC II-B
with merely little colocalization of both.

To move collagen fibers, cells must bend them, which
necessitates a pronounced force [70], and fibers under tension
experience the same type of movement. The high force demand
and failure of NMHC II-A to balance the loss of II-B is in
accordance with the higher pulse duty cycle of NMHC II-B (F.
[71]). Consequently, the reduction of fiber trafficking through the
hand-over-hand cycle and 3D matrix contraction in NMHC II-
B−/− cells seems to directly rely on the lack of NMHC II-B.
Thereby, it has been ruled out that the divergent effects of the two
cell types are based on different adhesion strength toward
collagen matrices through the binding to the α2β1 integrin
[49,85]. Moreover, the expression of α2β1 integrin is not
challenged in the two cell types. Therefore, NMHC II-B is
intimately affiliated with collagen contact points in 3D
matrices, traveling into the extending lamellipodia and
migrating posteriorly in concert with actin back transport
[53–55] as the fiber contracts.

Finally, the process of collagen fiber motility has been shown
to entail repeated hand-to-hand retraction of the fiber by parts of
the cell lamellipodia. Lamellipodia elongate whereas the fiber is
steady-state, and fiber trafficking tends to substantially
correspond to lamellipodia retraction. Even though this is
parallel in multiple ways to the process of cell movement on
glass [86], the two processes differ significantly in their reliance
on NMHC II-B.

It has been figured out that contractility of cells may be related
with specific localization of NMHC II-B, which is almost distinct
from the localization of NMHC II-A [87–89]. This discrepancy in
their specific localizations may be attributable to their different
behavior within various organisms or cell types that possess
different integrin types, undergo different phases of motility or
are either cultured in a 2D environment or within a 3D matrix.
There is an increasingly agreement on the fact that cellular
interplay inside 3D matrices is pronouncedly diverse
compared to traditional cell cultures on top of 2D substrates.
In specific, when cells are seeded on pure coverslips for 18 h,
NMHC II-A can be found at the edges of polarized cells, while
NMHC II-B is located farther at the rear end of the cell [89].
However, when cells spread and polarize for solely 1.5 h on a
dense 2D collagen matrix, the localizations are reversed. NMHC
II-B−/− cells cannot compensate for defect of II-B through re-
localizing II-A toward the periphery. Instead, II-A is located in
the endoplasm. In line with this finding, transfected GFP–NMHC
II-A and II-B proteins can be found to the identical regions as
endogenous proteins. Finally, these results strongly point out
toward a NMHC II-B-driven mechanism of collagen remodeling
process.

When cells in 3D collagen matrices are grown, NMHC II-B
can be detected in the periphery of the cell, and most prominent
when thin, dendritic protrusions alongside collagen fiber
interactions are exerted. However, NMHC II-A is still
centrally focused. These findings further contribute the

hypothesis that dimensionality impacts strongly the
localization of NMHC II. Hence, it can be hypothesized that
NMHC II-B is targeted toward cell–collagen adhesion sites
through a process involving integrin activation via collagen.

Moreover, NMHC II-B dynamic response activity is found to
be accompanied by episodes of cellular expansion and
contraction. As the leading edge extended, NMHC II-B
translocalizes in the lamellipodia. Directly before membrane
retraction, ripples of NMHC II-B traveled posteriorly, while
the collagen fiber underwent posterior traction. The process
persisted all the way until the lamellipodia became fully
retracted, at which point NMHC II-B started to be carried
forwards back into the freshly expanded lamellipodia.
Conversely, the dynamics of NMHC II-B in cells that moved
on non-treated substrates appeared to be distinct. Cells plated on
non-treated 2D glass substrates expanded and contracted
lamellipodia ordinarily, but GFP-NMHC II-B remained
invariably lacking in the expanding or contracting
lamellipodia. The same pattern of GFP-NMHC II-B locus
formation has been consistently seen in cells migrating within
a 3D collagen matrix; however, cells migrating on 2D collagen fail
to obey this type of pattern [46].

These findings provide evidence that NMHC II-B plays a
dedicated, immediate role in the trafficking of collagen fibers
through fibroblasts in the 3D matrix that it is distinctly dissimilar
to its involvement in 2D substrate motility. A number of
alternative explanations for the decline in fiber movement
have been examined. To begin with, there has been no change
in NMHC II-B−/− cell migration on 2D substrates [90,91] or in the
rate of cell spreading on fibronectin. In addition, the existence of a
collagen fiber on the top surface in no way modified the migration
levels of NMHC II-B−/− and NMHC II-B+/+ cells on the medium.
Lastly, the speed of the collagen-coated beads on the lamellipodia
on control and NMHC II-B−/− cells remained the identical. Thus,
the lack of collagen fiber and 3D cell motility in NMHC II-B−/−

cells is by no means the consequence of a variation in 2D
migration speed, backward transport of actin, or the spreading
of lamellipodia on interfaces.

Motility in 3D collagen matrices has been found to be heavily
reliant on NMHC II-B, while motion on 2D surfaces is
unaffected. Because NMHC II-B−/− cells can move collagen
spheres posteriorly on a 2D surface while not moving collagen
fibers, the fiber architecture appears to be indicative of NMHC II-
B engagement. These findings imply that NMHC II-B is
substantial for correct cellular rearrangement of collagen
matrices in vivo, which is in accordance with the aberrant
cardiac performance in the knockout mouse [71]. While
transfection of GFP-NMHC II-B into NMHC II-B−/− cells
resembled and rescued the wild-type phenotype, which failed
to do so when GFP-NMHC II-A has been expressed in these cells.
This outcome offers complementary circumstantial support that
NMHC II-A and II-B perform nonredundant functions in the
production of contractile forces throughout the reorganization of
the collagen matrix. The cycling of NMHC II-B motion into the
lamellipodia, contraction, and breakdown to fuel the locomotion
of collagen fibers is subject to a sophisticated, stepwise process to
generate whole-cell motion in three dimensions.
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2.1.2 Degradation of Collagen Fibers and Networks
A Disintegrin And Metalloproteinases (ADAMs) are a
transmembrane protease family that function in the regulation
of inflammatory reactions [92]. Emerging in their role in
cardiovascular disease/atherosclerosis is that ADAM10
regulates the assembly of atherosclerotic plaques [93], whereas
ADAM15 participates in plaque lesion evolution [94] and
ADAM17 is linked to atherosclerosis resistance [95,96]. Of
multiple members of this family, ADAM8 possesses sheddase
activity that facilitates the scission of cell surface proteins related
to atherosclerosis, such as the inflammatory adhesion receptor
molecules L-selectin, P-selectin glycoprotein ligand-1 (PSGL-1),
vascular cell adhesion molecule 1 (VCAM-1), tumor necrosis
factor (TNF) and TNF receptor 1 [97,98]. ADAM8 is strongly
expressed in the majority of cells of hematopoietic origin and also
in brain, bone, lung and thymus [99–104]. Although ADAM8
expression is widespread, mice lacking ADAM8 have a normal
evolution with no conspicuous phenotype [103]. In terms of
pathologies, ADAM8 expression is raised in cancer and
inflammatory diseases of the lung, central nervous system,
bone, and joints, and its expression correlates strongly with
the seriousness of disease [97,100,105,106].

Membrane type 1 matrix metalloproteinase (MT1-MMP)
represents a type I transmembrane proteinase that is part of
the matrix metalloproteinase (MMP) family. In fact, MT1-MMP
is a powerful cellular microenvironment remodeler and enhances
cell migration and invasion of a broad range of cell types under
both physiological and pathological circumstances. Therefore, it
encourages cell migration through breaking down the

extracellular matrix on the cell surface and establishing a
migration trail, through altering the characteristic of cell
adhesion through shedding cell adhesion molecules to improve
cell motility, and through modifying cellular consumption
metabolism. Consequently, MT1-MMP is a multipurpose cell
motility amplifier [107].

MMPs comprise a set of zinc-dependent metalloproteases that
are capable of breaking down all constituents of the extracellular
matrix. In humans, a total of 23 MMPs are available, and they can
be categorized on the grounds of substrate sensitivity or domain
architecture [108]. Optionally, they can be divided into soluble
MMPs or membrane-type MMPs (MT-MMPs) (Figure 3). The
characteristic domain structure of MMPs is composed of a signal
peptide, a pro-domain, a domain of catalytic activity, a coupling
peptide, also referred to as a hinge region, and a hemopexin
domain [108] (Figure 3). The soluble MMPs are frequently
released as inactive zymogens and have to be activated
extracellularly by additional proteinases. MT-MMPs have a
domain structure in common with other MMPs, but they are
bound to the plasma membrane either by a transmembrane
domain trailed with a small cytoplasmic tail (CT) (MT1-,
MT2-, MT3-, and MT5-MMPs) or a
glycosylphosphatidylinositol (GPI) anchor (MT4-, MT6-
MMPs) at their C-terminus [109] (Figure 3). Intracellularly,
all MT-MMPs are being activated through proprotein
convertases such as furin and expressed as active species on
the cell surface. The proprotein convertases identify and
subsequently scission a basic amino acid motif of RX(K/R)R at
the C-terminus of the pro-domain, which is shared between all

FIGURE 3 | Common domain structure of the MMP family. There are two major classes, such as soluble MMPs and membrane-bound membrane-type MMPs.
Catalytic domain (Cat), cysteine-rich domain (Cys), cytoplasmic tail (CT), fibronectin type II repeats (FN), GPI-anchor signal sequence (GPI), hemopexin domain with a
C-C disulfide bond (Hpx), immunoglobulin-like domain (Ig), linker 1 (L1), linker 2 (L2), MT-loop � eight-amino acid insertion characteristic to TM-type MT-MMPs, pro-
domain (Pro), RX(K/R)R � PC recognition sequence, signal peptide (SP), transmembrane domain (TM), vitronectin-type domain (VN).
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MT-MMPs and some soluble MMPs such as MMP-11, -21, -23,
and -28 [109]. Transmembrane-type MT-MMPs can also be
identified as having an eight-amino-acid loop in their catalytic
domain, referred to as MT-loop [109].

Membrane type I MMP (MT1-MMP) has been found to be the
unique MMP among these that enhances cell migration in a
collagen-rich setting [21]. MT1-MMP-facilitated the migration
and invasion of cells and hence have been associated with various
disease processes, encompassing inflammation [110],
atherosclerosis [111], rheumatoid arthritis [112], invasion of
cancer and malignant progression of cancer, such as metastasis
[113]. Consequently, insight into the mechanisms of MT1-MMP-
directed cell migration/invasion is critical to gain an appreciation
of the pathogenesis of various diseases. There is ample evidence
that MT1-MMP enhances cellular invasion both in response to
and independently of proteolytic activity [107]. In the following
the three different mechanisms for the migration modes of MT1-
MMP-dependent cell migration/invasion are presented and
discussed. These three mechanisms comprise direct proteolytic
extracellular matrix degradation, indirect extracellular matrix
proteolysis and modification of cell adhesion molecules.

2.1.3 Cross-Linking of Fibers
The extracellular matrix contains primarily collagen type I fibers.
Collagen-made scaffolds have turned out to function as ideal
biomaterial for the purpose of tissue engineering and
development of in vivo implants. For multiple biomedical
techniques, collagen can be crosslinked to strengthen the
strength, rigidity and stability of the overall mechanical
construct. This can be done by chemical, biomaterial and cell-
derived cross-linkers, however, for the in vivo situation, the cell-
derived cross-linkers are relevant. The other cross-linkers, such as
chemical substances, biophysical techniques and biomolecules
from other species than the cells or tissues under investigation can
solely be employed to mimic the in vivo situation in in vitro cell or
tissue culture assays.

Collagen is omnipresent, self in tissues that are biologically
and structurally diverse. The natural layering and positioning of
cells in the body is controlled through biochemical and
biomechanical indications of the extracellular matrix and the
physiological circumstances at the location of the tissue. Whereas
some of these indications can be customized in a framework
through the use of additive fabrication, some changes result in a
natural way from the decisions encountered during the process of
synthesizing the nucleus of a framework. Therefore, the structural
and property alterations imparted by the underlying
manufacturing processes over the length scales simply are not
possible to oversee. Specifically, the networking process not
merely enhances the mechanical characteristics of a collagen
skeleton, however, it also leads to additional alterations in the
molecular framework. In the following seven most frequently
employed substances for the cross-linking of collagen type I fibers
are presented and discussed. There are three major classes of
collagen cross-linkers, such as chemical, biomaterial and cell-
derived cross-linkers. A special focus is placed on cell-derived
cross-linkers, since they are present in vivo and possess no
potential toxic effects on cells and tissues. However, for

experimentalists the chemical cross-linkers and the techniques
to cross-link extracellular matrices are important for future
studies and are mentioned below. The biological cross-linkers
may have the advantage that they are less toxic for the cells and
tissues and hence they are included in this part.

2.1.3.1 Chemical Cross-Linkers
The basic goal of chemical crosslinking is to enhance the
mechanical characteristics and stability of the processed
collagen end product. The choice of a suitable cross-linker, by
contrast, may vary according to a number of factors. Collagen is
commonly utilized in biomedical implementations to mimic the
biochemical environment encountered in vivo, so amine-based
cross-linkers [114–118] are frequently selected to imitate the
lysine-based linkages inherently occurring in collagen [119].
The mode of selection and mechanism of crosslinking may
also unintentionally alter different structural properties and
the relevant biological reaction. Chemical cross-linkers, for
example, can be roughly categorized according to their ability
to integrate the cross-linker straight into the protein. This yields
the “zero-length” cross-linkers, where they do not stay within the
protein structure after crosslinking, or the “non-zero-length”
cross-linkers, where a portion or the entire cross-linker is
built-in (Figure 4). Whereas zero-length cross-linkers can alter
the local chemical composition, leading to non-native such as
cellular interactions [120], it also raises some issues of concern
regarding the specific nature of the potential for non-zero-length
crosslinked collagen profiles to liberate cytotoxic compounds
when subject to metabolism [121]. The main cross-linkers in
use, most of which are amine-based and span a variety of cross-
linkers with and without zero length [122]. Among them are
conventional cross-linkers including glutaraldehyde, which is a
non-zero length cross-linker, and 1-ethyl-3-(3-
dimethylaminopropyl) carbodiimide-N-hydroxysuccinimide
(EDC-NHS), ultraviolet radiation (UV), dehydrothermal
treatment (DHT), that are zero length cross-linkers. New and
upcoming crosslinking techniques involve the utilization of
genipin as a non-zero length cross-linker, and riboflavin and
tissue transglutaminase 2 (TG2) as zero length cross-linkers.

2.1.3.1.1 Glutaraldehyde Glutaraldehyde represents a chemical
cross-linker that is frequently investigated in tissue
engineering due to its exceptional capacity to increase the
elastic modulus of scaffolds [123]. Glutaraldehyde utilizes the
generation of imide as a mechanism to crosslink collagen fibers
(Figure 4). As evident from the collagen interaction
mechanism, glutaraldehyde is not a zero-length cross-linker
and the final crosslinked collagen includes portions of the
linker molecule in the resulting structure. Glutaraldehyde has
also proven capable of attaining an unusually high level of
crosslinking, with full (amine-based) crosslinking exceeding
0.12 wt% obtained in porcine dermal telocollagen-depleted
collagen gels [124]. The concern with this, nonetheless, is
that crosslinks can be formed both within and across
collagen fibrils, and that an advance in crosslink density is
not necessarily accompanied with a comparable rise in
mechanical characteristics [116]. Glutaraldehyde
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crosslinking of dermal sheep collagen has been determined to
raise the modulus at low strain due to crosslinking from 1.7 to
3.5 MPa at 0.5 wt/wt%, even though the modulus at high strain
drops slightly from 32.7 to 21.0 MPa with rising crosslinking
concentration [116]. In addition, cell sowing and proliferation
has been found to be enhanced by glutaraldehyde crosslinking
through hindering cell-mediated contraction of a rat tail

atelocollagen-derived type I scaffold, whereas differentiation
was markedly impeded compared with the noncrosslinked
scaffolds [125]. The byproducts of breakdown in subsequent
metabolic pathways also led to the cellular cytotoxicity seen,
even though there is no indication of carcinogenicity or
mutagenicity associated with the usage of
glutaraldehyde [121].

FIGURE 5 | Cell-driven alterations of 3D extracellular matrix scaffolds, such as cross-linking of cell-derived molecules, cellular pulling on collagen fibers and cell-
released cytokines or chemokines.

FIGURE 4 | Chemical and biological cross-linkers serve as modifiers for 3D collagen matrices. Among them are zero-length (yellow circle), including 1-ethyl-3-(3-
dimethylamino propyl) carbodiimide hydrochloride (EDC)-N-hydroxysuccinimide (NHS), ultraviolet radiation (UV), riboflavin, electron irradiation, dehydrothermal
treatment (DHT), lysyl oxidase (LOX) and transglutaminase 2 (TG2) and non-zero-length cross-linkers (blue circle), such as glutaraldehyde (GTA), polyethyleneglycol
(PEG), collagen, fibronectin and genipin.
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2.1.3.1.2 1-ethyl-3-(3-dimethylaminopropyl) carbodiimide-N-
hydroxysuccinimide (EDC-NHS)
EDC-NHS represents a general collagen cross-linker which has
a non-cytotoxic, zero-length crosslinking alternative to
glutaraldehyde. Zero-length cross-linking leads to restricted
access to “adjacent” free amines [126], which obeys a reaction
mechanism (Figure 4). The cross-links are between glutamates
and arginines/lysines and in each case involve the GXOGER
sequence detected by integrins acting to intercede cell binding
on collagen, where the amino acid X is usually phenylalanine
(F). The EDC-NHS is referred to as the standard concentration
of 100% [117,127] and is frequently written as a precise molar
ratio of 5:2:1 EDC:NHS:COO−, where COO− denotes the
carboxylate groups in the protein.

EDC-NHS crosslinking provides a lower density of the
crosslinks compared to classical cross-linkers such as
glutaraldehyde. However, it delivers a more hydrophilic
surface, which is favorable for fibronectin activity and enables
a higher degree of swelling than traditional cross-linkers on type I
bovine dermal swollen gel-derived collagen fibers, such as those
exhibiting chondroitin-6-sulfate additives [126]. In addition,
EDC-NHS has been demonstrated to trigger self-assembly of
collagen bundles with a width of approximately 300 nmwith both
acid-soluble and insoluble type I bovine dermal collagen,
implying the feasibility of both intra-fibril and inter-fibril
binding, although it is a zero-length cross-linker. The non-
soluble collagen fragments exhibited amplification and
localization of the piezoelectric response alongside these self-
assembled fiber bundles [128].

In the past, cross-linking of collagen up to 200%,
synonymously referred to as 10:4:1 EDC:NHS:COO- of the
standard composition, however, substantial research on EDC-
NHS constitution and its impact on cell migration and
mechanics [127,129–132] indicate that far lower
concentrations (10–100%) can maintain the enhancements in
mechanical characteristics imparted by crosslinking. Extruded
collagen fibers, such as bovine dermal acid-swollen gel collagen
type I, have been analyzed after crosslinking at three specific
EDC-NHS concentrations (0.02 w/w EDC%-0.006 w/w% NHS,
0.002 w/w EDC%-0.0006 w/w% NHS and 0.0002 w/w EDC
%-0.00006 w/w% NHS) [129] for alteration of the ultimate
tensile strengths, which revealed to be not impacted through
the levels of EDC-NHS cross-linker. Human tenocytes of the
anterior cruciate ligaments can adhere to these extruded
collagen fibers at lower levels, when these fibers are strongly
crosslinked after 1 day [129]. After 3 weeks of culturing, the
tenocyte proliferation on the heavily crosslinked fibers has been
decreased. The results implicate that the crosslinking conditions
can be lowered by roughly two orders of magnitude with no
impact on the tensile characteristics [129].

Similar results of impaired attachment of C2C12 mouse
cardiomyocytes, platelets and HT1080 fibrosarcoma cells have
been obtained with the EDC-NHS cross-linker for collagen films,
such as type I microfibrillar bovine dermal and Achilles tendon,
whereas there is not effect for crosslinked gelatin films of bovine
dermal sources [127,130]. The hypothesis connected the
perceived decrease in cellular attachment to the ablation of

GXOGER motifs in collagen by the carbodiimide crosslinking
procedure. Based on the access of RGD motifs for cell binding in
gelatin that is cryptic in collagen, similar reductions in cell
attachment are not seen with crosslinked gelatin.

The impact of EDC-NHS crosslinking on integrin binding
has been explored to obtain a mechanistic comprehension how
the cross-linkers alter the collagen skeleton to generate the drop
in cell adhesion [120]. Moreover, biochemical receptors
involved in binding with the crosslinked type I collagen
substrates of bovine Achilles tendon have been identified by
analyzing the binding of two integrin I domains (α1 and α2) and
classifying four different model cell lines, such as platelets,
HT1080 human fibrosarcomas, Rugli rat glioma cells, and
C2C12 mouse fibroblasts with transfected integrin I domains
that express distinct collagen-binding integrins. Through
isolated integrin domain binding and cellular attachment
experiments to collagen, it has been revealed that four
collagen integrins, such α1β1, α2β1, α10β1, and α11β1, are
impacted through the EDC-NHS crosslinking. Thus, the
mechanism has been proposed to delineate the inhibition of
integrin binding through the engagement of glutamic acids in
the crosslinks created by EDC-NHS. Because I-domain binding
in an integrin relies on pairing with a divalent cation aided by
metal ion dependent adhesion site (MIDAS) motifs, depletion of
glutamates upon EDC-NHS cross-linking is hypothesized to
ablate GXOGER motifs on collagen. At high EDC-NHS
crosslinking (≥10%), the extent of GXOGER ablation evoked
through the carbodiimide seems to facilitate non-native cellular
interferences with the substrate [120].

2.1.3.1.3 Dehydrothermal Treatment
DHT utilizes LeChatelier’s principle of advancing a reaction
accomplished through the removal of the crosslinking by-
product, water, using heat and vacuum (Figure 4). The
impact of DHT sustained at a variety of temperatures (110,
120, 140, 160, 160, 180°C) at 30–50 Torr for 24 h after a 1-h
ramp has been examined on scaffolds of bovine type I dermal
collagen. It can be seen that the compressive elastic modulus of
DHT-treated films rose with the employed DHT temperature, in
accordance with the interlacing density of the films [133]. The
treated collagen films have also been prone to denaturation in
the process, exhibiting a significant denaturation (57.84%),
crumbling, and embrittlement at elevated temperatures
(180°C) [133]. The crosslink density of DHT-treated collagen
obtained from cow skin has been observed to rise with
temperature from 105 to 125°C, although not with time
beyond 3 days [134]. Even though some denaturation of
collagen is claimed to enhance crosslink density by providing
physical adhesion to hidden groups, beyond 145°C or 5 days, a
significant amount of denaturation and diminished mechanical
characteristics have been noted [134].

An in vivo evaluation of DHT-treated microfibrillar type I
collagen-chondrotin-6-sulfate scaffolds has been performed
within transected peripheral rat nerves [135]. Thereby, the
treatments at higher times and temperatures aided nerve
regeneration more effectively, offering an optimal time frame
for breakdown that corresponded to the tissue regeneration
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speed. In addition, an examination of the in vitro cell reaction of
DHT-treated type I collagen-choindroitin-6-sulfate collagen
scaffolds has been performed employing MC3T3-E1 mouse
preosteoblasts at higher temperatures. Specifically, these
scaffolds have been modified with four temperatures, such as
105, 120, 150 and 180°C, under a vacuum of 37.5 Torr. DHT-
treated scaffolds exhibited both extreme priming and
proliferation of preosteoblasts when compared to EDC-NHS
or glutaraldehyd-cross-linked scaffolds, which is especially seen
at the higher temperature of 150°C [131]. Although the findings
of an in vivo and an in vitro assay cannot be directly matched, it is
reasonable to assume that the utilization of DHT treatment to
evoke high cellular activity can be restricted to lower temperature
regimens at which the chance of denaturation is low.

2.1.3.1.4 Ultraviolet Radiation
The utilization of UV to crosslink collagen is a fairly new

technique that is based on the generation of highly reactive
radicals to assist in the creation of crosslinks throughout the
microstructure (Figure 4). Due to the nonspecificity of radical-
based reactions, no rigorous chemical mechanism exists,
although amino acid analyses indicate cross-links through
aromatic residues, such as phenylalanine and tyrosine
[127,136], which may act to stabilize the radicals inside their
delocalized π-systems.

UV-irradiated films of acid-soluble rat tail tendon collagen
exhibit a decrease in thermal stability and generate of surface
flaws, such as wrinkles and micro-cracks upon UV crosslinking at
λ � 254 nm, 0.196 J cm−2min−1, for 2, 4 and 8 h [137]. It was
hypothesized that the applied UV radiation breaks the hydrogen
bonds within and transverse to the collagen in these samples,
initiating the liberation of water and the creation of collagen
fragments [137]. The UV-dependent fragmentation of collagen
has been demonstrated to be restricted through the addition of
glucose that impairs the unwrapping of the triple helices in bovine
insoluble dermal and Achilles tendon collagen polymers [138].

An evaluation of the physical characteristics of UV-
irradiated collagen films and scaffolds in the presence and
absence of glucose has been carried out [127]. Bovine type I
skin scaffolds and bovine Achilles tendon collagen scaffolds
and films have been prepared and subsequently exposed to
various UV treatments, such as λ � 254 nm for 30 min with a
defined spectrum of intensities ranging from 0.06 to
0.96 J cm−2 for scaffolds and either 0.42 or 0.96 J cm−2 for
films. The crosslink strengths attained remained extremely
low regardless of the extended exposure times, resulting in a
maximum Young’s modulus of less than 2 kPa for the glucose-
treated tendon collagen, and 0.5 kPa in the absence of any
supplements [138]. In addition, the effect of UV crosslinking
on breakdown resistance in water has been determined to be
related to the collagen source. UV cross-linking enhanced
tendon collagen strength and exhibited no relationship to
irradiation level, while dermal collagen strength
strengthened at the lowest intensity and deteriorated at
higher intensities. All this became balanced through the
rival actions of collagen crosslinking and collagen
breakdown encountered throughout UV exposure [138].

However, what type of in vitro cellular integrin-driven
response is expected after UV cross-linking? Specifically, α2β1-
integrin, which facilitates HT1080 cell and platelet binding to
collagen, and HT1080 spreading and proliferation have been
shown to be not impaired upon UV cross-linking, indicating that
GXOGER sequences remained intact upon UV treatment [138].
On the basis of these findings, the synergistic crosstalk effects of
UV crosslinking and EDC-NHS crosslinking on insoluble bovine
Achilles tendon collagen type I have been examined. UV
irradiation has been determined to restrain adhesion of α2-I
domains beyond the anticipated impact of EDC-NHS on its own,
with EDC-NHS concentration-dependent hindrance of HT1080
cell adhesion and cell coverage. It has been theorized that this is
due to the engagement of phenylalanine (F) in UV crosslinking,
leading to the depletion of GFOGER crosslinking motifs, which is
the tightest tethering of the GXOGER motifs. Consequently,
tethering is counterbalanced through the GLOGER motifs,
wherein L stands for leucine, being compensatory for the
attachment of the α1-I domain, but having a weak affiliation
for α2-I domains [139].

2.1.3.1.5 Electron Irradiation Crosslinking
High-energy electron-induced crosslinking techniques have been
revealed to be useful for accurately tuning collagen characteristics for
extracellular matrix schemes [140]. Due to the procedure’s
minimally invasive nature, collagen remnants stay intact when
exposed to high-energy electrons (Figure 4). Specifically, a
collagen network 3D pore size analysis as a matter of irradiation
dosage indicates an enhancement in density resulting in a reduction
in pore size. In addition, mechanical characterization of these
scaffolds by rheological techniques reveals increased storage and
loss moduli that correspond to an enhancement in crosslink density.
Collagen gels can be modified to adapt specific features, such as
structural or mechanical cues, to mimic natural and physiological
extracellular matrices. These biomimetic scaffold systems need to
exhibit a designed and engineered scaffold architecture, distinct
mechanical characteristics, distinct thermal stability and display a
specific swelling phenotype, precise and non-cytotoxic crosslinking
techniques are demanded [141]. Since conventional techniques use
compounds such as aldehydes [116,142], tris (2,3-Epoxy propyl)
isocyanurate (TEPIC) [143], or enzyme-based cross-linkers [144],
which can negatively impact cell performance, reagent-free
techniques are of great advantage. Electron irradiation is very
efficient among them to network polymeric hydrogels [145]. In
this process, macro- and radical ·OH radicals are generated due to
homolytic scission of bonds on the polymer chain and radiolysis of
water molecules [146]. The radical ·OH radicals continue to target
the polymer chains, generating additional macroradicals. The
macroradicals are extremely reactive and self-recombine to
establish covalent bonds that build cross-links inside the polymer
matrix. By comparison with chemical crosslinking techniques,
electron irradiation at 5–20 kGy holds the prospect of high
effectiveness and accurate and rapid crosslinking without causing
cytotoxicity of gelatin gels [147,148]. It also instantly sterilizes the
media, thereby guaranteeing biomedical usage [149]. Inside the class
of ionizing irradiation, electron irradiation is very beneficial for the
hydrogel alteration owing to its high penetration depth [150] and
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high dosage rates [151], which facilitates homogeneous crosslinking.
Moreover, it provides accurate global as well as on-site meshing
through the utilization of a highly centered electron beam, thereby
paving the way for a variety of uses spanning from mechanical
texturing to actuators [147,152]. Rather, for future biomedical
applications including extracellular matrix models, a
characterization of electron beam crosslinked collagen gels with
respect to network structure, such as pore size, rheological features,
and cytocompatibility, has been performed [140]. Fourier-
transform-infrared spectroscopic observations demonstrate that
electron beam-assisted crosslinking causes only small alterations,
whereas the distinctive polymeric architecture of the collagen is
maintained across doses of 50–100 kGy. Electron irradiated collagen
possesses high cytocompatibility and can be combined with other
isolation techniques of tissue-based scaffolds that comprise a high
content of collagen type I, such as decellularized matrices of tissue
biopsies or specimen. Consequently, these collagen-rich tissue
scaffold samples can be mechanically tailored. Decellularized
scaffolds and 3D-printed scaffolds utilizing biomaterials can
become nature-like tissue scaffolds.

2.1.3.2 Biological Cross-Linkers
2.1.3.2.1 Genipin
Genipin, a substance derived out of the fruits of Gardenia

jasminoides Ellis, has proven to be an alternative biomaterial
crosslinking agent in view of the cytotoxicity of crosslinking
agents, including glutaraldehyde and formaldehyde [153].
Based on the firmly entrenched food safety of genipin, the
crosslinking technique has been proposed for applications in
collagen-, gelatin-, and chitosan-based scaffolds and drug-
delivery schemes [153]. Genipin has been implicated as a
cross-linker in chitosan-based frameworks and is assumed to
obey the same two-step mechanistic route in both chitosan and
collagen (Figure 4). One of the crosslinking steps has been
mapped to incorporate a secondary amide bond of a free
amine to the genipin through a nucleophilic SN2 substitution
[154,155], and more recently it has been delineated that the
second crosslink develops via two additional pathways to
accomplish crosslinking to collagen, either through two imide
crosslinks or two amide crosslinks [155]. Genipin crosslinks
gelatin via lysine and arginine moieties and is anticipated to
pursue a resembling mechanistic route in collagen [156]. The
cross-links established with genipin provide collagen scaffolds
that raise the elastic modulus by almost an order of
magnitude. Collagen scaffolds derived from rat tail tendon
type I with a porosity of 92% have been shown to be most
efficacious when subjected to high crosslinking
concentrations (0.7812 wt/wt%) and temperatures
(20–37°C), yielding a compressive modulus of elasticity of
30 kPa relative to a noncrosslinked reference control at
5 kPa [157].

However, there seems to be cytotoxicity of genipin at very
large concentrations above 5 mM, when crosslinking collagen
type I matrices [156]. In addition, neurocompatibility and long-
term large animal research trials have proven that genipin, when
injected directly into the spine of individuals, relieves their

chronic low back pain through enhancing the mechanical
characteristics of the annulus [158].

Another examination of the mechanical characteristics of
genipin involving bovine type I dermal insoluble collagen
indicated that at the highest crosslinking concentrations
(1.5624 wt% at room temperature), genipin can function as an
alternative for the intermediate crosslinking constraints of EDC-
NHS, enhancing both the Young’s modulus and the stress to
rupture [159]. Integrin-specific binding has also been seen to be
not impaired by genipin crosslinking, leading to high
proliferation levels in human dermal fibroblasts and minimal
cellular toxicity [159].

2.1.3.2.2 Riboflavin
Riboflavin, synonymously referred to as vitamin B2, has also
found to be biocompatible in terms of achieving crosslinking of
collagen matrices with blue light. Riboflavin crosslinking of
collagen is of specific concern due to the short application
times, such as 15 min, needed to obtain pronounced
enhancements in mechanical characteristics, such as a 2.5-fold
raise in modulus of elasticity [122].

Riboflavin has been used to generate crosslinks in a collagen
matrix, such as type I insoluble, bovine Achilles tendon
membranes, in specific, through arginine, histidine and lysine
amino acids (Figure 4). Even though lack of arginines can lead to
impediment of integrin-mediated adhesion, it has been
postulated that arginines are not as functional for stabilization
of a divalent cation in GFOGER motifs as are glutamines, that are
being lost upon EDC-NHS crosslinking [122,160]. However, cell
adhesion assays verified that only α2β1-integrin-mediated
binding has been impacted, as assessed with HT1080
fibrosarcomas, while integrin binding has been left
undisturbed in human dermal fibroblasts expressing a variety
of integrins. However, in contrast to EDC-NHS-crosslinked films,
riboflavin-crosslinked films failed to induce an enhancement of
nonspecific binding while exhibiting similar ultimate tensile
strengths compared to EDC-NHS-crosslinked collagen
membranes [122,160]. In an investigation of plastically
compacted collagen scaffolds, a decline in oxygen diffusivity
and viability of human dermal neonatal fibroblasts has been
seen after crosslinking of a compacted rat tail collagen type I
scaffold [161]. Nevertheless, this cytotoxicity could result from an
interplay of compression and crosslinking, as higher levels of
plastic compression led to a more pronounced reduction in cell
viability compared with riboflavin crosslinking.

2.1.3.2.3 Polyethylene Glycol
The impact of polyethylene glycol polymers with varies

molecular weights (Figure 4), degree of branching, and
specific terminal groups have been largely analyzed in terms of
cross-linking and functionalization of 3D collagen matrices
[162–166]. Branched cross-linkers increase the amount of
fibers converging at every junction of the scaffold, which is
referred to as local connectivity or junction points of the
network and additionally enhances the mechanical strength of
the hydrogel [167,168].
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2.1.3.3 Cell-Derived Cross-Linkers
Cell-derived cross-linkers are undoubtedly the most important
class of cross-linkers, and thus greater research efforts need to be
devoted to them in the future, as they have the potential to be
non-toxic to cells and may also affect the mechanophenotype of
the extracellular matrix environment, which in turn may alter the
cellular mechanophenotype. In specific, cell-based cross-linkers
play a pivotal role in the characterization of organoid and
therefore special attention must be paid to them.

2.1.3.3.1 Transglutaminase
Transglutaminases pertain to a family of transferase enzymes
that network proteins through the establishment of a bond
between an ε-amine (lysine) and γ-carboxyl in glutamines
(Figure 5). Many types of transglutaminases exist, among
them microbial transglutaminase, factor XII, epidermal,
keratinocyte, and tissue transglutaminases, which are
frequently encountered as cross-linking reagents in skin, hair,
and blood clots in vivo. Within these enzymes, tissue
transglutaminase 2 (TG2) is a calcium-dependent enzyme that
has exhibited an exceptionally high cellular contribution,
encompassing an enhancement in the number of osteoblast
adhesions following TG2 crosslinking of freeze-dried type I
calfskin collagen scaffolds [169].

Transglutaminases attach to glutamines in the polypeptide
chain and engage them for subsequent reactions [170]. In the
vicinity of water, this leads to the conversion of the glutamine into
a glutamate residue, while in the presence of a suitable amine, an
amide bond is produced at the location of the activated glutamine
[170]. Therefore, TG2 may serve either as an amide cross-linker
that avoids preexisting aspartic or glutamic acids (E and D) in the
generation of crosslinks or, conversely, may help to reintegrate
glutamates (E) into the substrate, thereby enhancing the number
of MIDAS motifs that can be accessed on the substrate for
integrin sensing.

The analysis of mechanical properties of TG2 revealed global
characteristics, such as the tensile modulus, plasticity and failure
strength of TG2-treated films, that are increased compared to
non-crosslinked type I bovine dermal insoluble collagen films
[122]. TG2 treatment has been not observed to hamper the
spreading, attachment, cytotoxicity and proliferation rate of
human dermal fibroblasts to their substrate.

2.1.3.3.2 Lysyl Oxidase
Lysyl oxidase (LOX) represents an amine oxidase that is copper-
dependent and fulfills a prominent function in the course of
connective tissue matrix through crosslinking the extracellular
matrix proteins, such as collagen and elastin (Figure 5). LOX
promotes the catalysis of the oxidative deamination of specific
lysyl and hydroxylysyl residues within collagens and elastin,
which represents the initial step of the covalent crosslinking of
these extracellularmatrix components [171,172]. Therefore, it acts as
a key regulator for collagen homeostasis. LOX concentrations rise in
numerous fibrotic diseases, in contrast to the reduced expression of
the enzyme in specific diseases with disturbed copper metabolism.
LOX is produced as a preprotein that is liberated by secretion as a
50 kDa N-glycosylated proenzyme and subsequently undergo

proteolytic cutting to the 32 kDa catalytically active mature
enzyme. Effectors or conditions that regulate LOX expression
comprise transforming growth factor (TGF)-β, platelet-derived
growth factor (PDGF), angiotensin II, retinoic acid, fibroblast
growth factor (FGF), altered serum conditions, and shear stress.
As new LOX-like genes have been discovered, a multigene family
may be in question. There is also growing awareness that LOX can
have additional important biological roles in parallel to its function
in cross-linking elastin and collagen in the extracellular matrix [118].

2.1.4 Collagen and/or Fibronectin Secretion (Altering
the Composition of Fibers)
Apart from the cell-derived cross-linkers, the secretion of
extracellular matrix proteins by cells and tissues can alter the
structural and mechanical properties of the extracellular matrix
environment. Currently, 29 types of collagen are known, grouped
into types I, II, III, IV, and IX, and are more prevalent in humans
[173–175]. In vivo, fibril-forming collagen promotes the creation
of fibers, and the fibers are intertwined in a specific manner due to
the specific tissue characteristics [176]. The self-assembly of
collagen into fibers represents a gradual process [177,178],
which is impacted through parameters including initial
concentration, ionic strength, temperature and pH [179–181].
The presence of potassium ions causes the formation of the
banding pattern, referred to as “D” period patter, of collagen
fibers [182]. Moreover, collagen fibers fulfill a largely
irreplaceable role in the proper functioning and structure of
tissues. On the cellular scale, cells serve as one of the main
components of the extracellular matrix, the achievement of
multiple functions of cells is highly reliant on the availability
of fibers, such as cell adhesion, motility, proliferation and
metabolism [183–188]. On the organic scale, collagen fibers
provide a fundamental basis for the shape of tissues
[189–191], mechanical characteristics [192–194] and tissue
repair mechanisms during the process of wound healing
[195,196]. In addition, cell-secreted collagen, such as type I or
type IV, or fibronectin molecules can crosslink the collagen
matrix, both of which enhances the elastic modulus of the
collagen matrices (Figure 5).

2.1.5 “Pulling” on Fibers
A scalable technique has been presented to determine how
multicellular clusters rely on their capacity to locally pull,
push, and even twist the neighboring extracellular matrix.
Therefore, they probed their technique by applying
biochemical treatments toward cell clusters in order to perturb
cell–cell and cell–matrix interferences, which cause subsequently
a remodeling of the overall cell cluster and consequently lead to a
dissemination with specific mechanical signatures of matrix
deformation [197]. These mechano-signatures can alter the
mechanophenotype of the microenvironment and specific
tractions, encompassing spatially heterogeneous contractile,
protrusive, and circumferential types. Multicellular clusters in
diverse phases of the epithelial–mesenchymal transition exhibit a
successive decrease of protrusive and circumferential tractions,
and the generation of localized contractile tractions due to
elongated shapes of the cell cluster, all of which has been
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characterized. Consequently, the mechanical probing of collagen
fibers can lead to aligned and hence oriented collagen fiber
architectures (Figure 5). Thereby, oriented collagen fiber
scaffolds foster the migration of cells [75,198], differentiation
[199], wound repair mechanics [200], and the assembly of
vascular framework [201]. These results point out to the
usefulness of oriented collagen fiber matrices during tissue
repair, regeneration, and other functions that deal with the
repair and regeneration of bearing tissues with distinct fiber
orientation, including discs, cartilage, ligaments, and fibers.

In specific detail, through placement of collagen type I matrices
within prestrained (0, 10, 25, 50% strain), poly(dimethylsiloxane)
(PDMS)-based microcavities and liberating the mold strain after
matrix polymerization, collagen gels have been polymerized with
diverse fiber alignment. Endothelial cells incorporated within the
various matrices reacted to the elevated collagen fiber orientation
with formation of 3D vascular reticulations consisting of thicker,
directional branching that promoted collagen IV deposition and
lumen creation compared with control conditions. These substrate-
dependent variations in microvascular meshwork assembly have
been linked to modified cell division andmigrationmodes and have
been linked to augmented mechanotransduction pathways [201].
These results suggest that collagen fiber alignment can provide a
direct modulation of vascular reticular assembly and that culture
systems containing aligned collagen can be employed to explore the
underpinning mechanisms, thereby advancing finally the
understanding of disease, tissue evolution, and homeostasis.

When subjected to the mechanical force, the buckling sites in
the fibers and molecules are initially extended [202], and the
buckling sites accumulate a portion of the energy produced due to
the stress in the shape of elastic potential energy in a spring-like
fashion. Afterwards, when the tensile force progressively grows,
the fibers and the molecules slip with respect to one another, and
the sliding among the fibers results in the energy continuing to
dissipate. In the course of this, the slippage releases energy in a
damper-like fashion and maintains a fairly slow rate of variation
of the structure under stress [203,204]. The emergence of fiber
rearrangement leads to the stress-strain characteristic of the
tendon becoming nonlinear, which means that under lower
stress, the fiber experiences a large degree of deformation
[205–207]. The linear area in the mechanical curve is the
action of elongating the fiber. Ultimately, the fiber is extended
until it ruptures under loading.

2.1.6 Fiber Alignment Theory
Collagen fibers have been detected in the compartments of
fibroblasts when monitoring chicken embryonic corneal cuts
[208] and subsequently the same effect has been seen in
chicken embryonic tendons [209]. Specifically, it seemed that
microfibers are formed in the compartments and that the
microfibers increase in density due to side-to-side fusion of
the compartments into a dense bundle. Based on experimental
findings in embryonic chicken and rat tail tendon, the theory of
“fibripositor” has been formulated, that is, the fibers are
sequestered into the extracellular matrix through the pores
created by the merging of microtubule carriers for the
microfiber trafficking and cell protrusion. The alignment of

the fibers throughout this process is in accordance to the
alignment of fibripositor [177]. The theory has been
advanced by the idea that fibripositor are able to apply an
inward pulling force on fibers and combine with tissue tension
to reorganize the fibers [210]. A schematic model of the
fibripositor has been provided in Figure 6. Mechanics has
then been determined to have a major impact in the
mechanism of aligned fiber generation via the development of
a suggested model that accounts for the nature and mode of
tendon growth during tensile loads [211]. In this regard, there is
also an assumption that the generation of oriented fibers is related
to the mechanism of collagen liquid crystal [212], which means
that the collagen monomer in highly concentrated liquid solution
self-composes into oriented fibers in some restricted
environments. Nevertheless, the theory of liquid crystal
orientation is not able to fully clarify the generation of mature
fibers. Thus, the theory of fibripositor seems to be more suitable
to provide an appropriate mechanism of fiber alignment, and the
mechanical microenvironment may fulfill an additional task in
the alignment process of the fibers.

2.1.7 Release of Cytokines or Chemokines
Infiltration of immune cells into solid cancers, their locomotion
within the tumor microenvironment, and engagement with other
immune cells are governed by their directional movement in the
upward direction of chemokine gradients. Deregulated
chemokine signal transduction pathways in the tumor
microenvironment foster growth of cancers, efflux of effector
immune cells, and plethora of immunosuppressive cells. Within
physiological settings, the movement of cells within the organ is

FIGURE 6 | Model of the fibripositor. A single fiber is stretched inward
due to the tension of the fibripositor (step 1), which is drawn out of the
fibripositor because of the tension of the extracellular environment (step 2).
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decisive and governing for the outcomes of the immune system
[213,214]. Thus, the inter- and intraorganic locomotion of
immune cells is directed through a set of secreted molecules
known as chemokines. Immune cells which express the cognate
chemokine receptor translocate in response to gradients of the
respective cognate ligands in a signaling mechanism referred to as
chemotaxis [215].

To date, 50 chemokine ligands and 20 chemokine receptors
have been characterized, and all but six chemokine receptors are
sensitive to more than one chemokine. Chemokines are classified
into four principal classes, according to the position of the first
two cysteine (C) residues in their protein sequence: specifically,
CC, CXC, C, and CX3C chemokines. The majority of chemokine
receptors are cross-membrane heterotrimeric G protein-coupled
receptors [214]. Chemokine receptor binding initiates G-protein
linkage and consequent activation of subsequent signaling
proteins implicated in cell migration, including Rac, Rho, and
Cdc42. The overall impact is a motion of the cells in the same
direction as the chemotactic slope [214].

Influx of immune cells into the cancer microenvironment
remains a pivotal determinant of cancer prognosis, and
chemokines serve an integral purpose in guiding the directional
migration of both activating and suppressive immune cell types
[216–219]. Immune cell movement into cancer tissues is less
foreseeable than homeostatic migration of immune cells into
lymphoid organs since solid cancers are ectopic and
heterogeneous and have no well-defined anatomy. Among even
same-type cancers, immune cell migratory profiles differ with time
and individual cases. Nevertheless, insight into the chemotactic
milieu of solid cancers and recognition of chemokines that govern
immune cell entrance into solid cancers is vital for enhancing
contemporary immunotherapeutic therapies, encompassing
immune checkpoint blockade (Figure 7).

Landmarks that govern this migratory response include
soluble signals such as chemotaxis [220] and tethered chemo-

attractants/repellents, such as haptotaxis [221]. Moreover, the
latter is linked to the durotaxis response of the cells. Chemokines
comprise chemotactic cytokines that direct the migration and
placement of immune cells within tissues and are crucial for the
proper functionality of the innate immune system. Moreover,
they play a role in cancer disease, such as malignant progression
of cancer. Deregulated chemokine signal transduction in the
cancer microenvironment favors growth of cancers, efflux of
effector immune cells, and plethora of immunosuppressive
cells. Key chemokines that govern immune cell migration into
cancer tissues have been pinpointed.

Various investigations have emphasized how chemotactic agent
cues, and in specific chemokines, can function as the natural
antagonists or act to trigger synergistic actions on selective
receptors through the generation of heterocomplexes, thus
affecting the migratory immune cell replies. Different
chemokines may also mutually interfere with one another and
display antagonistic or synergistic behavior at targeted chemokine
receptors. They can simultaneously elicit distinct receptors, leading
to either arrest or amplification of intracellular cell signals
[222,223], or a single receptor can be engaged through a
heterocomplex of two chemokines, leading to a more robust
cellular answer [223,224]. A number of chemokines have been
characterized to generate heterocomplexes both in vitro and in vivo
under both inflammatory and regenerative circumstances (G.
[223,225,226]), but little is yet appreciated about the existence
and pertinence of heterocomplexes in the cancer
microenvironment [227]. In this regard, chemokines may also
mutually interfere with inflammatory substances liberated in the
microenvironment, thus enhancing cellular reactions triggered by
chemokine receptors [228,229]. It has been delineated that the
alarmin high-mobility group box protein 1 (HMGB1), capable of
massive liberation in the microsurroundings of the cancers, creates
a complex with the chemokine CXCL12 that augments CXCR4-
driven signal transduction, thereby adding to themodulation of the

FIGURE 7 | Chemokines trigger the infiltration of immune cells in solid cancers microenvironments.
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activity of the chemokine network [230]. However, there is still an
ongoing debate whether all in vitro heterocomplexes are relevant
for in vivo situations.

3 EXTRACELLULAR MATRIX ACTS ON
CELLS AND CELL CLUSTERS

In the past, the majority of cell culture assays has been performed
in a simple 2D environment, where the cells or collections of cells
were cultured on a flat surface treated for tissue culture. For this
reason, the focus of this review is slightly shifted to the cellular
side acting on their microenvironment. However, in more
advanced approaches, the surface is modulated by several
coatings with commonly employed extracellular matrix
proteins, such as fibronectin, collagen, vitronectin or laminin.
The motility of cells has been assessed employing these flat
surfaces on which mainly the cell adhesion to the substrate is
the rate-limiting factor of cell migration and a gradient either of
the coating or in the culture liquid can determine the
directionality of the movement. Thereby, 2D and 3D
environments as well as the in vitro and in vivo cell migration
situations need to be taken into account, since these data may
point in opposite directions [231].

The architecture of tissues is based on the extracellular matrix
that serves as its major contributor. The extracellular matrix
assembles a 3D scaffold and is mostly secreted by nearby stromal
cells, which contains a broad range of fibrous and non-fibrous
elements. Additionally, the extracellular matrix stores non-
structural elements, such as polysaccharides [232].
Consequently, multiple in vitro cell culture scaffolds that can
imitate the characteristics of the extracellular matrix have been
developed to examine tumor biology, such as various 3D cell
culture models. Various implementations of 3D culture scaffolds
have arisen incorporating prominent hydrogels [233,234], such as
collagen [235–237] and Matrigel [238], non-adhesive surfaces
[239,240] and artificial frameworks [241–244].

In principle, 3D culture systems are expected to more closely
match the physiological extracellular milieu in vivo than
conventional 2D cell culture systems. While these cell culture
tools assist in resolving some key concerns, they may be coupled
with multidisciplinary intricacies. For instance, the non-
uniform largeness of spheroids accounts for the low
repeatability of cell responsiveness to cytotoxic
pharmaceuticals [245,246]. In addition, large spheroids do
not have a vasculature in the center, so the potential inability
to supply drug to the entire multicellular spheroid is likely to be
an influential contributor to reduced chemosensitivity rather
than cellular resistance to pharmaceuticals [247]. Cell culture
requirements can cause the expression of certain genes to shift,
which in turn results in altered cellular behaviors [248,249].
Consequently, to a certain degree, in vitro cell reactions do not
actually reproduce the response of cancer cells in situ, but show
cell behavior linked to the prevailing experimental
circumstances [250–253]. Based on this finding, it is
important to cautiously conceive the selected cell culture
model in order to explore the specified hypotheses.

3.1 Benefits of 3D Extracellular Matrix
Environments Over 2D Substrates
Since drug screenings have been less efficient, there is a need for
new oncology drug candidates to be successfully identified for
testing in clinical trials. The bad outcome of the predictive capacity
of artificial monolayers based on 2D culture assays has contributed
to a large amount to this urgent demand. Monolayer assays fail to
consider the natural 3D microenvironment of the cells.
Consequently, false positives frequently get into clinical
investigations, resulting in high attrition rates and a huge
amount of wasted time and resources. During the last two
decades, a wide range of 3D in vitro cultivation instruments
have been created by both tissue engineers and cell biologists to
improve the depiction of cell biology in vivo. These instruments
maintain the 3D architecture of the cells and can be leveraged to
forecast the toxicity of and resistance to antitumor compounds.
Advances in tissue engineering further enhance 3D cell models by
incorporating the tumor microenvironment, which is essential for
metastatic spread progression and the formation of blood vessels.
Nevertheless, the pervasive adoption of 3D cell culture in cell-based
drug discovery applications has been constrained by multiple
factors, among which are their expense and replicability.
Moreover, different 3D cell culture methods often yield
spheroids of varying size and shape, which can greatly impact
drug potency and toxicity. Therefore, it is essential to
morphometrically classify multicellular spheroids to circumvent
confounding assumptions between distinct spheroid types.
Standardized 3D culturing techniques may decrease data
variation even further and increase biological pertinence.

3.2 Structural Characteristics of the Matrix
Environment: Composition, Such as
Structural Elements and Storage of
Non-structural Molecules
The components of the extracellular matrix combine to create a
structurally robust compound and provide a key input to the
mechanical characteristics of the tissue. The extracellular matrix
is also a repository of growth factors and bioactive molecules. It is
a very dynamic unit that is of crucial importance as it defines and
monitors the most basic functions and properties of cells,
including proliferation, adhesion, migration, invasion, polarity,
differentiation, and apoptosis. The extracellular matrix
environment can influence the migratory behavior of cells
therein by altering the matrix composition and the storage of
non-structural elements, such as growth factors, cytokines,
chemokines, enzymes or matrix cross-linkers.

The extracellular matrix environment can be termed “core
matrisome” [254] and includes more than 300 proteins. Among
them are collagens, elastin, fibronectin, proteoglycans, and cell-
binding glycoproteins, each of which possesses specific physical
and biochemical characteristics. The two major components are
presented briefly in the following.

Collagen is made of three polypeptide α chains that build a
triple helical structure. In vertebrates, 46 different collagen chains
combine to generate 28 collagen types [174,255] that can be

Frontiers in Physics | www.frontiersin.org October 2021 | Volume 9 | Article 74983016

Mierke Bidirectional Mechanical Response

130

https://www.frontiersin.org/journals/physics
www.frontiersin.org
https://www.frontiersin.org/journals/physics#articles


divided into fibril-forming collagens, such as types I, II, III, fibril-
associated collagens with interruptions in their triple helices, or
FACITs, such as types IX, XII, network-forming collagens, such
as the basementmembrane collagen type IV and others, including
type VI. The fibril-associated collagens comprise uninterrupted
triple-helix-forming domains accompanied by amino- and
carboxyl-terminal non-collagenous domains. These non-
collagenous domains undergo proteolytic excision, and the
triple helices produced are laterally attached to produce fibrils.
Non-fibrillar supramolecular structures, exemplified by the
reticular nets of collagen IV in basement membranes and
pearly filaments, are constituted by non-fibrillar collagens.
FACITs are not self-assembling into fibrils, but are instead
accompanied by collagen fibrils.

Proteoglycans are composed of a core protein with side chains
of glycosaminoglycans appended to it. Glycosaminoglycans are
linear, anionic polysaccharides consisting of repetitive disaccharide
entities. Four groups of glycosaminoglycans exist, such as
hyaluronic acid, keratan sulfate, chondroitin/dermatan sulfate,
and heparan sulfate with the latter covering heparin. All are
sulfated apart from hyaluronic acid. The highly negatively
charged GAG chains enable proteoglycans to bind water and
divalent cations, giving them room-filling and smearing
properties. Secreted proteoglycans comprise large proteoglycans
including aggrecan and versican, small leucine-rich proteoglycans
such as decorin and lumican, and basement membrane
proteoglycans like perlecan. Syndecans have a cell surface
connection, whereas serglycine represents an intracellular
proteoglycan.

Certain proline residues present in collagens are hydroxylated
through prolyl 4-hydroxylase and prolyl 3-hydroxylase. LOX
additionally hydroxylates certain selected lysine residues. After
processing, the fibrillar procollagens are sequestered into the
extracellular compartment, where their propeptides are
excised. The evolved collagens subsequently combine to form
fibrils through covalent cross-links established between the lysine
residues of two collagen chains through a process catalyzed by
LOX. The basic collagenous framework determines the
architecture, shape, and organizational structure of tissues.
Proteoglycans also are known to cross-talk with growth factors
and growth factor receptors and are involved in cell signaling
[256] and biological functions, including angiogenesis.

The aforementioned components of extracellular matrix
networks are just major constituents that pronouncedly impact
the mechanical characteristics and non-structural components of
the matrix that both serve as signaling reservoir for cells and
tissues. Considerable evidence points to the extracellular matrix
as an essential niche for stem cells, as ordinary stem cells are
reliant on signal transduction across extracellular matrix
receptors including the laminin receptor, α6β1 integrin [257],
the vitronectin receptor αVβ3 [258], and collagen receptors, such
as α1β1, α2β1, α10β1 and α11β1 integrins [259] and new
indications that the cancer-associated extracellular matrix is an
integral feature of the cancer stem cell niche [260]. Thereby, apart
from the composition of the extracellular matrix environment,
the architecture and the mechanical cues play a crucial role in
creating an environment that supports a niche for cancer stem

cells. In specific detail, the structural parameters, such as pore-
size, fiber-size, matrix-alignment, fiber length and fiber nodes
affect the mechanical characteristics of the matrix scaffold, such
as stiffness, viscosity and poroelasticity. Consequently, there are
increased efforts to precisely characterize the structural elements
of extracellular matrix environments [167,261–263].

3.3 Mechanical Constraints of the
Environment
Most of the investigations on the reaction of cells to mechanical
pacing, nevertheless, are performed on planar 2D substrates, which
are unable to resemble the natural mechanical microsurroundings
of 3D cells. There is growing body of evidence that cell
performance in 2D and 3D microenvironments is markedly
divergent. Within the group of materials employed for
engineering the mechanical microenvironment of 3D cells,
hydrogels have become progressively more relevant due to their
tunable characteristics such as chemical and mechanical attributes.

The relevance of the mechanical constraint in cancer has in fact
been emphasized through experiments that change the
composition and rigidity of the extracellular matrix [264].
Tumor growth has also been demonstrated to be regulated
through mechanical compression induced through the tumor
on its own as it grows in a constrained space [265,266].
Pressure-induced patho-physiological outgrowth of this type has
also been examined in vitro. The growth ofmulticellular aggregates
is significantly diminished when they are entrappedwithin soft gels
[267–269] or subjected to mild osmotic compression [270,271].
Evidence has been obtained that the cell cytoskeleton is engaged in
the reaction to compression and can induce growth inhibition
through cell cycle stoppage [269,272]. Moreover, it has recently
been suggested that cell volume is a pivotal factor in the
mechanosensitive response tract [272]. However, it is not clear
how suchmodest global compression is imparted to the single cells
of the assemblage to modify their proliferation.

In this case, the cells are assumed to respond primarily to the
mechanical stress transmitted through the extracellular matrix
when the aggregate is under pressure [273]. The hypothesis is
based on two experimental findings. Firstly, an aggregate is a
compound substance comprising cells, extracellular matrix, and
interstitial liquid. The existence of hydrated extracellular matrix
is attested through the richness of fibronectin within the
interstitial cavity (Figure 8). Because the extracellular matrix
is 100–1000 times capable of compaction relative to the cells, it
accommodates the majority of the deformation, while still
imparting the mechanical stress to the cells. Secondly, while
an osmotic pressure of a few kPa severely diminishes cell
proliferation inside multicellular assemblies, an equivalent
pressure has no apparent impact on individual cells cultured
on a Petri dish, in the complete absence of extracellular matrix
[271]. Moreover, the utilization of pharmaceuticals that
influence the architecture of the cytoskeleton exerts a
marginal impact on the actual compressibility of multicellular
assemblies. This characteristic pattern suggests that the volume
loss under compression is primarily attributable to the
dehydration of the extracellular matrix [273].
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The significance of the mechanical environment in cancer has
long been emphasized through experiments that change the
constitution and rigidity of the extracellular matrix [264].
Tumor growth has also been found to be regulated through
mechanical compression imposed directly through the tumor
by its own extension in a constrained setting [265,266]. Pressure-
induced patho-physiological growth of this kind has also been
examined in vitro. However, when multicellular assemblies are
entrapped through soft gels [267–269] or undergo mild osmotic
compression [271,273,274], their rate of growth is markedly
diminished. The presence of the intracellular cytoskeleton has
been implicated in the reaction to compression and has been
demonstrated to elicit growth arrest due to cell cycle blockage
[269,272]. Moreover, it has also been proposed lately that cell
volume is a pivotal factor in the mechanosensory response
[272,275]. However, it is not clear how such gentle overall

compression is imparted to the individual cells of the assembly
to modify their proliferation.

3.4 Extracellular Matrix Fiber Reassembly
Encourages the Mechanosensing of Distant
Cells
Cells perceive the intrinsic mechanical features of the extracellular
matrix by exerting tensile forces. The capacity of cells to react to
external forces, to sense and translate the mechanical nature of the
extracellular matrix, and to both synthesize and restructure it, has
an essential part to fill in multiple domains of cellular performance
[276]. For instance, extracellular matrix stiffening in the course of
advancing disease states, including cancer and fibrosis [277], signal
reservoir of non-structural elements [278] or the ongoing cell and
tissue aging [279] may have a detrimental effect on cell migration,

FIGURE 8 | Interplay between cell aggregates and their matrix surrounding modeled through a selective compression technique. (A) Schematic drawing of a cell
surrounded by the extracellular matrix filaments and permeated through the interstitial liquid. (B) Large osmolytes cannot penetrate the extracellular matrix scaffold and
thereby a bulk compression is imposed toward the cell. Since the extracellular matrix is more compressible compared to the incorporated cells, the extracellular matrix
effectively soaks up the majority of the deformation and imposes a positive stress on the cell. (C) Small osmolytes can penetrate the extracellular matrix scaffold in
the absence of any osmotic pressure. However, they compress the cell that, in turn, transmits tension toward the extracellular matrix scaffold.
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growth, differentiation and proliferation. In the alternative,
abnormalities in intracellular signaling pathways that impair the
capacity of cells to recognize and react to extracellular mechanical
cues may also account for diseases such as cancer [277]. The
capacity of cells to perceive and react to mechanical cues is referred
to as mechanotransduction. Mechanotransduction involves
sensing of external forces or biomechanical features and
relaying this kind of input, which initiates a specified
intracellular signaling answer. The cytoskeleton serves a vital
purpose in mechanotransduction by connecting cellular
compartments such as other cytoskeletal components and the
nucleus to the force-sensing machinery [280].

The intricacy of the mechanical characteristics of the
extracellular is placed in the focus and it is pointed out that
cells sensing the mechanical characteristics of the matrix can in
turn be impacted by them. While cells harbor multiple force
sensors, including as the force sensitive channels TRPV4 and
PIEZO1-2 [281,282] and intercellular adhesions [283], the focus
of the current effort has been on mechanotransduction events at
integrin-associated complexes. These link the extracellular matrix
directly to the actin cytoskeleton and are key contributors to
mechanotransduction. Thus, an important research focus is to
investigate and discuss the functional role of protein dynamics of
integrin-associated complexes in the context of their function in
mechanosensing and signaling.

Elasticity has been seen to govern multiple cellular functions,
such as the motility of various cells, cell growth, proliferation and
differentiation [284,285]. Nevertheless, it is not merely the elastic
characteristics that matter in stimulating modulation of cell
performance, and in contrast to purely elastic polyacrylamide
gels, tissues exhibit stress relaxation properties [286]. In fact, the
proliferation of fibroblasts on soft surfaces is improved when the
capacity to remodel the extracellular matrix is augmented by
imposing stress relaxation in the subjacent surface or raising its
viscous characteristics [287]. Moreover, hydrogels with greater or
lower stress relaxation can control stem cell fate regardless of
other known variables such as elasticity or ligand density [286].
The pairing of elasticity and viscous characteristics, or
viscoelasticity, may be especially relevant to “in vivo-like”
settings such as collagen nets, which exhibit significant viscous
characteristics on time scales pertinent to cells [288].

It gets more complex when looking at the mechanical
characteristics of extracellular matrix structures, because they
offer more than just a stiffness coefficient: they have a tendency to
rigidify when subjected to external forces [289]. This
phenomenon is referred to as strain-stiffening of extracellular
matrix networks that can also occur when cellular forces are
applied, causing the entire network to become stiffer [4,290].
Stiffening by stretch can induce cells to gauge a stiffer ambient
than would be expected due to initial polymerization constraints
in vitro, and can establish a positive feedback circuit for achieving
cellular force production [291]. Therefore, the final stiffness of the
surrounding environment can be characterized as the aggregate
of multiple determinants including the mechanics of the
extracellular matrix meshwork, the cell density, and the
capacity of these cells to react and apply tensile forces. In fact,

cells that generate low traction, such as neuronal cells, rigidify the
extracellular matrix meshwork through this stiffening
mechanism considerably inferior to cells that produce high
traction force potential, such as fibroblasts.

A major difference to 2D traction force analysis assays, such as
those based on conventional polyacrylamide or PDMS substrates,
and 3D traction force assays is that forces propagate further in the
extracellular matrix scaffold. This characteristic feature of
extracellular matrixes is highly similar to the in vivo situation,
where the fibrous nature of the connective tissue
microenvironment is present [292,293]. Subsequently, the
distances over which cells can interact in a mechanical sense
with each other are allowed to lengthen [294,295].

3.5 Classical Cancer Hallmarks Heavily
Omit the Role of the Extracellular Matrix in
Cell Migration
Since the first classic cancer features have been proposed over two
decades ago [296] and more of them have been presented more
than a decade ago [297], there is a new discussion about whether
these features are still appropriate or need to be redefined. More
challenging arguments have questioned not only the
incorporation of specific characteristics, but also the question:
what exactly is it that truly defines a cancer characteristic feature?
The term cancer is commonly referred as a malignant tumor
[298]. In this sense, a “hallmark” is a distinctive characteristic.
However, it needs to be mentioned that five of the six initial
hallmarks, but not the hallmark of invasion and metastasis are
present in both benign and malignant neoplasms. Therefore it is
difficult to distinguish benign from malignant cancers. It may be
necessary to supplement that even invasion and spreading are
characteristics of certain non-malignant diseases. An instance of
this is endometriosis, a relatively frequent disease in women in
which endometrial cells migrate to extraanatomical locations and
infiltrate new tissue while retaining a benign histologic
phenotype [299].

However, it can be argued that the purpose of hallmarks is to
establish an organizational setting for cellular features that are
exposed throughout the transformation (phenotypically) of
normal cells - regardless of whether such transformation
ends in a benign growth stage or further develops toward a
more advanced and menacing malignancy. Thus, an
evolutionary approach to mutation theory can be selected,
wherein carcinogenesis represents a dynamic process that
can begin (and end) within the lifespan of cells, with
cancer characteristics becoming evident during this
trajectory [300].

Criticism has also been leveled at the reductionist assumption
of somatic mutation theory-the so-called bottom-up perspective
on the examination of carcinogenesis that views cancer simply as
a disease in which “genes are out-of control,” whereas more
organismic, systems- or tissue-disorganizing perspectives have
been proposed [301–303]. It is evident that even the original
hallmarks list includes tissue-relevant rather than cancer cell-
specific moieties, such as angiogenesis [296] and the hallmarks II
manuscript contains a part addressing the importance of the
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tumor microenvironment [297]. Most recently, phenotypically
normal cells have been demonstrated to have a high load of
nonsilent somatic mutations that are positively targeted in the
absence of cancer [304–306]. Consequently, the usefulness of
hallmarks of cancer is under question. Additionally, the stromal
element of cancers has been identified as an incidental catalyst
[307,308] and imperative accessory [305] of the carcinogenic
progression.

While the concept of hallmarks brings similarities, it is
nevertheless critical to remember that cancer is not a uniform
disease and that reliance on common pathways-and the
implications of their use-vary across cancer types. For
instance, vascularization is an essential hallmark of cancer, but
several cancers are poorly vascularized and may rely somewhat
less on one such hallmark [309]. Another instance is the tissue-
specific usage of branched-chain amino acids in cancer cells that
exhibit the identical driving mutation [310]. Consequently,
cancer can be considered to be a multitude of diseases, each
with a distinct agenda, utilizing features to varying degrees, and
consequently demanding customized therapy.

4 CELL MECHANOPHENOTYPE

The migration of cells is fundamental to basic stages of
development and adulthood, encompassing embryogenesis,
wound healing, and inflammatory reactions [311]. The
migratory capacity results broadly from the active momentum
of its intracellular constituents-primarily the cytoskeleton-which
produces propulsive forces and defines the anterior-posterior
polarity of cells [1,312]. The spatiotemporal dynamics of the
cytoskeleton are governed through intricate regulatory
reticulations [313], and can be typified through both
deterministic and stochastic moieties [314–316]. The temporal
incorporation of these intricate intracellular dynamics dictates
the large-scale characteristics of cell trajectories, which for their
part can be employed as accessible metrics to deduce intracellular
characteristics [317–319], as well as cell interactions with the
surrounding area [320–322] or with adjacent cells [323,324]. Cells
interoperate in vivo with various extracellular settings with a
broad range of biochemical and biomechanical characteristics [1].
These exchanges have been demonstrated to be bidirectional:
ambient stimuli directly impact cell form, migration, and polarity
[325–327], and reciprocally, cells participate in active ways to
reshape their surroundings [328,329]. However, to date, both
pathways have been characterized separately, and the feedback of
cell-induced reshaping of the environment on the large-scale
attributes of cell migration has largely eluded investigation [330].

To surmount the intrinsic challenges of assaying cell migration
in 3D conditions in vivo, the engineering of micropatterned
surfaces has emerged as a high-performance strategy
[331–333]. Within these types of in vitro settings, and
especially in 1D settings, the decreased dimensionality of the
cellular surroundings permits a comprehensive quantitative
analysis of the phase space traversed by the traveling cells.
Notably, while such 1D assays have unveiled noticeable
deterministic characteristics in cell movement profiles, cell

pathways in higher dimensions appear to remain arbitrary
[315,323,328,334,335]. In addition, a lot of the characteristics
of cell migration on a 1D substrate can imitate cell performance in
a 3D matrix [328].

4.1 Single Cell Mechanophenotype
Components of the cytoskeleton are readily identified as
epithelial-mesenchymal transition (EMT) biomarkers,
especially intermediate filaments such as keratin (within
epithelial cells) and vimentin (within mesenchymal cells)
[336]. Hence, it seems to be likely that these dramatic
cytoskeletal scaffold alterations affect the overall cell
mechanophenotype of individual cells. It is still a question
whether these structural alterations occur first or whether the
mechanophenotype of the cells emerges first and secondarily
cause the well-known cytoskeletal challenges of cells undergoing a
EMT or MET. Intermediary phases may also occur and render
this phenomenon even more intricate.

To bridge the gaps in cancer screening and surveillance, one
exciting line of research is cellular mechanophenotyping. To
persist and prosper, cancer cells face many challenges related
to extrinsic forces from adjacent cells, the extracellular matrix,
and the vasculature. The process of identifying and gaining an
intimate knowledge of their mechanical response to these forces
ultimately appears to be advancing the knowledge of cancer.
Additionally, mechanophenotyping, alongside the conventional
approaches of immunostaining and genetic mapping, has the
potential to deliver a complete portrait of a heterogeneous cancer.
In future applications and experiments, the focus needs to be on
the advancement of techniques and the development of new
technologies that provide single-cell mechanophenotyping.
Single cell analysis is critical because mechanical cues from the
surroundings can mask the intrinsic mechanical characteristics of
a cell, which can vary in the course of time. Phenotypic
heterogeneity and plasticity are both defining characteristics of
cancer cells and continue to be a difficulty when examining bulk
end point assessments [337]. EMT seems to take place as a rare
event within a small subfraction of cells, which can be overseen
when solely conducting bulk measurement. Instead,
comprehensive single cell measurements need to be
performed. New knowledge of molecular and cellular length
scale dynamics can be gained through live cell imaging on the
basis of high spatial and temporal resolution in the course of
invasion and EMT [338]. In specific, cytoskeletal protrusions are
especially essential for directional migration, and cells can
noticeably reshape their ambient extracellular matrix [339].
Conversely, cells can experience considerable deformation to
pass through the extracellular matrix, a process that can be
eased through a pliable (more compliant) cytoskeleton.
Moreover, it has been postulated that cancer cells are
considerably softer than their non-transformed equivalents,
especially in the setting of stem-like states expressing
vimentin [340].

This leads to the hypothesis about the universality of both
the usage of migratory phenotypes by cells and
mechanophenotypes of cells. It seems to be a rather simple
view on the migratory phenotype of cells, when hypothesizing
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that all diverse cell types behave universal and hence exhibit
the identical migratory phenotype with a specific and universal
mechanophenotype. There are so many differences between
the cell types or among the diverse differential stages of cells
under physiological conditions that it seems to be not
conclusive to state that they all acquire the exact same
mechanophenotype when migrating through a dense
extracellular matrix environment. Instead, it seems to be
more accurate or intuitive to hypothesize that cells can
adapt several diverse mechanophenotypes in order to
migrate through their extracellular matrix tissue
environment [2,341].

However, there is still debate on whether the aggressive cancer
cells all employ the same mechanophenotype or whether they can
adapt even a more elastic (stiffer cytoskeleton) to migrate and
invade dense extracellular matrix confinements [236,341].

Finally, there is increased focus on the subcellular resolution of
cell-matrix adhesions [342], and on collective responses conveyed
through cell-cell connections [343]. Consequently, bulk studies
conceal heterogeneity in the mechanistic characteristics of
individual cells, particularly those infrequent subsets that
aggressively result in cancer progression or resistance to
treatment. The technologies on which the focus should be
placed on encompass atomic force microscopy, hydrodynamic

and optical stretching, suspended microchannel resonators, and
mechano-node pore sensing [344].

Traditionally, EMT has been conceived as a multilayered
regimen of phenotypic alterations that result in an epithelial
cell gaining mesenchymal characteristics, incorporating changed
polarity and cytoskeletal architecture [345]. EMT programs can
be triggered through inflammatory cues, which include growth
factors such as TGF-β, HGF, EGF, and WNT, hypoxia, and
extracellular matrix components such as collagen I, which
function via developmental transcription factors such as
SNAIL, SLUG, TWIST, and ZEB1/2, as well as E2A proteins,
E12/E47, to attenuate E-cadherin expression and trigger
mesenchymal gene expression (Figure 9) [346]. Small, non-
coding single-stranded RNAs (microRNAs or miRNAs)
function collaboratively with transcription factors to modulate
the facilitation or attenuation of EMT signaling pathway profiles
in a sensitive, contextual fashion [346]. For example, the well-
known miR-34 and miR-200 miRNA families serve dual
functions as both tumor and EMT suppressors through
establishment of double-negative feedback circuits with SNAIL
and ZEB1/2, respectively [347]. EMT is capable of being excited
to different degrees, resulting in a multifaceted array of
intermediate stages referred to as partial EMT
([341,348,349,350,351]), and can be reverse-engaged through

FIGURE 9 | Epithelial-to-mesenchymal (EMT) progression. (A) General characteristics of epithelial and mesenchymal phenotypes and transcription factors that
govern EMT. Cell shape and cytoskeletal structure of (B) epithelial stage, (C) partial EMT stage and (D) mesenchymal stage. (E) Cell-cell and cell matrix adhesions.
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mesenchymal-epithelial transitions (MET). Collectively, these
dynamic events have been more widely characterized as so-
called epithelial-mesenchymal plasticity [352].

4.2 Bulk Cell Mechanophenotype
Insight into the contribution of the mechanophenotype to the
competitive attachment of cells to other cells or to subjacent
carriers may provide insight into mechanisms such as tissue
evolution, progression of cancer, and injury healing. The
purpose of this investigation is to determine how the
mechanophenotype, characterized by entire-cell elastic/
viscoelastic characteristics for the perinuclear area, and the
cellular organization are entangled through the
mechanosensing mechanism [353].

The whole cell mechanophenotype impacts a number of
crucial features, manifold of which encompass proliferation,
differentiation, motility, shaping, and multicellular connectivity
[354]. Thus, gaining an appreciation of how the
mechanophenotype affects cell performance in terms of the
local, mechanical microsurroundings, is crucial to governing
and guiding an outcome of achieving successful cellular
architecture in regenerating tissues. The capacity of cells to
accumulate or expand singly relies not alone on cell type,
extracellular matrix ligands, and substrate rigidity, yet more
notably on the intrinsic mechanophenotype [63,355].

The cells retained a signature perinuclear, entire-cell
mechanophenotype on all supports, irrespective of their
stiffness and throughout all cluster forms and assemblies
generated by the cells. Non-transfected WI-38 cells achieved a
steady mechanical condition 1 day after out-plating and retained
this mechanophenotype for the remaining 3 days of the
experiment. Mechanically diverse GFP-, dnRhoA-, and
β-actin-transfected cells also exhibited intrinsic entire-cell
mechanical characteristics that largely seemed to be
disconnected to the external microenvironment. Specifically, in
the presence of a polyacrylamide (PAA) substrate, the findings of
this investigation further imply that cells have the capacity to
mechanosensitively grasp their surroundings and electively attach
and propagate to any material, PAA substrate or adjacent cells,
that is more rigid than their intrinsic mechanophenotype (atomic
force microscopy with 5 µm bead). The most compliant cell type
displayed the lowest quantity of nodulation across all three gels,
indicating that it tends to prefer to attach to the more rigid
substrate rather than soft, adjacent cells. Moreover, meaningfully
larger nodule development for all cell types has been noted on 0.3
and 0.5 kPa PAA gels compared to 1.4 kPa gels, where cells could
expand and evolve a more patterned actin cytoskeleton [353].

The intrinsic mechanophenotype of WI-38 cells differed
throughout the initial adhesion to a substrate, although it
maintained a broadly stable pattern over time. The various
cellular assemblies in place also started to build during the
first day, suggesting that the cells are able to respond rapidly
to their surrounding microenvironment. Because the mechanical
properties of WI-38 cells do not change with time, single time
point comparisons between the transfected cell lines have been
made. Mechanically diverse transfected WI-38 cell lines also
retained their intrinsic entire-cell mechanophenotypes on

carriers of different rigidity. These findings are corroborated
by other investigations that have also noted a stable, intrinsic
mechanophenotype regardless of alterations in the cellular
microsurroundings. Embryonic stem cells did not enhance
their apical cell rigidity on surfaces of varying rigidity, whereas
basal tensile forces at the border of cell-substrate interactions on
PAA gels are in the spectrum of 0.35–8 kPa [356].

Oligodendrocyte progenitor cells have been revealed to be
more compliant compared to differentiated oligodendrocytes.
Moreover, the stiffness of both progenitor and differentiated
cells appeared to be unaffected by the elasticity of the PAA gel
and varied between 0.1 and 70 kPa [357]. It is relevant to remark
that alterations in cell survival, proliferation, migration and other
biological determinants emerged which remained autonomous
from the cellular mechanophenotype, underlining that this
indicator is not merely a secondary marker of normal cellular
function [357]. However, other investigations have proposed that
the mechanophenotype is a pliable property that adapts to the
elasticity of the surface to which the cell is adhered [356–360].
Nevertheless, these experimental designs vary markedly in the
mechanical assay strategies employed, such as atomic force
microscopy with sharp pyramidal apices over the cytoplasm/
cytoskeleton instead of spherical beads over the perinuclear
region, the range of PAA gel stiffness examined, encompassing
0.5–40 kPa, which are several times higher than the WI-38
mechanophenotype, and the cell type examined, such as
fibroblasts vs glioma cells vs endothelial cells. The focus is
placed on whole-cell characteristics to yield an average
measurement of a cell’s mechanical behavior, rather than
nanometer-scale point measurements, which can differ widely
according to what undergirding cellular constituent it is
contacted. Gel elasticity has also been narrowly constrained to
stiffnesses immediately above and below those of the cells, instead
of involving elasticities orders of magnitude higher. In this way,
the focus is on the competitive attachment of cells to a soft
interface due to their elasticity [353].

4.3 BULK CELL SPHEROID PHENOTYPE

Macroscale tools like tissue surface tensiometry and micropipette
aspiration technique are not be employed to reveal local variation
of around cells within the center of the spheroid. Instead, they can
only provide results from bulk measurement from the outside of
the spheroid. Cavitation rheology seems to be a suitable
biophysical technique to determine the elastic modulus of
spheroids from the inside, since the technique relates the
knowledge of bubble formation to the spheroid deformation
[361,362]. In particular, a spheroid is soaked partly into a
glass capillary, whereafter a micron-sized glass needle, which is
accurately controlled by a micromanipulator, is placed within the
spheroid. Injection of a cavitation agent (air or water) creates an
elastic instability in the shape of a void by applying pressure
slowly. The pressure-growth correlation for this forced spherical
bubble is based on the spheroid’s modulus of elasticity [207,363].
Specifically, matching the energy involved in bubble generation
with the bond energies of the cell surface proteins yields an
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approximation of the cortical tension of the cells comprising the
spheroid [361]. Spheroids are retained in the culture medium
throughout the measurements, which presents a technical
difficulty as they can swim away from the needle upon
insertion. Besides, the elastic modulus values obtained are of
validity under the “thick-shell” regime alone, where the forced
voids are sufficiently small so as not to interfere with the outer
diameter of the spheroid.

The local tissue mechanical characteristics can be assessed
through the usage of hydrogels that serve as mechanosensors
[270,364]. In specific, mechanically precisely determined elastic
polyacrylamide (PAA) microbeads act as internal cell-like
sensors, which have been embedded inside the spheroids that
are cultured under mechanical stress [364]. These beads are
fluorescently labeled for tracking properties and functionalized
for serving as an adhesive substrate for the cells that exhibits total
elastic characteristics. An advantage of the PAAmaterial is that it
is inert and the cell can solely interact through the linkage of the
ligand coated to the beads and the cell surface receptor. The local
pressure within the spheroid can be determined by detecting the
strain of the hydrogels, which is reflected in volume alterations.
The bulk modulus of the bead can be revealed by osmotic
compression before the experiment start employing higher
weight dextran solution. At relatively small compressions,
which are observed at low dextran concentrations, the stress/
strain relationship is purely linear and the bulk modulus of the
beads can be derived from the inclination of the curve. Aside the
linear regime, the empirical polynomial Mooney-Rivlin model
can be employed. Thereafter, the pressure pattern of the spheroid
can be analyzed before and after the osmotic compression of the
entire spheroid with randomly distributed microbeads. These
PAA gels can be fine-tuned in mechanics through alteration of
the ratio between acrylamide and bisacrylamide [365]. To
overcome a foreign body reaction, the microbeads can be
coated with elevated levels of extracellular matrix proteins
[366]. An alternative technique are hydrogels that can be
tuned by temperature, such as PNiPAAM beads. These beads
stay in a compact state under tissue culture temperatures, but
expand when they are chilled down a couple of degrees. They can
be envisioned as springs that are prestressed through
thermodynamic driving out of water prior to their installation
in the tissue. Reducing the temperature relaxes this preload and
places the beads back into a new steady-state volume determined
on the basis of the stiffness of the ambient tissue. The volume
variation pertains to the elasticity of the tissue after the creep
process. These samples can be injected in in vivo mouse cancers
without causing additional fibrosis or inflammation over a
timespan of 3 weeks, which indicates that they possess a
suitable biocompatibility [270]. The calibration of the
PNiPAAM beads can be performed by the encapsulation in
PAA gels with fine-tunable stiffness that display linear elastic
characteristics. In specific, through the alteration of the radii of
the beads after releasing the pre-strain, the mechanical
characteristics can be obtained. Nevertheless, it needs to be
pointed out that these hydrogel mechanosensors exhibit at
least four specific limitations. Firstly, the analysis of the tissue
bulk modulus or elasticity following creep miss a time-

dependent part. Secondly, PNiPAAM can be dependent on
local surrounding parameters, including pH, which may be
not homogeneous within spheroids [367]. Thirdly, the change
in temperature required to carry out the analysis may impact
the stiffness of the tissue, however, it has been demonstrated
that cellular stiffness is not severely altered in the range of 21°C
and 37°C [368]. Fourthly, hydrogel sensors can have an impact
on cellular functions, as they represent foreign objects and
trigger a foreign body reaction [366,369]. However, the
functionalization of the hydrogel surface with suitable
extracellular matrix molecules can aid to circumvent this
effect. A major advantage of these beads is that they can be
utilized directly for in situ mechanical probing within spheroids
and living tissues.

Another alternative biophysical technique to investigate
spheroid mechanics are optical tweezers. They permit the
analysis of mechanics at a subcellular length scale inside
spheroids that have been embedded within an extracellular
matrix scaffold. Optical tweezers have been broadly employed,
such as in physics, in soft matter [370] and in biology, including
biological physics [371]. Moreover, the optical tweezer technique
has been coupled to nano- andmicrofluids. The technique utilizes
a highly strongly focused laser beam to optically trap a refractive
object (bead) in the focal point [372], which offers excellent
resolution in positioning (±1 nm) of micron-sized beads and in
non-contact analysis of forces (±50 fN) [373]. Optical tweezers
have recently been employed to carry out active microrheology on
migrating cells in the circumference of a spheroid enveloped in a
collagen matrix [275]. The mechanical characteristics of the
cytoplasm within the peripheral cells have been gauged
through the incorporation of tiny latex beads into the gel,
which have been subjected to endocytosis. The force-
displacement curve obtained when pulling the beads with the
optical tweezers reveals the cytoplasmic stiffness. Most
importantly, the technique is insensitive to the mechanics of
the actin cortex, which lies underneath the membrane and is a
major contributor to cell surface tension. Moreover, the interior
of a cell is inherently heterogeneous, thus requires carefulness in
identifying which cellular moieties govern the reaction.
Nonetheless, this technique provides the closest to insights
into sub-cellular mechanics within cell spheroids.

5 MATRIX MECHANOPHENOTYPE

What about local inhomogeneities? What about non-linearity of
mechanical properties of the extracellular matrix?What about the
dynamic nature of the mechanophenotype? There exists large
inhomogeneities in hydrogels based on biopolymers, such as
collagen matrices [167]. These inhomogeneities rely mainly on
the different sources of collagen and may subsequently be based
on extraction techniques of collagen type I from tissues of
different organisms.

Apart from the capability to restructure the extracellular
matrix through proteolytic break-down, cancer cells can
employ alternatively cellular force to mechanically remodulate
the extracellular matrix environment, when these cells migrate
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across barriers of tissue [325–327]. Although it has been revealed
that the assembly of invadopodia and their activity can be
governed through the rigidity of the extracellular matrix
[328,329,331,332], it is currently unclear whether invadopodial
structures assembled in concert with collagen fibers are imbued
with matrix-deforming activity that imparts forces to the ambient
extracellular matrix. Moreover, the mechanisms through which
invasive cells orchestrate topological and mechanical inputs from
the 3D extracellular matrix milieu with the organization and
operation of invadopodia throughout matrix break-down and
invasion are still mostly unclear. To elucidate this issue, the
ultrastructural arrangement, dynamics, and mechanical
features of invadopodia arising at the boundary layer between
breast cancer cells and fibrillar type I collagen require assessment.
Employing a combination of platinum replica electron
microscopy, collagen type I fiber tracking and laser-based
scission of collagen fibrils, there exists a protease-independent
function for MT1-MMP in guiding the polymerization of actin
and the generation of force at the leading edge of invadopodia
[31]. These results strongly endorse a paradigm shift in invasion
in which self-assembling force-generating proteolytic cell-matrix
contacts encourage expansion of matrix pores to favor cancer cell
invasion.

5.1 Perlecan
Perlecan constitutes a large multiplex multipurpose heparan
sulfate proteoglycan abundant in vascularized tissues, however,
it is also prevalent in low- and non-vascularized connective
tissues including articular cartilage, intervertebral disc,
meniscus, ligament, and in tendon in the form of a hybrid in
which at least one of its heparan sulfate glycosaminoglycan chains
is substituted with a chondroitin sulfate chain [374,375]. Smooth
muscle cells (SMCs) produce a chondroitin sulfate/heparan
sulfate hybrid version of perlecan, while keratinocytes in
epithelial tissues produce a version comprising chondroitin
sulfate, heparan sulfate, and keratan sulfate [376], and
endothelial cells-perlecan has been found monosubstituted
with heparan sulfate. Mast cells generate perlecan specimens
with reduced molecular weight nuclear proteins [377] which
appear to be caused through alternative splicing and/or
protease scission in immunoglobulin-rich domain IV.

Perlecan acts to coordinate tropoelastin and aids in the
assembly of elastic microfibrils into translamellar transverse
bridges that, along with fibrillin and elastin, work to stabilize
the extracellular matrix of the annulus fibrosus of the
intervertebral disc. Pericellular perlecan interfaces with
collagen VI and XI to delineate and solidify this matrix
partition, which assumes a strategic location that facilitates
two-way cell-matrix communication linking the cell to its
broader extracellular matrix. Evidence from the extracellular
matrix is transmitted through this pericellular matrix all the
way down to the chondrocyte, so that it can sense and react
to subsequent subtle alterations in the microenvironment in an
effort to adjust tissue homeostasis. Therefore, perlecan has a
crucial modulatory function in chondrocyte metabolism and
differentiation. Perlecan functions as a carrier proteoglycan
that transports low soluble lipid-modified proteins including

the Wnt or Hedgehog family and aids in the formation of
tissue morphogen gradients that propel tissue embryogenesis.
Cell surface perlecan on endothelial cells or osteocytes serves as a
flow detector within the blood [378] and lacunar duct fluid,
supplying responses to smooth muscle cells that adjust vascular
tone and blood pressure, and the regulation of bone turnover
through osteocytes, illustrating the multiple functions of perlecan
in load-bearing connective tissues [379]. Cell-assembled
extracellular matrix frameworks composed of perlecan-elastin
and perlecan-elastin-collagen type VI are both firm and
compliant and account for the viscoelastic material
characteristics of tension- and load-bearing connective tissues.

5.2 Heparansulfate Proteoglycan
Heparan sulfate/hyaluronan proteoglycans are engaged in
numerous tasks spanning from the development and
maintenance of microstructure to the organization of the
extracellular matrix and basement membrane through
attachment to matrix molecules including collagen IV, laminin
and fibronectin [380,381]. In specific detail, heparan sulphate
alters cell-cell interplay through serving as a co-receptor for
various cell surface receptors and impacting cell-extracellular
matrix interactions. In addition, heparan sulfate can promote
the sequestration of several growth factors, chemokines,
cytokines, morphogens, and enzymes that create a sheltered
pool that, when liberated, can foster receptor-ligand signaling
compounds to impart key regulatory actions in cellular events to
sustain tissue homeostasis [382]. Structural alteration of heparan
sulfate can result posttranslationally through the function of
sulfotransferases, sulfatases, and heparanase. MMPs and other
proteolytic enzymes, such as plasminogen, can change the core of
heparan sulphate proteoglycans and hence, can govern heparan
sulphate proteoglycan-dependent signal transduction processes
[383,384]. They play a role in cancer progression [385].

6 HALLMARKS OF THE
MECHANOPHENOTYPE TRANSITION

How solid tumors gain the capacity to metastasize at distant
locations is not well comprehended. A driver of metastasis by the
enemy microenvironment may be that it provokes the stress
reactions itself, which leads to hypervariability of ordinary
routines that govern cell migration, nutrient absorption, and
the tissue organization [11]. The habit variability may impart
survival benefits and permit flexibility to accommodate fairly
major program adjustments under stress. Imagining a solid
tumor as not just a haphazardly altering tumbling ball of cells,
but as an evolving system that is subject to adaptation to survive
in the body through kidnapping andmerging of intrinsic diversity
programs, gives rise to a different way of conceiving of what is
behind complicated phenomena such as cancer metastasis.
Several cellular processes could be susceptible to such selection
and hypervariability induction under stress, though the focus is
set on tissue organization, cell migration, and nutrient acquisition
through macropinocytosis, that utilizes the cellular migration
machinery [11].
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Cells can evade primary cancers in either an individual or a
collective fashion. Single cells produce protrusions, regulate
their adhesion, and exploit their actomyosin cytoskeleton to
generate forces, propel themselves through physical restraints
and traverse the extracellular matrix. Specifically, cells
characteristically institute an anterior-posterior polarization
through positive and negative loopback mechanisms that
establish master sites of actin assembly, adhesion, or
contractile force production. The Rho GTPase family of
proteins has a key function in controlling single-cell
migration through coordinating the activation and
dynamics of a number of actin cytoskeleton-regulating
proteins. While the regulatory nature of the interconnected
webs is intricate, Rac1 is characteristically assumed to
primarily regulate actin-based protrusions [52], RhoA
primarily conveys actomyosin contractility and Cdc42
orchestrates the polarity of adhesion, contractility, and cell
protrusion [386]. Cell polarity emerges from asymmetry in the
allocation and arrangement of cell constituents (Figure 10).
The polarity is an essential characteristic of all living
organisms, and a lot of energy is spent on breaking the
symmetry and creating the polarity. There are parallels
between planar cell polarity and apical-basal polarity in
epithelial tissues and face-back polarity in motile cells.

6.1 Phase Separation as a Hallmark
The route of signal transduction in the course of innate and
adaptive immunity are critical for the defense of pathogen
and especially in their identification and the overall functional
roles of immune cells. Assemblies of higher order have evolved
lately as a core operating mechanism that governs immune
signaling and, consequently, cellular intercommunication in
more general terms. Primarily, higher-order assemblies exist
in two types: on the one hand, ordered, solid-like large
supramolecular aggregates generated through stable and
rigid protein-protein interactions, and on the other hand,
liquid-like phase-separated condensates generated through

softer and more dynamic intermolecular interactions
(Figure 10) [387].

The structure and dynamics of a variety of higher-order
assemblies, among them amyloids, several types of
signalosomes, and intracellular granules. It has been
hypothesized that the synergy between folded domains, linear
motifs, and regions of intrinsic disorganization governs the
creation and intrinsic uncertainty of all higher-order
assemblies, generating a textural and dynamic continuum [387].

With the acquisition of the initial protein crystal patterns, the
structure-function paradigm emerged, where a folded protein
structure dictates the proper operation of a protein. Which has
been recently further refined by the MeshCODE theory [388].
Growing evidence from different areas of structural biology
revealed that protein function also emanates from their
intrinsically disordered regions that do not exhibit a
coherently well-defined conformation, extending the classical
view of how structure dictates function [389,390]. Some
sequences in intrinsically disordered regions are repeats and
carry little content of information in comparison to folded
proteins. Such domains are often termed low complexity
domains [391]. Intrinsically disordered regions can wrinkle
into a singular conformation when bound to another protein
or during oligomerization to carry out their designated purpose.
Alternatively, these can convolve into sets of structured
conformations or stay extensively disordered and demonstrate
a fast swapping of conformations even in the intricate regime,
both of those have been termed fuzzy structures [392].

6.2 Fuzzy Structures as a Hallmark of
Transition of Cellular Functions
In tandem with growing structural abundance, higher-order
intricacies have arisen over a wide array of the biological
scene, comprising amyloids and prions [393], several types of
signaling complexes commonly referred to as signalosomes
[394,395], and nuclear and cytoplasmic granules [396–398].

FIGURE 10 | New hallmarks of the mechanophenotype transition.
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For instance, signalosomes possess elevated local
concentrations of protein-binding sites, and thereby offer a
high avidity for low-affinity ligands, which then foster the
signal transduction processes [394]. Consequently,
signalosomes have serially shifted the manner in which the
entire field views cellular assembly and signal transduction in
a collective manner [395,399].

Intracellular organelles consist of membrane-bound vesicles
or membrane-free compositions made up of proteins and RNA.
These organelles perform pivotal biological functions to
compartmentalize the cell for spatial and temporal
organization of biological actions. Emerging evidence indicates
that membrane-free intracellular compartments are multiphase
viscous fluid droplets that develop through phase separation.
Proteins with an intrinsic propensity to be conformally
heterogeneous tend to be the principal carriers of liquid-liquid
phase separation inside the cell. These results illustrate the
pertinence of traditional ideas from the physics of polymer
phase transitions for gaining an in-depth insight into the
structure of intracellular membrane-free compartments [399].

These complexes are distinct from the majority of
conventional macromolecular complexes in that their
constituent proteins frequently polymerize or interconnect,
which leads to diverse stoichiometries and heterogeneous
conformational features. There is a fundamental question to
be answered: are there shared biophysical principles at stake in
the various kinds of higher-order structures? Because insights
from one type of structure can influence the functional
mechanisms of the other, they were therefore surveyed jointly
for mechanistic evidence. Folded domains, linear motifs, and
intrinsically unordered domains have been found to be
synergistic with one another in higher-order assemblies,
creating integrally fuzzy structures. These complexes may
share a common critical concentration for their assemblage,
however, they display distinct structural and dynamic
characteristics as a function of the basic underlying assembly
machinery and regulatory regime (Figure 10).

6.3 Mechanics-Induced Invadopodia
Formation
Live cell imaging revealed that Tks5GFP-positive invadopodia at
the ventral cell surface appeared to be highly dynamic, with amean
lifespan of approximately 41 ± 1.7 min, and that they expanded
alongside the subjacent collagen fiber at a speed of 0.15 ± 0.02 µm/
min, forming characteristic arc-shaped or circular structures [31].
Temporal sequences revealed that invadopodia/collagen fiber
assemblages homothetically elongate over time, with an overall
mean radial speed of 0.16 ± 0.02 µm/min [31]. Supplementing this
type of activity, in many cases there has been seen proteolytic
breakage and pushback of the assembly of invadopodia and
collagen fibers. The fiber relaxation analysis plotted as a
function of time yielded a characteristic viscoelastic
performance of the invadopodia/fiber complex that exhibits an
initial speed of V0 � 3.1 ± 0.22 µm/min, typifying the relationship
of stress to resistance of the fiber [400]. Collectively, these findings
indicate a powerful rearrangement ability of collagenolytic

invadopodia on the basis of MMP activity and demonstrate that
collagen fibers affiliated with invadopodia maintain mechanical
tension and bending moment that unwind during proteolytic
breakage, revealing that cells at the level of invadopodia
generate and transmit force toward the fibers.

7 MIGRATORY PHENOTYPE

Cell migration is a basic mechanism in multicellular organisms
and is characterized by a concerted motion of individual or
multiple cells in a certain direction and to a specific location.
Embryo development, healing of wounds, and proper operation
of the immune system all demand cell movement in multicellular
organisms, underscoring their essential contribution to life.
Routes fueling migratory activity can be switched on or off
according to prevailing conditions, nevertheless adult epithelia,
the source of numerous solid cancers or carcinomas, exhibit
restricted migration and are prone to stick to adjacent cells in
an organized fashion.

7.1 Single Cell Migration
Single cell migration is regulated through the Rho GTPase Rac1,
which interfaces with the Scar/WAVE complex, leading to
activation of Arp2/3 and exploding nucleation of ramified
actin filaments [401]. As the earliest de novo actin nucleator to
be detected, the Arp2/3 complex is a key actor within protrusive
force production models through the dynamic actin meshwork.
Actin nucleation centers agglomerate with receptors and
associated signaling scaffold proteins owing to multivalent
binding interactions, producing domains that are similar to
phase separations [402,403]. Transmembrane receptors at the
cell membrane surface frequently cluster at nanometer to
micrometer scales to engage in signal transduction in reaction
to environmental stimuli. Extracellular ligand oligomerization,
domain-domain interferences, and binding to multivalent
proteins are all factors conducive to cluster development.
There are specific mechanisms that foster the assembly of
clusters in several prominent receptor systems, encompassing
glycosylated receptors, cell adhesion receptors, immune
receptors, receptor tyrosine kinases and Wnt receptors. These
clusters have been proposed to share characteristics of systems
that perform a liquid-liquid phase separation and therefore can be
analyzed in this regard (Figure 10) [402]. These clusters facilitate
persistent local actin polymerization and can initiate crosstalk
with other signaling molecules, permitting cells to outwardly
extrude the plasma membrane and generate outgrowths
including lamellipodia, filopodia, and invadopodia.

7.1.1 Phase Separation in the Cytoplasm
Biomolecular condensates congregate macromolecules in mounts
lacking a circumferential membrane. Multiple multivalent
exchanges occur in most condensates, leading to a phase
separation of the liquid and the fluid. The liquid-liquid phase
separation enhances the intrinsic activity of actin-regulatory
proteins for the assembly of actin through the Arp2/3 complex.
This elevation has been observed to occur due to the liquid-liquid
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phase separation of the Nephrin-Nck-N-WASP signal
transduction route on lipid bilayers. Thereby, the membrane
dwell time of N-WASP and Arp2/3 complex is raised, which
subsequently enhances the assembly of actin structures [403].
The residence time depends on the relative stoichiometry of the
signaling proteins in the phase-separated clusters, resulting in
stoichiometry-dependent N-WASP and Arp2/3 activity. This
mechanism for governing protein activity is facilitated due to
the stoichiometrically indeterminate character of the
biomolecular condensates. Such control should be a common
attribute of signaling schemes that are constituted via
multivalent exchanges and yield non-equilibrium outcomes [403].

Biomolecular condensates are membrane-free cellular
subcompartments that frequently arise from liquid-liquid
phase partitioning fueled through intermolecular multivalent
cross-talk. Phase separation of liquid from liquid has been
identified in processes as divergent as gene regulation,
autophagy, and signal transduction at membrane receptors.
Precisely how the generation of biomolecular condensates
governs these processes is not clear. Two recent investigations
revealed that biomolecular 2D condensates of membrane-
associated signaling compounds enhance the dwell time of
signaling compounds within these complexes at the
membrane, which is termed membrane dwell time, and thus
control their activity ([403,404]).

Analysis of the local assembly of F-actin at membrane-
associated biomolecular 2D condensates revealed that the
generation of these condensates is based on specific
interactions resembling those of the LAT-GRB2-SOS system,
albeit with a different group of proteins participating,
including phosphorylated nephrin (membrane receptor), NCK
(adaptor protein), and N-WASP (NCK-interacting protein and
activator of the actin nucleation factor Arp2/3 complex). Arp2/3-
driven actin polymerization has been identified to be increased
within condensates compared to levels outside of condensates,
which has been inferred to be due to elevated N-WASP activity
present within condensates. Resembling SOS, this upregulation of
N-WASP activity actually directly covariates with enhanced
membrane residence time of N-WASP (and also Arp2/3)
inside the condensates. Significantly, the retention time of the
N-WASP membrane responded sensitively to NCK
concentration: as the NCK concentration increases, the
residence time initially lengthened but subsequently declined
beyond a saturation point. This saturation point presumably
mirrors the depletion of phosphorylated sites on nephrin with
consequent loss of multivalent connectivity, leaving N-WASP
garnished with free NCK that is not linked to phospho-nephrin.
Hence, the relative stoichiometry of the condensate constituents -
through mutually influencing multivalent reactions inside the
condensate - finely tunes their activity and regulates their dwell
time within the signaling compounds. Since multivalent
interactions and multistep reaction cascades are prevalent in
signal transduction paths, these tenets of signal regulation
through biomolecular condensates are probably universally
valid. Subsequently, it can be concluded that the
mechanophenotype of cells can be altered by phase-separation
of cytoplasmic liquid components.

7.1.2 Phase Separation in the Nucleus
Besides the phase separation in the cytoskeleton, there exist a
liquid-liquid phase separation in the nucleus [405]. In the
majority of previous experimental setups, the nuclear-scale
phase separation between chromatin and aqueous phase in the
nucleus has not been accounted. Nevertheless, recent super-
resolution microscopy indicates a pool of chromatin and
aqueous phase with a non-uniform dispersion of chromatin at
the submicron length scale [406]. In a different investigation,
greater phase separation of chromatin and the aqueous phase has
been noticed in early development, with chromatin situated at the
nuclear periphery [407]. Theoretically, chromatin can be located
near the lamina layer of the nuclear envelope, occupy the nucleus
in a traditional fashion, be arranged in the center, or be available
as wetting droplets. These transitions are governed through
alterations in nuclear volume and the engagement of
chromatin with the lamina, which is part of the nuclear
envelope at the nuclear periphery. On the basis of a simple
polymer model that encompasses the main characteristics of
chromatin self-attraction and its attachment to the lamina, it
can be theoretically demonstrated that the type of chromatin
partitioning is governed by the rivalry of these two actions [408].
Chromatin is an intricate, linear macromolecule composed of
DNA and histone proteins that is resident in the nucleus of
eukaryotic cells, where it is dissolved by water, salts, and other
small molecules [409]. In multiple investigations, the
organization of chromatin in interphase cells appears to be
homogeneous at nuclear length scale. According to this
traditional view, the chromatin and its aqueous diluent fill
the nucleus homogeneously as a single phase [410]. In fact,
even the context of the conventional screen exhibits a phase
separation resembling that of soluble AB-block copolymers
[411], with areas of transcriptionally active euchromatin
(A-block) divided from areas of relatively inactive
heterochromatin (B-block), both of which are abundant in
equal amounts.

7.2 Collective Cell Migration
Cells that form a tissue migrate as members of a collective. To
coordinate collective multicellular navigation, each individual cell
assimilates local input, incorporating chemical cues and
mechanical stresses [264]. The border between a component
cell and its immediate adjacent cells comprises cell-cell
junctions and cryptic lamellipodia [412], however, the
condition of local mechanical stress applied at this interface is
not amenable to experimentation. It is therefore not evident how
collective mechanical events can be orchestrated over length
scales that encompass large multicellular assemblies. Within
the cell layer, for instance, a cell monolayer, there are
unpredictable fluctuations of the mechanical stress, which are
strong, occur instantaneously and propagate across the
monolayer. These fluctuations clearly delineate a fractured
stress scene that grows more heterogeneous, inertial, and
cohesive as the density of the whole system grows. Local cell
migrations move alongside local alignments of the maximum
principal stress inside this sustained fractured stress scene.
Therefore, it can be postulated that collective migration is
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guided through a straightforward but standardizing physiological
rationale: neighboring cells converge to transfer a noticeable
intercellular normal stress through local cell-cell junctions,
while migrating down alignments with minimal intercellular
shear stress.

High-throughput genomic approaches have pinpointed
molecular actors and depicted their engagement in broad
signaling pathways [413]. However, in spite of receiving in-
depth signaling and structural insights, the role of intercellular
adhesion in collective migration is controversial [414], and a lack
of predictive power is inherent in what is known about collective
cell migration, leaving it largely descriptive.

A major reason for these constraints is the lack of a physical
picture linking cell movement to mechanical stresses occurring
within the cell body and at cell-cell interfaces; these stresses have
never been gauged. A high-resolution card of these stress
constituents inside a moving monolayer has been presented,
which acts as a basic experimental model scheme [415]. These
stress patterns indicate that the regional cellular trajectory tracks
local stress fields that are highly heterogeneous and interact
drastically over ranges that span across multiple cell bodies. In
combination, these results point to an unexpected but
standardizing physiological principle, specifically, that every
cell is prone to migrate and rearrange in a manner that
minimizes local intercellular shear stress. In-depth familiarity
with the biology of the cell-cell junction, the cryptic
lamellipodium, or a particular molecular occurrence could
certainly not ever anticipate such a standardizing principle, as
it is an emergent characteristic of a multicellular collective
framework. By comparison with the familiar single-cell guided
mechanisms of chemotaxis, durotaxis, and haptotaxis, this
disparate but inherently collective mechanism is termed
plithotaxis [415].

Monolayer Stress Microscopy has been designed to quantify
the local stress level inside a monolayer. Using an inverted optical
microscope, it is possible to record the cell-generated shifts of
fluorescent markers incorporated near the surface of a collagen-
coated PAA gel support to that the cells adhere. Based on these
dislocations, a chart of the tensile forces acting on the gel exerted
by the monolayer is obtained [343]. Ultimately, on the basis of
these tensile forces determined locally at the cell-substrate
boundary, a simple equilibrium of forces, as required by
Newton’s laws, can be employed to evaluate the distribution of
mechanical stresses throughout the cell layer. The slope of these
stresses across the cell layer results from the accumulation of
tensile forces acting on the undersurface of the cells. The recorded
stresses in the single-layer film reflect the average values over the
entire cell layer thickness. At any point within the patch, the local
coordinate system can be flipped in the cell plane to locate the
specific alignments along which the local normal stress is
maximum and minimum, respectively, thereby delineating the
two principal stress elements, such as maximum and minimum
stress items, and the two corresponding principal alignments that
are orthogonal to one another. Therefore, the accompanying
monolayer stress microscopy output shows every single
component of the stress tensor in the layer in high resolution
and images them individually.

Since cells spread cryptic lamellipodia [412] andmove forward
across the monolayer, stresses need to be in mechanical
equilibrium at all points and at all times. However, there is
not yet a mechanistic setting or physical framework that ties
these stresses to cellular reorientation, restructuring, or
migration. In contrast, in the instance of an isolated single
cell, uniaxial strain typically results in the cell realigning at a
certain angle based on the amount of applied stress, ranging
from parallel to vertical, based on the time scale of the
mechanical perturbation. At this point, in the instance of
monolayers, a question is to what extent intercellular tensions
are biologically reasonable and beneficial for forecasting. The
response to this question is implied from two pieces of
experimental proof. Firstly, because phase contrast images and
stress maps are unrelated measurements, the correspondence
between the alignment of the cell body and the orientation of
themaximumprincipal stress is remarkable. There aremore tensile
stress and zero shear stresses. Secondly, cells may not merely align
themselves with the maximal principal orientation, however, they
additionally move alongside that orientation. However, it seems to
be not attributable to inhomogeneous stresses, since the stress field
is more or less isotropic.

Cooperative movements arise in a natural way in inert particle
systems that feature tight packing, structural disorganization, and
glassy dynamics, such as colloidal glasses [416]. A key
characteristic that identifies these schemes as glassy is the
deceleration of internal structural reordering with increasing
system density. As the system density grows, each participant
is progressively enclosed by its surrounding particles, so that
many adjacent particles need to be relocated in a cooperative
manner in order to be capable of being relocated at all [417].
Therefore, the size of the cooperative system clusters grows as
system density rises. In addition, the number of possible
structural rearrangements diminishes with increasing cluster
size, so that the time required for cooperative relocations
jumps until the system ultimately gets effectively frozen or
stalled [417]. Could the monolayer cell layer reveal such
evidence of glassy dynamics? Even though a mechanistic
relationship between particle-to-particle forces and spatially
heterogeneous dynamical behavior in glassy systems continues
to be ambiguous [418], the results are in line with the convergence
towards a glass transition [415].

A pivotal question in morphogenesis and disease is of how
distinct structures arise from uniform populations of cells [285].
Differentiation and pattering in multicellular systems is
presently accounted for by the presence of morphogenetic
gradients and through local variability in the constitution,
topology, and rigidity of the extracellular matrix [419].
Moreover, the spontaneously generated, fractured stress
landscape referred to here, when transmitted through the
sensory scheme of the individual cell [420], is anticipated to
induce uneven release of soluble or insoluble proteins, thereby
changing the local cellular microenvironment, resulting in
cytoskeletal reinforcement [421] or fluidization of the
cytoskeleton [422], and activate stress-dependent genetic
programs in a highly nonuniform fashion, yielding
differentiated tissues.
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8 CONCLUSION AND FUTURE
DIRECTIONS

Although there have been many efforts to analyze
mechanotransduction within cells, one was still at the
beginning of understanding the entities complex play.
Although cellular responses and their mechanophenotype are
altered by changes in the mechanophenotype of their
microenvironment, it has been found that the matrix
mechanophenotype is also altered by the cells. This
bidirectional response interaction has just begun to be
incorporated into cell and tissue models and, in
particular, the effects of cells on the mechanophenotype
of extracellular matrices has been increasingly studied. In
addition, the initial mechanical analyses were mostly time
point dependent in a 2D microenvironment, which is now
changing to studies in a 3D microenvironment and is a
tremendous advantage. Similarly, time point
measurements are rather outdated. In the future, the focus
should be on dynamic analysis of mechanical properties,
with the addition of another 4-dimensionality, time.
Fluctuations in mechanophenotype can thus be translated,
and changes in the amplitude of these fluctuations can also
provide insights into the overall regulatory scheme. This
includes a particular focus on phase transitions in the
cytoplasm and nucleus. Moreover, thereby play also
hydrogel-based 3D scaffolds a crucial role that can be
easily and reproducibly mechanical probed by using
chemical, natural or physical techniques. Moreover, the
embedment of immune and stromal cells provides an
additional crucial element to explore the effect of cell-
derived factors, such as matrix-embedded by-stander cells
or cells under investigation, such as cancer cells.

A recognized gap in scientific knowledge is the mechanism by
which cells, such as non-tumorigenic epithelial cells and cancer
cells, respond to and integrate acute mechanical stress. It should
be noted that certain mechanical stresses can be more severe and
dynamic than others. New biophysical techniques to examine the
effects of mechanical stress in normal and malignant epithelial
cells may yield new glimpses into the prospective contribution of
fast mechano-chemical signaling, which has been shown to be
effective in a number of different cell types.

To change the mechanophenotype in a precisely controlled
manner, it seems necessary to alter the crosslinking efficiency,
which affects multiple hydrogel characteristics, comprising pore
size, rigidity, and sensitivity of the hydrogel to enzymatic break-
down and matrix deposition. Specifically, more dedicated
molecules implicated need to be identified that regulate the
process of signal transduction from the outer extracellular
matrix environment to the interior of the cell. Thereby,
signaling directly or indirectly into the nucleus, where
transcription of genes in affected in order to respond to the
mechanical constraints evoked by the local surrounding
microenvironment. Consequently, the cellular investigation
levels need to be on different length scales, such as organoid,
cellular, cytoskeletal and nuclear length scales including the
alteration of gene transcription.

Frequently, architecture, mechanotransduction, and cellular
performance are tightly coupled. The present difficulty is to
discriminate the multiple target labels in the process of
interplay between microenvironment and cellular functions. In
this regard, it is still not clear, in part, how the current
components generate and translate the physical force to alter
cytoskeletal rearrangement and cellular functionalities. Another
major challenge is the lack of available techniques to quantify the
specific mechanical pressure in the course of perturbation of the
mechanophenotype of the extracellular matrix environment.
Moreover, knowledge of the fundamental mechanisms of the
mechanical characteristics of the microenvironment contributes
to advances in the treatment of injuries, malignancies, and
diseases associated with alterations in the mechanophenotype
of the extracellular matrix. A recently developed biophysical
technique is a method that paves the way for monitoring both
extracellular stiffness and dynamic mechanical stress by cladding
cells on substrates of varying stiffness in conjunction with
transient stretching of the substrate or “tugging” by magnetic
manipulations [423].

Beyond the development of biophysical techniques, it needs to
be clarified whether there exist universal hallmarks of the
migratory behavior of cells that can be defined on the basis of
the mechanophenotype. This appears to be the most complicated
question to address and is likely to require the greatest future
effort.

Another, less important, concern is that most synthetic
hydrogel systems employed in this research discipline are
nanoporous and lack the fibrillarity and ligand appearance of
native extracellular matrices. Integrating collagen fibers into
synthetic hydrogels [424,425], or employing synthetic
approaches to engineer collagen-like fibers [426], has the
potential to aid in overcoming this critical restriction.
Integrating advancements in chemical synthesis pathways that
enable a more explicit level of control over the constitution,
structure, and accurate placement of functional moieties
[427,428] may further help to overcome these concerns. In
addition, RAFT or DNA origami [429] and noninvasive
tailoring of characteristics in real time [430], with adaptive
fabrication techniques that are capable of programming material
constitution and architectural design over multiple length scales
[431] are expected to afford new material frameworks for
examining the effects of viscoelasticity and viscoplasticity in
both in vitro and in vivo settings. Thereby, also theoretical
models need to be addressed, modified and newly developed.

Finally, there are prosperous future directions that can be
envisioned for the field of cell migration and invasion, when the
microenvironment is taken into account. Overall, the utilization
of spheroids has been identified as a feasible vehicle for the
assessment of nanomedicines under circumstances that more
accurately mirror the in vivo tumor microenvironment than
conventional monolayer studies [240]. By customizing
conventional cell-based assays, spheroids have the inherent
capability to act as a middleman between conventional in vitro
and in vivo testing models for high-throughput assessment of
therapeutic contenders. These spheroids or organoids also allow
the application of biophysical methods.
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A future research avenue is that these interactions of
extracellular matrix composition, influenced by target cells or
neighboring cells, are implicated in the generation of
supramolecular assemblies such as collagen fibrils and elastic
fibers, in tissue architecture, and in cell-matrix interactions that
in turn govern cell growth and behavior. Consequently, the
emphasis is on interdisciplinary research, the development of
new biophysical techniques, and the discovery of key
principles of cellular constituents, the mechanoduction
process and the directional interplay between cells and their
microenvironment.
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3D Computational Modeling of Bleb
Initiation Dynamics
Wanda Strychalski *

Department of Mathematics, Applied Mathematics, and Statistics, Case Western Reserve University, Cleveland, OH,
United States

Blebbing occurs in cells under high cortical tension when the membrane locally detaches
from the actin cortex, resulting in pressure-driven flow of the cytosol and membrane
expansion. Some cells use blebs as leading edge protrusions during cell migration,
particularly in 3D environments such as a collagen matrix. Blebs can be initiated
through either a localized loss of membrane-cortex adhesion or ablation of the cortex
in a region. Bleb morphologies resulting from different initiation mechanisms have not been
studied in detail, either experimentally or with theoretical models. Additionally, material
properties of the cytoplasm, such as elasticity, have been shown to be important for
limiting bleb size. A 3D dynamic computational model of the cell is presented that includes
mechanics and the interactions of the cytoplasm, the actin cortex, the cell membrane, and
the cytoskeleton. The model is used to quantify bleb expansion dynamics and shapes that
result from simulations using different initiation mechanisms. The cytoplasm is modeled as
a both viscous fluid and as a poroelastic material. Results from model simulations with a
viscous fluid cytoplasmmodel showmuch broader blebs that expand faster when they are
initiated via cortical ablation than when they are initiated by removing only membrane-
cortex adhesion. Simulation results using the poroelastic model of the cytoplasm provide
qualitatively similar bleb morphologies regardless of the initiation mechanism. Parameter
studies on bleb expansion time, cytoplasmic stiffness, and permeability reveal different
scaling properties, namely a smaller power-law exponent, in 3D simulations compared to
2D ones.

Keywords: cytoplasm, biomechanics, blebs, poroelasticity, fluid-structure interaction

1 INTRODUCTION

Blebs are round membrane protrusions that are used in important cellular processes, such as
migration [1] and cytokinesis [2, 3]. The hallmark of a bleb is a separation of the cell membrane from
the cortex, a thin layer of actin cytoskeleton that is normally attached to the cell membrane by linker
proteins. Cells that bleb typically have high intracellular pressure compared to outside the cell. The
source of this pressure is attributed to cortical tension due to the myosin molecular motors that slide
actin filaments with respect to each other [4]. A bleb is initiated in a localized region by either a loss of
membrane-cortex adhesion or by a defect in the actin cortex caused by laser ablation [5] or myosin-
driven contractility [1]. After a bleb is nucleated, contractile stresses within the cortex are no longer
transmitted to the membrane in this localized region, resulting in a pressure gradient and
cytoplasmic flow that expands the membrane to create a bleb. A bleb is fully expanded after
about 30 s [1], but the timescale is considerably shorter for cells such as Dictyostelium discoideum,
where bleb expansion can occur in as little as 0.2 s [6]. Cortical components such as actin andmyosin
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then diffuse into the bleb, the cortex reforms under the naked
membrane, and the bleb retracts. During cell migration, the bleb
may not retract because adhesion to the substrate (or ECM) may
stabilize the bleb.

Theoreticalmodeling of blebbing has addressed various aspects of
the process including expansion [7–10], retraction [11, 12], and
migration [13–15]. One class of models is based on fluid-structure
interaction, where the elastic membrane and cortex are immersed in
fluid. Deformations of the elastic structures affect the fluid flow, and
the fluid flow in turn influences themotion of the structures. First we
summarize results from this approach using two-dimensional
models. Using the framework of the immersed boundary (IB)
method [16], simulation results from one model showed that
cytoskeletal (cortical) drag, and not the viscosity of the
cytoplasm, determined the timescale of bleb expansion [7]. When
the cytoplasm was modeled as a poroelastic material, two bleb
experiments from [5] were simulated. Results from these
experiments found that the second bleb was approximately 30%
smaller than the first bleb regardless of the location of the second
bleb with respect to the first one. The authors found these
experimental results could be explained by an initial fast time
scale for pressure propagation across the cell combined with a
slow timescale for pressure equilibration [9]. The models from
[13, 17] follow a similar approach from [7, 9], but used a
boundary integral method instead of the immersed boundary
method. The authors simulated cell migration using blebs in
confined and unconfined environments (swimming). A 2D
agent-based model from [14, 18] was used to simulate blebbing-
based migration. This model focused on interactions of the cell with
different environments, and intracellular pressure was constant in
simulations.

Several models consider membrane dynamics in blebbing cells
[19–21]. These models assume a constant or specified
intracellular pressure in the membrane energy. The 1D
membrane model from [19] was used to find minimum
conditions on pressure and membrane length for bleb
nucleation, while the model from [20] found that membrane-
cortex adhesion was critical in determining bleb initiation. The
model from [19] was also used to quantify conditions for “circus”
blebs that travel around the periphery of the cell. The 2D
membrane model from [21] found conditions for circus bleb
velocity in terms of biophysical parameters and was used to
hypothesize that heterogeneity within the cell surface was
necessary to maintain compact circus blebs.

Blebbing dynamics have been modeled in 3D for some simplified
cases. The models in [8, 12, 15, 22] assume the cell is axisymmetric
and intracellular pressure is constant. In the continuum mechanics
model from [8], the membrane reference configuration was
dynamically updated to maintain small increases in the area of
the cell membrane. A similar approach that involved updating the
membrane and cortical reference configuration to model bleb
retraction was presented in [12]. In order to produce “small-
necked” blebs observed in experiments, the authors in [22]
needed to include either localized membrane growth or global
cortical contraction. In a different approach, molecular dynamics
simulations of a surface particle-based model were used to simulate
bleb expansion in [23]. The authors determined that bleb formation

is energetically favorable when the membrane area is larger than its
attached cortical area. A membrane model of bleb expansion was
simulated with a boundary integral method in [10]. Simulations
showed conditions where either no bleb was nucleated, a bleb was
nucleated without membrane peeling, and a bleb was nucleated with
additional membrane peeling. Although this model included
membrane-cortex adhesion dynamics, the membrane was
assumed to be axisymmetric and the cortex was fixed in space. A
model of bleb expansion that included reaction-diffusion of
membrane-cortex adhesion proteins with limited membrane
deformation was presented in [24]. Lastly, a full 3D model of
bleb expansion with a viscous fluid cytoplasm (an extension of
the model in [7]) was presented in [25] to illustrate a numerical
method for computing forces on an elastic shell using the immersed
boundary method [26].

All of the aforementioned studies highlight the importance of
intracellular pressure and mechanics of different cellular
components in blebbing dynamics. I consider blebs similar to
those in experiments from [5], namely a single cell with one bleb
without interactions to an extracellular matrix. These blebs expand
on the order of 10 s. The contribution of this paper is a 3D dynamic
model of bleb expansion that includes the mechanics of the
membrane, cortex, and cytoplasm. In particular, the model
presented here includes a dynamic cortex, different cytoplasmic
models (viscous fluid and poroelastic material), and makes no a
priori axisymmetric assumptions. I then use the model to simulate
different bleb initiation using two different mechanisms: cortical
ablation and loss of membrane-cortex adhesion. The 3Dmodel with
a poroelastic cytoplasm is then simulated to determine whether
pressure dynamics follow the same behavior and scaling as described
models in 1D [27] and 2D [9].

2 MATERIALS AND METHODS

2.1 Overview of Model
The mathematical model of the cell consists of the membrane,
cortex, membrane-cortex adhesion, and cytoplasm (see Figure 1).

FIGURE 1 | Bleb model schematic. Circles indicate the discretized
membrane and cortex. The triangular grid represents the discretized
cytoskeletal network (cortex/cytoskeletal adhesion not shown).

Frontiers in Physics | www.frontiersin.org November 2021 | Volume 9 | Article 7754652

Strychalski 3D Bleb Initiation Dynamics

156

https://www.frontiersin.org/journals/physics
www.frontiersin.org
https://www.frontiersin.org/journals/physics#articles


In particular, I consider two models of the cytoplasm: a viscous
fluid model and a poroelastic model. In the poroelastic model, the
cytoplasm includes a permeable elastic cytoskeleton. Detailed
descriptions of the 2D models can be found in [7, 9]. The models
are summarized here with detailed descriptions of notable
differences between the 2D and 3D models.

The cell membrane is modeled as an impermeable elastic
structure that moves with the velocity of the cytosol (fluid portion
of the cytoplasm) while the cortex and the cytoskeleton (in the
case of the poroelastic model) are modeled as permeable elastic
materials. The model equations consist of force balances on the
liquid cytosol, cell cortex, and cytoskeleton, constitutive
equations, and equations of motion for the structures. The
membrane and cortex are represented by continuous 2D
infinitely thin shells immersed in a 3D fluid domain. The
cytoskeleton is represented by a 3D structure immersed in
the fluid.

The immersed boundary (IB) method is used to account for
the interactions between the components of the cell and cytosol/
cytoplasm [16]. In the IB method, structures such as the
membrane are represented in a moving, Lagrangian coordinate
system, while fluid variables such as cytosolic velocity and
pressure are located on a fixed, Eulerian coordinate system. A
surface force density on an immersed structure is communicated
to the fluid coordinates as follows,

f � SF � ∫
Γ
F(s, t)δ(x − X(s, t)) ds, (1)

where s ∈ Γ is the material coordinate and X (s, t) denotes the
physical position of material point s at time t. The interpolation
operator is given by

U � S*u � ∫
Ω
u(x, t)δ(x − X(s, t))dx, (2)

where Ω represents the fluid domain. In this paper, capitalized
letters represent Lagrangian variables and lower case letters
indicate Eulerian variables.

2.1.1 Viscous Fluid Cytoplasm Model
The model of bleb expansion in [7] consisted of the cell
membrane modeled as an impermeable elastic stucture, the
actin cortex treated as a one-dimensional poroelastic structure
attached to the membrane, and the cytoplasm modeled as a
viscous fluid. A 3D extension of this model was published in [25]
to demonstrate different methods for computing forces on a
deforming surface. In this paper, I use the approach from [28] to
compute forces due to elasticity on the cortex instead of the
method in [25]. The fluid equation includes terms from the elastic
membrane, membrane-cortex adhesion, and drag with cortex:

μΔu − ∇p + f mem
elastic + f mem/cortex

adh + f cortex
drag � 0, (3)

∇ · u � 0, (4)

where u represents fluid velocity, p pressure, and fi denotes force
density on the fluid grid. Force densities due to membrane
elasticity, membrane-cortex adhesion, and cortical drag are

computed on their respective Lagrangian structures, then are
spread onto the fluid grid using Eq. 1.

The drag force on the cortex is balanced by elastic forces
within the cortex and adhesion to the membrane:

F cortex
drag + F cortex

elastic + F cortex
adh � 0. (5)

The drag force density from the cortex moving through the fluid
is explicitly given by

F cortex
drag � ξ S*u − U cortex( ), (6)

and the drag force density on the fluid is related to the cortex drag
force density by

f cortex
drag � −SF cortex

drag . (7)

The membrane and cortex are each modeled as a hyperelastic
shell that experiences forces due to surface tension and stretching.
This model is consistent with [29], where the surface area of
membrane on a bleb was shown to increase during expansion. A
hyperelastic material is characterized by an energy functional
E � ∫Γ0

Wdq, where W is a given strain energy density and Γ0
represents the reference configuration of the surface. In our
model, the total membrane energy density is EdENH + EST,
where ENH represents the neo-Hookean strain energy density and
EST represents the surface tension strain energy density. Bending
forces are neglected because several studies have shown that they
do not contribute significantly to blebbing mechanics [10, 30].
Following the formulation from [28], the neo-Hookean surface
strain energy density is given by

ENHd
kE
2
∫

s
(J − 1)2(detG0)1/2 ds

+ μE
2
∫

s
tr(GG0)−1J−1 − 2( ) detG0)( )1/2 ds, (8)

where kE is the bulk modulus, μE is the shear modulus and s � (s1, s2)
represents the surface material coordinates. The following tensors G
and G0 are defined as

G: � zX
zs

( )
T

zX
zs

( ) G0d
zZ
zs

( )
T

zZ
zs

( ), (9)

where X(s) denotes the current surface position, Z(s) denotes the
reference membrane position, and the scalar J � (det(GG−1

0 ))−1.
Energy due to surface tension is

ESTdci∫
s
(detG)1/2 ds, (10)

where ci represents the parameter for surface tension on the
membrane or cortex. The force density per unit reference
configuration is then computed by

Fi
elastic � −δE

δX
(s, t), (11)

where i indicates either the membrane or the cortex.
Membrane-cortex adhesion is modeled by elastic springs

attaching the membrane to the cortex with force density
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F mem/cortex
adh � kmem/cortex

adh |Xmem − Xcortex|( ) Xmem − Xcortex

|Xmem − Xcortex|. (12)

The membrane-cortex adhesion stiffness coefficient kmem/cortex
adh

was chosen so that the cortex and membrane are within a
computational grid cube of each other and velocity of the
cortex is close to zero if no bleb is initiated. The adhesion
force density on the membrane is the opposite of the
corresponding force density on the cortex. The adhesion force
densities satisfy the equation

∫
Ω

SF mem/cortex
adh dx + ∫

Ω

SF cortex/mem
adh dx � 0. (13)

Given the stiffness coefficient kmem/cortex
adh , the corresponding

stiffness coefficient for the cortex is obtained by
kcortex/mem
adh � kmem/cortex

adh dAmem
j /dAcortex

j , where dAi
j represents

the surface area differential of the jth triangle of the
membrane or cortex in reference coordinates.

Given a configuration of the membrane and cortex, the forces
are computed, and the velocities of the fluid and cortex are
obtained by solving Eq. 3 and Eq. 5 as described in Section
2.2. Then, the positions of the membrane and cortex are updated
with their respective velocities.

dXmem

dt
� S*u � U , (14)

dXcortex

dt
� 1
ξ

F cortex
elastic + F cortex/mem

attach( ) + U � U cortex. (15)

Table 1 lists the default parameters for blebbing simulations.
The values for membrane and cortex surface tension were
decreased by 50% compared to the values in [9] so that the
initial pressure difference across the membrane matches the
difference in the 2D model. The bulk modulus of the cortex
was taken to be several orders of magnitude higher than the

membrane to reflect stiffness due to the cross-linked cortical actin
network.

2.1.2 Poroelastic Cytoplasm Model
Themodel formulation is the same as above with the addition of a
poroelastic cytoplasm throughout the cell interior (a 2D version
of the model is described in [9, 32]). The cytoskeleton is
represented by a porous elastic network in Figure 1). The
fluid equations have an additional term for cytoskeletal drag.

μΔu − ∇p + f mem
elastic + f mem/cortex

adh + f cortex
drag + f cyto

drag � 0, (16)

∇ · u � 0. (17)

The force density balance on the cortex includes an additional
adhesion term to link the cortex to the cytoskeleton,

F cortex
drag + F cortex

elastic + F cortex/mem
adh + F cortex/cyto

adh � 0. (18)

Similarly, the force density balance on the cytoskeleton is

F cyto
drag + F cyto

elastic + F cyto/cortex
adh � 0, (19)

where cytoskeletal drag is defined as

F cyto
drag � μ

κ
U cyto − S*u( ), (20)

where κ is the permeability of the cytoskeleton. In this
formulation of poroelasticity, the volume fraction of the
network (cytoskeleton) is negligible [32].

The cytoskeleton is modeled as a porous, neo-Hookean elastic
structure. Elastic forces are computed using the energy
functional-based version of the IB method proposed in [33].
The neo-Hookean strain energy is the same as given in Eq. 8, but
the 2 × 2 tensors G and G0 now have dimensions 3 × 3 for the
solid cytoskeleton. The equivalence of the solid and surface neo-
Hookean energy formulas is described in [28].

The force density for cortex-cytoskeleton adhesion is
computed similarly to cortex-membrane adhesion in Eq. 12
with the appropriate scaling of the force densities. Given the
stiffness coefficient for cortex-cytoskeleton adhesion kcortex/cytoadh ,
we have kcyto/cortexadh � kcortex/cytoadh dAcortex

i /dVcyto
i , where dVcyto

i

represents the reference volume differential of the cytoskeleton
at the ith point of a tetrahedron.

The structures are updated with their respective velocities.

dXmem

dt
� S*u � U , (21)

dXcortex

dt
� 1
ξ

F cortex
elastic + F cortex/mem

adh + F cortex/cyto
adh( ) + U � U cortex,

(22)
dXcyto

dt
� κ

μ
F cyto
elastic + F cyto/cortex

adh( ) + U � U cyto. (23)

Table 1 lists the values of parameters for blebbing simulations.
Most simulations in the Results section use a value of 20 pN/μm for
membrane stiffness, 500 Pa for kcyto, and 1 · 10–2 µm2 for permeabilty.

TABLE 1 | Default model parameters for the blebbing model. Values for the shear
modulus were taken to be the same value as those listed for the bulk modulus
for the membrane, cortex, and cytoskeleton, respectively.

Symbol Quantity Value Source

rmem Cell radius 10 μm [5]
rcortex Cortex radius 9.99 μm [9]
cmem Membrane surface tension 20 pN/μm [5]
kmem Membrane bulk modulus 20–40 pN/μm [9]
ccortex Cortical tension 200 pN/μm [5]
kcortex Cortical bulk modulus 1,000 pN/μm
kcyto Cytoskeletal bulk modulus 2.5–10 · 102 Pa [4, 9]

kmem/cortex
adh

Membrane/cortex adhesion 4 · 103 pN/μm3

stiffness coefficient

kcortex/cytoadh
Cortex-cytoskeleton adhesion 1 · 104 pN/μm3

μ Cytosolic viscosity 0.01 Pa-s [4, 5, 31]
ξ Cortical drag coefficient 10 pN-s/μm3 [7]
κ Cytoskeletal permeability 0.5–2 · 10–3 μm2 [4, 9]
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2.2 Numerical Formulation
Fluid variables (components of velocity and pressure) are discretized
on an Eulerian grid of size [0, 30] × [0, 30] × [0, 35] μm and spacing
h � 30/32. The cytoskeleton is represented by an adaptive
unstructured tetrahedral mesh with radius 9.99 μm. The mesh is
more refined near the cortex with approximately two Lagrangian
points per Eulerian grid cell and one Lagrangian point per Eulerian
grid cell in the interior. The mesh consists of 28,153 points and
153,202 tetrahedra. The cortex is taken to be the boundary of the
cytoskeleton, and membrane points are initialized to be the same as
cortical points, except adjusted to have a radius of 10 μm. The
membrane and cortex each consisted of 5,018 points and 10,032
triangles. The unstructured meshes were generated using
distmesh [34].

To compute elastic forces on the membrane, cortex, and
cytoskeleton, methods from [28, 33] are implemented. Elastic
forces are computed directly from an energy functional
without the use of stress tensors by taking the variational
derivative of the energy (see Eq. 11). I assume the deformation
map X (s, t) is a piecewise linear function on each triangle of a
discretized surface (tetrahedron in the cytoskeleton) so that
the deformation gradient tensor and strain energy are
constant on each triangle (or tetrahedron). This simplifies
the integral of the strain energy density in Eq. 8 and Eq. 10.
The variational derivative in Eq. 11 can then be computed
analytically on each discretized element, and the force at each
vertex i is the sum of all elements that contain i. Details for
computing forces due to shell elasticity can be found in [28],
and details for computing the forces due to the elasticity of a
solid are located in [32, 33].

The time update follows [9, 32]. Given the current position of
the structures (membrane, cortex, and cytoskeleton):

1. Compute elastic forces based on the current membrane,
cortex, and cytoskeleton configuration (Xn

i � Xi(s, tn),
where i denotes the structure: membrane, cortex, or
cytoskeleton) using the constitutive laws described in
Section 2.1.

2. Spread the force densities onto nearby Eulerian points
using Eq. 1.

3. Solve the forced Stokes equations to obtain the fluid velocity u.
4. Interpolate the fluid velocity to the structure using Eq. 2 to

obtain U.
5. Compute the porous structure velocities by Eq. 15 and Eq. 23,

and update the structure by

X n+1
i � X n

i + Δt 1
ζ i

∑
j

F j
i + U⎛⎝ ⎞⎠, (24)

where ζ i indicates the drag coefficient of the cortex or
cytoskeleton, and the forces acting on the respective structure
denoted by ∑ F j

i are in Eq. 15 and Eq. 23. The membrane is
updated by the fluid velocity.

The time step for simulations using a pure fluid cytoplasm is
Δt � 1 · 10–4 (seconds). Cytoplasmic elasticity introduces
significant stiffness in the model, and the time step is reduced
to Δt � 7.5 · 10–6 − 3 · 10–5. Small time steps are required for

numerical stability when cytoplasmic permeability and/or elastic
moduli are relatively large.

Velocity and pressure satisfy periodic boundary conditions on
the Eulerian (fluid) domain. A Fourier-spectral method is used to
solve the Stokes equations (Eq. 3 and Eq. 4) for the viscous fluid
model, Eq. 16 and Eq. 17 for the poroelastic fluid model).

The IBmethod involves approximate δ functions for the spreading
and interpolating operators in Eq. 1 and Eq. 2 . Here, I use spectral
delta functions as described in the Supporting Material of [9] to avoid
unphysical velocities that occur in regions with a large pressure jump,
such as across the cell membrane. The discretized spreading and
interpolation integrals are approximated in Fourier space by a
nonuniform fast Fourier transform (NUFFT) described in [35].
The result yields obtain a computationally efficient approximation
of the Fourier transformof the spread force density. I use anmth order
cardinal B-spline with compact support over m + 1 mesh points as a
smoothing kernel [36]. In this paper, the oversampling factor is r � 1.5
andm� 6. The Fourier transform of the spread forces are filteredwith
a second-order raised cosine filter [37],

σ(k) � 1
2

1 + cos
2πk
N

( )( ), (25)

to remove the Gibbs phenomenon in the numerical solution to
the pressure field.

3 RESULTS

At the beginning of a simulation, the cell is pressurized due to
membrane and cortical tension. According to Laplace’s law, the
change in pressure ΔP across a spherical membrane satisfies ΔP �
c/(2R), where c represents surface tension and R is the radius of
the cell. Here, ΔP ≈ (cmem + ccortex)/(2 rmem) � 44 Pa.

A bleb is initiated by either removing membrane-cortex
adhesion in a circular region at the top of the cell or by cortical
ablation (see Figure 2). The initial radius of the circle is
approximately 2.5 μm and centered at the point on the
membrane with the highest z-coordinate. Numerically,
kmem/cortex
adh � kcortex/mem

adh � 0 on surface triangles inside the
region. The boundary between adjacent triangles on the
surface where the membrane-cortex adhesion parameters
change from nonzero to zero forms a round circular ring
around the cell, referred to as the bleb ring. Figure 2C) shows
a top down view of the cell with a dashed line indicating the
bleb ring. When the cortex is ablated, the additional
parameters kcortex � 0, kcortex/cytoadh , and kcyto/cortexadh are set to
zero on triangles within the bleb ring.

For both initiation mechanisms, when cortical tension is no
longer transmitted to the membrane, the resulting pressure
gradient leads to fluid flow and membrane expansion in the
localized region. Bleb expansion ceases when membrane tension
balances intracellular pressure.

Parameter values for simulations are located in Table 1.
Unless otherwise indicate, all simulations with a fluid
cytoplasm use a value of 20 pN/μm for the membrane bulk
modulus. Likewise, all simulations with a poroelastic
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cytoplasm use a value of 500 Pa for the bulk modulus of the
cytoplasm and 1 · 10–3 for the cytoskeletal permeability unless
otherwise stated.

3.1 Bleb Initiation Dynamics
I begin by simulating bleb expansion by removing only
membrane-cortex adhesion within the bleb ring region.

FIGURE 2 | A bleb is initiated by either (A) loss of membrane-cortex adhesion or (B) cortical ablation. (C) Top down view of the cell. For (A), membrane-cortex
adhesion parameters are set to zero within the bleb ring region, whereas for (B) cortical stiffness and cortex-cytoskeleton adhesion parameters are also set to zero within
the bleb region (inside the dashed-line circle). The two red points are used to compute the relative change in bleb ring diameter. The blue circle shows the point with the
largest z-coordinate on the cell that is used to compute bleb height.

FIGURE 3 | A bleb is initiated by a loss of membrane-cortex adhesion within the bleb ring region using (A) a pure fluid cytoplasm and (B) a poroelastic cytoplasm.
The colorbar indicates the speed of the cell membrane in μm/s. The white ring at the top of the cell at 0.3 s indicates the initial location of the bleb ring. The red curve
indicates the xz-plane that intersects the cell membrane to generate 2D slices of the pressure field. The red point in (A) is used to define bleb height.

FIGURE 4 | (A–B) Intracellular pressure in the xz-plane (y � 15) for the simulations from Figure 3. The scale bar denotes 5 μm. (C–D) Pressure along the line z � 0 to
30 for x, y � 15. The intermediate time denotes pressure at t � 2 s.
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Figure 3 shows the cell membrane position and speed
(magnitude of the velocity on the cell membrane) at several
time values during bleb expansion. The speed is highest after
removing membrane-cortex adhesion and decreases over time.
Similar to 2D simulations from [9], the bleb appears smaller in
simulations using a poroelastic cytoplasmmodel compared to the
pure fluid model.

Intracellular pressure dynamics are shown in Figure 4 for bleb
simulations using fluid and poroelastic cytoplasm models.
Intracellular pressure appears spatially uniform inside the cell
body (outside of the bleb) for the simulation with a fluid
cytoplasm (Figures 4A,C). The maximum pressure inside the
cell decreases by about 4 Pa over 40 s of simulation time. For the
poroelastic cytoplasm, a pressure gradient extends across the
entire cell (Figures 4B,D). Pressure also equilibrates to a smaller
value: 34 Pa for the poroelastic cytoplasm model compared to
41 Pa for the fluid cytoplasm model. Maximum pressure inside
the cell decreases by approximately 10 Pa over 40 s of simulation
time. The decrease in intracellular pressure results in decreased
fluid speed and bleb size.

Decreased intracellular pressure in the poroelastic cytoplasm
is a result of compression of the cytoskeleton as the bleb expands.
The total volume of the cell is conserved so that as the bleb
expands, the main cell body is compressed. In [9], the cytoskeletal
pressure that acts against compressive stresses was given as − kcyto
(J − 1), where J − 1 is the strain in Eq. 11. Cytoskeletal pressure at
several time values is shown in Supplementary Figure S1 when
kcyto � 500 Pa. Data show the cytoskeletal network is compressed
near the nucleation site, and cytoskeletal pressure approaches a
spatially nonuniform profile. Cytoskeletal pressure over time
when kcyto � 250, 500, and 1,000 Pa at the center of the cell is
shown in Supplementary Figure S2. The pressure approaches a
steady state value and increases with kcyto.

Bleb size is quantified two ways, depending on how the bleb is
initiated. When a bleb is initiated through a loss of membrane-
cortex adhesion, I measure the relative bleb volume over time.
The volume of the cortex is subtracted from the volume of the
membrane, then divided by the initial volume of the membrane.
Since there is an initial small volume between the membrane and
cortex, this small initial volume is subtracted from the relative
bleb volume equation, given by

Volbleb(t) � Volmem(t) − Volcortex(t) − Volmem(0) − Volcortex(0)( )
Volmem(0) .

(26)

Note that the volume of the membrane is approximately the same
value over time due to incompressibility of the fluid.

When a bleb is initiated through cortical ablation, the cortex is
no longer a closed surface. I use bleb height as a measurement of
bleb size and is defined as follows. The point on the membrane
with the largest z-coordinate (see Figure 3A) and the point with
the smallest z coordinate are identified. Initially, the difference
between these z coordinates is the diameter of the cell, 20 μm. The
difference between these z coordinates is measured over time. The
initial distance is then subtracted from the difference between the
z values,

Heightbleb(t) � zmem
top (t) − zmem

bottom(t) − zmem
top (0) − zmem

bottom(0)( ).
(27)

Bleb height, relative bleb volume, and maximum
intracellular pressure over time are shown in Figure 5 for
blebbing simulations using the viscous fluid and poroelastic
cytoplasm models. Bleb height and volume initially increase
after bleb nucleation, then approach a steady state value. In
this paper, steady state is defined as a quantity having less than
5% relative change over 10 s of simulation time. Following [9],
bleb expansion time is defined as 90% of the steady state value.
White circles in Figure 5A indicate bleb expansion time using
bleb height, and black circles in Figure 5B denote bleb
expansion time defined as 90% of steady state relative bleb
volume. Bleb height and volume are larger for the viscous fluid
cytoplasm model compared to the poroelastic one. Bleb
expansion time is also faster in simulations using the
viscous fluid cytoplasm model.

Maximum intracellular pressure decreases over time as the
bleb expands for simulations with fluid and poroelastic
cytoplasm models, but significantly more pressure is relieved
when bleb expansion is simulated using a poroelastic cytoplasm
model (Figures 4, 5C). To determine the time scale of pressure
equilibration, the change in pressure from its initial value over
40 s is measured (approximately 4 Pa for a simulation with a
fluid cytoplasm and 10 Pa for a simulation with a poroelastic
cytoplasm). Pressure equilibration time is computed as the time
when the maximum intracellular pressure equals the initial
value minus 90% of the change in pressure over 40 s.
Figure 5C) shows maximum intracellular pressure evaluated
at pressure equilibration time, bleb expansion time using bleb
height, and bleb expansion time using relative bleb volume. The
data show close agreement between pressure equilibration time
and bleb expansion time using relative bleb volume. Although
bleb expansion time using bleb height is about 5 s faster than
pressure equilibration time, 80% of the change in pressure is
achieved by this time for simulations with both the fluid
cytoplasm and poroelastic cytoplasm models. Therefore, bleb
expansion time measured by using height or relative volume
approximately correspond to pressure equilibration time.

3.2 Cortical Ablation
Bleb initiation by cortical ablation is simulated for several values
of cortical elastic modulus, kcortex � 100, 500, and 1,000 with both
the fluid and poroelastic cytoplasm models. Figure 6B shows
steady state membrane shape and mean curvature for simulations
with cortical ablation. Membrane shape and curvature for bleb
expansion by a loss of membrane-cortex adhesion with cortical
elastic modulus kcortex � 1,000 is shown in Figure 6A for
comparison. The magnitude of mean curvature is computed
along edges of triangles and assigned to vertices as described
in [28, 38]. Following [25], the convex hull of the membrane is
computed to determine the sign of mean curvature; points on the
convex part of the surface are assigned negative mean curvature
values, and other points on the membrane maintain their
positive sign.
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Data in Figure 6 I show that steady state bleb shape is very
sensitive to changes in cortical elastic modulus in the fluid
cytoplasm model. As the values of cortical elastic modulus
decrease, the bleb becomes more broad with a decrease in
positive mean curvature near the bleb neck as compared to

data when the bleb is initiated by only a loss in membrane-
cortex adhesion (Figure 6IA). When blebbing is simulated using
the poroelastic model, membrane shape and curvature do not
change significantly as the cortical elastic modulus decreases.
Data in Figure 6IIB show slightly broader blebs with a small

FIGURE 5 | Bleb height (A), relative bleb volume (B), and maximum pressure inside the cell (C) over time for a simulation using a fluid cytoplasm (solid lines) and
poroelastic cytoplasm (dashed lines). The open circle, filled circle, and × denote the time value when bleb height, relative bleb volume, and maximum pressure,
respectively, achieve 90% of their steady state values.

FIGURE 6 | Steady state bleb shapes and mean curvature when a bleb is initiated by (A) loss of membrane-cortex adhesion and (B) cortical ablation for different
values of cortical elastic modulus kcortex. Row I shows results from the fluid cytoplasm, and row II results are from simulations with a poroelastic cytoplasm. For the fluid
cytoplasm model, the bulk modulus of the membrane was set to kmem � 40 pN/μm. For the poroelastic cytoplasm model, kmem � 20 pN/μm, kcyto � 500 Pa, and κ � 1 ·
10–3 μm3. Other parameters are listed in Table 1. The scale bar has dimensions 5 × 1 × 1 μm. The colorbar indicates the value of mean curvatureH over the surface
of the membrane.
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decrease in positive mean curvature near the bleb neck as
compared to membrane shape and mean curvature in
Figure 6IIA.

To quantity the broadness of the bleb, bleb ring diameter,
defined as the distance between the point on the bleb ring closest
to origin (in Euclidean distance) and the point furthest away from
the origin as illustrated in Figure 2C, is computed. The change in
bleb ring diameter for cortical ablation simulations is graphed in
Figure 7 for values of cortical elastic modulus, kcortex � 100, 500,
and 1,000 with both the fluid and poroelastic cytoplasm models.
The change in bleb ring diameter is defined as steady state bleb
ring diameter minus the steady state bleb ring diameter for a
simulation when a bleb is initiated by a loss of membrane-cortex
adhesion with cortical elastic modulus kcortex � 1,000. Data in
Figure 7 show the diameter of the bleb ring increases as the
cortical elastic modulus decreases, but the increase is relatively
much larger for simulations with the fluid cytoplasm model than
for simulations with the poroelastic model.

Bleb expansion time decreases when a bleb is initiated by
cortical ablation compared to a loss of membrane-cortex
adhesion. Expansion time is calculated by computing the time
value when 90% of the steady state value of bleb height is reached.
When blebbing is simulated with a fluid cytoplasm and a loss in
membrane-cortex adhesion (Figure 6IA), bleb expansion time is
1.95 s. In comparison, bleb expansion time from cortical ablation
simulations (Figure 6IB) is 0.016, 0.023, and 0.028 s for kcortex �
100, 500, and 1,000 pN/μm, respectively. Bleb expansion time for
the simulation with a poroelastic cytoplasm model initiated with
loss of membrane-cortex adhesion (Figure 6IIA) is 10 s. When a
bleb is initiated with cortical ablation, bleb expansion time
decreases to 7.37, 6.96, and 6.60 s for kcortex � 100, 500, and
1,000 pN/μm, respectively. Data from bleb simulations with a
fluid cytoplasm show expansion time decreases by two orders of
magnitude compared to simulations when blebbing is initiated by
a loss in membrane-cortex adhesion. Simulations from the

poroelastic cytoplasm model with cortical ablation show a
decrease in bleb expansion time compared to initiation by a
loss in membrane-cortex adhesion, but the relative decrease is
approximately 30%.

3.3 Effect of Poroelasticity on Bleb
Expansion Time
This section focuses on bleb expansion dynamics when the
cytoplasm is modeled by poroelastic material, and a bleb is
initiated by a loss in membrane-cortex adhesion. Several
studies have used a poroelastic model of the cytoplasm to
interpret experimental results. For example, when blebbing
was locally inhibited by myosin-II-inhibiting drugs, blebbing
was unaffected in other parts of the cell, suggesting that
intracellular pressure is not equilibrated on the time scale of
bleb expansion [27]. Using a simple 1Dmodel, the authors in [27]
showed that pressure diffuses over a length x ∼

���
Dt

√
, where x is a

characteristic length (10 μm, the radius of the cell), D is a
diffusion coefficient proportional to both cytoplasmic
permeability and stiffness. This scaling law can be expressed
equivalently as bleb expansion time t ∼ x2/D. Since D is
proportional to κ G, bleb expansion time is expected to scale
like κ−1. Simulations from the 2D version of the blebbing model
with a poroelastic cytoplasm presented are in approximate
agreement with the scaling t ∼ κ−1 [9].

Figure 8 shows bleb expansion time as a function of
cytoplasmic permeability κ and bulk elastic modulus G.
Expansion time is computed by both relative bleb volume
using Eq. 26 (Figure 8A) and bleb height Eq. 27 (Figure 8B).
The data show qualitative agreement with results from the 2D
model in [9]. Expansion time decreases as cytoplasmic
permeability and stiffness increase. Bleb height (and volume)
decrease as cytoplasmic stiffness increase. Note that bleb height
and volume each maintain the same value for different values of
permeability, but change as a function of elastic modulus. One
difference from 2D model results is that data in Figure 8 show
bleb expansion time scales slower than κ−1. When relative bleb
volume is the metric, expansion time scales like ∼ κ−0.65. If bleb
height is used, the scaling is slightly larger, ∼ κ−0.69. These results
suggest the cytoskeletal network does not obey a simple diffusion
equation in 3D as described in [9, 27].

4 DISCUSSION

In this work, fully 3D simulations of bleb expansion with two
different rheological descriptions of the cytoplasm, purely viscous
fluid and poroelastic material, are presented. Themodel formulation
follows [9], with significant extensions to model the elasticity of the
membrane and cytoskeleton. It should be noted that no geometric
simplifications, such as axisymmetry, were made. 3D models allow
quantitative comparision to experimental data. For example, values
for relative bleb volume reported in Figure 5match those computed
from experimental data in [5].

3D simulations are necessary to simulate the dynamics of cortical
ablation, rupturing the cortical actin shell, which has been performed

FIGURE 7 | Steady state change in bleb ring diameter for simulations
with the fluid cytoplasm model and poroelastic cytoplasm model. Change in
bleb ring diameter is defined as bleb ring diameter minus the steady state bleb
ring diameter for simulations where blebs were initiated by removing only
membrane-cortex adhesion. The bleb ring diameter for the fluid cytoplasm
simulation where a bleb is initated by removing only membrane-cortex
adhesion is 0.75 μm. The corresponding value for the poroelastic cytoplasm
simulation is 0.97 μm. The parameters for the simulations are the same as
described in the caption for Figure 6.
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in experiments and has been hypothesized to occur due to localized
regions of myosin-driven contractility. In a 2D model, the cortex can
be thought of as a rubber band that quickly recoils after being cut. In
the full 3D model, an additional line tension helps to maintain the
structure of the elastic cortical shell. Simulations with a viscous fluid
cytoplasm show much broader blebs that expand several orders of
magnitude faster than expansion times from experiments. Bleb shape
and expansion times in simulations with a poroelastic cytoplasm are
qualitatively similar to those when blebbing was initiated with only
removing membrane-cortex adhesion. It is energetically unfavorable
for the membrane to maintain regions of high curvature, such as
those observed in blebs, and these results suggest that the internal
cytoskeleton along with attachments from the membrane to the
cytoskeleton help maintain the shape of bleb-like protrusions.

In cortical ablation simulations with a viscous fluid cytoplasm, the
timescale of bleb expansion is determined primarily by fluid viscosity
in the absence of cortical drag [7]. Cytoplasm drag is still present
during simulations with a poroelastic cytoplasm when blebs are
initiated with cortical ablation. Although bleb expansion is slightly
faster compared to the case when blebs are initiated by a loss of
membrane-cortex adhesion, cytoplasmic drag dominates the timescale
of bleb expansion, and biologically relevant values are obtained from
these simulations. The decrease in bleb expansion time can be
explained by a loss of cortical drag within the bleb ring region.

Pressure dynamics are quantified for both models of the
cytoplasm with qualitatively similar behavior to 2D model
simulations results from [9]. Pressure in the main cell body, i.e.
the cell except the bleb, is approximately uniform for simulations
with a viscous fluid cytoplasm, and diffuses across the cell body in
simulations with a poroelastic cytoplasm. Instances of uncontrolled
bleb growth for soft membranes were reported in [9] for simulations
with a purely viscous cytoplasm. Although I observed large blebs in
3D simulations with a softmembrane (data not shown), I was unable
to confirm the growth was actually uncontrolled. As the bleb
expands, the spacing between the discretized nodes became too
large to obtain reliable results from the simulation. Extending the

numerical method to include mesh refinement within the bleb
would be necessary to ascertain whether uncontrolled bleb
growth can occur in 3D.

In a parameter study where bleb expansion is simulated with
different values of permeability and cytoplasmic stiffness, I found
that bleb expansion time follows a power law, where t ∼ κ−p, where
p� 0.65, 0.69, depending onwhether bleb volume or height was used
to compute expansion time. These results are in contrast to the
scaling law calculated from analyzing 2D simulations in [9] and 1D
model analysis in [27]. If poroelasticity alone determines the time
scale of bleb expansion, it can be shown that cytoskeletal
displacement follows a diffusion equation after some simplifying
model assumptions, i.e., deformation only in the radial direction and
applying a small displacement in the radial direction (a reduced
model in polar coordinates is located in [32]). Because the scaling of
the diffusion equation remains the same in any dimension, my
results point to the influence of other important contributing factors
to limiting bleb expansion, such as stiffness of the cortex and
membrane, and cortical permeability. The influence of these
factors is a subject of future work.

The model presented here is limited in that I consider one cell
and focus on the expansion of one bleb to focus on intracellular
pressure dynamics with different models of the cytoplasm. Recent
work on modeling blebbing-based migration involves simulations
with multiple blebs and cycles of bleb expansion and retraction, but
assume uniform cytoplasmic pressure [14, 15]. I have also neglected
to include membrane-cortex adhesion dynamics [10, 19, 21]. Model
extensions are currently underway to include these important effects
into the current modeling framework.

Finally, I note that simulations of fully 3D models are
computationally expensive; some simulations in this paper took
weeks to run using parallelized C++ code on a cluster. Numerical
methods for stiff fluid-structure interaction systems will need to be
investigated and implemented in order to simulatemultiple blebs and
cell migration in 3D environments, particularly with an internal
elastic cytoskeletal network.

FIGURE 8 | Bleb expansion time in seconds as a function of cytoplasmic bulk modulus G and permeability κ. Bleb expansion is computed using relative bleb
volume in (A) and bleb height in (B). For both figures, the expansion time is 90% of the steady state value listed in the legend.
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