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Editorial on the Research Topic
 Bridging Membrane Biophysics to Microbiology: Innovating Towards New Peptide and Peptide-Based Antimicrobials



Molecular biophysicists and microbiologists working on antimicrobial peptides (AMPs) are traditionally worlds apart. While biophysicists prefer detailed structural and functional approaches in systems they have total control of, such as lipid vesicles, microbiologists trade the details of molecular interactions for the “biorealism” of working with live bacteria. These two types of studies seemed impossible to reconciliate, until now. In recent years, biophysical techniques started to be applied in the quantitative investigation of the interaction of AMPs with target and host cells, providing several novel insights in the mechanism of action of these molecules. The articles of this Research Topic provide a comprehensive overview of the current state-of the-art in this area.

Top researchers devoted to AMPs, translating molecular biophysical approaches to bacterial microbiology, have gathered in this Research Topic publication to (i) review how imaging and spectroscopy techniques can be used to unveil AMP action directly in live bacteria, and (ii) present the fundamentals of the mechanism of action of AMP obtained with such techniques, including the influence of intracellular factors, synergy, and cell density. Structure-function relationships and a vision for future applications of antimicrobial surfaces are also present.

Gelmi et al. present a general overview of the experimental approaches that provide information on peptide-cell interaction, including fluorescence and calorimetry to quantify peptide-cell association, circular dichroism, and NMR to investigate the secondary structure of cell-bound peptides, infrared and NMR spectroscopies to study peptide effects on membrane structure and dynamics, zeta potential experiments to clarify the electrostatic aspects of the interaction, microscopies, and cytofluorimetry to study peptide localization and effects on bacterial growth and perturbation of cell membranes, scattering techniques to study peptide effects on cell shape and photocrosslinking coupled with mass spectroscopy to identify potential protein targets.

Clayton reviews the applications of fluorescence microscopic techniques to follow in real time the main events involved in bacterial killing. These studies are starting to illustrate the complexities of peptide-cell interaction: for instance, they showed that the timescale of AMP effects on bacteria is orders of magnitude slower than that required for the perturbation of artificial membranes, identified preferred sites of attack in cell membranes and demonstrated that peptide sequestration by dead cells can protect the rest of the bacterial population from the action of AMPs.

Booth focuses on deuterium solid state NMR studies of intact bacteria treated with AMPs. This approach provides information on peptide-induced perturbation of cell-membranes. For instance, it showed that some AMPs can cause disruption of the lipid bilayer at peptide:lipid ratios lower than those needed for killing, suggesting that membrane disruption may not be the only mechanism by which they harm cells.

Separovic et al. address in-cell solid-state NMR studies of AMPs, too, providing an overview of the different molecules that can be investigated with this technique, including peptidoglycans, lipopolysaccharides, phospholipids, DNA and AMPs themselves. The power of this non-invasive technique is exemplified by a recent study, which revealed a peptide-induced disruption of the molecular packing of both bacterial membranes and DNA.

Benfield and Henriques focus on the experimental approaches that can determine the mechanism of action of AMPs, and particularly differentiate peptides perturbing cellular membranes from those that interact with intracellular targets. Disruption of membranes can be observed in cells, using fluorophores that detect membrane depolarization or accessibility of the intracellular space. By comparing membrane perturbation and cell viability, membranes can be confirmed or excluded as the main target of AMPs. Peptide uptake into bacterial cells can be investigated using flow cytometry and fluorescence microscopy. Finally, intracellular protein targets of AMPs can be identified using bacterial proteome microarrays.

Bechinger et al. analyze the crucial property of synergy in AMPs: often, two (or more) peptides together have a higher activity than the single components. The molecular mechanisms of this effect are still heatedly debated. For the synergism between magainin 2 and PGLa, different hypotheses have been put forward, involving direct interaction of the peptides or changes in peptide orientation, but experiments performed with lipid mixtures correctly mimicking bacterial membranes support lipid mediated effects that favor peptide/membrane binding for the AMP mixture. The authors also show that a major effect of a synergistic combination is to increase the steepness of bacterial killing as a function of peptide concentration. This finding is consistent with a previous study on other AMPs (1) and provides a novel perspective on AMP synergism.

Duong et al. also address synergism, both among different AMPs and between AMPs and other classes of antibacterials, including histones, which co-localize with AMPs in innate immunity components. Such synergies might arise if one antimicrobial agent favors pore formation by the other, or if it acts on intracellular targets that can be reached more easily after pore formation.

Marx et al. present original research that bridges the antimicrobial activity of two lactoferricin derivatives (LF11-215 and LF11-324) in E. coli and lipid vesicles. In particular, they determined both an upper limit on the number of surface-adsorbed peptides and total number of peptides partitioned into the bacteria These data indicate that 95–99% of LF11-215 and LF11-324 molecules accumulate inside cells, suggesting that these AMPs might act on intracellular targets.

Schefter et al., in their original work, discuss several parameters that influence AMP activity and selectivity: density of target and host cells, competitive peptide association to the two cell populations, and peptide sequestration by association to intracellular targets. The authors propose a biophysical model, based on chemical equilibria, leading to a prediction of the cell-density dependence of peptide activity and selectivity, and allowing the correct design and interpretation of selectivity measurements.

Strandberg et al. review the specific class of artificial AMPs constituted by sequences of alternating cationic and hydrophobic residues, such as [KL]n, or [RW]n. When bound to membranes, these peptides attain a beta-like structure. Longer peptides can also form beta-aggregates in solution. Medium length peptides of 8–10 amino acids appear to be the optimum compromise for a high activity and low toxicity.

Mullen et al. present their perspective on the use of peptides and other molecules to design antimicrobial surfaces. This is a view into the future of peptide-based products and technologies to fight bacterial threats, mainly biofilms, which are probably the next big challenge ahead for AMP developers.

After bridging molecular biophysics to microbiology, it is important to bridge these fields to bacterial biofilm biomedicine. AMPs are up to the challenge. Are we, too?
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Antimicrobial peptides are an attractive alternative to traditional antibiotics, due to their physicochemical properties, activity toward a broad spectrum of bacteria, and mode-of-actions distinct from those used by current antibiotics. In general, antimicrobial peptides kill bacteria by either disrupting their membrane, or by entering inside bacterial cells to interact with intracellular components. Characterization of their mode-of-action is essential to improve their activity, avoid resistance in bacterial pathogens, and accelerate their use as therapeutics. Here we review experimental biophysical tools that can be employed with model membranes and bacterial cells to characterize the mode-of-action of antimicrobial peptides.
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INTRODUCTION

Antibiotic resistant bacteria are rapidly emerging while the development of new antimicrobial agents is decelerating (1–3). To fight infections caused by resistant bacteria, it is essential to develop new compounds. Antimicrobial peptides (AMPs) have attracted attention as potential alternative antimicrobial agents, as these small biological molecules kill bacteria using a mode-of-action (MOA) distinct from those used by traditional antibiotics (4).

AMPs are produced in almost all species (5), kill a broad spectrum of bacteria, fungi, protozoa and viruses, have anticancer properties (6, 7), and can kill antibiotic-resistant bacteria (8, 9). In general, AMPs are positively charged amphipathic molecules able to selectively target bacteria and kill them using two broad MOAs. In the first mechanism AMPs induce membrane disruption, leading to cell lysis and death. In the second MOA, AMPs enter cells without membrane disruption and inhibit essential intracellular functions by binding to nucleic acids or intracellular proteins (10–12).

Peptide-based antimicrobials, such as Tyrothricin, Gramicidin S (13), Vancomycin and Telavancin (14), are used in the clinic as therapeutics. Nevertheless, the widespread application of AMPs is limited by a perception that peptides are expensive to produce, susceptible to proteases, and display high cytotoxicity (15–17). Peptide production costs have decreased over the past years due to advances in solid- and liquid-phase peptide synthesis (18, 19), and production of recombinant peptides in Escherichia coli (20) and yeast (21). Peptides can be engineered to increase their chemical and proteolytic stability via backbone cyclization (22), side chain-to-side chain cyclization (23), or the inclusion of stereochemical amino acids (24). Furthermore, toxicity to the host can be reduced, and potency can be improved, if we understand their MOA (16, 25–28).

In this mini-review, we highlight some experimental biophysical techniques that can be employed to investigate the complex MOA of AMPs. Identifying whether particular AMPs act by disrupting bacterial membranes, or by interfering with an intracellular pathway, is key to rationally improve efficacy, stability and safety of AMPs, and develop novel antimicrobial therapeutics.



CHARACTERIZATION OF PEPTIDE-LIPID BINDING USING MODEL MEMBRANES

AMPs generally target and bind bacterial membranes via peptide-lipid interactions. Model membrane systems, including Langmuir monolayers, liposomes, and solid supported bilayers, have been used to screen peptide-membrane interactions and investigate the effect of peptides on the structure of lipid bilayers. Although they are less complex than bacterial membranes, model membranes are useful to investigate individual membrane components (29, 30). They can be produced with defined lipid compositions, biophysical properties, and conditions (e.g., size, charge, pH, ionic strength); thereby reducing the variables present in biological assays.

Liposomes are particularly useful as a model membrane: they are versatile, easy to prepare, and can be used in several methodologies. Liposomes can be prepared with synthetic lipids present in bacterial membranes, such as phospholipids with phosphatidylglycerol-, or phosphatidylethanolamine-headgroups and cardiolipin (31) or can be prepared with lipids extracted directly from bacterial membranes. Liposomes are unilamellar or multilamellar structures obtained by suspending lipids in an aqueous solution and by sonicating, or extruding them through a membrane filter with a defined pore size, such as 50 nm, 100 nm and 1 μm, to prepare small, large and giant vesicles, respectively.

Surface plasmon resonance (SPR) (Figure 1A) can be used to study peptide-lipid binding affinity in real-time and without requiring fluorescently labeled peptide. In this assay, liposomes are deposited onto the surface of a sensor chip covered with polydextran (e.g., L1 Sensor Chip from GE Biacore systems) to form a stable lipid bilayer (32). Peptide solution is injected over the lipid bilayer and peptide-lipid binding is monitored via variation of refractive index over time. Sensorgrams can be used to calculate peptide-lipid binding association (kon), dissociation (koff) rate constants, equilibrium dissociation constant (KD) and membrane partition coefficients (Kp) (32, 33). It is possible to predict cytotoxic properties of AMPs by comparing their peptide-lipid binding affinity. AMPs with high binding affinity for negatively charged membranes and with weak affinity for zwitterionic membranes are normally selective toward bacteria and not toxic to host cells (34).


[image: Figure 1]
FIGURE 1. Methodologies to determine interactions of antimicrobial peptides (AMPs) with bacterial membranes using model membranes (A,B) and bacterial cells (C-G). (A) Schematic representation of a sensorgram obtained with surface plasmon resonance (SPR) to monitor peptide-lipid interactions. The response units (RU) increase when small unilamellar vesicles (SUV) are injected to cover the chip (orange) and form a bilayer (purple). Once the bilayer is stabilized (pink), AMPs are injected and association with the lipid bilayer (blue) is monitored in real time. The stronger the binding of the antimicrobial peptide (AMP) to the lipid system, the higher the response units. When the peptide injection stops, it is possible to monitor the dissociation of the peptides from the lipid bilayer (green). (B) Illustration of the leakage assay using large unilamellar vesicles (LUV) filled with carboxyfluorescein (CF), whose fluorescence is self-quenched when packed inside LUVs at high concentration. In the presence of permeabilizing AMPs, CF escapes into the aqueous environment and becomes fluorescent. (C–F) Schematic of a Gram-negative bacterium with inner membrane (gray), peptidoglycan layer (orange), outer membrane (green) and intracellular content such as proteins (purple spheres) and nucleic acids (helix) and the effect of fluorescent dyes before (left) and after (right) treatment with a membrane-active AMP. (C) Illustration of N-phenyl-1-napthylamine (NPN) becoming highly fluorescent when in hydrophobic environment such as lipid membranes, subsequently damaged by AMPs. (D) Illustration of 3,3′-Dipropylthiadicarbocyanine iodide [DiSC3(5)] packed within inner membrane of bacterium. DiSC3(5) is released into the aqueous environment and becomes highly fluorescent (right) once membrane is depolarized by binding of AMPs. (E) Illustration of bacterial cells incubated with propidium iodide (PI) and SYTO 9, to label lysed/dead and viable cells, respectively. Left side shows PI unable to go through intact membrane, unlike SYTO 9 that can penetrate intact membrane and bind to DNA. Once AMP damages membrane, PI enters the cell and displaces SYTO 9 (right). (F) Illustration of SYTOX Green which is highly fluorescent if bound to DNA, however, unable to go through bacterial membrane unless membrane is damaged by the AMP. (G) Schematic of internalization of bacterial cell by fluorescently labeled AMP and graph showing fluorescence measurement before and after addition of trypan blue (TB). Panel I shows an AMP able to enter bacteria cells without damaging membrane, panel II shows an AMP entering cells with a portion located on the membrane, and panel III shows internalization of an AMP and permeabilization of bacterial membrane resulting in drop of fluorescence readings after addition of TB quenching fluorescence of labeled AMP.


Many AMPs kill bacteria by inducing membrane disruption and leakage of bacterial content. Leakage assays with model membranes (Figure 1B) can be used to investigate the ability of AMPs to disrupt lipid bilayers. In these assays, an aqueous soluble fluorescent dye, such as carboxyfluorescein (35–37) or calcein (38, 39), is entrapped into large unilamellar vesicles at self-quenching concentrations. Dye-loaded vesicles are resuspended in buffer by gel filtration and their lipid concentration quantified using the Stewart assay (40). If peptides permeabilize vesicles, the fluorescent dye is released into solution, resulting in increased fluorescence emission signal. This assay can be performed in a 96-well plate format to reduce the volume of reagents and peptides (41). It can also be used to investigate membrane selectivity in a competitive lipid environment (42). For example, AMPs can be incubated with a mixture of liposomes of distinct composition to quantify selective disruption of negatively charged over neutral liposomes. Although leakage assays do not provide information about the disruption mechanism involved (e.g., toroidal pore, barrel pore, or carpet mechanism), they inform on whether AMPs can disrupt lipid bilayers, can be used to investigate membrane selectivity (42).

Molecular dynamic simulations using atomistic or coarse-grained models of lipid bilayers, can also be used to characterize peptide-lipid interactions and to gain information on the disruption mechanism used by specific AMPs (43–46). More complex bacterial cell wall models (e.g., peptidoglycan network, outer membrane of Gram-negative bacteria) (47–49) have been developed and can be used to simulate interactions of peptides with bacterial cell walls, and predict membrane disruption properties (50).



EXAMINING INTEGRITY AND FUNCTION OF BACTERIAL MEMBRANES USING MEMBRANE DYES

Membrane dyes and fluorescence spectrophotometer plate readers can be used with bacteria cells to study the effect of AMPs on the integrity of specific layers of bacterial membranes. For instance, the fluorescence of the lipophilic dye N-phenyl-1-napthylamine (NPN) can inform on the ability of AMPs to permeabilize the outer membrane of Gram-negative bacteria (Figure 1C). NPN emits weak fluorescence in aqueous environment and is highly fluorescent in hydrophobic environment found in lipid membranes. NPN cannot insert into intact bacteria membranes; however, when AMPs disturb the outer membrane of Gram-negative bacteria, NPN gains access to lipid layers in the outer membrane and/or in the cytoplasmic membrane (51–53) and its fluorescence emission intensity increases. This assay can be done using a 96-well plate format in a fluorescence spectrophotometer plate reader, in which peptides are added to bacterial suspensions.

Cell membranes of viable bacteria are polarized (i.e., they have a negative transmembrane potential), and some cationic AMPs kill bacteria by depolarizing their membranes (10, 54). The dye 3,3′-Dipropylthiadicarbocyanine iodide [DiSC3(5)] is cationic, membrane-permeable, fluorescent in aqueous environment and can be used to examine the ability of specific AMPs to depolarize bacterial membranes (53, 55, 56). DiSC3(5) has a stable and low fluorescence emission signal when bound to viable bacteria with polarized membranes; if an AMP induces membrane depolarization, the dye is released, and its fluorescence emission intensity increases (Figure 1D). In this assay, it is important to optimize cell density, dye concentration and ensure that tested AMPs do not quench the fluorescence of the dye, as this assay is based on fluorescence quenching (57).



EXAMINING BACTERIAL MEMBRANE INTEGRITY USING FLOW CYTOMETRY

Flow cytometry combines fluidic, optical and electronic parameters to analyze physical properties (e.g., size and granularity) and fluorescence of individual cells within a population of cells. Each cell goes through a set of lasers and produces scattered and fluorescent light signals that are detected and analyzed by a computer (58).

Bacteria with permeabilized membranes can be distinguished from viable bacterial cells using two fluorescent dyes [e.g., propidium iodide (PI) and SYTO 9] and by analyzing cells using flow cytometry (59). PI and SYTO 9 become fluorescent when intercalating with DNA. However, PI is a red-fluorescent dye, non-permeable to intact plasma membranes and cannot enter viable cells, whereas SYTO 9 is a green-fluorescent dye that can enter both live and dead bacterial cells (Figure 1E). PI has stronger affinity for nucleic acids than SYTO 9; therefore, when both dyes have access to nucleic acids inside bacteria, PI displaces SYTO 9 (60).

There are some factors that might interfere with correct readings, such as photobleaching of SYTO 9, variable binding affinities of SYTO 9 to live and dead cells, background fluorescence and bleed-through (61). Moreover, some bacteria strains have efflux pumps that can remove PI from the cell (60). Nevertheless, this is a rapid and high-throughput assay to quantify the effect of AMPs on the cell membrane integrity within a large population of cells (62).

SYTOX Green is another high-affinity nucleic acid stain that can be used to investigate cell membrane integrity in bacteria using flow cytometry. This dye only enters cells with compromised plasma membrane (Figure 1F). The binding of SYTOX green to nucleic acids results in >500-fold increase in fluorescence emission intensity (63). SYTOX green and PI have similar molecular weight (i.e., 600 and 688 Da), and entry of these two dyes into bacteria is unlikely to be discriminated based on their size. Nevertheless, the detection of permeabilized cells and distinction from non-permeabilized cells is superior when using SYTOX Green. This dye has a higher quantum yield and molar extinction coefficient compared to that of PI (63). These advantages might explain why many studies used SYTOX green to investigate bacterial membrane integrity in the presence of AMPs, instead of the combination of SYTO 9 and PI (53, 64–69).



CONFIRMING WHETHER MEMBRANE DISRUPTION IS THE CAUSE OF DEATH

It is important to investigate whether peptide concentrations required to lyse bacterial membranes correlate with concentrations required to kill bacteria. Some AMPs display a minimal inhibitory concentration (MIC) below the concentration required to disrupt membranes, suggesting that bacteria are being killed/inactivated by a mechanism not directly related to cell membrane disruption. This can be investigated by treating bacteria with various concentrations of peptide and quantifying viable cells (e.g., using plate colony count method) in parallel with permeabilized cells (e.g., using a flow cytometry assay with SYTOX Green) (67, 70). Interestingly, some bacteria species seem to be more resistant to membrane damage, as suggested by a study with the AMP maculatin 1.1. This peptide induces uptake of SYTOX Green in E. coli and Staphylococcus aureus at similar concentrations, but is more potent at inhibiting the growth of S. aureus (67).

When AMPs inhibit bacterial growth at non-permeabilizing concentrations, their MOA is likely to involve entry in the cell and ability to interact with an intracellular target; therefore, it is important to investigate whether they can enter inside bacteria. These non-lytic AMPs able to cross bacterial membranes can also be referred to as cell-penetrating peptides (66).



DISTINGUISHING INTERNALIZED AND MEMBRANE-BOUND PEPTIDE VIA FLOW CYTOMETRY

Uptake into bacterial cells can be investigated using flow cytometry and peptides labeled with a fluorophore, such as Alexa Fluor® 488, fluorescein isothiocyanate (FITC), bodipy or rhodamine. Care must be taken when choosing the fluorophore, as some can alter peptide physicochemical properties (e.g., increase of overall hydrophobicity), peptide-peptide intermolecular interactions, binding affinity for lipid bilayers, activity, or cellular uptake (71–75).

There are also some challenges in conjugating peptides with fluorescent labels, as the most common strategies involve amide bond ligation with labels derivatized with succinimidyl esters and require a free amine (66, 69). Therefore, the peptide requires an uncapped N-terminal, or a Lys residue within the amino acid sequence if the peptide is backbone-cyclised. Moreover, when the peptide has more than one Lys, several isomers with one or more label molecules might be obtained (76). To decrease the number of possible isomers and avoid changes in the overall charge of Lys-rich peptides after labeling, the dye can be conjugated using site-directed strategies. Some examples include conjugation of alkyne-derivatized dyes onto azide-containing peptides with copper-catalyzed azide-alkyne cycloaddition, and conjugation of dyes containing hydroxylamine with acetone-linked peptides using oxime ligation (77).

Fluorescently labeled AMP molecules located inside bacteria can be distinguished from those bound to the bacteria surface by screening peptide-treated cells via flow cytometry (Figure 1G). Fluorescence emission intensity and percentage of fluorescent bacteria are recorded before and after addition of trypan blue (TB), an aqueous fluorescence quencher unable to enter cells with intact membranes. A similar fluorescence emission signal before and after addition of TB indicates that the peptide is inside the bacteria. A decrease in fluorescence emission signal suggests that a proportion of peptide molecules is surface exposed and accessible to TB. A significant decrease in the percentage of fluorescent bacteria and in the fluorescence emission intensity indicate that cells are permeabilized, which enabled TB to enter and quench the fluorescence emission of peptide inside cells (66, 78, 79).



USING MICROSCOPY TO VISUALIZE BACTERIA MORPHOLOGY AND PEPTIDE LOCATION

Changes in cell morphology induced by AMPs can be visualized using electron microscopy and atomic force microscopy (AFM). Bacterial cells incubated with sub-lethal and/or lethal concentrations of AMPs are imaged to identify whether the membrane surface is intact, becomes wrinkly, has blebs, or is lysed (28, 80–82). AMPs inducing visible damages are likely to act on the membrane, whereas lack of morphological changes at lethal concentrations suggests interference with an internal component.

The location of labeled AMPs inside bacteria can be visualized using confocal microscopy. For instance, AMPs NCR247 and NCR235 bind to the membrane of both Salmonella and Listeria, but can only reach the cytosol of Salmonella (83, 84). In another study, the authors showed localization of an AMP inside E. coli using confocal microscopy, SYTOX green and rhodamine-labeled AMP, and confirmed changes in the E. coli morphology using AFM (70). These examples demonstrate how diverse and versatile microscopy techniques are to evaluate peptide location within bacteria, and effect on their membrane.



DETECTION OF AMP AND NUCLEIC ACID INTERACTIONS USING ELECTROPHORETIC MOBILITY SHIFT ASSAYS

Some AMPs kill bacteria by interacting with DNA or RNA, and therefore interfere with their synthesis, replication, and translational processes (10, 85). It is debatable whether AMPs can target specific portions of DNA/RNA, as positively charged AMPs might bind unspecifically to negatively charged nucleic acids via strong electrostatic attractions (86). In addition, binding to nucleic acids can be unrelated to the cell death mechanism, as it can occur as a result of AMPs entering bacteria after disrupting their membranes. Thus, studies to investigate interaction with DNA/RNA are more appropriate with non-lytic AMPs.

The gel electrophoretic mobility shift assay (EMSA) is a rapid and sensitive methodology used to detect interactions between proteins, or peptides, with DNA/RNA (87). In this assay, the peptide is incubated with nucleic acids and the reaction is electrophoresed on an agarose or native polyacrylamide gel to detect whether a peptide-nucleic acid complex is formed based on a slower migration than that of free nucleic acid. The complex can be detected using a range of approaches, including fluorescence, chemiluminescence, immunohistochemical and highly sensitive radioisotope-labeled nucleic acids (Figure 2A). One limitation to consider during the electrophoresis is that samples are not at chemical equilibrium and therefore rapid dissociation during this time might prevent detection of the complex. Antimicrobial peptides such as indolicin (88), LL-37 (89), Burforin II (90) and Frenatin 2.3S peptide (91) have been shown to bind bacterial DNA using EMSAs.


[image: Figure 2]
FIGURE 2. Illustrations of methodologies for detection of intracellular targets of antimicrobial peptides (AMPs). (A) Schematic of detection of an AMP able to interact with nucleic acid including DNA, plasmid DNA and RNA of a Gram-negative bacterium via electrophoretic mobility shift assay (EMSA). This assay consists of running incubation reactions between increasing ratios of AMPs with specific nucleic acid (labeled or unlabeled) and running the reactions through an agarose gel. Depending on the affinity of the AMP with the nucleic acid, a shift or supershift in the EMSA is observed. (B) Interaction of AMPs with intracellular proteins can be detected by incubating the peptides with bacteria, followed by protein extraction, purification, and mass spectrometry analysis. Alternatively, cells can be incubated with AMPs followed by addition of radioactive labels to incorporate labels to the newly synthesized proteins and performing a two-dimensional polyacrylamide gel (2D-PAGE), from which spots are analyzed via mass spectrometry. (C) Schematic representation of E. coli proteome microarray and workflow. Biotinylated AMPs are probed on the microarray followed by Dylight-labeled streptavidin to tag the biotin linked on the AMPs and signals are obtained by scanning the chip with a laser scanner to show interaction between AMPs and specific proteins on the chip.




PROTEOMICS TO SEARCH FOR A PUTATIVE INTRACELLULAR TARGET OR/AND DIFFERENCES IN PROTEIN EXPRESSION

Non-lytic AMPs that translocate through bacterial membranes might inhibit intracellular processes by interacting with essential proteins and enzymes (92). Mass spectrometry and proteome microarray are examples of methodologies used to identify protein targets of AMPs and/or the subsequent changes in protein expression due to peptide entry inside bacteria.

Mass spectrometry is a powerful tool to examine changes in protein expression of bacteria treated with AMPs. In the unlabeled approach, after co-incubation of bacteria with AMPs, proteins are extracted, digested and fractionated, and the whole proteome is analyzed by mass spectrometry (Figure 2B). A recent study used this approach to show the effect of LL-37 peptide on the proteome of Streptococcus pneumoniae D39, and identified alteration in the expression of 105 proteins (93). Treatment with LL-37 induced upregulation of proteins involved in cell surface modification, including increasing membrane surface charge, and an abundance of ABC transporters. These modifications are likely to help removing LL-37 from the bacterial membrane. Using a similar workflow, lipidomics studies can be used to investigate changes in the lipid composition of bacterial membranes after treatment with AMPs, as recently reviewed (94).

Wenzel et al. (95) reported a radio-labeling approach to facilitate the identification of proteins that are up/down regulated upon treatment with peptide (Figure 2B). In this study, Bacillus subtilis cultures were incubated with RW-rich peptides, followed by addition of radioactive methionine to incorporate a radioactive label into newly synthesized proteins. Proteins were extracted from cells and separated on a two-dimensional polyacrylamide gel (2D-PAGE) where up/down regulated proteins were identified, excised from the gel and identified by mass spectrometry (95).

Proteome microarray is another powerful and high-throughput tool with potential to screen the entire proteome and identify targets in a single experiment. This has been exemplified with a biotin-labeled AMP and incubated with an E. coli K12 proteome microarray chip, followed by detection of the biotinylated AMPs with Dylight-labeled streptavidin (92) (Figure 2C). The signals detected on a microarray scanner show binding between specific proteins and AMPs. Fabricated E. coli K12 proteome microarrays have been used to identify intracellular protein targets of several AMPs, such as bactenecin 7, a hybrid of pleurocidin and dermaseptin, and proline-arginine-rich peptide (96). However, the coverage of the microarray, differences between the proteins immobilized on microarrays and their counterpart in physiological conditions, and the cost are limitations for a broader use of protein microarrays (97).



DISCUSSION

AMPs are promising leads to develop new antimicrobial drugs to treat bacterial infections. The number of AMPs reported to date is high, and some candidates reached clinical trials (98, 99). Understanding the MOA used by AMPs to kill bacteria is important to advance their development. Here we describe some experimental biophysical tools that can be used to investigate whether AMPs act by disrupting bacterial membranes, or by modulating intracellular activities. An overview of multiple AMPs, their MOA and the biophysical techniques employed to characterize them, is summarized in a recent review (100).

Determining whether an AMP disrupts bacterial membranes can be straightforward; however, finding specific intracellular targets is more complex. Pinpointing whether AMPs act by interfering with DNA, RNA or proteins remains challenging, as some AMPs not only act on the membrane they can also activate a cascade of reactions within the bacteria (12, 85). Advances in transcriptomics, proteomics, lipidomics and continued development of high-throughput techniques will facilitate these MOA studies.

Computational tools, such as molecular dynamics simulations, machine learning, and AMPs databases [such as https://dbaasp.org/ (101)] are also important to identify new AMPs, characterize their MOA, and predict lead candidates (102, 103). Computer-based and wet-lab based methodologies can be integrated to better understand the MOA of AMPs, and to rationally design novel AMPs with a required MOA. For example, when searching for AMPs to target intracellular pathogens, it is desirable to have peptides with cell-penetrating properties able to enter host cells and kill bacteria by modulating specific bacterial components, without disrupting the membrane of host cells. On the other hand, when targeting mixed-species biofilms, membrane-lytic AMPs with a broad-spectrum activity are likely to be more effective at the infection site, compared to AMPs that selectively inhibit an intracellular target.

MOA studies in vitro and in silico, together with efficacy, safety and pharmacology studies in vivo and ex vivo, are essential to convert AMP leads into therapeutics used in the clinic. In particular, MOA studies help in identifying off-targets in host cells, understanding spectrum of activity, finding intrinsically resistant bacteria, and overcoming challenges associated with delivery of peptides. Therefore, the biophysical tools here described can assist the development of novel antibiotics.
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Gaining new understanding on the mechanism of action of antimicrobial peptides is the basis for the design of new and more efficient antibiotics. To this aim, it is important to detect modifications occurring to both the peptide and the bacterial cell upon interaction; this will help to understand the peptide structural requirement, if any, at the base of the interaction as well as the pathways triggered by peptides ending in cell death. A limited number of papers have described the interaction of peptides with bacterial cells, although most of the studies published so far have been focused on model membrane-peptides interactions. Investigations carried out with bacterial cells highlighted the limitations connected to the use of oversimplified model membranes and, more importantly, helped to identify molecular targets of antimicrobial peptides and changes occurring to the bacterial membrane. In this review, details on the mechanism of action of antimicrobial peptides, as determined by the application of spectroscopic techniques, as well as scattering, microscopy, and calorimetry techniques, to complex systems such as peptide/bacteria mixtures are discussed.

Keywords: peptide, antimicrobial, bacteria, biophysical techniques, mechanism of action


INTRODUCTION

Antimicrobial peptides (AMPs) are produced by all organisms and represent the first line of defense against attack by external pathogens (1). They are expressed or may be produced upon encountering a stimulus; interestingly, each organism produces its own set of peptides, tailored for the “enemy” that has to be killed. A feature that is common to most antimicrobial peptides is the presence of positively charged amino acids, which are essential for establishing an interaction with the negatively charged cell wall of bacteria and fungi. The distribution of charged and hydrophobic residues within the peptide sequence is thought to be functional to the interaction of peptides with bacteria and to their activity. In this review we focus on biophysical studies aimed at exploring the interaction of peptides with bacterial cells. It is our opinion that, although more complicated to set up, these studies will result in a more reliable picture of the mechanism of action of AMPs as compared to studies with systems that mimic cell membranes. Model systems are mainly composed of lipid mixtures, whereas bacterial cells contain a variety of molecules, including those other than lipids, sugars, and proteins. In principle, interactors of antimicrobial peptides could be found among all these molecules; in addition, the behavior of any of these molecules within the bacterial membrane may be different as compared to that of the same isolated molecules. The different chemical composition of membranes also affects their fluidity, which is crucial to different biological processes and is tuned by cells depending on external conditions. Results obtained with model membranes are strictly dependent on the set up of the experiment; it is demonstrated that the composition of the lipid mixture affects the structure of peptides, their dynamic, and their orientation with respect to membranes (2). For example, the peptide maculatin 1.1 is reported to insert into neutral phosphatidylcholine membranes assuming a helical conformation, whereas it remains locked on the surface of bilayers when anionic lipids are used. The helical content is dependent on the lipid composition (3).

Challenges imposed by the use of live bacterial cells derive from the need to adapt biophysical techniques to heterogeneous and evolving samples; ideally, measurements should be carried out on live cells, therefore experimental conditions compatible with measurements and cell life need to be sought out (4). In many cases, high background noise due to the presence of salts or micrometric cells may be an issue. Another critical issue is that not all bacteria may be managed in all laboratories, which limits the studies that can be performed in a standard chemistry lab. Biosafety levels of bacteria need to be carefully checked; in general, bacteria that present minimal potential hazards for the lab user and the environment (biosafety level 1, as certified by ATCC), such as non-pathogenic E. coli strains, may be managed with proper care in most laboratories. In the last few years, an increasing number of publications have appeared and details on the mechanism of action of peptides are being discovered with the support of biophysical techniques.

Mechanism studies can be carried out starting from two different perspectives: either by looking at changes occurring to peptides or by looking at changes occurring to cells. Figure 1 groups biophysical techniques in three main families: one including techniques exploited to monitor changes occurring at peptides in the presence of bacterial cells, one including techniques used to detect changes occurring at bacterial cells in the presence of AMPs, and one including techniques useful for both scopes. Understanding the changes occurring to the peptides upon contact with bacterial cells yields information at the molecular level on the factors that determine the initial interaction and trigger cell death. On the other hand, studies carried out looking at cells yield information on the effect of the AMPs on features such as the morphology of the cell; in many cases, these changes can be related to molecular events triggered by peptides. For example, the appearance of filaments in bacterial cells treated with AMPs is associated to the inhibition of cell division, that in turn depends on the interaction of AMPs with specific targets (5–7). Some techniques are suitable to investigate changes occurring both to peptides and cells; as an example, Nuclear Magnetic Resonance (NMR), that looks at changes in the chemical shift of magnetically active nuclei such as 1H, 13C, and 31P, is exploited to determine the structure of peptides that interact with cells, but is also used to detect the binding of peptides to cells (8–11). Similarly, fluorescence microscopy can be used to follow labeled peptides inside cells or to monitor the permeabilization of bacterial cells expressing fluorescent proteins able to cross damaged membranes (12–18). Other techniques, such as scattering techniques (DLS, SANS, SAXS) or AFM or TEM, are employed to monitor only changes at bacterial cells (19, 20). In this review, we describe the application of selected biophysical techniques to the study of the mechanism of action of AMPs.
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FIGURE 1. Biophysical techniques applied to study the mechanism of action of peptides in experiments performed with bacterial cells, grouped by techniques used to monitor changes occurring to peptides (magenta circle) and techniques used to monitor changes at bacterial cells (blue circle). At the cross, techniques useful to both aims are listed.




STRUCTURAL STUDIES OF PEPTIDES INTERACTING WITH BACTERIAL CELLS

Structural changes of peptides may be investigated by different techniques, such as Circular Dichroism (CD) that affords information on the secondary structure of peptides, or NMR that gives information on their three-dimensional structure. Most of the studies are reported for peptides that interact with E. coli cells, some studies are reported for peptides interacting with fungi and, to the best of our knowledge, only one paper reports the structure of peptides in the presence of a Gram-positive bacterium such as S. epidermidis (21–24). CD studies were initially reported on magainin 2 and cecropin A in the presence of E. coli cells, revealing that these peptides do not show a preferred conformation in buffer, but rapidly fold into α helices upon interaction with cells (21). A comparison with data obtained for the same peptides in the presence of E. coli lipopolysaccharide (LPS) reveals similar secondary structures, driving to the conclusion that the folding process depends to a large extent on the interaction of peptides with LPS, that is also the main component of the Gram-negative bacterial outer membrane. Similar behavior was observed for temporin L, TBKKG6A, and LG-21 (11, 22, 23). Interestingly, the peptide temporin B that is inactive against E. coli folds with purified LPS but not with cells (11). The peptide PG-1 is reported to fold into a beta hairpin upon interaction with E. coli cells (24).

CD studies to detect structural changes of peptides incubated with the Gram-positive S. epidermidis cells are reported for TBKKG6A, temporin B, and temporin L; in the presence of cells the first two peptides remain unfolded, while temporin L shows weak signals, suggesting the presence of a helical structure (22). Electrostatic interactions seem to drive peptide folding, being crucial for establishing contact with Gram-negative bacterial cells; in the case of Gram-positive bacteria, whose outer membrane shows a lower negative charge, hydrophobic interactions seem to play a more important role (25). CD studies have also been carried out with fungi: peptides MAP and cecropin B are reported to fold into helices in the presence of C. albicans; the protein NFAP from N. fischeri or its synthetic derivative spanning NFAP γ core, which possesses a very stable β pleated structure stabilized by disulfide bonds, do not change their conformation when incubated with C. herbarium (26, 27).

More detailed information on the structure of peptides has been derived from NMR studies. The three-dimensional structure of the peptide TBKKG6A determined by NMR either with E. coli LPS or with E. coli cells reveals that the peptide appears as a straight helix in the presence of LPS, while it is a kinked helix when incubated with cells (11, 28). These data support the idea that different components of the bacterial membrane concur to stabilize the interaction of AMPs with bacterial cells. Rotational-echo double-resonance (REDOR) NMR was applied to characterize complexes formed between 19F labeled vancomycin-like peptides and S. aureus cells labeled at the peptidoglycan (PG) with 15N and 13C (10). The 13C-19F and 15N-19F distances from the REDOR experiments were used to build model structures for all glycopeptide-PG complexes, allowing for the dissection of the vancomycin in five distinct fragments and assignment to each of a role in the interaction with PG.



BINDING STUDIES

The binding of peptides to cells can be investigated by NMR, fluorescence, zeta potential measurements, and Isothermal Titration Calorimetry (ITC). Through NMR, changes occurring at membranes in live bacterial cells upon AMP binding can be detected. Solid state 31P NMR is used to examine the interaction of peptides with the phospholipids of live bacteria. As the number of phosphate groups in a bacterial membrane is estimated to overwhelm that found in bacterial RNA, 31P is a suitable probe of membrane dynamics. The first paper on this topic dates back to 2000 and reports on the interactions of caerin 1.1, caerin 4.1, and maculatin 1.1 with the Gram-positive bacteria B. cereus and S. epidermidis. Caerin 4.1, which is not active against B. cereus and S. epidermidis, does not affect the 31P spectra. Caerin 1.1 and maculatin 1.1 instead induce isotropic peak formation, due to membrane disruption (9). More recently, 2H solid state NMR has been exploited to detect the interaction of the peptide MSI-78 with E. coli cells that incorporated high levels of 2H labels specifically into membranes (8). These special cells, obtained by genetic manipulation, do not synthesize or metabolize fatty acids and are able to incorporate 2H labeled palmitic acid from the growth media and produce 2H labeled saturated phospholipids. Lipid bilayer disruption is followed by the analysis of spectral moments; interestingly this phenomenon is observed in NMR at a peptide concentration well below that needed to inhibit cell growth. Furthermore, the peptide/lipid ratio required to induce lipid disordering in bacterial cells is much higher as compared to that needed to obtain the same effect in model lipid systems. This effect is likely due to the interaction of the peptide with other components of the cell envelope, such as LPS. Solid state 2H NMR studies are also reported to detect the interaction of caerin 1.1 and aurein 1.2 with 2H labeled E. coli and B. subtilis cells. In this case, membrane disordering effects were observed at MIC and were in agreement with data collected on model membranes.

Fluorescence spectroscopy using labeled peptides is used to determine the binding stoichiometry and binding constant of peptides to cells. Studies reported for TBKKG6A labeled with nitrobenzodiazole show that this peptide binds to E. coli cells in a 1 × 106:1 (peptide:cell) stoichiometry; similar values are reported in the literature for other peptides (29–31). The binding constant of TBKKG6A to cells, expressed as a dissociation constant, reveals a very tight binding. Interestingly, this constant results to be higher as compared to that measured when E. coli LPS was used instead of cells. Experiments performed on the peptide temporin B, which is not active against E. coli cells, reveal no binding to cells but to LPS. Altogether, fluorescence data indicate that active peptides cover the entire bacterial surface; this hypothesis is sustained by data collected using techniques that are instead focused on detecting changes occurring to cells such as Zeta potential measurements. These measurements are used to determine the net surface charge of bacteria, which is a function of the media in which it is observed, depending on the concentration of molecules able to establish electrostatic interactions with cells. An increase in the zeta potential of E. coli cells incubated with antimicrobial peptides was observed, consistent with the idea that the peptides overlay the bacterial outer membrane. Neutralization may occur at different concentrations, as demonstrated for peptides BP100, pepR, and crotalicidin with E. coli cells (32, 33). BP100 neutralization occurs at MIC, while for pepR and crotalicidin (Ctn) zero-potential precedes the MIC; this different behavior suggests that in the case of pepR and Ctn cell death is triggered by factors other than membrane neutralization.

In addition, the binding of peptides to bacterial cells may be followed by IR, monitoring the fluidity of lipopolysaccharides and phospholipids within the membrane. In the IR, the 2851–2853 cm−1 band that is characteristic of the acyl chain order moves to lower wavelengths upon binding of peptides; gel-to-liquid phase transition temperatures also show minor changes (34, 35).

Thermodynamic investigations of the peptide-cell binding are also performed by isothermal titration calorimetry (ITC) (34). ITC experiments performed on the peptide Pep19-2.5 with Gram-negative and Gram-positive bacteria reveal that the binding process is exothermic; the amount of released heat is higher for Gram-negative than for Gram positive bacteria. Electrostatic interactions between the negative charges of LPS phosphates and positive charges of peptides lead to a strong exothermic reaction. In the case of Gram-positive bacteria, the cell wall contains teichoic acids, lipoteichoic acids and lipoproteins; the latest have phosphates in the form of diesters, shielded by the cell wall and therefore less accessible to peptides. This results in a lower energy release.



DETECTION OF EFFECTS OCCURRING AT THE MEMBRANE/CELL SURFACE

Fluorescence microscopy is widely used to follow peptides inside cells and visualize bacterial membranes permeabilization. Using E. coli cells expressing cytoplasmic GFP, it is possible to follow outer membrane (OM) permeabilization by the GFP signal decay; increase of the signal of the DNA stain Sytox green or Sytox red is related to cytoplasmic membrane (CM) permeabilization (13, 14). Using single cell fluorescence microscopy, it has been demonstrated in E. coli that mutations to the core oligosaccharide affect OM and CM permeabilization by cecropin A (12). In a different study, OM permeabilization has been detected by the profluorophore JF646, a small molecule (702 Da) emitting weak fluorescence in aqueous solution. When the AMP permeabilizes the outer membrane, JF646 enters the cytoplasm and covalently binds to the HaloTag protein emitting red fluorescence; permeabilization onset is detected with a 3s resolution (15, 16). When peptides are labeled, information on the localization and distribution of peptides may be obtained (17). Recently, laser scanning Stimulated Emission Depletion (STED) fluorescence microscopy was employed to detect the localization of BDP-FL labeled thanatin in E. coli cells: localization of the peptide in islands at the poles and across the cell was related to the interaction of the peptide with outer membrane proteins, a hypothesis confirmed by photoaffinity labeling experiments and in vivo by Bacterial Adenylate Cyclase Two-Hybrid (BACTH) system (18, 36). Using time-lapse Fluorescence Lifetime Imaging Microscopy (FLIM) on a fluorescently tagged melittin analog, transient disruption of the E. coli membrane was observed (37). Interestingly, the same experiment performed on synthetic membranes suggested the formation of stable pores.

By phase-contrast and time lapse microscopy, using fluorescent LL-37, the distribution, translocation, and retention of the AMP in E. coli cells was investigated (38). Snoussi observed that inhibition of bacterial growth is followed by a rapid translocation of peptides into cells. Experiments carried out at different peptide concentrations (above MIC and sub-MIC) reveal the relationship between the mean concentration of free peptides and the mean concentration of growing bacteria (inoculum effect); this relationship is also described by a mathematical model.

Permeabilization is also investigated by time-resolved Flow Cytometry Assay (FCA). Freire et al. demonstrated that pepR binds in a cooperative fashion and faster to the E. coli 25922 strain than to the E. coli K-12 strain, which presents a truncated LPS, while permeabilization takes place at a higher rate in E. coli K-12 than in E. coli 25922 (39). These studies highlight the role of the LPS composition in permeabilization kinetic by AMPs. Using labeled peptides, it is possible to correlate permeabilization and internalization kinetics. Time-resolved FCAs performed on Rhodamine B labeled Ctn and Ctn (15–34) show that binding and internalization processes occur until an equilibrium is reached; Ctn(15-34) uptake is faster and precedes bacterial membrane damage, suggesting that permeabilization occurs only upon achievement of a threshold surface concentration (33). In line with this, single cell images show that both peptides are mostly localized on the E. coli surface, but a small percentage co-localizes with the dye SYTOX green, suggesting a partial internalization.

Changes occurring to the bacterial cells surface are detected by microscopy (AFM; TEM, SEM). Atomic Force Microscopy (AFM) is frequently used to detect surface roughness and cell height; when measurements are carried out on dry samples, it is quite difficult to separate the effect due to drying from those caused by the AMPs. In some applications, images are taken on liquid samples. In a study on the peptide CM15, bacteria are imaged in aqueous solution; using high-speed atomic force, microscopy dynamic changes at a single cell level are recorded at a nanometric resolution (19). Following the average surface corrugation with the time, the authors proposed that bacterial death mediated by CM15 occurs in two stages: an incubation time, followed by an execution phase in which 50% of the damage occurring to cell happens. Mularski reports that melittin affects K. pneumoniae turgor pressure and cell wall elasticity, while it does not alter bacterial capsule thickness and organization, leading to the hypothesis that the capsule does not offer protection to K. pneumoniae against antimicrobial peptides (20).

Light scattering measurements are employed to detect aggregation of bacteria following treatment with AMPs (Figure 2D): Di Somma et al. report the formation of E. coli elongated structures with dimensions over 6000 nm upon incubation with temporin L (TL) (7). In the same work, changes to the structure of bacterial cells occurring at a nanoscale level, in the range of 2 to 300 nm, were observed by Small Angle Neutron Scattering measurements that disclose a change in the spatial arrangement of a protein involved in the interaction with TL.
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FIGURE 2. Schematic representation of the mechanism of action of AMPs and of the techniques (highlighted in purple in each panel) employed to investigate each step. AMPs (magenta) interact with bacterial cells (blue) through electrostatic interactions (A). AMPs cover the surface of bacterial cells (B); in some cases, this step triggers cell death (E), in other cases AMPs enter the cell (C) to hit their targets and this step determines cell death (E). When AMPs target proteins involved in cell division, agglutination occurs (D).




TARGET IDENTIFICATION

Identification of AMP targets in bacterial cells is the most challenging task in mechanism studies and usually requires integration of data from different experiments. While in many cases AMPs act by disrupting the bacterial membrane (33, 40), in other cases intracellular targets, such as DNA, RNA, and proteins, have been identified. Mass spectrometry is one of the most useful techniques to achieve this goal. As an example of application of mass spectrometry to the detection of protein targets in living bacterial cells, we here report on in vivo photolabelling. These experiments are based on the use of peptides containing a photoprobe (a L-4,4-diazarinylproline in place of one proline) and a biotin tag; these peptides are incubated with bacterial cells. Upon irradiation, the photoprobe captures the protein target of the AMP. Photolabelled proteins are separated by gel electrophoresis, digested in gel, and identified by tandem mass spectrometry. Identification of proteins involved in the biogenesis of the bacterial outer membrane as the interactors of antimicrobial peptides, such as L27-11 and thanatin, was achieved in this way (18, 41, 42).



CONCLUSIONS

The application of biophysical techniques to study the interactions of AMPs with bacterial cells enabled the highlighting of some steps that are common to the mechanism of action of many peptides (Figure 2): (a) the initial interaction of AMPs with bacterial cells is mediated by electrostatic forces between peptides and the outer leaflet of bacteria. These interactions may result in a change in the structure of the peptide; (b) AMPs cover the outer surface of bacteria; (c) Internalization occurs with mechanisms and kinetics that depend on the composition of the bacterial membrane. Intracellular targets of AMPs are various, including proteins involved in cell division or in the synthesis/transport of LPS. (d) AMPs may cause cell agglutination; (e) AMPs may also cause cell death depending on the target. In order to draw conclusions on the mechanism of action of AMPs, the integration of data deriving from biophysical experiments with results of microbiological and genetic tests is of fundamental importance. We are confident that results of these studies will contribute to the exploitation of AMPs as drugs and to the design of new biomedical devices (43–46).
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Antimicrobial peptides (AMPs) have attracted attention as alternatives to classic antibiotics due to their expected limited pressure on bacterial resistance mechanisms. Yet, their modes of action, in particular in vivo, remain to be elucidated. In situ atomistic-scale details of complex biomolecular assemblies is a challenging requirement for deciphering the complex modes of action of AMPs. The large diversity of molecules that modulate complex interactions limits the resolution achievable using imaging methodology. Herein, the latest advances in in-cell solid-state NMR (ssNMR) are discussed, which demonstrate the power of this non-invasive technique to provide atomic details of molecular structure and dynamics. Practical requirements for investigations of intact bacteria are discussed. An overview of recent in situ NMR investigations of the architecture and metabolism of bacteria and the effect of AMPs on various bacterial structures is presented. In-cell ssNMR revealed that the studied AMPs have a disruptive action on the molecular packing of bacterial membranes and DNA. Despite the limited number of studies, in-cell ssNMR is emerging as a powerful technique to monitor in situ the interplay between bacteria and AMPs.
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INTRODUCTION

Antimicrobial peptides (AMPs) are found in all living organisms, serving as an arsenal against pathogens and as modulators of the host immune system. These peptides serve as sentinels but are also produced in response to infectious and inflammatory stimuli (1). Thousands of AMPs have been discovered [APD (http://aps.unmc.edu/AP/)], mainly isolated from evolved immune systems that need to cohabit with a large array of pathogens (i.e., other cells) some have been designed in silico and many remain to be discovered. Indeed, new AMPs are constantly being investigated as the search for potent antimicrobial therapeutics is a high priority for providing alternatives as antibiotic resistance increases. Resistance also evolves naturally as cohabitation between microorganisms leads to competition for and production of antibiotics. A pressing problem is acquired-resistance in hospital environments, responsible for millions of premature deaths and a trillion dollar cost to the global economy (http://amr-review.org/). The acquired-resistance phenomenon can be seen as an accelerated selection process where pathogens have either mutated or incorporated genetic material to survive an increased antibiotic pressure. The difficult task of managing antibiotic-resistance in clinical practice is complex. For instance, some infected patients may tolerate higher antibiotic levels to overcome the resistance, while others could develop health threatening side-effects. Likewise, the level of drug that is actually taken up at the site of infection, particularly for deep-seated pathogens, can differ between in vitro and in vivo environments (2). Overall, these scenarios stress that it is essential to study antimicrobial agents in their inherent environment so as to understand their mechanism of action.

AMPs have been considered as a potent alternative to antibiotics because they act fast, exploit a specific affinity for bacterial lipid membranes and often have multiple intracellular targets, which together are likely to reduce the development of AMP resistance. However, very few AMPs have reached the clinic, partly due to the pharmacokinetic discrepancies between their in vitro and in vivo behaviors (3), limiting systemic administration and instead favoring topical applications. AMPs range from ca. 10 to over 40 amino acids long with mainly cationic and amphipathic properties, which unifies them in targeting negatively charged lipid membranes, and often lead to bilayer disruption (4). The molecular mechanism of action is thought to be correlated with the structure of AMPs when in contact with the pathogens; thus structure elucidation techniques are key to the determination of critical structural features that modulate the potency of AMPs in situ. The ability to extract atomic details of molecular interactions within functioning cells is the utmost challenge in biology. There are many challenges to face when in-cell studies are performed, from the lifetime of the cells to the resolution of the signal.



STRUCTURE ELUCIDATION TECHNIQUES

X-ray diffraction has been the method of choice to determine the structure of crystalized proteins with resolution well below 2 Å. In systems where AMPs co-crystalize with their target, X-ray can provide high-resolution structures, as demonstrated by the recent structures of peptides complexed with Pseudomonas aeruginosa protein LecB (5). The requirement of a crystalline environment, however, has excluded this technique from in-cell studies, which has limited our understanding of the impact of the cellular environments on intricate interactions. This hurdle is gradually being phased out with the development of soft X-ray tomography, a fast progressing field, for generating high-resolution images of cellular systems in a similar fashion to cryo- electron microscopy (EM) tomography. Indeed, recent images of cells at 30–50 nm resolution have been reported (6, 7).

Cryo-EM has drastically improved the capability to determine the structure of proteins with <3 Å resolution, as recently reported by Herzik et al. (8). This imaging technique is particular well-suited for cellular environments and large complexes since labeling is not required for signal detection and is not impeded by conformational heterogeneity (9, 10). For instance, the structures of bacterial ribosomes have been investigated as they are good candidates for drug targeting (11). Cryo-EM can also provide a wealth of information on the topology of cell structures, such as the architecture of organelles at membrane contact sites (12) or how membrane-active molecules, such as AMPs, can alter the cell morphology (13). However, high-resolution cryo-EM of peptides and proteins is often limited if X-ray or NMR derived structures are not available to assist computer-guided structural fitting of images, known as single particle analysis. Furthermore, cryo-EM is unable to provide information on the dynamic interactions between biomolecules such as receptor-ligand interplays. Ultimately, in-cell structural studies of membrane-active peptides and small membrane proteins remain rare and difficult, mainly due to their size.

Imaging using fluorescent probes has also been successful in providing structural details of cellular components. Resolution is constantly improving with the latest single particle methodology at the forefront (14). In-cell fluorescence has a severe limitation, however, due to the necessity of a fluorescent probe which is invasive and challenging to target in a crowded cellular environment.

NMR, and in particular ssNMR, is well suited to tackle in-cell studies as, like EM, it is not limited by the nature of the environment and does not require a perturbing label for signal detection. Notably, the majority of the AMP structures deposited in the RSCB Protein Data Bank (PDB) have been determined by solution-state NMR, albeit in membrane mimetics or mixed solvents. In-cell NMR has provided the first structure of a protein at atomic resolution in an intact cellular environment (15). In addition to its capability to provide high-resolution structures, NMR is particularly powerful for investigating dynamics, which opens a window to view the mechanism of complex in situ physiological processes. NMR has provided deep insights into protein-protein, protein-lipid, and protein-ligand interactions, with particular success in monitoring transient interactions (16). NMR is the most powerful high-resolution technique for determining binding constants, folding thermodynamics and kinetics of biomolecular interactions. However, NMR has rather low sensitivity and background signals can contribute significantly: difficulties that impose long experimental times compounded by limited cell viability. These practical challenges and ways around them for in-cell NMR studies will be discussed in the following section.



IN-CELL SOLID-STATE NMR


Practical Challenges

A key physical property necessary for high-resolution NMR is the rapid reorientation, or rotational tumbling, of the macromolecules within the magnetic field. Large molecules tumble slowly and display severely broadened NMR signals, which could become undetectable in solution-state experiments. Indeed, most cellular components are not detected by solution-state NMR although, interestingly, the viscosity of the intracellular environment is only moderately higher (1.2–2-fold) than the usual buffers used in vitro (17, 18). In fact, it has been determined that weak and non-specific interactions that slow down molecular motions of soluble molecules—termed quinary structures (19)—are mostly responsible for the absence of these NMR signals (20).

ssNMR is not limited by slow molecular motion, which places this non-invasive technique as ideal for investigating the interplay between AMPs and bacteria, fungi or other cell systems. However, the intrinsic slow molecular tumbling combined with the strong anisotropy lead to lower sensitivity in comparison to solution-state NMR. Thus, greater amounts of material and longer experimental times would be necessary to obtain structural information with high resolution. ssNMR uses magic angle spinning (rotation of the sample at 54.74° relative to the magnetic field) to partially reintroduce motional averaging thereby providing enhanced resolution. However, to fully average the broadening interactions with the magnetic field, such as the dipolar couplings or the chemical shift anisotropy, the rotor must be spun above 110 kHz for solid samples. This is achievable with latest NMR probe developments with rotors of 0.9 mm diameter but remains limited to particular samples, such as microcrystals. This highlights a limiting factor in ssNMR as the sample volumes are generally well below 100 μL, which is a challenge for live cell experiments. Indeed, most of the sample volume will be occupied by the aqueous phase, resulting in less signal from molecules of interest, e.g., lipids. Furthermore, cellular background is usually significant in ssNMR since all molecules, regardless of their tumbling rate, are contributing to the NMR signal. However, filtering techniques using specific pulse sequences can be used to select rigid (Hartmann-Hahn cross-polarization transfer, CP) vs. mobile (insensitive nuclei enhanced by polarization transfer, INEPT) molecules (21), opening strategies to design NMR experiments.

In addition to the spectral broadening due to the biomolecular tumbling rates, other factors contribute to reducing the resolution of the NMR signals of cellular components. The heterogenous environments in cells induce gradients of magnetic susceptibility and cellular degradation is changing the signal during acquisition. It becomes apparent that fast signal acquisition and/or signal enhancement are important challenges to be tackled in order to develop in-cell ssNMR further. The development of dynamic nuclear polarization (DNP) has provided tremendous NMR signal enhancement, requiring spin labels and cryogenic conditions, thereby enabling in-cell studies of peptides and proteins while cell integrity is preserved under cryoprotection during experimental time (22). Many challenges remain before in-cell studies using DNP-enhanced NMR techniques become routine, mainly due to lower signal resolution at cryogenic temperatures (100 K). Still, the technology is rapidly improving with reduced rotor sizes for faster spinning speed and development of DNP at high magnetic fields (23). A recent review on DNP NMR of large biomolecular assemblies has emphasized that cellular preparations do not provide as high signal enhancements asmi crocrystals or precipitates and require particular isotopic enrichment to alleviate the background signal (24).

NMR studies of naturally abundant metabolites and molecules with high copy levels have provided useful in vivo details of physiological processes, albeit with a limited resolution and greater complexity of signal interpretation, which often requires heavy statistical analysis, such as principal component analysis (25). In-cell NMR differs as it focuses typically on a specific molecule with high resolution. To achieve this specificity, the molecule of interest needs to be labeled with isotopes that are otherwise in very low abundance at natural level or not present in biomolecules. 13C (1.1% natural abundance), 15N (0.4% natural abundance), 2H (0.01% natural abundance) and 19F (100% natural abundance but not found in biological environments) have been successfully incorporated into biomolecules to provide specific monitoring within complex environments (Figure 1). Procedures are now commonly available to design labeling schemes for proteins over-expressed in prokaryotic cells (26) and less so in eukaryotic cells, although methodology to deliver labeled ubiquitin into mammalian cells recently was achieved for in-cell NMR studies (27). The production of isotopically enriched recombinant AMPs for structural studies has not been extensively reported, but a similar strategy could be applied and has been for commercial production of several AMPs (28). Synthetic methods have also been used to introduce selective labeling within peptides, but this remains a costly method that is often limited to labeled hydrophobic amino acids. A few studies have reported the expression of AMPs in decent yields, by using a fusion partner thereby limiting the toxicity toward the host system and post-translation modification or degradation (29, 30). It is noteworthy that AMPs are often naturally C-amidated, which confers higher stability from serum degradation. One expression system attempted to generate C-amidated AMPs by using an intein fusion tag. The self-splicing tag is removed under reducing conditions and high concentration of ammonium bicarbonate, thereby introducing the amide group at the cleavage site (31). An issue of the method, however, is the low final yield as the fusion tag can easily represent 90% of the expressed fusion protein molecular weight, which drastically reduces the amount of recovered peptide, and additional purification of the carboxylic vs. amidated C-terminus peptides may be required.


[image: Figure 1]
FIGURE 1. Examples of NMR observables for in-cell studies of AMP interactions with bacteria. Nuclei are labeled as present in cells at high (orange) or low (green) natural abundance or unnatural (blue).


As seen in Figure 1, several potential targets by AMPs can be monitored by ssNMR using either naturally abundant reporters, such as 31P, or by enriching cellular components with isotopes, such as 2H. Phosphorus is naturally found in high content as phosphate moieties are used as a building block in phospholipids but also in nucleic acids (NA) and other metabolites such as ATP. 2H has been introduced into bacterial phospholipids by feeding bacteria with 2H labeled fatty acids (32, 33). Cell wall components have also been labeled by introducing 13C, 15N and even 19F into the peptidoglycan structure (34). Peptides and proteins can be 13C, 15N and even 2H isotopically enriched to improve sensitivity and resolution of NMR studies (26, 30).

Overall, ssNMR studies of AMPs in whole bacterial cells have been scarce due to the necessity of introducing biochemical labeling steps. However, recent studies have demonstrated that in-cell NMR can provide new insights into the mode of action of AMPs, not otherwise accessible within in vitro environments.



AMPs' First Encounter, the Gram-Positive Cell Wall or the Gram-Negative LPS Layer

Bacteria have a protective external layer around their phospholipid membranes: the cell wall for Gram-positive and the lipopolysaccharide layer (LPS) for Gram-negative bacteria. Knowledge of these structures is important for understanding how AMPs either get through to target the phospholipid membranes or how they inhibit cellular processes by remaining in these external layers.

The cell wall is made of a peptidoglycan (PGN) sacculus anchored within phospholipid membranes by teichoic acids. 13C ssNMR studies of Staphylococcus aureus and Bacillus subtilis (Figure 2) have determined that the PGN mesh structure is formed by the disaccharide backbone four-fold screw helical symmetry with each PGN stem oriented 90° from the previous stem (37). Most AMPs are not retained by the PGN mesh partially due to the neutral charge of the structure vs. the highly negatively charged surface of the Gram-positive phospholipid membranes. Yet, AMPs, such as the human cationic polypeptide ECP (eosinophilic cationic protein), have shown strong interactions with the PGN, which interfere with the cell replication process (38). Cegelski et al. have reported methods to label the PGN of Gram-positive bacteria and have monitored the binding of antibiotics to the cell wall of S. aureus (34). A similar achievement was obtained using the DNP ssNMR approach where lipid II binding antibiotics were investigated in situ. The importance of a native environment was highlighted for pore formation of nisin with increased plasticity of the peptide observed in native bacteria (39).


[image: Figure 2]
FIGURE 2. Examples of in-cell solid-state NMR studies of intact bacteria. (Lef)t Using DNP-enhanced 13C NMR, the cell wall of B. Subtilis was investigated and signals from several cell components could be assigned, which allowed the impact of AMPs on these structures to be monitored [adapted from (35)]. (Middle) 31P NMR of E. coli can differentiate DNA vs. lipid signals due to the difference in intramolecular dynamics, which allowed direct monitoring of AMP impact on cell membranes or secondary targets such as DNA [adapted from (36)]. (Right) 2H NMR of E. coli fed with 2H enriched fatty acids has allowed monitoring the effect of membrane active molecules (PxB, polymyxin B; fullerenol, nanoparticle; CTAC, cetyltrimethylammonium chloride) on the dynamic of the bacterial membranes [adapted from (32)].


The outer leaflet of the outer membrane (OM) of Gram-negative bacteria is mainly made of LPS, whose complex structure is species specific (40). LPS can contain various amount of phosphate and pyrophosphate groups, which can modulate the negative charge density, and thus electrostatic interactions with cationic AMPs (41). NMR has provided a wealth of structural details on LPS incorporated into micelles (42) and isolated OMs have been used to investigate AMP interactions with LPS (43). These studies have demonstrated that external LPS often limits the activity of AMPs by strongly binding to the peptides thereby preventing interior access to Gram-negative bacteria. Yet, high-resolution in-cell NMR studies of intact Gram-negative bacteria remain to be performed so as to specifically address AMP interactions with the complex LPS layer under native conditions. This may require specific labeling of the LPS to enable signal separation between it and other intracellular molecules such as the phospholipids.



Bacterial Lipid Membrane, the Main Target for AMPs

AMPs have displayed a remarkable affinity for negatively charged membranes of bacteria vs. neutral eukaryotic membranes (44). 31P is a natural highly abundant nucleus that can report on the architecture of the lipid bilayers and the dynamics of the lipid headgroup (45). A recent 31P NMR study of intact Escherichia coli (36) has reported that the AMP maculatin 1.1 increases the dynamics of the membrane lipids, which is direct evidence of the disruptive effect that AMPs trigger in membranes of live bacteria.

Not only the charge but also the nature of the lipid acyl chains has been shown to modulate AMPs activity. Incorporation of 2H labeled fatty acids into the growth media of bacteria has allowed specific monitoring of AMPs perturbation of the hydrophobic core of bacterial (32, 33). 2H NMR spectra can provide a more direct measure of how deep AMPs perturb the dynamics along the lipid acyl chain as methyl deuterons found at the chain terminus and deuterons near the glycerol region at the water interface are usually well resolved (Figure 2). Although a small subset of AMPs and bacteria have been investigated by in-cell 2H NMR, similar observations have been reported, i.e., AMPs increase the acyl chain dynamics by inserting into the hydrophobic core of the bacterial membranes. However, the degree of perturbation of E. coli vs. B. subtilis for a series of AMPs having different charges and lengths was quite disparate, which supports the importance of studying the impact of AMPs in situ (46, 47).



Intracellular Targets, AMPs Secondary Targets?

31P NMR studies of E. coli bacteria with the AMP maculatin 1.1 revealed that the phospholipid membranes were significantly perturbed but, unexpectedly, that DNA packing was also impacted (36). NMR is able to filter between the rigid DNA and the mobile phospholipid membrane which allowed the multiple effects induced on the bacteria under the AMP action to be monitored (Figure 2). This study showcased that AMPs can have multiple targets and, unlike in vitro systems, by monitoring the entire cellular response, the full spectrum of the bactericidal mechanism may be tracked.



AMPs Structure and Self-Assembly in Bacteria: the Key to Understanding AMPs Mode of Action

Most cationic linear AMPs are unstructured in an aqueous environment but adopt a secondary structure when in contact with a lipid membrane (48). Do these in vitro observations hold in bacteria? To obtain the in situ structure of an AMP, higher amounts of 13C and 15N labeled peptides and longer experimental times are necessary to extract the intricate dipolar network of the amino acid residues. This is a hurdle since labeling is tedious (and costly) and long experimental times are detrimental for cell integrity. DNP-NMR has opened new possibilities to tackle these practical issues. By significantly enhancing the NMR signal using spin labels under cryogenic conditions, in-cell DNP-NMR experiments of E. coli incubated with 13C,15N synthetically enriched labeled AMPs at specific residues is achievable. The 13C to 15N atomic distances obtained by REDOR NMR (49, 50) are used to provide restraints for structure calculation, i.e., determining if AMPs retained the expected helical pitch between residue i to residue i + 3 in bacteria (51). Once large-scale expression systems for C-amidated AMPs are optimized, AMP structures and peptide-peptide contact maps will be achievable by in-cell solid-state DNP-NMR studies.




PERSPECTIVES

Understanding the mode of action of AMPs based on their primary sequence, deciphering their self-assembly mechanism and tracking their interactions with multiple intracellular targets in intact bacteria are crucial in order to develop new therapeutics. Although at an early stage, in-cell ssNMR has demonstrated the capability to provide important structural details, such as how cell membranes and/or DNA of bacteria respond to AMPs. This additional knowledge will give rise to further questions and in turn stimulate new biochemical engineering that further will extend in situ ssNMR studies. From the production of isotopically enriched AMPs to identifying specific NMR signals in bacteria, ssNMR offers exciting prospects to image the interplay of AMPs with bacteria and plays an important role in complementing other imaging techniques and biochemical assays.
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The study of peptide-lipid and peptide-peptide interactions as well as their topology and dynamics using biophysical and structural approaches have changed our view how antimicrobial peptides work and function. It has become obvious that both the peptides and the lipids arrange in soft supramolecular arrangements which are highly dynamic and able to change and mutually adapt their conformation, membrane penetration, and detailed morphology. This can occur on a local and a global level. This review focuses on cationic amphipathic peptides of the magainin family which were studied extensively by biophysical approaches. They are found intercalated at the membrane interface where they cause membrane thinning and ultimately lysis. Interestingly, mixtures of two of those peptides namely magainin 2 and PGLa which occur naturally as a cocktail in the frog skin exhibit synergistic enhancement of antimicrobial activities when investigated together in antimicrobial assays but also in biophysical experiments with model membranes. Detailed dose-response curves, presented here for the first time, show a cooperative behavior for the individual peptides which is much increased when PGLa and magainin are added as equimolar mixture. This has important consequences for their bacterial killing activities and resistance development. In membranes that carry unsaturations both peptides align parallel to the membrane surface where they have been shown to arrange into mesophases involving the peptides and the lipids. This supramolecular structuration comes along with much-increased membrane affinities for the peptide mixture. Because this synergism is most pronounced in membranes representing the bacterial lipid composition it can potentially be used to increase the therapeutic window of pharmaceutical formulations.

Keywords: PGLa, membrane topology, membrane pore, membrane macroscopic phase, SMART model, carpet model, peptide-lipid interactions, molecular shape concept


INTRODUCTION

Antimicrobial peptides (AMPs) are part of the innate immune system of higher organisms which provides a powerful and responsive first line of defense against a multitude of pathogenic microorganisms (1, 2). Several years after the discovery of penicillin in 1928 (3) gramicidin S was extracted from soil bacteria and used to treat gunshot wounds during world-war II (4–6). Furthermore, other peptidic compounds with antimicrobial activities have been detected in microorganisms (7, 8), but antimicrobial peptides also exist in many species of the plant and animal kingdom, including humans (9). The first of these peptides have been discovered decades ago and have been investigated ever since (4, 10–12). The list of amino acid sequences with antimicrobial activities is continuously increasing and they are accessible through various data bases (13–16). To understand their mechanisms of action several of them have been investigated by a variety of biological, biochemical, and biophysical approaches (17, 18).

During recent years the rapid increase in multiresistant pathogens (19) has brought back research on AMPs (20, 21), because their mechanisms of action has been shown to be less prone to microbial resistance when compared to conventional treatments (2, 22, 23). Although peptides are quickly digested by proteases (24–26) this limitation in their applicability can be overcome by unnatural building blocks, their protection inside nanostructures or when linked to surfaces (27–29). Furthermore, based on mechanistic studies of cationic amphipathic antimicrobial peptides small amphipathic molecules (30, 31), foldamer and pseudopeptides (32–40), and polymers (41) with potent antimicrobial properties have been designed.

Peptides have been found early on in the skin of toads and frogs (10, 42) and magainins from Xenopus laevis were among the first, for which the potential usefulness of their antimicrobial activity has been described (Table 1) (11). Soon after their discovery a multitude of investigations have been performed that reveal that magainins and other cationic amphipathic peptides interfere with the barrier function of bacterial membranes which by itself causes bacterial killing (43–45). Notably, related peptides have been shown to also enter the cell interior where further action can take place (46–48). Furthermore, many peptides are involved in modulating the immune response of the host organisms thereby adding an additional layer of efficiency and they are therefore also referred to as “host defense peptides” (49–52).


Table 1. Amino acid sequences of selected antimicrobial peptides.
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A membrane-active mechanism has been confirmed by the study of all-D analogs of AMPs which exhibit the same activity than their naturally occurring counter-part indicating that they do not interact with chiral proteinaceous receptors (47). Indeed, their amphipathic nature and in most cases an accumulation of cationic residues has been shown essential for membrane interaction and selectivity, rather than a specific amino acid composition (2). Peptides with helical (17, 18), cyclic (40, 53–55) and/or β-sheet arrangements have been investigated (56–60).

Magainins and related sequences have been developed up to phase IIb/III clinical trials (61, 62), and in parallel, have been explored in considerable detail by biophysical approaches [e.g., (63–66)]. The data from these studies were often unexpected and resulted in the need to introduce novel mechanisms to explain the activities of these peptides (67–69). Because the peptides and/or their biophysical investigations have been reviewed recently (20, 21, 70), this paper will only shortly summarize some of the key discoveries made with magainins and then focus on the synergistic interactions between PGLa and magainins. Combining antimicrobial peptides provides an interesting and little exploited alternative strategy to enhance their efficiency and to further reduce their susceptibility to bacterial resistance.



MAGAININS FORM MEMBRANE OPENINGS

Magainins exhibit pore-forming and lytic activities when added to membranes which have also been studied by single-channel measurements (45, 71). On a macroscopic scale, magainin pore formation was investigated by fluorophore release experiments. For example, this allowed to measure the release kinetics from individual DOPC/DOPG giant unilamellar vesicles (GUV) at different peptide-to-lipid molar ratios (72). While after peptide addition it takes minutes before the release of fluorophores sets-in, once the pores have formed the micrometer vesicles empty within 30 s (73). It has been measured that fluorophore release is a two-stage process starting with the transient formation of very large pores corresponding to the equilibration of the peptide concentration between the outer and inner leaflets (74). Thereafter a slower but persistent release of fluorophore is observed through pores of 3 nm hydrodynamic radius, large enough to allow passage of globular proteins > 20 kDa (74).

The spatio-temporal events when antimicrobial peptides attach to live bacteria have been investigated by microscopic imaging techniques. Interestingly, the human peptide LL37 (Table 1) preferentially attacks septating E. coli cells at the septum and at the curved regions of the outer membrane (75). In non-septating cells, the peptide accumulates at one of the endcaps. As expected permeabilization starts with the outer membrane and after a short delay cytoplasmic membrane permeabilization occurs. The openings at both membranes occur in a localized and persistent manner (76). Related events are observed when cationic polymers, longer or shorter peptides such as LL37, cecropin A, or melittin are studied (Table 1) even though the exact details vary with the antimicrobial compound (77). Finally, the peptides enter the cells where they interact with anionic polymers including nucleic acids and proteins that are abundant in the cell interior (46, 48, 78).



MAGAININ STRUCTURAL INVESTIGATIONS

Structural investigations show that magainins undergo a random coil to helix transition when they partition into the membrane (79). Interestingly the energies associated with this refolding have been identified to be one of the main driving forces for membrane association (80). During the same time period when the antimicrobial activity of magainins was investigated solid-state NMR approaches applied to uniaxially oriented lipid bilayers were under development (63). The latter technique measures angular constraints from polypeptides reconstituted into uniaxially oriented phospholipid bilayers to calculate their structure, topology, and dynamics (81–84). Because the 15N chemical shift of peptide bonds alone already provides an approximate tilt angle of helical domains (85) the very first experiments with magainin 2 and PGLa were indicative that these helices are oriented parallel to the membrane surface (63, 86–88). A membrane alignment parallel to the lipid bilayer surface has been confirmed for magainin 2 (89), for magainin analogs (90, 91) and for several other linear cationic antimicrobial peptides (22, 92–95). Later on oriented CD spectra and fluorescence quenching experiments confirmed such a topology of the magainin helix where the latter approach also shows an interfacial localization of the magainin 2 helix (64, 96). A parallel alignment of cecropin P1 (Table 1) using ATR FTIR was later on described by the “carpet model” (97). Notably, this peripheral membrane topology assures that the peptides can exchange between the membrane and the aqueous phase (89).

Whereas, the magainin 2 helix has been found to partition into the membrane parallel to its surface regardless of membrane lipid composition (64, 89), its relative PGLa (Table 1) exhibits a much wider range of topologies but only in membranes where all fatty acyl chains are saturated (89, 98, 99). In the presence of magainin 2 PGLa adopts transmembrane alignments (98–101) and early on this configuration has been suggested to be part of a synergistic complex between the two peptides (100, 102). However, in the presence of lipid unsaturations (such as palmitoyl-oleoyl-phosphatidylethanolamine), both PGLa and magainin 2 are aligned along the bilayer surface under all conditions so far investigated (98, 99, 101). Because unsaturations are an integral part of bacterial membranes it is highly likely that both magainin and PGLa exert their antimicrobial activity in a state with their amphipathic helices aligned within the membrane plane [e.g., data obtained with membranes made from E. coli lipid extracts (103)]. Correspondingly, alternative models explaining synergism have been suggested (69, 103) (Figure 1).
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FIGURE 1. Sketches the structural findings made with magainin 2 (red) and PGLa (green). Both peptides adopt helical conformations that are oriented parallel to the membrane surface in membranes carrying lipid unsaturations. The peptides arrange in nematic mesophases which when added together result in increased membrane affinity and synergistic calcein release activity from POPE-containing liposomes (gray arrow; cf. text for details).


Notably, recent fluorescence self-quenching investigations have demonstrated the formation of nematic phases at the membrane surface by magainin, PGLa, and the LAH4 amphipathic designer peptide (Figure 1, Table 1). Formation of these supramolecular arrangements is dependent on the lipid composition and the salt concentration of the surrounding buffer suggesting that electrostatic but also lipophobic interactions contribute (69, 104).

An amphipathic peptide that partitions into the membrane interface takes up the place of a few lipids but penetrates only to the depth of the head group and glycerol region (64). Thereby the packing of the hydrophobic region becomes more disordered and the membrane thickness is reduced (105, 106). The resulting changes of the macroscopic phase properties, the bilayer packing and the dynamics of the lipids has been monitored by 2H and 31P solid-state NMR spectroscopy (107). Thereby magainin peptides have been shown to introduce curvature into membranes (106), to cause a considerable decreases in the fatty acyl chain order parameters in particular of lipid segments well into the bilayer interior (101, 108–110), and at higher peptide concentrations membrane disruption into micellar or bicellar structures (111). Such bilayer disordering has been estimated to reach over a diameter of 10 nm (112, 113).

Atomistic views how in-plane oriented peptides potentially form water-filled openings in lipid bilayers have been obtained from molecular dynamics simulations (114–116). A reoccurring limitation of the computational approaches is the limited time span covered by the simulations which does not allow to reach equilibrium of statistically relevant numbers or peptides. Therefore, at the present stage the results remain dependent on the starting conditions and careful comparison with experimental data an important control (115–117). Furthermore, for magainins the importance of the very details of the lipid composition has only become apparent about a decade ago (69, 98, 118, 119), therefore, only few such simulations have been performed with lipid compositions such as POPE/POPG 3/1 that closely mimic bacterial membranes. All-atom simulations covering 100 ns show a stable in-plane topology of magainin, some oligomerization, but no pore or supramolecular rearrangement within this time frame (120). Stable in-plane alignments and an interfacial localization in such membranes were also observed in more recent coarse-grain and all-atom simulations (116, 117). In summary, pores rather form through stochastic rearrangements of peptides and lipids rather than well-defined channel structures although some peptide-peptide interactions are sometimes apparent. Because of the relatively small size of the membrane patches and the short time frame covered by the simulations the membrane lytic nature of the peptides or the formation of large pores apparent in dye release experiments do not become visible (73, 74).

The molecular shape concept provides a rationale for the bilayer disruptive properties of in-plane aligned amphipathic helices partitioning into the interface (121, 122). Geometrical considerations originally developed for lipids explain why PC lipids, that have the shape of cylinders, spontaneously arrange into extended bilayers. In contrast, PE exhibits a cone shape with a tendency to adopt hexagonal phases and detergents are inverted cones that arrange into micelles. In an analogous manner, surfactin, a cyclic peptide with a long fatty acyl chain (55), or the magainin 2 in-planar interfacial helix use up much more space in the head group than in the hydrophobic core region of the membrane, therefore, the molecular shape concept has recently been elaborated in some detail for amphipathic antimicrobial peptides (122).

Thus, magainins and other cationic amphipathic antimicrobial peptides appear to fulfill the criteria of the “carpet” model where peptides cover the membrane surface at alignments parallel to the surface (67) ultimately causing membrane lysis (111, 123). At lower peptide-to-lipid ratios the lipid membranes can adapt and compensate for the disruptive properties of the peptides, however from time to time openings form locally and transiently thereby resulting in channel-like recordings (124). The structural changes of the membrane have been monitored in the presence of magainin 2 in real-time revealing intermediate states, lysis and recovery (125). The peptides and lipids show a high degree of structural plasticity thus membranes can adopt a broad range of possible morphologies a behavior that is best described by phase diagrams which can take into account the peptide concentration, the membrane composition and other parameters (126). Such features are summarized in the SMART model where “Soft Membranes Adapt and Respond, also Transiently” (127). In line with this model, AMPs have been proposed to affect the membrane line tension (125, 128).

Magainin and PGLa carry several positive charges (nominal charge +4 to +5) and have been shown to interact better with negatively charged membranes. Such preferential association driven by electrostatic attraction is thought to be a reason for the selective killing of bacteria or tumor cells, that expose negative charges while they do not affect healthy eukaryotic cells which expose an overall charge neutral surface (129–133). Indeed, Joachim Seelig and co-workers have quantitatively dissected the interactions of membrane-association into an attractive electrostatic component and a hydrophobic insertion (with a partitioning constant around of the latter of 1,000 M−1) (130, 134). Notably, the apparent membrane association is more than an order of magnitude increased for bilayers mimicking the overall anionic composition of bacterial membranes (66). However, this relatively modest membrane association is boosted by electrostatic attraction to negatively charged surfaces which can dominate the association process (122, 135). Furthermore, the membrane association of multicationic antimicrobial peptides has been suggested to result in the interference of electrostatic attractions that keep peripheral membrane proteins in place and consequently antimicrobial action (68).



MAGAININ 2—PGLa MIXTURES SHOW SYNERGISTIC ENHANCEMENT IN BIOLOGICAL ASSAYS

Interestingly combinations of antimicrobial compounds are sometimes much more potent than the individual components (49, 136). These observations have been made with mixtures of peptides (137), of peptides with conventional antibiotics (41, 138–142), with blood plasma components (143), or with ions (144). In particular magainin 2 has been shown to interact synergistically with PGLa (45) and with tachyplesin I a cyclic β-sheet peptide (145).

Because magainin and PGLa peptides (Table 1) are produced together and stored as a cocktail in the skin of Xenopus laevis frogs, very early on antimicrobial assays have been performed with mixtures of the two peptides. It was soon realized that the peptides exert cooperative behavior (26, 44, 45, 146, 147). These studies involved E. coli (24, 26, 43, 148), mitochondria (43), tumor cells (26), calcein loaded liposomes (26, 45), cytochrome oxidase liposomes (24), and hamster spermatozoa (44). Notably, in the latter case only the mixture exhibits detectable activity at all. More recent papers also report synergism of magainin and PGLa on a few selected bacterial species (E. coli, S. aureus, and S. epidermis) with somehow varying enhancement factors (102, 103, 119, 149).

In particular, the early investigations revealed the poration of membranes, loss of membrane potential, uncoupling of membranes concomitant with effects on respiratory control and thereby interference with energy production and cell survival [e.g., (26, 44, 45, 146)]. In a most recent investigation it was shown that both PGLa and magainin are capable to form fibers at physiological conditions (150). These fibers are somewhat less active in antimicrobial assays but maintain the synergy. Because the peptides are stored in the granules of the frog skin at high concentrations it was speculated that they form functional amyloids for protease protection and graded release (150).

In further studies these investigations have been extended to variants of the peptides and/or other bacteria and the combination index CI has been used as a quantitative measure of synergism (103, 151):

[image: image]

where MICi is the MIC value determined for peptide i alone (i = a or b), and MICa+b is the total peptide concentration at the MIC determined for the combination. For values <1 synergistic enhancement occurs whereas values > 1 correspond to antagonism (152). In other work the fractional inhibitory concentration index (FICI) has been used which follows a related definition (102).

In order to analyze bacterial growth curves in a quantitative manner, we have early on started to fit the dose-dependence curves to sigmoidal functions of the type:
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where cp is the peptide concentration, G is the growth, m the slope, and Gmax is the maximal growth of the bacteria. In a subsequent step the additive curves (CI = 1) are simulated, which can then be compared to the observed dose-dependent bacterial killing when both peptides are present in the mixture (103). Notably during the transition, the normalized bacterial density (y-axis) is particularly sensitive to even small changes in peptide concentration. Because of the steep dependence of bacterial growth on peptide concentration a small error in peptide concentration (along the x-axis) translates into a pronounced standard deviation when the growth is measured in replicates [i.e., a big error bar in y-axis; cf. (103)].

Whereas, in case of a steep dose-response the slope m of the sigmoidal cannot be calculated from a 2-fold dilution series and was initially chosen arbitrarily (103) it turns out that this cooperativity index bears additional information of interest once more data points around the MIC50 reveal interesting differences between the peptides. Figure 2 and Table 2 present so far unpublished data and a more elaborate scheme for the investigation of antimicrobial activities and synergism. Instead of the often applied 2-fold dilution series more data points are included (1.5 dilution series) thus revealing the slope m of the transition.


[image: Figure 2]
FIGURE 2. Dose-response curve of relative bacterial growth in the presence of (A) magainin 2a, (B) PGLa, and (C) the equimolar mixture of both. Bacterial supensions in MH medium (8.3 x 105 CFU/mL) are added to a serial dilution of peptides and the optical density at 600 nm is recorderd after an 18 h inclubation at 37°C. The experiments were performed on 96-well microplates (F-bottom sterile non-treated polystyrene, Thermo Scientific Nunc A/S, Roskilde, Denmark). Starting from a 200 μM peptide concentration a sequential dilution series was performed with a dilution factor of 1.5 in 22 steps yielding final peptide concentrations ranging from 200 to 0.040 μM (after addition of bacteria). Each condition was done in quadruplet and each experiment is represented by different symbols in the plots (i.e., white, gray, and black circles represent a different experiment). The sequential dilution series were normalized to the bacterial growth without treatment on the same plate. The data shown have not been published before.



Table 2. This table shows the fit parameters of the blue, red, and green curves of Figure 2.
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Four individual dilution series were fitted to Equation (2), from which averages for the MIC50, the slope m, and Gmax were calculated and these were used to calculate the fits represented by the continuous lines in blue, red, and green.

It has been shown that at sub-MIC only a fraction of bacteria is killed and their debris including anionic polymers from the cell interior neutralizes much of the peptide added (153, 154). As a consequence, with some delay the survivors catch up in such laboratory suspensions and may reach the full cell density (151). Given the complete coverage of bacteria with peptides at the cell densities used in standardized antimicrobial activity assays, it is unlikely that the fractional killing is due to statistical variations in peptide density. Therefore, it has been suggested that fractional killing is a consequence of phenotypic variations of single cells which makes them more or less susceptible to the antibacterial activity of AMPs (153). The same authors have estimated that under sub-MIC conditions shortly after peptide addition a relatively small number of bacteria persists in a well thus such fluctuations potentially become apparent.

Therefore, in the experiments shown in Figures 2, 3 the incubation of bacteria after addition of peptide was kept to 18 h which prevents that bacteria that are delayed in their growth by the peptides can catch up to full density. It is also interesting to note that the values Gmax > 1 indicate that at low peptide concentrations and low to standard inoculum (<106 CFU/mL) addition of peptide stimulates the bacterial growth.
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FIGURE 3. Dose-response curve of relative bacterial growth in the presence of antimicrobial peptides as a function of inocculum. The peptides were added to a bacterial supension in MH medium at low inocculum of 1.46 x 102 CFU/mL (A–C) or at high inocculum at 1.51 x 107 CFU/mL (D–F) and the optical density at 600 nm recorderd after an 18 h inclubation at 37°C. The peptides tested are magainin 2 (A,D), PGLa (B,E), and the equimolar mixture of both (C,F). The experimental conditions are those of Figure 2. The data shown have not been published before.


Interestingly the slope m in the presence of PGLa is different from that of magainin (Figure 2). Most strikingly for the synergistic mixture the onset of activity is not that different but it has the deepest slope which brings the MIC100 from about 10 μM for the individual peptides to about 1 μM for the mixture. This 10-fold synergistic enhancement when the MIC100 is taken as an indicator decreases to a factor of 2.3 when the 50% killing is taken into consideration, i.e., the midpoint of the transition (Figure 2). Thus, a quantitative evaluation of synergy not only depends on the detailed experimental conditions but also the very details of how bacterial killing or growth are evaluated.

Because near the MIC50 only a fraction of the bacteria is killed the survivors are selected and take over, which may cause resistance development (153). It has been suggested that AMPs have a high Hill coefficient which explains why bacteria are less prone to develop resistance development (23). Here we show that the synergistic magainin 2/PGLa mixture exhibits even steeper slopes and hence adds an additional advantage (Figures 2, 3). It is possible that because the peptides affect bacterial subpopulations differently, there are less survivors that can fill the gap. The data also suggest that at least part of what is considered the synergistic interaction between the peptides is related to the steeper slope of the dose-response.

In a general sense m means some sort of cooperative or anti-cooperative behavior (i.e., non-linearity) (155) and in the case of a cooperative coefficient indicates that more than one molecule is required for a given activity. This can happen through oligomerization, but it could also mean that several peptides have to come into proximity on the bacterial surface (79), or that they form loosely packed lipid-peptide supramolecular structures (69). On the other hand, the slope of the curve can flatten should aggregation occur in solution at high peptide concentrations.

When the cell density is increased the MIC50 increases (Figures 3D–F, so far unpublished data). This is well-known phenomenon and has been associated with peptide adsorption to cell debris including anionic biopolymers and membranes (153, 156). Furthermore, cooperativity, especially of PGLa is reduced when the CFU per ml are increased. This probably reflects a larger phenotypic variability of cells with differences in AMP susceptibility (153). Furthermore, the synergy factor obtained by comparing the MIC50 values increases to 4.8 whereas it remains around 10 when the MIC100 are considered. Because at very high inoculum the peptides distribute on many more cells it may be more difficult to reach a high enough density to kill (154, 157, 158). Thereby, one may speculate that at high cell density the increased binding affinity and the mesophase structures when the two peptides are added conjointly (69) help to reestablish local hot spots and synergy. In this context it is noteworthy that the peptides have been shown to redistribute unevenly on the bacterial surface (159). Alternatively, it may also be possible that at high cell densities the ratio of surviving subpopulations increases thus it is easier to replenish the bacteria killed by a single antibiotic. This phenomenon would be less apparent when the combined action of two peptides keeps killing a large fraction of bacteria. Clearly, more experiments are needed to elaborate on these observations.

Interestingly, the best MICs are in the 1 μM range which agrees with observations made previously (103). As a consequence the synergistic factor is usually small for peptides that exhibit already high antimicrobial activity when investigated alone (103). This is also observed for the experimental series at a low CFU of 1.46 x 102 CFU/mL where the synergy factor by comparing the MIC50 is 1.7 but again higher for the MIC100 (Figures 3A–C, so far unpublished data). However, it was recently pointed out that peptides also stick to surfaces of the test equipment thus the available concentration is probably significantly lower especially at low peptide concentrations (158).



MAGAININ 2—PGLa MIXTURES SHOW SYNERGISTIC ENHANCEMENT IN MODEL MEMBRANES

Such synergistic enhancements in antibacterial assays can occur through specific interactions (49, 160) but also when one compound helps the antimicrobial effector to reach its target (161). Thereby the PGLa/magainin 2 case is of particular interest because it works in pure lipid model membranes where the mode of action can be studied in biophysical detail (26, 119, 122, 162, 163). When the release of fluorophores from liposomal preparations was investigated these were made of well-defined lipid compositions thus revealing interesting lipid dependences.

First of all negative charges are important to assure a high local peptide concentration close to the membrane surface and thereby and increased membrane association (130, 134). Whereas, in the absence of negatively charged lipids the membrane partitioning coefficients of AMPs are in the 103 M−1 range they apparently increase by more than an order of magnitude due to negative membrane surface charges (66). In some cases the association of antimicrobial peptides seems solely driven by electrostatic attraction until charge compensation is achieved (122, 135). This observation explains the lack of structuration when the peptides were investigated by optical techniques in dilute suspension of zwitterionic liposomes (122, 164). Electrostatic effects also contribute to their selectivity in killing of bacteria which exhibit a negative surface over healthy eukaryotic cells which appear electrically neutral to the outside (129–133). Therefore, when association and pore formation to zwitterionic membranes is very low the peptides may be too dilute in the membrane to interact with each other (119).

When fluorophore release and peptide synergy are investigated in a P/L ratio-dependent manner it becomes clear that a quantitative evaluation of synergy also depends on the detailed conditions of the experiment (Figure 4). For example, inspection of Figure 4B shows the absence of synergy at low peptide concentrations, but this value continuously increases at ≥0.4 μM. Notably either the amount of leakage after a few minutes (102, 119, 162) or the initial leakage rate (45, 163) have been taken as indicators of synergy.
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FIGURE 4. Calcein leakage from 100 nm unilamellar vesicles made from (A) POPC/POPG (3:1 mol/mol) or (B) POPE/POPG (3:1 mol/mol) as a function of peptide concentration. L18W-PGLa (blue circles), magainin 2a (red triangles), or their equimolar mixture (open squares) were added to 50 μM lipid. The lines were added to guide the eye. Taken from Leber et al. (119).


From a combination of fluorescence-based biophysical experiments Matsuzaki and co-workers suggested early on that the rate of pore formation is slower for magainin, but the openings are more stable than those of PGLa (162). Thereby, synergism arises from fast pore formation and moderate stability. A more recent paper by Heerklotz and co-workers suggests that the combination of making large enough pores that are well distributed among the liposomes causes synergism in vesicle dye release experiments (165). According to these models the size of the vesicles or of the bacterial cells and the heterogeneity of the peptide distribution have an effect on the observed synergism (165).



ON DEFINITIONS TO QUANTITATIVELY DEFINE SYNERGISTIC ACTIVITY

A quantitative comparison of synergistic enhancement is further complicated not only due to differences in the experimental systems investigated but also by the different definitions used to quantitatively compare the activities of the mixture and individual peptide solutions. For example, Matsuzaki and co-workers compare the P/L ratio where 50% of the dye is released (162): [image: image].

In this definition the calculated values are the average of the P/L50 ratios obtained from the individual peptides. This approach is similar to the calculated MICs published by Glattard et al. (103).

In contrast, rather than comparing the peptide concentration needed to reach a defined functional activity (e.g., 50% leakage) Zerweck et al. use the (variable) leakage values (L) at a fixed 100 μM lipid concentration and a fixed P/L. Typically conditions are chosen where a good range of activities is observed (i.e., 3 μM peptide for PE/PG/CL 72/23/5 and 0.6 μM for PC/PG 3/1). From this data a synergy factor is calculated according to SF [image: image].

Furthermore, from the same team the P/L of the mixture was twice that of the individual peptides in one publication (102) but kept constant in a prior paper (163). Finally, Leber et al. use “Peptide Synergy” Σ = 1/SF at the “highest peptide concentration” (cf. Figure 4 showing data up to 1μM) and 50 μM lipid (119). The total peptide concentration when peptides are tested individually is half of that of the mixture. This definition of synergy is based on the assumption that a heterodimer complex forms (G. Pabst, personal communication). While all of these definitions have their justification comparing the data quantitatively becomes impossible. For example, for PE-rich membranes the values include Σ =0.4 (corresponding to SF=2.5) (119) and SF = 22 (102). Furthermore, the PGLa-driven calcein release from PC/PE/PS 2:5:3 vesicles requires 25 to 43-fold less PGLa when 3.7 μM magainin are present (50 μg/ml lipid in 0.5 M NaCl, 10 mM PIPES, pH 7) (164). At this concentration magainin exhibits no activity when added alone (164).



CORRELATING SYNERGISM WITH STRUCTURAL INVESTIGATIONS AND LIPID COMPOSITION

Structural investigations were performed to develop a model how the peptides interact and thereby enhance their antimicrobial/pore-forming activities. When studied by solid-state NMR methods PGLa and magainin are both aligned along the surface of membranes when these carry at least one unsaturation per phospholipid (98, 99, 116, 166), including E. coli lipid extracts (103). Thus, in such membranes the helix topology resembles those of magainin or PGLa alone, i.e., in the absence of the other peptide (89, 98). In contrast, when magainin 2/PGLa mixtures are studied in fully saturated lipid bilayers magainin remains oriented along the membrane surface whereas PGLa adopts transmembrane alignments (98, 99). However, it should be noted that unsaturations are abundant in biological membranes thus a mechanism for synergistic antibacterial activities should consider an alignment of both peptides along the bilayer surface (98, 101, 103).

Not only the lipid fatty acyl chain but also the lipid head group composition seems of considerable importance for the synergistic enhancement to develop. Notably, in recent investigations it was demonstrated that for lipids with intrinsic negative curvature such as PE or PC/cholesterol the pore forming activity of the individual peptides is reduced when compared to PC/PG membranes. However, much of the activity was restored when adding the peptide mixture. This behavior results in a significant synergetic enhancement of activities in PE/PG but not in PC/PG membranes (Figure 4). In this context it should be noted that the antimicrobial activities of PGLa or magainin individually are much lower in PE/PG than in PC/PG, thereby synergetic enhancement in the bacterial membrane mimetic abolishes the differences observed for the individual peptides when investigated in membranes of different composition (cf. Figure 4 at 1 μM). This agrees with observations made when the antimicrobial activity of magainin and PGLa as well as derivatives thereof were investigated and the highest synergy was observed for peptides with intrinsically low activities (103).

Notably, a fluorescence quenching investigation has revealed the formation of mesophase structures along the membrane surface and correlated diffusion of both peptides (69). Fluorescence quenching occurs when the fluorophores, which were added to the amino-terminus of either magainin 2 or PGLa, approach each other within the nm range, i.e., closer than expected from a statistical distribution (104). These experimental observations are in-line with a recently published MD simulation of the peptide mixture where in stacked membranes a string of interacting peptides and lipids has been observed (117). Interestingly, the observed mesophases and diffusion correlation come along with a much increased membrane partitioning of the peptides when the mixture is investigated in PE/PG but not in the presence of PC/PG membranes (69). Because the membrane disruptive properties of magainin 2 extends over several layers of lipids (ca 0.8 nm in diameter) (112, 113) the formation of mesophases with interpeptide distances <1 nm (104) suggests a concerted action of several peptides in destabilizing the membrane (69). In this context is it interesting that microscopic imaging approaches have revealed an uneven distribution of antimicrobial peptides with preferential association with curved regions of the bacterial membrane such as pole caps or the septum of dividing cells (47, 77).

During early work on magainin/PGLa synergism little attention was given to the lipid compositions of the model systems investigated. With new data pointing to important effects of lipids exhibiting intrinsic negative membrane curvature it is of interest to review earlier publications. Indeed, the very early investigations were performed in PC/dicetylphosphate membranes of different (PC/DCA ratios) where dicetylphosphate is a small negatively charged “head group” made of phosphate carrying two C16 chains (26, 45). Thus, in a lipid membrane the molecule exhibits an inverted cone shape which is associated with negative curvature [cf. (122)]. Furthermore, experiments were performed with azolectin a soy bean lipid mixture which contains PC, PE, and PIs (45). Synergistic enhancements of fluorophore release were also observed with BBPS or egg-PC membranes (162), and thereby do not seem to fit the requirements of negative curvature observed by Leber et al. (119). However, it should be noted that the synergy factors published in this work are only 3.5 and thereby relatively low when compared to the antibacterial tests presented in the same paper where a factor of 8 was observed (162). For EYPC very high P/L ratios of 0.57, 0.14, and 0.05, respectively, were required to measure the S value. Thereby, although typically 100 nm vesicles are used for most of the dye release experiments (102, 119, 162) the detailed conditions are otherwise quite different and the values may not easily be compared, in particular as the dose response curves are not linear (Figure 4).



BIOPHYSICAL MEASUREMENTS OF PGLa—MAGAININ INTERACTIONS IN MEMBRANES

Spectral changes that occur upon membrane partitioning can be used to derive membrane association constants of polypeptides (69, 135, 167, 168). From such data the interaction between the membrane associated peptides can be derived including quantitative estimates of the energies involved. However, these values are only valid in the context of an assumed molecular model. In this manner favorable PGLa-magainin interaction energies were obtained in egg-PG membranes (162). Notably the quantitative evaluation of the data depends how many peptides are assumed to be involved in the interaction process. Energies for homo- and hetero-dimer formation have also been published for fully saturated membranes where PGLa exhibits a transition into the TM state (163). Therefore, this analysis probably includes many energy contributions (101, 169) which remain unimportant when synergy occurs between peptides that reside along the membrane surface of a bacterial membrane (103).

In a more recent investigation association of the two peptides with LUVs made of POPE/POPG 3/1 at pH 7 as a bacterial membrane mimetic were investigated by Isothermal Titration Calorimetry (ITC) (70) indicating strong membrane association with apparent membrane association constants in the 106 M−1 range (apparent stoichiometry P/L ≈ 1.7 mole%). Whereas, the membrane association of magainin and PGLa is characterized by an endothermic reaction enthalpy an additional exothermic contribution becomes apparent when the peptide mixture is titrated. Thus, these ITC data reveal an additional model-independent ΔH in the range of −2 kcal/mole in the magainin 2/PGLa mixture when compared to the peptides individually. This reaction enthalpy could be due to e.g., vesicle agglutination as observed by DLS experiments conducted on the same system (70). Peptide-driven intermembrane interactions were also apparent by a reduction in the bilayer repeat distance of mechanically oriented membranes (110, 117). Furthermore, the formation of loosely packed supramolecular assemblies also contributes to an energetic contribution in particular as these have been shown to correlate with an order of magnitude increased membrane affinity in the presence of POPE/POPG (69). Notably, when the proximity and thereby the interactions between magainin 2 and PGLa when associated to POPE/POPG 3/1 or POPC/POPS 3/1 membranes was tested by fluorescence spectroscopy a FRET effect was observed at high P/L ratios where close encounters of the peptides happen statistically (170). However, this effect diminishes and disappears when diluting the peptide with more lipid indicating that possible interactions between the peptides are rather weak.



SEQUENCE SPECIFICITY OF MAGAININ 2—PGLa SYNERGY

In order to define key structural elements of the synergistic interactions and residues that may be involved in the magainin 2—PGLa interactions the peptide sequences have been modified and tested. When the F16W or E19Q modifications of magainin 2 were studied for fluorophore release from egg PC/PG (1:1) liposomes a reduced synergistic activity was observed whereas the F5W alteration did not exhibit any effect (162). Introducing a positive charge at position 19 much abolished the synergistic interactions (102). In contrast, neutralizing the magainin 2 carboxyterminus by amidation has no effect on its synergism with PGLa (102, 103, 170, 171) although the antimicrobial activity of the peptide is increased (171, 172). Similar observations were made with the hydrophobic face of the magainin 2 helix (173).

Furthermore, when PGLa is modified the synergistic activity with magainin 2 is maintained even when a proline is added to the N-terminus and a negative charge to the C-terminus of PGL (171). When key residues of PGLa were searched exchanging the positive charges of lysines 15 and 19 by glutamines abolish synergistic enhancement whereas a more moderate reduction is measured for K5E and K12E (102) and L18W is tolerated (119, 162).

Such potential electrostatic interactions between the membrane-associated peptides have been suggested early on and are visualized in coarse grain and all-atom MD simulations even though the membranes used in the older simulations do not fulfill the criteria of a physiological composition (116, 117, 174, 175).

Furthermore, residues G7, G11, and L18 of PGLa have been shown important (102). Glycines 7 and 11 form a GxxxG motif which has been suggested to promote dimerization in highly apolar environments (176). However, the PGLa localization at the membrane interface (98, 103) may not be suitable for stable PGLa homodimer interactions. A detailed structural analysis of the peptide mixture in a lipid bilayer is required to resolve such ambiguities. In summary, the charges located at the carboxyterminal ends of the peptides have the strongest effects on synergy and an important role was also associated with G7, G11, and L18 of PGLa which needs further investigation.



LESSONS LEARNED FROM PEPTIDE DIMERS

In previous publications the question how the oligomerization of peptides along the membrane surface influences activity was already discussed (122, 177). In the context of models proposed for the mechanisms of synergistic enhancement the comparison with covalently linked dimers is also of interest. Therefore, in a first step possible interactions between membrane-associated PGLa and magainin 2 were tested by preparing peptides carrying GGC extensions and cross linking experiments (178). In PC/PG (1/1) bilayers parallel dimers preferentially form (178), therefore, dimers linked through C-terminal GGC extensions were prepared and investigated. When compared to the same amount of unmodified peptides in a mixture all of, the (PGLa-GGC)2 and (magainin-GGC)2 homodimers as well as the magainin-GGC/PGLa-GGC heterodimer were all more active in calcein release experiments from POPE/POPG 3/1 liposomes (119). However, only the PGLa-homodimer and the PGLa-magainin heterodimer, but not the individual peptides or their mixture, showed significant dye release from POPC/Cholesterol 3/1 liposomes (119). When the antimicrobial activities of the wildtype magainin/PGLa mixture and the dimer of the GCC-derivatives are compared to each other a complication arises from the fact that the GGC extensions itself make the monomeric peptides more active (103, 149). Furthermore, a dimer linked through a carboxyterminal lysine extension was considerably more active than the monomer whereas the amino-terminal linkage through glutamic acid has no effect (179).

Furthermore, a cystine-linked magainin 2 dimer has been shown more active in membrane permeabilization and antimicrobial activities (180). From the ensemble of data it seems that the increased activity of the dimers is based on an increased membrane perturbation by the larger peptide aggregates rather than due to a particular structure of the PGLa-magainin 2 dimer (122, 180, 181). In line with such a model is the observation that the homotarsinin homo-dimer (2 x 24 residues) is more active in antibacterial assays than the corresponding amount of monomer (181).

Another dimer that has been studied is distinctin a heterodimer which forms a compact dimer of two dimers in solution which has been suggested to protect the protein from proteolytic digestion (182) thereby resulting in a slightly increased antimicrobial activity of the dimer when compared to the monomers (183). Its solution structure unfolds in the presence of membranes thus the 25-residue chain 2-helix partitions into the membrane parallel to the membrane surface. In contrast, the 22-residue chain 1 associates only loosely with the membrane (92, 184). Thereby the dimer acts similar to a monomeric linear cationic peptide.



MODEL FOR SYNERGISTIC PGLa—MAGAININ INTERACTIONS

In order to develop a model for antimicrobial synergism focus should be on structural data obtained in membranes carrying unsaturations and PE head groups such as they occur in bacterial membranes. Structural data indicate that the highly cationic peptides adopt amphipathic α-helical conformations and that these peptides are aligned parallel to the membrane surface (98, 101, 103). MD simulation and diffraction data show that the peptides partition into the interface of POPE/POPG 3/1 membranes with the large hydrophobic face of PGLa being inserted somewhat deeper than magainin 2 (103, 116, 117). Electrostatic interactions involving the dipolar charge distribution along the peptides (102, 103, 162) and interactions involving anionic lipids (104) and/or anions of the surrounding buffers (185) help in the formation of nematic phase arrangements along the membrane surface (Figure 1).

Furthermore, when the peptides partition into the membrane interface they have been shown to have a large disordering effect on the fatty acyl chains of the surrounding lipids (101). Interestingly, such and related changes in the membrane packing and structure have been postulated to result in lipid-mediated interactions over several molecular layers (186–188). The peptides disturb the finely tuned equilibrium of van-der Waals, hydrogen bonding and electrostatic interactions, entropic contributions of the lipid fatty acyl chains and of the membrane-associated water, that assure the lipid bilayer packing into well-defined supramolecular arrangements. Therefore, it is possible that the pronounced lipid disordering observed in the presence of magainin 2, PGLa, and the mixture constitutes an important driving force to bring peptides into closer proximity (Figure 5). Thereby new supramolecular arrangements of the lipids and peptides form which have been detected by fluorescence quenching techniques and MD simulations (69, 117). Notably, zones of high peptide density have also been observed when bacteria were imaged (159) but these measurements work on very different length scales and it is not clear if these observations correlate. Notably, the formation of supramolecular arrangements within POPE/POPG membranes and the correlation observed between PGLa and magainin 2 comes along with an order of magnitude increase in membrane partitioning of the peptides (Figure 5). The much-increased membrane affinity due to the presence of the other peptide by itself could explain the synergistic enhancement of activities, but the formation of peptide-lipid mesophases results in high local peptide concentrations which can also involve a modulation of activities.


[image: Figure 5]
FIGURE 5. Schematically illustrates the membrane partitioning equilibria of magainin 2 (red) and PGLa (green). The formation of mesophases deletes the pool of monomeric peptides thereby more peptide can bind. As a consequence, the total amount of membrane-associated peptide increases and supramolecular structures that facilitate leakage form (69).


While extensive studies have been performed to define the range of pathogens and tumor cells susceptible to be killed by magainin antimicrobial peptides or the lack of toxicity against healthy human (or frog) cells (61, 62, 172, 189) much less data on toxicity or antimicrobial action are published about the synergistic mixture of PGLa and magainin 2 (26, 44, 190). For the individual peptides selectivity of bacteria over healthy eukaryotic cells has been explained by the negatively charged surface of bacteria and a high negative inside membrane potential of their plasma membrane assuring a high density of polycationic peptides at the bacterial membrane (129, 191). Furthermore, eukaryotic cells are protected from membrane lysis by these peptides due to the presence of cholesterol (62, 192). Because in this model the preferential killing of bacteria over healthy human cells is driven by the physico-chemical properties of the membrane similar considerations should also be applicable to the peptide mixtures. In this context it is notable that the synergistic enhancement of activities works for PE-rich (bacterial) membranes but not when this lipid is replaced by PC (eukaryotic membranes). Thereby, such biophysical findings suggest that the therapeutic window of these peptides potentially increase when added in combination.
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ABBREVIATIONS

AMP, antimicrobial peptide; ATR FTIR, attenuated total reflection Fourier transform infrared; CFU, colony-forming unit; CD, circular dichroism; CL, cardiolipin; DCP, dicetylphosphate; DOPC, 1, 2-dioleoyl-sn-glycero-3-phosphocholine; DOPG, 1, 2-dioleoyl-sn-glycero-3- phospho-(1′-rac-glycerol); GUV, giant unilamellar vesicle; ITC, isothermal titration calorimetry; LUV, large unilamellar vesicle; MD, molecular dynamics; MIC, minimal inhibitory concentration; NMR, nuclear magnetic resonance; PC, phosphatidylcholine; PE, phosphatidylethanolamine; PG, phosphatidylglycerol; PS, phosphatidylserine; POPC, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine; POPE, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine; POPG, 1-palmitoyl-2-oleoyl -sn-glycero-3- phospho-(1′-rac-glycerol); POPS, 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoserine; SMART, Soft Membranes Adapt and Respond, also Transiently; TM, transmembrane.
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Solid state NMR has been tremendously useful in characterizing the structure and dynamics of model membranes composed of simple lipid mixtures. Model lipid studies employing solid state NMR have included important work revealing how membrane bilayer structure and dynamics are affected by molecules such as antimicrobial peptides (AMPs). However, solid state NMR need not be applied only to model membranes, but can also be used with living, intact cells. NMR of whole cells holds promise for helping resolve some unsolved mysteries about how bacteria interact with AMPs. This mini-review will focus on recent studies using 2H NMR to study how treatment with AMPs affect membranes in intact bacteria.
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BRIDGING BIOPHYSICAL AND FUNCTIONAL STUDIES

Much attention has been given to the mechanisms by which AMPs disrupt the membrane bilayers of bacterial cells, permeabilizing them and dissipating the membrane potential (1–3). However, not all AMPs disrupt membranes via the same mechanism and some AMPs have been shown to have targets other than membranes (4–6). Additionally, there are AMPs that have been shown to modulate the immune response of the host organism (7, 8), in which case they are more properly referred to as host defense peptides (HDPs).

A major challenge in AMP research has been in developing a unified picture of AMP mechanism(s) that is consistent, at least for the particular AMP under scrutiny, with the results from a spectrum of experimental approaches, from simple model systems to whole cells to whole organisms. For example, on the one hand, function is often studied via minimal inhibitory concentration (MIC) assays with bacteria, which indicate the minimum concentration of AMP needed to prevent bacterial growth (9–11). On the other hand, NMR and other biophysical studies provide details of AMP structure and AMP-induced alterations to the bilayer structure, such as bilayer thinning, formation of toroidal pores, solubilizing the membrane into micellar structures, or lipid clustering (1, 12–14). Such “biophysical” studies typically employ model lipid systems with ~1–3 different types of lipids. Likewise, relating an AMP's membrane disruption mechanism in one model lipid system with its behavior in a different model lipid system is not always straightforward. As pointed out by Bechinger and Lohner (3, 15, 16) the lipid structure promoted by a particular AMP is perhaps best thought of in terms of a phase diagram, where the lipid arrangement promoted by the AMP is a function of several parameters including peptide-to-lipid ratio, intrinsic curvature of the lipids, temperature, salt, and pH. This way of thinking has the potential to unify findings when a particular AMP is observed to promote one type of lipid structure under one set of conditions, but a different type of lipid structure under a different set of conditions.

In order to compare AMP study results from cells to those from liposomes, a number of workers have tried to determine, from experimental data, the molar AMP to lipid (AMP:L) ratio needed to see growth inhibition in cells and the AMP:L ratio needed to see liposome disruption in vitro. A decade ago, Wimley estimated that for typical experimental conditions the molar bound AMP:L ratio was about 1:200 for liposomes and about 10–100:1 for cells (17). Around the same time, Melo et al. (18) used partition constants to link the two types of experiments. For the two AMPs for which they had both in vitro and in vivo data, omiganan and melittin, they found that the cell-bound AMP:L ratio was 2.3–9.2 times higher than the threshold needed to see effects on liposomes. As reviewed in (19), the amount of cell-bound AMP at the minimum bactericidal concentration (MBC) has been measured via fluorescently labeled AMP or via separation of unbound and cell-bound AMP via centrifugation. Depending on the peptide, the AMP:L ratios for binding to E. coli ranged from ~1:3 to 5:1.

There are a number of potential reasons for a difference in AMP:L ratios between in vitro and in vivo studies. For instance, some AMPs may bind targets in addition to lipids, including intracellular targets (20–25), and/or non-lipid components of the cell envelope, such as lipopolysaccharide (LPS), peptidoglycan (PGN), teichoic acids (TA), or membrane proteins (Figures 1E,F) (26–30). With regards to cell envelope interactions, two divergent potential effects have been suggested. One possibility is that non-lipid cell envelope components may entrap AMPs, sequestering them away from the lipid bilayer and thus protecting the cell. On the other hand, the non-lipid cell envelope components, especially those with a net negative charge, may attract more AMPs toward cells, leading to more AMP accumulating on the lipid bilayer and thus more damage.


[image: Figure 1]
FIGURE 1. NMR approaches to study AMP structural mechanisms. (A) Solution NMR provides atomic resolution structures of AMPs in micelles. (B) Solid state NMR of 15N or 13C labeled peptides in physically oriented bilayers indicates residue-specific helicity and angle of helical segments relative to the bilayer. (C) 13P solid state NMR of bilayers with a AMPs shows the effect of AMPs on lipid head groups. (D) 2H solid state NMR of AMPs in bilayers show the effect of AMPs on lipid acyl chains. 2H NMR of membrane deuterated Gram(+) (E) and Gram(–) bacteria (F) indicate how AMPs' effects on lipid acyl chains are modified by non-lipid cell components.


Another aspect of AMP studies where it is vital to link the basic research with model lipid systems that probe AMP mechanism to AMP behavior in more complex systems, is in optimizing AMPs for systemic use in humans. Physiological levels of salt may substantially reduce the membrane-disrupting activities of AMPs (31, 32). AMP binding to serum proteins may reduce their availability to bind the target cells, e.g., bacteria or cancer cells (33, 34). Protease activity may reduce the half-life of peptides in the bloodstream, which, interestingly, could be counteracted by AMP aggregation (34–36). Particularly for histidine-rich peptides, pH can have a large impact on activity (9, 37–39), which can be exploited to confer increased AMP activity around tumors where the pH is low (40, 41) or in helping AMPs escape lysosomes/endosomes (42–44). And of course, optimizing the selectivity of AMPs toward the target cells and minimizing host cell toxicity is always of paramount concern.

In order to understand the fundamentals of how this important class of molecules function, as well as to effectively deploy AMPs in the clinic, it is critical to address the afore-mentioned gaps between the in vivo function of AMPs, with detailed studies of AMP mechanism in model lipid systems. This objective is starting to be addressed with a variety of approaches that provided high resolution data on AMPs interacting with whole cells, including atomic force microscopy (45–47), electron microscopy (48, 49), Fourier Transform InfraRed (FTIR) spectroscopy (46), differential scanning calorimetry (DSC) (21), and confocal microscopy with fluorescently labeled peptides (50, 51). However, the rest of this mini-review will focus on 2H solid state NMR studies of AMPs interacting with whole cells.



NMR APPROACHES FOR STUDYING AMPs INTERACTING WITH WHOLE CELLS

NMR has a number of advantages for studying AMP mechanisms: (1) it provides atomic resolution data on the structure of both the peptide and lipid components of the system; (2) NMR can be used to characterize the dynamical behavior of peptides and lipids; (3) NMR experiments can be carried out in physiological-like solution conditions; (4) the isotope labels on the lipids and peptides have very little potential to disturb the systems under study, in contrast to, for example, fluorescent labeling; and (5) isotope labels provide the ability to observe selected molecules, i.e., peptides or the lipids, within the context of much more complicated systems, including whole bacteria. For these reasons, there are many NMR studies of AMPs in the literature, although by far the greatest number are in model systems, rather than in whole cells.

There are a variety of ways NMR has traditionally been employed to study AMPs in model systems (Figures 1A–D). Solution NMR can supply atomic resolution structures of AMPs in solution or, more commonly, in membrane-mimetic systems such as detergent or lyso-lipid micelles (Figure 1A) (52–56). Solid state NMR of 15N- or 13C- labeled AMPs in physically oriented bilayers provides residue-specific information on the helicity of the AMP as well as the angle between the helical segment(s) and the bilayer normal (Figure 1B) (3, 57–60). Complementary to the information provided by NMR-active nuclei within the AMP, solid state NMR in liposome or oriented lipid samples also offers structural and dynamical data on the lipids in the system. 31P-NMR is frequently used to report on the behavior of the lipid headgroups (Figure 1C), while 2H-NMR with acyl chain deuterated lipids reveals the structure and dynamics at specific locations along the acyl chain (Figure 1D). With 31P-NMR one can learn about AMP-induced changes in phospholipid headgroup structure and dynamics, as well as probe for preferential interactions between the AMP and individual components of lipid mixtures (60–62). 2H-NMR is commonly used to observe AMP-induced alterations in the order parameter profile of the deuterated lipid acyl chains and in many cases indicates that the presence of the AMP disturbs the acyl chains in a manner consistent with the AMP positioning near the polar/apolar interface (63–65). Solid state REDOR NMR is used to measure the distance between an isotope labeled nucleus on an AMP to specific atoms in the lipids, e.g., 31P or 13C (66, 67). 1H and 19F spin diffusion have been used to measure AMP to lipid distances and determine AMP oligomeric state in the bilayer (68, 69).

NMR approaches have been adapted for the study of whole cells in a variety of ways. One relatively well-developed approach is the application of solution NMR to proteins or nucleic acids inside whole cells that range from bacterial to human cells (70, 71). Solution NMR strategies include recombinant expression of the protein of interest, or delivery of the proteins from the outside via electroporation or linkage to cell penetrating peptides (72–74). Solution NMR has also been employed to probe AMP binding to the fungus C. neoformans as well as to probe AMP-DNA binding via 1H NMR of whole cells (75). Membrane proteins and large, soluble proteins in whole cells and whole organelles have been studied with solid state NMR techniques and have benefited from developments like amino acid selective isotope labeling and sensitivity enhancement from dynamic nuclear polarization (76–79). Magic Angle Spinning (MAS)-NMR has been used to study the carbohydrates in the cell envelopes of both unlabelled and selectively isotope-labeled bacteria, including how the carbohydrates are affected by antimicrobial agents (80–82). The molecular architecture of intact fungal cell walls has been probed via 13C correlation spectroscopy (83, 84). 13C MAS spectra report on both the PGN and TA components of cell envelopes and 15N MAS reveals details of the peptidic components of the cell envelope. Two-dimensional 13C NMR has also been used to study starch granules in intact cells (85). Overall et al. (86) have shown how 31P can be used to study AMPs' interactions with whole cells. In this context 31P reports primarily on nucleic acids, but also contains some information on phospholipid headgroups. The Booth and Marcotte groups independently pioneered 2H-NMR methods to study AMPs interacting with membrane-deuterated bacteria (87, 88). The remainder of this mini-review will focus on the 2H-NMR work in intact cells.



2H NMR OF MEMBRANE-DEUTERATED BACTERIA

The first 2H-NMR spectra of membrane-deuterated bacteria were attained in the early 80s by the Davis group (89). In more recent work aimed at using 2H-NMR to study how AMPs interact with bacteria (Figures 1E,F), researchers have employed two different approaches to incorporating 2H-labels into the bacterial membranes. The first strategy uses a mutant strain of Escherichia coli (E. coli), unable to either metabolize or synthesize fatty acids (87). The mutant bacteria are grown in the presence of deuterated palmitic acid (PA) and un-deuterated oleic acid. The second approach employs unmutated bacteria [Gram(+) or Gram(–)] which, during growth, are supplied with deuterated PA complexed with dodecylphosphocholine (DPC) micelles to facilitate uptake of the PA (88, 90). For the bacteria to remain healthy and maintain a normal acyl chain composition in their membranes, it is important to also provide oleic acids in the correct proportion to PA, which varies depending on the type of bacteria (90, 91). The two methods of isotope labeling lead to very similar, but not identical spectra of E. coli, likely due to variations in lipid composition introduced by the different growth protocols (Kumari, Morrow, and Booth, publication in preparation). Thus far, the approach has been applied to both Gram(–) and Gram(+) bacteria in the absence and presence of AMPs, as well as to microalgae (87, 90–98). The viability of the bacteria during NMR data acquisition depends both on optimization of the growth conditions, as well as the length of the NMR experiment, but, with care, ~80% of the bacteria remain able to metabolize and divide, even after 8 h in the NMR spectrometer at 37°C (87). Moreover, the NMR spectra obtained from the cells remain largely unchanged up to ~10 h after the cells are prepared.

Two types of NMR spectra can be obtained from the membrane-deuterated bacteria, static spectra and MAS spectra. Both types of experiments provide information of key importance to understanding how AMPs interact with membranes. From the NMR spectra, it is possible to derive the degree of acyl chain order and thus the amount of membrane disruption induced by the AMP. Figure 2 shows static spectra for the Gram (–) bacteria E. coli and the Gram (+) bacteria Bacillus subtilis (B. subtilis), MAS spectra for E. coli, and for comparison, a static spectrum with lipids alone. Starting with the lipid-only spectrum, the key features to note are as follows. There is a prominent edge at ~±12.5 kHz that derives largely from the acyl chain deuterons located near the lipid head groups. The deuterons at the opposite end of the acyl chain, i.e., the methyl groups, give rise to the intense pair of peaks near the center of the spectrum. Offering attention to these two regions of the spectra serves to illustrate the most important feature of 2H-NMR of lipids, especially as applied to the study of AMPs; large splittings correspond to greater orientational ordering of the lipid acyl chains with respect to the bilayer normal, while small splittings indicate disorder. Thus, the deuterated methyl groups in the disordered center of the bilayer give rise to small splittings, whereas the deuterons on the acyl chains near the head groups are more ordered and thus contribute to peaks with larger splittings. The essential takeaway for application of the technique to AMPs, is that the bilayer disruptions caused by AMPs are generally observed as a narrowing in the splittings.
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FIGURE 2. Static solid state NMR spectra of (A) model lipids, i.e., dilauroyl phosphatidylcoholine-d46 (DLPC-d46); (B) 2H-labeled B. subtilis; and (C) 2H-membrane labeled E. coli. MAS NMR spectra of (D) 2H-membrane labeled E. coli. DLPC spectra acquired at 25°C and the bacterial spectra acquired at 37°C. DLPC spectrum provided by Michael Morrow and Tim Porter. B. subtilis and E. coli static spectra as in (91, 99) provided by Nury Paula Sanisteban. MAS E. coli spectrum provided by Sarika Kumari.


Turning to the static spectra of the membrane deuterated bacteria (Figures 2B,C), it is clear that many of the finer details seen in the lipid-only spectra are lost. This outcome is not surprising given that in bacteria the deuterons will be found on different types of phospholipids, and even the same phospholipids may well be located in different microenvironments. However, some key features of the spectra are retained. The prominent edge at ~±12.5 kHz (from deuterons near the headgroup) can still be observed with the same splitting as for the lipid-only samples. The methyl groups can also be observed in the spectra of E. coli. Although the spectra from E. coli and B. subtilis share the prominent edge at ~±12.5 kHz, consistent with lipids in liquid crystalline phase, there are differences in the shape of the bacterial spectra between ~±4–8 kHz. MAS NMR of E. coli provide similar information to the static spectra and have the significant advantage of a much shorter acquisition time (98). The MAS spectrum of E. coli display a central peak plus 3 pairs of spinning sidebands (Figure 2D). To compare the spectra, especially those from MAS to those acquired statically, it is useful to extract quantitative measures from the spectra.

The measures in common use are the first and second moments, M1 and M2, as well as Δ2, a parameter derived from M1 and M2 (right-hand panel of Figure 3). M1 and M2 are proportional to the frequency-weighted averages of the lipid acyl chain order parameters. Thus, larger values of M1 and M2 indicate relatively well-ordered lipid acyl chains. Δ2 is a useful measure of the overall shape of the spectra (95, 100). As an example, these quantitative parameters provide a way to assess an important issue for living, complex and sensitive biological samples, i.e., how consistent the spectra and moments are from sample to sample. This has been characterized, in particular by Santisteban et al. (91) who found that for 6 sample preparations of B. subtilis, the standard deviation in Δ2 was 5%, while for 5 sample preparations of E. coli it was 9% (99).


[image: Figure 3]
FIGURE 3. Spectra of membrane-deuterated B. subtilis (A) and E. coli (B) without (black) and with the addition of 20% (by weight) of AMP MSI-78 (blue and green), along with the M1, M2, and Δ2 values calculated from the spectra. B. subtilis spectra from Nury Paula Santisteban as in (91) and E. coli spectra from James Pius as in (87).




WHAT 2H-NMR OF WHOLE CELLS HAS TAUGHT US ABOUT AMP-CELL INTERACTIONS SO FAR

Addition of AMPs to bacteria leads to striking changes in the 2H NMR spectra, indicating substantial disruption of the lipid bilayers. Static spectra of B. subtilis and E. coli with and without 20% (by dry weight of bacteria) of the AMP MSI-78 are shown in Figure 3. MSI-78 causes a reduction in the intensity at large splittings with a concomitant increase in intensity at the smaller splittings, indicating the peptide induces disorder in the lipid acyl chains. These changes can be quantified as reduction in M1 and M2, and an increase in Δ2 with the addition of AMP (Figure 3). Similar AMP-induced changes are seen in 2H spectra of model lipids, e.g., (101). What is remarkable is that the same observation can be made in the context of whole, intact, living bacteria.

In addition to MSI-78 (87, 90–92, 95), 2H-NMR of membrane deuterated bacteria has also been performed with the AMPs CAME, BP100 (91, 95), caerin 1.1 and aurein 1.2 (94), as well as antibiotics polymyxin B and fullerenol nanoparticles (88). All the AMPs tested thus far induce similar changes in the NMR spectra, consistent with similar peptide-lipid interactions. One way to consider the uniqueness of AMPs' effects on lipid bilayers in bacteria is to compare their effects to other means of disrupting lipids. Neither mechanical lysis of cells, nor organic solvent lipid extraction leads to alterations in the 2H NMR spectra (91, 99). Hence it appears the AMPs' effects on lipids are quite distinctive, and that intact, living cells are unable to repair the damage from AMPs, unlike the self-repair of the bilayer that happens after mechanical lysis or lipid extraction.

Perhaps the most instructive aspect of the work thus far is the consideration of the bound AMP:L ratios needed to see changes in the 2H-NMR spectra of intact bacteria. Assuming that most of the MSI-78 binds to the cells, which is reasonable given the large positive charge of the peptide, the high concentration of cells during treatment, and low amount of protein measured in the supernatant after the AMP-treated cells are centrifuged, about thirty times more peptide is required to see lipid disruption in intact cells than is needed in 2H-NMR studies of AMPs in model lipid systems (87, 101). Consequently, there must be something present in the cells that is protecting the bilayer from disruption, either by directly stabilizing the bilayer, and/or by sequestering AMPs away from the bilayer. And whichever cell component(s) this effect is coming from, it seems to be present in both Gram(+) and Gram(–) cells. Possibilities abound (Figures 1E,F). Non-lipid components of the cell envelope such as LPS, PGN, or TA could be stabilizing the bilayer and/or sequestering the AMPs away from the bilayer. Membrane proteins and intracellular molecules are also potential targets for AMPs. In fact, MSI-78 has been shown to disrupt the thermal stability of ribosomes and inhibit transcription (21). Thus, the work with the limited selection of AMPs proved via 2H-labeled whole cell NMR so far is consistent with a multi-hit mechanism (1, 5, 17, 20, 102–104). Conversely, there are several AMPs for which the biological activity of the L- and D-amino acid versions of the peptide are similar [reviewed in Savini et al. (19)], arguing that if these peptides have additional targets beyond the membrane, the interactions are not specific enough to be disrupted by the switch to the alternate enantiomer.

Turning next to the other end of the AMP:L ratio spectrum, for MSI-78 the AMP:L ratio needed to see membrane disruption in 2H-NMR spectra (~1:1) of intact cells is of the same order, but slightly greater, than the predicted values of cell-bound AMP:L (1:2.5–28:1) for a suite of 6 AMPs (18) and the observed membrane-bound PMAP-23 at the MBC in cells (19, 105). We have used flow cytometry to analyze cells treated with MSI-78 under conditions identical to the NMR experiments and found that for the AMP:L concentration shown in Figure 3, there is no MSI-78-induced increase in cell permeability. Since the NMR experiments reveal major disruptions to the lipid bilayer at AMP:lipid ratios lower than what is lethal, it seems possible that AMP is getting across the bilayer to the inside of the cells (Figures 1E,F). Again, this is consistent with the suggestion that at least some AMPs have intra-cellular targets, and that for at least some AMPs, membrane disruption may not the only mechanism by which the AMP harms cells.



FUTURE PROSPECTS

2H-NMR of membrane-deuterated bacteria could be expanded in a variety of potentially fruitful ways. Firstly, given that different AMPs are likely to function via different mechanisms or sets of mechanisms, it is important not to over-generalize the results from the limited number of AMPs probed so far. Performing similar experiments with a greater variety of AMPs may help reveal variations in lipid interactions with whole cells. Similarly, it will be interesting to expand the work from AMPs to cell penetrating peptides (CPPs) which transverse the bilayer, but do not induce the membrane permeabilization characteristic of many AMPs (22, 106–108).

The 2H-NMR approach can also be adapted to probe the role of non-lipid cell components in modulating AMP-lipid interactions. Preliminary work in our group has been done to manipulate LPS and PGN layers to monitor how disrupting these components affects the cytoplasmic membrane in the absence and presence of AMPs. Gentle disruption of the carbohydrate portion of LPS in Gram(–) bacteria results in a slight increase in lipid bilayer disorder, and slightly sensitizes cells to lipid membrane disruption by AMPs. Similarly, disruption of the PGN component of Gram(+) bacteria causes a slight increase in membrane disorder, but unlike LPS disruption, has no detectable effect on AMP-lipid interactions. Since Gram(+) bacterial cell envelopes also have negatively charged TA, it will be interesting to see how disrupting TA affects interactions with positively charged AMPs.

Another exciting prospect is to broaden the approach from bacteria to eukaryotic cells. Such experiments will need to be optimized to incorporate sufficient levels of deuteration into eukaryotic cell membranes. Given the much larger size of most eukaryotic cells compared to bacteria, and the consequent decrease in the ratio of amount of cytoplasmic membrane to the rest of the biomolecules in the cells, signal-to-noise in the NMR spectra may prove to be a challenge. Focussing on smaller types of eukaryotic cells, or organelles such as mitochondria, may be a more achievable. Another feasible prospect would be to carry out experiments with AMPs and deuterated bacteria in the presence of unlabelled eukaryotic cells, which would give a sense of the selectivity of the AMP for the bacterial membranes. Furthermore, studying AMP-resistant cells with NMR may help reveal how the cell envelope alterations of the resistant cells affect the ability of the AMP to disrupt the lipid membranes.
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The emergence of microbes resistant to conventional antibiotics is a burgeoning threat to humanity with significant impacts on the health of people and on the health system itself. Antimicrobial peptides (AMPs) hold promise as potential future alternatives to conventional drugs because they form an integral part of the defense systems of other species in the animal, plant, and fungal kingdoms. To aid the design of the next generation of AMPs optimized for human use, we must first understand the mechanism of action of existing AMPs with their targets, ideally in the context of the complex landscape of the living (microbial) cell. Advances in lasers, optics, detectors, fluid dynamics and various probes has enabled the experimentalist to measure the kinetics of molecule–membrane, molecule–molecule, and molecule–cell interactions with increasing spatial and temporal resolution. The purpose of this review is to highlight studies into these dynamic interactions with a view to improving our understanding of AMP mechanisms.
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INTRODUCTION

Antimicrobial peptides (AMPs) are part of the innate immune defense system of many organisms in the animal, plant, and fungal kingdoms (1). AMPs found in nature, typically consist of a small number of amino acids (10–30) and are predominantly cationic. The cationic nature of AMPs is thought to facilitate the association with the negatively charged membranes of microbial cells, such as bacteria. Of the 3,000 or so AMPs so far isolated from nature, only a relatively small number of structures have been obtained by high-resolution x-ray or NMR spectroscopy in a membrane environment (2–8). These seminal structural studies have revealed that some AMPs can form pores and/or channels in membranes, disrupting the barrier function of the membrane essential to the life of the cell. Biophysical studies on other classes of AMPs with model membranes have revealed alternative structures where peptides reside on the surface of the membrane, as opposed to passing through it in a transmembrane pore. This has led to alternative membrane-disruption mechanisms, as in the carpet model (9). Variations on pore models (10) or on the carpet model (11), have also been proposed. Some researchers have proposed completely different models altogether (12, 13). A common theme to all the models seems to be some sort of AMP-induced perturbation or disruption of the membrane, either transient, permanent, or both.

How microbes are actually killed by AMPs seems to be less well-understood. Some scientists have proposed different models for cell killing that do not involve pore formation or substantial membrane disruption but may involve peptide translocation and binding to intracellular targets. Bacterial and fungal cells are considerably more complex than phospholipid membranes. End-point assays commonly used in AMP studies with bacteria or fungi can address cell population growth, dead/live cell fractions, or examine cell morphology using methods such as electron microscopy. However, measurements taken at a single time point cannot track intermediate states that may be important in the cell killing mechanism. Studies that dynamically track the interactions of AMPs with targets on or inside cells have the potential to answer this question with a greater degree of confidence.

Here we provide an overview of studies addressing the dynamics of peptide interactions with membranes and cells. Because molecule-molecule, as well as molecule-membrane and molecule-cell interactions are important, we will highlight studies that address the dynamics of these interactions in particular. We will first discuss some key insights gleaned from model membrane studies and then move onto studies conducted on live cells. We conclude with further questions and outlook.



MODEL MEMBRANE STUDIES

Model membranes afford the advantages that the chemical composition and physical phase state can be controlled or varied systematically, and that a large range of physical techniques can be applied to them. Membranes of varying morphology and size can be prepared including vesicles and planar membranes.

The interaction of peptides with membranes is the very first step in a series of processes leading to microbial killing. Studies on model membranes have enabled some of the subsequent steps in the membrane to be elucidated.

The interaction of peptides with membranes can entail a number of structural changes both in the peptide and in the membrane. First, many peptides are unstructured in aqueous solution but can adopt regular secondary structures, such as α-helix or β-sheet when associated with the membrane. Peptide folding, akin to protein folding, is a key dynamic process. Second, peptides usually adopt one of two orientations on/in the membrane. One orientation is with the peptide long axis parallel to the membrane surface. Another common orientation is with the peptide long axis oriented normal to the membrane surface. Orientation changes can be important in processes such as pore formation or peptide translocation through membranes. Third, peptides often associate to form oligomeric complexes or nanoclusters in the membrane. A typical case is pore formation, wherein peptides associate in a transmembrane orientation to form a pore.

There are a few studies aimed at measuring the folding dynamics of monomeric alpha-helices in bilayer membranes. Using a combination of stopped flow fluorescence and stopped flow circular dichroism, Constantinescu and Lafleur (14) detected biphasic kinetics on time scales of tens of milliseconds and seconds for the interaction of the AMP melittin (derived from the sting from a honey Bee), with lipid vesicles. Melittin is a suitable peptide for these studies because in its monomeric form it is predominantly random coil in aqueous solution but adopts an alpha-helix in membranes. The authors showed that the peptide insertion into the bilayer, as measured by quenching of the intrinsic tryptophan fluorescence from the melittin by a brominated-quencher in the bilayer, appeared to precede the full folding of the melittin, as detected by circular dichroism. The authors concluded that changes in apparent folding rates (circular dichroism), promoted by changes in lipid composition, were mainly a reflection of different rates of peptide insertion. These results suggest that insertion and folding are strongly coupled processes, with the former being a rate limiting step.

Tucker et al. (15) used stopped-flow fluorescence spectroscopy to examine the membrane assisted folding of magainin 2, an AMP derived from the skin of an African frog. The authors introduced a special amino acid (p-cyano-phenylalanine) and replaced a phenylalanine with a tryptophan residue to enable detection of coil-helix transition through Forster resonance energy transfer from p-cyano-phenylalanine to tryptophan. The authors detected biphasic fluorescence kinetics with time constants of 10 and 100 ms, attributed to coupled-binding-folding process at the membrane. As for the melittin study mentioned above, the authors here concluded that the measured appearance of the folded helical state is limited by the rate of peptide association with or insertion in the lipid membrane. To explore this aspect further, Tang et al. (16) use a stopped-flow FRET approach with AMP mastaporan X and derivatives with nucleated α-helix formation. The authors concluded that mastaporan associates with the lipid bilayer initially in a non-helical conformation, which rapidly converts into a helical state within the complex anisotropic environment of the lipid bilayer. Taken together, these studies show that while binding and helix formation are coupled events, the determination of the rate of coil-helix transitions in the membrane is difficult owing to the rate limiting peptide-bilayer binding/insertion process. Nevertheless, we can tentatively conclude that the helix formation step is faster than milliseconds and certainly not a rate-limiting process in the overall scheme of AMP activity.

A number of approaches have been employed to examine changes in helix orientation within the lipid bilayer. The pH low insertion peptides (or pHLIPs) developed by Engelman et al. (17) contain hydrophobic residues and have high affinity for membranes at normal or high pH, but at low pH fold and insert across membranes in a transmembrane orientation. Rapid pH modulation provides a means to measure the kinetics of the reorientation step using stopped-flow fluorescence techniques. These studies have revealed two steps in the process, the first being formation of a α-helix at the membrane interface and the second being reorientation of the peptide to form a transmembrane helix. The first step was characterized with a time constant of about 0.1 s, whereas the timescale for the second step ranged from 0.1 to 100 s, dependent on the sequence of the peptide and the composition of the lipid membrane. While not strictly anti-microbial in nature, these model peptides are useful tools for examining helix insertion processes, which are relevant to some AMPs.

Linear dichroism can provide important information on changes in orientation of peptides when associating with lipid bilayers. In one such study, the Rodgers group (18) used cyclic peptides and a combination of circular dichroism and linear dichroism to track changes in peptide secondary structure and peptide orientation during the interaction of peptide with lipid bilayers. After addition of liposomes, the circular dichroism signal indicated a rapid formation of β-structure with no further change throughout the experiment. In contrast, the linear dichroism signal displayed complex kinetics with time constants in the range of seconds, minutes to 100 min. The authors interpreted the changes in LD signal due to rearrangements of the peptide in the lipid bilayer. Interestingly the time-scale for these changes was comparable with the folding of β-barrel outer-membrane proteins suggesting that these model peptides may provide to be good model systems for examining these processes.

The Gai lab (19) used a two probe approach with stopped-flow fluorescence to investigate the binding, insertion and helix–helix association of a peptide (TM anti-αIIb homodimer) known to spontaneously insert and form dimers in bilayers. The complex fluorescence kinetics, observed over a time-scale of milliseconds to seconds, was described by a kinetic model involving peptide binding, insertion, and dimerization within the membrane as well as peptide dimer formation in solution. Interestingly the helix–helix association, to form the homodimer, was the slowest step in the process occurring on a time-scale of seconds and orders of magnitude slower than a diffusion-controlled dimerization process. Thus, the dimerization process itself was the rate-limiting step in this instance.

Anderluh's laboratory (20) used a multi-probe approach to investigate binding, insertion, and oligomerization of a pore-forming α-helical toxin (Equinatoxin II) in membranes. Intrinsic tryptophan fluorescence was used to measure the initial association of the toxin with membranes. NBD fluorescence (from an NBD probe covalently attached to an engineered cysteine derivative) provided insight into the kinetics of helix insertion into the membrane, while AlexaFluor488 fluorescence self-quenching quantitated the extent of helix–helix association (i.e., oligomerization). Impressively, the authors were able to track the kinetics of these fundamental processes in real time, using stopped-flow fluorescence techniques. Protein binding to the membrane was rapid (<1 s), helix insertion took place on the time-scale of seconds, while oligomerization was on the time-scale of tens of seconds. Examination of an engineered protein mutant, which could not insert α-helix into the membrane, bound to the membrane and oligomerized but could not form a functional pore in the membrane. This study brings up an important point that membrane associated proteins and peptides are likely to have multiple states on and in the membrane with the possibility that only some of those states are the biologically active ones (biologically active here means forming a functional pore).

The aforementioned studies have mainly utilized small unilamellar vesicles (either in stopped-flow or flow-aligned (Couette flow) for linear dichroism) as the model membrane system (typical diameter: 50–100 nm). These are very convenient for spectroscopic studies because light scattering is kept to a minimum (relative to studies with cell-sized vesicles) and vesicles survive the shear conditions of rapid fluid mixing or flow. We will next highlight some of the studies performed using giant unilamellar vesicles as the model membrane system. Giant unilamellar vesicles can be prepared to have diameters comparable with the dimensions of biological cells (typical diameter: 1–100 μm) and afford visualization with a microscope so that single objects and single events can be detected.

The Huang laboratory (7) has employed microscopic visualization of melittin action on single giant unilamellar vesicles. Using AlexaFluor488-tagged melittin and calcein-entrapped giant unilamellar vesicles, melittin binding to and calcein release from single vesicles could be observed using fluorescence microscopy. Simultaneous measurements of membrane area was also performed. Melittin binding was observed over a time-scale of 100s s while calcein release was observed only after the majority of melittin was bound to the membrane. In oriented circular dichroism experiments, the authors revealed that at low peptide concentrations melittin forms α-helix aligned parallel to the membrane surface and as the peptide concentration increased, the helices began to align perpendicular to the membrane surface. Lastly, the authors used x-ray diffraction to observe toroidal pores of melittin. Taken together this study revealed that the melittin initially absorbs to the membrane causing an increase in membrane surface area (and thinning of the membrane), this then reduces the energetic cost of forming a transmembrane orientation. Once enough peptide is absorbed to the membrane, the helices then orient to form transmembrane toroidal pores, which allow leakage of large species into the extra-vesicular space. The study here reveals the utility of combining different but related techniques to provide mechanistic information.

Almeida's lab (21) has utilized giant unilamellar vesicles to design useful assays for probing the mechanism of AMP membrane actions and peptide translocations. In one approach, they examined the binding of daptomycin to mixed membranes composed of phosphatidylcholine and phosphatidylglycerol and subsequent effects on the membrane. Using robust colocalization analysis of 1,000s of individual vesicles, they concluded that daptomycin causes formation of daptomycin-phosphatidylgylcerol membrane domains (lipid clusters) in the membrane which eventually cause destabilization and vesicle collapse.

Oreopoulos et al. (22) were able to view membrane domains and phase separation using advanced imaging methods and planar supported lipid bilayers. The authors used atomic microscopy to reveal topographic features of the peptide-induced membrane domains and total-internal reflection fluorescence polarization microscopy to reveal the extent of orientational order of membrane-imbedded probes.

In other series of studies, Almeida's lab developed an assay for examining peptide translocation (23). This assay relies on the creation of vesicles inside giant unilamellar vesicles (vesicles in vesicles). The authors were able to observe peptide and dye influx using confocal microscopy. They were able to identify peptide-assisted influx of dye molecules across giant vesicles, and across the membranes of intra-vesicular vesicles. They observed time scales of influx of the order of tens of minutes (dependent on peptide). They also identified a silent mode of peptide transport, i.e., transport across the giant vesicle and binding to an internal vesicle, which did not cause dye influx. This suggested that a small proportion of the total population of peptides were able to translocate the membrane without causing membrane damage.

Paterson et al. (24) have developed a high throughput giant unilamellar vesicle system suitable for examining the detailed behavior of peptides and used this system to contrast the mechanistic behaviors of melittin and magainin on vesicles with differing membrane compositions. The authors were able to show a spectrum of peptide-induced effects including no effect, burst behavior, pore formation, and carpet-like disruption. The authors interpreted the data in the context of topological and charge effects in the peptides and the lipids, and in terms of a negative feedback model for pore formation. Studies such as these have the potential to provide useful design criteria for the next generation of peptides with enhanced activity and selectivity.

Recently the Huang lab has introduced advances in membrane models and techniques to allow comparison of actions of different anti-microbial agents (25). One of the widely used methods to assess in vitro activity of peptides is to use efflux or influx of fluorescent dyes with vesicles. However, the permeability of membranes to dyes is usually time-dependent owing to the time-dependent nature of the peptide-interaction with membranes, making measurements of dye fluxes problematic from conventional fluorescence measurements. Therefore, Huang's team developed a fluorescence recovery after photobleaching protocol to determine dye fluxes through membranes. To compare different AMPs and also to move toward a more realistic membrane system, Huang utilized spheroplasts derived from bacteria. Spheroplasts are created by using antibiotics which cause the bacteria to shed the outer membrane leaving the cytoplasmic membrane. Spheroplasts can also be created to have sizes suitable for observation by microscopy. Using the fluorescence recovery after photobleaching assay revealed that the AMPs known to form pores have similar performance with regard to dye flux in giant unilamellar vesicles as compared with the spheroplasts prepared from bacteria, although differences were noted in the concentration dependence of the phenomena. These conclusions suggest that for the peptides tested, model membranes provide a useful test-bed for pore formation processes occurring at the cytoplasmic membrane.

Wimley's laboratory has been interested in how the performance of peptides as measured by model membrane disruption translates into useful anti-microbial activity against bacteria (26). To this end they designed a peptide library and used a stringent vesicle disruption screen to select the most potent pore forming peptides. They used these peptides of varying membrane disruption abilities to test the hypothesis that better membrane disruption would correlate with improved bacterial sterilization properties. Unfortunately the hypothesis was rejected. The better pore forming peptides were only marginally better in anti-bacterial activity and were more cytotoxic. The authors suggested that the approaches used with vesicles were useful for an initial screen and that conditions that better mimic conditions found in nature are needed in the search for improved AMPs. In the quest for a therapeutic peptide, the Wimley lab have identified a number of barriers to implementation. These barriers include low solubility, degradation by proteases, cell lysis (and associated toxicity), and inhibition due to host cell binding (27).



CELLULAR STUDIES

Leaving the relatively well-studied confines of model membranes we now turn to studies of AMP action on living cells. Imaging and microscopy methods become important in this context since they can reveal the locations, interactions and symptoms of AMPs as they navigate the complex cellular landscape (28).

The Wohland lab (29) utilized single molecule and fluorescence correlation spectroscopy techniques to examine the mechanism of action of quantum-dot labeled a-helical peptide, Sushi-1, on single Escherichia coli bacterial cells. The authors identified four steps in the killing mechanism, peptide binding to membrane (as deduced from change in diffusion coefficient of peptide), peptide–peptide association on the membrane (as deduced from decrease in peptide diffusion coefficient as peptide concentration was increased), membrane disruption [without lipopolysaccharide (LPS) detachment] and cytoplasmic leakage through large defects in the membrane [through cytoplasmic Green Fluorescent Protein (GFP) release]. The use of highly sensitive fluorescence detection allowed examination of the peptide behavior at the single molecule level and at very low densities on the membrane. Great care was also taken to ensure that the peptide label did not influence the biological activity of the peptide.

The Weisshaar lab has developed a number of impressive microscope-based assays to examine the mechanisms of AMP actions on single bacteria (30–36). By cleverly combining different genetically encoded and synthetic fluorescence probes, they can track the sequence of events leading to different peptide-induced effects. A particularly ingenious development was the use of a genetically encoded GFP fusion which is trafficked to the periplasmic region of gram negative bacteria. This probe can be used to detect inner membrane disruption, through an increase in the GFP fluorescence from the bacterial cytoplasm. Outer membrane disruption, in contrast, will lead to loss of GFP fluorescence from the bacteria cell entirely. This GFP probe can be combined with other probes, such as cell impermeable nucleic acid-binding dyes, which detect permeability of the cytoplasmic membranes and can be monitored through an increase in fluorescence in the interior of the cell. Probes of other cell states, such as intracellular pH or oxidative stress can also be used. By controlling the delivery of dyes and peptides to the bacteria by means of a microfluidic device, the laboratory can investigate the action of AMPs at different stages of bacterial growth or growth cycle on demand. Microfluidic delivery also allows the use of different concentration profiles of peptides to examine recovery or reversibility of peptide effects. Using these approaches the lab has investigated several peptides including alamethicin, melittin, LL-37, and the cecropin A on E. coli cells and Bacillus subtilis cells. In the case of the prototypical peptide melittin, the laboratory has shown different features of the membrane disruption mechanism in bacterial cells which involve some combination of changes to outer-membrane permeability (opening and re-sealing and opening again), inner-membrane permeability (opening and re-sealing and opening again) and formation of periplasmic bubbles. The assays developed by the laboratory allowed them to document the ordering and dynamics of these processes, which occurred on the time-scale of minutes to tens of minutes, congruent with the complex interplay of molecular interactions and concentration fluxes over the cellular landscape.

To better understand the nexus between peptide-peptide interactions, as implied in some membrane disruption mechanisms, and cytoplasmic contents release, the Clayton laboratory developed a single-color assay based on fluorescence lifetime imaging microscopy (37). The method relies on the unique lifetime “fingerprints” of fluorescently-tagged peptides in monomeric membrane-bound and oligomerized states, and the lifetime of cytoplasmic GFP (cells) or synthetic fluorophore (membranes), and can track quantitatively the relative amounts of these species in real time. The time-lapse fluorescence lifetime imaging microscopy approach has been applied to a fluorescently tagged melittin derivative upon interaction with single giant unilamellar vesicles, single giant multilamellar vesicles, and E. coli bacterial cells (38). Quenching of the lifetime of the fluorescence tag on the melittin peptide was observed over a time scale of minutes, assigned to a progressive increase in peptide–peptide interactions at the membrane. For the unilamellar giant vesicles, once the peptide–peptide interactions reached a threshold level (i.e., once the monomeric and oligomerized peptides were equi-molar at the membrane), release of an intra-vesicular dye occurred rapidly, consistent with pore formation. For the multi-lamellar giant vesicles, dye release was more gradual, which was assigned to the requirement of peptide accumulation at each membrane, pore formation, pore closure and peptide translocation. For the bacterial cells, peptide-peptide interactions increased over time, as for the model membrane systems, but GFP release was not complete, attributed to the complexity of the membranes in the bacteria, and the capacity of the living cell to resist membrane attack. In view of the Weisshaar lab's observations (36), it is likely that the incomplete release may be due to membrane re-sealing events.

AMPs can also transit through cellular membranes without apparent disruption of membrane integrity. Park et al. (39) compared the activities of the AMP burforin II and magainin 2 on E. coli cells. Buforin II killed E. coli without lysing the cell membrane even at five times minimal inhibitory concentration (MIC) at which buforin II reduced the viable cell numbers by 6 orders of magnitude. However, magainin 2 lysed the cells, resulting in cell death under the same condition. FITC-labeled buforin II was found to penetrate the cell membrane and accumulate inside E. coli even below its MIC, whereas FITC-labeled magainin 2 remained outside or on the cell wall even at its MIC. These results are consistent with a mechanism where buforin II translocates across the cell membrane to bind to intracellular DNA and RNA targets.

Shagaghi et al. (40) used a combination of techniques, including fluorescence lifetime imaging microscopy, to address the mechanism of action of a tryptophan-rich peptide thought to act either by pore formation or binding to internal DNA or both. Using a membrane permeant DNA binding dye, which serves as a quencher for FITC fluorescence, the authors detected binding of the puroA-FITC peptide to DNA in the nucleus of a Candida albicans yeast cell within 1 min of addition. A propidium iodide assay confirmed that the membranes of the yeast cell were not breached at this point, suggesting that peptide translocation to the nucleus caused only transient membrane damage. About 25–45 min later, puroA-FITC was found to accumulate at the outer membrane of the yeast cell causing a quenching in the lifetime of the FITC fluorescence, due to peptide–peptide interactions (assigned as pore formation) which also coincided with propidium iodide entry into the cells soon afterwards. Changes in cell size, observed at this later step, indicated that the cell integrity was compromised. The kinetics of the pore formation, loss of membrane integrity, shrinkage of cell diameter matched fairly well the kinetics of killing of the cell population indicating that these processes are causally linked. However, the peptide also bound to DNA/nucleic acids (as detected by lifetime quenching) inside the cell before and after membrane disruption and caused cell cycle arrest. Thus, this peptide likely has a dual mode of action involving both intracellular and membrane targets.

A recent study (41) demonstrated the use of fluorescence lifetime imaging microscopy, Fourier transform infrared spectroscopy and atomic force microscopy to examine the interaction of the peptide cecropin D with E. coli bacterial cells. Fluorescence lifetime imaging microscopy of FITC-tagged cecropin D revealed a rapid decrease (within minutes) in fluorescence lifetime owing to binding of the peptide to the cells. Fourier infrared spectroscopy revealed changes consistent with peptide interaction with the LPS layer of the outer cell membrane, and a lipid ordering effect. Accordingly, surface topography and nano-mechanical properties were also altered, as revealed by atomic force microscopy, but over a longer time-period of up to an hour.

While single cell assays using microscopic image approaches are clearly powerful at elucidating events at the single cell level, the ultimate goal of an AMP as a therapeutic is to destroy the relevant microbe (fungi or bacteria) at the population level. Some interesting studies have combined single cell with population level assays to examine how peptides function on a “community” level.

Wu and Tan (42), and Snoussi et al. (43) in two separate studies, combined single cell microscopy, population level experiments with mathematical modeling to show that the AMP LL-37 kills a sub-population of bacterial cells, forming dead (or growth arrested) cells, which then absorb the remaining LL-37 from the medium. These authors show that one strain of bacteria can effectively protect another strain of bacteria via this mechanism, although cell-to-cell communication is unlikely to be involved. The results of these two studies reveal the power of combining single cell and population approaches to elucidate emergent behavior on a cell population growth behavior from an AMP. It would be interesting to see if this mechanism applies to other AMPs as well.

Biofilms are often challenging to treat clinically because of resistance to antibiotics, such as daptomycin. In order to investigate potential mechanisms of daptomycin resistance the Steenkeste laboratory (44) created a fluorescent-tagged daptomycin analog and exploited dynamic imaging techniques to examine daptomycin transport within the biofilms. Using time-lapse fluorescence (to investigate daptomycin uptake) and fluorescence recovery after photobleaching (to investigate transport), the authors revealed that the biofilm did not significantly impede daptomycin uptake and diffusion, ruling out the biofilm as a barrier to drug penetration. The authors suggested alternative resistance mechanisms relating to changes in the membranes of the cells due to the altered environment of the biofilm. In another study, the same laboratory (45) investigated the dynamic interactions of vanamycin with planktonic cells and biofilms using fluorescence correlation spectroscopy, fluorescence lifetime imaging microscopy, and fluorescence recovery after photobleaching. The fluorescence correlation spectroscopy method enabled the laboratory to extend their transport/diffusion measurements to lower concentrations of antibiotic while the fluorescence lifetime imaging provided information on changes to molecular environment around the antibiotic. The authors were able to observe changes in the diffusion of vanamycin in the biofilm as compared planktonic cells. However, the authors suggested that the altered diffusion was not ultimately responsible for antibiotic resistance. The techniques developed in these papers could be potentially useful in assessing accessibility and transport of AMPs in biofilms as well.



CONCLUDING REMARKS

In this focused review, I have attempted to provide a flavor of the range of dynamics AMPs undergo when presented with membranes, cells and cell populations. Although these peptides are seemly simple, since they possess no tertiary structure, they are able to provide effective defenses against microbes encountered by many species in the animal and plant kingdoms. Optical spectroscopy and microscopy approaches combined with judicious labeling of peptides, membranes, and sub-cellular structures has enabled the determination of key events leading to cell killing activities. One of the broad results of these studies is that the dynamics detected in cells (by microscopy) appears to be orders of magnitude slower than processes studied in model membranes (by stopped flow fluorescence) and often exhibit lag-phases in behavior for minutes or hours. Peptide binding, secondary structure formation, orientation changes and peptide-peptide interactions in membranes, as studied by rapid mixing techniques occurs on the millisecond to second timescale, which likely reflect initial effects in one leaflet of a lipid bilayer. However, in cells, peptides need to transverse multiple barriers and can undergo a number of subsequent steps in addition to binding, conformation change and peptide-peptide interaction, including peptide nucleation/accumulation, membrane defect/pore creation and defect/pore re-sealing, peptide desorption, peptide translocation, membrane re-binding, peptide transport and interaction with non-membrane targets including (but not limited to) nucleic acids and DNA. The cellular landscape is heterogeneous in several respects (chemically, biologically, spatially, and temporally) and peptide concentrations within and between cells can be highly heterogeneous adding to the observed complexities in dynamics. Moreover, it needs to be remembered that cells are living, social entities, with feedback mechanisms and adaption, which have evolved over billions of years. What is needed are methods to track the physico-chemical states of the peptides in parallel with the relevant biological states of the microbe being targeted. In this way the relevant physical state of the peptide (structure, orientation, oligomeric state, cell location) which impedes microbial action can be better elucidated. It is emerging that membrane permeability may not be the only symptom of AMP action and a greater exploration of peptide-induced cell insults is needed. Improvements in imaging methods and probes will greatly assist in this endeavor.
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Cationic membrane-active peptides are considered to be promising candidates for antibiotic treatment. Many natural and artificial sequences show an antimicrobial activity when they are able to take on an amphipathic fold upon membrane binding, which in turn perturbs the integrity of the lipid bilayer. Most known structures are α-helices and β-hairpins, but also cyclic knots and other irregular conformations are known. Linear β-stranded antimicrobial peptides are not so common in nature, but numerous model sequences have been designed. Interestingly, many of them tend to be highly membranolytic, but also have a significant tendency to self-assemble into β-sheets by hydrogen-bonding. In this minireview we examine the literature on such amphipathic peptides consisting of simple repetitive sequences of alternating cationic and hydrophobic residues, and discuss their advantages and disadvantages. Their interactions with lipids have been characterized with a number of biophysical techniques—especially circular dichroism, fluorescence, and infrared—in order to determine their secondary structure, membrane binding, aggregation tendency, and ability to permeabilize vesicles. Their activities against bacteria, biofilms, erythrocytes, and human cells have also been studied using biological assays. In line with the main scope of this Special Issue, we attempt to correlate the biophysical results with the biological data, and in particular we discuss which properties (length, charge, aggregation tendency, etc.) of these simple model peptides are most relevant for their biological function. The overview presented here offers ideas for future experiments, and also suggests a few design rules for promising β-stranded peptides to develop efficient antimicrobial agents.

Keywords: linear β-stranded antimicrobial peptides, cationic membrane-active peptides, peptides with alternating cationic and hydrophobic residues, biophysical studies of peptides in membranes, circular dichroism spectroscopy, fluorescence spectroscopy, peptide folding, peptide aggregation


INTRODUCTION

Cationic, amphipathic membrane-active peptides are considered to be promising new candidates for antibiotic treatment (1, 2). The simplest possible such peptides are made up from an alternate repeat sequence of cationic and hydrophobic amino acids, which can be expected to form amphipathic β-strands in a membrane (see Figure 1), with a fully extended backbone according to the Ramachandran plot (as in a β-sheet, but considering only a single strand here). All cationic residues will be aligned on one face and point toward the water, while the hydrophobic residues on the opposite side point into the hydrophobic interior of the membrane. Such amphipathic structures are usually membrane-active, and several peptides of this type have indeed shown antimicrobial activity.


[image: Figure 1]
FIGURE 1. Overview of the length-dependent membrane perturbing activity of peptides composed of alternating cationic and hydrophobic residues. General XZ sequences are here illustrated by [KL]n, which have been studied extensively by biophysical and spectroscopic methods, as well as electron microscopy and microbiology. (A) Low binding, no effect: Very short KL peptides with up to 8 residues show a very low ability to bind or to fold in the membrane, and thus have essentially no antimicrobial activity. They do not self-assemble in the lipid bilayer, so they do not show much membrane toxicity in form of hemolysis either. (B) Optimization possibility: Medium-length KL peptides show higher binding and folding, hence they induce good membrane activity in the form of antimicrobial action and vesicle leakage. Based on length and kinetics of aggregation, they are able to self-assemble in the membrane into amyloid-like fibrils and therefore demonstrate moderate hemolytic side effects. (C) Side effects: KL peptides longer than 10 residues display a pronounced phosphate-dependent pre-aggregation already in solution, which causes extensive loss of the active molecules in form of toxic aggregates, before they can even bind to the membrane. This loss of material causes a lowering of the desired antimicrobial membrane activity, while at the same time the strong (pre-)aggregation correlates with increased hemolysis.


A lot of interest has been shown in α-helical AMPs, but there is a lack of review articles covering amphipathic β-stranded peptides, and we therefore here try to summarize all relevant publications from 1981 to date about simple repetitive sequences able to form amphipathic β-strands (see Table 1).


Table 1. List of peptide sequences and which methods have been used to study them.

[image: Table 1]

The peptides covered here have repeating alternating sequences of cationic and hydrophobic amino acids, i.e., of the type [XZ]n or [ZX]n, where X is a cationic and Z a hydrophobic amino acid. Using one-letter codes for natural amino acids, X can be K (lysine) or R (arginine), and Z can be V (valine), L (leucine), I (isoleucine), W (tryptophan) or F (phenylalanine). This gives ten XZ combinations, and most but not all of them have been studied (see Table 1). KL peptides have seen the largest interest, and also RL peptides have been examined. KI and RI peptides were studied as well, but only with a fixed length of eight amino acids. KW and RW peptides with different lengths have been investigated by several groups. We also found studies of KV but not of RV peptides. KF and RF peptides seem to have been ignored so far.

The main questions this minireview will try to answer are: (Q1) Do such repetitive sequences bind to membranes and form β-strands? (Q2) Do they show high antimicrobial activity? (Q3) Are the peptides selective, in terms of high antimicrobial activity vs. low hemolytic side effects? (Q4) Is there an optimal length of these peptides? (Q5) What is their mechanism of membrane permeabilization?

These questions are investigated using different methods. Binding, secondary structure and leakage are studied with biophysical methods in vesicles or monolayers, whereas antimicrobial and hemolytic activities are determined using biological assays. A main theme in this review is therefore to combine results from vesicle and cell studies.



PEPTIDE BINDING TO MEMBRANES

Fluorescence methods have been used to study peptide binding to membranes. Trp fluorescence is sensitive to the environment and it is therefore a preferred method to use for peptides containing Trp. [WK]3 and [KW]3 were shown to bind to anionic lipid vesicles using this method (16). RW peptides with 2–10 amino acids bind to anionic phosphatidylglycerol (PG) vesicles (20). A series of KL peptides with different length were labeled at the N-termini with NBD, a fluorophore whose intensity is sensitive to the environment. Amongst these KL peptides, those with 6–18 amino acids had a high affinity for vesicles composed of neutral (zwitterionic) POPC and negatively charged POPG lipids (POPC/POPG, 1/1 mol/mol), and the longer ones were found to bind most strongly (12). In another study of dansyl-labeled KL peptides, peptides with 9–15 amino acids were binding to egg-PC/cholesterol (10/1) membranes with a higher lipid affinity for longer peptides (8).

These results are mostly quantitative, and only for KL peptides were binding constants calculated (8, 12). But it is obvious to conclude that the cationic XZ peptides experience a long-range electrostatic attraction to negatively charged membranes, and hydrophobic interactions can drive the binding further. In the case of RW, even very short dipeptides bind (20).



ASSUMING A β-STRANDED CONFORMATION IN MEMBRANES

We now consider question (Q1) above, whether the amphipathic XZ peptides indeed take on a β-stranded conformation when bound to membranes. Circular dichroism spectroscopy (CD) is the method of choice to study the secondary structure of peptides (22, 23), but cannot define the degree of assembly or oligomerization. Infrared spectroscopy (IR) can also be used to determine the local secondary structure (24), provided that the material is free from trifluoroacetic acid (25). It is not always possible with these methods to discriminate between monomeric β-strands, oligomeric β-sheets or long amyloid-like cross-β-sheet fibrils, so we will simply refer to a β-stranded conformation. X-ray diffraction and/or transmission electron microscopy (TEM) would be needed to characterize any assembly on the supramolecular scale. The published results from CD and IR studies on XZ peptides are summarized in Supplementary Table 1, and are discussed below.

KL peptides with 6–26 amino acids were studied with CD in pure water and shown to bind to POPC/POPG vesicles. Peptides consisting of eight or more amino acids exhibited distinct β-stranded line shapes (13). [IR]4 and [IK]4 are unstructured in pure water, but show a β-stranded conformation in the presence of SDS micelles (no buffer was used) (3). [KV]4–but not [KV]2 and [KV]3–binds to anionic vesicles in HEPES buffer and becomes β-stranded (14).

Most AMPs depend on a membrane environment to fold into their active amphipathic structure; in contrast, some XZ peptides have been found to do so in solution without a membrane, especially in the presence of phosphate.

CD spectra of [KW]3 and [WK]3 showed line shapes similar to α-helical conformations in 10 mM phosphate buffer and in the presence of neutral vesicles, but they bind to anionic vesicles and turn β-stranded (16). Monolayer studies were done for KL peptides at the water-air interface, with and without DMPC lipids. Peptides with 9–15 amino acids were found to give characteristic antiparallel β-sheet IR line shapes under all conditions, with peptides oriented flat on the membrane surface (8). Poly-LK ([LK]n, where n is not exactly known, but is a large number) was shown with CD and IR to form antiparallel β-sheets per se in aqueous solution in absence of lipids (4). A later study using both electronic and vibrational CD, combined with IR, also showed that [KL]8 and [KL]10 form antiparallel β-sheets in D2O at high peptide concentration (7). The aggregation of KL peptides into β-sheet amyloid-like fibrils (as was confirmed by TEM) in solution was found to be enhanced by buffers containing phosphate ions, and the speed of folding increases with phosphate concentration and peptide length (12). The short sequence of [KL]3 did not fold, but aggregation was very fast for KL peptides with 14 or more amino acids (12). RW peptides with 4–10 amino acids showed signs of β-stranded CD signals in 20 mM phosphate buffer (20).

This means that in any studies using membranes—model bilayers as well as native cells—in phosphate buffer (like the RW and KL peptides above), it is not clear whether the observed folding occurs in the lipid bilayer or the peptide have pre-aggregated already in solution. As it was seen in the previous section that these cationic peptides tend to bind strongly to anionic lipids, it seems reasonable to assume that at least some of the peptides are located in the membrane in a β-stranded conformation.

Furthermore, a minimum length seems to be required for β-strand formation in the membrane (in absence of phosphate). KL peptides (13), and KV peptides (14) needed at least eight amino acids, as shorter peptides did not fold at all. For KI and RI peptides, a length of eight amino acids is also enough (shorter ones were not tested) (3). For RW peptides already tetrapeptides formed β-strands (20), though it is not clear if this would also be the case without any phosphate ions present in the medium.



MEMBRANE DAMAGE, VESICLE LEAKAGE

After establishing that the XZ peptides bind to anionic membranes in β-stranded conformations above a certain length, the question arises whether the peptides perturb the lipid bilayer and induce damage. This can be tested using fluorescence-based vesicle leakage assays. Several assays are available, and several types of XZ peptides have been tested:

• KL peptides were tested using an ANTS/DPX assay (12, 13). In POPC/POPG (1/2) vesicles, peptides with at least 10 amino acids showed >80% leakage, while shorter peptides were mostly inactive at a peptide-to-lipid molar ratio (P/L) of 1/20 (12).

• KV peptides were tested using a carboxyfluorescein assay in DPPC/DPPG (3/1) at P/L=1/10 (14). At 45°C, when the lipids were in a liquid crystalline phase, [KV]2 gave no leakage, with [KV]3 around 20% leakage was observed, and with [KV]4 up to 50% leakage was found.

• [KW]3 and [WK]3 were tested using a calcein leakage assay (16). Leakage was strongly concentration dependent and also lipid-dependent. In anionic EYPC/EYPG (7/3) both peptides gave over 50% leakage at P/L = 1/10.

It is hard to compare these results on different peptides, since different lipids, buffers and dyes were used, and peptide concentrations varied. Only for the KL series, a wide range of peptide lengths has been systematically examined. It seems that KW and KV peptides are active already when they are at least six and eight amino acids long, respectively, whereas KL peptides needs to be at least 10 amino acids long to cause leakage. However, the minimum length required for the activity might vary and depend strongly on the experimental conditions.

At least for the KL and KV peptides, there is a correlation between folding into a β-stranded conformation and vesicle leakage activity. The short [KL]3 binds to the membrane, but does not form β-strands and does not induce leakage (Figure 1A). [KL]5 binds stronger than [KL]3, forms β-strands (Figure 1B) and can also induce leakage (12). The longer KL peptides have a medium to high tendency to aggregate already in aqueous conditions as β-sheet fibrils (Figure 1C), especially in the presence of phosphate ions. KV peptides with eight amino acids formed β-strands and also induced leakage, whereas the shorter analogs did not fold into β-strands and gave no or low leakage (14).



ANTIMICROBIAL ACTIVITY

Comparing the results of antimicrobial assays between different studies in a quantitative manner is virtually impossible, because different experimental conditions and different bacteria have been used. Here we try to establish whether a peptide is active against any bacteria or not. MIC (minimum inhibitory concentration) values <10 μg/mL or μM, we will call “high activity”; MIC values of 10–100 μg/mL or μM, “medium activity”; and MIC values >100 μg/mL or μM, “low activity.” If no activity was found at the highest tested concentration, we will call it “no activity.” Results of studies of antimicrobial activity of XZ peptides are discussed below. More details can be found in Supplementary Table 2, where also the microbes used are specified.

• KL peptides with 6–26 amino acids showed a length dependent activity in MIC tests against four different bacterial strains, with low activity for 6-mers, medium activity for peptides with eight amino acids, high activity for intermediate lengths (9–15 amino acids), and medium activity for longer peptides (13). The activity was slightly better against Gram-positive than Gram-negative bacteria, but usually not by more than a factor of two. The observed MIC values strongly depended on how the assay was performed, e.g., MIC values increased up to a factor 32 when peptides were exposed to phosphate buffer (12), illustrating how ambiguous it is to compare results from different studies.

• KL peptides (labeled with dansyl at the N-terminus) with nine amino acids showed high activity against some Gram-positive and Gram-negative strains, whereas peptides with 11 or 15 amino acids only showed medium activity (9).

• LK peptides with 14–24 amino acids all showed a similar, low to medium activity against Gram-positive and Gram-negative bacteria (10). LR peptides with 14 or 18 amino acids were compared in the same study. [LR]7 had a similar activity as [LK]7, but [LR]9 and [LR]11 had almost no activity. The LK and LR peptides were also tested for anti-fungal activity, and only the peptides with 14 amino acids showed a high activity; longer ones showed medium or low activity and shorter ones were not tested (10).

• [IR]4 had a high activity against Gram-positive and Gram-negative bacteria and medium activity against C. albicans; [IK]4 showed high activity against Gram-positive bacteria and C. albicans, and medium activity against Gram-negative bacteria (3). The difference in MIC between [IR]4 and [IK]4 could be as large as a factor of 8.

• KV peptides with 4–8 amino acids did not show any antimicrobial activity (up to 100 μg/ml peptide concentration) (14). [KV]4 with a hexadecanoic acid chain attached to the N-terminus also did not show any activity (up to 32 μg/ml peptide) against 11 tested microbes (15). This indicates that membrane affinity (binding) and folding into an amphipathic β-stranded conformation is not sufficient for antimicrobial activity.

• [KW]3 and [WK]3 had medium or low activity against many bacteria, and somewhat higher activity against Gram-negative than Gram-positive bacteria. [KW]3 usually had a lower MIC value than [WK]3, by a factor of 2 (16).

• [KW]2 and [RW]2 showed no antifungal activity, but [KW]3, [RW]3, and [RW]4 had a medium and [KW]4, [KW]5, and [RW]5 had a high activity against F. solani and F. oxysporum (17).

• RW peptides have been examined in several studies. [RW] and [RW]2 had no activity, [RW]3 medium activity, [RW]4 and [RW]5 high activity against E. coli and S. aureus (20). Another study found that [RW]3 had high activity while W[RW]2 and [RW]2R showed medium activity against three tested bacteria (18). The same group later tested further peptides with 3–6 amino acids, and found that peptides with 2 or 3 amino acids had low or no activity, W[RW]2 had medium activity and was more active than [RW]2R, and [RW]3 and [WR]3 had a high activity (19). In another study, a Lys residue with an attached acyl chain was added to the N- or C-terminus of [RW]3, and the effect of different acyl chain lengths was investigated (21). [RW]3 itself had high activity against Gram-positive and medium activity against Gram-negative bacteria. In contrast to the KV peptide, here the activity improved when an acyl chain with 8–12 carbons was added (21).

From these results it can be concluded that (i) The activity of XZ peptides covers a broad spectrum; activity is similar against Gram-positive and Gram-negative bacteria, and some have also high activity against fungi. (ii) KV and RV peptides are much less active than the other combinations. (iii) XZ peptides need a minimum threshold length to be highly active, and from the studies mentioned 6–9 amino acids appear to be the threshold length. (iv) Activity depends on the sequence, e.g., Trp-containing peptides are active already with six amino acids, whereas Leu peptides needs at least nine amino acids. For IR and IK, only peptides with eight amino acids were tested and they had medium to high activity. For KW, peptides with six amino acids showed medium activity. Peptides containing Ile or Val have not been studied in sufficient detail to determine a threshold length. (v) For KL peptides, the minimum length needed for activity is similar to the minimum length needed for folding into a β-stranded conformation in membranes, and it is also similar to the threshold length needed for vesicle leakage (12, 13). (vi) KL peptides with more than 14 amino acids are less active (even when compared in a weight-by-weight manner) than the mid-length analogs. This intriguing observation was attributed to the enhanced tendency of the long peptides to pre-aggregate in solution, as illustrated in Figure 1C (12, 13). LK and LR peptides also seem to become less active when they get too long (10). The other XZ combinations have not been tested using long peptides with more than 10 amino acids, so it may be too early to conclude that they would also become less active when they get longer, but it seems very likely.



HEMOLYSIS

Comparing hemolysis values from different studies should be approached with caution, as human blood is not a standardized product, different protocols are used, and some studies present HC50 numbers (peptide concentration for 50% hemolysis) whereas others gives the percentage of hemolysis at a given peptide concentration. Nonetheless, this erythrocyte-based assay indicates whether a certain peptide show side-effects against human cells or not.

• In a study of KL peptides with 6–26 amino acids, hemolytic activity was low for peptides up to 10 amino acids (HC50 >40 μg/mL), but very high for 14 or more amino acids (HC50 ≤ 2 μg/mL) (13). In another study, acetyl-[KL]9-NH2 gave negligible hemolysis at 100 μg/ml (6).

• [IR]4 and [IK]4 gave only low hemolysis (HC10 >100 μg/mL) (3).

• [KW]3 and [WK]3 showed no hemolysis up to a concentration of 400 μM (16).

• RW with 2–10 amino acids showed overall low hemolysis (HC50 >75 μg/mL), with longer peptides being more active (20). [RW]3, W[RW]2, and [RW]2R showed no hemolysis up to 1,000 μg/ml (18). [RW]3 showed low hemolysis also in another study (<10% at 250 μg/ml), but it increased upon lipidation (21). In the latter study, the effect of RW peptides on cell lines was also studied. [RW]3 with a C8 acyl chain connected to the N- or C-terminus was toxic to cancer cell lines (IC50 ≈ 4 μM against MCF7 and HT29 cells), but less toxic to non-malignant fibroblast (GM5657) cells (IC50 ≈ 32 μM) (21).

Even if it hard to compare the hemolytic effects found in different studies, is seems safe to state that short peptides with up to 10 amino acids give only low hemolysis, independent of the exact sequence. We believe that this is due to their slow kinetics to aggregate in the membrane into toxic fibrils. KL peptides with more than 14 amino acids, which have a high tendency to aggregate, are on the other hand highly hemolytic. Other sequences have not been tested using peptides with more than 10 amino acids, but there is a clear trend toward higher activity for longer peptides, so it seems reasonable to assume that any XZ peptide would also be highly hemolytic once it is long enough. Note that this continual upwards trend in hemolysis differs from the corresponding antimicrobial effects, which become reduced again for the very long peptides.



SELECTIVITY

The selectivity of peptides can be determined by comparing MIC values and hemolysis. Only a few studies have investigated both MIC and hemolysis. We here try to compare MIC with HC50 and define high selectivity when the therapeutic index (TI = HC50/MIC) is at least 10.

For KL peptides, high selectivity was found for peptides with 8–10 amino acids, but for peptides with 14 or more amino acids, TI was below 1 (13). For RW peptides, one study found no hemolysis (18), which indicates high selectivity. Another study found TI > 10 for RW peptides with 4–10 amino acids (20). For [RW]3, high selectivity was found, also when acyl chains were attached to the N- or C-terminus (21). From these results we conclude that for short XZ peptides with up to 10 amino acids, selectivity is high.



LONGER REPETITIVE SEQUENCES

Some longer repetitive sequences of the type [X1Z1X2Z2]n have been examined, but no systematic overview of all combinations has been made. In one study, seven peptides of the type [Z1KZ2R]n were compared to [IR]4 and [IK]4 (3). The results were similar as for the [XZ]n peptides discussed above. All peptides gave β-stranded CD line shapes in SDS micelles. For hemolysis, two trends were observed: (i) longer peptides with the same repetitive sequence produced more hemolysis, which may be due to self-assembly as discussed above; and (ii) peptides containing V or F were less hemolytic than peptides containing I or W, which fits with the observation that more hydrophobic peptides are usually more hemolytic (26–28). MIC tests against four bacterial strains showed that no peptide performed the best in all cases. Overall, the authors found that [IRIK]2 and [IRVK]3 were the most promising peptides (3).



MECHANISM OF ACTION

The basic assumption is that the antimicrobial activity of XZ peptides is due to membrane interactions. Many models have been proposed how AMPs can lead to membrane damage, and some indications to the mechanism of action can come from biophysical studies.

[KL]nK peptides were shown with IR to lie flat on the surface of an air-water interface, or a DMPC monolayer (8). [KL]5 and [KL]7 have been studied with solid-state 19F-NMR in several lipid bilayer systems, and were found to lie flat on the membrane surface for all lipid compositions, independent of peptide concentration (13). A transmembrane orientation could indicate that peptides form pores through the membrane, but this was not observed. Leakage of KL peptides could be correlated with peptide length (even at constant weight-to-weight), but there was no dependence on membrane thickness. A certain dependence on bilayer thickness would have been expected if the peptides were to assemble into a transmembrane pore, such as a β-barrel. All in all, there was no sign of pore formation, and the most likely mechanism was proposed to be a carpet mechanism, with peptides on the membrane surface destabilizing the membrane by lateral crowding (13). Other XZ peptides have not been studied with these structural methods, so it is not clear if they all use the same mechanism of action. Apart from membrane permeabilization, it is likely that these cationic peptides can also disturb membrane integrity by clustering of anionic lipids, as found for other cationic AMPs (29). It is also possible that the peptides can pass through the membrane and be active against internal targets in the cell.



BALANCE BETWEEN CHARGED AND HYDROPHOBIC RESIDUES

XZ peptides have repeating alternating sequences of cationic and hydrophobic amino acids. If the number of residues is odd, then there will be more cationic or more hydrophobic residues, and the effects of this shift in the balance between charge and hydrophobicity can be observed in some studies.

In two studies, [WR]2W showed a higher antimicrobial activity than R[WR]2 (18, 19). In another study, [RW]3 was a bit more active than K[RW]3 or [RW]3K (21). This seems to indicate that too much charge is reducing the antimicrobial activity, so that an overweight of hydrophobic residues may be advantageous. For KL peptides, it was found that [KL]4K had a slightly lower antimicrobial activity than L[KL]4, and [KL]5K was less active than L[KL]5. But on the other hand, [KL]6K was clearly more active than L[KL]6, and [KL]7K was much more active than L[KL]7 (13). Thus, it seems that the balance shifts for longer peptides, so that higher hydrophobicity gives lower activity. This can be explained by the increased tendency of longer peptides to form aggregates, which reduces the antimicrobial activity. When peptides are more hydrophobic, this aggregation tendency is increased. For the short peptides, on the other hand, aggregation propensity is low so aggregation is not an issue, and it is likely that short peptides with less hydrophobicity have a lower affinity for membranes and are therefore less active.

For peptides with an even number of residues, there are as many cationic as hydrophobic residues. Here, the balance between hydrophobicity and charge mainly depends on the nature of the hydrophobic residues. Studies of these peptides show that the hydrophobicity has to be high enough: Val seems not to be sufficiently hydrophobic, and KV peptides are not active up to a length of eight residues (14). Leu is more hydrophobic than Val and KL peptides with eight residues have medium activity (13). Trp is probably the most hydrophobic and interfacially active residue, and this can be the reason KW and RW peptides show high activity even with six residues (17, 19, 20). Also in this case, the behavior changes with peptide length. [VRVK]2 is much less active than [IRIK]2, but [VRVK]3 is more active than [IRIK]3 (3).

Another way of shifting the balance between charge and hydrophobicity is to add an acyl chain to the peptide, which was done for [RW]3 peptides (21). Adding a chain with 2 or 4 carbons did not improve the activity, but chains of 6–12 carbons improved MIC values. This fits with the observation above that for short peptides, additional hydrophobicity can improve activity.

Terminal groups can also modify the balance of charge and hydrophobicity. C-terminal amidation leads to a higher net positive charge and higher hydrophobicity. N-terminal acetylation leads to less positive charge and higher hydrophobicity. As can be seen in Table 1, some studies have used peptides with amidated or acetylated termini, but we have not found any studies where peptides with different terminal groups have been compared. From the results mentioned above, we predict that acetylation would be good for short but bad for long peptides. The effect of amidation is harder to predict, since both positive charge and hydrophobicity are increased.

More hydrophobic peptides are more hemolytic. For KL peptides, in all tested cases L[KL]n peptides showed more hemolysis than [KL]nK (n = 4,5,6,7) (13). For Z1KZ2R peptides, the amount of hemolysis of peptides increased according to [VRVK]2 < [IRVK]2 < [IRIK]2 (3), which correlates with the hydrophobicity. For short peptides, where higher hydrophobicity led to higher antimicrobial effects, and hemolysis is low, increased hydrophobicity can be good for selectivity, but for long peptides lower hydrophobicity is preferable since this can both increase antimicrobial activity and reduce hemolysis.



THERAPEUTIC POTENTIAL

Before peptides can be used for therapy, many questions must be addressed. Are the peptides stable against proteases or will they be quickly degraded in the body? Will the pathogens develop resistance against the peptides? Will they be effective not only against bacteria in vitro but also in vivo? We have not found any studies of XZ peptides addressing these issues, so these are open questions where future studies would be needed.



CONCLUSIONS

We now return to the questions posed in the introduction about amphipathic [XZ]n sequences. (Q1) Do such repetitive sequences bind to membranes and form β-strands? Answer: Yes, if they are at least 6–10 amino acids long. (Q2) Do they show high antimicrobial activity? Answer: Yes, many of the tested sequences have shown a high activity (MIC < 10 μg/ml) against Gram-positive and Gram-negative bacteria, and against fungi. Peptides containing Val are less active. However, not all peptides are highly active against all bacteria, and different peptides showed the best activity against different bacteria, so testing is necessary to find the best candidate against a specific pathogen. (Q3) Are the peptides selective, in terms of high antimicrobial activity vs. low hemolytic side effects? Answer: Yes. All peptides with up to 10 amino acids show low or very low hemolysis, so if they are active against the relevant microbes then hemolysis seems not to be a problem. (Q4) Is there an optimal length of these peptides? Answer: Yes. Too short peptides do not bind and fold, and too long peptide aggregates and have reduced antimicrobial activity and increased their hemolytic activity, so there is an optimal length, which is different for different sequences, and seems to be related to the hydrophobicity of the Z residues. For KL peptides, the ideal length is 9–11 amino acids. For KW and RW peptides, 6–8 seems good. For the other sequences, not enough different lengths have been tested to answer this question. (Q5) What is their mechanism of membrane permeabilization? Answer: There have been few studies in this area, and only for KL peptides have a model been proposed (13), as illustrated in Figure 1. Binding of cationic XZ peptides to anionic membranes is clearly driven by long-range electrostatic attraction, but favorable hydrophobic interactions will also enable zwitterionic vesicles to be covered by peptides to a considerable extent. They then probably act via a “carpet mechanism,” but have not been observed to form transient pores or well-defined β-barrels. Instead, lateral crowding in the outer monolayer of the plasma membrane seems to be responsible for imminent antimicrobial action. At this stage, both peptide length as well as concentration have to be high enough that the molecules assume a β-stranded conformation and become self-assembled. When pre-aggregation into amyloid-like fibrils is too vigorous and occurs already in solution, this material is lost and antimicrobial activity decreases. These pre-aggregated oligomers nonetheless seem to be membranolytic against red blood cells (but not bacteria), so hemolysis becomes more and more pronounced the longer and more aggregation-prone the peptides are.

Since the therapeutic potential of a peptide can be assessed by comparing MIC and HC50, we can conclude that the simple XZ peptides with 6–11 amino acids bear quite some promise. Still, the interest in optimizing these kinds of peptides seems to be low. So far, no systematic effort has been made to compare all suggested combinations of cationic and hydrophobic amino acids, and in most studies only a few discrete peptides lengths have been used. There is still much work needed to get a clear picture of these simple peptides, to determine which sequence and length has the most promising therapeutic potential, to resolve the remaining mechanistic details in each particular case. There is also a need of studies of peptide stability, and to determine if microbes develop resistance and if peptides are effective in vivo.
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The overall expectation from an antimicrobial surface has been high considering the need for efficiency in preventing the attachment and growth of pathogenic microbes, durability, safety to both humans and environment as well as cost-effectiveness. To date, antimicrobial surface design has been mostly conducted liberally, without rigorous consideration of establishing robust structure-activity relationships for each design strategy or of the use intended for a specific antimicrobial material. However, the variability among the domain bacteria, which is the most diverse of all, alongside the highly dynamic nature of the bacteria-surface interface have taught us that the likelihood of finding universal antimicrobial surfaces is low. In this perspective we discuss some of the current hurdles faced by research in this promising field, emphasizing the relevance and complexity of probing the bacteria-surface interface, and explain why we feel it would greatly benefit from a more streamlined ad-hoc approach.
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ANTIMICROBIAL SURFACES—WHY ARE THEY SO IMPORTANT?

Interest in the development of antimicrobial surfaces has escalated in the last two decades. Literature searches on the Web of Science reveal impressive 3- and 6-fold increases in the number of original and review articles as well as in patents devoted to antimicrobial surfaces, from 2000 to 2010 and from 2000 to 2020, respectively. Patents alone account for 29% of the 42,691 publication universe under the keyword “antimicrobial surface.”

This interest in antimicrobial surfaces goes hand-in-hand with the 2012–2022 explosion in the global market for nanoengineered surfaces (NES) where the building sector heads the expected million USD revenues, followed by electronics and the biomedical sector (1). Within the latter, the sub-sectors of anti-bacterial sterilization and anti-biofouling radically evolved from having a negligible value in 2012 to an expected value of 106.4 and 51.7 billion USD by 2022, respectively, with an estimated total Compound Annual Growth Rate (CAGR) of 127.5% in this period.

Antimicrobial surfaces are needed to prevent the growth and spread of infectious microbes on a plethora of materials that routinely serve humans. They have become ubiquitous and indispensable in extending the shelf-life of both consumer and industrial goods as well as in reducing health risks across a wide range of sectors including health, food packaging, furniture, textiles, and the building and shipping industries (2–5). The outstanding impact of antimicrobial surfaces on boosting future technologies is predicted in the design of self-driving cars, for instance, where they will help to reduce the maintenance and downtime of key parts (6).

The need to build physical barriers between humans and infectious agents to prevent their spread within our community by contact has very recently been evidenced by the global pandemic caused by SARS-CoV-2. Although extensive efforts have been directed toward the design of surfaces to target bacteria, little has been done to find those that efficiently kill and/or repel viruses, with the first steps toward understanding the method and duration of their surface adherence currently taking place (5, 7). At present, the remarkable evolution of community-disseminated super-resistant bacteria, alongside the scarcity of new antibacterial drugs to have reached the market in the past decades (8), represents a latent menace that threatens to cause the next global health crisis.

Overall, the expectations from an antimicrobial surface have been high. They should efficiently prevent the attachment and growth of pathogenic microbes indiscriminately thus limiting their spread by contact, be durable, harmless to human health and to the environment and cost-effective. However, can one single surface meet such a highly demanding wish list? Is the surface development process conveniently streamlined to ensure that the upcoming years will witness significant advances in the biomedical field?



ANTIMICROBIAL SURFACES THAT LEACH

By far the most straightforward strategy to design surfaces that target bacteria remains the incorporation, by physical adsorption, of an antimicrobial agent onto a polymeric matrix (2–5). Such surfaces are deemed leaching, i.e., they kill bacteria upon release of the antimicrobial agent over time. Despite being effective, leaching surfaces will eventually become inactivated once the antimicrobial agent has been exhausted and cannot therefore be regarded as long-lasting solutions. In addition, they are only as good as the agent they release, i.e., there is a limited number of antimicrobial agents that can be used due to stringent regulations.

Although the mode of action of leaching surfaces is easily ascribed to the respective agent they release, the exact load of antimicrobial agent comprised by the surface can be hard to accurately quantify, and the environmental impact of the leaching process is of concern (9). Metals and metal salts including silver, copper, zinc, and titanium dioxide are the most commonly used. They are known to act by inducing bacterial membrane disruption and oxidative stress. Long-term toxicity associated with exposure to silver is not yet fully established in humans, but its ecotoxicity is well-documented (10). Quaternary ammonium compounds (QACs), bearing permanent positive charges that disrupt bacterial membranes, lack sufficient efficiency and are prone to development of bacterial resistance (11, 12). In a similar fashion, bacteriostatic triclosan was banned over toxicity to both humans and the environment (13).

Natural antimicrobial peptides (AMPs), both bacterial and human, have also been under investigation (14). Among the diverse mechanisms of action known for AMPs, their net charges may allow for interaction with cell membranes while hydrophobic regions can maneuver into the phospholipid bilayers and in some instances result in pore formation and leakage of cell components (15). However, as AMPs are part of the innate immune system of all multicellular organisms, the potential for resistance development cannot be overlooked, particularly if human AMPs are employed. AMPs can also be chemically grafted at the surface of polymers (14, 16–22) and in this case the leaching ability will depend upon the coupling method selected which will determine the stability of the chemical bond established. Amides are among the strongest chemical bonds whereas esterification and silanization will afford less stable bonds. A quick agar plate test is usually sufficient to rule out this leaching effect. AMPs are chemically complex molecules and therefore any translation of their outstanding antimicrobial properties will likely rely on the development of simplified synthetic counterparts.

Nonetheless, antimicrobial surfaces that leach have been successfully translated into very useful practical applications. For instance, despite the fact that roughly 1/3 of the silver present in conventional wound-dressings leaches out and becomes black due to oxidation hindering visualization of the healing process, silver-based dressings are a mainstay (23) among antimicrobial dressings, a market valued at 9.16 billion USD in 2014 and expected to exceed more than 23 billion by 2024 (24).



THE NEED TO EXPLORE THE INTERFACE WITH BACTERIA

The early 90's realization that bacteria exist in nature as biofilms as opposed to single entities and the extensive knowledge of bacterial behavior gathered thereafter (25, 26), have impacted the paradigm of antimicrobial surface design. Biofilms are very seldom eradicated by leaching antimicrobial agents alone due to the presence of the sheltering extracellular matrix. One of the best depictions of this behavior is provided by B. subtilis biofilms (27) which are more non-water-wetting than Teflon, presenting extreme impenetrability to liquid antimicrobials and gases.

Intensive research into the physico-chemical mechanisms specifically involved in bacterial adhesion onto surfaces has been underway (28–32) in the hope of finding key events that can be targeted for limiting early biofilm establishment. In this regard, a dissection of the interactions occurring at the interface of antimicrobial surfaces and the outermost external components of bacterial cells has become crucial in order to explain how surfaces can either kill or repel bacteria (or both) directly upon contact. Such explorations have often been complemented by computational models to predict bacterial attachment (33, 34). These surfaces are referred to as contact-active, and typically they are complex, either entailing a pattern at the surface or a random arrangement, yet their mode of action is independent of any leaching substance. They are usually perceived as potentially more ecofriendly if they are biodegradable, and more efficient if they can overcome clogging by dead bacteria and/or debris over time.

For instance, QACs and antibiofilm peptides have been immobilized at the surface of several polymers leading to contact-killing activity (35–39). The regular separation of both positive and negative charges along zwitterionic polymers successfully resulted in anti-fouling and bactericidal properties with self-cleaning capacity (40). Immobilized bacteriocins such as nisin on various abiotic surfaces can prevent the formation of biofilms, and this approach has been explored by the food industry (41, 42). More recently, small tricyclic diterpenoids covalently bound onto nanocellulose through stable amide bonds (43, 44) rendered contact-active anionic antimicrobial surfaces capable of limiting biofilm formation.

Although hard to characterize both experimentally and theoretically, the tentative modes of action of contact-active surfaces are supported from studies regarding the activity of biosurfactants (45) and the interactions of nanoparticles with bacteria (32, 46, 47). It is likely that the surfaces are perceived by bacteria as complex polymeric matrices, unevenly branched with hydrophobic and hydrophilic regions or net charges that can intercalate into bacterial external structures, bind to surface proteins or modulate their activity through ion chelation, and/or have the ability to extract lipopolysaccharides, ultimately causing cell death. Other mechanisms may include enzymatic degradation of cellular membrane components or disruption of eDNA as well as limitation of the nutrient reservoir (48, 49). The presence of photoinduced compounds bound at the surface to kill bacteria by generation of oxidative radical species following activation has also been reported (35).

Regardless of the approach, the chemistry at the surface is a key determinant of the activity. Topographical manipulation of surfaces alone, i.e., devoid of any concomitant chemical modification, can compromise bacterial adhesion and in particular settings result in a contact-killing effect (50, 51). However, the number of materials that will entail the specific topographical features needed for the activity is limited and this strategy lacks sufficient efficiency to be regarded as a self-standing solution.



WHY ARE BACTERIA WINNING THE DAY?

The cumulative experience from the last two decades of research has taught us that bacteria-surface interfaces are outstandingly dynamic and that the likelihood of being successful with a simple approach, either leaching or non-leaching, is low. Therefore, the combination of leaching and non-leaching actions on the same surface, i.e., mixed action surfaces, has been investigated (2–5). One extreme example depicts the combination of topographical manipulation with chemical functionalization and the inclusion of a lubricating layer of liquid to build a slippery liquid-infused porous surface (SLIPS) that was able to prevent the attachment of both Gram-positive and Gram-negative bacteria for a whole week (52).

Indeed, the domain bacteria is the most diverse of all and this makes it virtually impossible to fine-tune a surface to meet the specific requirements of each bacterial strain in terms of hydrodynamics, topography-induced cell ordering, air-entrapment, chemical gradients, physicochemical force fields or cell membrane deformation, among other factors. In addition, even though bacteria use their surface structures, such as fimbriae, pili, flagella, and S-layer for adhesion to surfaces, these structures may also prevent bacteria or their membranes from coming into close contact with antimicrobial surfaces.

Bacteria have different preferences for hydrophilic and hydrophobic surfaces (53) which could relate to differences in charges and/or composition of their bacterial membranes and the extracellular polymeric matrix (EPS) they produce en route to establishing biofilms. In general, hydrophobic surfaces gain greater biofilm formation (54). As in antimicrobial drug discovery, the outer membrane of Gram-negative bacteria is a strikingly differentiating factor. The presence of lipopolysaccharide O-antigen is reported to hamper adhesion of surfaces onto bacteria by neutralizing the negative charge usually carried by the supporting cell envelope (32). Moreover, bacteria are well-prepared to adapt and evolve to survive in the presence of external stress. Finally, compared to research settings which work with primarily monoculture biofilms in controlled environments, natural biofilms also frequently host other microbes as symbionts to establish polymicrobial communities, thus challenging the performance of antimicrobial surfaces when used in real settings.

As exemplified by contact-active surfaces, a plethora of different surface chemistries will work against bacteria through manipulations of net charge, hydrophobicity, topography, or other factors, yet to date there is no clear cut structure-activity relationships that can be inferred to guide future design efforts. This is largely due to the diversity of polymer substrates, antimicrobial agents and functionalization strategies currently portrayed in the literature, which are extremely broad and essentially random, hampering what should be a systematic approach. At least one study has applied combinatorial chemistry and high-throughput screening to identify a group of structurally related polymers that limit pathogenic bacterial adhesion at their surface (55). With this approach, it is possible to focus on a single polymer class and determine, with a higher level of precision, exactly which variations in chemistry afforded the best antimicrobial properties. With this information at hand, predictive computational models can be built (29), yet their robustness is likely to be at present modest in light of the extreme complexity in accurately depicting bacteria-surface interactions.

On the other hand, while the majority of available reports focuses on finding broad-action antimicrobial surfaces, the translational value of selectively targeting one specific bacteria type remains to be determined. Clues on how to design surfaces that discriminate between Gram-positive and Gram-negative bacteria as well as fungi are available from literature on microbe detection systems (30). The fact that the activity of cationic polymers can be modulated by buffer concentration is notable.



TIME TO CONSOLIDATE TO STEP UP TO THE CHALLENGE

The intricacy of bacteria-surface interactions turns the idea of an universal antimicrobial surface into a chimera. We foresee that advancements in this field will come from focusing the design of antimicrobial surfaces on the very specific features required by its intended use. This precision design will entail a comprehensive knowledge of the microbes that need to be targeted as well as of the polymers that bear the most convenient properties for good performance in a particular setting. These should include biopolymers such as (nano)cellulose, silk, collagen, or alginate for the sake of sustainability.

To support this endeavor, a very wide range of experimental, computational, and theoretical approaches will be mandatory where knowledge of chemistry including computational chemistry, microbiology, membrane biophysics and bioinformatics is key. In addition, the development of antimicrobial surfaces would greatly benefit from a “design of experiments approach” to streamline the process for building robust structure-activity relationships.

Our ability to continue to explore bacteria-surface interactions will dictate how much we can say of specific modes of action for each surface at the atomic level. For instance, despite significant advances in molecular dynamics to study the mode of action of small AMPs (56, 57), extending these studies to the scale and complexity of a surface is still way beyond the limits of this technique. Proteomics, transcriptomics, and mutagenesis studies will continue to be essential techniques in deciphering the interactions of antimicrobial surfaces with bacteria.

Regardless of addressing the main mode of action, the most important thing is functionality, i.e., to find surfaces that work. How broad-acting, durable, biodegradable, or cytocompatible they need to be should be dictated by their final use. Therefore, the selection of suitable control materials and bioassays that address the complexity of single-cell and multispecies biofilms is of utmost importance. Surfaces should also be screened in combination with other techniques to target biofilms including, for instance, cold plasmas (58). Finally, however specific these insights may be for bacteria, we believe the strategy for surface design outlined herein will apply for other microbes including fungi and viruses, conveniently adapted to their particular biology.
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Antimicrobial peptides (AMPs) are known to attack bacteria selectively over their host cells. Many attempts have been made to use them as a template for designing peptide antibiotics for fighting drug-resistant bacteria. A central concept in this endeavor is “peptide selectivity,” which measures the “quality” of peptides. However, the relevance of selectivity measurements has often been obscured by the cell-density dependence of the selectivity. For instance, the selectivity can be overestimated if the cell density is larger for the host cell. Furthermore, recent experimental studies suggest that peptide trapping in target bacteria magnifies the cell-density dependence of peptide activity. Here, we propose a biophysical model for peptide activity and selectivity, which assists with the correct interpretation of selectivity measurements. The resulting model shows how cell density and peptide trapping in cells influence peptide activity and selectivity: while these effects can alter the selectivity by more than an order of magnitude, peptide trapping works in favor of host cells at high host-cell densities. It can be used to correct selectivity overestimates.
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INTRODUCTION

Antimicrobial peptides (AMPs) are naturally-occurring peptide antibiotics and attack bacteria selectively over host cells (1–3). AMPs are mostly cationic and have stronger binding affinity for bacterial membranes, which carry a large fraction of anionic lipids (1–4). Their amphiphilic structure enables them to attach to and perturb membranes (1–5). While membrane perturbation is not the sole mechanism of action, it is the first decisive event they induce (1, 2, 5). Indeed, AMPs are multitasking molecules: they are pore formers, metabolic inhibitors (1, 2), and/or immunomodulators (6–8). Their membrane-perturbing ability has, however, spurred many attempts to use them as a template for designing potent peptide antibiotics, especially for fighting conventional drug-resistant bacteria (1, 2, 4, 9). Developing bacterial resistance against membrane-perturbing peptides would involve “costly” redesigning of their membranes (1). Nevertheless, pathogens can evolve antimicrobial resistance (10, 11). Consequences of this need to be considered in our endeavor in searching for potent peptide antibiotics. Despite this challenge, the therapeutic potential of these multitasking molecules has generated interest in designing optimized peptides [see a recent review (7) and references therein].

A central concept in assessing peptide potency is “peptide selectivity.” For a given peptide, it is quantified by the ratio of a minimum hemolytic concentration (MHC) to a minimum inhibitory concentration (MIC) [see for instance; (9)]. For large MHC/MIC, there is a range of peptide concentration at which a given peptide is active against bacteria only. The requirement of a minimum peptide concentration (either MIC or MHC) for membrane rupture suggests that cell density is a control parameter for peptide activity and selectivity, as recently discussed (12, 13). Increasing the cell density is equivalent to reducing the amount of peptides available to each cell. As a result, MICs and MHCs increase as the cell density increases; the ratio MHC/MIC is cell-density dependent.

A related quantity is a threshold coverage of peptides on membranes (3, 14–17). Let P/L be the molar ratio of bound peptides to lipids. At the MIC or MHC, P/L reaches the threshold value, P/L*, beyond which bound peptides permeabilize the membrane. The value of P/L* depends on the type of peptide and lipid (3, 14–17). It is typically larger for lipid membranes mimicking bacterial membranes.

The correct interpretation of selectivity measurements has often been obscured by the cell-density dependence of the selectivity (12, 13, 18). For instance, the selectivity can be overestimated if the cell density is larger for the host cell. Furthermore, a number of recent studies highlight the effect of peptide trapping inside (dead) cells on peptide activity and selectivity (19–21). It was shown that each cell can absorb ~107 peptides (19–21). Often referred to as an inoculum effect [see (19–22) and references therein], this enhances population survivability (21), since it lowers the peptide concentration in the solution. As a result, the MIC obtained for a bacterial culture increases more rapidly with the cell density (21), compared to what corresponding model membranes would suggest (12, 13).

Here we offer a biophysical model of peptide activity and selectivity that assists with the correct interpretation of selectivity measurements. Our primary goal is to present a theoretical model, which can be used to predict peptide activity and selectivity under a variety of conditions, once their biophysical parameters are characterized. Indeed, an experimental approach to the relationship between peptide selectivity and cell densities is complex in a multi-species cultures, despite its relevance in biological and medical contexts. Our model will be beneficial for clarifying the relevance of selectivity measurements under controlled conditions.

Here we consider two approaches to quantifying cell selectivity (MHC/MIC). Imagine measuring MICs and MHCs in separate cell cultures (each containing a single species) and combining them into MHC/MIC. In this work, the resulting selectivity is referred to as “noncompetitive selectivity.” Alternatively, one can measure MICs and MHCs in a multi-species cell culture containing both bacteria and host cells and then calculate MHC/MIC. The resulting (competitive) selectivity is generally different from the corresponding noncompetitive one (12). If the competitive selectivity reflects adequately the competition between host cells and bacteria in binding peptides, the noncompetitive one can be exaggerated, when the host cell density is high, as correctly referred to as an experimental “illusion” by Matsuzaki (18).

Consistent with earlier studies (12, 13, 19–21), our results suggest that both MICs and MHCs increase with cell densities Ccell; in a low cell-density limit, they become Ccell-independent, i.e., intrinsic to a given peptide. Our results also show that peptide trapping increases both MICs and MHCs, magnifying their cell-density dependence, since the competition for peptides between cells is now stronger. This is a key feature highlighted in recent experiments (19–21) but left out in earlier theoretical studies (12, 13). The net effect of peptide trapping on peptide selectivity is that it tends to enhance the selectivity in the large host-cell density limit. With the parameter choices used, noncompetitive selectivity can be exaggerated by an order of magnitude. Our model also offers a systematic approach to correcting the selectivity for exaggeration; a noncompetitive selectivity can be corrected into a corresponding competitive one.



THEORETICAL MODEL

In this section, we discuss how peptide selectivity depends on cell density. We first introduce a few key parameters relevant in this work. Let Cp be the total concentration of peptides. Recall that P/L is the molar ratio of membrane-bound peptides to lipids; (P/L)B for bacterial membranes and (P/L)H for host cell membranes. At a certain value of Cp, denoted as [image: image], P/L reaches a threshold value required for membrane rupture, (P/L)*; [image: image] is either MIC or MHC. Also, the cell density, Ccell, is a key parameter for peptide activity and selectivity (12, 13, 19–21); Ccell = CB for bacteria and Ccell = CH for host cells. A related quantity is the surface area of each cell, Acell (12): Acell = AB or Acell = AH for bacteria and host cells, respectively. Doubling Acell for given Ccell is equivalent to doubling Ccell for given Acell. Similarly, aB and aH are the lipid headgroup area for bacterial and host-cell membranes, respectively. Finally, Np is the number of trapped peptides per cell: NpB and NpH for bacteria and host cells, respectively.

The cell-density dependence of peptide activity, especially for a mixture of bacterial and host cells, is illustrated in Figure 1 [see (13) for a homogeneous case]. Here, the concentric circles in blue represent bacterial cells and the pink ones stand for host cells. Figure 1(i) shows a single-cell limit at an MIC. The introduction of a host cell will reduce the amount of peptides for the existing bacterial cell as shown in (ii). The extra number of peptides to maintain at the MIC is equal to (P/L)H × AH/aH; similarly, in (iii), the number of peptides that should be added is [image: image].


[image: Figure 1]
FIGURE 1. Cell-density dependence of [image: image], i.e., either MIC or MHC. Cells are represented by two concentric circles and peptides by filled (free) or unfilled circles (bound) circles; if the blue circles represent bacterial cells, the pink ones stand for host cells. Let Acell = AB or AH be the bacterial or host cell surface area, respectively. The progression from (i)–(iii) suggests that [image: image]. If we exchange the role between bacterial and host cells, we arrive at [image: image]. The figure was adapted with permission from (12), Copyright (2015) American Chemical Society, and from (13) with permission from The Royal Society of Chemistry.


A number of studies have unambiguously shown that (dead) cells can absorb a large number of peptides (~107-108) (19– 21). This enhances the so-called “inoculum” effect: it amplifies the cell-density dependence of MICs and MHCs, since it increases the number of peptides consumed by each cell. Along the line of what was done recently (13), this effect can be taken into account. Recall that NpB and NpH are the number of absorbed peptides per cell in bacterial and host cells, respectively. Our consideration replies on the following justifiable simplification: NpB = 0 below MIC and similarly NpH = 0 below MHC. Prior to membrane rupture, penetration of peptides into a cell is expected to be a rare event, since it involves overcoming a large free energy barrier for crossing an otherwise intact cell membrane.

Following the reasoning in Figure 1 and taking into account peptide trapping, one can arrive at

[image: image]

[image: image]

Here MIC0 and MHC0 are, respectively, MIC and MHC in the low-cell density (or single-cell) limit: Ccell → 0 (Ccell is either CB or CH). The term inside […] can be interpreted as the total number of peptides consumed per cell; recall [image: image] is the value of Np at [image: image] (e.g., either MIC or MHC). It is assumed that MHC > MIC: peptides are selective, i.e., at the MIC, host cells remain intact. This has to be understood with caution. If MICs and MHCs are measured separately in a noncompetitive way, MICs can be larger than MHCs. This is, however, irrelevant for our discussion here. As a result of this inequality, the relations in Equation (1) are not fully symmetric with respect to the exchange between the subscripts “B” and “H.”

It is worth noting that the values of (P/L)B and (P/L)H depend on the total concentration of peptides and cell densities. They are determined by chemical equilibrium between free and bound peptides [see the Appendix]. In contrast, [image: image] and [image: image] are constants, which are set by the membrane-peptide parameters (3, 14–16).

Finally, note that the term [(P/L)B (AB/aB) + NpB] in Equation (1b) is larger than […] in Equation (1a), since the former is evaluated at a larger value of Cp above the MIC. In this case, however, pore formation in bacterial membranes will alter the energetics of peptide binding. In the limit CH ≫ CB, as is often the case, this will not limit the applicability of Equation (1b), since this term has a minimal impact on the MHC.

For a noncompetitive or homogeneous case, the last term in Equations (1a,b) will disappear. It is worth noting that the values of MIC0, MHC0, [image: image], and [image: image] can be obtained from noncompetitive measurements. If (P/L)* is not known, the number of peptides consumed per cell, i.e., the term inside […] in Equation (1), can be viewed as a fitting parameter. See below for a competitive case.

It will be instructive to compare the two terms inside […] in Equation (1): the number of membrane-bound peptides and the number of adsorbed peptides per cell. For this consideration, we invoke some simplification: a cell viewed as a sack of molecules enclosed by a bilayer. For E. coli as a representative bacterium, [image: image], twice the area of each lipid layer (either inner or outer) in the cytoplasmic membrane. Since [image: image], [image: image]. For the peptide melittin, [image: image] and [image: image] (14–16). We thus find [image: image]. This number is much smaller than [image: image]-108 (21). The presence of outer membranes will not change this inequality. For human red blood cells as representative host cells, AH ≈ 17AB and [image: image]. As a result, we obtain [image: image], which is smaller than [image: image] (19, 20). The main source of inoculum effects is the trapping of peptides inside dead cells (i.e., for P/L > (P/L)*).

A full analysis of Equation (1) is involved, since it requires the determination of four unknowns: (P/L)B, (P/L)H, NpB, and NpH, as a function of Cp [see (12, 13) for earlier efforts]; also the energetics of peptide trapping including peptide binding to intracellular components has yet to be understood in a quantitative manner.

In some relevant limits, we can use Equation (1) to map out a few scenarios regarding peptide selectivity. In the competitive case, if CH ≫ CB as in whole blood, Equation (1) can be approximated as

[image: image]

[image: image]

Here (P/L)H in Equation (2a) is to be evaluated at Cp = MIC.

In Equation (2), MIC0 and MHC0 can be viewed as fitting parameters. In a more systematic approach, they can be related to binding energy, w, which characterizes the interaction of a peptide with a membrane (see the Appendix); in this work, wB and wH are the binding energy for bacterial and host-cell membranes, respectively.

Chemical equilibrium between free and bound peptides [see Equation A3 in the Appendix and the SI of (12)] leads to1

[image: image]

Here, vp is the volume occupied by each peptide in the bulk and Ap is the peptide area on the membrane surface.

We can use Equation (3) to eliminate (P/L)H in Equation (2a) by equating the first terms in these two equation2; similarly, [image: image] in Equation (2b) can be eliminated in favor of (MHC)0:

[image: image]

[image: image]

The MIC in Equation (4a) increases linearly with CH. It can be strikingly different from the corresponding noncompetitive MIC in the limit CB → 0: MIC0. For sufficiently large CH, the former can be much larger than the latter.

The ratio MHC/MIC becomes

[image: image]

This implies that peptide trapping in host cells enhances peptide selectivity. Compared to the case [image: image], more peptides will be needed in order for (P/L)H to reach [image: image] for [image: image]. Since the second term inside […] in the numerator of Equation (5) is larger than the first term roughly by an order of magnitude, the effect of peptide trapping on the selectivity is up to about 10-fold.

Note that the MHC in Equation (4b) holds for a host-cell only case as well. In contrast, the MIC for a bacterial-cell only case becomes

[image: image]

This can be obtained from Equation (4b) by exchanging the role of host cells with that of bacteria.

The main advantage of Equations (4), (5), and (6) is that P/L* is not shown explicitly. It is absorbed into MIC0 or MHC0, which are experimentally more accessible. Also it is worth noting that the use of Equation (4) or Equation (5) would not necessarily require measurements of such biophysical parameters as vp, wH, wB, [image: image], and [image: image]. The term inside (…) on the right-hand side of Equations (4) and (6) as a whole can be viewed as a fitting parameter. It is a slope of either MIC or MHC curve as a function of the cell density and can be obtained from the corresponding homogeneous case. See the last section for relevant points.



RESULTS

We have analyzed Equations (4) and (5) to clarify inoculum effects on peptide activity and selectivity. For lipid bilayers mimicking cell membranes, the parameters in these equations have been characterized (12–16). They are, however, not known for real cells. In particular, the interdependence between w, P/L*, and [image: image] is elusive because of the complexities of cell structures. For instance, wB for Gram-negative bacteria should take into account the peptide interaction with their outer membrane (OM), among others. Recall that this is an effective parameter, in which microscopic details (e.g., peptide charge, peptide interaction with the OM, and the presence of cholesterol in the host-cell membrane) are subsumed. This has only recently been mapped out theoretically for lipid bilayers (13). Here we do not attempt to calculate the effective binding energy w (either wB or wH) for real cells and to use it in the computation of MIC0 and MHC0. Instead, we start with conveniently-chosen but biophysically-relevant values of MIC0 and MHC0. The resulting analysis will not involve (P/L)* explicitly. For simplicity, the number of trapped peptides Np is chosen to be the same for bacteria and host cells: [image: image].

Otherwise, we have used peptide parameters relevant for the peptide melittin (12–16): peptide charge Q = 5, [image: image], and [image: image]. For this peptide, w was mapped out for model membranes, mimicking bacterial and host-cell membranes: wB = −16.6kBT and wH = −6.72kBT (13). They are used as representative binding energy. Also, [image: image], [image: image], [image: image] as for E. coli, and AH = AB or AH = 17AB as for human red blood cells (12).

We have plotted our results for MICs and MHCs in Figure 2. For this, we have chosen the parameters as follows: MIC0 = 1μM and MHC0 = 5μM. Figure 2A shows the MIC as a function of CB in units of 5 × 109cells/mL obtained in a noncompetitive way. In all cases, the MIC increases linearly from MIC0 = 1μM, as CB increases, as expected from Equation (1). The inset recaptures the MIC data in linear plot. It indicates a linear relationship between the MIC and CB. The MIC curve is steeper for a larger value of Np. This is well aligned with recent experiments (21). The inoculum effect increases the slope of the MIC curves, not the “y”-intercept, which coincides with cell-density independent MIC0.


[image: Figure 2]
FIGURE 2. Peptide activity, i.e., MICs and MHCs. We have chosen the parameters as follows: (MIC)0 = 1μM and (MHC)0 = 5μM; wB = −16.6kBT and wH = −6.72kBT; [image: image]; [image: image]; [image: image] and AH = 17 × AB. The number of trapped peptides Np is chosen to be the same for bacteria and host cells: [image: image]. (A) This graph shows the results for MICs as a function of CB in units of 5 × 109cells/mL obtained in a noncompetitive way. In all cases, the MIC increases from MIC0 = 1, as CB increases (Equation 1). The MIC is higher for a larger value of Np. The sensitivity of the MIC to Np is better captured in the linear plot in the inset; all the curves indicate a linear relationship between the MIC and CB. (B) MICs (left axis) and MHCs (right axis) are shown as a function of CH given in units of 5 × 109cells/mL obtained in a competitive way. Various symbols are used to distinguish between different choices of Np. If CH ≫ CB, MICs are roughly independent of Np; in this case, MHCs are approximately the same for the competitive and noncompetitive cases. As CH increases, the MIC increases up to 40-fold from MIC0 at CH = 0 (Equation 4a). Similarly MHCs increase as a function of CH, more rapidly for larger Np (Equation 4b); for [image: image], the MHC increases by up to two orders of magnitude. The inset graph recaptures the data in a linear plot.


In Figure 2B, MICs (left axis) and MHCs (right axis) are shown as a function of CH given in units of 5 × 109cells/mL obtained in a competitive way. They are represent by dashed lines with symbols. First, note that MHCs are approximately the same for the competitive and noncompetitive cases as long as CH ≫ CB; also MICs are insensitive to CB and Np, if CH ≫ CB and MHC0 > MIC0 (see Equation 4). This is distinct from larger MICs for larger Np in the noncompetitive case in Figure 2A. As CH increases, the MIC increases up to 40-fold from MIC0 at CH = 0 (Equation 4A). This is consistent with the observation that peptide interactions with host cells diminish peptide activity in vivo (24). Similarly, MHCs increase as a function of CH, more rapidly for larger Np (Equation 4B and the inset graph). For [image: image], the MHC increases by up to two orders of magnitude.

Figure 3 displays our results for peptide selectivity, which combines the graphs in Figures 2A and B. The graph in Figure 3A shows our results for MHC/MIC as a function of CB obtained in a noncompetitive way. In all cases presented by various colors, the ratio MHC/MIC or the selectivity decreases, as CB increases. The selectivity is higher for larger values of CH. Also, it is higher for larger Np if [image: image] but is smaller if [image: image]. Peptide trapping increases both MHC and MIC. At low CB, the net effect is to enhance the selectivity; at high CB, it reduces the selectivity, since lots of peptides are trapped in bacteria and “wasted.”


[image: Figure 3]
FIGURE 3. Cell selectivity of antimicrobial peptides, i.e., MHC/MIC. We have used the same parameters as in Figure 2: (MIC)0 = 1μM, and (MHC)0 = 5μM; wB = −16.6kBT, and wH = −6.72kBT; [image: image]; [image: image]; [image: image] and AH = 17 × AB; [image: image] (the same for bacteria and host cells). (A) This graph shows MHC/MIC as a function of CB in units of 5 × 109cells/mL obtained in a noncompetitive way. In all cases, the selectivity decreases, as CB increases. The selectivity is higher for larger values of CH. It is also larger for larger Np unless CH = 0 (black dashed) or [image: image] (compare the top two curves). Also note that there is no essential difference between the two cases: [image: image] (tangerine) and [image: image] (cyan). This means that the latter case falls in the single-cell limit. (B) MHC/MIC are shown as a function of CH given in units of 5 × 109cells/mL. Competitive (dashed lines with various symbols) and noncompetitive (solid lines) cases are compared. For the competitive case, Equation (4) was used, which holds for CH ≫ CB. The competitive selectivity increases as CH increases, except for Np = 0 (magenta). In all noncompetitive cases shown, the selectivity increases as CH increases. In all cases, the selectivity is higher for larger Np. In the noncompetitive case, the presence of 5 × 105cells/mL does not change the selectivity with reference to the corresponding limiting case CB → 0; at this density of bacterial cells, MIC ≈ MIC0. Compared to the corresponding competitive selectivity, the noncompetitive selectivity is overestimated, more so for larger CH; for [image: image], the latter is exaggerated by an order of magnitude.


Also note that there is no essential difference between the two cases: [image: image] (tangerine) and [image: image] (cyan). This means that the latter case falls in the single-cell limit.

In Figure 3B, the results for MHC/MIC are shown as a function of CH. Competitive (dashed line with various symbols) and noncompetitive (solid lines) cases are compared. For the competitive case, Equation (4) was used, which holds for CH ≫ CB. The competitive selectivity increases as CH increases, except for Np = 0 (magenta). In all noncompetitive cases, the selectivity increases as CH increases; the presence of [image: image] does not change the selectivity with reference to the corresponding limiting case CB → 0, since at this density of bacterial cells, MIC ≈ MIC0. In both the competitive and noncompetitive cases shown, the selectivity is higher for larger Np: peptide trapping enhances the selectivity.

Similarly to what earlier studies suggest (12, 18), the results in Figure 3B show how peptide selectivity can be mistakenly estimated. Compared to the corresponding competitive selectivity, the noncompetitive selectivity is overestimated, more so for larger CH; for [image: image], the latter is exaggerated by an order of magnitude.

These results also clear up possible confusions. Even in the presence of a large amount of host cells, the selectivity measured in a competitive environment is not an experimental artifact. It just reflects correctly the cell-density dependence of the selectivity, as discussed in the section 2.



DISCUSSIONS AND CONCLUSIONS

We have discussed the cell-density dependence of peptide activity and selectivity. For this, we have combined physical arguments, which relate peptide activity and selectivity to cell density, and a Langmuir-type model, in which the amount peptide binding (or trapping) is dictated by an effective binding energy. This combined effort produced a predictive model for peptide activity and selectivity. It can be used to calculate MICs, MHCs, and MHC/MIC, once a few key biophysical parameters are characterized, which include the number of trapped peptides per cell (19–21) and peptide-membrane interactions.

Alternatively, our model can be used as a fitting model for analyzing data. For instance, the “y”-intercept and the “slope” can be extracted from noncompetitive measurements of MICs or MHCs vs. cell density. This will determine (MIC)0 or (MHC)0 as well as the terms inside (…) on the right-hand side of Equations (4b) and (6). This information can be used in Equation (4) (or more generally Equation 1), which represents a heterogeneous mixture of bacteria and host cells.

This consideration, however, would necessitate prior knowledge about one of [image: image] and [image: image] (or equivalently wB). To see this, notice that homogeneous measurements lead to the value of the sum of the two terms inside (…) in Equation (6). If [image: image] is known, as is most obvious for pure-lipid membranes (3, 17), [image: image] can be extracted from noncompetitive measurements.

An alternative but possibly less practical approach is to measure several MICs in a competitive setting. By fitting the data to Equation (4a) will produce the coefficient of CH. One can then obtain MIC, MHC, and MHC/MIC as a function of CB or CH, the density of bacteria or host cells, respectively. For instance, in whole blood, [image: image]. The density of bacteria depends on the degree and location of infection. It ranges from 1 colony-forming unit (CFU/mL) (in blood stream) to 109CFU/mL (in soft tissue or peritonea) [see a recent review (20) and relevant references therein]. Graphs similar to those in Figure 2 or Figure 3 will be beneficial for understanding the activity and selectivity of antimicrobial peptides in varying biological environments.

As pointed out in a number of earlier studies (12, 18–20), the selectivity measured noncompetitively is often much larger than the corresponding competitive one, if the host cell density is much larger than the bacterial cell density. The results in Figure 3 offer a quantitative picture of how the selectivity can be excessively overestimated. It can, however, be corrected, since noncompetitive measurements can be converted into competitive ones. For instance, suppose that noncompetitive measurements led to wB = −16.6kBT, wH = −6.72kBT, [image: image], MIC0 = 1μM, and MHC0 = 5μM, as in Figure 3. In the presence of [image: image] and [image: image] (CB ≪ CH), these parameters choices would lead to the following noncompetitive selectivity: MHC/MIC ≈ 100 (Equation 1 and Figure 3). It can be corrected graphically (Figure 3) or mathematically (Equation 4) into the corresponding competitive selectivity MHC/MIC ≈ 10.

As a final remark, we wish to mention that peptide activity against live cells is time-dependent, as observed in recent experiments (21). Accordingly, the density of bacterial cells, is a dynamic quantity. Furthermore, heterogeneous absorption of peptides in cells was shown to have a nontrivial consequence on population survivability. Because of the stochastic nature of molecular interactions occurring on the cell surface and inside, some cells absorb a large number of peptides (~107-108) (19–21), thus reducing the availability of peptides to the rest and contributing favorably to population survivability (21). Also, the density of peptides can change with time, depending on how fast the host cells produce them (21). It is also influenced by peptide degradation by protease (20, 24). Its effect on peptide activity is similar to what we expect from peptide trapping. Taking into all these known and unknown details goes beyond the scope of what can be done at present. Future considerations are warranted.
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FOOTNOTES

1Here (P/L)H is to be evaluated at the peptide concentration Cp = MIC. As a result, wH in this expression corresponds to (P/L)H smaller than [image: image]. Here we ignore the possible dependence of wH on (P/L)H. For pure-lipid membranes, this dependence can, in principle, be mapped out (13). If we use the final expression in Equation (4a) as a fitting model, this issue becomes irrelevant.

2The origin of the cell-density dependent term in Equation (3) is obvious from the illustration in Figure 1. At the low-cell density limit, Equation (3) is equivalent to saying that

[image: image]

This can be obtained from Equation (A3) in the Appendix. More directly, chemical equilibrium at Cp = MIC0 in the low-cell density limit requires

[image: image]

The second term in each line is the entropic chemical potential of bound peptides in units of kBT (23). The second equality leads to Equation (7), which shows the relationship between the total peptide concentration, i.e., MIC0, and (P/L)H. Equation (7) can readily be solved for (P/L)H:

[image: image]

This is used in the transition from Equations (2A) to (4A).
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APPENDIX

Here we present a Langmuir model of peptide binding [see (23) and the SI of (12)]. Let μB and μH be the chemical potential of bound peptides, and σB and σH their planar density, on the bacterial and host-cell surface, respectively. The planar density is related to P/L through σBaB = (P/L)B and σHaH = (P/L)H. Recall that wB and wH are the peptide binding energy for bacterial and host-cell membranes, respectively. In general, the binding energy depends on the value of P/L mainly through the interaction between bound peptides. In recent studies (13), it was estimated at P/L = (P/L)*. The resulting binding energy can be used to find (P/L)*, i.e., either MIC or MHC.

Let vp be the volume occupied by each peptide in the bulk and Ap the area occupied by each bound peptide on the membrane surface. In the presence of two types of cells, we find

[image: image]

as well as

[image: image]

In equilibrium, μB = μH = μfree. We thus arrive at

[image: image]

[image: image]

In this expression, we eliminated the planar density in favor of P/L. These equations can be solved simultaneously for the two unknowns: (P/L)H and (P/L)B for a given value of Cp. The value of Cp at which [image: image] ([image: image] is an MHC (MIC). If evaluated at P/L*, the last term in Equations A3(a) and (b) is the [image: image] in the low-cell density limit: either MHC0 or MIC0.
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We coupled the antimicrobial activity of two well-studied lactoferricin derivatives, LF11-215 and LF11-324, in Escherichia coli and different lipid-only mimics of its cytoplasmic membrane using a common thermodynamic framework for peptide partitioning. In particular, we combined an improved analysis of microdilution assays with ζ-potential measurements, which allowed us to discriminate between the maximum number of surface-adsorbed peptides and peptides fully partitioned into the bacteria. At the same time, we measured the partitioning of the peptides into vesicles composed of phosphatidylethanolamine (PE), phosphatidylgylcerol (PG), and cardiolipin (CL) mixtures using tryptophan fluorescence and determined their membrane activity using a dye leakage assay and small-angle X-ray scattering. We found that the vast majority of LF11-215 and LF11-324 readily enter inner bacterial compartments, whereas only 1−5% remain surface bound. We observed comparable membrane binding of both peptides in membrane mimics containing PE and different molar ratios of PG and CL. The peptides' activity caused a concentration-dependent dye leakage in all studied membrane mimics; however, it also led to the formation of large aggregates, part of which contained collapsed multibilayers with sandwiched peptides in the interstitial space between membranes. This effect was least pronounced in pure PG vesicles, requiring also the highest peptide concentration to induce membrane permeabilization. In PE-containing systems, we additionally observed an effective shielding of the fluorescent dyes from leakage even at highest peptide concentrations, suggesting a coupling of the peptide activity to vesicle fusion, being mediated by the intrinsic lipid curvatures of PE and CL. Our results thus show that LF11-215 and LF11-324 effectively target inner bacterial components, while the stored elastic stress makes membranes more vulnerable to peptide translocation.

Keywords: antimicrobial peptides, lactoferricin, minimum inhibitory concentration, partitioning, zeta-potential, dye-leakage assay, tryptophan fluorescence, small-angle X-ray scattering


1. INTRODUCTION

The history of research on antimicrobial peptides (AMPs) as promising agents to combat infectious diseases is long and rich in diverse aspects. Studied for about four decades (1), AMPs continue to spur significant research efforts by their ability to discriminate the lipid architecture of cell envelopes, and evade classical resistance mechanisms based on direct molecular (key-lock) interactions, which increasingly limits medical treatments by conventional antibiotics [for review, see e.g., (2, 3)].

AMPs are typically composed of cationic and hydrophobic amino acids making them highly membrane active. Responses of their target membranes depend on the AMPs' physicochemical properties (primary structure, hydrophobic moment, length, etc.) and concentration (partitioning), as revealed from studies on membrane model systems, and include membrane thinning (4), or thickening (5), lipid flip/flop (6) or changes in membrane elasticity (7) at relatively low concentrations. Pore-formation (barrel-stave, toroidal/worm-hole) (8) or changes in membrane topology (9, 10) have been reported at elevated AMP concentrations, eventually leading to complete micellization (11) of the membrane, also known as the carpet model (12). It is increasingly becoming clear, however, that the observed effects strongly depend on the lipid composition of the used membrane mimics and the resulting collective membrane properties (13–15). At the same time, several studies also indicate that AMPs may have intracellular targets (16, 17), which might be coupled to highly specific interactions with cytosolic components and lead to the inhibition of different metabolic or biosynthesis pathways. Such multiple inhibitory processes, however, do not exclude any AMP activity within the bacterial membranes (17).

In order to shed some light on this issue, it would be highly instructive to compare AMP partitioning studies in microbes and artificial lipid-only membranes. However, and to the best of our knowledge, such data are currently not available. Instead, the peptide-to-lipid molar ratio commonly used in lipid-only systems, for example, dye leakage experiments, is about five orders of magnitude lower than in microbial killing assays (2, 18, 19). Estimates based on the surface/volume ratio of bacteria consequently indicate a large number of non-membrane bound peptides per cell (18). This may, however, be strongly biased by not considering cell-surface deformation, vesiculation processes, or extracellular peptide aggregation (16, 20). Reflecting on such controversies, Wimley and Hristova (2) formulated almost 10 years ago several unanswered questions relating to AMP activity studies in model membrane systems and microbes. Answering these questions is often challenged by the different experimental windows and sensitivities of the applied techniques (21). Here, focusing on the lactoferricin derivatives LF11-215 (H-FWRIRIRR-NH2) and LF11-324 (H-PFFWRIRIRR-NH2), we set out to address three of these questions: (i) How are vesicle leakage and microbial killing correlated? (ii) Is membrane binding the sole basis for selectivity? and (iii) Is membrane translocation required for activity?

Derived from human lactoferrin, the peptide lactoferricin and its 11 amino acids fragment LF11 are well-known for their affinity to lipid A and antimicrobial activity (22), with LF11-215 and LF11-324 being among the most promising LF11 derivatives with significantly improved activities against a broad range of Gram-positive and Gram-negative strains (20, 23–25). LF11-215 leads, for example, to a damage of the cell wall of Gram-negative bacteria, including an increased distance between cytoplasmic and outer membranes, membrane ruffling and formation of external blebs (20, 25). The somewhat increased hydrophobicity of LF11-324 was linked to a stronger efficacy in planktonic cultures, but at the same time led to a lower cell specificity (25). Interestingly, LF11-215 was instead reported to be more effective against bacterial biofilms (26), which is probably related to its lower hydrophobicity, facilitating the peptide diffusion within the matrix of microorganisms. Model membrane studies, using selected bacterial lipid species, suggest that both peptides interact preferentially with the negatively charged cardiolipin (CL), inducing a segregation into peptide-enriched and peptide-poor lipid domains (25). Further, LF11-215 and LF11-324 were shown to efficiently kill Escherichia coli, but exhibited at the same time only moderate membrane permeabilization in lipid vesicles consisting of E. coli total lipid extracts even at high peptide-to-lipid ratios, while N-acylated LF11 derivatives showed high activity both against bacteria and lipid-only membranes (20). Further, also effects of LF11-215 and LF11-324 on membranes, such as thinning or stored curvature stress, were rather modest (20). This suggests that the activity of both peptides in cytoplasmic membranes might not be the primary cause for their high efficiency in killing Gram-negative bacteria.

In order to gain some deeper insight in view of the three questions quoted above, we therefore correlated the partitioning of peptides in both bacterial cells and lipid-only systems with their effects on bacterial growth inhibition, membrane permeabilization, and structure, focusing on E. coli as representative strain of Gram-negative bacteria to demonstrate the feasibility of our approach. In particular, we exploited a thermodynamic framework that allowed us to relate the total number of AMPs located within bacteria at the minimum inhibitory concentration (MIC) to the membrane-bound fraction, combining a standard microbiological assay with ζ-potential measurements. The same theoretical framework was also applied to different lipid-only mimics of bacterial cytoplasmic membranes to determine the partitioning of the peptides and their membrane associated effects as a function of lipid composition, combining Trp fluorescence and dye leakage assays with small-angle X-ray scattering (SAXS). In agreement with previous studies, we find that LF11-324 is more active against E. coli than LF11-215 (20, 25). Performing our studies as a function of cell density, it has been further demonstrated that this difference in activity is enhanced at elevated cell concentrations, but also that the number of cell-associated AMPs at the MIC is about 4 times lower for LF11-324, while the number of surface-bound AMPs is about equal within the error of our experiments. At the same time, however, our results provide evidence that the vast majority of both peptides (up to 95−99%) are located in intracellular compartments. A slightly (~ 1.3 times) higher membrane partitioning of LF11-215 was observed in lipid mixtures of palmityol-oleoyl-phosphatidylethanolamine (POPE), palmitoyl-oleoyl-phosphatidylglycerol (POPG), and tetra-oleoyl-cardiolipid (TOCL), which most closely mimic E. coli cytoplasmic membrane, while differences in peptide partitioning into POPE/POPG membrane mimics were negligible. The overall partition process of AMPs into these systems plateaued after 10−20 min. Pure POPG bilayers instead showed instantaneous uptake of the peptides, but disparate partitioning for LF11-215 and LF11-324. Dye leakage experiments in turn showed intriguing effects. While pure POPG membranes followed typical permeabilization behavior [see, e.g., (27)] and showed the highest peptide partitioning coefficient, POPE/POPG and POPE/POPG/TOCL vesicles exhibited a maximum leakage at low peptide concentration, followed by a decrease of permeabilization upon further addition of peptide. Using dynamic light scattering (DLS) and SAXS, we were able to attribute this effect to the formation of large aggregate structures containing collapsed lipid membranes, sandwiching the peptides, and capable of encapsulating the dyes. No aggregates with collapsed lipid bilayers were formed for POPG. While the initial formation of the collapsed bilayers was most rapid for TOCL-containing membranes (within 30 s), the overall process including a relaxation was slower and occurred over the course of ~ 2 h.



2. MATERIALS AND METHODS


2.1. Samples
 
2.1.1. Lipids, Peptides, and Chemicals

POPE, POPG, and TOCL were purchased from Avanti Polar Lipids (Alabaster, AL) as powder (purity >99%), and freeze-dried LF11-215 and LF11-324 (purity >95%) were obtained from PolyPeptide Laboratories (San Diego, CA). ANTS (8-aminonaphthalene-1,3,6-trisulfonic acid, disodium salt) and DPX (p-xylene-bis-pyridinium bromide) were purchased from Molecular Probes (Eugene, OR) and dimethyl sulfoxide (DMSO) from Sigma-Aldrich (Vienna, Austria). HEPES (purity >99.5%) and LB-agar and LB-medium (Luria/Miller) powders were purchased from Carl Roth (Karlsruhe, Germany). All other chemicals were obtained from Sigma-Aldrich (Vienna, Austria) in pro analysis quality.



2.1.2. Bacterial Suspensions

Colonies of E. coli K12 5K (courtesy of Günther Koraimann, University of Graz) were grown in LB-agar plates at 37°C. Overnight cultures (ONCs) were prepared by inoculating a single colony in 3 ml LB-medium in sterile polypropylene conical tubes (15 ml), enabling bacterial growth under aerobic conditions for 12−16 h in a shaking incubator at 37°C. Main cultures were prepared by suspending an aliquot of the ONCs in 10 ml LB-medium in sterile polypropylene conical tubes (50 ml) and harvested in the middle of the exponential growth phase. Bacteria were then immediately washed twice and re-suspended in nutrient-free and isotonic phosphate-buffered saline (PBS) solution (phosphate buffer 20 mM, NaCl 130 mM) at pH 7.4. Bacterial concentration was measured via turbidity measurements. The optical density at λ = 600 nm (OD600) was acquired with the spectrophotometer Thermo Spectronic Genesys 20 (Thermo Fisher Scientific, Waltham, MA), where OD600 = 1 corresponds approximately to 8 ×108 CFU/ml (where CFU is colony forming units).



2.1.3. Lipid Vesicles

Lipid stock solutions for sample preparation were prepared in organic solvent chloroform/methanol (9:1, vol/vol) and phosphate assayed for quantification of lipid content (28). Lipid thin films for SAXS measurements were prepared by mixing appropriate amounts of lipid stock solutions to obtain samples composed of POPE/POPG (3:1, mol/mol) and POPE/POPG/TOCL (82:6:12, mol/mol) followed by solvent evaporation under a nitrogen stream at 35°C and overnight storage in a vacuum chamber. Dry lipid films were hydrated in HEPES-buffered saline (HBS) solution (10 mM HEPES, 140 mM NaCl, pH 7.4).

All hydrated samples were equilibrated for 1 h at 40°C followed by 5 freeze-and-thaw cycles using liquid N2 and intermittent vortex-mixing. Large unilamellar vesicles (LUVs) were obtained by 31 extrusions with a handheld mini extruder (Avanti Polar Lipids, Alabaster, AL) using a 100 nm pore diameter polycarbonate filter. Vesicle size and polydispersity were determined via DLS using a Zetasizer NANO ZSP (Malvern Panalytical, Malvern, UK). ANTS/DPX-containing vesicles were separated from free ANTS/DPX by exclusion chromatography using a column filled with SephadexTM G-75 (Amersham Biosciences, Little Chalfont, UK) fine gel swollen in iso-osmotic HBS. Phospholipid concentrations for all samples were determined by phosphate analysis.



2.1.4. Peptides

Peptide stock solutions of LF11-215 and LF11-324 were prepared in PBS solution for bacteria and HBS solution for lipid vesicles. Due to the weak solubility of LF11-324 in buffer, AMP stock solutions were prepared by adding acetic acid and DMSO, up to 0.3% and 3% vol/vol, respectively. Prior to each measurement, the concentrations of such compounds were systematically lowered down to 0.01% acetic acid and 0.1% vol/vol DMSO (final pH 7.2), in order to minimize, or even remove, any effect on the membrane structure (29). AMP concentrations of the stock solutions were determined by comparing against the absorption band of the aromatic amino acids with the spectrophotometer NanoDrop ND-1000 (Thermo Fisher Scientific, Waltham, MA). Peptide stock solutions were stored in silanized glass tubes until use.




2.2. Methods
 
2.2.1. Microdilution Assay

The antimicrobial activity of the AMPs on E. coli was tested using a modified susceptibility microdilution assay (30) in the bacterial concentration range of 5 × 105 to 109 CFU/ml. Bacterial suspensions were incubated at a given AMP concentration for 2 h at 37°C (control samples were incubated in buffer only). Then, cell growth was monitored upon addition of double concentrated LB-medium for about 20 h using a Bioscreen C MBR (Oy Growth Curves Ab, Helsinki, Finland).

Data were analyzed assuming that the AMP-induced delayed bacterial growth is entirely due to a lower number density of survived cells, which is supported by the observation that the growth rate in the exponential phase does not depend on peptide concentration (Supplementary Figure 1A), i.e., the growth of the viable fraction of cells is similar to bacterial growth in absence of AMPs. This allowed us to quantify the number density of surviving bacteria from the onset of the exponential growth via the relation Δtexp = a + blog(ncell), where a and b were obtained from a calibration curve in absence of AMPs (Supplementary Figure 1B). Then, the inhibited bacterial fraction [image: image] was calculated for different values of peptide concentration, [P], and of bacterial number density of the control sample, [image: image]. Following the so-called “equi-activity” analysis (27, 31), we further interpolated IF using a Gompertz function, which enabled us to derive inhibitory peptide concentrations ICx, where x is the corresponding inhibited bacterial fraction (Supplementary Figure 1C). By convention, the standard MIC is defined at inhibition levels of 99.9%, i.e., IC99.9 ≡ MIC. Additional control experiments were performed in order to test whether DMSO and acetic acid, used in buffer solutions of both peptides (see above), affect bacterial growth. In particular, the microdilution assays were repeated with LF11-215 dissolved in pure PBS, yielding equivalently delayed onsets of bacterial growth. This suggests that DMSO and acetic acid at low concentrations used in this study do not significantly affect our derived MIC and ICx-values.



2.2.2. Size and ζ-Potential Measurements

DLS and ζ-potential measurements were carried out with a Zetasizer Nano ZSP (Malvern Panalytical, Malvern, UK). E. coli suspensions were incubated with a given AMP concentration at 37°C for 1 h prior to each measurement. The used AMP concentrations were centered at the MIC values, and ranged from about 0.2 × to 2.5 × MIC. Control samples (no AMPs) were suspended and incubated in buffer alone. A concentration of 107 CFU/ml was found to provide the optimal compromise between high signal-to-noise ratio and low multiple-scattering bias. Because of the high conductivity of PBS, the electrode voltage was set to 4 V for ζ-potential measurements to keep currents below 1 mA. Further, measurements were paused for 180 s between individual runs. This prevented Joule heating leading to sample denaturation and electrode blackening. Experiments were repeated three times on different preparations, each consisting of at least six measurements. Reported ζ-potential values are given by the median of the corresponding measurements (i.e., from at least 18 values) and errors were derived using the median absolute deviations.



2.2.3. Leakage

Dye leakage experiments were performed combining previously reported protocols (20, 27). In brief, the dependencies of ANTS/DPX leakage on lipid and peptide concentration were determined by first incubating lipid vesicles ([L] = 1, 4, 10, and 20 mM) with peptides [[P] = (0.025−2) mM] at 37°C for 1 h using a gently rocking shaker (Eppendorf Thermomixer C, Hamburg, Germany). Similar time protocols were applied previously (27) and are justified here based on separate time-resolved leakage experiments (Supplementary Figure 3) and Trp-fluorescence measurements (Figure 3), showing that a quasi steady state has been reached after 1 h. Before measurements, lipid/peptide solutions were diluted with HBS to a lipid concentration of 50 μM, and every measurement was repeated at least twice. Vesicle size was checked after each incubation period using DLS. Samples were excited at λ= 360 nm, and the intensity of the fluorescence emission peak at λ= 530 nm, Ip, was recorded with a slit width of 10 nm for both excitation and emission monochromators. Measurements were performed in quartz cuvettes in 2 ml of the iso-osmotic buffer on a Cary Eclipse Fluorescence Spectrophotometer (Varian/Agilent Technologies, Palo Alto, CA). The percentage of leakage, E%, was calculated according to the relation

[image: image]

where Imin is the initial fluorescence without peptide, and Imax is the fluorescence corresponding to 100% leakage determined through the addition of a 1 vol% solution of Triton X-100. The initial, monotonic increase of E% values with increasing [P] was interpolated with a sigmoidal function. This enabled us to obtain peptide and lipid concentrations leading to a specific E% value, which can in turn be used to calculate the partitioning parameters (see section 2.3.1).



2.2.4. Tryptophan Fluorescence

Fluorescence emission from Trp, present in both peptides, was measured with the Cary Eclipse Fluorescence Spectrophotometer, setting the excitation wavelength to λ= 280 nm, which corresponds to the maximum intensity of the Trp absorption/excitation band. Intensities of exciting and emitting light were adjusted by setting the slit widths of both incident and outgoing beam to 5 or 10 nm, depending on the emission intensity, in order to optimize the signal-to-noise ratio. Emission spectra were background-subtracted to remove contributions originating from the instrument's baseline and scattered light from vesicles. All samples were measured in HBS at 37°C using a quartz cuvette, with a magnetic stirrer to prevent sample sedimentation in the case of aggregation. LUVs ([L] = 100 μM) were mixed with peptides ([P] = 2 and 4 μM), recording fluorescence spectra at various post-mixing time intervals ranging from 0.5 to 60 min. Peptide solutions were measured at concentrations of 2, 3, and 4 μM in order to calibrate their intensity dependence in buffer.

The fluorescence emission band was fitted with the log-normal-like function (32, 33)

[image: image]

where λmax and I0 are, respectively, wavelength and intensity of the emission peak; Γ is the full-width-at-half-maximum (FWHM) of the band; α is a skewness parameter (fixed at an optimum values 1.36 after testing); and y = α/(α2 − 1). Spectra from mixtures of LUVs and peptides were analyzed with a linear combination of two independent bands IW and IB, referring to AMPs in bulk (W) and partitioned into the lipid bilayer (B). λW and ΓW were fixed to the reference values obtained by analyzing spectra from pure AMPs. Instead, [image: image], [image: image], λB, and ΓB were adjustable parameters. The so obtained set of [image: image] values was converted to the concentration of dissociated peptides [P]W and further analyzed for peptide partitioning as detailed in section 2.3.1.



2.2.5. Small-Angle X-ray Scattering (SAXS)

SAXS experiments were performed at the highflux Austrian beamline at Elettra Synchrotron in Trieste, Italy (34) using a photon energy of 8 keV. SAXS patterns were recorded using a Pilatus 1 M detector (Dectris, Baden-Daettwil, Switzerland) in the q-range from 0.1 to 5 nm−1, and further processed with FIT2D (35). A custom-build cell, termed “nanodrop,” was used, allowing for precise measurements of very small volumes (10 μl) (36). Measurements were performed at a lipid concentration of 20 mg/ml (24.5−27.9 mM depending on the used membrane mimic) at 37°C. Lipids and peptides were mixed using an automatic sample changer and automatically injected into the nanodrop cell immediately after mixing. Peptide kinetics were measured starting 30 s after lipid-peptide mixing with an acquisition time of 1 s and a rest time of 10 s.

For the end-states, lipids mixed with peptides were incubated at 37°C for at least 4 h. These samples were measured using 12 frames of 10 s exposure each and a rest time of 12 s. Data were analyzed based on Bragg peak positions only. Using Bragg's law, the reported d-spacing values are simply given by d = 2π/qh, where qh is the peak position.




2.3. Data Analysis
 
2.3.1. Partitioning Equations for Lipid and Bacterial Systems

Following a previously reported thermodynamic formalism for the partitioning of peptides into lipid bilayers (37), based on the free energy of transfer of molecules from water into octanol (38), we define the mole fraction partitioning coefficient, K, as

[image: image]

where [P]B is the molar concentration of peptides partitioned into the lipid phase; [P]W is the peptide concentration in the water phase; and [L] and [W] are, respectively, the molar concentrations of lipids and bulk water (55.5 M at 25°C and 55.3 M at 37°C). The approximation for K (Equation 3) is obtained applying [W]≫[PW] and [L]≫[PB] (similarly, the concentration of ions in water, i.e., buffer solutions, is negligible compared to [W]). By definition, the total concentration of peptides is [P] = [P]W + [P]B, thus leading to

[image: image]

where RB = [P]B/[L].

An analogous approach can be applied to cells (39), replacing the lipid membrane with a so-called “cell phase,” i.e., treating bacteria as a homogeneous medium consisting of all cell compartments accessible to the peptides. Then, similarly to Equation (3), the mole fraction partitioning coefficient, KC, of peptides in bacterial cells is defined as

[image: image]

where [X] is the total molar concentrations of all molecular species within the cell phase, including cytoplasmic water. This leads to

[image: image]

Furthermore, [P]B and [X] can be expressed as a function of the cell number density ncell:

[image: image]

where NB is the absolute number of partitioned peptides per single cell, NA is Avogadro's constant, and NX, in analogy to [X], represents the number of molecules that constitute the accessible compartments of a single cell. The combination of Equations (6) and (7) gives:

[image: image]

Since NX is inaccessible, we thus define the effective partitioning coefficient [image: image] as measurable quantity.



2.3.2. Estimating the Maximum Number of AMPs Adsorbed to the Bacterial Surface

Remembering that ζ-potential values are sensitive only to the charges exposed to the outside of any particle, including bacteria, we can obtain upper boundaries for the number of surface adsorbed peptides. Given the high abundance of lipopolysaccharides (LPS) in the outer leaflet (about 70–90 vol%) of Gram-negative bacteria, as compared to other charged lipid species such as PG and CL (<2 vol%) and membrane proteins (7–20 vol%) (40), it is justified to assume that LPS dominates the surface potential of E. coli. Then, following considerations put forth for peptides partitioning in liposomes (31, 41), the ratio of ζ-potential values in the presence and absence of AMPs is

[image: image]

where (σ, σ0) and (S, S0) are the corresponding surface charge densities and cell surface areas, respectively. Further, [image: image] is the initial number of LPS molecules in the outer leaflet, with a nominal charge zLPS ≃ −6 (42); NP is the number of surface adsorbed AMPs of nominal charge zP ≃ +5 (20); and [image: image] considers anionic lipids that translocate into the outer leaflet due to AMP activity (3, 6, 18). This term also accounts for a possible loss of LPS molecules in the outer leaflet due to vesiculation processes (25). Note that Equation (9) is only valid for |ζ| ≤ 25 mV, in which range ζ ∝ σ (43). Equation (9) also assumes that the position of the slipping plane is not significantly altered upon the addition of peptides. Rearranging Equation (9) leads to

[image: image]

which is physically meaningful only if

[image: image]

This leads to two extreme cases, the first one being the maximum “charge scrambling”

[image: image]

leading to [image: image], i.e., complete dissociation of peptides from the bacteria, which is physically not realistic. The second limiting scenario is given by [image: image], i.e., bacteria retain their original surface exposure of LPS, which yields, upon insertion into Equation (10),

[image: image]

where [image: image] is the upper boundary of surface adsorbed peptides. Moreover, this assumes S/S0 ~ 1, which may be contradictory to previously observed bacterial cell shrinking in the presence of AMPs [see, e.g., (44)]. However, it can be justified in view of our goal to obtain an estimate the upper boundary values for [image: image]. [image: image] can be estimated using [image: image], where ALPS ≃ 1.6 nm2 (45, 46) is the lateral area per LPS molecule and S0 is supplied by size measurements. The prefactor originates from considering a maximum surface coverage of 90% by LPS molecules (40). For example, using DLS, we measured a hydrodynamic diameter of E. coli K12 2RH = 980 ± 30 nm, from which we calculate [image: image] nm2, approximating the bacteria's shape with a cylinder of radius r and length l using [image: image] and r ~ 400 nm (47). This yields [image: image].





3. RESULTS


3.1. Antimicrobial Activity and Partitioning in Bacterial Systems
 
3.1.1. Efficacy and Partitioning

We started our analysis of peptide activity in E. coli with measuring a range of inhibitory concentrations, including the MIC, by means of a slightly modified susceptibility assay, and for different bacterial concentrations. An example using LF11-324 is reported in Figure 1A, showing different ICx values as a function of ncell (note that in these bacterial suspensions 1 CFU corresponds to one single cell).


[image: Figure 1]
FIGURE 1. (A) Selected ICx-values of LF11-324 related to different inhibited fractions (see legend) as a function of ncell. Lines represent best fits using Equation (8). (B) Dependence of minimum inhibitory concentration (MIC) on the cell number density for LF11-215 and LF11-324, including best fits using Equation (8) (straight lines). The inset displays the same data on logarithmic scale.


The partitioning formalism, described in section 2.3.1, was used to fit the linear increase of ICx with cell concentration (Figure 1A) (LF11-215 data not shown). Also the MIC values increased linearly with cell concentration (Figure 1B), but more rapidly for LF11-215; results at n ≃ 5 × 105 CFU/ml are consistent with previous reports (20, 25). At low concentrations, [image: image] ml−1, [P] ≈ [P]W, explaining the apparent plateau in the semi-log plot at low bacterial densities (see inset in Figure 1B). In this regime, the number of peptides dispersed in buffer dominates the total AMP amount. At high concentrations, instead, i.e., [image: image], most of AMPs partition into the cell volume; thus [P] ≈ [P]B.

Finally, results for NB and Keff from our thermodynamic analysis are shown in Figures 2A,B. About four times less LF11-324 is needed to bind to the cells compared to LF11-215 in order to induce full growth inhibition (Figure 2A). Interestingly, this is not related to the affinity of the AMPs to the cell (see Figure 2B), as LF11-215 exhibits ~2-fold higher Keff values over the whole range of inhibited fractions. Further, Keff slightly decreases as a function of inhibited fraction for both AMPs, suggesting that the likelihood of interactions with cells becomes lower the more AMPs are added to the system.


[image: Figure 2]
FIGURE 2. Dependence of the total number of antimicrobial peptides (AMPs) partitioned into E. coli (A), as well as the effective partitioning coefficient (B) on the inhibited bacterial fraction; lines are a guide to the eyes. (C) Variation of ζ-potential with peptide concentration [normalized by the respective minimum inhibitory concentrations (MICs)]. The lines mark the average, constant ζ-values from [P] = 0.3 × MIC to 2.5 × MIC for LF11-215 (green dashed line) and LF11-324 (red dotted line). (D) Upper boundaries of the ratio of surface-adsorbed to cell-partitioned AMPs as a function of inhibited fraction. Color-shaded areas represent confidence intervals; lines are guides to the eyes.




3.1.2. Outer Leaflet Distribution of AMPs

The distribution of charged AMPs on the outer leaflet of the outer cell membrane was interrogated by analyzing ζ-potential data. Unfortunately, the “equi-activity” approach (31) was not applicable, because ζ-potential differences from the control systems were weak in magnitude and constant over a wide range of [P] around the MIC values (Figure 2C). Nevertheless, the maximum number of peptides partitioned in the outer bacterial surface, [image: image], can be estimated to be in the order of 106 AMPs for both LF11 molecules. [image: image] (corresponding to about one peptide over 2–3 LPS molecules) is rather constant in the concentration range of 0.3 × to 2.5 × [MIC], suggesting that the cellular surface is already saturated with peptides in the sub-MIC range. In addition, [image: image] can be compared with the total number of peptides per cell, NB. The ratio [image: image] as a function of the inhibited fraction, and hence of the peptide concentration, is displayed in Figure 2D. We found [image: image] 25% at the lowest measured inhibited fraction, followed by a decrease of about 1 and 5% at the MIC of LF11-215 and LF11-324, respectively.




3.2. Effects in Cytoplasmic Membrane Mimics

In order to compare the growth inhibition of E. coli by LF11-215 and LF11-324 with their membrane activity, we prepared 100 nm sized LUVs of three different cytoplasmic membrane mimics, pure POPG, POPE/POPG (3:1 mol/mol), and POPE/POPG/TOCL/ (82:6:12 mol/mol/mol), all of which are frequently used in biophysical studies on the mode of action of AMPs [see e.g., (15, 48–50)]. Out of these systems, POPE/POPG/TOCL/ (82:6:12 mol/mol/mol) most closely resembles the natural lipid composition of E. coli inner membranes (51).


3.2.1. Tryptophan Fluorescence

We first measured the partitioning of the two peptides using Trp fluorescence. The emission spectra of the single Trp residue of LF11-215 and LF11-324 exhibited in buffer a band with λW ≃ 354 nm and ΓW ≃ 65 nm [see e.g., Figure 3A]. This is in agreement with the emission maximum of Trp exposed to a polar environment (52). When peptides were added to the LUVs, the Trp emission bands exhibited a blue-shift regardless of lipid composition and peptide type (example in Figure 3A). The analysis of the spectra (see example in Figure 3B and details in section 2.2.4) enabled us to derive the kinetics of AMPs partitioning into the different bilayers. For all membranes, the fluorescence signal from the partitioned AMPs exhibited values of λB ≃ (331 − 335) nm and ΓB ≃ (49 − 54) nm, indicating an average location of the Trp residues within the hydrophobic region of the lipid bilayer (52). CL-containing systems displayed broader bands, ΓB ≈ 65 nm, after 20−30 min of incubation, probably due to a heterogeneous distribution of Trp locations within the bilayers (33). Speculating that this might be related to supramolecular structural changes, we performed DLS after 60 min of incubation. Indeed, we observed large aggregate structures, for POPE/POPG/TOCL samples, but also for POPE/POPG in presence of 4 μM LF11-324 (see Supplementary Figure 2A and Table 1). We note, however, that the derived AMP partitioning data are not directly linked to such morphological changes. Overall, CL and LF11-324-containing samples showed the highest propensity to form aggregates, whereas POPG LUVs remained intact under present conditions.


[image: Figure 3]
FIGURE 3. Peptide partitioning from Trp fluorescence experiments. (A) Example of Trp emission-band kinetics. The arrow indicates the decrease in intensity and blue-shift as a function of time. (B) Example of spectral analysis (POPE/POPG [L] = 100 μM, LF11-215 [P] = 4 μM); red line: best fit; blue dashed line: emission from antimicrobial peptides (AMPs) in suspension; green dotted line: emission from AMPs partitioned into the membrane. The arrows mark the different λmax values. (C,D) Adsorption kinetics for LF11-215 and LF11-324, respectively, for three different membrane mimics. (E,F) Kinetics of the partitioning coefficient K for LF11-215 and LF11-324, respectively, for three different membrane mimics.



Table 1. Partitioning parameters calculated from the spectral analysis of the Trp emission band for LF11-215 and LF11-324.

[image: Table 1]

Table 1 reports results of the AMP partitioning analysis (see section 2.1) after 60 min of incubation with the peptides, and the temporal evolution of these parameters for [P] = 4 μM is shown in Figures 3C–F. Both peptides quickly achieve stationary RB and K values in POPG LUVs (within 30 s), but the amount of adsorbed LF11-215 is three times higher than for LF11-324. In PE-containing bilayers both peptides instead exhibited similar adsorption and partitioning kinetics, with an increase over the first 10-20 min before reaching stable values. Both peptides showed, however, a higher affinity to POPE/POPG/TOCL membranes than to POPE/POPG. In contrast, at lower peptide concentration (2 μM), this effect was not observed (Table 1). In this case, the parameters derived from the partitioning analysis including POPG did not depend on whether LF11-215 or LF11-324 was added.



3.2.2. Leakage

To test the permeability of the three membrane mimics, we investigated the dye efflux from LUVs after incubation with LF11-215 at various lipid-to-peptide ratios. This allowed us to pursue the effect of peptides at a physiological temperature, where all lipid systems are in the fluid phase, up to very high lipid concentrations typically used in small angle scattering experiments ([L] ~20 mM). Figures 4A–C display leakage percentages as a function of [P] for different concentrations of POPG, POPE/POPG, and POPE/POPG/TOCL systems. In all three systems, substantial leakage seemed to coincide with the formation of larger structures, as corroborated with DLS measurements (see example in Supplementary Figure 2B). Indeed, the transformation from unilamellar vesicles to larger aggregates (marked as a gray, shaded areas in Figures 4A–C) depends on the overall lipid and peptide concentrations, and coincides with a leakage of 15−20%, and [P] ≤ 1 mM for POPG and [P] ≤ 0.25 mM for PE-containing systems. Interestingly, while POPG LUVs showed a sharp, sigmoidal increase of leakage up to 100%, PE-containing systems exhibited a maximum at a certain peptide-to-lipid ratio, followed by a leakage decrease and, most likely, a stabilization at higher [P] values. POPE/POPG vesicles, in particular, resulted in a relatively low total efflux ≤ 40%. In analogy with the equi-activity analysis used for the susceptibility assay, leakage curves where exploited to calculate the partitioning parameters (27). The peptide concentrations needed to induce leakage E% at a given [L] were all fitted with Equation (4), demonstrating that in these ranges of [P] and [L], the partitioning characteristic are alike, regardless of transitions from a unilamellar system to more complex lipid aggregates. Fitting results are shown in Table 2. POPG samples seem to require a high number of LF11-215 per lipid in order to achieve leakage, showing the highest RB and K values, which increase along with higher leakage, and with a rather constant [P]W. This means that at [L]≃20 mM, > 90% of peptides are partitioned into the lipid phase. Leakage from PE-containing systems instead needs less AMPs per lipid (see Table 2), with a maximum amount of partitioned AMPs of <80% for [L]≃20 mM.


[image: Figure 4]
FIGURE 4. LF11-215 induced permeabilization of LUVs composed of POPG (A), POPE/POPG (B), and POPE/POPG/TOCL (C) at different lipid concentrations (see legend). A sigmoidal function was used to interpolate the initial leakage increase, whereas lines describing the following decrease (B,C) are just guides to the eyes. Gray-shaded areas indicate regimes where the formation of large aggregates was not detected. (D–F) Analysis of peptide induced ANTS/DPX leakage (see legend) in terms of Equation (4) (straight lines) for the different membrane mimics. For result, see Table 2.



Table 2. Partitioning parameters for LF11-215, resulting from the leakage assay analysis of three differently composed LUVs (see also Figure 4).

[image: Table 2]



3.2.3. SAXS

We performed SAXS experiments to investigate structural changes in membrane mimics induced by the peptides. Vesicles composed of POPG, POPE/POPG, and POPE/POPG/TOCL without AMPs (reference systems) as well as end-states at a lipid-to-peptide ratio of 1:25 measured 4 h after lipid-peptide mixing are shown in Figures 5A,B for LF11-215 and LF11-324, respectively. All reference systems showed purely diffuse scattering patterns originating from positionally uncorrelated lipid bilayers, as expected for LUVs. In the case of POPG liposomes, after addition of either peptide, a shift of the first minimum at q ~ 2.8 nm−1 can be observed, which could originate from a thinning of the membrane. Most pronounced for PE-containing mimics, the measurements after peptide mixing showed a small, but clearly discernible positional correlation peak at q ~ 1.1 − 1.3 nm−1 in addition to a significant diffuse scattering pattern; a similar feature—but much less expressed—was also observed for POPG in the presence of LF11-215. The diffuse scattering of POPE/POPG and POPE/POPG/TOCL mixtures in the presence of both peptides showed an additional modulation at q ~ 2 nm−1. This feature might originate from a preferential enrichment of AMPs in one leaflet or the formation of thin peptide-enriched domains. Clarification of the underlying structures would require dedicated experiments using neutron scattering combined with contrast variation and computational modeling [see e.g., (49)]. This is, however, beyond the scope of the present study. Instead, we focused on the evolution of the correlation peak in case of LF11-215 using time-resolved SAXS (Figure 6). For the PE-containing samples, especially in the case of POPE/POPG/TOCL, addition of peptides led to a rapid precipitation of the sample, which reduced the amount of sample being hit by the X-ray beam. This explains the increased noise of scattering data at longer times. For liposomes consisting of pure POPG, only the final pattern contained a weak feature of a positional correlation peak. In turn, TOCL-containing membrane mimics showed the onset of peak formation already 30 s after mixing, while this was slightly delayed to about 5 min in POPE/POPG. The d-value, derived directly from the peak position, exhibited a non-monotonic behavior over time in both POPE/POPG and POPE/POPG/TOCL mimics (Figure 6D), showing first a decrease and subsequent increase over several minutes after peptide addition. During this equilibration process, the d-values of POPE/POPG were always larger than those of POPE/POPG/TOCL mixtures, with a difference of ~0.1 nm in the end-states. Interestingly, final d-values of both PE-containing mixtures were even lower in the presence of LF11-324 (POPE/POPG: d = 5.12 nm and POPE/POPG/TOCL: d = 5.07 nm). This could stem either from a pronounced membrane thinning or/and different penetration depths of the peptides within the bilayer (see section 4). Notably, the time scale of the related equilibration process is much longer (hours) than peptide adsorption (minutes) (see Figure 3).


[image: Figure 5]
FIGURE 5. SAXS patterns of POPG, POPE/POPG, and POPE/POPG/TOCL before and after 4 h after incubation with (A) LF11-215 and (B) LF11-324 (end-states) at [P]/[L] = 1:25, corresponding to [L] = (24.5−27.9 mM) and [P] ~ 1.1 mM.



[image: Figure 6]
FIGURE 6. LF11-215-induced structural kinetics as observed in the evolution of SAXS patterns of (A) POPG, (B) POPE/POPG, and (C) POPE/POPG/TOCL; [P]/[L] = 1:25, corresponding to [L] = (24.5–27.9 mM) and [P] ~ 1.1 mM. Panel (D) shows the changes in d-spacing over time for POPE/POPG and POPE/POPG/TOCL with LF11-215, as well as end-states (ES) for LF11-215 and LF11-324 measured after 4 h of system equilibration.






4. DISCUSSION

We exploited a common thermodynamic framework for the partitioning of antimicrobial peptides to bridge the activities of LF11-215 and LF11-324 in E. coli and different lipid-only mimics of their cytoplasmic membranes. In the case of bacteria, this was achieved by evolving a susceptibility microdilution assay for the antimicrobial activity of the two AMPs. This yielded more accurate results (confidence < 3%) than standard MIC evaluations over a broad range of cell concentrations. In particular, we found MICLF11-215 = (13.7 ± 0.4) μM and MICLF11-324 = (11.1 ± 0.6) μM at [image: image] CFU/ml [in agreement with (20, 25)] increasing linearly up to MICLF11-215 = (158 ± 2) μM and MICLF11-324 = (57 ± 2) μM at [image: image] CFU/ml. The higher antimicrobial efficacy of LF11-324 was conserved for all measured cell concentrations and extended also to lower growth-inhibited fractions at decreased AMP concentrations. Intriguingly, LF11-324 showed a lower partitioning coefficient than LF11-215, suggesting energetically less-favored interaction with cells, despite its higher efficacy. Combing these data with ζ-potential measurements further allowed us to obtain an upper boundary for the surface adsorbed AMP fraction. Strikingly, we found that both lactoferricin derivatives bind about equally to the microbial envelope, but constitute only a minor fraction of the total number of AMPs interacting with the bacteria. That is, at the MIC only 1−5% of AMPs are surface bound, and even at bacteria inhibition levels of 10% only ~ 5% (LF11-215) to ~ 18% (LF11-324) of the cell associated peptides do not enter inner compartments (Figure 2). Consequently, both peptides target mainly inner bacterial components.

Partitioning of LF11-215 and LF11-324 in lipid membrane mimics was instead investigated using Trp fluorescence and ANTS/DPX leakage. While the first technique quantifies the actual number of partitioned peptides per lipid, the second provides the number of adsorbed AMPs leading to a specific dye-efflux. Trp fluorescence revealed a faster and stronger partitioning into POPG membranes than into PE systems in the case of LF11-215, whereas LF11-324 showed the lowest adsorption and partitioning into POPG. Based on pure electrostatic interactions of anionic POPG and cationic residues, which are identical for both peptides, this appears counterintuitive. It can be understood, however, considering that the amphipathic moment of both LF11 peptides is normal to the membrane plane, with the aromatic amino acids of the N-terminal inserted into the hydrophobic core of the membrane, and the Arg-rich section of the amidated C-terminal interacting with the lipid head-groups and exposed to the solvent as reported from previous studies on this family of peptides (25, 53). Indeed, our fluorescence data show that the Trp side chain is segregated into the apolar environment of the bilayer, hence suggesting that the protonated amino group of the N-terminal lies in the same region. Consequently, the positively charged N-terminus of LF11-324 needs, because of the additional Phe and Pro residues, to insert deeper into the hydrophobic core of the bilayer and thus further away from the anionic PG than in the case of LF11-215, leading to an unfavorable configuration. In the case of PE-containing mixtures, such electrostatic interactions are less pronounced; moreover, peptide-induced domain formation, as previously observed for CL-containing mixtures in the presence of LF11 derivatives (20, 25), may facilitate peptide insertion due to packing defects at domain boundaries [see e.g., (54)]. Hence, POPE/POPG and POPE/POPG/TOCL mixtures are thus more reliable mimics of E. coli inner membranes than pure POPG. Moreover, the approximate similar adsorption of both peptides (Figures 3C,D) resembles roughly the findings in E. coli (Figure 2D), thus suggesting that these mimics are also first-order proxies to peptide partitioning into outer membranes, despite the lack of LPS.

Dye leakage experiments for PE-containing mimics showed an effect that, to the best of our knowledge, has not been reported before. Upon raising peptide concentration, we observed an initial increase of dye-efflux, peaking at relatively low peptide concentrations, followed by a subsequent decrease of permeabilization upon further addition of peptide (Figures 4A–C). POPG vesicles in contrast showed a typical pure sigmoidal increase of permeabilization [see e.g., (27)], but required significantly higher peptide concentrations than in other mixtures, which aligns with our above discussion on competing electrostatic interactions of the charged N-terminus with PG headgroups. Moreover, DLS experiments revealed that significant leakage was always associated with the formation of large aggregates, independent of the lipid membrane mimic (i.e., also for pure POPG). The intricate entrapment of dyes in POPE/POPG and POPE/POPG/TOCL membranes at increased levels of AMP concentration can be rationalized considering our SAXS data. Here all three lipid mixtures, with the exception of POPG in the presence of LF11-324, showed the formation of a weak Bragg peak (Figure 5), signifying the presence of a minor fraction of positionally well-correlated aggregates.

While a sole correlation peak does not enable a conclusion about the specific supramolecular structure, it is still possible to derive d-spacing values from the peak positions, which can be connected to previous studies on peptide-induced multibilayer systems with collapsed interbilayer distance (10). Consider first POPE/POPG (3:1 mol/mol) and its steric bilayer thickness, which has been previously determined with high accuracy to be ~ 4.7 nm (49). The final d-values for this system after addition of LF11-215 and LF11-324 were 5.53 and 5.12 nm. This suggests that the Bragg peaks originate from lamellar aggregates with almost completely collapsed bilayers, most likely only separated by the steric size of peptides partially inserted into the membranes. Thus, the lower d-value observed for LF11-324 suggests pronounced membrane thinning as a result of a stronger perturbation of the membrane, which could be due to the bigger size of the peptides' hydrophobic patch, leading to stronger disordering effects within the hydrocarbon chain region.

For TOCL containing mixtures, we found slightly lower final d-values for both peptides, but again more pronounced for LF11-324 (Figure 6D). Since we do not have any reference data on the steric thickness of POPE/POPG/TOCL (82:6:12 mol/mol/mol) bilayers, this might be due to either differences in membrane thickness in the absence of peptide or peptide-induced membrane perturbation. However, given that the hydrocarbon thickness of TOCL is expected to be about equal to POPG and POPE, we speculate that the smaller d-values for POPE/POPG/TOCL are due to an increased membrane perturbation by the peptides. Indeed, a more pronounced effect of peptides for TOCL containing mixtures, as compared to POPE/POPG, was also observed in Trp fluorescence experiments, where these mixtures exhibited the higher partitioning coefficients, as well as faster kinetics (Figure 3). Faster kinetics were also observed for the formation of the collapsed lamellar phase in the presence of LF11-215, where the weak Bragg peak was present in POPE/POPG/TOCL 30 s after the addition of peptides, but needed about 5 min to form in POPE/POPG (Figure 6D). The initial decrease in d-spacing observed for the first 10−20 min interestingly correlates with the Trp fluorescence kinetics. This suggests that the shift of the peak position over time is related to an initial accumulation of peptides on the membranes during approximately 20 min, followed by a slow equilibration over the course of the next few hours, where peptides diffuse into the newly formed aggregates, most of which are not forming collapsed multibilayers.

Interestingly, the lowest d-values of both membranes are ~ 4.9 nm (Figure 6D), which is about equal to the steric membrane thickness of POPE/POPG (49). This provides evidence that the membranes come in close contact. The negative intrinsic curvatures of POPE (55) and TOCL (56) and their well-known propensity to form non-lamellar structures [see e.g., (57)] make them highly prone to induce membrane fusion (58, 59). We thus propose that the d value minima indicate time points of membrane fusion. Note that peptide-induced fusion of membranes was reported previously (10). Membrane fusion would also explain why some of the dyes are not released by the peptides activity, but remain trapped within some aggregates (Figure 4). Interestingly, however, also POPG showed in the presence of LF11-215 a weak signature of collapsed bilayers after extended equilibration times (Figure 5A), with a d ~ 4.5 nm that is even lower than the smallest values observed for POPE/POPG and POPE/POPG/TOCL (Figure 5D). Note that POPG has an intrinsic curvature close to zero (15), and is well-known as a lamellar-phase forming lipid. The collapsed lamellar structure formed in POPG is thus unlikely to be related to membrane fusion, but merely the result of possibly disintegrated membrane patches, forming a stack of bilayers. This notion is supported by the high permeability of POPG vesicles and the absence of a drop of dye leakage at increased peptide concentrations (Figure 4A).

The overall higher peptide activity in PE and PE/CL-containing mixtures (as observed, for example, by the lower amounts of peptide needed to induce dye leakage) further suggests that the intrinsic lipid curvatures of these lipids and the resulting stored elastic energy stress (60) makes the bilayers more vulnerable to the peptides. A similar view has been previously proposed as the “balanced spring model for membrane interactions” (61), where membrane active compounds can relief the stored elastic stress in bilayers upon insertion. Finally, we note that also LPS is known for their propensity to form non-lamellar structures (62, 63). We thus expect analogous driving forces occurring in the bacterial outer membrane, although details of membrane composition and in particular asymmetry certainly cannot be neglected. Nota bene, we do not necessarily expect that both peptides induce membrane fusion in live bacterial systems, as the complex architecture of the cell envelope or the presence of a densely packed cytosol provides additional constrains. The occurrence of fusion events in lipid-only systems is a mere indication for elastic curvature stress stored within the membranes, which upon relaxation in the presence of peptides will assist their translocation into the cytosol.

In conclusion, our results show that bridging peptide activities in live bacteria and lipid membrane mimics is intricate and that a simple delineation of common leakage experiments can be highly misleading. In particular, for the here studied LF11-215 and LF11-324, one might have concluded based on leakage data that pure POPG would be sufficient to explain the membrane permeabilizing potential of both peptides. Yet, detailing the partitioning of the peptides in different membrane mimics and microbes allowed us to arrive at a completely different picture. Instead, LF11-215 and LF11-324 both target mainly intracellular components, presumably DNA due to its highly negative charge, reaching local concentrations of up to ~ 100 mM at the MIC. Moreover, the elastic curvature stress stored in POPE/POPG, and to an even greater extent in the more realistic POPE/POPG/TOCL mixture, bestows the membranes with an increased potential for peptide translocation, which might in general be exploited by surface adsorbed wedge-like AMPs. Thus, at least for the presently studied peptides we may answer the initially posed questions as follows: (ad i) Vesicle leakage and microbial killing are not directly correlated, but some valuable insight can be obtained upon coupling leakage data to peptide partitioning and studies of membrane structural changes. (ad ii) Both peptides bind about equally well to membranes, so for this part, their selectivity indeed seems determined by membrane binding. The difference in their efficacy, however, is due to specific interactions with cytosolic components, and most likely DNA. (ad iii) Our partitioning studies provide strong evidence that membrane translocation is definitely required for LF11-215 and LF11-324. Additional studies using different bacteria and AMPs need to be performed to verify whether it is possible to generalize these findings. In general, and although we restricted our study to two AMPs and a single bacterial strain, the developed framework provides a path and guidelines for future studies intending to get deep insight on AMP activity by coupling in vitro cell studies with lipid membrane mimics.
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Antimicrobial peptides (AMPs) have been extensively studied due to their vast natural abundance and ability to kill microbes. In an era critically lacking in new antibiotics, manipulating AMPs for therapeutic application is a promising option. However, bacterial pathogens resistant to AMPs remain problematic. To improve AMPs antimicrobial efficacy, their use in conjunction with other antimicrobials has been proposed. How might this work? AMPs kill bacteria by forming pores in bacterial membranes or by inhibiting bacterial macromolecular functions. What remains unknown is the duration for which AMPs keep bacterial pores open, and the extent to which bacteria can recover by repairing these pores. In this mini-review, we discuss various antimicrobial synergies with AMPs. Such synergies might arise if the antimicrobial agents helped to keep bacterial pores open for longer periods of time, prevented pore repair, perturbed bacterial intracellular functions at greater levels, or performed other independent bacterial killing mechanisms. We first discuss combinations of AMPs, and then focus on histones, which have antimicrobial activity and co-localize with AMPs on lipid droplets and in neutrophil extracellular traps (NETs). Recent work has demonstrated that histones can enhance AMP-induced membrane permeation. It is possible that histones, histone fragments, and histone-like peptides could amplify the antimicrobial effects of AMPs, giving rise to antimicrobial synergy. If so, clarifying these mechanisms will thus improve our overall understanding of the antimicrobial processes and potentially contribute to improved drug design.
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INTRODUCTION

Bacterial infections are an increasing threat to global health, due to both an increase in bacterial resistance to current therapeutics and also a decline in new antibiotic development. This results in rising numbers of untreatable health complications and deaths worldwide (1). There is thus an urgent need to identify new antibacterial strategies to effectively treat drug-resistant pathogens. The demand for such new strategies has encouraged scientists to investigate biologically-abundant antimicrobial tools that can be manipulated to kill bacteria. Repurposing and modifying known natural antimicrobial proteins may contribute to successful development of new therapeutic strategies.

Antimicrobial peptides (AMPs) have broad spectrum antimicrobial activity and are found ubiquitously in nature. They have been extensively studied as a promising option to combat multidrug-resistant bacteria. However, the rapid ability of bacteria to evolve requires new approaches to limit potential bacterial resistance to AMPs (2–4). Here, we discuss the use of AMPs in conjunction with other antimicrobials to form antimicrobial synergy, in which the combined antimicrobial effect is greater than the sum of either treatment alone. Antimicrobial synergy could potentially reduce the rise of bacterial resistance. A number of synergistic approaches using AMPs have been sought, with 300 reports made during the last 5 years as determined by PubMed. We examine and propose potential mechanisms that give rise to antimicrobial synergy with AMPs.



PHYSIOLOGICAL ROLES

AMPs are ubiquitously observed in nature and are known for their physiological antimicrobial roles. They are produced by both prokaryotic and eukaryotic organisms, ranging from bacteria (5, 6), insects (7–9), amphibians (10–12), and humans (13–16). AMPs protect organisms from microbial harm and thus play vital roles in innate immunity (17) by directly or indirectly killing microbes. AMPs directly kill microbes by acting at the bacterial membrane (18, 19) or eliciting bacterial cell death via inhibition of macromolecular functions (20). AMPs indirectly kill microbes by directing cytokines to sites of infection for increased immunological responses in hosts (21). Neutrophils, the first line of innate immune defense, have dense granules that are packed with AMPs that are used to defend against microbial infections (22). When stimulated, neutrophils can also release their intracellular contents to form neutrophil extracellular traps (NETs). These web-like structures, consisting of DNA, AMPs, and other antimicrobial agents, can entrap and kill bacteria (23, 24). Similar to neutrophil elastases, AMPs have vital roles in NETs in controlling microbial threats (25). A recent report indicates that AMPs also localize to cellular lipid droplets with histones (26) and contribute to lipid-droplet based cellular immunity.



STRUCTURE AND FUNCTION

AMPs are typically small peptides, ranging from about 5 to 50 amino acids, but can be as large as over 100 amino acids (27). Most AMPs are positively charged (+2 to +9) due to their high proportions of arginine and lysine residues (28), though negatively charged AMPs do also exist (21, 29, 30). Structures of AMPs include α-helix, β-sheet, extended, and loop (31), with α-helix and β-sheet structures being the most common. More complex structures also exist, including cyclic and lasso peptides (32). AMPs are known for their amphipathic nature, typically consisting 50% of hydrophobic residues including alanine, glycine, and leucine (28, 33). The biophysical properties of AMPs contribute to their potent antimicrobial activity. Cationic (positively charged) AMPs can bind to anionic (negatively charged) lipopolysaccharide (LPS) and lipoteichoic acid (LTA), which are major components of bacterial membranes (34). The amphipathic nature of AMPs also enables them to interact with and insert into bacterial cell membranes.

Many reports attribute the antimicrobial activity of AMPs to the formation of pores within bacterial membranes, which can elicit cell damage and death. Several different classes of AMP-induced membrane pores have been proposed, including barrel-stave, toroidal, and carpet (20). In a barrel-stave model, peptide monomers form a transmembrane channel that is parallel to bacterial membrane phospholipids. A toroidal model proposes that AMPs insert into bacterial cell membranes and force membrane lipid structures to change in conformation, as opposed to pore insertion through an intact membrane like that of the barrel-stave model. The carpet model suggests that AMPs do not form transmembrane pores but instead localize to the bacterial membrane surface, where they disrupt membrane organization and integrity (35). These membrane disruptions can cause loss of bacterial membrane proton gradient, cell leakage, and eventually cell death (19). Alternative models to pore formation in membranes have also been proposed, with pore formation and cell leakage being attributed to the high concentrations of AMPs that are typically used in membrane pore formation studies (35). In particular, the entry of AMPs into bacterial cells may induce intracellular damage, including disruption of bacterial nucleic acid synthesis, protein synthesis, cell wall synthesis, and cell division (20).



BACTERIAL RESISTANCE TO AMPS

LPS in Gram-negative bacterial membranes and LTA in Gram-positive cell walls contribute to overall negative charges of bacterial cell exteriors. Negatively charged membranes, which are conserved among bacteria, provide cytoplasmic rigidity and proper cationic gradients that are necessary for bacterial survival (36). However, cationic AMPs can easily bind to anionic components of bacterial membranes via electrostatic interactions to elicit cell damage. Complete bacterial resistance to AMPs is unlikely because evolving a bacterial membrane that possesses an outer neutral or positive charge simply for the purpose of avoiding AMPs would be too evolutionarily costly (37, 38). Still, many studies have shown that bacteria can have intrinsic resistance or evolve resistance to AMPs (2–4, 39, 40).

A vast array of bacterial resistance and defense mechanisms against AMPs exist, including the utilization of efflux pumps (41–43), modifications to cell membrane charge (38), expression of protective barriers around bacterial membranes (44), inhibition of antimicrobials via peptide cleavage (45, 46), and potential membrane healing and recovery post-damage (47). Both multidrug-resistant Gram-negative and Gram-positive bacteria utilize efflux pump mechanisms to actively pump AMPs back out into the extracellular environment to prevent cell damage (41, 42). In Gram-negative S. Typhimurium and P. aeruginosa, the lipid A portion of LPS is modified with the addition of 4-amino-4-deoxy-L-arabinose, which reduces the overall negative charge and thus reduces the binding affinity of positively charged AMPs, including azurocidin, polymyxin B (PMB), indolicidin, and LL-37 (48–50). In Gram-positive S. aureus, lysine is added to membrane phospholipids, reducing the overall anionic charge and affinity to defensin-like cationic AMPs (51). Colanic acid is a polysaccharide which functions as a protective capsule around many Enterobacteriaceae (52) and may prevent AMP-mediated activity. It has been suggested that these capsular polysaccharides play a role in bacterial resistance (40, 53) and virulence (54, 55). For example, capsular polysaccharides increase resistance of K. pneumoniae, S. pneumoniae, and P. aeruginosa to both PMB and human neutrophil alpha-defensin 1 (53). Additionally, increased slime production by S. epidermidis in medical catheters has been reported when bacterial capsular polysaccharides are expressed (54, 55). Bacterial species like E. coli and S. Typhimurium also release proteases to cleave and inhibit antimicrobials that threaten their survival, particularly protamine and alpha helical cationic AMPs, respectively (45, 46).

Recent work suggests that bacteria can recover from pores formed by LL-37 (47). However, the duration in which AMPs can keep bacterial pores open and the extent to which bacteria can repair these pores is unknown. It is possible that efflux pumps are used to eject AMPs out of the membrane to allow for bacterial lipid bilayers to reform. Additionally, bacterial cell wall biosynthesis may be upregulated for the purpose of membrane repair.



ANTIMICROBIAL SYNERGIES WITH AMPS

To optimize the use of antibiotics, it is important to mitigate potential bacterial resistance mechanisms. Many AMPs have been tested in clinical trials due their potent antimicrobial activity (56, 57). However, as with any antibiotic, using AMPs is associated with the risk of ever-evolving bacterial resistance that could negate their effects. A potential way to reduce the risk of drug-resistance to AMPs in clinical settings is to use AMPs in conjunction with other antimicrobials, focusing on combinations that lead to effective antimicrobial synergies. Synergistic combinations that have multiple targets in independent pathways could require two independent and simultaneous sets of mutations to address both challenges. Synergy could also be more lethal, decreasing the likelihood that bacteria can escape and develop resistance.

It has been suggested that bacteria are less likely to evolve resistance to antibiotic cocktails than to a single antimicrobial (58, 59). Consistent with this is the fact that multiple AMPs are released during immune responses in vivo, making it difficult for bacteria to develop resistance (60). Therefore, using AMP cocktails, especially ones that convey antimicrobial synergy, could be an effective strategy. Synergistic antibacterial combinations with AMPs could enable bacterial pores to stay open for longer durations, prevent pore repair, increase perturbation of bacterial intracellular functions, or convey other independent but complementary bacterial killing mechanisms. These mechanisms may potentially increase antimicrobial efficacy, decrease resistance, and reduce host toxicity if only low concentrations of each antimicrobial component are needed to carry out a large antimicrobial effect (61). The abundance of antimicrobial synergies discovered with AMPs presents exciting possibilities for the potential use of synergistic AMP combinations in clinical settings.


Synergy With Other AMPs

Numerous reports indicate that AMPs synergize with other AMPs. We discuss antimicrobial synergies of AMPs from organisms like insects, amphibians, and mammals, suggesting that synergistic interactions are common between AMPs within the animal kingdom.

The insect AMPs, diptericins and attacins, show synergistic killing against P. burhodogranariea in flies (62). A combination of the synthetic AMP pexiganan and bumblebee AMP melittin show S. aureus killing effects comparable to that of Vancomycin, a last line of defense antibiotic (39). Additionally, the antimicrobial activity of a bumblebee AMP, abaecin, is synergistically enhanced by the presence of a pore forming AMP, hymenoptaecin (63). In this example, hymenoptaecin forms membrane pores, potentially causing cell leakage or lytic cell death and enabling the entry of abaecin into bacterial cells. The hymenoptaecin-induced pores may increase the ability for abaecin to access and bind to DnaK, a molecular chaperone, to inhibit bacterial replication (63). Thus, the two AMPs work together to kill bacteria on both a membrane and intracellular level.

AMPs can potentially bind to other AMPs to form more potent antibacterial agents. For example, the amphibian AMPs magainin-2 and peptidyl-glycylleucine-carboxyamide (PGLa) work synergistically to inhibit E. coli growth (11). When magainin-2 and PGLa are added together, they form a “supramolecule” to quickly induce bacterial membrane pores and mediate pore stabilization (64). Moreover, it has been reported that PGLa forms an antiparallel dimer that spans the cell membrane where it binds to magainin-2 at the C-terminus (65), forming toroidal pore structures (66). These results are consistent with an additional report in which fused AMPs induce greater killing activities in S. mutans than on their own (67). These findings suggest that AMPs can bind other AMPs or other types of antimicrobials to give rise to antimicrobial synergy.

The mammalian AMP protegrin 1 has been reported to exhibit synergistic killing activity with indolicidin, LL-37, and bactenecin against P. aeruginosa and E. coli (68). Additionally, the combination of indolicidin and bactenecin gives rise to antimicrobial synergy against E. coli (68). The combinations of protegrin 1 with LL-37, bactenecin with LL-37, and protegrin 1 with bactenecin are also synergistic against E. faecalis (68). Lastly, human platelet-derived synthetic AMP combinations of PD1 through PD4 and Arg-Trp repeats RW1 through RW5 are synergistically antimicrobial in platelets (69).

AMPs can be effective when their mechanisms are complementary, such as in the case of the AMPs coleoptericin and defensin. Coleoptericin contributes to the survival of the mealworm beetle, Tenebrio molitor, but does not reduce bacterial load. In contrast, defensin does not improve host survival but reduces bacterial load (70). Their combined use both significantly increases host survival and reduces bacterial load (70). Using multiple AMPs together can thus maintain the independent functions of each AMP, resulting in a more effective treatment strategy.

While many studies demonstrate robust antimicrobial synergies with just two AMPs, synergies with three AMPs reveal even greater effects. For example, while apidaecin functions antagonistically with either pexiganan or LL 19-27 (an analog of LL-37), the triple combination of apidaecin, pexiganan, and LL 19-27 demonstrate strong synergism (58). Synergy was also observed from the combination of human β-defensin, LL-37, and lysozyme, which are produced on the skin, against S. aureus and E. coli (13). The observation of synergy between these antimicrobials is an example in which natural defense molecules have greater activity in combination rather than individually. Thus, combining natural antimicrobials could yield further discoveries of synergy.



Synergy With Antibiotics

AMPs can also synergize with antibiotics, and in some cases, overcome antibiotic resistance. The use of AMPs to increase the efficacy of already approved antibiotics appears to be a promising option to combat commonly drug-resistant pathogens. The human AMPs, LL-37 and human β-defensin 3 (HBD3), have antimicrobial synergy with the antibiotics tigecycline, moxifloxacin, piperacillin-tazobactam, and meropenem. Specifically, antibiotic killing against C. difficile is improved when both LL-37 and HBD3 are present (71). Lastly, LL 17-29 establishes antimicrobial synergy with the antibiotic chloramphenicol against highly virulent bacterial strains, including methicillin-resistant S. aureus and multidrug-resistant P. aeruginosa (59).

Combining the AMPs nisin Z, pediocin, or colistin with various antibiotics, including penicillin, ampicillin, or rifampicin, is effective in overcoming antibiotic-resistance in P. fluorescens (72). Also, the AMP melamine has synergistic killing activities when paired with ciprofloxacin, a fluoroquinolone antibiotic, against antibiotic-resistant strains of P. aeruginosa. This combination may aid in overcoming P. aeruginosa resistance to fluoroquinolone antibiotics (73). Synergistic combinations of AMPs with PMB (originally discovered as an AMP), erythromycin, and tetracycline have also been shown. In particular, variants of the AMP indolicidin synergize with the antibiotics PMB, tobramycin, gentamycin, and amikacin (74).

One of the mechanisms by which AMPs improve antibiotic function is by disrupting bacterial membranes to aid in the delivery of antibiotics into the bacterial cytoplasm, where antibiotics can act on intracellular targets. For example, the AMP arenicin-1 synergistically functions with antibiotics including ampicillin, erythromycin, and chloramphenicol to kill S. aureus, S. epidermis, P. aeruginosa, and E. coli (75). Arenicin-1 assists in the uptake of antibiotics into cells and inhibits bacterial growth via hydroxyl radical formation (75), which suggests complementary mechanisms are at play.



Synergy With Histones

Histones, more commonly known for their roles in condensing eukaryotic DNA, have antibacterial properties (76, 77). However, the mechanisms by which histones kill bacteria have not previously been understood (78). Since histones are positively charged and have similar structures to that of AMPs, it has been suggested that histones and AMPs have redundant antibacterial roles (79, 80). Histones and AMPs colocalize in innate immunity components, including on cellular lipid droplets and in NETs, suggesting that they could work together to kill microbes (26, 81–83). For fish in particular, fractions of salmon histone H1 have reported antimicrobial synergy with lysozyme and a flounder AMP, pleurocidin (84). Recent work demonstrates that histones H2A and H3 can function with the pore-forming AMPs LL-37 and magainin-2 to produce antibacterial synergy against Gram-positive and Gram-negative bacteria (47). Additionally, H2A and the pore-forming antimicrobial PMB synergistically work together to completely inhibit E. coli growth over 24 hours (47). It is important to note that histones must be paired with pore forming AMPs in order for this synergistic model to be effective; histones alone have minimal antimicrobial effects at physiological conditions (47). It is possible that other histones, histone fragments, and histone-like peptides also amplify the antimicrobial effects of AMPs and give rise to antimicrobial synergy.

The mechanism of synergy between AMPs and histones is due the ability of AMPs to form pores in bacterial membranes, enabling histones to enter the bacterial cytoplasm (47, 85). Here, histones inhibit global transcription and reorganize bacterial chromosomes. Furthermore, histones enhance AMP-mediated pores that bacteria otherwise would be able to recover from, leading to reduced cell sizes and increased cytoplasmic leakage (47). The uptake of AMPs and histones into bacterial cells elicits an effective antimicrobial response consistent with a positive feedback loop (47). Importantly, if bacterial intracellular functions, like transcription and translation, are inhibited, this could reduce bacterial cell membrane integrity and repair.

Another potential effect of histones is that they may induce stress on bacterial membranes. This membrane stress could aid AMPs to more effectively form bacterial membrane pores. Altered membrane physiology, revealed through scanning electron microscopy (SEM), suggests that when bacteria are treated with only an individual AMP or histone, the membrane largely remains intact (Figure 1). However, the treatment with both AMPs and histones induces gross cell deformation and leakage of cytoplasmic contents (Figure 1). The reduced membrane integrity from the AMP and histone treatment also inhibits E. coli from maintaining their proton gradient, which is necessary for ATP production (47). Thus, membrane damage caused by synergistic combinations with AMPs may lead to lack of recovery from AMP-mediated pores, rapid loss of cytoplasmic content, failure to produce ATP, and ultimately bacterial cell death. In response to histone exposure, the rcs gene responsible for colanic acid expression is upregulated in E. coli (47). The bacterial upregulation of colanic acid, which functions as a bacterial membrane protective capsule, suggests that there is an active microbial attempt to mitigate potential membrane stress effects due to histones.


[image: Figure 1]
FIGURE 1. SEM images E. coli that are untreated or treated with H2A, LL-37, or both. E. coli that are treated with both H2A and LL-37 demonstrate extensive cellular damage. Scale bars indicate 2 μm.




Synergy With Other Antimicrobial Agents

AMPs also synergize with other antimicrobial agents. For example, silver nitrate and silver nanoparticles can synergize with PMB and Gramicidin S, enhancing their intracellular antimicrobial effects in Gram-negative bacteria (86). Additionally, peptoid analogs of AMPs are known to have effective and specific antimicrobial activity (87). AMPs can synergize with peptoids against Gram-negative bacteria (88). The AMP Galleria mellonella anionic peptide 2 and antimicrobial enzyme lysozyme are also synergistic against Gram-negative bacteria (89).




CONCLUSION

The combination of AMPs with current antimicrobial strategies can produce synergy through a number of distinct mechanisms (Figure 2). The introduction of antibiotics inside bacteria has often been a challenge. However, AMPs can address this challenge by forming membrane pores, thus facilitating entry of antibiotics into the cytoplasm, where the antibiotics can bind to their intracellular targets. The combination of AMPs with antibiotics could thus be an effective antibacterial strategy. This strategy could limit bacterial resistance because defense from the multifaceted attack could be significantly more difficult to achieve.


[image: Figure 2]
FIGURE 2. Model of antimicrobial synergy between AMPs and other AMPs, antibiotics, histones, and other antimicrobials. AMPs form bacterial membrane pores or disrupt bacterial membranes. This enables the entry of more AMPs, antibiotics, histones, or other antimicrobials into bacteria. As a result, there is loss of bacterial cytoplasm and disruption of bacterial macromolecular functions. Histones potentially stabilize AMP-induced pores that enable further synergistic antimicrobial activity.


If the ability for AMPs to synergize with other AMPs or antimicrobials is a conserved characteristic, then relatively low doses of each antimicrobial can be used as antibiotic treatments to exhibit large antimicrobial effects. Lower drug concentrations might also limit harmful side effects. For example, PMB is now an FDA-approved and potent last-resort antibiotic; however, PMB is also highly toxic to the nephrotic and nervous systems (90, 91). Using PMB in a synergistic antimicrobial combination, like with indolicidin or histones, would potentially require lower doses of each antimicrobial agent, potentially reducing host toxicity, while maintaining effective antimicrobial activity. Since the production of peptides can be costly, taking advantage of lower antimicrobial doses needed for synergistic treatments may also reduce production expenses. If toxicity remains an issue even with the low doses required in synergistic antimicrobial combinations, changing amino acids on AMPs has been shown to have strong effects on synergy (74). Moreover, AMPs that can synergize with preexisting AMPs in hosts could be especially potent in vivo, due to the activation of natural AMP release by the immune system. In innate immunity, humans express LL-37; therefore, synergies that arise with LL-37, like histones and protegrin 1, would be especially critical to consider for antibiotic applications.

Synergistic antimicrobial combinations are promising candidates that reduce potential bacterial resistance, overcome preexisting resistance to current antibiotics, prevent host toxicity, and increase antimicrobial efficacy. Thus, an improved understanding of mechanisms by which AMPs synergize with other antimicrobials is necessary. Moving forward, the synergistic interactions between AMPs and other antimicrobials will provide promising options to be explored in the development of new antibiotics.
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Peptides® Sequences Methods® References

Ki [IKla-NH; BFA, CD, EM, FL, HA, MIC ©®
KL poly-{LK] cD, IR @)
KL LIKUs D, IR, ML ©)
KL Acetyl-{KLjo-NHz HA, MIC, RT ©
KL (KU, n = 8,10 D, IR, VCD %)
KL Dansyl-[KLJ4K-NHy, Dansyl-[KLsK-NHz, Dansyl-[KL]gK-NHz, DansyKL)7 K-NHz BA, FL, HA, IR, LA, ML, RT [C)
KL Dansyl-[KLJ4K-NHg, Dansyl-[KUsK-NHz, Dansyl-[KLj7K-NH, CA, MIC ©
KL (Ko, n = 2,6,7,89,10,11,12,18,24 AF, HA, MIG (10)
KL [KLeK, [KL7K CD, RS (11)
KL [KLJs-NHz, [KLUs-NHz, [KL7-NHz, [KUo-NH; BA, CD, EM, HA, LA, MIC (12)
KL [KUn, n = 8,4,5,6,7,89,10,11,12,18; [LKs; LIKUn, n = 4,5,6,7; [KUaK, n = 4,6,6,7 CD, HA, LA, MIC, NMR, (13)
(@ll -NH) ocp
KV Ac-[KV]n-NHCHg, n = 2,3,4 CD, FL, LA, MIC (14)
KV Cre-VKls AF, GA, CD, EM, ITG, MIC (15)
Kw [KWls, WK AF, BA, CD, HA, MIC, LA (16)
Kw [KW]o-NHz, [KW]s-NHz, [KW)s-NHz, [KW]s-NH, AF, OV (17
Rl [Rls-NH; BFA, CD, EM, FL, HA, MIC [€)
RL (LRI, n = 7.9,11 AF, HA, MIC (10)
AW [RWI2R-NH, WRW],-NH,, [RW]3-NH, HA, MIC (18)
RW RWR-NHz, WRW-NH, [WRJ2-NHz, RIWR]z-NHs, [WRJ;W-NHz, [RW]3-NHz, [WRJs-NH; MiC (19)
RW RW-NHg, [RW]-NHz, [RWls-NHz, [RW]a-NHz, [RW]s-NH BA, CD, FL, HA, MIC (20)
RW [RWIo-NHz, [RWs-NHz, [RW]s-NHz, [RW]s-NH, AF oV (17)
RW [RW]s-NHz, lipidation OV, HA, MIC, RT @1)
XiZiXeZo [VRVK]-NHz, [VRVK]a-NHz, [IRIKlo-NHs, [IRIK]s-NHz, [IRVK]-NHz, [IRVKs-NH, BFA, CD, EM, FL, HA, MIC [€)

[FRFK]2-NHz, [WRWK]3-NH;

#The repetitive sequence is given; cherged residues are always stated frst (ie., (KL and (LK}, peptides are al listed under KL).

®Abbreviations: AF, antifungal assay; BA, binding assay; BFA, biofim assay; CA, cellassays; CD, circular dichroism spectroscopy; CV, cell viebilty assay; EM, electron microscopy; FL,
fluorescence spectroscopy; HA, hemolysis assay; IR, infrared spectroscopy; ITC, isothermal tiration calorimetry; LA, leakage assay; MIC, minimum inhibitory concentration assay; ML,
monolayer studies; NMR, nuclear magnetic resonance; OCD, oriented CD; RS, Raman spectroscopy; RT, HPLC retention time; VCD, vibrational CD.





