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Editorial on the Research Topic 
Cellular Mechanisms During Normal and Abnormal Craniofacial Development

INTRODUCTION
Embryonic craniofacial development involves a series of cellular processes that drive patterning, outgrowth, and fusion of a number of independently forming components. The progression of growth and morphogenesis relies on cellular mechanisms such as differentiation, proliferation, migrations, transformation, and apoptosis to form the correct shape and structure in the developing embryo (Figure 1). During craniofacial development, the aforementioned processes are spatiotemporally constrained, allowing for multiple mechanisms within a relatively small region in order to create complex and intricate structures. Failure at any stage risks considerable consequences for the embryo, ranging from slight defects in craniofacial patterning to total inviability.
[image: Figure 1]FIGURE 1 | Development of Craniofacial Structures. (A) MicroCT scan of embryonic day 13 mouse embryo face, reconstructed using MicroView software. (B) Transverse section of the chameleon tooth. Artificial colors of nuclei were produced in software IMARIS followed by segmentation and analysis for cell nuclei shape differences. (C) Transverse section of Hamburger and Hamilton (1951) stage 40 chicken embryo beak stained with picrosirius red to highlight skeletal and soft tissue and alcian blue to highlight cartilage. (D) Apoptotic signal (green) in the developing nasal cavity of a Hamburger and Hamilton (1951) stage 42 chicken embryo.
The current Research Topic “Cellular Mechanisms During Normal and Abnormal Craniofacial Development” intends to examine and collate the most up-to-date studies on the cellular processes that drive embryonic craniofacial morphogenesis. In recent years, scientists have taken great strides towards attaining a better understanding of the cellular mechanisms involved in the fundamental aspects of craniofacial development. Seemingly disparate fields such as computer sciences, mathematics, tomographic and microscopic imaging, biochemistry, and molecular biology have come together to greatly enhance our understanding of how individual cells influence the overall patterning and morphogenesis of the embryonic face.
This Research Topic includes 21 papers that focus on the cellular processes involved in the development of a variety of craniofacial structures such as palate, teeth, eyes, craniofacial muscles, as well as their contribution to associated developmental defects. Additionally, the importance of interaction between neural tissue and forming face is introduced and discussed.
CELLULAR PROCESSES IN CRANIOFACIAL STRUCTURES SHAPING AND PATTERNING
Murrilo-Rincón and Kaucka reviewed the complexity of craniofacial structure development from a cellular perspective. They focused on the cell fate specification in craniofacial structures from the emergence of neural crest cells up to the establishment of facial geometry. Individual or collective cell migration, cellular interactions, and physical forces generated by morphogenetic events, all contribute to the establishment of the face as well as intra- and inter-species morphological variability. The importance of molecular regulation, including epigenetic events and alteration of signaling center activity, is introduced, in addition to the different types of craniofacial defects they can lead to, ranging from subtle changes of facial symmetry to severe lethal conditions.
In vertebrates, morphogenesis of the upper jaw and face is regulated by cellular interactions between the brain, facial ectoderm, and neural crest mesenchyme; mediated by several morphogenetic signals including wingless (WNT) (Geetha-Loganathan et al., 2009; Rickbourg et al., 2020), sonic hedgehog (SHH) (Hu et al., 2015), fibroblast growth factor (FGF) (Hu et al., 2003), and bone morphogenetic protein (BMP) (Barlow and Francis-West, 1997). During embryonic development, the relationship between brain and face has also received some attention, with disruption of signals altering patterning of both structures (Richbourg et al., 2020).
Since Wnt signaling from the facial ectoderm and forebrain is required to regulate the outgrowth of facial prominences, activating and inhibiting the expression of canonical Wnt signaling in these regions causes malformation of facial structures, including cleft lip (Green et al., 2019). In this topic, Marchini et al. illustrate the interactions between the brain and face by activating WNT3a and inhibiting Wnt signaling with DKK1 in the neural crest of developing chicken embryos. Their study uncovered that WNT3a activation expands the shape of the frontonasal ectodermal zone (FEZ) along with the brain and face during early face formation, whereas changes in the brain and face are decoupled during later developmental stages, supporting the palimpsest model for morphological integration (Hallgrímsson et al., 2009).
Mutations in Ras-related C3 botulinum toxin substrate 1 (Rac1) encoding a small GTPase have been shown to be involved in brain tumorigenesis and abnormal development (Khalil and El-Sibai, 2012). Gahankari et al. have elucidated the activity of Rac1 signaling during the development of the midbrain dopaminergic neurons (mDA). They have created Rac1CA;Wnt1-Cre2 mutant mice with specific activation of Rac1G12v mutant in neural crest cell derivatives. These mutants are characterized by an enlarged midbrain due to increased proliferation and abnormal migration of neural cells, disrupting localization of mDA in the ventral side.
PALATOGENESIS
In the mammalian embryo, the assembly of the maxillary region is a precarious period of development. Improper fusion of the upper lip and/or secondary palate is exceedingly common, with the incidence of cleft lip/palate (CLP) in humans occurring at a rate of one in 750 newborns, among the most frequent birth defects worldwide (Kousa and Schutte, 2016). Palate development consists of the growth, elevation, and fusion of the palatal shelves, starting at 6–8 weeks of gestation in humans (Mossey et al., 2009). Cleft palate (CP) is etiologically complex and heterogeneous, occurring in isolated and syndromic cases, and involving a combination of genetic and environmental factors, with many cases remaining unexplained (Mossey et al., 2009; Buser and Pohl, 2015).
Manuscripts in the recent topic focused on a wide range of developmental processes ranging from undersized palatal shelves to the retention of the medial epithelial seam (MES). One of the disorders associated with cleft palate is KGB syndrome. The suspected cause of KGB syndrome is the Ankrd11 gene, a chromatin regulator associated with neural stem cell fates. Here, Roth et al. report that mice with heterozygous deletion of Ankrd11 in neural crest cells display craniofacial defects that mirror KBG syndrome, including hypoplastic palatal shelves, which the study found was due to a regional decrease in mesenchymal proliferation. Ultimately, their study identifies Ankrd11 as a critical regulator of intramembranous ossification and palate development and suggests that Ankrd11 neural crest knockout mice may serve as novel models for KBG syndrome.
Keeping the focus on cell proliferation in palatal shelves, Yoshioka et al. studied the effect of all-trans retinoic acid (atRA) on microRNA (miR) expression during palatogenesis. atRA is used in the treatment of skin diseases and cancers, and yet is a teratogen known to cause cleft palate. The authors found that excessive atRA induces expression of MicroRNA-4680-3p, which suppresses genes crucial for palate development, leading to decreased cell proliferation in human embryonic palatal mesenchymal cells. This study is important in not only highlighting the involvement of miRs in palatogenesis but also elucidating a molecular relationship between miRs and palatal clefting.
In case shelves reach an appropriate size, they have to undergo elevation from a vertical position to horizontal; yet another potential pitfall. On occasion, palatal shelves fail to horizontalize in a timely manner. Bukova et al. observed this phenotype in their study of the CRISPR/Cas9 WIZ knockout mouse model. The authors found that loss of Wiz causes disruption of histone methylation known to be driven by the G9a/GLP methylation complex. Altered histone methylation causes delayed palatal shelf horizontalization, which resulted in CP since the medial edge epithelium of the palatal shelves misses the window of competence to fuse, even if horizontalization eventually occurs.
Even after the horizontalization and approach of palatal shelves, the fusion process is complex and often disrupted. Van der Woude syndrome (VWS) is associated with palatal clefting; with almost three-quarters of cases caused by mutations in the transcription factor IRF6. IRF6 is a master regulator balancing keratinocyte proliferation and differentiation, with Irf6-deficient mice displaying disorganized oral epithelium. In their study, Degen et al. identified a novel heterozygous VWS-causing IRF6 mutation that lacks part of its protein-binding domain and entire C-terminus. This truncated IRF6 copy undergoes nonsense-mediated mRNA decay, leading to haploinsufficiency. The remaining IRF6 copy can still control gene regulatory networks but does not meet the threshold required for proper periderm arrangement, resulting in pathological epithelial fusions between tissues in the oral cavity, thereby interfering with shelf lift, outgrowth, and fusion.
In studying the mechanism of IRF6-caused CP, Girousi et al. found that lack of IRF6 disrupts epithelial homeostasis by altering colony morphology, migration pattern, and differentiation potential of cultured postnatal skin- and oral mucosa-derived keratinocytes. Colonies appeared scattered with less stable cell-cell contacts and a significant number of single and enlarged cells. Wound-healing experiments showed IRF6-deficient keratinocytes preferentially moving as single cells, with random and undirected migration, potentially explaining the appearance of disrupted epithelium in IRF6 mutants. The proteomic analysis further supported these results by finding that most of the differentially expressed proteins in the absence of IRF6 were associated with differentiation, cell-cell adhesion, and immune response.
Assuming epithelia do manage to fuse, the disintegration of the MES needs to occur in order for fusion to be complete. Verheijen et al. studied the interplay between CXCL12 ligand and CXCR4 receptor in association with the breakdown of the MES and osteogenesis during palatal fusion in mice. They conclude that CXCL12 and Sox9 expression by the disintegrating MES and osteogenic centers in the fusing palatal shelves could promote the maturation of immature CXCR4-positive osteoblasts. Furthermore, Sox9 progenitors appear to be important in maintaining the CXCR4-positive osteoblast pool to drive osteogenesis as well as potentially regulate MES disintegration through EMT.
One of the studies focused on the soft palate, which lies posterior to the hard palate and consists of a muscular structure that also undergoes fusion (Danescu et al., 2015). Deng et al. utilized in vivo overexpression of Noggin, an antagonist of the BMP pathway, and disrupted development of muscles, tendons, and aponeuroses in the soft palate. Suppression of BMP signaling in palatal mesenchyme inhibited the differentiation of aponeurosis and tendons, which resulted in the hypoplasia of palatal muscles, along with decreased mesenchymal cell proliferation and survival due to disruption of epithelial Shh expression. Interestingly, the authors found that impaired myogenesis and tenogenesis were not involved in the clefting of the soft palate. Instead, clefting was attributed to the reduced cell proliferation and survival caused by the interrupted Shh-Gli1 signaling, and the impaired development of the aponeurosis.
ODONTOGENESIS
Papers on tooth development focused on different aspects of cell interactions during odontogenesis. The role of cell death during tooth morphogenesis and its key effect on surrounding cell populations are reviewed by Abramyan et al. The distribution of apoptotic cells during odontogenesis is compared in different vertebrate lineages from fish to mammals. Apoptosis is introduced in light of active cellular events affecting molecular signaling and behavior in neighboring cells. Apoptosis-associated molecular signaling, including factors from intrinsic and extrinsic apoptotic pathways, as well as microRNAs and autophagic signaling are described during dental cell differentiation and morphogenesis. Apoptotic pathway disruption, alterations in apoptotic cell distribution, and dysregulation of apoptosis in mutant mouse models with mutations in non-apoptotic genes, were found to contribute to the disruption of odontogenesis.
To identify the transcriptomic characteristics of dental cells in mouse incisors, Chiba et al. performed single-cell RNA-sequencing. They focused on the identification of epithelial dental subpopulations with the aim of uncovering novel marker genes for each dental cell type that eventually contributes to enamel production. They identified two subclusters of secretory ameloblasts with a distinctive expression of Dspp and Ambn, with pseudo-time analysis finding that Dspp-positive cells differentiate into Ambn-positive ameloblasts. Their study can be used as a large resource of transcriptome data for further analyses of molecular regulation controlling the formation of enamel.
The tight junctions play a key role in ameloblast differentiation and enamel production in mouse incisors. Wang et al. examined expression patterns of claudin family members during odontogenesis and found Cldn1 and Cldn10 to be highly expressed in the dental epithelium. Cldn10 was found as a novel stratum intermedium marker and a role for Cldn10 in the regulation of dental epithelial cell differentiation during amelogenesis was confirmed by functional analysis.
The ecto-endodermal boundary in the oral cavity of axolotl was analyzed by Soukup et al. in order to determine the potential source of instructive factors that induce odontogenesis. The ecto-endodermal boundary runs through the tooth fields so that individual tooth germs display differential origins from ectodermal, endodermal, or ecto-endodermal epithelial cells. Common tooth-competent zones were found in the roof of the oral cavity and one in the mouth floor, from which five pairs of tooth fields are arranged into typical tetrapod dental patterns. By using GFP-labeled oral ectoderm, they followed the spatial relationships of early initiated teeth for individual dental fields and uncovered that the first tooth usually develops in close association to the ecto-endodermal boundary.
EYE DEVELOPMENT
The literature on the contribution of neural crest cells to the anterior segment of the eye was reviewed by Williams and Bohnsack. They cover molecular regulation of eye development and associated congenital eye diseases, with a special focus on neural crest cell-related signaling. Rare ocular diseases such as Axenfeld-Rieger syndrome, Peters anomaly, and primary congenital glaucoma are discussed in light of key genes for neural crest cell specification or migration. Theories of disease mechanisms are also debated as an understanding of neural crest cell signaling disruption may improve the management of degenerative ocular diseases.
Disruption of eye development can also occur during the closure of the optic fissure, resulting in ocular coloboma. Cellular processes and molecular signaling, including basement membrane dynamics, cell behavior, and the fate of cells contributing to the fusion are discussed by Chan et al. Recently, a large number of model organisms spanning fish, avian, and mammalian species have been used to uncover potential avenues for new research strategies and testing of factors, which can help to prevent the occurrence of fusion defects.
DEVELOPMENT OF BRANCHIOMERIC MUSCLES
Head and trunk skeletal muscles have distinct functions and embryonic origins. Trunk muscles are responsible for locomotion while craniofacial muscles control eye movement, facial expression, and mastication. Cranial neural crest cells migrate to the branchial arches (BA) and along with mesoderm cells regulate the development of BA muscles (Lescroart et al., 2010).
Retinoic acid (RA) signaling is shown to be involved in the development of craniofacial muscles (Wang et al., 2019) but the mechanisms used by RA in regulating BA muscles are not well understood. Wang et al. found that RA exposure induces malformation of branchiomeric muscles in mice, this is associated with increased cell death of branchial mesodermal cells. Also, the development of hypoplastic craniofacial muscles in RA treated embryos is due to reduced expression of Pitx2, Tbx1, and MyoD, in the first and second BA. Further, over-expression of RA signaling inhibited Dlx5 and Dlx6 expression in cranial neural crest cells, which altered their communications with branchial mesoderm cells.
The neck muscles in the region connecting the head and trunk originate from the posterior BA and are associated with processes such as respiration, vocalization, swallowing, and mobility of the head (Heude et al., 2018). In the trunk, the myogenic precursor cells migrate from the ventrolateral lip of the dermomyotome to the myogenic regions within limbs, diaphragm, and tongue (Masyuk and Brand-Saberi, 2015). CXCR4/SDF-1 axis is shown to regulate the migration of muscle progenitor cells and play a crucial role in the trunk, neck, and head muscle development. Yahya et al. reviewed the roles of the CXCR4/SDF-1 axis in the development of facial and neck muscles. The key discussions include the precursors of facial expression and mastication muscles that originate from mesoderm cells of BA1 and BA2, whereas the progenitors for non-branchiomeric head muscles come from the prechordal mesoderm, and progenitor mesoderm cells of the head and somites contribute to non-somatic neck muscles. CXCR4/SDF-1 axis is involved in the migration of progenitors for the formation of branchiomeric muscles and may be responsible for muscular dystrophies.
CLINICAL ASPECTS OF DISRUPTIONS OF CELLULAR PROCESSES
Craniofacial anomalies (CFAs) observed in 0.2% of all newborns can appear like CLP or as a syndromes involving a mutation in a single gene or chromosomal aberrations. For some CFAs, the genetic background has yet to be identified. Although CFAs can be treated with surgery, it is regularly associated with complications with feeding, speech, hearing, dentition, and healing (Hortis-Dzierbicka et al., 2012). Studies on facial development in animals and humans reveal discrepancies and often do not allow all findings in animals to be transferred to humans. To overcome this issue Parisi et al. established a living cell repository of the Cranio-/orofacial region as a clinically relevant cell model to learn CFAs, with patient-derived cells obtained from discarded tissue biopsies.
Primary cilia dysfunction or ciliopathies are often associated with craniofacial pleiotropic phenotypes. Craniofacial ciliopathic phenotypes include CLP, craniosynostosis, and micrognathia (Schock and Brugmann, 2017). Understanding the significance of the basal body is necessary to gain knowledge for therapeutic treatments because most of the genes associated with ciliopathies encode proteins specific to basal bodies, centrosomes, and centriolar satellites. Ciliogenesis is regulated by a centriolar protein encoded by the C2 domain containing 3 centriole elongation regulators (C2cd3) and mutation of this gene causes Oral-Facial-Digital syndrome (OFD) in humans. Chang et al. characterized three novel C2cd3 mouse models, a conditional knockout, and two novel CRISPR-targeted lines targeting regions in the divergent C2CD3N-C2 domain or PKC-C2 domains. Also, by examining conditional alleles with two neural crest-specific drivers, the authors showed that C2CD3N-C2 is more important for craniofacial development compared to C-terminal PKC-C2 domains.
The pinna or auricle of the ear is affected in many craniofacial syndromes including Lacrimo-auriculo-dento-digital syndrome (LADD) caused by defects in FGF signaling (Teshima et al., 2016). Zhang et al. used an FGF10 knockout mouse to elucidate the mechanisms behind the pinna defects in LADD syndrome. Loss of function of Fgf10 in mice results in smaller, cup-shaped pinnae, similar to dimorphisms seen in LADD syndrome. The phenotype is driven by increased proliferation on the outer part of the pinna together with decreased proliferation in the inner part, causing inward bending.
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Cranial neural crest cells (CNCCs), identified by expression of transcription factor Sox9, migrate to the first branchial arch and undergo proliferation and differentiation to form the cartilage and bone structures of the orofacial region, including the palatal bone. Sox9 promotes osteogenic differentiation and stimulates CXCL12-CXCR4 chemokine-receptor signaling, which elevates alkaline phosphatase (ALP)-activity in osteoblasts to initiate bone mineralization. Disintegration of the midline epithelial seam (MES) is crucial for palatal fusion. Since we earlier demonstrated chemokine-receptor mediated signaling by the MES, we hypothesized that chemokine CXCL12 is expressed by the disintegrating MES to promote the formation of an osteogenic center by CXCR4-positive osteoblasts. Disturbed migration of CNCCs by excess oxidative and inflammatory stress is associated with increased risk of cleft lip and palate (CLP). The cytoprotective heme oxygenase (HO) enzymes are powerful guardians harnessing injurious oxidative and inflammatory stressors and enhances osteogenic ALP-activity. By contrast, abrogation of HO-1 or HO-2 expression promotes pregnancy pathologies. We postulate that Sox9, CXCR4, and HO-1 are expressed in the ALP-activity positive osteogenic regions within the CNCCs-derived palatal mesenchyme. To investigate these hypotheses, we studied expression of Sox9, CXCL12, CXCR4, and HO-1 in relation to palatal osteogenesis between E15 and E16 using (immuno)histochemical staining of coronal palatal sections in wild-type (wt) mice. In addition, the effects of abrogated HO-2 expression in HO-2 KO mice and inhibited HO-1 and HO-2 activity by administrating HO-enzyme activity inhibitor SnMP at E11 in wt mice were investigated at E15 or E16 following palatal fusion. Overexpression of Sox9, CXCL12, CXCR4, and HO-1 was detected in the ALP-activity positive osteogenic regions within the palatal mesenchyme. Overexpression of Sox9 and CXCL12 by the disintegrating MES was detected. Neither palatal fusion nor MES disintegration seemed affected by either HO-2 abrogation or inhibition of HO-activity. Sox9 progenitors seem important to maintain the CXCR4-positive osteoblast pool to drive osteogenesis. Sox9 expression may facilitate MES disintegration and palatal fusion by promoting epithelial-to-mesenchymal transformation (EMT). CXCL12 expression by the MES and the palatal mesenchyme may promote osteogenic differentiation to create osteogenic centers. This study provides novel evidence that CXCL12-CXCR4 interplay facilitates palatal osteogenesis and palatal fusion in mice.
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INTRODUCTION

In the process of craniofacial development, cranial neural crest cells (CNCCs) migrate from the lateral ridges of the neural plate to the first branchial arch to form the orofacial region, including the maxilla, mandible, zygoma, trigeminal nerve, and muscles of mastication (Ito et al., 2003; Lee and Saint-Jeannet, 2011; Birgfeld and Heike, 2019). CNCCs have to migrate and undergo proliferation and differentiation to form the dentin and pulp of the teeth, connective tissues, cartilage, and bone of the head (Chai et al., 2000; Sakai and Trainor, 2009; Achilleos and Trainor, 2012). In animal studies, CNCCs populating the pharyngeal arches are characterized by expression of transcription factor Sox9 (Li et al., 2002; Cheung and Briscoe, 2003; Hong and Saint-Jeannet, 2005; Lee and Saint-Jeannet, 2011; Wu et al., 2017). In addition, Sox9 acts as a key transcription factor that is required for both early and late stages of osteogenic (Yamashiro et al., 2004; Stockl et al., 2013; Loebel et al., 2015; Rutkovskiy et al., 2016) and chondrogenic differentiation (Akiyama et al., 2002, 2005; Hattori et al., 2010; Guang et al., 2012; Henry et al., 2012; Jeon et al., 2014; Rutkovskiy et al., 2016). To initiate bone formation, CNCCs were found to form aggregated cell masses in the orofacial mesenchyme (Ito et al., 2003). In mice fetuses, Sox9 expression has been observed in the osteogenic cell compartments in the craniofacial bones between E12-E16 (Yamashiro et al., 2004). CXCL12-CXCR4 chemokine-receptor signaling drives both osteogenic and chondrogenic differentiation (Ito, 2011). CXCL12-CXCR4 signaling mediates both immature and mature murine osteoblast development (Zhu et al., 2011; Shahnazari et al., 2013). Moreover, CXCL12-CXCR4 signaling promotes Sox9-mediated chondrogenesis in synovium-derived stem cells (Wang et al., 2017), whilst blocking CXCL12-CXCR4 signaling inhibits chondrogenic differentiation in vitro (Guang et al., 2012). However, Sox9 knockout (KO) mice show reduced CXCR4 expression in the kidney (Reginensi et al., 2011).

CXCL12-CXCR4 signaling regulates osteoblast formation by promoting alkaline phosphatase (ALP)-activity in human (Hosogane et al., 2010; Li et al., 2017), and murine osteoblasts (Liu et al., 2013) in vitro. ALP-activity is often used as a marker of osteoblastic development (Stein and Lian, 1993), and ALP KO mice demonstrate defects in bone mineralization (Wennberg et al., 2000). Mesenchymal stem cells exposed to osteogenic medium with CXCL12 demonstrated higher ALP-activity, supporting a role for CXCL12 in osteogenic differentiation in vitro (Kortesidis et al., 2005).

Since Sox9 expression was observed in the palatal shelves in mice fetuses at E12.5, E13.5 (Watanabe et al., 2016), E14.5 (Potter and Potter, 2015; Watanabe et al., 2016), and E15 (Xu et al., 2018), migrating CNCCs are thought to contribute to the embryonic formation of the palate, named palatogenesis (Watanabe et al., 2016; Xu et al., 2018). Palatogenesis is an important event during craniofacial development of higher vertebrates (Ferguson, 1988). Our basic understanding of palatal morphogenesis comes principally from research conducted in mice. Palatogenesis occurs during the intrauterine weeks 8–12 in humans and during embryonic days E12–E15.5 in mice (Dudas et al., 2007). Palatogenesis involves the vertically downward outgrowth of the paired palatal shelves from the maxillary region, elevation above the tongue (E14.5-E15), horizontal growth and adherence, formation of the midline epithelial seam (MES), and eventually disintegration of the MES, allowing complete palatal fusion (E15.5) (Chai and Maxson, 2006; Dudas et al., 2007; Levi et al., 2011). Cranial neural crest-derived mesenchymal cells have to undergo osteogenic differentiation to form the hard palate (Xu et al., 2019). In mice, CNCCs form aggregated cell masses to initiate palatal bone formation in the palatal mesenchyme in mice between E14.5 and E16.5 (Ito et al., 2003; Oka et al., 2012). In cultured mouse palatal shelves, inhibition of osteoblast differentiation by treatment with 10 mM lithium chloride prevented palatal fusion (Meng et al., 2015).

Since CXCL12-CXCR4 expression was found to promote bone formation (Zhu et al., 2011; Shahnazari et al., 2013) and ALP-activity (Kortesidis et al., 2005), we postulate that both CXCL12 and CXCR4 are expressed within the palatal mesenchyme to facilitate palatal osteogenesis. Transcription factor Sox9 may promote CXCL12-CXCR4 signaling to initiate ALP-activity, facilitating osteoblast and chondrocyte formation within the CNCCs derived mesenchyme, starting osteogenesis in the developing orofacial region.

Midline epithelial seam disintegration is crucial for palatal fusion (Iseki, 2011). The main hypotheses underlying MES disintegration during palatal fusion involve epithelial cell migration to the oral (Aoyama et al., 2019; Logan and Benson, 2019) or nasal epithelium (Jin and Ding, 2006; Aoyama et al., 2019), epithelial-to-mesenchymal transformation (EMT) (Nawshad, 2008; Serrano et al., 2015; Nakajima et al., 2018), epithelial cell apoptosis (Lan et al., 2015; Suttorp et al., 2017), or a combination of these events (Iseki, 2011). We previously demonstrated that the MES highly expresses chemokine CXCL11, suggesting its involvement in recruiting CXCR3-positive macrophages to facilitate phagocytosis of apoptotic cells of the disintegrating MES during palatal fusion (Suttorp et al., 2017). Notably, palatal bone formation in mice starts at E14.5 (Ito et al., 2003; Oka et al., 2012), simultaneously with MES disintegration (Chai and Maxson, 2006; Dudas et al., 2007; Levi et al., 2011). Therefore, we postulate that the MES might also express other chemokines involved in other pathways, such as CXCL12, to promote maturation of immature CXCR4-positive osteoblasts and ALP-activity to start palatal osteogenesis.

Disturbed migration of CNCCs to the orofacial region can lead to craniofacial abnormalities (Wang et al., 2019). Exposure to reactive oxygen species (ROS), generated by diabetes, infections, or social poisons, including maternal smoking, alcohol consumption, and exposure to teratogens, was found to harm fetal growth and development and could even lead to craniofacial anomalies in rats (Al Ghafli et al., 2004), zebrafish (Kim et al., 2014; de Peralta et al., 2016), and humans (Simpson, 1957; Andres, 1996; Shah and Bracken, 2000; Ion and Bernal, 2015; Parks, 2015; Zadzinska et al., 2016). ROS can contribute to the etiology of congenital malformations by disrupting migration of CNCCs to the orofacial region (Sakai and Trainor, 2016). In chick embryo, ROS production generated by caffeine exposure was found to disturb CNCC migration, leading to asymmetrical microphthalmia and abnormal orbital bone development (Ma et al., 2014).

During palatogenesis, failure of elevation, horizontal growth, adherence of the palatal shelves, or disruption of MES formation and MES disintegration results in cleft palate (Nakajima et al., 2018). Palatal clefting can be caused by disturbed migration of CNCCs to the orofacial region (Wang et al., 2019). In humans, disruption of CNCC migration to the oral region can lead to cleft lip and palate (CLP) (Ito et al., 2003) and Pierre Robin sequence, a congenital craniofacial anomaly characterized by mandibular micrognathia, glossoptosis, and cleft palate (Jakobsen et al., 2006; Chen et al., 2019).

A combination of genetic and environmental factors is thought to play a role in the etiology of orofacial clefting (Spilson et al., 2001; Mossey et al., 2009; Brocardo et al., 2011). Mice lacking transcription factor AP-2a show hampered CNCC migration resulting in congenital anomalies, including cleft palate (Nottoli et al., 1998). Repression of CNCC proliferation by inhibiting the transcription factor family Zeb prevents fusion between cultured mice palatal shelves in vitro (Shin et al., 2018). Failure of palatal bone formation between E14.5 and E16.5 in mice is associated with cleft palate (Oka et al., 2012). Maternal smoking (Shi et al., 2008), alcohol consumption (DeRoo et al., 2008), and diabetes (Correa et al., 2008), associated with oxidative and inflammatory stress (Chen and Scholl, 2005; Albano, 2006; Kamceva et al., 2016), were found to increase the risk at babies with CLP. Gestational treatment with nicotine inhibited palatal fusion by persistence of the MES in mice fetuses (Kang and Svoboda, 2003; Ozturk et al., 2016). In pregnant CL/Fr mice, having an incidence of spontaneous CLP of 35–40% in the offspring, exposure to hypoxia at E11 doubled the incidence of CLP at E18, indicating that a combination of genetic susceptibility and oxidative stress can result in CLP(Millicovsky and Johnston, 1981).

The heme oxygenase (HO) enzyme system protects against oxidative and inflammatory stress by degrading the pro-oxidant heme, thereby generating free iron/ferritin, carbon monoxide (CO), and the antioxidants biliverdin/bilirubin (Wagener et al., 2003; Grochot-Przeczek et al., 2012; Gorlach et al., 2015). These HO-effector molecules regulate vasodilation, inhibit platelet aggregation, suppress leukocyte adhesion, and reduce pro-inflammatory cytokine release (Grochot-Przeczek et al., 2012). The HO-system consists of two functional isoforms; HO-1 has low basal levels but is strongly inducible, whereas HO-2 is constitutively expressed (Ewing and Maines, 2006). Downregulation of HO-1 (Zenclussen et al., 2003) and HO-2 (Sollwedel et al., 2005) in human placenta is associated with spontaneous abortion, pre-eclampsia, and fetal growth retardation. HO-2 KO mice demonstrated fetal growth restriction, severe malformations, craniofacial anomalies (Suttorp et al., 2017), and elevated endothelial inflammatory and angiogenic factors (Bellner et al., 2009). HO-1 KO mice demonstrated a high prenatal mortality, with survivors showing growth retardation, organ fibrosis, and inflammatory tissue damage (Kapturczak et al., 2004). Others found that HO-1 KO mice are highly susceptible to ischemia, reperfusion injury, and right ventricular infarction (Yoshida et al., 2001; Liu et al., 2005). Induction of HO-1 decreased ROS levels in obese diabetic mice (Li et al., 2008). Interestingly, HO-1 expression promoted ALP-activity in the process of differentiation of osteoblast stem cells of human (Barbagallo et al., 2010; Vanella et al., 2012; Kim et al., 2013; Guo et al., 2017), mouse (Cheng et al., 2019), and rat into osteoblasts (Gu et al., 2012). In human periodontal ligament cells, induction of HO-1 leads to upregulation of osteogenic differentiation in vitro (Kook et al., 2009). However, blocking of HO-activity has therapeutically been used in preterm infants since administration of SnMP, a competitive inhibitor of HO-1 and HO-2, attenuates the development of hyperbilirubinemia (Valaes et al., 1994).

We postulate that Sox9, CXCR4, and HO-1 are expressed in the ALP-activity positive osteogenic regions within the CNCCs derived mesenchyme during palatal fusion in mice. Furthermore, we hypothesize that chemokine CXCL12 is expressed by the disintegrating MES to promote the formation of an osteogenic center by CXCR4-positive osteoblasts. In addition, we expect that increased levels of oxidative and inflammatory stress in HO-2 KO mice, and further increase of these stress levels, obtained by administration of HO-1 and HO-2 activity inhibitor SnMP at E11 in wt mice disrupts the migration of CNCCs to the orofacial region, increasing the risk of cleft palate.

In the present study, expression of Sox9, CXCL12, CXCR4, and HO-1 was studied in relation to MES disintegration at E15 and palatal osteogenesis between E15 and E16 marked by ALP-activity, in wild-type (wt) mice using (immuno)histochemical staining of coronal palatal sections. Additionally, the effects of absence of HO-2 in HO-2 KO mice, or inhibition of HO-1 and HO-2 activity using SnMP from E11 in wt mice on palatal bone formation at E15 and E16, was investigated.



MATERIALS AND METHODS


Mice Selection and Mating

Because HO-1 KO mice demonstrated severe pregnancy complications with a fetal loss rate of more than 85% (Zenclussen et al., 2011), and HO-2 mice demonstrated to be viable (Lundvig et al., 2014), the HO-2 mouse model was considered more suitable to collect fetuses for this study. Homozygote HO-2 KO mice were generated by targeted disruption of the HO-2 gene with mixed 129Sv × C57BL/6 background (Poss et al., 1995; Bellner et al., 2009). By quantitative real-time PCR, we previously confirmed the genotypes of mice by showing that HO-2 mRNA was only present in samples from wt fetuses, and not in HO-2 KO fetuses (Suttorp et al., 2017). The wt mice strain with mixed 129Sv × C57BL/6 background were used to obtain fetuses for the control group. Both the wt (n = 7) and HO-2 KO mice (n = 7) of 8 weeks old were bred and maintained in our animal facility. Female wt mice were mated with wt males, and female HO-2 KO mice were mated with HO-2 KO males. The next morning the mice were checked for the presence of a vaginal copulation plug, taken as day 0 of pregnancy (gestational/embryonic day 0; E0) (Behringer et al., 2016). Preliminary experiments (Ethical permission # RU-DEC 2009-160) demonstrated that both wt and HO-2 KO animals with mixed 129Sv × C57BL/6 background often did not carry fetuses. The hormones Folligonan (Gonadotropin serum, Intervet Nederland BV, Boxmeer, Netherlands) and Pregnyl (Human chorionic gonadotropin, NV Organon, Oss, Netherlands) were used to enhance the chance of pregnancy. At day –3 at 16.00 h Folligonan (6E in 30 μl) and at day –1 at 16.00 h Pregnyl (6E in 30 μl) was administered by intraperitoneal (i.p.) injection. At first, 1 wt mouse and two HO-2 KO mice demonstrated no plugged status. These animals were mated again 4 weeks later, and all demonstrated a plugged status the next morning.

Female CD1 mice of 12–17 weeks old (n = 11) were mated with male mice from the same strain at the animal facility of the animal suppliers Envigo (Venray, Netherlands). The plugged CD1 mice were transported to our animal facility and could acclimatize for at least 1 week before the start of the experiment. Absence of HO expression (both isoforms HO-1 and HO-2) was found to severely affect embryonic implantation (Zenclussen et al., 2011). SnMP can bind to the enzymes HO-1 and HO-2, but cannot be broken down by both isotypes, acting as a competitive inhibitor of the HO system (Stevenson et al., 1989). Instead of heme (iron protoporphyrin IX dichloride), SnMP (Sn mesoporphyrin IX dichloride) consists of a protoporphyrin IX ring with tin in its center (Lutton et al., 1999). SnMP was purchased from Frontier Scientific (Carnforth, United Kingdom). SnMP was freshly dissolved with Trizma base. The pH was adjusted to pH 7.6–8.0 with HCl, and further diluted till 10 mL with H2O. The SnMP solution was filter sterilized before administration. To be able to study palatal fusion in the absence of HO-1 and HO-2 activity (later referred to as HO-activity), pharmacological blocking in CD1 wt mice was obtained by administration of SnMP at the start of palatogenesis at E11.



Sample Size, Housing, Ethical Permission

To detect an effect size of 0.40 (generalized estimation of the reduction in fetal body weight following HO-2 abrogation/HO-activity inhibition) with power of 0.80 and a significance level of 0.05 for the four groups (wt E15, HO-2 KO E15, wt CD1 E16, and wt CD1 SnMP E16) a total sample size of n = 76 fetuses for this study was calculated by the one-way ANOVA power analysis a priori (G∗Power 3.1 software) (Faul et al., 2007). This indicated that the mean sample size per group should comprise approximately 19 fetuses. We estimated that the litter size could range from 8 to 18 fetuses, suggesting that each group should contain three pregnant mice. The chance of conception was assumed to be around 70%, indicating that for each group at least five mice should be mated.

The animals of both models were housed under specific pathogen-free housing conditions with 12 h light/dark cycle and ad libitum access to water and powdered rodent chow.

Ethical permission for the study was obtained according to the guidelines of the Board for Animal Experiments of the Radboud University Nijmegen (Ethical permission # RU-DEC 2012-166).



Studying Chemokine Expression by the MES in the Presence or Absence of HO-2

To be able to study chemokine expression by the MES, fetuses should be studied before the palatal shelves are completely fused. In wt mice the palatal shelves fuse between E14.5 and E15.5. In this period, the MES disintegrates, allowing the formation of mesenchymal confluence (Dudas et al., 2007). Therefore, fetuses of E15 were considered to be suitable to study chemokine expression by the disintegrating MES. In the absence of HO-2 expression chemokine expression by the MES was examined in HO-2 KO fetuses of E15 (later referred to as HO-2 KO E15). The E15 wt fetuses served as controls (later referred to as wt E15).



Studying Palatal Fusion in the Presence or Absence of HO-Activity

To be able to study palatal clefting, fetuses should be studied beyond the time point of palatal fusion. Since the epithelium of the palatal shelves loses its capacity to fuse at E16, the absence of palatal fusion at E16 is diagnosed as palatal clefting (Dudas et al., 2007). Therefore, fetuses of E16 were considered to be suitable to study palatal fusion. In the absence of HO-activity, obtained by SnMP administration, palatal fusion was examined in wt CD1 fetuses of E16 (later referred to as wt CD1 SnMP E16). In the control group, no SnMP was administered (later referred to as wt CD1 E16). All CD1 mice were randomly assigned to the wt CD1 E16 or wt CD1 SnMP E16 group.



Isolation of Mice Fetuses

The plugged animals of both models were sacrificed by CO2/O2 inhalation for 10 min, and the uteri and fetuses were isolated and photographed (see Figure 1). The wt and HO-2 KO mice were sacrificed at E15. Only three out of seven plugged wt mice, and four out of seven plugged HO-2 KO mice carried fetuses. In total, 16 wt E15 fetuses and 11 HO-2 KO E15 fetuses were obtained. The CD1 wt mice, the controls, and SnMP administered mice, were sacrificed at E16. In total of six out of six plugged wt mice of the control group, and four out of five plugged wt mice of the SnMP group carried fetuses. In total, 91 wt CD1 E16 fetuses and 56 wt CD1 SnMP E16 fetuses were obtained.


[image: image]

FIGURE 1. Isolation of the uteri and mice fetuses. After sacrifice of the plugged mice the uteri were isolated: (A) wt E15 mouse. (B) wt E15 mouse, (C) wt CD1 SnMP E16 mouse, (D,E) HO-2 KO E15 mouse. (F) Isolation of the fetuses from the uterus of a HO-2 KO E15 mouse. Left panel: Uterus containing 6 fetuses (green asterisks) in total. Middle panel: After removal of the fetuses five resorptions (red asterisks) were found (centimeter ruler). Right panel: Overview of the six isolated fetuses with placenta (green asterisks).




Fetal Loss Rate Calculation

For the fetus-carrying mice of both models, the fetal loss rate, the percentage of non-viable and hemorrhagic embryonic implantations to the total number of embryonic implantations (non-viable or hemorrhagic embryonic implantations + fetuses) was calculated.



Fetal Body Weight

To study the effects of the absence of HO-2 expression on fetal growth wt E15 fetuses (n = 15) and HO-2 KO E15 fetuses (n = 4) were weighed. Unfortunately, when the isolation of the uterus was performed for the first time, we weighed the fetuses in their amniotic sacs together with their placentas. During preparation we noticed that in some cases the amniotic fluid was partially leaked away caused by a perforation of the amniotic membrane, making this method unreliable. Subsequently, it was decided to perform the weighing of the fetuses separately from their amniotic sacs and placentas. Therefore, the weight of 1 wt E15 and 7 HO-2 KO E15 fetuses was not collected. To study the effects of HO-activity inhibition on fetal growth the wt CD1 E16 fetuses (n = 91) and wt CD1 SnMP E16 fetuses (n = 56) were weighed.



Paraffin Embedding and Section Cutting of Head Samples

Fetuses were decapitated and the head samples were fixed for 24 h in 4% paraformaldehyde and further processed for routine paraffin embedding. Serial coronal sections through the secondary palate region of 5-μm thickness were mounted on Superfrost Plus slides (Menzel-Gläser, Braunschweig, Germany). The paraffin sections were deparaffinized using Histosafe (Adamas Instrumenten B.V., Rhenen, Netherlands) and rehydrated using an alcohol range (100%–90%–80%–70%–35%–0%) for further (immuno)histochemistry.



Palatogenesis Classification of HE-Stained Palatal Sections

Serial coronal palatal sections from the wt E15, HO-2 KO E15, wt CD1 E16 and wt CD1 SnMP E16 fetuses were routinely stained with hematoxylin and eosin (HE). Because the palate is not fused in once, the four stages according to Dudas et al. (2007) and Suttorp et al. (2017) can all be present on the same embryonic day. Therefore, the sections were classified into the four stages of palatogenesis based on the anatomy of the secondary palatal shelves: elevation, horizontal growth, midline adhesion, and fusion. Per individual fetus palatogenesis was studied on multiple sections. A minimum of five sections from five to seven head samples per group were essayed. Microscopic photographs were taken using a Carl Zeiss Imager Z.1 system (Carl Zeiss Microimaging Gmbh, Jena, Germany) with AxioVision (4.8 v) software (Zeiss, Göttingen, Germany). HE series from the wt E15 and HO-2 KO fetuses were used as reference to obtain coronal palatal sections containing the MES for (immuno)histochemical staining. HE series from the wt CD1 E16 and wt CD1 SnMP E16 fetuses were used as reference to obtain coronal palatal sections containing the middle region of the fusing palatal shelves for (immuno)histochemistry.



Palatal Osteogenesis Identification by ALP-Activity

ALP-activity is often used as a marker of osteoblastic development (Stein and Lian, 1993). In the coronal palatal sections, increased expression of ALP activity was found to indicate enhanced differentiation of mesenchymal stem cells into osteoblasts (Rosa et al., 2003; George et al., 2006). Therefore, in this study ALP-positive stained regions were judged sites of initiated osteogenic differentiation. Paraffin embedded sections were selected from the wt E15, HO-2 KO E15, wt CD1 E16, and wt CD1 SnMP E16 fetuses. The sections were rinsed in demineralized water. Then, the sections were incubated for 60 min with TRIS buffer at 37°C, followed by incubation with Medium Alkaline Phosphatase at 37°C for half an hour. After rinsing with demineralized water, the sections were counterstained by Na-acetate buffer 0.1M pH 5.1, continued with 0.1% Methyl green in Na-acetate buffer with pH 5.1. The sections were briefly rinsed before mounting in Kaisers gelatin. Microscopic photographs of the ALP-stained palatal sections were taken.



Immunofluorescence Staining for Sox9, CXCR4, and HO-1-Expression in the Palate

For the Sox9 immunofluorescence staining, paraffin-embedded coronal palatal sections from the wt E15 and HO-2 KO E15 fetuses containing a complete or partial MES were selected. For the CXCR4 and HO-1, and the double-staining Sox9-CXCR4 and Sox9-HO-1 paraffin embedded sections from the wt E15, HO-2 KO E15, wt CD1 E16, and wt CD1 SnMP E16 fetuses were selected. Antigens were retrieved with citrate buffer at 70°C for 10 min, following by incubation in 0.015% trypsin in PBS at 35°C for 5 min. Next, the sections were pre-incubated with 10% normal donkey serum (NDS) in phosphate-buffered saline with glycine (PBSG). First, antibodies were applied overnight (see Table 1), after rinsing, followed by the secondary antibodies (see Table 1) for 1 h. For the double staining, the second first antibodies were also applied overnight. Nuclear staining was performed with DAPI. The sections were mounted with a glycerol based mounting medium containing 1, 4-Diazobicyclo-(2,2,2-octane (DABCO). Microscopic photographs of the immunofluorescence stained sections were taken.


TABLE 1. First and secondary antibodies used for CXCL12, Sox9, CXCR4, and HO-1 immunohistochemical staining.
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Immunohistochemical Staining of Palatal CXCL12 Expression

Paraffin-embedded coronal palatal sections from the wt E15 and HO-2 KO E15 fetuses, containing a full or partial MES, were selected. Endogenous peroxidase activity was quenched with 3% H2O2 in methanol for 20 min. No antigen retrieval was used. Next, the sections were pre-incubated with 10% NDS in PBSG. First antibody for CXCL12 (see Table 1) was diluted in 2% NDS in PBSG and incubated overnight at 4°C. After washing with PBSG, sections were incubated for 60 min with a biotin-labeled second antibody against host species (see Table 1) as previously described (Tan et al., 2009). Next, the sections were washed with PBSG and treated with avidin-biotin peroxidase complex (ABC) for 45 min in the dark. After extensive washing with PBSG, diaminobenzidine-peroxidase (DAB) staining was performed for 10 min for the CXCL12 staining. Finally, the nuclei were stained with Hematoxylin for 10 s and sections were rinsed for 10 min in water, dehydrated, and embedded in distyrene plasticizer xylene (DPX). Microscopic photographs of the CXCL12 stained sections were taken.



Quantification of CXCL12 Immunoreactivity in the Palatal Epithelium

The CXCL12 immunostained coronal palatal sections from the wt E15 and HO-2 KO E15 fetuses were examined. Within each section the epithelium of the palatal shelves was subdivided into three separate regions of interest (Inside, Outside, and Lateral nasal wall) according to morphological characteristics (epithelium region classification) as previously described (Suttorp et al., 2017). The epithelial regions per single section were semi-quantitatively scored according to the immunoreactivity scoring scale in three categories: HIGH, MODERATE and LOW (for details see Figure 2). CXCL12 immunoreactivity was evaluated by two observers, independently and blinded for the groups. The inter- and intra-examiner reliability was determined. For each individual fetus the modus of the scoring per epithelial region was calculated.
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FIGURE 2. Palatal epithelium classification. (A) Coronal palatal section, e.g., HO-2 KO E15. (B) For each section the palatal epithelial layers were subdivided into three regions of interest according to morphological characteristics: (Inside) epithelium of the palatal shelves from the edge, including the MES, to half of the width of the shelves (in red); (Outside) epithelium of the lateral half of the palatal shelves (in blue); (Lateral nasal wall) epithelium of the lateral wall of the nasal cavity, this region is positioned outside the palatal shelves and served as a control region (in yellow). Immunoreactivity scoring scale: Semi-quantitative scoring of CXCL12 immunoreactivity within the epithelial regions according to the following scale: HIGH, immunoreactivity present in almost the entire epithelial region; MODERATE, immunoreactivity present only partially in the epithelial region; LOW, almost no immunoreactivity present in the epithelial region. Immunoreactivity scored for the three regions of interest in a CXCL12 immunostained section. (C) Inside region was scored as HIGH, in red. (D) Outside region was scored as MODERATE, in blue. Lateral nasal wall region was scored as LOW, in yellow.




Quantification of CXCL12-Positive Cells in the Palatal Mesenchyme

Because the coronal palatal sections showed a significant variance in size of the palatal shelves, CXCL12 staining was adjusted to the surface area. The individual cross-sectional surface of the inner and outer half of each pair of shelves was measured using Fiji Image J 1.51n software (Zeiss, Göttingen, Germany). Then, the number of CXCL12-positive cells within the outline of the inner and outer half of the mesenchyme of the palatal shelves was counted (for details see Figure 3). The number of mesenchymal CXCL12-positive cells/mm2 per inner and outer half of the palatal mesenchyme per section was calculated. Cell counting was performed by two observers, independently and blinded for the groups. The inter- and intra-examiner reliability was determined. For each individual fetus the mean number of mesenchymal CXCL12-positive cells/mm2 per inner and outer half of the mesenchyme of the palatal shelves was calculated.
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FIGURE 3. Palatal shelf cross-sectional surface measurement determining the number of CXCL12-positive immunostained cells/mm2 within the mesenchyme. (A) The individual cross-sectional surface of the inner half (in green) and outer half (in orange) of each palatal shelf was measured. (B) A square scale bar was drawn in the microscopic picture of 1,000×1,000 μm (mm2) and the total number of pixels was determined (e.g., HO-2 KO E15: 1 mm2 = 635,000 pixels), data not shown. The contour of the mesenchyme was drawn (yellow line). The number of pixels for this area was determines by the Fiji Image J 1.51n software (10,424 pixels). The number of CXCL12-positive stained cells within this mesenchymal area of the palatal shelves was counted (e.g., inner half contains 31 CXCL12-positive cells. The number of cells/mm2 was calculated (635,000/10,424 × 31 = 1888 cells/mm2).




Statistical Analysis

The fetal loss rate of the wt E15 and HO-2 KO E15 fetuses, and the wt CD1 E16 and wt CD1 SnMP E16 fetuses, showed a non-normal distribution as evaluated by the Kolmogorov-Smirnov test (KS-test). The differences in fetal loss rate between those groups were compared using the non-parametric Kruskal-Wallis ANOVA on ranks test and Dunn’s Multiple Comparison post hoc test.

The fetal body weight of the wt E15 and HO-2 KO E15 fetuses showed a normal distribution as evaluated by the KS-test. To compare differences between those groups the Independent-Samples T-test was performed. The fetal body weight of the wt CD1 E16 and wt CD1 SnMP E16 fetuses showed a non-normal distribution as evaluated by the KS-test. The non-parametric Mann-Whitney test was used to compare differences between both groups.

The CXCL12 immunoreactivity in the three regions of interest of the palatal epithelium of the wt E15 and HO-2 KO E15 fetuses was semi-quantitatively scored and analyzed using the non-parametric Kruskal-Wallis ANOVA on ranks test and Dunn’s Multiple Comparison post hoc test to compare differences between both groups.

The number of CXCL12-positive cells/mm2 within the outline of the inner and outer half of the palatal mesenchyme of the wt E15 and HO-2 KO E15 fetuses was quantitatively scored and showed a normal distribution as evaluated by the KS-test. The data was analyzed using the ANOVA and Tukey’s multiple comparison post hoc test to compare differences between the inner and outer half of the palatal mesenchyme of both groups.

To determine the inter- and intra-examiner reliability for the semi-quantitative data of the CXCL12 immunoreactivity in the epithelium, the Cohen’s kappa coefficient was calculated. Acceptable scores >0.80 were obtained for the semi-quantitatively scoring.

To determine the inter- and intra-examiner reliability, the coefficient of determination (R2) was calculated by the square of the Pearson correlation coefficient for the quantitative data of the CXCL12-positive cells/mm2 in the palatal mesenchyme. Acceptable scores >0.80 were obtained for the counting.

Differences were considered to be significant if p < 0.05. All statistical analyses were performed using Graphpad Prism 5.03 software (GraphPad Software, San Diego, CA, United States).



RESULTS


MES Disintegration Despite HO-2 Abrogation and Palatal Fusion Despite HO-Activity Inhibition From E11

In the HE-stained coronal palatal sections of the wt E15 and HO-2 KO E15 fetuses, the tips of the palatal shelves were attached and disintegration of the MES was found. In the HE-stained sections from the wt CD1 E16 and wt CD1 SnMP E16 fetuses, the palatal shelves were fused. Representative palatal section per group was shown in Figure 4.
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FIGURE 4. MES disintegration despite HO-2 abrogation and palatal fusion despite HO-activity inhibition from E11. In the HE-stained coronal palatal sections of the wt E15 and HO-2 KO E15 fetuses, the palatal shelves were attached and disintegration of the MES was found. In the HE-stained coronal palatal sections from wt CD1 E16 and wt CD1 SnMP E16 fetuses, the palatal shelves were fused. Representative palatal section per group was shown.




Palatal Osteogenesis During MES Disintegration Is Normal Despite HO-Activity Inhibition

In the coronal palatal sections of the wt E15 and HO-2 KO E15 fetuses, clusters of ALP-positive-stained mesenchymal cells including small bone matrix depositions were found in the regions lateral of the fusing palatal shelves and lateral near the nasal septum. No disruption of ALP expression due to HO-2 abrogation was found. In the coronal palatal sections of the wt CD1 E16 and wt CD1 SnMP E16 fetuses, clusters of ALP-positive-stained mesenchymal cells surrounding large areas of bone depositions were found in both the center and lateral regions of the palatal shelves, and lateral near the nasal septum. Because of their ALP-activity, and their location around bone depositions, these ALP-positive clustered cells were regarded as osteoblast progenitors and osteoblasts. No disruption of ALP activity due to HO-activity inhibition was found. Representative section per group are shown in Figure 5. The clusters of ALP-positive-stained mesenchymal cells of the fusing palate were considered as palatal osteogenic centers and determined as region of interest for studying CXCL12, CXCR4, and Sox9 expression.
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FIGURE 5. Palatal osteogenesis during MES disintegration: (A) Upper panel: Histochemical stained coronal palatal section for ALP-activity, representative for the wt E15 and HO-2 KO E15 fetuses. Middle panel: Magnification of the central part of the fusing palate including the MES. The palatal mesenchymal cells demonstrated positive staining for ALP-activity. Green panel: Magnification of the nasal septum. A cluster of ALP-activity positive-stained mesenchymal cells was found in the region lateral from the nasal septum including some small bone matrix depositions (red arrow). Red panel: Magnification of the lateral part of the palatal shelve. A cluster of ALP-positive stained mesenchymal cells was found including small bone matrix depositions (red arrow). (B) Upper panel: Histochemical stained sections through the maxilla for ALP-activity, representative for the wt CD1 E16 and wt CD1 SnMP E16 fetuses. Middle panel: Magnification of the central part of the fusing palate. A cluster of ALP-positive stained mesenchymal cells including bone matrix depositions was found at the former location of the MES and was regarded as an osteogenic center. Green panel: Magnification of the nasal septum. A cluster of ALP-positive-stained mesenchymal cells surrounding a large area of bone matrix deposition (red arrow) was found. Red panel: Magnification of the lateral part of the palatal shelve. A cluster of ALP-positive-stained mesenchymal cells in the lateral part of the fusing palate surrounding a large area of bone matrix deposition (red arrow) was found.




Sox9 Expressing Cells Present in the MES and Palatal Osteogenic Centers

In both wt E15 and HO-2 KO E15 fetuses, Sox9 high-expressing cells were found in the disintegrating MES. Moreover, clusters of Sox9-positive mesenchymal cells were found in the osteogenic centers in the lateral parts of the fusing palate and at the oral side of the forming nasal septum. Regarding their clustered arrangement in the osteogenic centers it was assumed that these Sox9-positive cells are predominantly osteoblast progenitors. Furthermore, Sox9 expressing mesenchymal cells were present in the cartilage of the nasal septum, and are likely chondroblasts because of their specific position (see Figure 6). The non-specific autofluorescence is shown in Supplementary Figure 1A.
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FIGURE 6. Sox9 expressing cells in the MES and the palatal osteogenic centers. Upper panels: Fluorescent immunohistochemical-stained coronal palatal sections for Sox9-activity (red), representative for the wt E15 fetuses and HO-2 KO E15 fetuses. Middle panels: Strong Sox9 expressing cells (red) were found in the remnants of the MES. Green panels: Sox9 expressing mesenchymal cells were present in the osteogenic centers at the oral side of the forming nasal septum, and also in the cartilage of the nasal septum. Red panels: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of strong Sox9 expressing cells.




CXCR4 Expressing Cells in the Palatal Osteogenic Centers

In both wt E15 and HO-2 KO E15 fetuses, clusters of CXCR4-positive mesenchymal cells were found in the osteogenic centers in the lateral parts of the fusing palate. No CXCR4 expression was found within the disintegrating MES. In the wt CD1 E16 and wt CD1 SnMP E16 fetuses, CXCR4-positive stained cells in the osteogenic centers in both the central and lateral parts of the forming palate were found. Furthermore, at the oral side of the forming nasal septum CXCR4 expressing cells were found at E15 and E16 (see Figure 7). Regarding their clustered arrangement in the osteogenic centers, these CXCR4-positive mesenchymal cells were supposed to be primarily osteoblasts. In the cartilage of the nasal septum, the observed CXCR4-positive cells were considered to be generally chondroblasts. The non-specific staining of the second antibody for CXCR4 is shown in Supplementary Figure 1B.
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FIGURE 7. CXCR4 expressing cells in the palatal osteogenic centers. (A) Upper panel: Fluorescent immunohistochemical-stained coronal palatal section for CXCR4 expression (green), representative for the wt E15 and HO-2 KO E15, e.g., HO-2 KO. Middle panel: Within the disintegrating MES almost no CXCR4 expressing cells were found. Green panel: Near the forming nasal septum clusters of strong CXCR4 expressing cells were found. Also within the cartilage of the forming nasal septum CXCR4 expressing cells were present. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of strong CXCR4 expressing cells. (B) Upper panel: Fluorescent immunohistochemical stained coronal palatal section for CXCR4 expression (green), representative for the wt CD1 E16 and wt CD1 SnMP E16 fetuses, e.g., wt CD1 SnMP E16. Middle panel: in the osteogenic centers in the central part of the fusing palate clusters of CXCR4-positive-stained mesenchymal cells were found. Green panel: Near the forming nasal septum clusters of strong CXCR4 expressing cells were found. Also within the cartilage of the forming nasal septum CXCR4 expressing cells were present. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of strong CXCR4 expressing cells.




Most CXCR4-Positive Cells in the Palatal Osteogenic Centers Are Not Positive for Sox9

In both wt and HO-2 KO E15 fetuses, clusters of Sox9 expressing cells surrounding CXCR4-positive cells in the osteogenic centers in the lateral parts of the forming palate were found (see Figure 8). Only a few Sox9-CXCR4 double-positive stained cells were found near the remnants of the MES. In the wt CD1 E16 and wt CD1 SnMP E16 fetuses, almost no Sox9-CXCR4 double-positive stained cells were found in the osteogenic centers in the central part of the forming palate. In general, less Sox9 expressing cells were found in the palatal mesenchyme in the wt CD1 E16 and wt CD1 SnMP E16 fetuses compared to the wt E15 and HO-2 KO E15 fetuses. In the osteogenic centers, Sox9 expressing cells were surrounding CXCR4-positive cells. At the oral side of the forming nasal septum CXCR4 expressing cells near Sox9 expressing cells were found at E15 and E16. The observation that Sox9-positive cells were located close to CXCR4-positive cells surrounding the osteogenic centers supports the suggestion that these Sox9-positive cells could be osteoblast progenitors to maintain the osteoblast pool to drive osteogenesis.
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FIGURE 8. Most CXCR4-positive cells in the palatal osteogenic centers are not positive for Sox9. (A) Upper panel: Fluorescent immunohistochemical double-stained coronal palatal section for Sox9 (red) with CXCR4 (green), representative for the wt E15 and HO-2 KO E15 fetuses. Middle panel: Near the disintegrating MES only a few Sox9-CXCR4 double-positive stained cells (white arrow) were found. Green panel: In the osteogenic centers near the forming nasal septum clusters of Sox9 expressing cells together with CXCR4 expressing cells. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of Sox9 expressing cells near CXCR4 expressing cells. (B) Upper panel: Fluorescent histochemical double-stained coronal palatal section for Sox9 (red) with CXCR4 (green), representative for the wt CD1 E16 and wt CD1 SnMP E16 fetuses, e.g., wt CD1 SnMP E16. Middle panel: In the osteogenic centers in the central part of the fusing palate, almost no Sox9-CXCR4 double-positive stained cells were found. Green panel: Near the forming nasal septum clusters of CXCR4 expressing cells were found near CXCR4 positive cells. Also in the cartilage of the nasal septum CXCR4 positive cells were found close to Sox9 positive cells. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of Sox9 expressing cells near CXCR4 expressing cells.




HO-1 Expressing Cells in the Palatal Osteogenic Centers

In both wt E15 and HO-2 KO E15 fetuses, HO-1-positive-stained cells were found in the osteogenic centers in the central part but mainly in the osteogenic centers in the lateral parts of the forming palate. In the wt CD1 E16 and wt CD1 SnMP E16 fetuses, a few HO-1-positive stained cells were found in the osteogenic centers in the central part, but clusters of HO-1-positive stained cells were dominantly found in the osteogenic centers in the lateral parts of the forming palate. At the oral side of the forming nasal septum, HO-1 expressing cells were found at E15 and E16 (see Figure 9). Since many HO-1-positive cells were found in the osteogenic centers, they were considered to be predominantly osteoblasts.
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FIGURE 9. HO-1 expressing cells in the palatal osteogenic centers. (A) Upper panel: Fluorescent histochemical stained coronal palatal section for HO-1 expression (green), representative for the wt E15 and HO-2 KO E15 fetuses, e.g., HO-2 KO E15. Middle panel: In the mesenchyme near the disintegrating MES some HO-1 expressing cells (white arrow) were found. Green panel: Near the forming nasal septum clusters of strong HO-1 expressing cells were found. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of strong HO-1 expressing cells. (B) Upper panel: Fluorescent histochemical-stained coronal palatal section for HO-1 expression (green), representative for the wt CD1 E16 and wt CD1 SnMP E16 fetuses. Middle panel: In the central part of the fusing palate some HO-1 expressing cells were found. Green panel: Near the forming nasal septum clusters of strong HO-1 expressing cells were found. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of strong HO-1 expressing cells.




Most HO-1-Positive Cells in the Palatal Osteogenic Centers Are Not Positive for Sox9

In both wt and HO-2 KO E15 fetuses, only a few Sox9-HO-1 double-positive stained cells were found near the remnants of the MES (see Figure 10). In the wt CD1 E16 and wt CD1 SnMP E16 fetuses, HO-1 expressing cells were found in the osteogenic centers in the central part of the forming palate, but almost no Sox9-HO-1 double-positive stained cells were found. At the oral side of the forming nasal septum, clusters of HO-1 expressing cells were present (see Figure 10). The examination that Sox9-positive cells surrounded the osteogenic centers containing multiple HO-1-positive cells possibly means that osteoblast progenitors are not HO-1 positive.
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FIGURE 10. Most HO-1 positive cells in the palatal osteogenic centers are not positive for Sox9. (A) Upper panel: Fluorescent histochemical double-stained coronal palatal section for Sox9 (red) with HO-1 (green), representative for the wt E15 and HO-2 KO E15 fetuses, e.g., HO-2 KO E15. Middle panel: Near the disintegrating MES Sox9-HO-1 double-positive-stained cells (white arrow) were sporadically found. Green panel: In the osteogenic centers near the forming nasal septum clusters some HO-1 expressing cells were found. Furthermore, some solitary HO-1 expressing cells (yellow arrow) were found. In the cartilage of the nasal septum, multiple Sox9 expressing cells were found. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of HO-1 expressing cells, and solitary strong HO-1 expressing cells (yellow arrows) in the mesenchyme. (B) Upper panel: Fluorescent histochemical double-stained coronal palatal section for Sox9 (red) with HO-1 (green), representative for the wt CD1 E16 and wt CD1 SnMP E16 fetuses. Middle panel: In the fusing palate clusters of HO-1, expressing cells were found within the palatal osteogenic centers. Green panel: Near the forming nasal septum clusters of HO-1 expressing cells were found. In the cartilage of the nasal septum multiple Sox9 expressing cells were found. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of HO-1 expressing cells.




CXCL12 Expression Present in the MES and Palatal Osteogenic Centers

Chemokine CXCL12 was significantly higher expressed in the inside epithelial region including the MES (Inside) of the wt E15 and HO-2 KO E15 fetuses compared to the other epithelial layers of the fusing palatal shelves (Outside), and the lateral epithelium of the nasal cavity (Lateral nasal wall) (p < 0.001) (see Figures 11A,B).
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FIGURE 11. CXCL12 expression in the MES and palatal osteogenic centers. (A) Upper panel: Coronal palatal section stained for CXCL12 expression, representative for the wt and HO-2 KO fetuses. Middle panel: Magnification of the central part of the fusing palate including the MES. The MES demonstrated strong CXCL12 expression. CXCL12-positive cells were also found in the palatal mesenchyme. Green panel: The osteogenic centers at the lateral/oral side of the nasal septum demonstrated clusters of strong CXCL12 expressing cells. Also in the cartilage of the forming nasal septum CXCL12 expressing cells were present. Red panel: The osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of strong CXCL12 expressing cells. (B) Box-and-whisker plot with 10–90 percentiles of semi-quantitative assessment of the CXCL12 expression in the palatal epithelial layers (scoring scale in three categories: 1 = HIGH, 2 = MODERATE and 3 = LOW) compared for the different regions in sections from wt E15 (n = 7) and HO-2 KO E15 fetuses (n = 10), ∗∗∗ = p < 0.001. (C) Bar chart of the number of mesenchymal CXCL12-positive cells cells/mm2 compared for the wt E15 (n = 7) and HO-2 KO E15 fetuses (n = 10) between the outline of the inner and outer half of the mesenchyme. Data are shown as mean ± SD. No statistically significant differences in CXCL12 expression were found (p = 0.85).


CXCL12 expressing cells were also observed in the mesenchyme of the palatal shelves, but the number of CXCL12-positive cells/mm2 in palatal section showed no significant difference between the wt E15 and HO-2 KO E15 fetuses, and between the inner half and outer half (p = 0.85) (see Figure 11C). Based on their uniformly distribution, a majority of these CXCL12-positive cells in the palatal mesenchymal were considered to be fibroblasts. Furthermore, the osteogenic centers in the lateral parts of the fusing palate demonstrated clusters of strong CXCL12 expressing cells. Considering their clustered arrangement in the osteogenic centers, these CXCL12-positive cells were thought to be osteoblast progenitors or osteoblasts. Also within the cartilage of the forming nasal septum CXCL12 expressing cells were present, and these cells were regarded as chondroblast because of their specific location (see Figure 11A).



Fetal Resorption Independent of HO-2 Expression and HO-Activity

Approximately half of the wt E15 and HO-2 KO E15 fetuses were resorbed. Contrarily, in the wt CD1 E16 and wt CD1 SnMP E16 fetuses, the number of fetal resorptions was low (less than 7%). Higher fetal loss rate was found in the HO-2 KO E15 group compared to both the wt CD1 E16 and wt CD1 SnMP groups (p < 0.05) (see Figure 12). Disruption of HO-2 expression and HO-activity inhibition both did not result in increased fetal loss (p > 0.05).
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FIGURE 12. Fetal resorption independent of HO-2 KO expression and HO-activity. (A) Box-and-whisker plot with 10–90 percentiles of quantitative assessment of the fetal loss ratio in the wt (n = 3) and HO-2 KO pregnant mice (n = 4) at E15, and wt CD1 mice (n = 6) and wt CD1 SnMP mice (n = 4) at E16, ∗p < 0.05. (B) The uteri were photographed, the green asterisk indicated a fetus, the red asterisk indicated a fetal resorption. Representative uterus per group was shown. (C) Isolated fetus with placenta and isolated fetal resorption from the uterus.




Fetal Body Weight Is Decreased by Absence of HO-2 Expression but Increased by HO-Activity Inhibition From E11

The HO-2 KO E15 fetuses demonstrated a reduced fetal body weight compared to the wt E15 fetuses (p = 0.0416) (Figures 13A,B). On the other hand, in CD1 fetuses of E16, inhibition of the HO-activity by SnMP from E11 increased the fetal body weight (p < 0.0001) (Figures 13C,D). A representative fetus per group is shown in Figures 13B,D.
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FIGURE 13. Fetal body weight decreases by disruption of HO-2, but increases by HO-activity inhibition from E11. (A) Bar chart of the fetal body weight of the wt E15 fetuses (n = 15) and HO-2 KO E15 fetuses (n = 4), ∗p < 0.05. Data are shown as mean ± SD. (B) Representative fetus per group was shown (centimeter ruler). (C) Box-and-whisker plot with 10–90 percentiles of quantitative assessment of the body weight of the wt CD1 E16 fetuses (n = 91) and wt CD1 SnMP E16 fetuses (n = 56), ∗∗∗p < 0.001. (D) Representative fetus per group was shown (centimeter ruler).




DISCUSSION

We found clusters of Sox9 expressing cells surrounding CXCR4-positive cells in the ALP-positive osteogenic centers of the palatal shelves at E15 and E16 in wt mice. However, most Sox9 positive cells in the palate were not positive for CXCR4 expression. Furthermore, we showed that chemokine CXCL12, the ligand of receptor CXCR4, was overexpressed within these palatal osteogenic centers. Sox9, CXCR4, and CXCL12 expressing cells were also observed within the cartilage of developing nasal septum, suggesting their involvement in chondrogenesis. Several in vitro and in vivo studies on the role of CXCL12-CXCR4 signaling in relation to bone formation have been performed (Gilbert et al., 2019). CXCL12 expression in non-differentiated mesenchymal stem cells in bone was demonstrated, but toward the end of osteogenic differentiation CXCL12 was downregulated (Ito, 2011). Deletion of CXCL12 in osteoprogenitor cells resulted in decreased bone mass in the femur bone in mice (Tzeng et al., 2018). CXCL12 antibody administration inhibited new bone formation during the repair of femoral bone graft in mice (Kitaori et al., 2009). CXCR4 KO fetuses of E18.5 were smaller and showed deficient bone marrow development compared to the controls (Ma et al., 1998). CXCR4-deficient bone marrow-derived mesenchymal stromal stem cells from mice exhibited impaired osteogenic differentiation in response to BMP2 stimulation in vitro (Guang et al., 2013). Primary cultures for osteoblastic cells derived from CXCR4 KO mice showed decreased proliferation and impaired osteoblast differentiation in response to BMP2 or BMP6 stimulation in vitro (Zhu et al., 2011). Additionally, disruption of CXCR4 receptor in mouse hematopoietic stem cells led to increased endogenous ROS production (Zhang et al., 2016). Since our results showed that Sox9 and CXCR4 do not have overlapping expression, we suggest that Sox9-positive cells are osteoblast progenitors maintaining the osteoblast pool to drive osteogenesis, and that both CXCL12 and CXCR4 are later expressed by the mature osteoblasts. Furthermore, we propose that Sox9 expression and CXCL12-CXCR4 signaling in the cartilage of the nasal septum develop chondroblast formation. Since CXCL12-CXCR4 signaling promotes osteoblast formation, it is suggesting that CXCL12 expression by the disintegrating MES is a major initiator of palatal osteogenesis.

Studies on CXCL12-CXCR4 signaling in the developing palate are scarce. We provided novel evidence that chemokine CXCL12, the ligand of receptor CXCR4, was overexpressed by the epithelial cells of the MES, possibly to activate osteoblasts progenitors to facilitate palatal bone formation. In human palatal sections, CXCR4 expression was observed within the MES (Jakobsen et al., 2009). On the contrary, in our study we did not observe CXCR4 overexpression within the disintegrating MES. We could not find other studies that demonstrated CXCR4 expression in the MES. It is suggesting that CXCL12 expression by the disintegrating MES is a major initiator of palatal osteogenesis. Besides chemokine CXCL12, the disintegrating MES demonstrated strong expression of Sox9. Although Sox9 expression is demonstrated in the developing palatal shelves in mice fetuses (Potter and Potter, 2015; Watanabe et al., 2016; Xu et al., 2018), to our knowledge we are the first who demonstrated Sox9 expression specifically in the disintegrating MES. Sox9 signaling showed to be essential in the EMT mechanism in non-small-cell lung carcinoma cell (Zhang et al., 2017; Huang et al., 2019), mouse embryonic mammary cells (Kogata et al., 2018), mouse gastric cancer cells (Li et al., 2018), human colorectal cancer cells (Choi et al., 2017), human hepatocellular carcinoma cells (Kawai et al., 2016), thyroid cancer cells (Huang and Guo, 2017), and avian neural crest cells (Sakai et al., 2006) in vitro. Therefore, it’s tempting to speculate that Sox9 expression near the MES is involved in EMT processes, turning the basal epithelial layer of the MES into mesenchyme during palatal fusion.

Our novel hypothetical model (Figure 14) proposes that CXCL12-CXCR4 signaling facilitates osteogenesis during palatal fusion in mice. Expression of Sox9 in osteoblast progenitors was thought to initiate osteogenic differentiation by promoting CXCL12-CXCR4 signaling. CXCL12 expression by the MES and osteogenic centers in the fusing palatal shelves could promote maturation of immature CXCR4-positive osteoblasts. Sox9 progenitors thus seem important to maintain the CXCR4-positive osteoblast pool to drive osteogenesis. Furthermore, Sox9 expression found in the MES may in addition regulate MES disintegration by the process of EMT.
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FIGURE 14. Hypothetical model: CXCL12-CXCR4 interplay facilitates palatal osteogenesis. We propose that the CXCL12-CXCR4 interplay facilitates osteogenesis during palatal fusion in mice. Expression of transcription factor Sox9 in osteoblast progenitors was thought to initiate differentiation into osteoblasts by promoting CXCL12-CXCR4 signaling. CXCL12 expression in the midline epithelial seam could promote maturation of immature CXCR4-positive osteoblast. Sox9 progenitors maintain the CXCR4-positive osteoblast pool to drive osteogenesis. Furthermore, Sox9 expression found in the MES, possibly regulates MES disintegration by the process of epithelial-to-mesenchymal transformation (EMT).


Only a few Sox9-positive cells in the palatal mesenchyme were also positive for HO-1. Studies on the role of HO-activity on embryonic craniofacial development in mice are limited (Suttorp et al., 2017). As far as we know, this is the first study on the effects of inhibition of HO-1 and HO-2 by SnMP administration during palatogenesis. Adult HO-1 KO mice demonstrate growth retardation (Suliman et al., 2017), but HO-2 KO mice were found to be morphologically indistinguishable from wt mice (Poss et al., 1995). In rat, HO-1 inhibition by zinc deuteroporphyrin IX 2,4 bis glycol resulted in a significant decrease in pup size (Kreiser et al., 2002). This study showed that neither adhesion of the palatal shelves nor Sox9 and CXCL12 expression by the MES was affected by HO-2 KO disruption. We found that pharmacologically blocking of HO-activity by SnMP did not disturb palatal fusion or expression of Sox9, CXCR4, HO-1, and ALP-activity in the osteogenic regions.

Besides the absence of HO-activity, we did not further disturb the pregnancy by additional oxidative and inflammatory stress. Interestingly, HO-1 expression, but not HO-2, was found to rescue mesenchymal stem cells from H2O2-induced cell death in vitro (Cremers et al., 2014). It is likely that the role of HO is underestimated when its function is studied only during normal physiological conditions. For future experiments we consider to combine HO-activity inhibition with heme administration in different dose to study the effects of higher oxidative and inflammatory stress levels at palatal fusion. More research is needed to elucidate the relation between HO-activity and palatogenesis during stress-induced pathological pregnancy.

In our study, HO-2 abrogation demonstrated no increased fetal loss since both the HO-2 KO mice and wt mice showed a high fetal loss rate. Others found that HO-2 KO mice were fertile (Poss et al., 1995; Lundvig et al., 2014), although, no information was provided about the litter size. In another study, an increased abortion rate in mice was experimentally generated by lipopolysaccharide (LPS) injection at E18 in a dose-dependent fashion (Toyama et al., 2015). A limitation of the present study was the relatively small number of wt E15 and HO-2 KO E15 fetuses. Although we tried to enhance the fertility by administration of the hormones Folligonan and Pregnyl before mating, only three out of seven plugged wt mice, and four out of seven plugged HO-2 KO mice carried fetuses. It is suggested that the low fertility and high fetal loss rate in our mice with mixed 129Sv × C57BL/6 background possibly have dominated the effects of HO-2 abrogation in this study. However, our data could not provide evidence for this statement. The low fertility could possibly be explained by the excessive inbreeding within the colony. For future studies this problem could be solved by breeding homozygous HO-2 knockouts with hybrid 129Sv × C57BL/6 wt mice. By breeding the resulting heterozygotes, wt and homozygous HO-2 KO mice would then be obtained. HO-activity inhibition from E11 was not found to increase the fetal loss rate compared to the controls. HO-activity inhibition by administration of zinc mesoporphyrin early in pregnancy in mice between E0-E6 was also found to increase the abortion rate (Sollwedel et al., 2005; Schumacher et al., 2012). We demonstrated that HO-2 KO fetuses showed a reduced fetal body weight, but, interestingly, pharmacological blocking of HO-activity by SnMP administration at E11 resulted into a higher fetal body weight. This suggests that during implantation HO-activity promotes fetal growth, whereas HO-activity at later moments (E11–E16) inhibits embryonal growth. In fact, others showed that adult HO-2 KO mice were obese, induced by disrupted metabolic homeostasis, caused by insulin resistance and elevated blood pressure (Cao et al., 2012). It would then be interesting to investigate whether induction of HO-1 could indeed counteract this obesity. However, no difference in phenotype was found between HO-2 KO and wt mice by others (Qu et al., 2005). We hypothesize that HO-activity is especially essential during implantation and early embryonic development, but stress-level-dependent in the later stages of fetal development.

In conclusion, our results support the hypothesis that CXCL12-CXCR4 interplay facilitates palatal osteogenesis during palatal fusion in mice. To the best of our knowledge, this is the first study demonstrating Sox9 and CXCL12 expression in the disintegrating MES and other palatal osteogenic centers. Neither CXCL12 expression during the MES disintegration nor palatal fusion was affected by HO-2 abrogation or inhibition of HO-activity. Further research is needed to unravel the role of cytoprotective HO-activity in the presence of additional oxidative and inflammatory stresses in relation to the development of craniofacial malformations, including palatal clefting.
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Dental epithelial stem cells give rise to four types of dental epithelial cells: inner enamel epithelium (IEE), outer enamel epithelium (OEE), stratum intermedium (SI), and stellate reticulum (SR). IEE cells further differentiate into enamel-forming ameloblasts, which play distinct roles, and are essential for enamel formation. These are conventionally classified by their shape, although their transcriptome and biological roles are yet to be fully understood. Here, we aimed to use single-cell RNA sequencing to clarify the heterogeneity of dental epithelial cell types. Unbiased clustering of 6,260 single cells from incisors of postnatal day 7 mice classified them into two clusters of ameloblast, IEE/OEE, SI/SR, and two mesenchymal populations. Secretory-stage ameloblasts expressed Amel and Enam were divided into Dspp + and Ambn + ameloblasts. Pseudo-time analysis indicated Dspp + ameloblasts differentiate into Ambn + ameloblasts. Further, Dspp and Ambn could be stage-specific markers of ameloblasts. Gene ontology analysis of each cluster indicated potent roles of cell types: OEE in the regulation of tooth size and SR in the transport of nutrients. Subsequently, we identified novel dental epithelial cell marker genes, namely Pttg1, Atf3, Cldn10, and Krt15. The results not only provided a resource of transcriptome data in dental cells but also contributed to the molecular analyses of enamel formation.

Keywords: tooth development, ectodermal organ, gene expression, ameloblast, single-cell RNA-seq


INTRODUCTION

The development processes of ectodermal organs, such as tooth, hair, lung, and kidney, have common features, which are initiated by the interaction of the epithelium with the mesenchyme through the basement membrane (Thesleff, 2003). Tooth development begins from reciprocal interaction of oral epithelium with underneath neural crest-derived mesenchyme. Oral epithelium begins to thicken and becomes dental epithelial stem cells (DESCs). DESCs invaginate into mesenchyme and form tooth germ. During tooth development, DESCs give rise to all types of dental epithelial cells that involve amelogenesis (Juuri et al., 2013). They may be classified into the following five types: ameloblast and its progenitor inner enamel epithelium (IEE), outer enamel epithelium (OEE), cuboidal cells surrounding the outer layer of the enamel organ, stratum intermedium (SI), squamous cells that cover ameloblast, and stellate reticulum (SR), having a spindle shape (Krivanek et al., 2017). All these cell types are essential for proper enamel formation (Liu H. et al., 2016). This classification is based on cell shape, and each cell type seems to play a distinct role; however, the transcriptomic characteristics and roles of OEE and SR are not yet fully understood.

For a better understanding of the molecular mechanism during tooth development, we had previously identified several genes preferentially expressed in ameloblast lineage and had analyzed their roles in tooth development (Saito et al., 2015; Liu J. et al., 2016; Miyazaki et al., 2016; Nakamura et al., 2016; Arai et al., 2017; Han et al., 2018; Nakamura et al., 2020). We had also identified novel genes from tooth germ complementary DNA library, namely Ameloblastin (Ambn), Epiprofin (Epfn), and AmeloD (Dhamija et al., 1999; Nakamura et al., 2004; He et al., 2019), and each of these knockout mice models showed severe enamel hypoplasia (Fukumoto et al., 2004; Nakamura et al., 2008, 2017; Aurrekoetxea et al., 2016; Chiba et al., 2019). Currently, ameloblast is the best-characterized cell type of dental epithelium and plays the most important role in enamel formation. Enamel formation process, called amelogenesis, can be split into four stages: proliferation stage, secretory stage, transition stage, and maturation stage. The stages are defined by the morphology and function of ameloblasts (Bartlett, 2013). The ameloblasts form a single-cell layer to cover the enamel and play indispensable roles in enamel formation by changing their shape and function through amelogenesis.

DESCs commit cell fate into ameloblast lineages and differentiate into IEE cells, which proliferate and migrate to increase the size of tooth germ during the proliferation stage (Chiba et al., 2019). Soon after, IEE cells exit the cell cycle and become polarized pre-ameloblasts. Pre-ameloblasts extend cytoplasmic projections through the basement membrane to break it. This action enables ameloblasts to deposit the enamel matrix on the dentin–enamel junction (Bartlett, 2013). In the secretory stage, pre-ameloblasts increase in height and differentiate into ameloblasts, which develop Tomes’s processes to secrete enamel matrices such as Ambn, Amelogenin (Amel), and Enamelin (Enam) (Green et al., 2019). At the end of the secretory stage, ameloblasts lose their Tomes’s processes and produce proteases to degrade and absorb the enamel matrix proteins in the transition stage. In the maturation stage, ameloblasts change their cell shape alternately into a ruffle-ended and smooth-ended phase to modulate ion transportation and pH cycling (Lacruz et al., 2017). Thus, ameloblasts show dynamic changes in their morphology and function to contribute to enamel formation.

Tooth development shows dynamic changes in matrix metabolism and in-cell development, whereas dental epithelium becomes later reduced to enamel epithelium and undergo apoptosis associated with tooth eruption in humans (Lacruz et al., 2017). Therefore, the dental epithelium is a non-regenerative tissue that limits the observation of the developmental trajectory of cell fate. Rodent incisors have stem cell niche in their roots, referred to as a cervical loop, and grow throughout their life (Harada et al., 2006; Sharir et al., 2019).

In the cervical loop region of rodent incisor, Sox2 + DESCs continuously provide differentiating epithelial cells toward apical sides (Juuri et al., 2013). This model provides a new perspective on the development of dental epithelium. Single-cell RNA sequencing (scRNA-seq) is a powerful tool to clarify the heterogeneity of developing cell types; recent scRNA-seq studies in tooth development have clarified some characteristics of dental epithelial cell types (Landin et al., 2012, 2015; Sharir et al., 2019; Takahashi et al., 2019). However, there has been no report yet that covers the perspective of transcriptome profiles in dental epithelium differentiation, especially amelogenesis using scRNA-seq.

In this study, we performed scRNA-seq analysis using whole mouse incisors to identify the transcriptomic characteristics of enamel-forming dental epithelial cells. The transcriptome map showed the roles of dental epithelial cells and identified potential novel marker genes for each dental cell type. Also, the secretory stage of ameloblasts was categorized as Dspp + and Ambn + ameloblast clusters, each with a distinct biological role. These findings together demonstrated the establishment of transcriptional identities of dental epithelial cells and uncovered the role of dental epithelial cell types.



EXPERIMENTAL PROCEDURES


Animals and Tissues

The Tg(KRT14-RFP)#Efu (Krt14-RFP) mouse line was obtained from Dr. Matthew P. Hoffman and maintained as homozygous (Zhang et al., 2011). The animal protocol used in the present study was approved by the National Institute of Dental and Craniofacial Research (NIDCR) Animal Care and Use Committee (protocol number ASP16-796). All animals were housed in a facility approved by the American Association for the Accreditation of Laboratory Animal Care. Incisors were dissected with sharp tweezers from seven littermates of P7 Krt14-RFP mice. Single-cell dissociation was essentially performed as previously described (Li et al., 2015). Briefly, dissected incisors were incubated in 4-mg/ml Dispase II (Roche) for 14 min at 37°C. They were placed in cold Dulbecco’s modified Eagle medium/F12, and dental epithelium and mesenchyme were separated under a microscope. The tissues are then placed in Accutase (Sigma) for 30 min at 37°C. After pipetting up and down, using 1,000 μm tips, a single-cell suspension was produced by passing through a 70 μm sterile cell strainer. The cells were resuspended with 0.04% bovine serum albumin containing cold phosphate-buffered saline. All methods were carried out following relevant guidelines and regulations.



Single-Cell Library Preparation and Sequencing

Single-cell library preparation was performed following the manufacturer’s instructions for the 10 × Chromium single-cell kit (10x Genomics, CA, United States). The libraries were sequenced on a NextSeq 500 sequencer (Illumina, CA, United States), as previously described (Sekiguchi et al., 2020).



Single-Cell RNA Sequencing Data Processing and Quality Control

Read processing was performed using the 10 × Genomics workflow (Zheng et al., 2017). Briefly, the Cell Ranger Single-Cell Software Suite was used for demultiplexing, barcode assignment, and unique molecular identifier (UMI) quantification1. The reads were aligned to the mm10 reference genome (Genome Reference Consortium Mouse Build 38) using a pre-built annotation package obtained from the 10 × Genomics website2. Samples were demultiplexed using the “cellranger mkfastq” function, and gene count matrices were generated using the “cellranger count” function.

The Cell Ranger software identified, on an average, 46,146 barcodes per sample, containing 7,356 median UMIs per cell. The mean sequencing saturation of the sample was 50%. The following metrics were used to flag poor-quality cells: number of genes detected, total number of UMIs, and percentage of molecules mapped to mitochondrial genes. Data for specific cells were not included in subsequent analyses when fewer than 700 genes were detected. Cells, with a mean of >9% of UMIs mapped to mitochondrial genes, were defined as non-viable or apoptotic and were excluded from the analyses. Genes expressed in <5 cells were not included; 6,260 cells were included in subsequent clustering.



Cell Clustering Analyses

Secondary analysis and filtering were performed using the Seurat v2 R package (Satija et al., 2015). To assign epithelial and mesenchymal cells to distinct clusters based on differentially expressed transcripts, significant dimensions were first defined by principal component analysis. The number of significant PCs for clustering analysis was determined by the “JackStraw” function implemented by the Seurat package at p < 0.05 with 15 PCs. The significant PCs were applied to graph-based clustering using Seurat’s “findClusters” function. Cluster representations were performed by t-distributed stochastic neighbor embedding (t-SNE) at resolution 0.2.



Differential Expression, Gene Ontology, and Pseudo-Time Analysis

Per cluster differential gene expression was computed with Seurat2’s “FindAllMarkers” function using default parameters (Zheng et al., 2017). The Log2FoldChange was the ratio of gene expression of one cluster to that of all other cells. The P-value was calculated by a negative binomial exact test (Yu et al., 2013). We considered marker genes that were differentially expressed (p < 0.01). For gene ontology (GO) analysis, an online platform for GO enrichment analysis, provided by the Gene Ontology Consortium3, was used (Ashburner et al., 2000; Mi et al., 2019) with the differentially expressed in each cluster (p < 0.01). The R package monocle was used to perform pseudo-time analysis. To cluster genes by pseudo-temporal expression pattern, the function “plot_pseudotime_heatmap” was used (Trapnell et al., 2014).



Immunofluorescence and Single-Molecule Fluorescence in situ Hybridization

P1 and P3 mouse heads were embedded in paraffin, sectioned, and subjected to immunofluorescence, as described previously (Chiba et al., 2019). The primary antibodies of AMEL (Abcam, 1:200), NOTCH2 (Cell Signaling Technology, 1:200), PTTG1 (Abcam, 1:100), CLDN10 (Thermo Fisher Scientific, 1:200), ATF3 (Abcam, 1:100), and KRT15 (Abcam, 1:200) were used for immunostaining. These primary antibodies were detected by Alexa Fluor 488-conjugated antibody (Invitrogen, 1:400). Nuclear staining was performed with DAPI (Sigma).

For single-molecule fluorescence in situ hybridization (smFISH), Custom Stellaris® Probe Sets (LGC Biosearch Technology, Hoddesdon, United Kingdom) for mouse Ambn and mouse Dspp were designed by Stellaris Probe Designer. Hybridization buffer was prepared as previously described (Wang, 2019), and smFISH was performed following the manufacturer’s protocol.



RESULTS


Single-Cell Transcriptome Analysis of Mouse Incisors Showed the Entire Population of Dental Cells

We first established a fluorescent mouse model, to distinguish dental epithelium from other cell types, using Tg(KRT14-RFP)#Efu, a Keratin14 (Krt14)-promoter driven RFP tag mouse (Krt14-RFP) (Zhang et al., 2011). Krt14 is a marker of the dental epithelium (Chavez et al., 2014), and in Krt14-RFP mice, RFP was observed in the entire dental epithelium in postnatal-day (P) 3 incisors (Figure 1A). Rodent incisor develops continuously throughout their life; therefore, it is a good model to analyze the developing cell stages. Although maturation of mice incisors takes 4 weeks after their birth, most of the cells that consist of incisor are observed at P7. To isolate all types and stages of dental cells, we dissected mandibular incisors of P7 Krt14-RFP mice littermates and dissociated dental cells into single cells. Single cells were immediately loaded to the 10 × genomics platform, and scRNA-seq was performed. We obtained 6,260 single-cell transcriptome data with 2,386 mean genes per cell (Table 1). Differential gene expression analysis identified DsRed + (Krt14 +) epithelial cell, Fn1 + mesenchymal cell, Cdh5 + endothelial cell, and Ccl12 + leukocyte clusters (Figures 1B,C).
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FIGURE 1. t-SNE visualization showed the entire population of the incisor. (A) Schematic representation of the procedure for single-cell RNA-sequencing using Krt14-RFP P7 mouse incisors. Incisors were dissected from postnatal day 7 (P7) Krt14-RFP littermates. Left panel shows a sagittal section of P3 Krt14-RFP mouse incisor. (B) Expression of cell-type-specific marker genes projected onto the t-SNE plot. DsRed and Krt14: epithelium, Fn1 and Vim: mesenchyme, Cdh5: endothelial cell, Ccl12: leukocyte. (C) Classified population based on the marker genes analyzed in Figure 1B. The four clusters comprised of Krt14 + epithelium (blue), Fn1 + mesenchyme (orange), Cdh5 + endothelial cell (pink), and Ccl12 + leukocyte (gray). (D) t-SNE visualization of all single-cell RNA-seq datasets from P7 Krt14-RFP mouse incisors. Automatic clustering based on log-transformed mean expression values of the eight clusters, identifying four epithelial, two mesenchymal, erythrocyte, and leukocyte clusters. Blue lines indicate epithelial clusters. Orange lines indicate mesenchymal clusters. DE, dental epithelium; DM, dental mesenchyme.



TABLE 1. Quality control statistics for scRNA-seq.
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Classification Based on Marker Genes Showed the Known Dental Cell Populations and Their Transcriptomic Characteristics

Unbiased clustering identified four epithelial and two mesenchymal clusters, excluding erythrocyte and leukocyte clusters (Figure 1D). We first analyzed the expression of dental cell marker genes to identify the known dental cell populations in the t-SNE plot. Amel, Tbx1, Sfrp5, Notch1, and Notch2 were used as cell type-specific marker genes, as reported previously (Harada et al., 1999; Mitsiadis et al., 2010; Juuri et al., 2013). The secretory stage of ameloblasts was marked by Amel, and IEE and OEE were characterized by Tbx1 and Sfrp5 (Figure 2A). SI cell appeared as a high Notch1-expressing cluster in the epithelium, whereas SR cell showed a high expression of Notch2. Dmp1 marked odontoblast in mesenchymal clusters. We confirmed the expression pattern of AMEL and NOTCH2 by immunofluorescence in the P1 mouse incisor (Figure 2B). As expected, AMEL and NOTCH2 were localized in ameloblast and SR cell, respectively. Based on marker gene expression, the dental epithelial population was classified into two epithelial clusters of the Amel + secretory stage of ameloblast Ameloblasts (I) and (II), a Tbx1 + /Sfrp5 + epithelial cluster IEE/OEE, and Notch1 + /Notch2 + epithelial cluster SI/SR (Figure 2C). Interestingly, unbiased clustering indicated IEE and OEE, or SI and SR cells, to have similarity in the transcriptome, and categorized the cell types into one cluster. Although IEE/OEE or SI/SR clusters were separate, they were located closely in t-SNE visualization. We further examined the expression of developmental stage-dependent genes in the t-SNE plot (Supplementary Figure 1). Ki67 (Mki67) is a marker gene for actively proliferating cells, which was observed in the IEE/OEE cluster. Shh and Wnt6 are known to be expressed in enamel knot and pre-ameloblast (Gritli-Linde et al., 2002; Cobourne et al., 2004; Wang et al., 2010), which was observed in IEE/OEE clusters and Ameloblast clusters, with especially high expression in Ameloblast (I) cluster. These results indicate the differentiation processes of ameloblast lineages.


[image: image]

FIGURE 2. Unbiased clusters were profiled by cell type marker genes. (A) Expression of known dental cell-type-specific marker genes projected onto the t-SNE plot. Amel: ameloblast, Tbx1: IEE and OEE, Sfrp5: IEE and OEE, Notch1: SI, Notch2: SR, Dmp1: odontoblast (Od). (B) Immunofluorescence of AMEL, NOTCH2 in P1 mouse incisors. AMEL localized in ameloblast. NOTCH2 localized in SR. Boxed area was magnified in the right panel. AM, ameloblast; CL, cervical loop; IEE, inner enamel epithelium; OEE; outer enamel epithelium; SI, stratum intermedium; SR, stellate reticulum. Scale bars: 50 μm. (C) Classified population based on the dental cell-type marker genes analyzed in Figure 2A. Unbiased eight clusters included two clusters of Amel + ameloblast (blue and light blue), Tbx1 + and Sfrp5 + IEE/OEE cluster (light green), Notch1 + and Notch2 + SI/SR cluster (green), Dmp1 + odontoblast (orange), Fn1 + and Vim + mesenchyme (yellow), Cdh5 + endothelial cell (pink), and Ccl12 + leukocyte (gray). (D) Heatmap analysis demonstrated 50 highly differentially expressed genes between clusters. Genes known as cell type markers are labeled. Bar plots highlight GO terms enriched in the cluster of (E) IEE/OEE and (F) SI/SR with differentially expressed genes.


We next examined the transcriptomic characteristics of each cluster by differential gene expression analysis (Figure 2D). Heatmap showed obvious differences in the highly expressed genes across cell clusters, suggesting them to have distinct roles in tooth development. Notably, IEE/OEE cells highly expressed cell cycle-related genes, such as Cdk1, Cdc20, and Cdca3 (Figure 2E). Although Notch1 and Notch2 were specifically expressed in SI and SR cells, respectively, they were not included in the top 20 highly expressed genes (Table 2 and Supplementary Figure 2). GO analyses were performed with the highly expressed genes in IEE/OEE and SI/SR clusters to clarify the roles of each cell type during tooth development (Figures 2E,F). In IEE/OEE clusters, GO terms were mostly enriched in cell division and cell cycle, in agreement with their high proliferation activity (Figure 2E). In SI/SR clusters, GO enrichment indicated that they act as regulators of nutrient and ion transport (Figure 2F), in line with previous reports (Kallenbach, 1978; Inage et al., 1987; Yoshida et al., 1989; Nakamura and Ozawa, 1997).


TABLE 2. Top 20 highly expressed genes of each cluster.
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Differential Gene Expression Analysis Identified Novel Marker Genes in Dental Epithelial Cells

We sought to identify novel marker genes in dental epithelial cells. We selected several genes that were specifically expressed in IEE/OEE or SI/SR clusters (Figure 3A). Immunofluorescence was performed in P1 mouse molars to examine the localization of Pituitary tumor-transforming 1 (Pttg1), Claudin 10 (Cldn10), Activating transcription factor 3 (Atf3), and Keratin 15 (Krt15) (Figure 3B). At this stage, molars have distinct differentiated cell types. PTTG1 was localized in OEE and IEE cells. CLDN10 was expressed in SI cells. ATF3 was expressed in both OEE and SR cells. KRT15 was remarkable in OEE. We further examined the expression of CLDN10 and KRT15 in P7 incisors (Figure 3C). As expected, CLDN10 was localized in SI cells and KRT15 was expressed in OEE cells. These results together indicated the genes to be novel dental epithelial cell markers.
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FIGURE 3. Novel marker genes of dental epithelial cell types were identified by differential expression analysis. (A) Expression of novel dental cell-type-specific marker genes projected onto the t-SNE plot. Pttg1, Cldn10, Atf3, and Krt15 were identified as candidate marker genes from differentially expressed genes in each cluster. (B) Immunofluorescence of novel dental cell-type-specific marker genes in P1 mouse molars. PTTG1 localized in IEE and OEE. CLDN10 localized in SI. ATF3 localized in OEE and SR. KRT15 localized in OEE. Boxed area was magnified in the right panel. AM, ameloblast; IEE, inner enamel epithelium; OD, odontoblast; OEE; outer enamel epithelium; SI, stratum intermedium; SR, stellate reticulum. Scale bars: 100 μm. (C) Immunofluorescence of CLDN10 and KRT15 in P7 mouse incisors. CLDN10 was continuously localized in SI, although the papillary layer showed weak expression. KRT15 localized in the outer enamel epithelium and outer layer of the papillary layer. AM, ameloblast; OEE; outer enamel epithelium; SI, stratum intermedium; PA, papillary layer. Scale bars: 100 μm.




Unbiased Clustering Revealed Novel Subpopulations of Ameloblast

Unbiased clustering showed that the Amel + secretory stage of ameloblasts could be divided into two subpopulations, namely Ameloblasts (I) and (II), as shown in Figure 2C. To characterize these clusters, we first analyzed the expression of secretory-stage ameloblast marker genes in scRNA-seq datasets. Ambn, Amel, Enam, and Matrix metalloproteinase 20 (Mmp20) are well-investigated secretory-stage ameloblast markers (Fukumoto et al., 2004; Bartlett, 2013). Enam and Mmp20 were seen in both ameloblast clusters, similar to the expression of Amel; however, Ambn was highly expressed in Ameloblast (II) (Figure 4A). In contrast, Dspp was specifically expressed in the Ameloblast (I) cluster. We next examined the localization of Ambn and Dspp messenger RNAs in P1 mouse incisors by smFISH (Figure 4B). Although Dspp was expressed in differentiated odontoblasts and early-stage secretory ameloblasts, later on, it was not found to be expressed in fully differentiated ameloblasts. Ambn was found to gradually increase its expression from early-stage differentiation and showed high expression in fully-differentiated ameloblasts. These results clarified that Ameloblast (II) cluster contained Ambn + fully differentiated ameloblasts, and Ameloblast (I) cluster contained Dspp + early-differentiated ameloblast subpopulation (Figures 4C,D).
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FIGURE 4. Main population of ameloblasts was divided into Dspp-positive and Ambn-positive clusters. (A) Expression of ameloblast marker genes projected onto the t-SNE plot. Secretory-stage ameloblast marker genes (Amel, Enam, and Mmp20) were expressed in the entire ameloblast clusters, whereas Ambn + and Dspp + clusters were separated by the unbiased population. (B) Single-molecule fluorescence in situ hybridization (smFISH) of Ambn and Dspp in P1 mouse incisor. Left panel, IEE region. Right panel, ameloblast region. AM, ameloblast; IEE, inner enamel epithelium; MES, dental mesenchyme; OD, odontoblast. Scale bars: 100 μm. (C) Classified populations based on the marker genes of dental epithelial cell types analyzed in (A). Secretory-stage ameloblast clusters were divided into Ambn + ameloblast and Dspp + ameloblast. (D) Model of reconstructed incisors based on the classification in (C). AM, ameloblast; IEE, inner enamel epithelium; MES, dental mesenchyme, OD; odontoblast, OEE; outer enamel epithelium; SI, stratum intermedium; SR, stellate reticulum.




Transcriptomic Characterization Indicated Distinct Roles of Dspp + Ameloblast and Ambn + Ameloblast

DESCs differentiate into IEE cells at the proliferative stage and into pre-ameloblasts after that. The secretion of enamel matrices by ameloblasts with Amel, Enam, and Mmp-20 expression defines the secretory stage of ameloblasts (Bartlett, 2013). Currently, the secretory stage of ameloblasts has been defined as consisting of one population. Our current results indicated that ameloblasts actually have two distinct subpopulations (Figures 4A,C). Moreover, Dspp and Ambn could be spatiotemporal marker genes of these stages.

For further analysis of the ameloblast developmental trajectory, we performed pseudo-time analysis using an algorithm of Monocle 2 (Trapnell et al., 2014). First, we tested the entire differentiation process of whole dental epithelial cells by trajectory analysis (Supplementary Figure 3). The datasets of whole dental epithelial cells were used as input (Supplementary Figure 3A) and pseudo-temporal plots were represented in trajectory analysis (Supplementary Figure 3B). Differential expression analysis of cell-type-specific genes, which was used in Figure 2A, revealed that the trajectory was divided into IEE/OEE, SI/SR, and Ameloblast branches (Supplementary Figure 3C). With the results of pseudo-temporal plots, trajectory analysis indicated that IEE/OEE clusters gave rise to SI/SR and Ameloblast clusters. We then further analyzed the detailed differential trajectory in ameloblast lineages (Figure 5). Tbx1 + IEE/OEE and Amel + ameloblast clusters were used as input datasets of ameloblast lineages (Figure 5A). Pseudo-temporal plots were represented in t-SNE plots, showing the trajectory of ameloblast differentiation (Figure 5B). Tbx1, Dspp, and Ambn were expressed in different clusters of pseudo-temporal t-SNE visualization (Figure 5C). We next tested the pseudo-time-dependent clustering of gene expression. In the “Rolling wave” plot, the genes showing a significant change in expression, based on pseudo-time axis, were picked up as differentiation genes. Differentiation gene groups were clustered into four groups: (I) to (IV) (Figure 5D). Tbx1 showed a similar pattern with the groups (I) and (II), whereas Dspp was seen in group (III), and Ambn showed similarity with group (IV). These results indicate that the Dspp + cluster has a distinct state and later differentiates into the Ambn + cluster. This corresponds to the finding obtained from smFISH in Figure 4B. We checked the highly expressed genes in the Dspp + and Ambn + clusters (Figure 5E). Signaling molecules, such as Wnt6 and Shh, were highly expressed in Dspp + cells, thus indicating that they promoted further differentiation into Ambn + cells. In Ambn + clusters, extracellular matrix genes, including those of enamel matrices (Ambn, Amelx, Lama3, Lamb3, and Enam), were highly expressed, suggesting their potential to produce enamel matrices. GO analysis of the Dspp + cluster showed enriched term in an epithelial organization, whereas the Ambn + cluster was enriched in the term indicating enamel formation, such as amelogenesis, adhesion, and mineralization (Figure 5F). These results together suggested ameloblasts as having two distinct cell subpopulations, namely Dspp + ameloblast and Ambn + ameloblast, at the transcriptome level.
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FIGURE 5. Pseudo-time analysis indicated the process of ameloblast development. (A) Ameloblast lineages were used for the pseudo-time analysis as input. Dotted line indicates input dataset. (B) Pseudo-temporal ordering of ameloblast lineages (n = 2,184) in t-SNE plot. (C) Expression of ameloblast marker genes projected onto the t-SNE plot in Figure 5A. Tbx1 is used as an IEE marker. (D) Rolling wave analysis demonstrated the spline-smoothed expression pattern of pseudo-time-dependent genes. Differentiation gene groups clustered into four groups (I–IV) according to their peak expression. (E) Fifteen highly expressed genes in the Dspp + cluster (left) and Ambn + cluster (right) compared with those in the others. (F) Bar plots highlight GO terms enriched in the clusters of Dspp + (left) and Ambn + (right) with differentially expressed genes.




DISCUSSION

Our transcriptome data showed the entire population in P7 mouse incisor and identified novel subpopulation of secretory-stage ameloblasts, seen as Dspp + early-differentiated ameloblast and Ambn + fully differentiated ameloblast. P7 incisor has DESCs in the cervical loop region and fully differentiated cells in the apical region (Jheon et al., 2011). We could observe all the stages and types of developing dental epithelium in scRNA-seq datasets. Transcriptome analysis clearly divided the dental epithelial cell population into four clusters, Ambn + ameloblast (II), Dspp + ameloblast (I), IEE/OEE, and SI/SR clusters (Figures 2C, 4C). Results indicated IEE and OEE or SI and SR to possibly have common genes and roles during tooth development to some extent. This finding agreed with the previous single-cell analysis of the cervical loop in incisors (Sharir et al., 2019). Further, we identified Pttg1, Cldn10, Atf3, and Krt15 as novel markers of dental epithelial cell type (Figure 3). Interestingly, Pttg1 localized in both IEE and OEE; it may be one of the candidate marker genes of the IEE/OEE cluster. Also, we found the population of the transition and maturation stages of ameloblasts to be composed of Amtn + /Klk4 + cells or Slc24a4 + cells, respectively (Supplementary Figure 4), however, they were not categorized as the main population in the current dataset owing to the limitation in captured cell number. Further analysis would be required to characterize the transcriptome in the transition or maturation stages of ameloblasts.

Enamel formation processes are coordinated by strictly synchronized functions of the dental epithelium (Krivanek et al., 2017). SI cells cover the ameloblast layer and may contribute to ameloblast differentiation through Shh signaling (Koyama et al., 2001). Our previous studies had demonstrated the role of SI in enamel mineralization by the regulation of alkaline phosphatase activity in a mouse model (Yoshizaki et al., 2014, 2017). Some reports had earlier indicated that SI cells regulate ion transporters associated with ameloblast (Liu H. et al., 2016). Solute carrier family member Slc4a4 (NBCe1) is complementarily expressed in ameloblasts and SI cells and has implicated functions in pH regulation during enamel mineralization (Jalali et al., 2014), which is in agreement with our results (Figure 2F). Thus, the coordination of SI cells and ameloblasts is essential for enamel mineralization. In this study, we proposed Cldn10 as a novel cell-type-specific gene of SI cells (Figure 3). CLDN10 mutation in humans causes Helix syndrome, which shows enamel wear as phenotype (Hadj-Rabia et al., 2018). Although the function of Cldn10 during tooth development has not reported yet, Cldn10 regulates ion permeability in kidney in mice (Breiderhoff et al., 2012). Cldn10 may contribute to ion permeability in SI cells and may play essential roles in enamel formation.

The transcriptomes of SR and OEE cells are not as well characterized as those of other epithelial cell types; therefore, some part of their role during tooth development still remains hypothetical. The presence of large extracellular spaces may histologically identify SR cells. This space contains carbohydrates and glycocalyx-rich tissue fluid (Kallenbach, 1978). The glucose transporter 1, Slc2a1 (GLUT1), is highly expressed in the early stage of SR cells (Supplementary Figure 5), and glucose uptake determines the size of tooth germ in ex vivo culture (Ida-Yonemochi et al., 2012). Some researchers had speculated SR cells to act as a carrier of nutrients to the enamel organ owing to the lack of blood supply in the latter (Ida-Yonemochi et al., 2005). In this study, GO terms in SI/SR cluster were enriched in nutrition-related functions (Figure 2F), thus reflecting the role of SR cells in supplying nutrition to the developing tooth germ.

Few reports had previously indicated the role of OEE in the regulation of tooth germ size. Iroquois homeobox 1 (Irx1) transcription factor was expressed preferentially in OEE, SR, and SI cells (Supplementary Figure 5) and its disruption caused a delay of tooth growth in mouse (Yu et al., 2017). OEE cells are known to contribute to root formation by constituting Hertwig’s epithelial root sheath. During tooth development, cell proliferation markers such as Ki67 are strongly positive in IEE (Chiba et al., 2019); however, OEE proliferates more actively than IEE during the formation of Hertwig’s epithelial root sheath (Yokohama-Tamaki et al., 2006). Also, in pre-eruption molars, OEE seems to be potent for proliferation (Liu H. et al., 2016). GO terms of the IEE/OEE cluster were enriched in cell mitosis (Figure 2E). Collectively, OEE may have an important role in tooth size regulation. We further identified Krt15 as an OEE-specific marker and Atf3 as an SR/OEE marker (Figure 3A). Because the OEE-specific marker had not been established earlier, these findings contribute to uncovering the roles of OEE and SR cells. Krt15 is expressed in the progenitor cells of the skin, intestine, and esophagus (Giroux et al., 2017, 2018; Moon et al., 2019). Krt15 is localized in these epithelial basal layer and suggested to provide progenitor cells. Interestingly, Krt15-positive cells have resistant cell property for oncogenesis (Giroux et al., 2018; Moon et al., 2019). Given that OEE cells could provide progenitor cells (Liu H. et al., 2016), Krt15-positive cells may play a role in the maintenance of stemness, preventing oncogenesis in OEE.

Our transcriptome map reflected a new perspective of all stages of development of dental cells; however, we could not clearly distinguish between IEE, OEE, SI, and SR clusters (Figure 2C). The possible reason could be that we were able to capture only a limited number of these cell types in the incisor. Certain developmental stages of molars might show more clearly differentiated cell types, as well as clusters of each cell type, in scRNA-seq data.

Our scRNA-seq datasets clearly distinguished Dspp + ameloblast from Ambn + ameloblast (Figures 2C, 4A–C). This is the first report describing the novel subpopulation of ameloblasts, based on transcriptome analysis. The secretory stage of ameloblasts differentiated from pre-ameloblasts with an elongated shape. GO terms enriched in Dspp + early-differentiated ameloblasts might indicate the morphological change as “epithelial development” and “extracellular matrix organization” (Figure 5F). Interestingly, transport-related terms, such as “sodium ion transport,” “nephron epithelium development,” and “urogenital system development,” were highly enriched in Dspp + ameloblasts. This may imply the role of Dspp + ameloblasts in the structural reorganization of cytoplasm to prepare for the later stage of development. Ameloblasts secrete high amounts of enamel matrices and subsequently need to absorb the same into the cytosol (Bartlett, 2013). Therefore, Dspp + ameloblasts may act as a “preparative stage” for the establishment of a transport system. Further, Dspp + ameloblasts highly expressed Shh and Wnt6a (Figures 2D, 5E and Supplementary Figure 1). During tooth development, Shh and Wnt6a are expressed in enamel knot in molar and pre-ameloblast to ameloblast in incisor, and they promote ameloblast differentiation (Sarkar and Sharpe, 1999; Gritli-Linde et al., 2002; Wang et al., 2010). The Dspp + ameloblasts produce these growth factors and may promote further differentiation. Although P7 incisor does not form enamel knot, Dspp + ameloblasts may act as enamel knot-like cells to promote ameloblast differentiation for continuous incisor development.

In this study, we identified Dspp as the stage-specific marker gene of early-differentiated ameloblasts. Dspp mutation causes dentinogenesis imperfecta (DI) in humans (Lee et al., 2013), and the role of Dspp in dentin development is also well characterized (Sreenath et al., 2003). However, the role of Dspp in amelogenesis has not been reported yet. In the dental clinic, we often see patients with DI, having severe enamel fractures (Min et al., 2014). This may result from enamel abnormality in DI tooth. Because Dspp could play a potent role in enamel formation, further analysis of Dspp in amelogenesis might uncover a novel mechanism of the ameloblast development process. Therefore, our findings established the transcriptomic characteristics of dental epithelial cell types and provided a precious resource for further analysis of ectodermal organ development.
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Van der Woude syndrome (VWS) is a genetic syndrome that leads to typical phenotypic traits, including lower lip pits and cleft lip/palate (CLP). The majority of VWS-affected patients harbor a pathogenic variant in the gene encoding for the transcription factor interferon regulatory factor 6 (IRF6), a crucial regulator of orofacial development, epidermal differentiation and tissue repair. However, most of the underlying mechanisms leading from pathogenic IRF6 gene variants to phenotypes observed in VWS remain poorly understood and elusive. The availability of one VWS individual within our cohort of CLP patients allowed us to identify a novel VWS-causing IRF6 variant and to functionally characterize it. Using VWS patient-derived keratinocytes, we reveal that most of the mutated IRF6_VWS transcripts are subject to a non-sense-mediated mRNA decay mechanism, resulting in IRF6 haploinsufficiency. While moderate levels of IRF6_VWS remain detectable in the VWS keratinocytes, our data illustrate that the IRF6_VWS protein, which lacks part of its protein-binding domain and its whole C-terminus, is noticeably less stable than its wild-type counterpart. Still, it maintains transcription factor function. As we report and characterize a so far undescribed VWS-causing IRF6 variant, our results shed light on the physiological as well as pathological role of IRF6 in keratinocytes. This acquired knowledge is essential for a better understanding of the molecular mechanisms leading to VWS and CLP.

Keywords: Van der Woude syndrome, IRF6, cleft lip/palate, non-sense-mediated mRNA decay, haploinsuffiency, epidermal differentiation


INTRODUCTION

Craniofacial morphogenesis represents one of the most intricate developmental processes of our body. It involves several spatiotemporally regulated gene regulatory networks (GRN) that control cellular mechanisms, such as differentiation, migration, proliferation, and apoptosis, driving outgrowth, patterning, and fusion of facial structures. This immense complexity makes the formation of the craniofacial components highly susceptible to dysregulations that can lead to anomalies, such as cleft lip/palate (CLP) (Wilkie and Morriss-Kay, 2001).

CLP is a deformity resulting from failure of the facial processes to grow or fuse properly during embryogenesis (Deshpande and Goudy, 2019). With an average incidence rate of one in 750 newborns, CLP belongs to the most frequent human birth anomalies worldwide (Kousa and Schutte, 2016). Although this malformation is not a major cause of mortality in developed countries, it still poses an enormous psychological, social, and economic burden for cleft-affected patients, their families, and society as a whole (Wehby and Cassell, 2010). Furthermore, even after the need for the young CLP patients to endure several corrective surgeries, they may still experience complications and consequences of their anomalies, including problems with speech, hearing, wound healing, scar and tissue contractures, and facial asymmetries (Van Beurden et al., 2005; Hortis-Dzierzbicka et al., 2012).

CLP is etiologically very complex and heterogeneous, involving a combination of genetic and environmental risk factors, and it can occur either in syndromic or non-syndromic form (Mossey et al., 2009). While non-syndromic CLP represents the majority of cases and lacks any phenotypic features outside of the orofacial region, syndromic individuals present with additional anomalies outside of the clefting area. To date, numerous genetic risk factors have been identified and associated with orofacial clefting (Gritli-Linde, 2007; Juriloff and Harris, 2008; Dixon et al., 2011; Bush and Jiang, 2012). However, the individual cause and the underlying mechanism is only known for the minority of CLP cases (Meng et al., 2009).

Van der Woude syndrome (VWS; OMIM # 119300) is one of the most common syndromic forms of orofacial clefts, accounting for 2% of all CLP cases (Rizos and Spyropoulos, 2004; Little et al., 2009). VWS is inherited as an autosomal dominant condition with high penetrance and variable expressivity (Peyrard-Janvid et al., 2005) associated with one or more of the following characteristics: lower lip pits/fistulae, CLP, or submucous cleft palate (Van Der Woude, 1954). Recent studies have further identified a higher risk of wound healing complications following surgical cleft repair and a thicker epidermis with more proliferating keratinocytes in VWS patients when compared to non-syndromic children (Jones et al., 2010; Hixon et al., 2016). Hence, GRNs seem to be involved in the pathogenesis of VWS that orchestrate craniofacial morphogenesis, tissue repair, and epidermal differentiation. So far, three genes have been causatively linked to VWS: (1) Loss-of-function mutations in Interferon Regulatory Factor 6 (IRF6) are responsible for 72% of VWS cases, but pathogenic IRF6 variants are also found in the more severe Popliteal Pterygium syndrome (PPS; OMIM # 119500) (Kondo et al., 2002) and in non-syndromic CLP (Zucchero et al., 2004); (2) dominant-negative variants of Grainyhead-like transcription factor 3 (GRHL3) have been reported in 5% of VWS patients not having IRF6 mutations (Peyrard-Janvid et al., 2014); (3) a rare pathogenic missense variant in NME/NM23 Nucleoside Diphosphate Kinase 1 (NME1) has been recently identified in IRF6 and GRHL3 mutation-negative VWS individuals (Parada-Sanchez et al., 2017).

IRF6 is a transcription factor regulating the balance between immature ectoderm differentiation and proliferation during craniofacial morphogenesis. Irf6-deficient mice display a thickened and disorganized oral epithelium, reduced skin barrier function, and premature aberrant oral adhesions, resulting in orofacial clefts (Ingraham et al., 2006; Richardson et al., 2006). While IRF6-truncating heterozygous variants are often found in VWS patients (de Lima et al., 2009), detailed descriptions of genotype-phenotype correlations in VWS are still missing.

Here, we describe a novel heterozygous VWS-causing IRF6 frameshift variant c.961_965delGTGTAinsC/p.(Val321Profs∗15) affecting the highly conserved protein-binding domain SMIR/IAD of IRF6 [SMAD/IRF (SMIR) or interferon association domain (IAD) (Eroshkin and Mushegian, 1999)]. Using VWS and non-syndromic CLP patient-derived keratinocytes, we show that the IRF6_VWS transcript undergoes an incomplete non-sense-mediated RNA decay (NMD) process leading to IRF6 haploinsufficiency. Additionally, we reveal that the IRF6_VWS protein is less stable than its wild-type (wt) counterpart, but that it maintains its function as a transcription factor. Using primary patient cells as well as over-expression systems, we present a thorough functional characterization of a novel VWS-causing IRF6 variant and elucidate how the specific variant affects the phenotype of keratinocytes.



MATERIALS AND METHODS


Ethics Statement

This work was performed according to the Ethical Principles for Medical Research Involving Human Subjects as defined by the World Medical Association (WMA Declaration of Helsinki - Ethical principles for medical research involving human subjects. Available at: https://www.wma.net/policies-post/wma-declaration-of-helsinki-ethical-principles-for-medical-research-involving-human-subjects). Isolation of human cleft lip- as well as control tissue-derived keratinocytes and their analyses for this study have been approved by the Kantonale Ethikkommission of Bern, Switzerland (protocol number: 2017-01394). Informed written consent was obtained from the patient’s parents.



Cell Culture

Cleft lip tissue samples were obtained from three to seven months old patients undergoing primary corrective surgery at the Children’s Hospital, University of Bern. Clinical assessment and surgeries were all performed by two highly experienced clinicians (I.S. and G.C. LS). In addition, we included three healthy control biopsies: lip tissue from a four-year-old child sustaining a lip laceration; foreskin from a two-year-old boy undergoing circumcision; forehead skin from an 18-month-old infant experiencing a traumatic incident.

Patient-derived cells were isolated from the tissue as described previously using the explant culture system (Degen et al., 2018). After their isolation, keratinocytes were cultured in keratinocyte serum-free medium (KSFM, Gibco, Thermo Fisher Scientific, Lucerne, Switzerland) supplemented with 25 μg/ml bovine pituitary extract, 0.2 ng/ml epidermal growth factor (EGF), and CaCl2 to a final Ca2+ concentration of 0.4 mM, as described elsewhere (Degen et al., 2012). To maintain healthy cells, keratinocyte cultures reaching 40% confluency were re-fed daily with 1:1 medium (1:1 vol/vol Ca2+-free Dulbecco’s modified Eagle’s medium (DMEM) with complete KSFM). Experiments using primary cells were all performed with cultures from the second to fourth passage. Each of the keratinocyte primary cell cultures originating from individual donors represents a mixture of cells that grew out of multiple explants. All cells were tested for mycoplasma contamination prior to freezing.

The immortalized oral mucosal keratinocytes OKF6/TERT2 were grown in KSFM as described elsewhere (Dickson et al., 2000). The commercially available human keratinocyte cell line HaCaT (#300493) and the human embryonic kidney cell line HEK293 (#300192; both from CLS cell line service, Eppelheim, Germany) were cultured in DMEM containing 10% fetal calf serum (FCS, Sigma-Aldrich, St. Louis, MO, United States) and 1 x Pen/Strep solution (Gibco, Thermo Fisher Scientific).

Details and characteristics of all the cells used in this study are summarized in Table 1.


TABLE 1. Cells that have been used in this study, including cell name, donor sex, donor age, and characteristics are indicated.
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Immunofluorescence

For cell staining, cells were grown in 35 mm dishes containing four separate wells (Greiner Bio-One, Frickenhausen, Germany). Cells were washed twice with phosphate-buffered saline (PBS) before fixation in 4% paraformaldehyde (PFA) for 15 min at room temperature. Afterward, fixed cells were washed three times in PBS, permeabilized in 0.1% Triton-X-100 for 5 min and incubated with primary antibody for 2 h at room temperature. After three PBS rinses, cells were incubated, light-protected, with fluorescent-labeled secondary antibodies (Molecular Probes, Thermo Fisher Scientific) and/or tetramethylrhodamine (TRITC)-phalloidin (Sigma-Aldrich) for 1 h, rinsed with PBS and coverslip-mounted with Vectashield Mounting Medium containing DAPI (Vector Laboratories, Burlingame, CA, United States). Cells were examined under an Olympus BX-51 phase/fluorescence microscope (Olympus Life Science Solutions Tokyo, Japan) equipped with a xenon lamp (X-Cite, series 120PC Q, Lumen Dynamics, Mississauga, Canada), and fluorescence filters U-MWIBA3 for AlexaFluor 488 and U-MNUA2 for DAPI (Olympus Life Science Solutions). Images were captured by a ProgRes CT3 camera with ProgRes CapturePro software (Jenaoptik, Jena, Germany), using a 20x/0.5 objective. Primary antibodies used: anti-myc (clone 9E10, Abcam, Cambridge, United Kingdom), anti-IRF6 (clone 14B2C16, BioLegend, San Diego, CA, United States), and anti-E-Cadherin (20874-1-AP, Proteintech, Manchester, United Kingdom).

For IRF6 localization and quantification, linescan plots were performed using the ImageJ software version 1.50f1 (NIH, Bethesda, MD, United States). Briefly, a line, spanning an entire cell, was drawn and the gray intensities along the line (through the cell) were plotted for the DAPI (blue) as well as for the IRF6 channel (green).



3D-Cultures

To generate 3D-skin models using CLP patient-derived keratinocytes, the protocol from CELLnTEC (CELLnTEC advanced cells systems AG, Bern, Switzerland) was used. Briefly, 2 × 105 cells were seeded in 400 μl KSFM into polycarbonate inserts (0.4 μm pore size, 12 mm diameter, Nunc, Thermo Fisher Scientific) placed in 60 mm tissue culture dishes, immediately followed by the addition of 11 ml of KSFM outside the inserts. To confirm confluency, one insert from each culture was stained two days after seeding with the staining kit (CnT-ST-100, CELLnTEC) and observed with brightfield microscopy. If the monolayer was confluent, keratinocyte differentiation was induced in the parallel culture by the replacement of KSFM with 3D Barrier Medium (CnT-PR-3D, CELLnTEC) inside and outside of the insert (equal medium level) overnight. The insert was then lifted to the air-liquid interface by carefully removing the medium inside the insert and replenishing the outside medium with fresh 3D Barrier Medium up to the level of the membrane (approximately 3.2 ml for a p60 culture dish). Keratinocytes were cultured for 15 days at 37°C and 5% CO2 with medium change every other day.

To analyze the skin models, 3D-cultures were fixed overnight at 4°C in 4% PFA. Membranes were cut out of the inserts, placed between two biopsy pads in embedding cassettes, and stored in 0.1 M sodium cacodylate buffer at 4°C before proceeding for paraffin embedding and sectioning on a Reichert-Jung microtome (Leica Microsystems, Heerbrugg, Switzerland). Slides containing 5 μm thick paraffin sections were deparaffinized and rehydrated through xylene, ethanol, and deionized H2O, stained with hematoxylin and eosin (H&E) or anti-Loricrin antibody (PA5-30583, Thermo Fisher Scientific). Immunostainings and microscopy were performed as described above for the cells. For the quantification of Loricrin-positive areas the ImageJ software was used.



Next Generation Sequencing (NGS)

For NGS, VWS patient DNA was extracted from EDTA-blood using the Prepito DNA Blood600 Kit (PerkinElmer, Waltham, MA, United States). Targeted exome capture sequencing was performed using the TruSight One sequencing Kit on a MiSeq Sequencing system (Illumina, San Diego, CA, United States) according to the manufacturer’s instructions. Sequencing data were analyzed using CLC Workbench (Qiagen, Hilden, Germany) using GRCh37hg19 as reference genome. The candidate variant was verified by Sanger sequencing.

Pathogenic variants in the known VWS-associated genes IRF6 (NM_006147.4), GRHL3 (NM_198173), and NME1 (NM_198175) have been excluded in the CLP patient-derived cells CLP1-CLP4 by whole exome sequencing (WES) using the Twist human core exome Kit including RefSeq spike in (TWIST Biosciences, San Francisco, CA, United States) on a NextSeq 500 instrument (Illumina).



RNA Extraction, cDNA Synthesis, and Quantitative Real-Time PCR (qPCR) Analysis

Total RNA was isolated from cells using the innuPREP RNA Mini kit (Analytik Jena AG, Jena, Germany) according to their standard protocol for eukaryotic cells. RNA quality and concentration were assessed using a Nanodrop 2000c instrument (Thermo Fisher Scientific). RNA was stored at −80°C until further use.

First strand cDNA was synthesized from 500 ng total RNA using the M-MLV Reverse Transcriptase (Promega, Dübendorf, Switzerland) and Oligo(dT)15 Primer (Promega). mRNA levels were analyzed and quantified by qPCR using GoTaq® qPCR Master Mix (Promega) on a QuantStudio 3 instrument (Applied Biosystems, Thermo Fisher Scientific). Relative RNA expression was calculated using the ΔΔCT method, normalizing values to GAPDH within each sample.

Sequences of the qPCR primers (Supplementary Table S1) were either taken from the PrimerBank database2 or from the NCBI primer designing tool3. All qPCR primer pairs were tested for specificity and efficiency using cDNA standard curves.



Non-sense-mediated mRNA Decay (NMD) Analysis

VWS-, non-syndromic CLP (CLP1), and healthy control lip-derived keratinocytes (lip) were cultured either in KSFM or in KSFM including the NMD inhibitors Puromycin for 4 h (100 μg/ml, Sigma-Aldrich) or cycloheximide for 4 h (CHX, 100 μg/ml, Sigma-Aldrich). RNAs were isolated from both cell lines and conditions and cDNAs synthesized. cDNAs were used as templates for qPCR analyses using specific primers recognizing IRF6_VWS, total IRF6, and IRF6wt, respectively. In addition, VWS- and CLP1- derived cDNAs were used as templates for PCR amplifications of a 389 bp IRF6 fragment (spanning exon 7–9) encompassing the specific IRF6_VWS variant at position 961 base pairs (bp) using the primers 5′-GAGCAGGTCAAATTCCCAGG-3′/5′-ATCCGAGCCACTACTGGAATGAC-3′. PCR amplicons were run on an agarose gel, DNA extracted, purified, and sequenced using the primers mentioned above. Chromatograms were analyzed using the DNA sequencing software Chromas 2.6.64.



Immunoblotting

Whole cell extracts were prepared in RIPA buffer [10 mM Tris–Cl (pH 8.0), 1 mM EDTA, 0.1% sodium deoxycholate, 0.1% sodium dodecyl sulfate (SDS), 1% NP40, 140 mM NaCl] supplemented with cOmpleteTM Mini Protease Inhibitor Cocktail and PhosSTOPTM EASYpack (both from Roche, Sigma-Aldrich) just prior to use. Protein concentrations of extracts were measured using the BCA Protein Assay Kit (Pierce, Thermo Fisher Scientific) following the standard protocol. 20 μg of protein lysate in loading buffer (62.6 mM Tris–HCl, pH 6.8, 2% SDS, 10% glycerol, 0.01% bromophenol blue) containing 100 mM dithiothreitol (DTT) were boiled for 5 min at 95°C and separated by SDS-PAGE under reducing conditions and blotted on to nitrocellulose membranes (Amersham, Sigma-Aldrich). Following the transfer, membranes were stained in 0.1% amido black solution (MERCK, Schaffhausen, Switzerland) to control for blotting efficiency. After blocking the membranes for 1 h at room temperature in Tris-buffered saline (TBS, pH 7.4) containing 0.05% Tween-20 and 5% skim milk powder (Sigma-Aldrich), they were incubated over-night with primary antibody at 4°C on a rocking platform. Membranes were washed three times in TBS-Tween and incubated for 1 h with peroxidase-conjugated anti-rabbit/mouse IgG in TBS-Tween/5% milk at room temperature. After washing in TBS-Tween, blots were developed using SuperSignal West Dura or Super Signal West Pico PLUS Chemiluminescent Substrate (both from Thermo Fisher Scientific) and scanned by a Chemi Premium Imager Instrument (VWR, Darmstadt, Germany). Primary antibodies used: anti-myc (clone 9E10, Abcam, Cambridge, United Kingdom), anti-IRF6 (clone 14B2C16, BioLegend, San Diego, CA, United States), anti-vinculin (V9131, Sigma-Aldrich), and anti-KLF4 (11880-1-AP, Proteintech).

Some immunoblots were analyzed densitometrically using the ImageJ software. Briefly, the intensity of each protein band was normalized to the vinculin band intensity of the same extract in the same experiment.



Cloning of the IRF6 Constructs

To generate a myc-tagged IRF6 expression plasmid (IRF6wt), cDNA was synthesized from total RNA extracted from HaCaT cells and PCR was performed on the cDNA using the GoTaq Flexi DNA Polymerase (Promega) with the following primers: 5′-AGGCGATCGCCATGGCCCTCCACCCCCGCAGAG-3′/5′- AGACGCGTTTCCGAGTTTACAGTGAAGTGCAG-3′. Pri- mers contained an AsiSI (forward) and a MluI restriction site (reverse), respectively. This allowed the directional cloning into the mammalian expression plasmid pCMV6-A-Puro (Origene, Rockville, MD, United States) containing a myc tag.

For the generation of the specific myc-tagged IRF6_VWS expression plasmid (c.961_965 delGTGTA ins C), the IRF6wt plasmid was used as DNA template for a PCR with the primer pair 5′-AGGCGATCGCCATGG CCCTCCACCCCCGCAGAG-3′ (same as above)/5′-GACTC GAGGGTTGGGAGCAACAAGTGATGGGGCACATGGCCCA GACCAGGCTTGCACTGGCACAGCCTGATGGC-3′ (Xho I restriction site), allowing directional cloning into the above mentioned pCMV6 plasmid. All constructs were sequence-verified using the sequencing primers CMV (5′-CGCAAATGGGCGGTAGGCGTG-3′) and XL39 (5′-ATTAGG ACAAGGCTGGTGGG-3′).



Cell Transfections and Treatments

Transient transfections were performed in 35 mm tissue culture dishes with cells at 60–70% confluence using ViaFect (Promega) following the manufacturer’s protocol with 2 μg DNA and 6 μl transfection reagent diluted in OptiMEM (Thermo Fisher Scientific). Six hours after transfection, the transfection mix was removed, and the cells were washed once before being replenished with fresh medium. Cells were analyzed 24 or 48 h post-transfection.

To assess IRF6 stability, 20 μg/ml of the protein translation inhibitor CHX (Sigma-Aldrich) was added to the cells 24 h after transfection. Thereafter, proteins were extracted at the indicated time points and immunoblotted. Proteasome inhibition was induced by 10 μM MG132 (Sigma-Aldrich) for eight hours. When the double treatment MG132/CHX was applied, MG132 was added to the cells 30 min prior to CHX.



Luciferase Reporter Assay

2.5 × 105 HEK293 cells/ml were seeded into wells of a flat-bottom 96-well plate the day before transfection. On the next morning, cells were transfected as previously described using 90 ng of IFN-Beta_pGL3 [a gift from Nicolas Manel (Addgene plasmid # 102597; http://n2t.net/addgene:102597; RRID:Addgene_102597)], 10 ng of pRL-TK (wild-type Renilla luciferase gene for normalization; Promega), and 100 ng of pCMV6-IRF6wt or pCMV6-IRF6_VWS, respectively. Luciferase assays were performed using the Dual-Glo luciferase assays system (Promega) according to their manual. Firefly and Renilla luminescence were read on a Tecan InfinitePro2000 plate reader (Tecan Group Ltd., Männedorf, Switzerland) and the ratio of firefly:renilla luminescence was calculated for each sample and normalized to the reporter-only control.



Statistical Analysis

Experiments were performed at least three times in multiple replicates. Data were analyzed using GraphPad InStat Software, version 3.05. Data are represented as means ± standard deviation (SD). Multiple comparisons were performed using one-way analysis of variance (ANOVA) with Tukey’s post hoc test. Values of p ≤ 0.05 were considered significant.



Data Availability

The raw data supporting the conclusions of this article will be made available by the authors, without undue reservation.



RESULTS


VWS Patient-Derived Keratinocytes Display Defects in Terminal Differentiation

Our previous findings suggested that some of the genetic predispositions causing VWS might lead to deficiencies in terminal differentiation of keratinocytes in vitro (Degen et al., 2018). To extend these results, we investigated more thoroughly the genetic and phenotypic particularities of VWS-derived lip keratinocytes (VWS) compared to non-syndromic CLP- (CLP1-3) and healthy control-derived lip keratinocytes (lip, Table 1). The characteristic of cell growth, cell size as well as the morphology of the cell colonies were similar in all of the keratinocyte cultures tested as evidenced by brightfield and immunostainings for F-actin (phalloidin) and E-Cadherin (Figure 1A). Next, we wanted to assess their differentiation potential in confluent 2D cultures. As the lip represents a mucosa-skin transition zone, we analyzed differentiation markers of both tissue types, skin and mucosa, by qPCR. We detected lower RNA levels of the differentiation markers Loricrin (LOR) and Filaggrin (FLG) (skin) as well as of Keratin 4 (KRT4) and Keratin 13 (KRT13) (mucosa) in VWS keratinocytes compared to the CLP and healthy control lip cells (Figure 1B). In contrast, Keratin 14 (KRT14) and Keratin 19 (KRT19), markers mainly expressed in the basal proliferating layer of keratinized epithelium and oral mucosa, respectively (Lindberg and Rheinwald, 1989), did not significantly differ among the keratinocyte cultures (Figure 1B). We further confirmed a reduced potential to terminally differentiate in VWS keratinocytes using 3D organotypic skin models. While there were no obvious differences visible in H&E stainings of the 3D skin models among the cultures tested, we detected a significantly reduced area of LOR-positive keratinocytes in the suprabasal layers in the VWS culture compared to CLP1 and CLP2 (Figures 1C,D).
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FIGURE 1. (A) Brightfield pictures (top row) and immunofluorescent stainings (bottom row) for E-Cadherin (green) and F-actin (phalloidin, red) of four patient- and one healthy control-derived lip keratinoyte colonies reveal no morphological differences between the VWS patient- and three non-syndromic CLP patient-derived cell cultures (CLP1-3) and the healthy control (lip). Scale bar: 50 μm. (B) qPCR analyses of several differentiation markers in VWS-derived keratinocytes (black bar) compared to three non-syndromic CLP-derived keratinocytes (CLP1-3, white bars) and to healthy lip keratinocytes (lip, gray bar). VWS keratinocytes express lower levels of the differentiation markers LOR and FLG (non-mucosal) as well as of KRT4 and KRT13 (mucosal) compared to non-syndromic (CLP1-3) and healthy control lip keratinocytes. In contrast, expression of KRT14 and KRT19, markers of the corresponding basal layers, is similar among the cell cultures tested. Note that our primary lip-derived keratinocytes represent a mixture of both mucosal as well as non-mucosal cells. *p ≤ 0.05 vs. VWS. (C) Hematoxylin and eosin (H&E) staining of 3D-skin models using VWS, CLP1, and CLP2 keratinocytes (top row). Scale bar: 50 μm. Staining for LOR indicates differentiation deficiencies of VWS keratinocytes when compared to the others. Scale bar: 50 μm. A larger stretch of the 3D-skin model produced by VWS-keratinocytes is shown at the bottom. Scale bar: 50 μm. Dotted lines represent the upper edge of the inserts. (D) Quantification of the LOR-positive area in 3D-skin models reveals a significant difference between VWS and non-syndromic cultures. ∗p ≤ 0.05 vs. VWS.




Identification of a Novel IRF6 Variant Causing VWS

Although the VWS keratinocytes displayed deficiencies to terminally differentiate in vitro [Figure 1 and (Degen et al., 2018)], the underlying VWS-causing variant in the specific individual remained elusive. Targeted Exome Sequencing (TES) identified the heterozygous frameshift variant c.961_965delGTGTAinsC in IRF6. To the best of our knowledge, this IRF6 variant is novel and has never been described in the literature and is not listed in the Human Gene Mutation Database [HGMD® (Stenson et al., 2017)]. Both parents of the VWS patients are asymptomatic. However, genetical analysis of their IRF6 genes could not be performed to confirm a de novo origin of the variant in the patient. The uncovered variant in our VWS individual affects exon 7 of IRF6 (Figure 2A), which encodes for the highly conserved SMIR/IAD (Figure 2B). Consequently, the variant results in a predicted amino acid (aa) change at position 321 [p.(Val321Pro)] followed by a frameshift leading to a truncated open reading frame due to the presence of a premature termination codon (PTC) [p.(Val321Profs∗15)] in exon 7 (Figures 2A,C). The resulting altered IRF6_VWS protein is predicted to consist of 334 aa only because it lacks the entire C-terminus and the last 73 aa of the SMIR/IAD of the IRF6wt protein. Instead, IRF6_VWS contains a unique C-terminal stretch of 14 aa (Figure 2C, red box). According to the ACMG-standards and guidelines (Richards et al., 2015) this variant is classified as likely pathogenic.
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FIGURE 2. (A) Schematic representation of the IRF6 gene and the novel pathogenic variant IRF6_VWS c.961_965delGTGTAinsC (bottom). The IRF6 gene is located on chromosome 1 (reverse strand), contains nine exons and two crucial domains, the DNA-Binding domain (blue) and the SMAD/IRF (SMIR)/interferon association domain (IAD) (orange). The newly identified gene variant affects exon 7 at base pair (bp) 961, which is indicated by the red box. Light gray boxes: untranslated exons/regions; dark gray boxes: translated exons. (B) Sequence alignments of IRF6 in various species. Note that the DNA-Binding domain (blue), including the penta-tryptophan cluster (dark blue), and the SMIR/IAD (light red) are highly conserved. The dark red highlighted stretch indicates the newly generated sequence due to the VWS-causing IRF6 variant. The numbers indicate the amino acids (aa). (C) Schematic representation of the IRF6 and the IRF6_VWS protein p.(Val321Profs*15). Numbers indicate the aa. Note that IRF6_VWS is a truncated IRF6 variant that contains a unique stretch of 14 aa (box) at its C-terminus. ∗stop codon.




The IRF6_VWS mRNA Is Targeted by NMD

The non-sense-mediated mRNA decay (NMD) mechanism is known to degrade mRNAs containing PTCs in order to prevent translation of aberrant transcripts (Wilusz et al., 2001; Maquat, 2002). Since our newly identified IRF6_VWS allele is transcribed into a transcript with an NMD-triggering PTC [PTC is not located in the last exon and is situated more than ≥ 50–55 bp upstream of the last exon-exon junction (Kurosaki and Maquat, 2016)] (Figure 2), we assessed the possibility of IRF6_VWS mRNA being targeted and degraded by NMD. Therefore, we compared the sequencing chromatograms around the IRF6 variant at position c.961 from fragments that have been amplified from RNA extracted from VWS and CLP1 keratinocytes. A mixed sequencing signal at the position of the novel IRF6 variant (961 bp) was present in the VWS, but not in the CLP1 keratinocytes (Figure 3A top panel). While the prominent peaks of the chromatogram in VWS correspond to the IRF6wt transcript sequence (GTGTA, Figure 3A black box, top panel left), the overlapping smaller peaks additionally disclose the discrete presence of the IRF6_VWS transcript sequence (CCTGG, Figure 3A, red box, top panel left). This result would imply that the vast majority (≈ 90%) of the IRF6_VWS mRNA is degraded, but that a moderate amount of the VWS-specific transcript remained expressed. To test this speculation and to prove that NMD was the responsible mechanism for the degradation of aberrant IRF6, we treated the cells with puromycin, a known NMD inhibitor (Andreutti-Zaugg et al., 1997). Addition of puromycin greatly rescued the diminished levels of IRF6_VWS as evidenced by the increased peaks of the mutated IRF6 sequence in the VWS keratinocytes (Figure 3A, red box, bottom panel left). On the other hand, the addition of puromycin did not affect IRF6 transcripts in CLP1. These results prove that NMD is the responsible mechanism for IRF6_VWS degradation.
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FIGURE 3. (A) Sanger DNA Sequencing chromatograms of the IRF6 sequence encompassing the VWS-causing IRF6 variant (VWS) and the same sequence in a non-syndromic CLP patient (CLP1) in the absence or presence of the non-sense-mediated mRNA decay (NMD) mechanism inhibitor puromycin. Sequences of interest are indicated by boxes. Black box: GTGTA-sequence of IRF6wt; red box: CCTGG-sequence of the IRF6_VWS. Note that blocking NMD by puromycin results in more pronounced IRF6_VWS sequencing peaks in the VWS sample. (B) Schematic representation of the IRF6wt and IRF6_VWS gene with the specific qPCR primers used. Light gray boxes: untranslated exons/regions; dark gray boxes: translated exons; red box: location of mutation and novel sequence. (C) qPCR analysis of IRF6 expression in VWS (black), CLP1 (white), and healthy lip keratinoctyes (gray) in the absence or presence of puromycin and CHX. Note that IRF6_VWS is detectable by qPCR and that its levels increase in the presence of both NMD inhibitors, puromycin and CHX (top panel). Also note that IRF6wt levels are higher in CLP1 and healthy lip than in VWS (bottom panel). *p ≤ 0.05. (D) Immunoblots of protein extracts from VWS (black) and CLP1 (white) keratinocytes in the absence or presence of puromycin for endogenous IRF6. Note that IRF6wt levels are lower in VWS when compared to CLP1 cells and that the endogenous IRF6_VWS is not detectable in the VWS cells. Quantification of IRF6wt levels is shown at the bottom. ∗p ≤ 0.05. The full-length blots are presented in Supplementary Figure S6.


We further wished to confirm the low expression level of IRF6_VWS and its significant increase by inhibiting NMD in VWS keratinocytes by qPCR and immunoblots. Using primers that showed a higher affinity to anneal to the IRF6_VWS than to the IRF6wt sequence (Figure 3B), we could reveal that IRF6_VWS is expressed and detectable in VWS keratinocytes and that blocking NMD by puromycin and cycloheximide (CHX) significantly increased its levels (Figure 3C, top panel). As expected, the IRF6_VWS transcript was not detectable in CLP1- and healthy lip-derived keratinocytes. Total IRF6 (IRF6_VWS and IRF6wt) and IRF6wt levels were reduced by 50% in VWS compared to CLP1 and healthy lip keratinocytes. While this reduction could be reversed by puromycin and CHX for total IRF6, IRF6wt levels did not change in response to the NMD inhibitors (Figure 3C, middle and bottom panels). These results clearly indicate that more IRF6_VWS is being expressed in the presence of the NMD inhibitors puromycin and CHX. In agreement with these qPCR findings, we identified significantly higher IRF6wt protein expression in CLP1 compared to VWS keratinocytes, even in the presence of puromycin (Figure 3D). Unfortunately, we are unable to detect the truncated IRF6_VWS protein (≈ 50 kDa), likely due to its very low expression levels.

To extend these data, we screened IRF6 mRNA and protein levels in keratinocytes derived from the VWS individual, four non-syndromic CLP patients, and three healthy control tissues (Table 1). While total IRF6 levels were significantly reduced in VWS compared to all other primary cells tested (Figure 4A), IRF6_VWS was only significantly detectable in VWS keratinocytes (Figures 4B), which is consistent with our previous results. Immunoblots confirmed lowest IRF6 protein levels in VWS keratinocytes compared to the other cells tested (Figure 4C), demonstrating that the novel VWS-causing IRF6 variant results in haploinsufficiency of IRF6 caused by NMD.
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FIGURE 4. (A) qPCR analysis of IRF6wt in VWS-keratinocytes (VWS, black), four non-syndromic CLP-keratinocytes (CLP1-4, white) and healthy control keratinocyte cultures (lip, forehead, and foreskin; gray). Note lowest levels of IRF6wt in VWS compared to the others. *p ≤ 0.05 vs. CLP1-4, lip, forehead, foreskin. (B) qPCR analysis of IRF6_VWS in the same keratinocyte cultures. Note that IRF6_VWS is only robustly expressed in VWS. *p ≤ 0.05 vs. CLP1-4, lip, forehead, foreskin. (C) Immunoblot of the corresponding protein extracts for IRF6 and its densitometric quantification. Note low endogenous IRF6wt protein levels in VWS and that IRF6_VWS, which runs at about 50 kDa, cannot be detected in VWS. ∗p ≤ 0.05 vs. CLP1-4, lip, forehead, foreskin. The full-length blots are presented in Supplementary Figure S6.




Lower Forced Expression of IRF6_VWS Compared to That of IRF6wt

Since the NMD-dependent degradation of IRF6_VWS is not 100% efficient, a small amount of the aberrant transcript remains expressed and detectable (Figures 3, 4). This prompted us to investigate the molecular characteristics of the ectopically expressed IRF6_VWS protein in HEK293, HaCaT and OKF6/TERT2 cell lines. Using specific qPCR primers recognizing exogenous IRF6wt and exogenous IRF6_VWS (Figure 5A), we could readily notice robust expression of both IRF6wt and IRF6_VWS in all three cell lines 24 h after transfection (Figure 5B). In addition, while IRF6 was endogenously expressed in HaCaT and OKF6/TERT2 cells, IRF6 could not be detected in HEK293 cells (Figure 5B). Parallel cultures were analyzed by immunoblots for IRF6 protein levels 24 and 48 h post-transfection. IRF6wt was strongly over-expressed in all three cell lines after 24 h and it was still prominently detectable after 48 h (Figure 5C). In contrast, IRF6_VWS was only poorly expressed 24 h post-transfection and its forced expression was completely lost after 48 h in HaCaT and OKF6/TERT2 cells (Figure 5C, arrowheads and Supplementary Figure S1).
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FIGURE 5. (A) Schematic representation of the cloned, exogenous IRF6wt and IRF6_VWS and the primers used to specifically detect them. Gray boxes: translated exons; red box: IRF6_VWS specific mutation; blue box: myc tag; exo.: exogenous. (B) qPCR analyses of total IRF6 (top), exo. IRF6wt (middle), and exo. IRF6_VWS (bottom) in transiently transfected HEK293, HaCaT and OKF6/TERT2 cells 24 h post-transfection. #not detectable (Ct values > 32). (C) Immunoblots of transiently transfected HEK293 (top), HaCaT (middle), and OKF6/TERT2 (bottom) 24 and 48 h after transfection with an anti-IRF6 and an anti-myc antibody. Note that while IRF6wt runs at 60 kDa, IRF6_VWS is weakly expressed at 50 kDa (arrowhead). ∗background band. The full-length blots are presented in Supplementary Figure S6.




IRF6_VWS Is Mislocalized in Cells

Next we wanted to analyze the cellular localization of IRF6_VWS in keratinocytes and whether its localization differs to the one of IRF6wt. Exogenous IRF6wt was mostly found expressed in the cytoplasm of both HaCaT and OKF6/TERT2 cells, which is in agreement with its endogenous localization (Figure 6A). The localization of IRF6_VWS was slightly different than its wt counterpart as its weaker expression was detected more often in the nucleus (Figure 6A and Supplementary Figure S2). To clarify this initial observation, we analyzed 75 individual IRF6wt and IRF6_VWS-transfected HaCaT cells for the localization of exogenous IRF6. We used linescan plots and determined the exogenous IRF6 signal intensity in the cytoplasm (c) and in the nucleus (n) for each of the transfected cells. This allowed us to calculate the c/n ratio for each individual cell, based upon which we could define three different IRF6 localization patterns: Type 1, c/n ≥ 1.2 (mostly cytoplasmic); Type 2, c/n = 0.8–1.2 (within all the cell); Type 3, c/n ≤ 0.8 (mostly nuclear). Representative linescan plots of the three IRF6 localization types and the corresponding immunostainings of IRF6_VWS-transfected cells are shown in Figure 6B. Our analysis revealed a significant lower mean c/n ratio in cells transfected with IRF6_VWS than with IRF6wt (Figure 6C), suggesting enhanced nuclear presence of IRF6_VWS, which is in agreement with our initial visual observations. While 80% of the IRF6wt-transfected cells exclusively expressed IRF6wt in the cytoplasm (Type 1), the majority (80%) of ectopic IRF6_VWS was found in the nucleus (Type 2 and 3) of transfected cells (Figure 6D).
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FIGURE 6. (A) HaCaT and OKF6/TERT2 cells were transiently transfected with pCMV6, IRF6wt, and IRF6_VWS and stained with an anti-myc and anti-IRF6 antibody to analyze the localization of the exogenous proteins. Scale bar: 20 μm. Endogenous IRF6 was weakly detectable in both cell lines (pCMV6/anti-IRF6 panels) and is shown for HaCaT cells as a close-up (longer exposure). Scale bar: 10 μm. Note that IRF6_VWS was weaker expressed than IRF6wt. (B) Representative linescan plots (blue: DAPI/nucleus channel; green: FITC/IRF6 channel) of individual cells (left) describing the following three types of IRF6 localization: Type 1: c/n ≥ 1.2; Type 2: c/n = 0.8–1.2; Type 3: c/n ≤ 0.8 (middle). C: cytoplasmic intensity; n: nuclear intensity. Matching IRF6 localizations for each of the three categories are shown as pictures of anti-myc immunostained IRF6-transfected HaCaT cells (right). Scale bar: 10 μm. (C) Dot plots summarizing the analysis of 75 individual IRF6wt- and IRF6_VWS-transfected HaCaT cells by linescan plots showing the c/n ratio. Note that in IRF6_VWS-transfected cells there is a prominent fraction of cells with a ratio c/n ≤ 0.8 (Type 3). ∗p ≤ 0.001. (D) Relative distribution of exogenous IRF6 localization within transfected HaCaT cells. Note that while most (≈ 80%) of the IRF6wt is localized in the cytoplasm (Type 1: c/n ≥ 1.2), most (≈ 50%) of the IRF6_VWS is found in the nucleus (Type 3: c/n ≤ 0.8).




IRF6_VWS Is Less Stable Than IRF6wt

Our observations of consistently weaker expression of exogenous IRF6_VWS compared to IRF6wt (Figures 5C, 6A) prompted us to test the hypothesis that IRF6_VWS is less stable than IRF6wt. Therefore, we used a CHX chase assay to follow the levels (≈ stability) of the two proteins. As shown in Figure 7A (left panels), immunoblots of cell lysates revealed that exogenous IRF6wt levels remained stable within eight hours of CHX treatment in all cell lines tested. In contrast, IRF6_VWS levels were already significantly reduced in the presence of CHX after two hours and almost absent after eight hours (Figure 7A, arrowheads, right panels). Quantification of the blots disclosed a half-life for IRF6_VWS of two hours in the two keratinocyte cell lines, and of around seven hours in HEK293 cells (no endogenous IRF6) (Figure 7B and Supplementary Figure S3).
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FIGURE 7. (A) Immunoblots of IRF6 in IRF6wt- and IRF6_VWS-transfected HEK293, HaCaT, and OKF6/TERT2 cells treated with the protein synthesis inhibitor cycloheximide (CHX). While IRF6wt was stable within 8 h of CHX treatment, IRF6_VWS levels were greatly reduced. ∗background band. Arrowheads: IRF6_VWS. (B) Quantification of the immunoblots (anti-myc antibody) confirms that IRF6_VWS (black) is less stable than IRF6wt (gray). (C) Immunoblots of IRF6_VWS-transfected cells in the presence of the proteasome inhibitor MG132, CHX, and combination of MG132/CHX for levels of IRF6_VWS. ∗background band. The quantifications of the immunoblots are shown below. Note that presence of MG132 greatly diminishes the effect of CHX on IRF6_VWS. ∗p ≤ 0.05. Arrowheads: IRF6_VWS. The full-length blots are presented in Supplementary Figure S6.


Next, we tested whether inhibiting the proteasome system could prevent the rapid degradation of IRF6_VWS observed after CHX treatment. IRF6_VWS transfected cells were either treated with the proteasome inhibitor MG132 and CHX alone or in combination for eight hours. Immunoblot analysis demonstrated that MG132 was able to significantly inhibit CHX-mediated degradation of IRF6_VWS in all cell lines tested (Figure 7C, arrowheads), suggesting that IRF6_VWS is degraded in a proteasome-dependent manner. Consistently, almost all cell lines showed a moderate increase of IRF6_VWS in response to MG132 (Figure 7C and Supplementary Figure S4).



IRF6_VWS Maintains Transcription Factor Function

Finally, we aimed to study whether IRF6_VWS, although lacking part of its SMIR/IAD, can still act as a transcription factor and regulate gene expression. Initially, we used a luciferase assay approach and could show that both IRF6wt and IRF6_VWS were able to activate an Interferon-β promoter construct (Supplementary Figure S5). However, at the end we were keen to learn whether IRF6_VWS was able to modulate endogenous target gene expression. Although, IRF6 is known to regulate epidermal differentiation, forced expression of neither IRF6wt nor IRF6_VWS was sufficient to induce the late differentiation markers LOR and FLG (Figure 8A), which is in agreement with a study performed in mice (Biggs et al., 2012). However, we found significant induction of endogenous IRF6 itself, GRHL3, KLF4, and OVOL1 in response to both ectopic IRF6wt and IRF6_VWS expression (Figure 8B). All of these transcription factor genes have been reported to be direct IRF6 targets (Botti et al., 2011; de La Garza et al., 2013; Liu et al., 2016), which is in line with our own data (Figure 8B). We validated some of these results on protein levels by immunoblotting for IRF6 and KLF4. Forced expression of IRF6_VWS, as evidenced by the presence of the truncated IRF6_VWS protein at 50 kDa (arrowhead), as well as ectopic IRF6wt expression resulted in increased levels of endogenous IRF6 at 60 kDa and of KLF4 (Figures 8C,D). Generally, the mRNA and protein induction in response to forced IRF6_VWS expression was slightly lower than the one to IRF6wt (Figures 8B,D). Still, our data demonstrate that IRF6_VWS maintains transcription factor function.
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FIGURE 8. (A) qPCR analysis for endogenous LOR and FLG in HaCaT cells transfected with IRF6wt and IRF6_VWS 24 h after transfection. Note that neither LOR nor FLG are induced by forced expression of IRF6. (B) qPCR analysis of endogenous IRF6, GRHL3, KLF4, and OVOL1 in HaCaT cells in response to IRF6wt and IRF6_VWS over-expression. *p ≤ 0.05 vs. IRF6wt, IRF6_VWS. Note that the forward primer for the detection of endogenous IRF6 using qPCR was designed to amplify the non-coding 5’UTR region of the IRF6 gene. (C) Immunoblots for endogenous IRF6 and KLF4 in HaCaT cells transfected with IRF6wt and IRF6_VWS. Note that IRF6_VWS is able to induce these proteins, although a little less effective than IRF6wt. ∗background band. Arrowheads: IRF6_VWS. The full-length blots are presented in Supplementary Figure S6. (D) Quantification of the immunoblots. ∗p ≤ 0.05 vs. IRF6wt, IRF6_VWS.




DISCUSSION

The basis for this study was our previous work that showed variations in the potential to terminally differentiate among CLP-derived keratinocytes. One patient whose keratinocytes exhibited defects in the epidermal differentiation program presented with lower lip pits and CLP, strong clinical diagnostic criteria for VWS (Rizos and Spyropoulos, 2004; Degen et al., 2018). With an estimated frequency of about one in 35’000 newborns, VWS is a very rare syndrome (Dixon et al., 2011). Hence, the availability and the possibility to work with VWS patient-derived keratinocytes, which are isolated from the site of the orofacial defect collected during primary lip repair, is infrequent and makes our study very unique and relevant. Using a combinatorial approach of genetics as well as molecular and cellular tools, we present data on the mechanism by which a novel pathogenic IRF6 variant causes VWS.

The VWS locus was initially mapped to chromosome 1q32-41 (Murray et al., 1990; Schutte et al., 2000) and the gene encoding for the transcription factor IRF6 was later found to be mutated in most of the VWS cases (Kondo et al., 2002). Genetic analysis of our VWS individual revealed a novel VWS-causing IRF6 variant c.961_965delGTGTAinsC/p.(Val321Profs∗15). According to HGMD® (Stenson et al., 2017), there are currently 351 described pathogenic IRF6 variants that either cause non-syndromic CLP, or the rare diseases Pierre Robin Sequence (OMIM # 261800), VWS or the related PPS. These pathogenic variants are non-randomly distributed among the nine exons of IRF6 as most of them are localized within its two conserved functional domains, the DBD (aa 13-113, exons 3–4) and the SMIR/IAD (aa 226-394, exons 7–8). Whereas the distribution of the IRF6 variants associated with VWS are balanced between the two important domains of IRF6, most of the missense variants causing PPS are present within the DBD (Kondo et al., 2002). Our newly identified IRF6 pathogenic variant is located in the SMIR/IAD (Figure 2) and results in a truncated version of IRF6, lacking its C-terminus, which contains two phosphorylation sites at Ser413 and Ser424 important for IRF6 activation (Chen et al., 2008; Tamura et al., 2008; Oberbeck et al., 2019). Based on the observations that IRF6 truncations are more common in VWS than in PPS (Kondo et al., 2002; de Lima et al., 2009) and that deletions within the VWS locus have already been described a long time ago in VWS-affected families (Bocian and Walker, 1987; Schutte et al., 1999; Osoegawa et al., 2008), haploinsufficiency of IRF6 is assumed to be the reason for IRF6-caused VWS. Using our patient-derived keratinocytes, we could prove that our newly discovered pathogenic IRF6 variant indeed results in haploinsufficiency of IRF6 in the VWS keratinocytes (Figure 4). IRF6_VWS mRNA undergoes an NMD process, which markedly degrades the aberrant transcript (Figure 3). NMD is a cellular surveillance pathway that reduces gene expression by eliminating mRNA transcripts containing premature PTCs (Schweingruber et al., 2013). The ability to discriminate PTC-containing mRNA in mammalians from mRNAs with normal termination codons is dependent on the position of the PTC within the mRNA. Mutant transcripts with a PTC in the last exon, or within 50–55 bp upstream of the last exon-exon junction are not recognized as NMD substrates and truncated mutant proteins are expected to be translated from these aberrant mRNAs. In contrast, a PTC that is not located in the last exon, or more than 50–55 bp upstream of the last exon-exon junction is recognized and degraded by the NMD process (Nagy and Maquat, 1998; Byers, 2002; Kurosaki and Maquat, 2016; Popp and Maquat, 2016). Our identified pathogenic IRF6 variant results in a PTC that is situated in the third last exon (exon 7) and more than 50–55 bp upstream from the last exon-exon junction. Hence, the PTC in our novel IRF6 variant adheres to the rules of NMD. Notably, NMD can be beneficial for us by eliminating the synthesis of C-terminally truncated proteins with dominant-negative effects. However, if the truncated protein encoded by the PTC-containing mRNA remains some residual physiological function, NMD-mediated degradation of mRNA abundance might cause more clinical problems than benefits (Schweingruber et al., 2013). These circumstances reflect the situation in our VWS case: (1) the aberrant IRF6 transcript contains an NMD-triggering PTC in the third last exon (exon 7) of IRF6 (Figure 2) and (2) the IRF6_VWS protein still harbors some physiological transcription factor activity as it is able to induce the endogenous transcription factors GRHL3, KLF4, and OVOL1 as well as IRF6 itself (Figure 8). There is increasing evidence that a IRF6 threshold level is required for its full physiological activity during craniofacial development (Ingraham et al., 2006; Richardson et al., 2006), neurulation (Kousa et al., 2019), and keratinocyte migration and wound healing (Rhea et al., 2020). Therefore, the efficiency of the NMD process might be a crucial modulator of the clinical manifestation of VWS, a condition often associated with truncating IRF6 variants (de Lima et al., 2009). A less effective NMD in our VWS individual would result in an increased amount of aberrant IRF6_VWS mRNA and consequently, to higher levels of IRF6_VWS protein, which maintains some transcription factor function (Figure 8). This increase in IRF6 protein levels might be enough to reach the IRF6 threshold required for its proper functioning. However, since VWS represents a developmental malformation and NMD is an important regulator of many physiological mRNAs, therapeutic treatments to suppress translation termination at the PTC, allowing the generation of a truncated IRF6_VWS protein, are not feasible (Hwang and Maquat, 2011; Huang and Wilkinson, 2012; Karam et al., 2013; Kurosaki and Maquat, 2016).

IRF6 regulates the balance between keratinocyte proliferation/differentiation. Irf6-deficient mice exhibit a hyperproliferative epidermis that fails to undergo terminal differentiation leading to defects during craniofacial development (Kondo et al., 2002; Ingraham et al., 2006; Richardson et al., 2006). These IRF6-related phenotypes have been recently confirmed in humans using skin biopsies as well as keratinocytes isolated from the hip region of VWS patients harboring IRF6 variants (Hixon et al., 2016). These observations are in agreement with our own results using primary VWS lip keratinocytes, which exhibit a higher proliferation rate (Degen et al., 2018) and defects in terminal differentiation (Figure 1). For the first time, we used such primary CLP patient-derived keratinocytes in 3D-skin models. We could show that both the VWS- and non-syndromic CLP-derived keratinocytes were able to differentiate, with no obvious morphological differences, as evidenced by H&E staining. This apparent discrepancy to the in vivo situation in VWS skin tissues [e.g., thicker epidermis in VWS patients compared to non-syndromic CLP patient (Hixon et al., 2016)] might reflect the technical limits of in vitro 3D-cultures, which still represent very simplified skin models. Yet, we uncovered subtle defects in the late epidermal differentiation program in VWS-derived keratinocytes compared to CLP keratinocytes, such as reduced levels of LOR in 3D-skin models (Figure 1).

The pathogenic IRF6 variant (c.961_965delGTGTAinsC) results in IRF6_VWS being expressed at significantly reduced levels compared to IRF6wt due to reduced protein stability (Figure 7). Similar results have been reported for another VWS-causing IRF6 variant, p.(Arg412X) (Kwa et al., 2015). This observation might be explained by studies on the structure of IRF3 showing that the IAD forms a condensed hydrophobic core with its flanking autoinhibitory elements, which is then bound by the DBD resulting in a compact structure of IRF3 (Qin et al., 2003). IRF6 is known to be similarly inhibited by autoinhibitory elements located in its C-terminal domain (Little et al., 2009). Hence, lack of the C-terminus of IRF6, as is the case in our VWS patient, might lead to a relatively open and extended structure of IRF6 that is prone to degradation (Kwa et al., 2015). We further show that degradation of IRF6_VWS is proteasome-dependent, an observation that is also supported by other studies (Bailey et al., 2008; Kwa et al., 2015).

Endogenous IRF6 as well as exogenous IRF6wt are mostly localized in the cytoplasm of cells. This is in contrast to IRF6_VWS, which was often detected in the nucleus (Figure 6). However, the biological consequences of this apparent mislocalization remain to be determined. Latent transcription factors often reside in the cytoplasm and translocate to the nucleus upon specific external stimuli. This shuttling requires nuclear localization signals (NLS), nuclear export signals (NES), and binding of chaperones. To our knowledge, such signals and chaperones have not been identified and verified for IRF6 so far. We can only speculate about the reasons for our observation of enhanced nuclear presence of IRF6_VWS: (1) there is a NES present in the C-terminal region of IRF6 that is missing in our VWS patient due to the gene variant; (2) nuclear export of IRF6 might depend on certain proteins (chaperones) that interact with and guide IRF6 out of the nucleus. The truncating IRF6 variant might abolish these binding sites, which results in more nuclear IRF6_VWS; (3) the newly generated very C-terminal aa sequence of IRF6_VWS, as a result of the mutation, mimics a new NLS, which shifts the steady state equilibrium to the nucleus; (4) posttranslational modifications (e.g., phosphorylations, glycosylations) within the missing sequence of IRF6_VWS are required for nuclear export. Clearly, our initial observations warrant further studies to exactly elucidate the shuttling of IRF6 in and out of the nucleus.

In summary, we identified a novel pathogenic IRF6 variant c.961_965delGTGTAinsC/p.(Val321Profs∗15) in a VWS individual and show how this IRF6 variant is regulated by an NMD process and affects the phenotype of keratinocytes: most of the IRF6_VWS mRNA is subject to NMD, resulting in reduced IRF6 levels (haploinsufficiency). The minor amount of IRF6_VWS that is not degraded by NMD is translated into a functional transcription factor that can still regulate GRNs important for epidermal differentiation such as GRHL3, KLF4, OVOL1, and IRF6 (Figure 8). However, a greatly accelerated IRF6_VWS turnover as well as protein mislocalization further complicate proper IRF6 function. At the end, IRF6 is not present at the required threshold level to be able to properly fulfill all its important activities. Such defects might be reflected in phenotypic changes in cells during development, such as reduced formation of the periderm, whose structure is dependent on IRF6 function (Richardson et al., 2009, 2014). An improperly arranged and harmed periderm cannot prevent pathological epithelial fusions between different tissues in the oral cavity anymore (Hammond et al., 2019), which might explain the clinical clefting manifestation in our VWS individual. Finally, our study not only contributes to the advancement of knowledge on IRF6 function in health and disease, but also promotes the following idea: although the use of postnatal tissue to study CLP that arises early in development comes with some challenges and assumptions, various cellular and molecular properties persist postnatally in CLP patient-derived cells, which makes studies using such primary cells very unique and clinically relevant.
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There is growing evidence showing that tight junctions play an important role in developing enamel. Claudins are one of the main components of tight junctions and may have pivotal functions in modulating various cellular events, such as regulating cell differentiation and proliferation. Mutations in CLDN10 of humans are associated with HELIX syndrome and cause enamel defects. However, current knowledge regarding the expression patterns of claudins and the function of Cldn10 during tooth development remains fragmented. In this study, we aimed to analyze the expression patterns of claudin family members during tooth development and to investigate the role of Cldn10 in amelogenesis. Using cap analysis gene expression of developing mouse tooth germs compared with that of the whole body, we found that Cldn1 and Cldn10 were highly expressed in the tooth. Furthermore, single-cell RNA-sequence analysis using 7-day postnatal Krt14-RFP mouse incisors revealed Cldn1 and Cldn10 exhibited distinct expression patterns. Cldn10 has two isoforms, Cldn10a and Cldn10b, but only Cldn10b was expressed in the tooth. Immunostaining of developing tooth germs revealed claudin-10 was highly expressed in the inner enamel epithelium and stratum intermedium. We also found that overexpression of Cldn10 in the dental epithelial cell line, SF2, induced alkaline phosphatase (Alpl) expression, a marker of maturated stratum intermedium. Our findings suggest that Cldn10 may be a novel stratum intermedium marker and might play a role in cytodifferentiation of stratum intermedium.

Keywords: tooth development, enamel, stratum intermedium, tight junction, claudin-10, cell differentiation, alkaline phosphatase


INTRODUCTION

Ectodermal organs, such as teeth, hair follicles, mammary glands, lung and kidney, share initial pattern of development, despite their ultimate diversity in form and function. All the ectodermal organs require regulation of reciprocal and inductive interactions between epithelial cells derived from the ectoderm and mesenchymal cells derived from the neural crest or mesoderm (Thesleff and Sharpe, 1997). Tooth morphogenesis is a typical process that requires sequential and reciprocal signals transmitted between dental epithelium and mesenchyme (Soukup et al., 2008). In human tooth and mouse molar development, the teeth proceed chronologically through four morphological stages—the initiation stage, bud stage, cap stage, and bell stage (Thesleff and Sharpe, 1997). The initiation stage of tooth morphogenesis arises in the oral ectoderm, causing thickening of the dental lamina, and then grows into the mesenchyme to form a tooth bud. This is followed by the cap stage in which the dental epithelium continues to extend into the enclosed mesenchyme to form a transient primary enamel knot. Subsequent to the cap stage is the bell stage when the dental epithelial stem cells further differentiate into enamel epithelium as four distinct cell layers with different structural and physiological characteristics. These layers are composed of inner enamel epithelium cells (IEE), which later differentiate into ameloblasts, stratum intermedium (SI) cells, stellate reticulum (SR) cells, and outer enamel epithelium (OEE) cells. These differentiation processes of dental epithelium are strictly regulated by spatiotemporal expression of genes. We have previously identified several molecules that are essential for tooth development processes (Nakamura et al., 2008; Liu J. et al., 2016; Miyazaki et al., 2016; Arai et al., 2017; Han et al., 2018; He et al., 2019; Chiba et al., 2020; Saito et al., 2020a).

Enamel formation is a unique biomineralization process. Enamel is distinct from other mineralized tissues as its scaffold enamel matrices are produced by ameloblasts, which have an epithelial origin. Developing ameloblasts progress through four stages—the inductive stage, secretory stage, transition stage, and maturation stage (Thesleff and Sharpe, 1997). The onset of secretion of enamel matrix proteins starts after pre-ameloblasts transform into secretory-stage ameloblasts by elongating into tall columnar cells with Tomes’ processes at their apical ends nearest the forming enamel. The key structural enamel matrices (and their genes) are amelogenin (Amelx), ameloblastin (Ambn), and enamelin (Enam). By the end of the secretory stage, the enamel layer achieves its full thickness, but is only partially mineralized. The ameloblasts mark the transition into the maturation stage when they retract their Tomes’ processes and become shorter and more squat-shaped. At the secretory stage, ameloblasts actively secrete the early protease, matrix metalloproteinase-20 (Mmp-20). Mmp-20 slowly degrades enamel proteins, which allows the crystallites to grow in width and thickness so as to fill up the space yielded by the lost proteins. During the transition and maturation stages, ameloblasts secrete kallikrein-related peptidase-4 (Klk4) as the late protease to aggressively cleave the residual enamel proteins and remove organic matrices from enamel (Bartlett and Simmer, 1999; Lu et al., 2008). Moreover, ameloblasts require coordination with SI cells to accomplish the mineralization of enamel (Lacruz et al., 2013; McKee et al., 2013).

The SI cells emerge during the bell stage of tooth development and lie on the proximal side of the IEE or ameloblasts as one- to three-layered rows of cuboidal cells until the end of amelogenesis (Miyazaki et al., 2016). SI cells possess dynamic and interactive properties and help ameloblasts to differentiate via the sonic hedgehog (Shh) signaling (Koyama et al., 2001). During the later stages of tooth development, differentiated SI cells produce high amounts of alkaline phosphatase (Alpl), which promotes enamel mineralization. These findings suggest that SI cells play an important role in enamel mineralization in concert with ameloblasts (Bonting and Nuki, 1963). Previous studies have shown that Notch1 is highly expressed in SI cells (Mitsiadis et al., 1998). Cell fate determination of SI cells in the enamel organ might be regulated by Notch signaling (Mitsiadis et al., 2005; Harada et al., 2006; Cai et al., 2011).

Tight junctions (TJs) form barriers at the apices of junctional complexes connecting epithelial or endothelial cells. In addition to their classical roles in generating cell polarity and regulating paracellular ion transport, they also provide signaling input for a wide variety of cellular events (Zihni et al., 2016; Hagen, 2017). Accumulating evidence demonstrates that TJs are essential for enamel formation and are located at both the proximal and distal ends of ameloblasts during the secretory and maturation stages of development (Sasaki et al., 1984; Hata et al., 2010). The SI cells are connected to one another by TJs, as well as to the SR cells and ameloblasts (Sasaki et al., 1984).

Claudins are principal barrier-forming proteins that form the backbones of TJs. They are small proteins with four transmembrane segments and two extracellular domains. The claudin family consists of 26 known members in humans and 27 known members in rodents and are expressed in a tissue-specific manner (Tsukita et al., 2019). In some tissues, a single claudin may be both sufficient and essential to form TJs (Gow et al., 1999). On the contrary, some organs require different claudin family members to co-assemble into one TJ complex (Furuse et al., 1999). It is now widely accepted that each claudin has its own unique molecular properties in terms of charge, selectivity, and their roles in signal transduction (Miwa et al., 2001; Van Itallie and Anderson, 2006; Zhang X. et al., 2019).

Cldn10 encodes the claudin-10 protein and has two main alternatively spliced variants, Cldn10a and Cldn10b, which differ in their first exon. Cldn10a is exclusively expressed in the kidney, whereas Cldn10b is detectable in many tissues, including the kidney, skin, salivary glands, brain, lung, and pancreas. Although both isoforms are highly expressed in the kidney, the expression of claudin-10a is concentrated in the cortex, whereas claudin-10b is enriched in the medulla (Milatz and Breiderhoff, 2017). These two variants differ in their selective regulation of ion permeability. Claudin-10a forms a selective paracellular anion channel, whereas claudin-10b acts as a selective cation channel (Milatz and Breiderhoff, 2017). Humans with a homozygous CLDN10b variant, N48K, have pathogenic consequences, such as inability to sweat, abnormal cation reabsorption, hypermagnesemia, and kidney damage as a result of perturbed paracellular Na+ selectivity (Klar et al., 2017). Also, in a recent study it was shown that mutations in CLDN10b of humans are associated with HELIX syndrome and cause dysfunction in TJs leading to abnormalities in renal ion transport, ectodermal gland homeostasis, and epidermal integrity (Hadj-Rabia et al., 2018). In addition, patients with HELIX syndrome show enamel defects, indicating that Cldn10 may play a role in enamel formation.

Although the claudin family includes a large number of members and claudins are a major component of TJs, their expression patterns are poorly understood. Furthermore, knowledge regarding the spatiotemporal expression of Cldn10 during tooth morphogenesis is fragmentary and incomplete. In the present study, we aimed to investigate the expression patterns of the claudin family genes and the role of Cldn10 during tooth development.



MATERIALS AND METHODS


Animal Experiments

The Tg(KRT14-RFP)#Efu mouse line (Krt14-RFP) was obtained from Dr. Matthew P. Hoffman (National Institutes of Health, National Institute of Dental and Craniofacial Research, Bethesda). The animal experiments and protocols were approved by the Tohoku University Animal Care Committee (Animal Protocol number 2020DnA-016-01) and all the animals were housed in the Institution for Animal Experimentation Tohoku University Graduate School of Medicine.



Single-Cell RNA Sequencing (scRNA-seq) Analysis

Single-cell library preparation, sequencing, and data processing were performed as previously described (Chiba et al., 2020). A total of 6,260 cells from the incisors of postnatal (P) day P7 Krt14-RFP mice were included for subsequent clustering evaluation. Secondary analysis and filtering were performed using the Seurat v3 R package (Stuart et al., 2019). To assign epithelial and mesenchymal cells to distinct clusters based on differentially expressed gene transcripts, significant dimensions were first defined using the principal component analysis (PCA). The number of significant principal components (PCs) for clustering analysis was determined using the “JackStraw” function of the Seurat package at p < 0.05 with 15 PCs. The significant PCs were included for graph-based clustering using the Seurat “findClusters” function. Cluster representations were generated using Uniform Manifold Approximation and Projection (UMAP) at a resolution of 0.2.



Cap Analysis Gene Expression (CAGE)

For CAGE, total RNA was isolated from mouse tooth germs and whole body using TRIzol Reagent (Life Technologies, Carlsbad, CA, United States) and purified using an RNeasy Mini Kit (Qiagen, Hilden, Germany), according to the manufacturers’ protocols. RNA quality was verified using an Agilent Bioanalyzer System (Agilent, Pal Alto, CA, United States), with the results revealing an RNA integrity number (RIN) >8.5 for all the samples. CAGE was performed by DNAFORM (Yokohama, Japan) as previously described (Funada et al., 2020).



Cell Culture and Transfection

The rat incisor-derived dental epithelial cell line, SF2, was cultured in Dulbecco’s modified Eagle’s medium (DMEM)/F-12 (Invitrogen, Carlsbad, CA, United States) supplemented with 10% fetal bovine serum (FBS), 100 units/mL penicillin and streptomycin in a humidified atmosphere containing 5% CO2 at 37°C (Nakamura et al., 2016). Mouse dental papilla (mDP) cells were cultured in DMEM (Invitrogen) supplemented with 10% FBS as described above. For the transfection experiments, SF2 cells were transfected with the Cldn10-transcript variant b expression vector pCMV6-Entry-Cldn10b (OriGene Technologies, Rockville, MD, United States). The pCMV6-Entry vector was used as a mock control. For transfection, Lipofectamine LTX with Plus reagent (Invitrogen) and plasmid DNA were diluted in Opti-MEM (Gibco, Gaithersburg, MD, United States), mixed at room temperature for 20 min, and then added to the cultures according to the manufacturer’s instructions. After 24 h of transfection, the medium was replaced. Cells were harvested and analyzed at 24, 48, and 72 h post-transfection.



Reverse Transcription-Polymerase Chain Reaction (RT-PCR) and Quantitative RT-PCR (RT-qPCR)

P7 rat tissue specimens and developing mouse tooth germs were dissected and their total RNA was extracted using RNeasy Kit (Qiagen). SF2 cells were plated into 35-mm dishes at 2 × 105 cells/dish. At 24 h post-transfection, total RNA was isolated from the cells or tissues using an RNeasy Kit (Qiagen), according to the manufacturer’s instructions. The synthesis of complementary DNA (cDNA) was performed in a 20 μL reaction mixture containing 1 μg total RNA at 45°C for 50 min using SuperScriptTM VILOTM Master Mix (Invitrogen). RT-qPCR was performed using SYBR Select Master Mix (Applied Biosystems, CA, United States) and the ABI Step-One Real-Time PCR System (Applied Biosystems). The annealing temperature was 61°C. The mRNA expression levels were normalized to that of Gapdh. Sequences of the primers used in the study are shown in Table 1.


TABLE 1. RT-PCR and RT-qPCR primers used in the current study.
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Immunofluorescence Staining

For cell immunofluorescence staining, transiently transfected SF2 cells were grown on glass coverslips and fixed in 4% paraformaldehyde at 48 h after transfection. Cells were washed three times with PBS. After blocking with 1% bovine serum albumin, the cells were incubated with the claudin–10 (1:100; Invitrogen) and ZO–1 (1:500; Cell Signaling, Beverly, MA, United States) primary antibodies, followed by incubation with the Alexa–488–labeled secondary antibody (1:400; Invitrogen) and Hoechst 33342 nuclear stain (1:1,500).

For immunofluorescence staining of the tooth germ, the heads of mice were collected on embryonic (E) day E13, E14, and E16, and P1. The heads were fixed in 4% paraformaldehyde for 24 h, dehydrated in a gradient concentration of ethanol, and then embedded in paraffin. P3 mouse heads were also collected and decalcified in 15% EDTA for 2 week prior to dehydration and paraffin embedding. The embedded specimens were sectioned at 6 μm thickness, deparaffinized, rehydrated, and microwaved in citrate buffer (Agilent) for antigen retrieval. The sections were subsequently incubated in Power BlockTM Universal Blocking Reagent (BioGenex, Fremont, CA, United States) for 10 min, followed by overnight incubation at 4°C with the claudin-10 primary antibody. After incubation with the primary antibody, the slides were treated with the Alexa-488-labeled secondary antibody (1:400; Invitrogen) and Hoechst 33342 nuclear stain (1:1,500) for 40 min. Images were captured using a Fluoview FV10i confocal laser-scanning microscope system (Olympus Life Science, Tokyo, Japan).



Western Blot Analysis

SF2 cells were plated in 60 mm dishes at 4 × 105 cells/dish. At 48 h post-transfection, the cells were washed twice with ice-cold phosphate-buffered saline containing 1 mM sodium vanadate (Na3VO4) and then lysed at 4°C for 15 min in 50 μL EBC lysis buffer [50 mM Tris (pH 8.0), 120 mM NaCl, 0.5% NP-40] supplemented with complete protease inhibitor cocktail (Roche Molecular Biochemicals, Mannheim, Germany). Protein concentrations were determined using the Micro-BCA Protein Assay Reagent (Thermo Fisher Scientific, Waltham, MA, United States). Aliquots of protein extracts (25 μg per sample) were subjected to 4–12% sodium dodecyl sulfate (SDS)-polyacrylamide gel electrophoresis (PAGE) and transferred to polyvinylidene fluoride (PVDF) membranes. The membranes were blocked with 3% bovine serum albumin (Sigma-Aldrich, St Louis, MO, United States) for 1 h and then incubated overnight with the claudin-10 primary antibody (1:1,000; Invitrogen) at 4°C. Antibody binding signals were detected using a horseradish peroxidase-conjugated secondary antibody (Cell Signaling) and the SuperSignal West Dura Substrate Kit (Thermo Fisher Scientific), as previously described (Saito et al., 2020b).



Cell Proliferation Assay

SF2 cells were seeded in 96-well plates at 6 × 103 cells/well. At day 0, 1, and 2 post-transfection, cell proliferation activity was measured using the Cell Counting Kit-8 (CCK-8; Dojindo, Japan). After incubation at 37°C for 1 h in complete medium with the CCK-8 reagent, absorbance at 450 nm was measured using a TriStar2 LB 942 microplate reader (Berthold Technologies, Bad Wildbad, Germany).



Statistical Analysis

The data are presented as means ± standard deviation (SD). Comparisons were performed using the GraphPrism6 statistical software (GraphPad Software, United States). A two-tailed Student’s t-test was applied for comparison of two independent variables. Multiple analysis of the CCK-8 assay results was conducted using two-way analysis of variance (ANOVA). Differences were considered statistically significant for p < 0.05.



RESULTS


Transcriptome Analysis Revealed Gene Expression Profiles of Claudin Family Members

To clarify the gene expression patterns of claudin genes during tooth development, we performed CAGE using total RNA extracted from E11 whole body and E11, E13, E14, E15, E16, E18, P1, and P3 molars. Heatmap analysis of claudin family member genes revealed 19 claudin genes that were expressed (Figure 1A). Cldn1 and Cldn10 were highly expressed in P3 tooth germs. We then performed scRNA-seq to determine the expression patterns of the claudin genes at a single-cell level. The scRNA-seq was performed using incisors of P7 Krt14-RFP mice, as previously described (Chiba et al., 2020). Unbiased clustering based on the Seurat v3 algorithm revealed 11 clusters using UMAP (Figure 1B). To characterize the clusters, they were classified by cell type based on known markers for dental epithelium and mesenchyme, which included IEE and pre-ameloblast marker, sonic hedgehog (Shh) (Dassule et al., 2000); ameloblast marker, ameloblastin (Ambn) (Fukumoto et al., 2004); SI cell markers Notch1 (Notch1) and alkaline phosphatase (Alpl) (Harada et al., 1999; Lacruz et al., 2013); SR and OEE cell marker, Notch2 (Notch2) (Harada et al., 1999; Lacruz et al., 2013); dental follicle marker, insulin-like growth factor binding protein 4 (Igfbp4) (Seidel et al., 2017); odontoblast marker, sphingomyelin phosphodiesterase 3 (Smpd3) (Khavandgar et al., 2013); periodontal ligament marker, periostin (Postn) (Afanador et al., 2005); erythrocyte marker, hemoglobin A2 (Hba-a2); leukocyte marker, complement C1q chain (C1qc); endothelial cell marker, cadherin 5 (Cdh5); and neural cell marker, myelin protein zero (Mpz). We then investigated gene expression patterns of claudin family members in these distinct cell clusters. In this scRNA-seq dataset, transcripts of only six claudin family members were detected—Cldn1 in ameloblasts, Cldn5 in endothelium, Cldn10 in IEE and SI/SR/OEE, Cldn11 in dental follicles, Cldn13 in erythrocytes, and Cldn19 in neural cells. Cldn1 was highly expressed in ameloblasts (Figure 1C), consistent with a previous report (Zhang Y. et al., 2019). Unlike Cldn1, Cldn10 was abundantly expressed in IEE and SI/SR/OEE epithelial cells and expressed in cell clusters representing odontoblasts of mouse incisors (Figure 1C).
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FIGURE 1. Expression patterns of claudin family members during tooth development. (A) Heatmap of Cap Analysis Gene Expression (CAGE)-based claudin genes expression in embryonic (E) day E11 mouse whole body and tooth germs at various developmental stages. (B) Differential expression analysis of cell-type marker genes using Uniform Manifold Approximation and Projection (UMAP) visualization of single-cell datasets from postnatal (P) day P7 Krt14-RFP mouse incisors. Krt14, epithelium marker; Ambn, ameloblast marker; Shh, IEE and pre-ameloblast marker; Notch1 and Alpl, SI markers; Notch2, SR and OEE marker; Smpd3, odontoblast marker; Igfbp4, dental follicle and Postn, periodontal ligament markers; Fn1, mesenchyme marker; Hba-a2, erythrocyte marker; C1qc, leukocyte marker; Mpz, neural cell marker; Cdh5, endothelial cell marker. IEE, inner enamel epithelium; Pre-Am, pre-ameloblast; Am, ameloblast; SI/SR/OEE, stratum intermedium, stellate reticulum, and outer enamel epithelium; DF, dental follicle; Od, odontoblast; PDL, periodontal ligament; Ery, erythrocyte; Leuko, leukocyte; Endo, endothelium; Neu, neural cell. Red dashed lines indicate the cell cluster that highly expressed marker genes. (C) Differential gene expression analysis of claudin family members detected in single-cell datasets from P7 Krt14-RFP incisors. Red dashed lines indicate the cell cluster that highly expressed marker genes.




Cldn10b Is Highly Expressed in Developing Teeth

Based on the transcriptome data shown in Figure 1, we focused on Cldn10 as a key molecule for enamel formation. Cldn10 may be expressed as two splice variants, Cldn10a and Cldn10b, which exhibit different expression patterns in organs. Utilizing the CAGE data, tooth-specific transcriptional start sites were explored, as previously described (Funada et al., 2020). The CAGE dataset obtained from mouse tooth germs revealed that only Cldn10b showed a high peak in tooth samples (Figure 2A). We also analyzed the expression of Cldn10a and Cldn10b in P7 rat tissue specimens using RT-qPCR and primers specific for each splice variant (Figure 2B). RT-qPCR results indicated that Cldn10a expression was restricted to the kidney, whereas Cldn10b expression was detected at relatively high levels in the ectodermal organs evaluated, including tooth, lung, submandibular gland, hair, and kidney (Figure 2C). Therefore, Cldn10b apparently may play a role in tooth development. Next, we investigated the expression patterns of Cldn10 in the tooth germs at various stages using dental epithelial marker genes. Alpl and Notch1 are known to be the markers of SI cells in the dental epithelium and Ambn is an enamel matrix marker for ameloblasts. RT-qPCR analysis showed that Alpl shared a similar expression pattern with Cldn10b and both were strongly expressed during later stages of tooth development (Figure 2D). In contrast, Notch1 was detected at relatively constant levels throughout dental development with an elevation at P3 (Figure 2D) whereas Ambn was highly expressed at P3 when secretory ameloblasts were actively functioning (Figure 2D).
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FIGURE 2. Expression patterns of Cldn10 during tooth development. (A) Genomic locus of mouse Cldn10 in Cap Analysis Gene Expression (CAGE). The CAGE dataset from tooth germs showed a high peak at the Cldn10b transcription start site. The red arrowhead indicates the CAGE peak. (B) Schematic summary of Cldn10 isoforms in the rat genomic locus. Red arrowheads indicate the locations of intron-spanning primers used in quantitative reverse transcription polymerase chain reaction (RT-qPCR). (C) Expression levels of Cldn10 mRNA isoforms a and b in postnatal (P) day P7 rat tissues (n = 3). The relative mRNA expression was standardized to Gapdh expression. Error bars represent S.D. SMG, submandibular gland; PTH, parathyroid. (D) mRNA expression levels of Cldn10, SI cell markers Alpl and Notch1, and ameloblast marker Ambn at different developmental stages of mouse tooth germ (n = 3). The relative mRNA expression was standardized to Gapdh expression. Error bars represent S.D.




Claudin-10 Localizes to IEE and SI Cells in Developing Teeth

To examine the spatiotemporal protein expression of claudin-10 in developing teeth, we performed immunofluorescence staining using sections of mouse P1 lower incisor and E14, E16, P1, and P3 molars. In the incisors, claudin-10 expression was high in IEE and SI cells during the secretory stage and in differentiated odontoblasts (Figure 3A). From the proximal to the distal parts of the P1 incisor, claudin-10 expression was restricted to SI cells in a gradually increasing manner and had the highest expression level at the incisor tip. For molars, claudin-10 expression was initially localized in the lingual dental epithelium of E14 tooth germs, which is consistent with a previous report (Kim et al., 2020). In E16 molars, claudin-10 was found to be broadly expressed in both SR and labial IEE cells (Figure 3B). For P1 and P3 tooth germs, claudin-10 was mainly and stably expressed in SI cells and in the odontoblastic layer (Figure 3B).
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FIGURE 3. Spatiotemporal expression pattern of claudin-10 during tooth development. (A) Immunofluorescence staining of claudin-10 in postnatal (P) day P1 mouse lower incisors. Dashed white boxes indicate the area enlarged in the lower panel. Scale bar, 100 μm. Lower panel: enlarged image shown in the upper panel. Scale bars, 50 μm. (B) Immunofluorescence staining of claudin-10 in embryonic (E) day E14, E16, P1, and P3 mouse molar tooth germs. Green, claudin-10; blue, DAPI (4’,6-diamidino-2-phenylindol); iee, inner enamel epithelium; si, stratum intermedium; am, ameloblast; od, odontoblast; de, dental epithelium; dm, dental mesenchyme. Dashed white boxes indicate the area enlarged in the right panel. Scale bars, 100 μm.




Overexpression of Cldn10b Promotes Alpl Expression in the Dental Epithelium

To further analyze Cldn10, we used an in vitro cell culture system. Expression of Cldn1 and Cldn10 was examined in the rat dental epithelial cell line, SF2, and mouse dental mesenchymal cell line, mDP (Figure 4A). As expected, Cldn1 and Cldn10 were primarily expressed in dental epithelial cells with Cldn10 expression being absent in dental mesenchymal cells (Figure 4A). As SF2 cells have characteristics of IEE cells and are able to differentiate into the SI cell lineage (Nakamura et al., 2008; Arakaki et al., 2012), we used SF2 cells to further analyze the role of Cldn10 in the dental epithelium.
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FIGURE 4. Overexpression of claudin-10b enhances differentiation of rat incisor-derived dental epithelial SF2 cells into the stratum intermedium (SI) cell lineage. (A) Reverse transcription polymerase chain reaction (RT-PCR) analysis of Cldn1, Cldn10, Krt14, and Vim expression in SF2 cells and a mouse dental papilla (mDP) mesenchymal cell line. Krt14 and Vim were used as representative epithelial and mesenchymal marker genes, respectively. (B) Time-course analysis of Cldn10, Alpl, and Notch1 expression in SF2 cells using quantitative RT-qPCR (n = 3). Relative mRNA expression was standardized to Gapdh expression. Error bars represent S.D. (C) SF2 cells were transfected with a mock control vector or a Cldn10b expression vector. Western blot analysis showed high expression levels of claudin-10 protein in Cldn10b-overexpressing SF2 cells. (D) Immunofluorescence of Claudin-10 in mock-transfected and Cldn10b-overexpressing SF2 cells. Upper panel: Green, claudin-10; blue, DAPI. Lower panel: merged image with phase contrast from upper panel. Scale bars, 10 μm. (E) Immunofluorescence of ZO-1 in mock-transfected and Cldn10b-overexpressing SF2 cells. Upper panel: Green, ZO-1; blue, DAPI. Lower panel: merged image with phase contrast from upper panel. Scale bars, 10 μm. (F) Cell Counting Kit-8 (CCK-8) assay of mock-transfected and Cldn10b-transfected cells revealed similar proliferation rates (n = 3). Error bars represent S.D. ns (not significant), p > 0.05 with two-way ANOVA. (G) Expression of Alpl, Notch1, AmeloD, and Ambn in Cldn10b-overexpressing SF2 cells (n = 3). Error bars represent S.D. ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001 with two-tailed t-test.


Changes in Cldn10, Alpl, and Notch1 expression were examined using time-course culturing of SF2 cells (Figure 4B). RT-qPCR results demonstrated that the expression of Cldn10 and Alpl was upregulated after 4 days of culturing, whereas Notch1 expression was downregulated. We then analyzed the effects of Cldn10 overexpression on cell proliferation and differentiation. As the specific expression of Cldn10b, and not of Cldn10a, was observed in the developing teeth, we used a claudin-10b expression vector for analysis. We first examined protein levels of claudin-10b in mock-control and Cldn10b-overexpressing SF2 cells (Figure 4C). In Cldn10b-overexpressing SF2 cells, claudin-10 protein was highly expressed, although the expression of endogenous claudin-10 was not clearly detected in mock-control SF2 cells (Figure 4C). We performed immunofluorescence analysis of claudin-10 and the tight junction molecule, ZO-1, in SF2 cells to examine the TJ formation in this cell line (Figures 4D,E). Claudin-10 was mainly localized in the cytoplasm and in cell–cell junctions in both of mock-control and Cldn10b-overexpressing SF2 cells, with the higher level of expression in the latter. ZO-1 was expressed in cell–cell junctions of SF2 cells, suggesting that SF2 form TJ and claudin-10 may contribute in TJ formation. We then analyzed the effect of Cldn10b on cell proliferation and found that overexpression of Cldn10b in SF2 cells had no effect on cell proliferation compared with that of transfected mock control SF2 cells (Figure 4F). We further examined the effect of Cldn10b on cytodifferentiation using RT-qPCR. Cldn10b-overexpressing SF2 cells showed a significant upregulation of Alpl expression, whereas Notch1 expression was downregulated (Figure 4G). Expression of the IEE marker gene, AmeloD (Chiba et al., 2019; He et al., 2019), and ameloblast marker gene, Ambn, did not exhibit any notable changes (Figure 4G). These results suggest that Cldn10b promotes SI cell differentiation in dental epithelium.



DISCUSSION

In this study, we investigated the gene expression patterns of claudin family members during tooth development and examined the role of Cldn10 in SI cells. Previous studies have shown that Cldn10 is expressed in mouse dental epithelium and SI cells (Ohazama and Sharpe, 2007; Kim et al., 2020); however, a comprehensive evaluation of spatiotemporal expression pattern of Cldn10 during amelogenesis has not been reported. Our immunostaining results revealed that claudin-10 was expressed in IEE and SI cells and expression levels gradually increased in the later stages of tooth development (Figures 3A,B). Furthermore, Cldn10 and Alpl exhibited similar expression patterns, including high expressing in SI cells during later stages of tooth development, suggesting an association between the expression of Cldn10 and Alpl (Figures 2D, 4B). Subsequent functional analysis revealed Cldn10-induced Alpl expression (Figure 4G). These findings suggest that Cldn10 promotes cytodifferentiation of SI cells.

Claudins, as key components of TJs, are essential for cellular events, such as cell signaling, formation of the paracellular barrier, and regulation of the epithelial permeability (Barrios-Rodiles et al., 2005). Variable expression of claudins in different cells and tissues of the body suggests that each claudin member has a distinct function. Although TJs are broadly distributed in the dental epithelium, only a few claudins have been investigated and proven to play the role in tooth development (Ohazama and Sharpe, 2007; Hagen, 2017; Kim et al., 2020). Mutations in CLDN10, CLDN16, and CLDN19 are associated with amelogenesis imperfecta in humans (Bardet et al., 2016; Yamaguti et al., 2017; Kim et al., 2020) and in mice, deletion of Cldn3 significantly reduces the enamel volume compared to that of wild-type mice (Bardet et al., 2017). To date, 10 members of the claudin family have been reported to be expressed in the developing teeth. Claudin-1 and claudin-7 are found to have strong immunoreactivity in IEE, OEE, SI, SR, and ameloblasts, whereas claudin-5 is preferentially expressed in only vascular structures (Soukup et al., 2008). Claudin-3, claudin-4, claudin-6, and claudin-7 are expressed in the dental epithelium during early developmental stages, whereas claudin-11 is mainly expressed in the dental follicle (Ohazama and Sharpe, 2007). Claudin-16 and claudin-19 can also be detected in differentiating mouse ameloblasts, corresponding to the phenotypes of patients with CLDN16 and CLDN19 mutations (Bardet et al., 2016; Yamaguti et al., 2017; Kim et al., 2020). Our current scRNA-seq analysis demonstrated expression profiles of Cldn1, Cldn5, Cldn10, Cldn11, and Cldn19, consistent with these previous findings (Figure 1C); however, we did not detect gene transcripts of other claudin family members in our scRNA-seq dataset. Although we obtained 2,386 mean genes per cell in our scRNA-seq dataset, the sequencing saturation was only 50% (Chiba et al., 2020). Therefore, the scRNA-seq read depth may have affected our analysis and resulted in this limited detection of genes.

Transcriptome analysis showed that among the claudin family members, Cldn1 and Cldn10 were highly expressed in the tooth germs (Figures 1A,C). Furthermore, immunostaining of claudin-10 demonstrated specific expression in IEE and SI cells. In P1 incisors, claudin-10 was expressed in IEE and SI throughout the proliferation and secretory stages of tooth development. Claudin-10 was also mainly expressed in the SI layer of P1 and P3 molars. Based on these findings, we suggest that Cldn10 may be a marker gene for SI cells. The origin of the SI cells could be IEE cells, same as the origin of ameloblasts (Harada et al., 2006). In a previous study using rat-incisor organ cultures, it was determined that SI cells are derived from the IEE during the transit-amplifying process (Harada et al., 2006). In the present study, the expression of claudin-10 was continuously observed during the transition of IEE to SI cells (Figure 3A), supporting the hypothesis that IEE cells are able to differentiate into SI cells.

The enamel organ is composed of a highly multifaceted epithelial cell population, all of which is uniquely differentiated toward a specialized function. Among these cell types, SI cells contribute to ameloblast differentiation and promote enamel mineralization through their high alkaline phosphatase activity (Larmas and Thesleff, 1980). In a previous study, high levels of Alpl expression were observed in the SI layer, whereas the expression of Alpl was completely absent in neighboring SR cells and ameloblasts (Liu H. et al., 2016). The immortalized dental epithelial cell line, SF2, is able to differentiate into both ameloblasts and the SI lineage (Nakamura et al., 2008; Arakaki et al., 2012). Differentiation of SF2 cells into the SI lineage can be indicated by increased Alpl expression over time under no intervention (Yoshizaki et al., 2017), which is consistent with our current results (Figure 4B). Considering the distinct expression of claudin-10 in IEE cells prior to SI cell differentiation, we hypothesized a potential involvement of claudin-10 in the differentiation of SI cells. In vitro experiments revealed that the overexpression of Cldn10 in SF2 cells significantly induced Alpl expression, although the expression of ameloblast marker genes was not affected (Figure 4G). These results suggest that Cldn10 might promote the differentiation of SI cells and enamel mineralization through the regulation of Alpl expression. Interestingly, Cldn10 and Alpl were colocalized in the odontoblast cell cluster in the scRNA-seq dataset (Figures 1B,C) and immunofluorescence showed that Cldn10 was localized in odontoblasts (Figure 3). Several reports suggest that odontoblasts form tight junction between their cell-cell junction (Tjäderhane et al., 2013), therefore Cldn10 might play important roles in odontoblast development processes.

As previously noted, Cldn10 has two isoforms that differ not only in their patterns of expression, but also in their functions as paracellular channels for anions or cations. Cldn10a is preferentially expressed in the kidney, whereas Cldn10b is more ubiquitously detected in ectodermal organs, including the tooth germs (Figures 2A,C). Compared to claudin-10a, which forms a selective paracellular anion channel, claudin-10b serves in a paracellular pathway for small cations (Milatz and Breiderhoff, 2017). Although the physiological role of claudin-10a in the proximal tubule is still poorly understood, claudin-10b has been proved to be an important component in renal ion transport, and participates in the regulation of homeostasis of the ectodermal gland (Klar et al., 2017; Hadj-Rabia et al., 2018). Our study shows, for the first time, that Cldn10b, and not Cldn10a, is expressed in mouse teeth at levels comparable to its expression in the kidney and hair. Mice lacking claudin-10b exhibit disturbances in the homeostasis of Ca2+ and Mg2+ in the kidney, giving rise to symptoms, such as hypocalcemia, hypermagnesemia, hyperphosphatemia, and nephrocalcinosis (Breiderhoff et al., 2012). In a previous study, it was reported that the HELIX syndrome in humans is caused by bi-allelic mutations in CLDN10b (Hadj-Rabia et al., 2018). Patients with the HELIX syndrome present abnormalities in the kidney, skin, salivary glands, and tooth enamel. Tooth abnormality in the HELIX syndrome is characterized as severe enamel wear after tooth eruption, which is an indication of enamel hypomineralization. However, there is still a lack of sufficient evidence to support the notion that the permeability properties of claudin-10b are critical for its role during amelogenesis. Further analysis is required to determine the molecular mechanisms involved in Cldn10b mutations causing enamel hypoplasia in humans.

Overall, our study reveals the spatiotemporal gene expression patterns of claudin family members during murine tooth development. Functional analysis suggests a role for Cldn10 in regulating the differentiation of dental epithelial cells. These findings contribute toward clarifying the molecular mechanism involved in enamel formation and the pathological mechanism of enamel hypoplasia.
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The pinna (or auricle) is part of the external ear, acting to capture and funnel sound toward the middle ear. The pinna is defective in a number of craniofacial syndromes, including Lacrimo-auriculo-dento-digital (LADD) syndrome, which is caused by mutations in FGF10 or its receptor FGFR2b. Here we study pinna defects in the Fgf10 knockout mouse. We show that Fgf10 is expressed in both the muscles and forming cartilage of the developing external ear, with loss of signaling leading to a failure in the normal extension of the pinna over the ear canal. Conditional knockout of Fgf10 in the neural crest fails to recapitulate this phenotype, suggesting that the defect is due to loss of Fgf10 from the muscles, or that this source of Fgf10 can compensate for loss in the forming cartilage. The defect in the Fgf10 null mouse is driven by a reduction in proliferation, rather than an increase in cell death, which can be partially phenocopied by inhibiting cell proliferation in explant culture. Overall, we highlight the mechanisms that could lead to the phenotype observed in LADD syndrome patients and potentially explain the formation of similar low-set and cup shaped ears observed in other syndromes.
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INTRODUCTION

Microtia is a common congenital birth defect, wherein the external pinna (or auricle) is small and/or abnormally formed. It is observed with an incidence of 0.83–17.4 per 10,000 births, depending on geographical location (Luquetti et al., 2012). 12.6% of microtia patients have an underlying craniofacial syndrome (Cabrejo et al., 2019). Microtia is often associated with defects in the middle ear, which together can lead to conductive hearing loss (Cox et al., 2014). During the process of hearing, the pinna acts as a funnel, and can also provide information regarding the location of sound (Hofman et al., 1998). In addition, in human beings, the pinna plays a major role in our appearance, and as such abnormally shaped pinnas impact on daily life. Microtia is treated by ear reconstruction surgery or the use of ear molds in infants to correct the shape of the pinna (Chan et al., 2019). Ear surgery is challenging because the pinna’s appearance varies considerably between patients.

The pinna is part of the outer ear, which also contains the ear canal and tympanic membrane. A true pinna is only found in therian mammals (marsupials and eutherians), and is thought to have developed after their evolutionary divergence from the egg laying monotremes (Mozaffari et al., 2020). The pinna derives largely from the second pharyngeal arch in mouse, while it is thought to develop from the first and second pharyngeal arch in humans, with the tragus being first arch derived (Minoux et al., 2013). The mouse pinna develops slightly differently from the human pinna. In the mouse, the pinna initiates at Embryonic day (E)11.5. As the mouse pinna grows it bends toward the rostral part of the head, extending a flap over the ear canal to cover the ear canal completely by E18.5 (Cox et al., 2014). The pinna then fuses to the side of the head and remains, encasing the ear canal until postnatal stages. At 3–5 days postnatally, the pinna flap detaches from the head, lifts up and flips back to reach its adult position (Anthwal and Thompson, 2016). The pinna continues to grow postnatally reaching its adult shape and size at around postnatal day 14. In humans, the main part of the pinna remains posterior to the ear canal during development, forming a complex folded structure (Cox et al., 2014), with the majority of growth completed by 9 years old. However, pinnae continue to grow and male pinnae are bigger than female (Sforza et al., 2009).

Several craniofacial syndromes are associated with pinna defects, such as Lacrimo-auriculo-dento-digital syndrome (LADD) (MIN14970), Branchio-oto-renal (BOR) syndrome and 22q11.2 deletion syndrome amongst others (Thompson et al., 1985; Oskarsdottir et al., 2008; Galliani et al., 2012). LADD syndrome is an autosomal-dominant multiple congenital anomaly disorder characterized by defects in lacrimal and salivary glands, the dentition, digits and ear (Milunsky et al., 2006). The main malformation of the pinna is the presence of a cup-shaped ear which is often low-set (Inan et al., 2006). LADD syndrome has been shown to be caused by defects in the FGF (fibroblast growth factor) signaling pathway, with mutations in FGF10 and its receptor FGFR2b, both leading to the same phenotype (Milunsky et al., 2006; Rohmann et al., 2006). In mouse development, Fgf10 is expressed in the glands, limb and in the forming pinna (El Agha et al., 2012; Teshima et al., 2016). Knockout of Fgf10 in the mouse, leads to defects in glands and teeth (Ohuchi et al., 2000), although the pinna has been suggested to develop as normal (Prochazkova et al., 2018).

Fgf10 is a secreted protein composed of 250 amino acids usually acting in a paracrine manner (Yamasaki et al., 1996). It belongs to the Fgf7/10/22 subfamily of Fibroblast growth factors (Itoh and Ornitz, 2008). Fgf10 plays a role in mesenchymal to epithelial interaction, important in many developing tissues and organs (Itoh, 2016). The Fgf10 null mutant mouse dies at birth due to the absence of lungs, while conditional loss of Fgf10 in the neural crest, mirrors a subset of the phenotype and leads to a similar death at birth due to the presence of a cleft palate (Teshima et al., 2016). In addition to lung defects, mutations in Fgf10 cause limb aplasia due to a deregulation of the apical ectodermal ridge (AER) (Sekine et al., 1999). Mesenchymal Fgf10 in the progress zone signals to the AER through Fgfr2b to upregulate Wnt3a-Fgf8 axis that then feeds back to regulate Fgf10 expression (Jin et al., 2018). In the salivary gland, loss of Fgf10 leads to an arrest of gland development at the placode stage, with downregulation of Sox9 expression in the distal epithelial compartment (Chatzeli et al., 2017).

FGF signaling in embryogenesis is considered to be transduced by three major pathways, PLC γ, PI3Kinase/PKB and RAS/ERK1/2 [MAP (mitogen-activated protein) Kinase] (Bottcher and Niehrs, 2005). ERK1/2 has been shown to relay signaling from FGF receptors in early fish, frog, chick and mouse embryos (Christen and Slack, 1999; Corson et al., 2003; Lunn et al., 2007). In the lung, mesenchymal Fgf10 signals to the epithelium through Fgfr2b to promote proliferation and differentiation by activating the MAP kinase signaling pathway (Yin and Ornitz, 2020). MAPK signaling consists of a series of phosphorylation cascades involving 3 kinases, RAF, MEK 1/2 and MAP (ERK1/2) kinases. After nuclear translocation, p-ERK1/2 activates gene transcription of the PEA3 sub-family (PEA3/ETV4, ERM/ETV5 and ER81/ETV1), which have been utilized as readouts of FGF activity (Lunn et al., 2007). Mutations in Erk1/2 mimic the defects observed in patients with 22q11.2 deletion syndrome, one of the craniofacial syndromes associate with microtia (Newbern et al., 2008). Defects in FGF signaling, acting via the RAS/ERK pathway, may, therefore, underlie the ear phenotype in both LADD syndrome and 22q11.2DS.

In this study we have investigated pinna development in Fgf10 knockout mice in order to understand potential mechanisms involved in LADD syndrome. We highlight the source of Fgf10, the tissues that respond to Fgf10 signaling in the ear, and the cell processes affected. The Fgf10 knockout mouse can therefore be used as a model to study the mechanisms underlying the pinna defect in LADD syndrome patients, and other syndromes with low set, cup shaped ears.



MATERIALS AND METHODS


Animals

Fgf10+/– mouse were intercrossed to generate Fgf10 null embryos. Fgf10+/– and Fgf10+/+ mice were both used as a control group for Fgf10–/– as the heterozygous mice have normal pinnae. The reduction of Fgf10 in the heterozygous mice leads to defects in gland development but does not affect breeding (May et al., 2015). Fgf10fl/fl females (Fgf10A02 tmc1c) were crossed to Wnt1cre; Fgf10fl/+ to generate Wnt1cre; Fgf10fl/fl and Fgf10fl/fl used as controls (Teshima et al., 2016). To confirm the neural crest origin of the mesenchyme of the pinna, Wnt1cre mice were mated to R26RtdTom reporter mice. The matings were set up in the evening and the day of the vaginal plug observed was marked as E0.5. Pregnant females were culled with Schedule I culling methods at E14.5, E15.5, and E18.5. After culling, all embryos were photographed on a Leica dissecting microscope.



Histology

After collection embryos were fixed in 4% paraformaldehyde (PFA) and then dehydrated in gradually increasing Ethanol concentrations (30, 50, 70, 90, 95, and 100% 1 h per step). Embryos were cleared in xylene and embedded in paraffin. Sections were cut at 8μm and stained with Alcian Blue, Sirius Red and Ehrlich’s Haematoxylin.



LacZ Staining

Heads from Fgf10nlacZ/+ mice (Kelly et al., 2001), were fixed in 4% PFA for 20 min, N = 3. To stain heads were washed twice for 20 min in PBS with 2 mM MgCl2. Heads were then incubated for 15 min in a solution containing 1 mM MgCl2, 0.2% NP-40 and 0.02% deoxycholic acid diluted in PBS (Solution B), and then stained with Solution C made with 5 mM K3Fe(CN)6, 5 mM K4Fe(CN)6 and 1 mg/ml x-gal diluted in Solution B. Staining was performed at 37oC for 4 h. Using the same protocol, cryosections on slides were additionally stained at 37oC for 4 days to increase the intensity of the signal, washed in PBS and re-fixed.



Immunofluorescence and in situ Hybridization

Primary antibodies used include anti-BrdU (ab6326, abcam), anti-Caspase 3 (9661s, Cell Signaling Technology), anti-12-101 (AB_531892, DSHB), and anti-SOX9 (AB5535, Millipore), β-gal (ab9361, abcam), anti-P-p44/42 MAPK (9101s, Cell signaling) and anti-RFP (red fluorescent protein) (Chromotek 5f8-100). For Caspase 3, the signal was amplified with a TSA kit (PerkinElmer). For BrdU, 2M HCl at 37oC was used before addition of the primary antibody. In situ hybridization was performed as previously described (Fons Romero et al., 2017). Immunolabelings and in situ hybridization reactions were repeated at least 3 times to confirm the expression patterns.



Rolling Explant Culture

In order to culture the whole pinna we used a novel rotational tissue culture system. CD1 pregnant females were sacrificed at E12.5. After halving the heads and removing the brain, embryos were place in KO-DMEM (A12861-01) medium in Falcon tubes. Proliferation inhibitor (Aphidicolin, sc-201535)(2 μg/ml) disolved in DMSO was applied to one group (N = 6) and DMSO (carrier) as a control to the other group (N = 16). Tubes were incubated at 37°C with 95% O2 and 5%CO2 gas (Carbogen) and rotated at 25 rpm to improve circulation for 2 days.



Proliferation Analysis

For the Fgf10 embryos at E14.5 and E15.5, pregnant females were IP injected with BrdU (30 mg/kg) 1 h before collection. Embryos were sectioned and immunostained for BrdU by IF and imaged. Defined groups of cells within the pinna were demarcated using a standardized method (see Supplementary Figure 1 for method used to define a standardized area for counting). The total number of nuclei that were BrdU positive within the defined region was counted on up to 10 continuous sections for each embryo using ImageJ. Counts for each embryo were then averaged and the average number of proliferating cells compared across littermates (N = 3–4 embryos per group).



Statistics

A Student’s two tailed unpaired t-test was used for the proliferation comparison. Fisher exact probability was performed for comparisons. A significant difference was taken as P < 0.05 (∗).



RESULTS


Fgf10 Is Expressed in the Developing Muscle and Cartilaginous Condensations of the Pinna

Previously, an Fgf10icre/Tom mouse has been used to show widespread expression of Fgf10 in the developing pinna at E18.5, traced from E15.5 (El Agha et al., 2012). To get a more detailed understanding of the expression of Fgf10 during pinna development we used Fgf10LacZ reporter mice, where LacZ is under the control of Fgf10 regulatory sequences without disrupting Fgf10 function (Kelly et al., 2001). Fgf10 was expressed at high levels in the forming pinna at E (embryonic day) 14.5 (Figures 1A,B, asterisk), in addition to the surrounding craniofacial muscles (Figure 1A arrowheads). In section, at different planes through the pinna (see Figure 1C), a band of positive expression was evident following the curve of the pinna (Figures 1D–F, arrow in Figure 1D). In addition, Fgf10 was expressed in the developing cartilage extending from the base of the pinna (basal cartilage, bc) to the tip of the pinna (distal cartilage, dc) (Figures 1D–F, arrowhead in Figure 1D).
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FIGURE 1. Fgf10 is expressed in auricular muscle and cartilage. (A,B) Whole mount βGal staining of Fgf10-LacZ reporter mouse at E14.5. Fgf10 is expressed in the pinna (asterisk) and the surrounding muscles (arrowheads). (C) μCT 3D reconstruction of a E14.5 embryo showing the level and plane of the respective sections. (D–F) Wax sections stained for βGal. Posterior is up, anterior is down. Fgf10 is expressed in the basal (bc) and distal cartilage (dc) and in the pinna muscle (m). Pinna tip = (p). (H) Triple IF for βGal (green), Sox9 (magenta) and 12–101 (red). (I–L) Higher magnification of boxed regions in (H). (I,J) Fgf10 expression colocalizes with the cartilage marker Sox9 in the basal cartilage. (K,L) Fgf10 expression colocalizes with the muscle marker 12–101 in the pinna muscle. (M–T) Close up of the developing pinna muscle (M–P) and basal cartilage (Q–T). (M,Q) DAPI showing nuclei in selected region. (N) 12–101 9 (red). (O) βGal (green). (P) Overlap between 12–101 and βGal. (R) Sox9 (magenta). (S) βGal (green). (T) Partial overlap between Sox9 and βGal. Scale bar in D = 100μm.


In order to confirm the expression of Fgf10 in the two different regions we compared the expression of LacZ with markers for early cartilage (Sox9) and differentiated muscle (12–101) (Kintner and Brockes, 1984; Lefebvre et al., 2019). Overlap of Sox9 and LacZ was found at the base of the pinna (Figures 1H–J,Q–T), confirming that some cartilage cells expressed Fgf10. Interestingly, we did not detect Sox9 expression in the cell condensates in the distal cartilage of the pinna (dc) at this stage of development, although Sox9 was upregulated in this region at later stages (data not shown), suggesting that Fgf10 predated Sox9 expression in this region. A convincing overlap was evident between 12–101 and LacZ, highlighting the expression of Fgf10 in the pinna muscle (Figures 1H,K,L,M–P). Fgf10 is therefore expressed in two populations in the developing pinna, the mesodermally-derived muscles of the growing pinna, and the neural crest-derived cartilage.



Lack of Fgf10 Results in a Shorter Pinna but Without Loss of Sox9 and 12–101

Previous analysis of the pinna in Fgf10 knockout mice has not described a defect, and in keeping with this the pinna of Fgf10 null mutants appeared normal at E14.5 (Figures 2A,B,E,F) (N = 5). Fgf10, therefore, does not appear to be involved in early initiation of the ear in mice. A phenotype, however, was evident from E15.5 (Figures 2C,D,G,H). By E15.5 in controls, the pinna had extended forward over the ear canal toward the prospective tragus, so that the opening was no longer evident (Figure 2C) (N = 6). In contrast, in the mutant the pinna did not extend leaving the ear canal exposed (Figures 2D,G,H, double arrow head) (N = 4). In section, the pinna was fused to the rest of the head in the controls, however, the mutant pinna remained detached from the head (compare Asterisk in Figures 2G,H) and far from the forming ear canal (arrowheads Figures 2G,H). The histology at all stages analyzed indicated formation of muscle and cartilage, which was confirmed by expression of the cartilage marker Sox9 and terminally differentiated muscle marker 12–101 (Figures 2I–L). Expression of muscle and cartilage markers was therefore unaffected by loss of Fgf10. In addition to its expression in cartilage, Sox9 was also expressed in the fused epithelium of the inner pinna at E15.5, while expression was not observed in this region prior to fusion (at E14.5) or in the unfused mutant at E15.5 (Figures 2I,K,L). Sox9 may therefore play an additional role in fusion of the pinna epithelium. By E18.5, the pinna was observed fused to the head in both mutant and wild-type littermates, however, the ear canal remained exposed and the pinna had failed to meet the future tragus in the mutants (Figures 2O,P,S,T) (N = 1).
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FIGURE 2. Fgf10 is required for pinna elongation. (A–D) whole mount pinnae at E14.5 (A,B) and E15.5 (C,D) of a Fgf10 null mutant (B,D) and control littermate (A,C). The phenotype start to be visible at E15.5 with a defect in the anterior elongation of the pinna (C,D arrow). (E–H) Trichrome staining. The defect in elongation is clear at E15.5 (G,H double arrow head). (I–L) Double IF for Sox9 and 12–101. Both markers are expressed in comparable domains to the wildtype. (M) Fgf10 fl/fl control at E18.5. (N) Wnt1cre/+ Fgf10 fl/fl at E18.5. (O) Fgf10 control E18.5. (P) Fgf10 null mutant at E18.5. (Q–T) Trichrome staining. Ablation of Fgf10 in the neural crest cells does not phenocopy the elongation defects in the Fgf10 null mutant (P,T arrow). (BP) basal pinna (DP) distal pinna. Asterisk labels the inner epithelial layer of the pinna that fuses with the adjacent head epithelium. (C) Forming cartilage. (M) forming muscle. Scale bar in (E–H,I,Q–T) = 100 μm. Same scale in (J–L).


In order to distinguish the role of mesodermal Fgf10 from the neural crest derived Fgf10 (Figure 1) we used a conditional approach to ablate Fgf10 specifically in the cranial neural crest using Wnt1cre (Figures 2M,N,Q,R) (Teshima et al., 2016). The cartilage of the pinna is formed from neural crest derived mesenchyme, while the muscles are non-neural crest derivatives (Supplementary Figure 2). Agreeing with the previously published phenotype, the conditional mutants had cleft palates, confirming that that Fgf10 had been deleted in the cranial neural crest (Supplementary Figure 3). In this conditional mutant, the pinna appeared identical to that of control littermates, in contrast with the Fgf10 null mutants at this timepoint (Figures 2Q–T). Loss of Fgf10 specifically in the neural crest population, therefore, had limited effect on pinna development (N = 2). This suggests that mesodermal Fgf10 is the main source of Fgf10 for pinna elongation, or that in the absence of a source from the neural crest, mesodermal Fgf10 can compensate for any loss.



Pinna Extension Defect Is Caused by Reduced Cell Proliferation, Rather Than Cell Death

FGFs are known to have a role in controlling both proliferation and apoptosis (Prochazkova et al., 2018). We therefore investigated whether proliferation and cell death were altered in the Fgf10 null mutants using BrdU and activated Caspase 3. Since the phenotype started to be evident at E15.5, we analyzed proliferation at two stages, E14.5 and E15.5. As expected from a growing structure, high levels of cell proliferation were present in the epithelium and adjacent mesenchyme in control embryos at E14.5 and E15.5 (Figures 3A,B,F,G). In contrast, in the mutant embryos a reduction in proliferation was evident. To quantify this change, cells were counted in defined regions at the tip (boxes in Figures 3B,D,G,I), and at the sides (boxes in Supplementary Figure 4A) of the pinna (N = 3–4 embryos per group). Proliferation of both epithelial and mesenchymal cells was significantly reduced compared to the controls at both stages analyzed in the epithelium and mesenchyme, suggesting that the proliferation defect at E14.5 might drive the phenotype at E15.5 (Figure 3E and Supplementary Figure 4B). The most significant differences were evident in the extending tip, and outer pinna mesenchyme, but reduced proliferation was also evident in other regions of the pinna, suggesting a widespread reduction in proliferation in the external ear (Supplementary Figure 4B). To investigate whether the failure to extend the pinna was also due to increased programmed cell death, we followed activated Caspase 3 expression. No positive cells were identified in the developing pinna in mutants or littermates controls at E14.5 and E15.5 (Supplementary Figure 5) (N = 3). As a positive control, apoptotic cells were observed in the ear canal during normal development at E15.5 (Supplementary Figure 5F arrow), agreeing with the literature (Nishizaki et al., 1998; Fons et al., 2020). A reduction of proliferation, rather than an upregulation of cell death, therefore, appeared to underlie the defect.
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FIGURE 3. Proliferation is required for the bending and elongation of the pinna. BrdU IF at E14.5 (A–D) and at E15.5 (F–I) in control littermates (A,B,F,G) and Fgf10 null mutant (C,D,H,I). There is a reduction in BrdU positive cells at the tip of the pinna (box in D,I) in the mutant. (E) Quantification of the percentage of BrdU positive cells within the mesenchymal and epithelial at the tip of the pinna in the control and in the mutant at E14.5 and E15.5. E14.5 tip epithelium P = 0.0001. E14.5 tip mesenchyme P = 0.0011. E15.5 tip epithelium P = 0.0061. E15.5 tip mesenchyme P = 0.019. (J,K) Control embryonic pinnae at E12.5 and at E13.5. The pinna bends and elongates anteriorly. (L,M) Cultured whole pinnae in the presence (M) or absence (L) of the proliferation inhibitor Aphidicolin. After 2 days in culture, the pinna bends and elongates as observed during embryonic development (compared to J,K). Inhibition of proliferation abolishes both bending and elongation (M). (N) Quantification of the growth and bending observed in cultured pinnae. P = 0.002. P < 0.05 (*), P < 0.01 (**), P < 0.001 (***).


In order to understand the role of proliferation in pinna development we then turned to a rolling culture technique to be able to perturb this process (Figures 3J–M). Wild type embryonic heads were divided down the midline and separated into two groups for culture. One group of half heads were cultured in the presence of the proliferation inhibitor Aphidicolin (2 μg/ml), while the other half were cultured in control medium. Use of Aphidicolin at this concentration has previously been shown to lead to a global inhibition of proliferation in explant culture (Yamada et al., 2019). Embryos older than E12.5 failed to develop well in rolling culture, presumably due to the larger size of the heads impacting on diffusion of nutrients, while in Trowel culture on membranes the pinna flattened onto the head and failed to extend. We therefore concentrated on E12.5. At E12.5 the pinna is an outgrowth that extends out perpendicular to the head. By E13.5 the pinna bends anteriorly and starts to elongate toward the prospective tragus (Figures 3J,K). After 2 days, we checked the growth of the pinnae. In the controls, 11 (out of 16) pinnae grew and folded over mimicking the normal process (Figures 3L,N). In contrast, none of the inhibitor-treated pinna grew or bent, phenocopying the failed extension of the Fgf10 null mutant pinnae (Figures 3M,N, P = 0.002). This experiment highlights the importance of cell proliferation for the bending and the elongation of the pinna during development.



Fgf10 Regulates the MAP Kinase Pathway During Pinna Elongation

FGF signaling regulates a number of pathways downstream of its receptor, of which the MAP kinase (RAS/RAF/ERK1/2) pathway is important in a number of developing organs, including the pinna (Newbern et al., 2008). We therefore investigated aspects of the RAS/ERK1/2 pathway. In control embryos at E14.5, phospho-ERK (p-ERK) was present in the epithelium and mesenchyme on the outer side of the pinna (Figures 4A–C, asterisk in B), extending down the pinna to the tip (Figure 4C, arrow). In contrast, expression was absent from the epithelial and mesenchymal cells on the inner side of the pinna, and from the Fgf10 expressing cartilage condensations in the middle of the pinna (Figure 4B, arrowhead). In the absence of Fgf10, p-ERK was reduced in the outer mesenchyme (Figures 4F,G, asterisk) with patchy expression in the surface epithelium and no detection of p-ERK at the tip (Figure 4H, arrow), highlighting the relevance of this region to the failure to extend the pinna. Blood vessels show up as autofluorescence in both cases and highlight the vasculature running down the outer side of the pinna.
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FIGURE 4. ERK1/2 is transducing Fgf10 signaling in the elongating pinna. IF for p-ERK1/2 at E14.5 in control littermates (A–C) and Fgf10 null mutant (F–H). (C,H) High magnification of the tip of the pinna in (box in B,G). ERK1/2 are phosphorylated in the outer mesenchymal and epithelium (B,G, asterisk) and at the tip (C,H, arrow) with an absence in the mutant. ISH for Erm (D,I) or Pea3 (E,J). Erm is expressed in the auricular muscle (m) and cartilage (c) and in the inner (D, arrow head) and outer (D, asterisk) mesenchyme and epithelium with a reduction in expression in the mutant (I). Pea3 is expressed in the auricular muscle (m) and inner (E, arrow head) and outer (E, asterisk) mesenchyme and epithelium with a reduction in expression in the mutant (J). c, cartilage; m, muscle.


We then compared expression of p-ERK to that of the FGF readouts Erm (Etv5) and Pea3 (Etv4). Both ETS transcription factors are transcriptionally induced by FGF signaling but can have different expression domains during development, with Erm less restricted compared to Pea3 in the zebrafish (Raible and Brand, 2001). Both Erm and Pea3 colocalized with p-ERK in the outer regions of the pinna in the epithelium and mesenchyme (Figure 4D,E, asterisk). However, Erm and Pea3 were also expressed strongly in the inner regions of the pinna (Figures 4D,E, arrowhead), in contrast with the lack of p-ERK staining in this region (Figure 4B, arrowhead), suggesting different molecular effectors operate between the outer and inner regions of the pinna. In addition, Erm and Pea3 were expressed in the pinna muscle (Figures 4D,E) and Erm was expressed in the forming cartilage (Figure 4D). Loss of Fgf10 in the mutant led to a reduction of Erm and Pea3 expression across the pinna, with a particularly strong downregulation in the outer epithelium and mesenchyme, similar to that observed for p-ERK (Figures 4I,J, asterisk). A robust loss of Erm expression in the mutants was also observed at E15.5 (Supplementary Figure 6), with a reduction of expression in the mesenchyme on the outer side of the pinna cartilage. At E15.5 the loss of Erm in the inner pinna epithelium was particularly striking.



Fgf10 Does Not Regulate BMP Signaling

Members of the BMP family have a role in pinna development since mutations in either Bmp5 and Bmp4 lead to external ear defects (King et al., 1994; Minoux et al., 2013). Mutations in Bmp5 are responsible for the phenotype in the Short Ear mouse (King et al., 1994), while a subset of Bmp4 hypomorphic mutant mice display a similar phenotype to the one we describe here in Fgf10 null mutants (Minoux et al., 2013). We therefore tested for a possible genetic interaction between Fgf10 and Bmp4 and 5. Bmp5 was expressed all along the auricular cartilage (King et al., 1994), but also was observed in the adjacent auricular muscle (Figure 5A). Strong expression was maintained in the Fgf10 mutant at E14.5 (Figure 5B). Bmp4 is expressed at the base of the pinna and at the very tip of the extending pinna (Figure 5C; Minoux et al., 2013). These two expression domains were maintained in the Fgf10 mutant, with robust expression at the base of the pinna (Figure 5D), in contrast to the lack of p-ERK activity in this same region (Figure 4). Despite their similar phenotype, we conclude that Fgf10 does not sit upstream of the Bmp4/5 pathways.
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FIGURE 5. Bmp4/5 are not regulated by Fgf10. ISH for Bmp5 (A,B) and Bmp4 (C,D) in control litermates (A,C) and Fgf10 null mutant (B,D). Bmp5 is expressed at the base of the pinna moving into the pinna itself (arrow head in A). Bmp4 is expressed in the basal cartilage (arrow heads, C,D) and at the very tip of the pinna (A, arrow). Fgf10 null mutants maintain expression of both Bmp5 (B) and Bmp4 (D).




DISCUSSION

In this study we have shown that Fgf10 controls pinna development by inducing proliferation of both epithelial and mesenchymal cells within the pinna, particularly at the tip, leading to extension and shaping of the pinna. Loss of Fgf10 resulted in smaller, malformed pinnae, correlating with the dysmorphisms found in LADD syndrome, in which patients show smaller, cup-shaped ears. This characteristic malformation in patients is therefore likely to be explained by defects in proliferation. A central role of proliferation in shaping the ear is supported by our novel culture system of the whole pinna, where experimental inhibition led to an arrest of bending and elongation of the pinna at early stages of development.

One feature of murine pinna morphogenesis is the bending of the initial outgrowth toward the prospective tragus, leading to coverage of the ear canal. This rostral movement appears distinct to mice and rats and may play a role in protecting the ear canal during its development. In culture inhibition of proliferation impairs bending, in addition to the elongation of the tip. This suggests that proliferation, rather than morphogenetic movements, such as convergent extension, drive pinna morphogenesis. Higher proliferation on the outer part of the pinna combined with lower proliferation in the inner part of the pinna would be predicted to lead to an inwards bending. However, we did not detect such differences in proliferation with our BrdU labeling, but it might have been masked due to the high incorporation index of BrdU in the ear, as expected from a growing embryonic structure. Alternatively, a difference may only be evident at earlier stages. As Fgf10 mutant mice had normal development up to E14.5, the control of proliferation at earlier stages must be provided by other signaling factors.

Analysis of Fgf10 expression using a LacZ reporter highlighted expression in both the forming pinna muscle and a subset of neural crest derived cartilage cells. Ablation of Fgf10 specifically in the neural crest did not affect pinna development, in comparison with the null mutant. This suggests that mesodermally derived Fgf10 is sufficient for pinna elongation. In this case the mesodermally derived Fgf10 appears to be able to compensate for loss of Fgf10 in the forming cartilage. Conditional knockout of Fgf10 in the pinna mesoderm would be an important next step in order to investigate whether the phenotype is driven solely by loss of Fgf10 from the mesoderm.

The FGF canonical pathway ERK is an essential transducer of FGF signaling in a variety of tissues, including salivary glands (Chatzeli et al., 2017). Our data shows that ERK 1/2 also transduces Fgf10 signaling in the pinna, with loss of p-ERK in the cells lateral to the Fgf10 expressing cartilage and muscle, and at the tip of the pinna in the mutant. Interestingly, differential p-ERK was observed between the outer and inner part of the elongating pinna at E14.5, suggesting that cells on the outer part of the pinna might be more responsive to Fgf10 signaling than those on the inner side. The expression of the FGF readouts Erm and Pea3, however, did not match the expression of p-ERK, and showed high levels of expression in the inner pinna epithelium, which was dramatically reduced in the mutant. In keeping with the wider expression of Erm and Pea3, a reduction of proliferation was identified in both the inner and outer tissue in the Fgf10 mutants. Interestingly, Erm and Pea3 had slightly different expression patterns, suggesting that Erm and Pea3 respond to different thresholds or follow different kinetics using the same signal (Raible and Brand, 2001). In zebrafish, for example, Erm required a lower level of FGF signaling for activation than Pea3 (Roehl and Nusslein-Volhard, 2001).

The difference in ERK 1/2 phosphorylation suggests that the pinna is compartmentalized, with both a medial-lateral and proximo-distal axis. Indeed, differential gene expression has been shown between these axis with Prx1 expressed in the inner region of the elongating pinna and absent in the outer region, while Bmp4 and Hoxa2 are differentially expressed along the proximo distal axis (Minoux et al., 2013). These axes are likely to be important in directing pinna morphogenesis.

The essential role of ERK pathway in pinna development is highlighted by the ERK conditional knock out in the cranial neural crest (Newbern et al., 2008). This mutant mouse displays a severe malformation of the external ear or anotia (lack of pinna). In contrast, the Fgf10 mutant shows a much milder pinna phenotype, suggesting that Fgf10 is not the only ligand that activates ERK1/2, particularly at earlier stages. Fgf8 induces ERK 1/2 activation and the pinna is missing or defective in Fgf8 compound heterozygous mutants (Abu-Issa et al., 2002; Moon et al., 2006). Therefore, Fgf8 could be playing a role at earlier stages of pinna development, and may compensate for the loss of Fgf10 at later stages. In keeping with this, the expression of FGF readouts Erm and Pea3 were reduced but not abolished in the Fgf10 mutants.

Previous studies have reported a role of Fgf10 signaling in cranial muscle differentiation (Sugii et al., 2017). Fgf10, Erm, and Pea3 were expressed in the pinna muscle, suggesting a potential role for Fgf10 in the differentiation of these tissues. In keeping with this, Fgf10 has been shown to act downstream of Tbx1, with loss of Tbx1 leading to muscle defects (Kelly et al., 2004). However, the differentiated muscle marker 12–101 was unaffected in the Fgf10 mutant pinna, indicating that muscle was able to differentiate as normal in the absence of Fgf10. Therefore, either Fgf10 is not involved in auricular muscle differentiation or other FGFs present in the pinna can compensate for its loss.

Others growth factors involved in cartilage differentiation and pinna development are members of the BMP family. A subset of Bmp4 hypomorph mutant show a similar phenotype to the Fgf10 mutant phenotype we describe here, with the pinna failing to elongate, leaving the ear canal exposed (Minoux et al., 2013). Bmp5 mutants display small and microtic ears (King et al., 1994). Both genes are expressed in the cartilaginous condensations of the pinna (Minoux et al., 2013) overlapping with Erm/Pea3. In the lung epithelium, Fgf10 regulates Bmp4 expression (Abler et al., 2009). In the pinna of the Fgf10 mutant, however, Bmp4/5 expression was still present, suggesting that Fgf10 does not sit upstream of Bmp4/5 during pinna development. It is possible, however, that FGF signaling is regulated by Bmp signaling, thus an analysis of Fgf10 expression in the pinna of Bmp4 and 5 mutants would be an interesting next step.

Fgf10 in the pinna is likely to act through Fgfr2b given the pinna defect in patients with mutations in both parts of the pathway (Milunsky et al., 2006; Rohmann et al., 2006). The expression of Fgfr2b has not been followed in the pinna but this receptor is strongly expressed in cranial epithelium, with weaker mesenchymal expression described in areas such as the forming palate (Rice et al., 2004). The potential expression in both epithelium and mesenchyme suggests that Fgf10 could directly signal to both epithelial and mesenchymal tissue. The pinna has not been studied in the Fgfr2b knockout (De Moerlooze et al., 2000), but a similar defect might be predicted given the overlap in phenotypes between the Fgf10 and Fgfr2b mouse mutants. Interestingly a pinna defect has been noted in mice with a missense mutation in Fgfr1, known as hush puppy (Calvert et al., 2011). Fgfr1b can act as a receptor for Fgf10, in addition to Fgfr2b (Watson and Francavilla, 2018). Hush puppy heterozygotes have small misshapen and low set ears similar to LADD syndrome patients (Calvert et al., 2011). Fgfr1 homozygous hypomorphs also have a very reduced pinna (Trokovic et al., 2003). It is, therefore, possible that Fgf10 acts through both Fgfr2b and Fgfr1b during pinna development.



CONCLUSION

In conclusion, our data provide a novel insight in the molecular mechanisms underpinning microtia in LADD syndrome and provides the base for future studies in microtia research.
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Supplementary Figure 1 | Counting method for serial sections of pinna. To quantify the numbers of proliferating cells a fixed region was initially defined at the tip of the extending pinna at E14.5 and E15.5. (A) A dotted line was drawn at the boundary between the epithelium and mesenchymal layers of the pinna. Twenty mesenchymal cells outlined by DAPI were then counted in an arc along this dotted line, with 10 cells on each side of the arc (blue dots highlight nuclei along the dotted line). The limit of the area was then further defined by addition of lines around and through the tip. (B) BrdU positive mesenchymal cells within the yellow domain, and BrdU positive epithelial cells within the pink domain were then counted. To quantify the inner and outer sides of the pinna. We selected an area 5 cells away from the tip region previously counted. An area the height of 10 cells was then selected and the epithelial and mesenchmal cells within that area counted.

Supplementary Figure 2 | Pinna cartilage is formed by neural crest derived mesenchyme. (A–F) E15.5 pinna. Neural crest derived tissue in red. (B,F) The pinna epithelium is not labeled by Wnt1creTom and expresses Sox9 (green) (B,D,F) Sox9 expression in green. 12–101 muscle expression in blue. Boxed areas in (B) shown in (C–F). Sox9 is expressed in the developing cartilage and pinna epithelium. (C,D) The Sox9 cells within the pinna overlap with the neural crest marker in the region of the forming cartilage. (E,F) The forming muscle does not overlap with the neural crest marker, in contrast to the mesenchymal Sox9.

Supplementary Figure 3 | Cleft palate in Wnt1creFgf10flfl embryos. (A) Cre negative Fgf10 flfl control mouse showing a closed palate at E18.5. (B) Wnt1creFgf10flfl mutant mouse showing failure of palate formation at E18.5.

Supplementary Figure 4 | Reduced proliferation throughout the pinna in Fgf10 mutants. (A) Pinna at E15.5 showing BrdU positive cells. Boxed areas on either side of the pinna indicate the region counted. (B) Graphs comparing number of proliferating cells. E14.5 inner epithelium P = 0.011. E14.5 outer epithelium P = 0.0361. E14.5 inner mesenchyme P = 0.1578. E14.5 outer mesenchyme P = 0.01. E15.5 inner epithelium P = 0.0675. E15.5 outer epithelium P = 0.0169. E15.5 inner mesenchyme P = 0.0154. E15.5 outer mesenchyme P = 0.0015. P < 0.05 (∗), P < 0.01 (∗∗).

Supplementary Figure 5 | Fgf10 loss of function does not lead to an increase in cell death. IF for cleaved caspase 3 at E14.5 (A–D) and E15.5 (E–H) in control littermates (A,B,E,F) and Fgf10 null mutant (C,D,G,H). There are no apoptotic cells in the pinna at both stages. However, as a positive control, positive cells were evident within the ear canal at E15.5 as previously reported (F, arrow). Lack of Fgf10 signaling does not increase apoptosis at the tip of the pinna (A′,C′,E′,G′). The green dots are autofluorescence cells.

Supplementary Figure 6 | Downregulation of Erm at E15.5 in Fgf10 mutants. (A,B) Erm in situ hybridization at E15.5. (A) Fgf10 control littermate, (B) Fgf10 mutant.
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The head represents the most complex part of the body and a distinctive feature of the vertebrate body plan. This intricate structure is assembled during embryonic development in the four-dimensional process of morphogenesis. The head integrates components of the central and peripheral nervous system, sensory organs, muscles, joints, glands, and other specialized tissues in the framework of a complexly shaped skull. The anterior part of the head is referred to as the face, and a broad spectrum of facial shapes across vertebrate species enables different feeding strategies, communication styles, and diverse specialized functions. The face formation starts early during embryonic development and is an enormously complex, multi-step process regulated on a genomic, molecular, and cellular level. In this review, we will discuss recent discoveries that revealed new aspects of facial morphogenesis from the time of the neural crest cell emergence till the formation of the chondrocranium, the primary design of the individual facial shape. We will focus on molecular mechanisms of cell fate specification, the role of individual and collective cell migration, the importance of dynamic and continuous cellular interactions, responses of cells and tissues to generated physical forces, and their morphogenetic outcomes. In the end, we will examine the spatiotemporal activity of signaling centers tightly regulating the release of signals inducing the formation of craniofacial skeletal elements. The existence of these centers and their regulation by enhancers represent one of the core morphogenetic mechanisms and might lay the foundations for intra- and inter-species facial variability.

Keywords: craniofacial development, neural crest, mesenchymal condensations, chondrocranium, facial shape, signaling centers, cellular behavior


INTRODUCTION

The shape of the face possesses species-specific features that give each vertebrate group its unique facial appearance. In some species such as humans, the otherwise conserved shaping mechanism is flexible enough to allow for shape fine-tuning, resulting in an impressive facial variability (Liu et al., 2012; Adhikari et al., 2016; Cole et al., 2016; Xiong et al., 2019). The shape of the face strongly depends on the geometry of underlying skeletal elements, adipose tissue, and muscles. While the postnatal facial skeleton in the majority of vertebrates is formed by bony elements, the embryonic face is built up entirely from cartilage and is represented by a complex structure called the chondrocranium. Most of the chondrocranium is substituted by the bone postnatally (McBratney-Owen et al., 2008; Kawasaki and Richtsmeier, 2017) and the functional and evolutionary meaning of chondrocranium is not fully understood. However, changes in chondrocranium morphology or morphometry remain even after its replacement by the bone (Kaucka et al., 2017), therefore, the formation of chondrocranium can be considered a key process in the acquisition of facial shape.

The chondrocranium formation is an intricate, multi-step process utilizing cells derived from all three germ layers and driven by, for instance, complex cell and tissue interactions, specific cellular behavior, or by a multitude of spatiotemporally active morphogens. In this review, we will summarize the advancements in our understanding of its developmental complexity. In the first part, we will focus on mechanisms driving the specification, delamination, and migration of cranial neural crest cells to their respective destinations, and their interactions with surrounding cells that result in sensory placode formation. Next, we will pinpoint to mutual interactions between different cell and tissue types, the cellular response to changing physical forces, and specific clonal behavior such as oriented cell division. In the end, we will expose the importance of the spatiotemporally defined activity of signaling centers driving the early craniofacial morphogenesis and discuss the possible genetic basis of facial variability.



SPECIFICATION AND CELL FATE ACQUISITION OF THE NEURAL CREST CELL

A milestone in the process of head formation is the emergence and migration of the neural crest cells (NCCs). The NCCs are transient multipotent progenitors arising from the borders of the closing neural tube (Figures 1IA,B; Basch et al., 2006; Pla and Monsoro-Burq, 2018; Prasad et al., 2020). Depending on the location of their origin along the anterioposterior axis of the neural tube and their post-migratory target destination, the cells are classified as cranial (or cephalic), cardiac, vagal (including enteric), trunk, and sacral NCCs (Rothstein et al., 2018). After the NCCs specification, the cells undergo epithelial-to-mesenchymal transition (EMT), delaminate from the neural tube, and follow conserved stereotypical dorsolateral migratory streams (Figures 1IC,D; Minoux and Rijli, 2010; Theveneau and Mayor, 2012; Rothstein et al., 2018).
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FIGURE 1. Panel I: Specification and cell fate acquisition of the neural crest cells (NCCs). (A) NCCs and placode progenitor cells are localized adjacent to each other at the neural plate border. (B) When neural folds are brought together, the stiffened mesoderm underlying the cranial NCCs (red arrows) triggers NCC EMT and initiate NCC migration. (C) The migrating NCCs undergo a gradual process of cell fate acquisition, during which the NCCs pass through two main bifurcation points. The first separation leads to the split of sensory and autonomic/mesenchymal fates, and the second separation leads to the emergence of autonomic and mesenchymal fates. Placode progenitors are split from the common PPR into individual placodes to give rise to different sensory organs or cranial ganglia. (D) NCCs migration streams and placode separation are a result of the interaction between NCCs and placode cells (middle): NCCs are attracted by placode cells (green arrows), after their direct contact placode cells are repolarized and move away from the NCCs (orange arrows), in a process called contact inhibition locomotion (CIL). Due to their active directed cell migration (orange arrows, below), the individual placode territories are established and NCCs had along their stereotypical migratory pathways. (A–C) Upper row transversal view, lower row: dorsal view; (D) lateral view. Panel II: Cellular behavior during early craniofacial morphogenesis. (A) The cranial NCCs migrated into their respective destinations and proliferate generating facial ectomesenchyme. (B) The progeny of each cranial NCC occupies a 3D area referred to as the clonal envelope. NCCs undergo cell divisions in an oriented manner, the shapes of clonal envelopes reflect the anisotropic growth of the head. The mesenchymal condensations originate from the local ectomesenchyme and represent the blueprint for chondrocranium and future facial shape. Extensive cell proliferation in quite distant locations results in collective cell movement translocating the whole micro-domains. (C) The mesenchymal condensations start differentiating into cartilage, the chondrocytes undergo a series of polarized cell divisions resulting in surface expansion of the chondrocranium. (D) Polarized cell division of NCC-derived ectomesenchyme is controlled by Wnt/Planar cell polarity (PCP) pathway and its disruption leads to shorter and wider facial proportions. The Blue asterisk shows the relevant time point of the Wnt/PCP signaling effect – during the proliferation of ectomesenchyme (panel IIB). Panel III: Signaling centers establish facial geometry. (A) Signaling centers located in the developing brain instruct the formation of mesenchymal condensations from the ectomesenchyme. (B) Sonic hedgehog (Shh) from the floor plate induces the condensation leading to the formation of nasal septum as well some elements of the cranial base, while morphogenetic signals from the olfactory epithelium induce the formation of nasal capsule roof. (C) Removal of morphogenetic signals from distinct locations results in the absence or malformation of the respective cartilaginous structures.


Interestingly, cranial and trunk NCCs utilize distinct migration strategies (Richardson et al., 2016). Trunk NCCs migrate as chains of single cells following the leader cells in the front of the streams. The leader cells manifest characteristic morphological properties that are observed already before the onset of migration and if ablated, the follower cells are unable to proceed ventrally pointing at the irreplaceable fixed role of the leader cell. Cranial NCCs move directionally as a whole and all the cells show similar migratory properties. All the cranial NCCs can serve as transient leaders and their ablation does not affect the migration of the following cells. Both cranial and trunk NCCs maintain continuous and dynamic cell-cell contact to keep migration and directionality (Richardson et al., 2016; Li et al., 2019). Analysis of the hierarchical clustering of NCCs in cyclostomes shed new light on the evolutionary origin of the cranial crest. The cranial subpopulation of lamprey NCCs showed transcriptional similarity to the gene signature of trunk NCCs in amniotes. These observations suggest that the NCCs underwent gradual acquisition of regulatory complexity during the evolution of vertebrates, leading to the existence of distinct NCC populations such as cranial and trunk, and likely affecting the vertebrate body plan (Martik et al., 2019).

The NCCs give rise to a broad spectrum of cell types such as neurons and glial cells of the peripheral nervous system, smooth muscles, endocrine cells, melanocytes, chondrocytes, odontoblasts, connective tissue, and bone (Bronner and LeDouarin, 2012; Baggiolini et al., 2015; Kaucka et al., 2016). In mouse, the analysis of the progenies (or clones) derived from genetically labeled single NCCs showed that each clone occupies a specific area in the forming head and has the potential to acquire diverse cell fates, therefore contributing to the formation of multiple structures in that particular location (Baggiolini et al., 2015; Kaucka et al., 2016). The impressive cell fate repertoire of the NCCs raised the question of how do NCCs generate and control their extraordinary multipotency and what are the molecular drivers of cell fate specification. Analysis of the pluripotency marker expression in cranial NCCs identified a neural crest stem cell niche located in the central-most portion of the dorsal neural tube (Lignell et al., 2017). Other NCC subpopulations positioned dorsolaterally to the stem cell niche expressed more canonical NCC markers or showed a typical migratory gene expression signature (Lignell et al., 2017). With increasing distance of NCCs from the central part of the neural tube, the effect of Wnt signaling coming from the neural tube decreases and results in the miRNA-mediated silencing of typical neural crest stem cell markers, leading to the loss of NCCs multipotency (Bhattacharya et al., 2018).

Epigenetic regulation is one of the further mechanisms controlling the cranial NCC plasticity, especially concerning their axial regional identity. The cranial NCCs maintain broad facial patterning competence and can contribute to different structures in the forming head. Cranial NCCs show similar chromatin accessibility patterns even though their transcriptional profile differs. The chromatin pattern is maintained until post-migratory stages when the cells commit to a specific fate in response to local cues (Minoux et al., 2017). In Xenopus, the activity of histone deacetylases (HDACs), enzymes regulating chromatin accessibility, was shown to be crucial in blastula cells for patterning the ectoderm and the establishment of NCCs, and in the NCCs to maintain their pluripotency (Rao and LaBonne, 2018).

The combination of the single-cell transcriptomics and bioinformatical analysis of branching trajectories of murine NCCs, revealed new aspects of NCC multipotency, EMT, and fate specification (La Manno et al., 2018; Soldatov et al., 2019). Recent findings disproved previous beliefs that these are abrupt events driven by the activation of a specific gene regulatory network or dependent on the expression of a master regulator gene. For instance, pre-migratory NCCs express both neural plate border-specific genes and several neural tube markers (Lignell et al., 2017; Soldatov et al., 2019; Williams et al., 2019). The expression of NCC-specific markers gradually outweighs the expression of neural tube-specific genes and the NCCs initiate delamination from the neural plate. The further existence of migrating NCCs is also defined by an extensive sequence of transcriptional events (Soldatov et al., 2019). Specifically, cell fate commitment is a result of co-activation of gene expression programs that would normally lead to mutually exclusive cell fates. Their competition is resolved after a bifurcation point, which is likely reached due to the effect of extrinsic signal such as WNT, BMP, Notch, or another signaling (Figure 1IC). Before the cell passes the bifurcation point, it can be perceived as bipotent progenitor. Interestingly, the first bifurcation point leads to division of progenitors into the sensory and autonomic neuronal/mesenchymal lineage, followed by the subsequent separation of autonomic neuronal progenitors from mesenchymal lineage (Figure 1IC; Soldatov et al., 2019), which is contrary to previous belief that each type of progenitor is directly derived from one common precursor.



CELL AND TISSUE DYNAMICS IN EARLY CRANIOFACIAL MORPHOGENESIS

Migration of single cells and large-scale collective cell movements represent important aspects of early facial morphogenesis. Such movements enable both mechanical and molecular interactions between cells and tissues, and their environment. One of the examples of such coordinated movement are the reciprocal interactions between the cranial NCCs and cranial placode cells. Cranial placode precursors arise at the anterior part of the neural plate border, and form a common pre-placodal region (PPR) characterized by the expression of the transcription factor Six1 (Figure 1IA). The PPR is positioned in close proximity and laterally to the emerging neural crest cells (Sato et al., 2010; Saint-Jeannet and Moody, 2014; Riddiford and Schlosser, 2016; Roellig et al., 2017). The cranial placodes together with the cranial NCCs form specialized sensory organs in the vertebrate head (Figure 1IC; Bouchard et al., 2010; Ladher et al., 2010; Huang et al., 2011; Cvekl and Ashery-Padan, 2014). The separation of common PPR into individual placodes is closely related to NCCs migration (Figure 1ID). Delaminating NCCs are attracted by the chemokine Sdf1 (CXCL12) produced by the placode cells (Shellard and Mayor, 2019). Once the NCCs get in direct contact with placodal cells, a transient junction complex is formed and Wnt/PCP components together with N-cadherin signaling trigger contact inhibition locomotion (CIL) (Theveneau et al., 2013). The cell protrusions and focal adhesions of placodal cells at the region of contact collapse, which leads to their repolarization and the directional migration away from the NCCs. Such “chase and run” behavior of NCCs following the Sdf1-producing placodal cells results in both the physical separation of future placodal regions and the establishment of the NCCs the migration streams (Figure 1ID; Szabó et al., 2019).

The cranial NCCs then follow stereotypical migratory streams and proliferate on their way to finally settle in various compartments of the head and produce ectomesenchyme (Figure 1IIA; Minoux and Rijli, 2010; Kaucka et al., 2016; Rothstein et al., 2018). While active and directional cell migration rather than cell proliferation drives the formation of the olfactory, lens, and otic placodes (Steventon et al., 2016; Breau et al., 2017), the ectomesenchyme expands by series of cell divisions and only very limited individual cell migration (Kaucka et al., 2016). A single NCC clone ultimately occupies a certain 3D space, referred to as a clonal envelop (Figure 1IIB). The shape and size of the clonal envelopes mirror the local directional cell behavior (the extent and the polarity of cell division), the level of mixing with other NCC clones, and reflect the anisotropic growth of different regions in the head. Each location is populated by several NCC-derived clones that extensively mix and jointly contribute to the formation of different structures in that area (Figure 1IIB). This might represent a compensation mechanism in the case that one or a few NCCs would be eliminated by, for instance, negative somatic mutations (Kaucka et al., 2016).

Functional experiments targeting different components of the Wnt/PCP signaling highlighted the importance of the ectomesenchyme polarity for the proper facial outgrowth in several developmental time-points. Overall, the rate of cell divisions in Wnt/PCP mutants does not appear to be affected, however, the impaired direction of daughter cell allocation during cell division results in a variety of pathologies, such as shorter and wider facial proportions, abnormal mesenchymal patterning during early palatogenesis or misoriented and misshaped chondrocytes affecting the facial morphometry (Figures 1IIC,D; Le Pabic et al., 2014; Brock et al., 2016; Kaucka et al., 2016). Oriented deposition of daughter cells also represents a core elongation mechanism driving the longitudinal growth of flat facial cartilage composing the mammalian chondrocranium (Figure 1IIC; Kaucka et al., 2017). Normal facial morphogenesis furthermore relies on coordinated collective cell movements, where the shift of large cell masses resembles the behavior of viscous fluids and allow large-scale cell rearrangements (David et al., 2014; Méhes and Vicsek, 2014; Kaucka et al., 2016; Tao et al., 2019). These crowd movements are driven by extensive cell proliferation in relatively remote regions positioned laterally or posteriorly to the respective area and allow the preservation of cellular arrangements of the pushed microdomains (Kaucka et al., 2016).

Furthermore, physical forces generated by morphogenetic events contribute to various aspects of head formation. Cranial mesoderm stiffening was shown to be necessary and even sufficient to induce NCCs EMT and migration in Xenopus (Figure 1IB; Barriga et al., 2018). The stiffness of the cranial mesoderm, underlying the cranial NCCs at the time of neurulation, is generated by the increase in cell density in the process of convergent extension. The NCCs use their integrin-vinculin-talin mechanosensory complex to perceive the mechanical changes in the environment, and respond by switching the expression of E-cadherin to N-cadherin, gaining motility and responsiveness to chemotactic cues (Scarpa et al., 2015; Barriga et al., 2018). Mechanical forces also drive tooth morphogenesis (Mammoto et al., 2011; Panousopoulou and Green, 2016). The invagination of epithelial thickening into the mesenchyme is driven by the physical contraction of superficial layers of cells (i.e., suprabasal cells) (Panousopoulou and Green, 2016). The contraction is generated by the suprabasal cells intercalating and extending their cell shape apically and centripetally while remaining attached to the basal lamina. This process appears to be evolutionary conserved and may represent a fundamental morphogenetic mechanism driving the formation of multiple ectodermal organs such as a tooth, hair follicle, mammary gland, and sweat glands (Panousopoulou and Green, 2016). Subsequently, mesenchymal cells are attracted to underneath the early dental epithelium, which results in their physical compaction (Mammoto et al., 2011). Such mesenchymal cell condensation in turn triggers the induction of odontogenic expression programs and cell fate specification.



ESTABLISHING THE FACIAL GEOMETRY: THE MESENCHYMAL CONDENSATIONS

The first solid geometrical layout of the future facial shape is represented by the chondrocranium, the cartilaginous template of the future skull. The chondrocranium is induced when the ectomesenchyme formed the frontonasal outgrowth. A key step preceding the formation of cartilage is the induction of mesenchymal condensations (Figure 1IIB). These are defined areas of mesenchyme that are compacted due to local rapid cell division (Kaucka et al., 2017, 2018; Giffin et al., 2019), and differentiate into cartilage shortly after their emergence (Figure 1IIC). The spatially defined sources of morphogenetic signals, often represented by secreted ligands with long-range action potential (e.g., WNTs, FGFs, BMPs, and Hedgehogs), are referred to as signaling centers or organizers (Figure 1IIIA; Martinez Arias and Steventon, 2018; La Manno et al., 2020). The known signaling centers involved in craniofacial morphogenesis are located in the emerging nervous system, in the foregut endoderm and in spatially defined areas of the facial ectoderm (Marcucio et al., 2005; Wada et al., 2005; Brito et al., 2006; Eberhart et al., 2006; Foppiano et al., 2007; Szabo-Rogers et al., 2008, 2009; Gitton et al., 2011; Reid et al., 2011; Bhullar et al., 2015; Kaucka et al., 2018; Crane-Smith et al., 2019). Tissue- and/or time-specific ablation of morphogens or their sources, such as Sonic Hedgehog (Shh) or the olfactory placodes, showed that the condensations, and in turn the cartilage, are induced by different signaling centers at distinct time points as independent units, pointing at the composite character of the chondrocranium and the future skull (Figures 1 – IIIB, C; McBratney-Owen et al., 2008; Kaucka et al., 2018). Based on the association of the positions of both the signaling centers and skeletal structures induction points (Fabbri et al., 2017), it has been proposed that the species-specific localization of signaling centers located in the brain may represent a reliable criterion to assess skull bone homology (Teng et al., 2019). The Frontonasal Ectodermal Zone (FEZ) of birds and mammals represents a signaling center in the frontal facial ectoderm secreting SHH and FGF8, coordinating ectomesenchyme behavior and affecting the size, position, shape, and orientation of mesenchymal condensations (Abzhanov et al., 2007; Foppiano et al., 2007; Hu and Marcucio, 2009; Hu et al., 2015a,b).

Both the position of the signaling centers in the developing head and the expression levels of the inductive signals can be modified by several mechanisms. One of them is represented by the cis-regulatory elements (i.e., enhancers) that alter the levels of gene expression. Deletion of enhancers or changes in their sequence can result in a wide range of facial phenotypes (Attanasio et al., 2013; Kaucka et al., 2018). The sequence variation found in regulatory elements of genes associated with facial shape variability and identified epigenetic modifications controlling the enhancer activity in humans (Claes et al., 2018), show that enhancers represent an exceptionally flexible mechanism allowing facial shape fine-tuning (Kaucka et al., 2018) and may account for one of the mechanisms behind intra- and/or inter-species facial differences. Understanding the basis and regulation of mesenchymal condensation induction is further important for the comprehension and management of human craniofacial syndromes. More than 30% of all congenital abnormalities are represented by craniofacial malformation, ranging from subtle changes of facial features or symmetry to severe conditions affecting feeding, breathing, or other aspects of survival (Xavier et al., 2016; Abramyan, 2019). Interestingly, human craniofacial syndromes are often associated with disorders affecting the central nervous system or the sensory organs (Marcucio et al., 2011; Twigg and Wilkie, 2015), which further underlines the conserved link between the development of the nervous system and the formation of chondrocranium.



DISCUSSION

The development and availability of new techniques in the last decade have significantly advanced our understanding of the complexity of craniofacial development and opened new perspectives for future research. Single-cell omics analysis can be applied to uncover the gene regulatory networks driving the transitions from mesenchyme to cartilage or to reveal the enhancer-driven control of gene expression levels in different cellular populations. This approach, in combination with genetic tracing and live imaging, can further dissect the interactions between various cell or tissue types in detail and resolve, among others, the still enigmatic processes of placode specification and individualization. The precise spatiotemporal mapping of the signaling centers in the developing embryos of various model organisms and exploring their genomic regulation will advance our understanding of both the intra- and inter-species facial variability and the genetic basis of facial features heritability. Additionally, such investigation will allow us to better comprehend the nature of rare craniofacial pathologies. Further research of the conserved developmental link between the formation of the nervous system and the skull may identify new therapeutic targets to reduce the impact of severe congenital syndromes manifested with craniofacial deformities or offer new strategies to enhance cartilage regeneration in adulthood.



AUTHOR CONTRIBUTIONS

AM-R and MK wrote the manuscript and designed the figure. Both authors contributed to the article and approved the submitted version.



REFERENCES

Abramyan, J. (2019). Hedgehog signaling and embryonic craniofacial disorders. J. Dev. Biol. 7:9. doi: 10.3390/jdb7020009

Abzhanov, A., Cordero, D. R., Sen, J., Tabin, C. J., and Helms, J. A. (2007). Cross–regulatory interactions between Fgf8 and Shh in the avian frontonasal prominence. Congenit. Anom. 47, 136–148. doi: 10.1111/j.1741-4520.2007.00162.x

Adhikari, K., Fuentes-Guajardo, M., Quinto-Sánchez, M., Mendoza-Revilla, J., Camilo Chacón-Duque, J., Acuña-Alonzo, V., et al. (2016). A genome-wide association scan implicates DCHS2, RUNX2, GLI3, PAX1 and EDAR in human facial variation. Nat. Commun. 7:11616. doi: 10.1038/ncomms11616

Attanasio, C., Nord, A. S., Zhu, Y., Blow, M. J., Li, Z., Liberton, D. K., et al. (2013). Fine tuning of craniofacial morphology by distant-acting enhancers. Science 342:1241006. doi: 10.1126/science.1241006

Baggiolini, A., Varum, S., Mateos, J. M., Bettosini, D., John, N., Bonalli, M., et al. (2015). Premigratory and migratory neural crest cells are multipotent in vivo. Cell Stem Cell 16, 314–322. doi: 10.1016/j.stem.2015.02.017

Barriga, E. H., Franze, K., Charras, G., and Mayor, R. (2018). Tissue stiffening coordinates morphogenesis by triggering collective cell migration in vivo. Nature 554, 523–527. doi: 10.1038/nature25742

Basch, M. L., Bronner-Fraser, M. E., and García-Castro, M. I. (2006). Specification of the neural crest occurs during gastrulation and requires Pax7. Nature 441, 218–222. doi: 10.1038/nature04684

Bhattacharya, D., Rothstein, M., Azambuja, A. P., and Simoes-Costa, M. (2018). Control of neural crest multipotency by wnt signaling and the Lin28/let-7 axis. Elife 7:e40556. doi: 10.7554/eLife.40556

Bhullar, B.-A. S., Morris, Z. S., Sefton, E. M., Tok, A., Tokita, M., Namkoong, B., et al. (2015). A molecular mechanism for the origin of a key evolutionary innovation, the bird beak and palate, revealed by an integrative approach to major transitions in vertebrate history. Evolution 69, 1665–1677. doi: 10.1111/evo.12684

Bouchard, M., De Caprona, D., Busslinger, M., Xu, P., and Fritzsch, B. (2010). Pax2 and Pax8 cooperate in mouse inner ear morphogenesis and innervation. BMC Dev. Biol. 10:89. doi: 10.1186/1471-213X-10-89

Breau, M. A., Bonnet, I., Stoufflet, J., Xie, J., De Castro, S., and Schneider-Maunoury, S. (2017). Extrinsic mechanical forces mediate retrograde axon extension in a developing neuronal circuit. Nat. Commun. 8:282. doi: 10.1038/s41467-017-00283-283

Brito, J. M., Teillet, M.-A., and Le Douarin, N. M. (2006). An early role for sonic hedgehog from foregut endoderm in jaw development: ensuring neural crest cell survival. Proc. Natl. Acad. Sci. U.S.A. 103, 11607–11612. doi: 10.1073/pnas.0604751103

Brock, L. J., Economou, A. D., Cobourne, M. T., and Green, J. B. A. (2016). Mapping cellular processes in the mesenchyme during palatal development in the absence of Tbx1 reveals complex proliferation changes and perturbed cell packing and polarity. J. Anat. 228, 464–473. doi: 10.1111/joa.12425

Bronner, M. E., and LeDouarin, N. M. (2012). Development and evolution of the neural crest: an overview. Dev. Biol. 366, 2–9. doi: 10.1016/j.ydbio.2011.12.042

Claes, P., Roosenboom, J., White, J. D., Swigut, T., Sero, D., Li, J., et al. (2018). Genome-wide mapping of global-to-local genetic effects on human facial shape. Nat. Genet. 50, 414–423. doi: 10.1038/s41588-018-0057-4

Cole, J. B., Manyama, M., Kimwaga, E., Mathayo, J., Larson, J. R., Liberton, D. K., et al. (2016). genomewide association study of african children identifies association of SCHIP1 and PDE8A with facial size and shape. PLoS Genet. 12:e1006174. doi: 10.1371/journal.pgen.1006174

Crane-Smith, Z., Schoenebeck, J., Graham, K., Devenney, P., Rose, L., Ditzell, M., et al. (2019). A highly conserved Shh enhancer coordinates hypothalamic and craniofacial development. bioRxiv [Preprint]. doi: 10.1101/794198

Cvekl, A., and Ashery-Padan, R. (2014). The cellular and molecular mechanisms of vertebrate lens development. Development 141, 4432–4447. doi: 10.1242/dev.107953

David, R., Luu, O., Damm, E. W., Wen, J. W. H., Nagel, M., and Winklbauer, R. (2014). Tissue cohesion and the mechanics of cell rearrangement. Development 141, 3672–3682.

Eberhart, J. K., Swartz, M. E., Crump, J. G., and Kimmel, C. B. (2006). Early Hedgehog signaling from neural to oral epithelium organizes anterior craniofacial development. Development 133, 1069–1077. doi: 10.1242/dev.02281

Fabbri, M., Mongiardino Koch, N., Pritchard, A. C., Hanson, M., Hoffman, E., Bever, G. S., et al. (2017). The skull roof tracks the brain during the evolution and development of reptiles including birds. Nat. Ecol. Evol. 1, 1543–1550. doi: 10.1038/s41559-017-0288-2

Foppiano, S., Hu, D., and Marcucio, R. S. (2007). Signaling by bone morphogenetic proteins directs formation of an ectodermal signaling center that regulates craniofacial development. Dev. Biol. 312, 103–114. doi: 10.1016/j.ydbio.2007.09.016

Giffin, J. L., Gaitor, D., and Franz-Odendaal, T. A. (2019). The forgotten skeletogenic condensations: a comparison of early skeletal development amongst vertebrates. J. Dev. Biol. 7:4. doi: 10.3390/JDB7010004

Gitton, Y., Benouaiche, L., Vincent, C., Heude, E., Soulika, M., Bouhali, K., et al. (2011). Dlx5 and Dlx6 expression in the anterior neural fold is essential for patterning the dorsal nasal capsule. Development 138, 897–903. doi: 10.1242/dev.057505

Hu, D., and Marcucio, R. S. (2009). Unique organization of the frontonasal ectodermal zone in birds and mammals. Dev. Biol. 325, 200–210. doi: 10.1016/j.ydbio.2008.10.026

Hu, D., Young, N. M., Li, X., Xu, Y., Hallgrimsson, R. S., and Marcucio, R. S. (2015a). A dynamic shh expression pattern, regulated by SHH and BMP signaling, coordinates fusion of primordia in the amniote face. Development 142, 567–574.

Hu, D., Young, N. M., Xu, Q., Jamniczky, R. M., Green, R. M., Mio, R. S., et al. (2015b). Signals from the brain induce variation in avian facial shape. Dev. Dyn. 244, 1133–1143.

Huang, J., Rajagopal, R., Liu, Y., Dattilo, L. K., Shaham, O., Ashery-Padan, R., et al. (2011). The mechanism of lens placode formation: a case of matrix-mediated morphogenesis. Dev. Biol. 355, 32–42. doi: 10.1016/j.ydbio.2011.04.008

Kaucka, M., Ivashkin, E., Gyllborg, D., Zikmund, T., Tesarova, M., Kaiser, J., et al. (2016). Analysis of neural crest-derived clones reveals novel aspects of facial development. Sci. Adv. 2, 11–16. doi: 10.1126/sciadv.1600060

Kaucka, M., Petersen, J., Tesarova, M., Szarowska, B., Kastriti, M. E., Xie, M., et al. (2018). Signals from the brain and olfactory epithelium control shaping of the mammalian nasal capsule cartilage. Elife 7:e34465.

Kaucka, M., Zikmund, T., Tesarova, M., Gyllborg, D., Hellander, A., Jaros, J., et al. (2017). Oriented clonal cell dynamics enables accurate growth and shaping of vertebrate cartilage. Elife 6, e25902. doi: 10.7554/eLife.25902

Kawasaki, K., and Richtsmeier, J. T. (2017). “Association of the chondrocranium and dermatocranium in early skull formation,” in Building Bones: Bone Formation and Development in Anthropology, eds C. Percival and J. Richtsmeier (Cambridge: Cambridge University Press), doi: 10.1017/9781316388907.004

La Manno, G., Soldatov, R., Zeisel, A., Braun, E., Hochgerner, H., Petukhov, V., et al. (2018). RNA velocity of single cells. Nature 560, 494–498. doi: 10.1038/s41586-018-0414-6

Ladher, R. K., O’Neill, P., and Begbie, J. (2010). From shared lineage to distinct functions: the development of the inner ear and epibranchial placodes. Development 137, 1777–1785. doi: 10.1242/dev.040055

Le Pabic, P., Ng, C., and Schilling, T. F. (2014). Fat-dachsous signaling coordinates cartilage differentiation and polarity during craniofacial development. PLoS Genet. 10:1004726. doi: 10.1371/journal.pgen.1004726

Li, Y., Vieceli, F. M., Gonzalez, W. G., Li, A., Tang, W., Lois, C., et al. (2019). In vivo quantitative imaging provides insights into trunk neural crest migration. Cell Rep. 26, 1489.e3–1500.e3. doi: 10.1016/j.celrep.2019.01.039

Lignell, A., Kerosuo, L., Streichan, S. J., Cai, L., and Bronner, M. E. (2017). Identification of a neural crest stem cell niche by Spatial Genomic Analysis. Nat. Commun. 8:1830. doi: 10.1038/s41467-017-01561-w

Liu, F., van der Lijn, F., Schurmann, C., Zhu, G., Chakravarty, M. M., Hysi, P. G., et al. (2012). A genome-wide association study identifies five loci influencing facial morphology in europeans. PLoS Genet. 8:1002932. doi: 10.1371/journal.pgen.1002932

Mammoto, T., Mammoto, A., Torisawa, Y., Tat, T., Gibbs, A., Derda, R., et al. (2011). Mechanochemical control of mesenchymal condensation and embryonic tooth organ formation. Dev. Cell 21, 758–769. doi: 10.1016/j.devcel.2011.07.006

La Manno, G., Siletti, K., Furlan, A., Gyllborg, D., Vinsland, E., et al. (2020). Molecular architecture of the developing mouse brain. bioRxiv [Preprint]. doi: 10.1101/2020.07.02.184051

Marcucio, R. S., Cordero, D. R., Hu, D., and Helms, J. A. (2005). Molecular interactions coordinating the development of the forebrain and face. Dev. Biol. 284, 48–61. doi: 10.1016/J.YDBIO.2005.04.030

Marcucio, R. S., Young, N. M., Hu, D., and Hallgrimsson, B. (2011). Mechanisms that underlie co-variation of the brain and face. Genesis 49, 177–189. doi: 10.1002/dvg.20710

Martik, M. L., Gandhi, S., Uy, B. R., Gillis, J. A., Green, S. A., Simoes-Costa, M., et al. (2019). Evolution of the new head by gradual acquisition of neural crest regulatory circuits. Nature 574, 675–678. doi: 10.1038/s41586-019-1691-4

Martinez Arias, A., and Steventon, B. (2018). On the nature and function of organizers. Developemt 145:dev159525. doi: 10.1242/dev.159525

McBratney-Owen, B., Iseki, S., Bamforth, S. D., Olsen, B. R., and Morriss-Kay, G. M. (2008). Development and tissue origins of the mammalian cranial base. Dev. Biol. 322, 121–132. doi: 10.1016/j.ydbio.2008.07.016

Méhes, E., and Vicsek, T. (2014). Collective motion of cells: from experiments to models. Integr. Biol. 6, 831–854.

Minoux, M., Holwerda, S., Vitobello, A., Kitazawa, T., Kohler, H., Stadler, M. B., et al. (2017). Gene bivalency at Polycomb domains regulates cranial neural crest positional identity. Science 355:eaal2913. doi: 10.1126/science.aal2913

Minoux, M., and Rijli, F. M. (2010). Molecular mechanisms of cranial neural crest cell migration and patterning in craniofacial development. Development 137, 2605–2621. doi: 10.1242/DEV.040048

Panousopoulou, E., and Green, J. B. A. (2016). Invagination of ectodermal placodes is driven by cell intercalation-mediated contraction of the suprabasal tissue canopy. PLoS Biol. 14:e1002405. doi: 10.1371/journal.pbio.1002405

Pla, P., and Monsoro-Burq, A. H. (2018). The neural border: induction, specification and maturation of the territory that generates neural crest cells. Dev. Biol. 444, S36–S46. doi: 10.1016/j.ydbio.2018.05.018

Prasad, M. S., Uribe-Querol, E., Marquez, J., Vadasz, S., Yardley, N., Shelar, P. B., et al. (2020). Blastula stage specification of avian neural crest. Dev. Biol. 458, 64–74. doi: 10.1016/j.ydbio.2019.10.007

Rao, A., and LaBonne, C. (2018). Histone deacetylase activity has an essential role in establishing and maintaining the vertebrate neural crest. Developmet 145:dev163386. doi: 10.1242/dev.163386

Reid, B. S., Yang, H., Melvin, V. S., Taketo, M. M., and Williams, T. (2011). Ectodermal Wnt/β-catenin signaling shapes the mouse face. Dev. Biol. 349, 261–299. doi: 10.1016/J.YDBIO.2010.11.012

Richardson, J., Gauert, A., Briones Montecinos, L., Fanlo, L., Alhashem, Z. M., Assar, R., et al. (2016). Leader cells define directionality of trunk, but not cranial, neural crest cell migration. Cell Rep. 15, 2076–2088. doi: 10.1016/j.celrep.2016.04.067

Riddiford, N., and Schlosser, G. (2016). Dissecting the pre-placodal transcriptome to reveal presumptive direct targets of Six1 and Eya1 in cranial placodes. Elife 5:e17666. doi: 10.7554/eLife.17666

Roellig, D., Tan-Cabugao, J., Esaian, S., and Bronner, M. E. (2017). Dynamic transcriptional signature and cell fate analysis reveals plasticity of individual neural plate border cells. Elife 6:e21620. doi: 10.7554/eLife.21620

Rothstein, M., Bhattacharya, D., and Simoes-Costa, M. (2018). The molecular basis of neural crest axial identity. Dev. Biol. 444, S170–S180. doi: 10.1016/j.ydbio.2018.07.026

Saint-Jeannet, J. P., and Moody, S. A. (2014). Establishing the pre-placodal region and breaking it into placodes with distinct identities. Dev. Biol. 389, 13–27. doi: 10.1016/j.ydbio.2014.02.011

Sato, S., Ikeda, K., Shioi, G., Ochi, H., Ogino, H., Yajima, H., et al. (2010). Conserved expression of mouse Six1 in the pre-placodal region (PPR) and identification of an enhancer for the rostral PPR. Dev. Biol. 344, 158–171. doi: 10.1016/j.ydbio.2010.04.029

Scarpa, E., Szabó, A., Bibonne, A., Theveneau, E., Parsons, M., and Mayor, R. (2015). Cadherin switch during EMT in neural crest cells leads to contact inhibition of locomotion via repolarization of forces. Dev. Cell 34, 421–434. doi: 10.1016/j.devcel.2015.06.012

Shellard, A., and Mayor, R. (2019). Integrating chemical and mechanical signals in neural crest cell migration. Curr. Opin. Genet. Dev. 57, 16–24. doi: 10.1016/j.gde.2019.06.004

Soldatov, R., Kaucka, M., Kastriti, M. E., Petersen, J., Chontorotzea, T., Englmaier, L., et al. (2019). Spatiotemporal structure of cell fate decisions in murine neural crest. Science 364:eaas9536. doi: 10.1126/science.aas9536

Steventon, B., Mayor, R., and Streit, A. (2016). Directional cell movements downstream of Gbx2 and Otx2 control the assembly of sensory placodes. Biol. Open 5, 1620–1624. doi: 10.1242/bio.020966

Szabó, A., Theveneau, E., Turan, M., and Mayor, R. (2019). Neural crest streaming as an emergent property of tissue interactions during morphogenesis. PLoS Comput. Biol. 15:e1007002. doi: 10.1371/journal.pcbi.1007002

Szabo-Rogers, H. L., Geetha-Loganathan, P., Nimmagadda, S., Fu, K. K., and Richman, J. M. (2008). FGF signals from the nasal pit are necessary for normal facial morphogenesis. Dev. Biol. 318, 289–302. doi: 10.1016/J.YDBIO.2008.03.027

Szabo-Rogers, H. L., Geetha-Loganathan, P., Whiting, C. J., Nimmagadda, S., Fu, K., and Richman, J. M. (2009). Novel skeletogenic patterning roles for the olfactory pit. Development 136, 219–229. doi: 10.1242/dev.023978

Tao, H., Zhu, M., Lau, K., Whitley, O. K. W., Samani, M., Xiao, X., et al. (2019). Oscillatory cortical forces promote three dimensional cell intercalations that shape the murine mandibular arch. Nat. Commun. 10:1703. doi: 10.1038/s41467-019-09540-z

Teng, C. S., Cavin, L., Maxson, R. E., Sánchez-Villagra, M. R., and Crump, J. G. (2019). Resolving homology in the face of shifting germ layer origins: lessons from a major skull vault boundary. Elife 8:e52814. doi: 10.7554/eLife.52814

Theveneau, E., and Mayor, R. (2012). Neural crest delamination and migration: from epithelium-to-mesenchyme transition to collective cell migration. Dev. Biol. 366, 34–54. doi: 10.1016/j.ydbio.2011.12.041

Theveneau, E., Steventon, B., Scarpa, E., Garcia, S., Trepat, X., Streit, A., et al. (2013). Chase-and-run between adjacent cell populations promotes directional collective migration. Nat. Cell Biol. 15, 763–772. doi: 10.1038/ncb2772

Twigg, S. R. F., and Wilkie, A. O. M. (2015). A genetic-pathophysiological framework for craniosynostosis. Am. J. Hum. Genet. 97, 359–377. doi: 10.1016/j.ajhg.2015.07.006

Wada, N., Javidan, Y., Nelson, S., Carney, T. J., Kelsh, R. N., and Schilling, T. F. (2005). Hedgehog signaling is required for cranial neural crest morphogenesis and chondrogenesis at the midline in the zebrafish skull. Development 132, 3977–3988. doi: 10.1242/dev.01943

Williams, R. M., Candido-Ferreira, I., Repapi, E., Gavriouchkina, D., Senanayake, U., Ling, I. T. C., et al. (2019). Reconstruction of the global neural crest gene regulatory network in vivo. Dev. Cell 51, 255.e7–276.e7. doi: 10.1016/j.devcel.2019.10.003

Xavier, G. M., Seppala, M., Barrell, W., Birjandi, A. A., Geoghegan, F., and Cobourne, M. T. (2016). Hedgehog receptor function during craniofacial development. Dev. Biol. 415, 198–215. doi: 10.1016/j.ydbio.2016.02.009

Xiong, Z., Dankova, G., Howe, L. J., Lee, M. K., Hysi, P. G., De Jong, M. A., et al. (2019). Novel genetic loci affecting facial shape variation in humans. Elife 8:e49898. doi: 10.7554/eLife.49898

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Murillo-Rincón and Kaucka. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.










	 
	REVIEW
published: 22 December 2020
doi: 10.3389/fcell.2020.615264





[image: image]

The CXCR4/SDF-1 Axis in the Development of Facial Expression and Non-somitic Neck Muscles
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Trunk and head muscles originate from distinct embryonic regions: while the trunk muscles derive from the paraxial mesoderm that becomes segmented into somites, the majority of head muscles develops from the unsegmented cranial paraxial mesoderm. Differences in the molecular control of trunk versus head and neck muscles have been discovered about 25 years ago; interestingly, differences in satellite cell subpopulations were also described more recently. Specifically, the satellite cells of the facial expression muscles share properties with heart muscle. In adult vertebrates, neck muscles span the transition zone between head and trunk. Mastication and facial expression muscles derive from the mesodermal progenitor cells that are located in the first and second branchial arches, respectively. The cucullaris muscle (non-somitic neck muscle) originates from the posterior-most branchial arches. Like other subclasses within the chemokines and chemokine receptors, CXCR4 and SDF-1 play essential roles in the migration of cells within a number of various tissues during development. CXCR4 as receptor together with its ligand SDF-1 have mainly been described to regulate the migration of the trunk muscle progenitor cells. This review first underlines our recent understanding of the development of the facial expression (second arch-derived) muscles, focusing on new insights into the migration event and how this embryonic process is different from the development of mastication (first arch-derived) muscles. Other muscles associated with the head, such as non-somitic neck muscles derived from muscle progenitor cells located in the posterior branchial arches, are also in the focus of this review. Implications on human muscle dystrophies affecting the muscles of face and neck are also discussed.
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INTRODUCTION

Remarkably, skeletal muscles in the trunk and head regions differ in a number of important aspects (Lescroart et al., 2010). The primary function of trunk skeletal muscles is locomotion, whereas craniofacial skeletal muscles do not serve in locomotion (Schubert et al., 2019). Instead, they are essential for controlling eye movements, facial expression and mastication (Sambasivan et al., 2011; Schubert et al., 2019). Trunk and head muscles also have distinct embryonic origins (Noden and Francis-West, 2006; Lescroart et al., 2010). Differences can already be observed in the myogenic programmes controlling head and trunk myogenesis (Grifone and Kelly, 2007; Sambasivan et al., 2011; Schubert et al., 2019; Vyas et al., 2020). In addition to these distinguishing criteria, it should also be mentioned that the head mesoderm includes a common progenitor pool contributing to the heart and the skeletal muscles (Vyas et al., 2020). The most remarkable feature of the head musculature is that its connective tissue originates from a different source than that of the trunk muscle (Christ et al., 1982; Noden and Trainor, 2005; Noden and Francis-West, 2006; Masyuk and Brand-Saberi, 2015). Neck muscles link the head to the trunk and derive from dual mesodermal (somitic and non-somitic) origins (Theis et al., 2010; Lescroart et al., 2015; Heude et al., 2018). Interestingly, non-somitic neck muscle share a common set of gene regulatory networks with head muscles and cardiac progenitors of the second heart field (Lescroart et al., 2015). In the trunk, the dorsal domain of the somite, the dermomyotome, retains its epithelial structure for longer and contributes to all the skeletal muscles of the trunk and limbs (Buckingham and Rigby, 2014; Buckingham and Relaix, 2015). The premyogenic progenitor cells delaminate from the dermomyotome (ventrolateral lip) and undertake a long-range migration from the somite to more distant sites of myogenesis such as the limbs, diaphragm and tongue (Vasyutina et al., 2005; Buckingham and Relaix, 2015; Masyuk and Brand-Saberi, 2015). Migration of skeletal muscle progenitor cells is a complex process and involves chemokines and chemokine receptor signaling that allow the cells to stay motile and find their final destination. CXCR4/SDF-1 axis has previously been shown to play a role in the development of migrating muscle progenitor cells of the limb, tongue, pectoral girdle and cloaca (Odemis et al., 2005; Vasyutina et al., 2005; Yusuf et al., 2006; Rehimi et al., 2010; Masyuk et al., 2014). Furthermore, SDF-1 positively regulates the expression of irregular connective tissue markers during limb development and controls the formation of blood vessels in the somite (Abduelmula et al., 2016; Nassari et al., 2017). Recently, we reported that CXCR4/SDF-1 axis has a crucial role in facial and neck muscle development (Yahya et al., 2020b).

In this Review, we intend to provide an update of the research data concerning the origin and gene regulatory networks of vertebrate facial and neck muscles, taking into account the evidence for common embryonic origins of these muscles with heart muscle. We also discuss the roles of SDF-1 and its receptor CXCR4 in the development of skeletal muscles. Since search data concerning the role of chemokines in trunk muscles development have been previously reviewed by Masyuk and Brand-Saberi (2015), we discuss them only briefly here and focus instead on the role of the CXCR4/SDF-1 axis during head muscles development and summarize recent findings of its role in the migration of the second arch-derived and non-somitic neck muscle progenitor cells.



HEAD MUSCLE ORIGIN

Trunk and head muscles originate from distinct embryonic regions: trunk muscles from paraxial mesoderm that becomes segmented into somites, but the majority of head muscles are developed from unsegmented cranial mesoderm (Lu et al., 2002; Noden and Francis-West, 2006; Lescroart et al., 2010). Neck muscles span the transition zone between head and trunk (Theis et al., 2010; Lescroart et al., 2015; Sefton et al., 2016; Heude et al., 2018). Even though the myogenic regulatory factors orchestrate a developmental program shared by all body muscles, there is clear evidence that muscle development in the head and trunk differ with regard to the initial phases in myogenic lineage specification (Lu et al., 2002). Craniofacial muscles can be arranged into several groups: (1) muscles that control eye movement (extraocular), (2) muscles in or associated with the head (somite-derived tongue and neck muscles), and (3) branchiomeric muscles that are involved in mastication, facial expression and function of the pharynx and larynx (Lescroart et al., 2010). Branchiomeric muscles originate from the mesodermal core of the branchial arches (BAs), which consists of cells from both cranial paraxial mesoderm (CPM) and lateral splanchnic mesoderm (SPM) (Lescroart et al., 2010). In chicken, CPM cells give rise to the proximal region of the mesodermal core, whereas SPM cells give rise to the mesodermal cells in the distal region of the BAs (Nathan et al., 2008). Mastication and facial expression muscles originate from the mesodermal progenitor cells that are located in the BA1 and BA2 (Figure 1 and Table 1), respectively (Noden and Francis-West, 2006; Lescroart et al., 2015). In avians, the second arch-derived muscles include the muscle of the mandibular depressor, the muscle of columella (stapedial), the constrictor colli, the stylohyoid, the serpihyoid, the mylohyoid (caudal) and the interceratobranchial muscles (Figure 2B and Table 1; McClearn and Noden, 1988). Unlike in mammals, they participate in food uptake by rotating the lower jaw, raising the floor of the mouth, retraction of the hyoid apparatus and intraoral food transport (Jones et al., 2019). Non-branchiomeric head muscles include tongue muscles derived from muscle progenitor cells located in the anterior-most somites, and extraocular muscles derived mainly from the prechordal mesoderm (Kelly et al., 2004; Noden and Francis-West, 2006; Lescroart et al., 2010).
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FIGURE 1. Muscles of the mouse head and neck. (A) Lateral view of a stage E10.5 mouse embryo hybridized with a MSC (MyoR) probe. (A′) Schematic representation of E10.5 mouse embryo in the panel (A). In pink: first arch-derived muscle anlage. In blue: second arch-derived muscle anlage. In pale blue: cucullaris muscle anlage. MSC marked the myogenic core of the BA1 and BA2. Cucullaris muscle anlage is also labeled with MSC. (B) Lateral view of a stage E13.5 mouse embryo hybridized with a MyoD probe. (B′) Schematic representation of E13.5 mouse embryo in the panel (B). MyoD is expressed in all branchiomeric muscles and cucullaris muscle anlage. a-trap, acromio-trapezius; au, auricularis; BA1-2, branchial arches 1–2; bu, buccinator; ccl, cucullaris anlage; fr, frontalis; ma, masseter; oc, occipitalis; oo, orbicularis oculi; ov, otic vesicle; qua, quadratus labii; sp, splenius; stm, sternocleidomastoideus; s-trap, spino-trapezius; te, temporalis; zy, zygomaticus.



TABLE 1. Avian and mouse facial and neck muscle.
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FIGURE 2. Muscles of the chicken head and neck. (A,C) Lateral view of chicken embryos hybridized with DIG-probes for either MyoR (A) or MyoD (C). (A′,C′) Schematic representation of chicken embryos in the panels (A,C). (B) Lateral view of head muscles of a stage HH41 chicken embryo. The MyoD and MyoR delineated the BA1-derived muscles (pink), the BA2-derived muscles (blue) and the cucullaris muscle (pale blue). ame, adductor mandibulae externus; 1-2, branchial arches 1-2; ccl, cucullaris anlage; cm, caudal mylohyoideus; dm, depressor mandibulae; eam, external auditory meatus; h, heart; icb, interceratobranchialis; im, intermandibularis; lam, lateral plate mesoderm; ov, otic vesicle; se, serpihyoideus; st, stylohyoideus.




DISTINCT ORIGINS OF THE NECK MUSCLE

There are approximately 80 skeletal muscles in the human neck that control the processes of respiration, vocalization, swallowing and head mobility (Heude et al., 2018). Neck muscles are classified based on their anatomical location within the neck: for instance, cucullaris-derived muscles (Figure 1B), ventral hypaxial muscles, pharyngeal, laryngeal and esophageal striated muscles located medioventrally and epaxial back muscles (Figure 1B and Table 1; Heude et al., 2018). The amniote homolog of the cucullaris muscle is divided dorsoventrally into the larger dorsally positioned (trapezius) muscles and ventrally positioned (sternocleidomastoideus) muscles (Theis et al., 2010). Recently, interest in cervical musculature has significantly increased, with the application of clonal analysis, gene targeting, and molecular profiling studies. The origin of the cucullaris muscle or its mammalian homologs the sternocleidomastoideus and trapezius has been the subject of considerable debate (Theis et al., 2010; Heude et al., 2018). Previous findings in different organisms including mice, lungfish, amphibians and shark suggest that the cucullaris develop from posterior BAs (Matsuoka et al., 2005; Noden and Francis-West, 2006; Ericsson et al., 2013; Diogo et al., 2015; Lescroart et al., 2015; Sefton et al., 2016; Naumann et al., 2017; Noda et al., 2017; Ziermann et al., 2018). In chicken, several embryological origins involving lateral plate mesoderm (Figures 2A,C) and somites have been described for the cucullaris muscles (Huang et al., 2000; Theis et al., 2010; Nagashima et al., 2016). Interestingly, a recent lineage-tracing study in mice using lineage-specific Cre drivers for Pax3, Islet1, Mef2c-AFH (anterior heart field) and Mesp1 suggests that the cucullaris muscle anlage develops as part of the mesodermal core of BA 3-6 and anterior-most somites (S 1–3), but extends caudally into the lateral plate mesoderm and is innervated by the accessory nerve XI (Heude et al., 2018). In their study, the Tajbakhsh group reported that the cucullaris-derived myofibres are not part of the lateral plate mesoderm based on their expression profile (Prx1 lineage). The lateral plate mesoderm instead gives rise to the associated connective tissue of the cucullaris-derived muscles (Heude et al., 2018). Thus, sternocleidomastoideus and trapezius, although being called “non-somitic,” they are of mixed origin, head and somitic mesoderm contribute to their formation.



SKELETAL MUSCLE ELEMENTS OF THE HEAD AND NECK

In the body, the central functions of connective tissues are to link up cells and tissues and to support organs. Connective tissue generates a broad range of derivatives, which can be classified into three groups: specialized connective tissue (corresponds to cartilage and bone), loose connective tissue and dense connective tissue, which is subdivided into regular (refers to tendon and ligament) and irregular. Irregular connective tissue includes cartilage perichondrium, muscle epimysium and connective tissue inside the muscle (Clemente, 1985; Omelyanenko et al., 2014; Nassari et al., 2017). BAs are composed of two mesenchymal cell populations (Figure 3), originating from cranial paraxial mesoderm and from the neural crest cells (Grenier et al., 2009). The neural crest cells can be grouped into two categories, ectomesenchymal (Figures 3A,C), and non-ectomesenchymal (Figures 3B,D). The ectomesenchymal neural crest cells migrate into the BAs and form connective tissue, whereas the non-ectomesenchymal crest cells give rise to neurons, glia and pigment cells (Blentic et al., 2008). More recently, however, it has been reported that the neural crest cells give rise to the muscle connective tissue that connect the head and shoulders, while mesodermal cells contribute to attachment sites of muscles linking the trunk and limbs (Heude et al., 2018). Mesodermal and neural crest cells seem to differ in the manner of developing bones: mesodermal cells form endochondral skeleton in the trunk whereas neural crest cells form dermal and endochondral bones in the head (Matsuoka et al., 2005). In zebrafish, Kague et al. (2012) demonstrated neural crest cells contribution to many bones of the craniofacial skeleton and for some later developing cartilage elements, as well as to a subset of myocardial cells. Unlike in other model vertebrates, the trunk neural crest cells in zebrafish have realized their capacity to differentiate into osteoblasts (Kague et al., 2012). In chicken and mouse, neural crest cells are an established source for the vertebrate craniofacial skeleton. Although many similarities between mouse and chicken, there are also clear variations in the contribution of the neural crest cells (Kague et al., 2012). In the chicken, neural crest cells do not contribute to any part of the shoulder girdle (Epperlein et al., 2012). In mouse, neural crest cells give rise to the attachment points of the cleidohyoideus and trapezius muscles inside the shoulder girdle endoskeleton (Matsuoka et al., 2005). In contrast to this finding, a recent study in mouse reported that the neural crest cells reveal restricted contribution to cucullaris attachment sites and do not give rise to osteoblasts at the posterior attachment regions (Heude et al., 2018). This view suggests that the gradient of mesodermal and neural crest cells contributions to neck connective tissue relies on the cellular origin of associated skeletal components (Heude et al., 2018).
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FIGURE 3. Comparative analysis of the mesodermal and neural crest cell makers. (A,B) Whole-mount chicken embryos were hybridized with DIG-labeled probes for Ap2α and Sox10. (C) Whole-mount embryos are labeled with MyoD probes in blue and Ap2α probe in red. (D) Whole-mount embryos are labeled with MyoR probes in blue and Sox10 probe in red. Ap2α marked the ectomesenchymal neural crest cells (green arrows), whereas Sox10 labeled non-ectomesenchymal neural crest cells (red arrows). The myogenic cells are marked by MyoD and MyoR (black arrows). 1-2, branchial arches 1-2; ov, otic vesicle.




THE GENETIC REQUIREMENTS FOR THE FORMATION OF HEAD AND NECK MUSCLES

Myogenic programmes are distinct not only between head and trunk muscles, but also amongst neck muscles. Likewise, within the head muscles, extraocular muscles differ from branchial muscles, and myogenic programmes that lead to the formation of branchial muscles vary considerably among the different BAs (Nathan et al., 2008). A comparison of the molecular signature in the satellite cells of mastication and extraocular muscles to limb muscles in the adult reveals more differences (Sambasivan et al., 2009). Sambasivan et al. reported that EOM are absent in Myf5/Mrf4 double mutants, which shows a unique genetic programm, different from all other skeletal muscles in the embryo. In contrast, BA1-derived muscles are not affected by the inactivation of these two genes. In the limb, Pax3 compensated for the lack of Myf5 and Mrf4 functions (Sambasivan et al., 2009). In their work from Harel et al. (2009) show that the bone morphogenetic protein 4 (BMP4) effectively downregulated myogenic differentiation markers (MyHC and MyoG) in trunk-derived, but less so in head derived satellite cells. Moreover, BMP4 induced greater expression of cardiac markers (Tbx20 and Isl1) in head satellite cells, but not trunk satellite cells. Thus, head satellite cells may retain cardiogenic competence and could provide a future source of cell-based therapy to repair cardiac damage (Rios and Marcelle, 2009). Furthermore, studies of satellite cells from the head and limb muscles exhibit differing regenerative capacities in their response to injury (Pavlath et al., 1998). This lineage heterogeneity is found within the craniofacial muscle progenitor and satellite cells, as a result of their distinct embryonic origins (Harel et al., 2009). Recently, many studies of developmental myogenesis have focused on head and trunk muscles, however, little is known regarding the development of neck muscles. New genetic studies are starting to shed light on the mechanisms governing skeletal myogenesis in the neck (Figure 4). Apart from differences of neck muscle formation based on origin, it has recently been shown that they develop according to unique genetic programmes. A number of recent findings have established that an unexpected diversity occurs among different neck muscle groups (Heude et al., 2018). Such molecular diversity in terms of the expression of specific upstream regulators of the neck myogenic program has begun to be understood in the last few years.
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FIGURE 4. Model of myogenic programs in the facial and neck muscles. Pitx2, Capsulin and Msc are required for the Myf5 and MyoD activation in the BA1-derived muscle progenitor cells. Tbx1 is required for initiation of myogenic progression in the BA2. Non-somitic neck (cucullaris) muscle development is controlled by Mef2c-AHF, Isl1 and Mesp1. The genetic network for somite-derived (epaxial) neck muscles involves both Mesp1 and Pax3 genes. CXCR4 is required for the migration of the BA2-derived and non-somitic neck muscle progenitor cells. MRF, Myogenic regulatory factors.


Pax transcription factor family 3 (Pax3) marks trunk skeletal muscle progenitor cells and controls their entry into the muscle differentiation program (Buckingham and Relaix, 2007). In Pax3/Myf5 double mutants trunk muscles are absent, whereas head muscles are not affected (Tajbakhsh et al., 1997). In the head muscle satellite/progenitor cells, the role of Pax3 is replaced by Tbx1, Isl1, Pitx2, Capsulin and MyoR (Shih et al., 2007; Sambasivan et al., 2009, 2011; Theis et al., 2010; Moncaut et al., 2012; Buckingham and Relaix, 2015), indicating that myogenesis in the head is regulated by a distinct mechanism (Sambasivan et al., 2011; Lescroart et al., 2015). Previous studies in chicken, mouse, frog and zebrafish reported that head skeletal muscle satellite cells do not have an earlier history of Pax3 and instead, Pax7 develops later and marks satellite cells (Buckingham and Rigby, 2014; Nogueira et al., 2015). Pax7 mutant (whole body mutant) offspring are viable within three weeks after birth (Mansouri et al., 1996). In Pax7 mutants, skeletal muscle forms normally, whereas facial skeletal structures are affected which could be linked to neural crest cells defect (Mansouri et al., 1996). Pax7 is detected in mandibular adductor (CPM-derived), but not intermandibular muscle (SPM-derived) myoblasts, while Isl1 is detected in the intermandibular muscle (Nathan et al., 2008). In SPM-derived branchiomeric muscle progenitor cells, Isl1 was reported to delay MyHC expression in a manner similar to its expression in undifferentiated second heart field cells (Nathan et al., 2008). Thus, Isl1 might have a role in the control of self-renewal of satellite cells in branchiomeric muscles (similar to the role of Pax7 in trunk) (Nathan et al., 2008). In chicken and turtles, the cucullaris muscle develops in a Pax3-independent manner (Theis et al., 2010). Pax7 is not detected during early cucullaris muscle formation, but is slightly found at stage HH28. Likewise, Myf5 expression starts late (HH26) in the cucullaris muscle compared with trunk and head muscles (Theis et al., 2010). The lack of the early Myf5 and Pax7 expression in the cucullaris muscle reveals that it forms during the period of phasing out of the trunk myogenic programme (Theis et al., 2010).

The pituitary homeobox 2 (Pitx2) is expressed in the head mesoderm and BA1-mesodermal core. In Pitx2 mutants, the EOM and BA1-derived muscles were affected, whereas BA2-derived muscles were merely altered (Shih et al., 2007). Thus, Pitx2 seems to be required for the specification of BA1-derived muscles by controlling MyoR, Capsulin and Tbx1 in early stages (Shih et al., 2007). Likewise, in Capsulin/MyoR double mutant mice BA1-derived muscles were absent, whereas BA2-derived muscle were present (Lu et al., 2002). These findings identify Pitx2, Capsulin and MyoR as unique gene regulators for the formation of BA1 muscles (Lu et al., 2002; Shih et al., 2007). The onset of myogenic program in the BA2 mesodermal core is regulated by Tbx1, which controls Myf5 and MyoD expressions (Kelly et al., 2004; Shih et al., 2008). Analyses of Tbx1 mutant embryos revealed that muscles derived from BA2 were absent (Kelly et al., 2004). In contrast, skeletal muscle progenitor cells derived from BA1 were present (Kelly et al., 2004). Thus, Tbx1 is not necessary for migration of cranial mesodermal progenitor cells into the BA1 (Kelly et al., 2004). In chicken, the expression of Tbx1, MyoR, Pitx2, and Capsulin were found to mark the cucullaris muscle anlagen from its earliest stage (HH14) of development (Theis et al., 2010). In mouse, the above-mentioned recent study indicates that transcription factors involved in trunk myogenesis are not important for the development of anterior somites neck muscles in contrast to more posterior somites neck (hypaxial) muscles (Heude et al., 2018). Interestingly, the cucullaris muscle is formed from progenitor cells that have expressed Mesp1, Mef2-AHFc, Tbx1, and Islet1 markers (transcription factors regulating head muscle formation) (Kelly et al., 2004; Theis et al., 2010; Lescroart et al., 2015; Heude et al., 2018). The absence of transcription factors involved in trunk myogenesis and the late expression of Myf5 and Pax7 supported the hypothesis that the cucullaris muscle develops according to a head muscle programme (Theis et al., 2010). Additionally, mesoderm posterior homolog transcription factor 1, Mesp1, is considered as the master regulator of cardiac mesodermal cells that contribute to both the first and the second heart fields (Chan et al., 2013). Mesp1 is a context-dependent transcription factor, combining the signals and the phase of differentiation to promote other mesodermal lineages, namely cardiac, skeletal muscle and hematopoietic (Saga et al., 1996, 2000; Chan et al., 2013). A recent study in mice demonstrates that Mesp1 widely expresses in the cranial mesoderm and anterior somites 1–6, whereas its expression declines in more posterior somites (Heude et al., 2018). Furthermore, all epaxial/hypaxial neck muscles originate from cranial somitic Mesp1 + cells, while trunk/limb muscles deriving from more caudal somitic Pax3 + cells (Heude et al., 2018).



CLONAL RELATIONSHIP BETWEEN FACIAL EXPRESSION, NON-SOMITIC DERIVED AND CARDIAC MUSCLES

Cardiac and skeletal muscles are both striated. In tune with this issue, another peculiarity of the head mesoderm is its ability to generate craniofacial and cardiac muscles progenitor cells (Sambasivan et al., 2011; Vyas et al., 2020). In the past, the heart muscle was thought to originate from a single source of myocardial progenitor cells. However, an additional source of common mesodermal progenitor cells that contribute to descendants in both types of striated muscle has been discovered (Tirosh-Finkel et al., 2006; Lescroart et al., 2010, 2015; Chan et al., 2016; Vyas et al., 2020). Retrospective clonal analysis experiments had indicated two branchiomeric muscle lineages, both of which also contribute myocardium. The first lineage derives from BA1 mesoderm and contributes to BA1-derived muscles (temporalis and masseter muscles) and myocardium of the right ventricle. The second lineage gives rise to BA2-derived (facial expression) muscles and outflow myocardium (Lescroart et al., 2010). Likewise, clonal analysis study in the mouse revealed that cardiac progenitor cells in pharyngeal mesoderm of the second heart field share a gene regulatory network with non-somitic neck muscles (Lescroart et al., 2015). In the same year, a different group has identified the third lineage of cardio-pharyngeal mesoderm. They have reported that esophageal striated muscles are derived from pharyngeal mesoderm that contributes to head muscles and derivatives of the second heart field (Gopalakrishnan et al., 2015). In the adult, branchiomeric muscles are equipped with quiescent satellite (stem) cells which are marked by Pax7. These satellite cells however are not derived from the trunk mesoderm (Pax3+ lineage). Instead, they are derived from the head mesoderm and continue to express the early head muscle markers (Nogueira et al., 2015). In both chicken and mouse models, lineage studies show that Isl1 + lineage of the SPM generates satellite cells of subset of branchiomeric skeletal muscles, whereas Mesp1 + head mesoderm lineage give rise to satellite cells in extraocular and CPM-branchiomeric muscles (Harel et al., 2009). In addition to lineage distinction, a difference regarding the developmental potential was observed between head and trunk satellite cells. In vitro experiments revealed a cardiogenic potential of head, but not trunk-derived satellite cells (Harel et al., 2009). The ability of head satellite cells to retain some of the early head mesoderm properties and contribute to heart muscle have important implications in developing specialized muscle stem cells and cardiac cells for therapy (Nogueira et al., 2015).



CELL MIGRATION

During embryogenesis, there are several incidents where tissue or organ development depends on precise migration of progenitor cells from their respective sites of emergence (Miller et al., 2008). Cell migration plays a fundamental role in development, regeneration and disease. This migration requires chemokine/chemokine receptor signals that allow the cells to stay motile and find their targets (Vasyutina et al., 2005). Chemokines are small chemoattractant cytokines that are classified according to positioning of certain conserved N-terminal cysteine residues (C) (Pawig et al., 2015; Scala, 2015). The cysteine residues can be adjacent (CC-family) or spaced from each other by one or three amino acids (CXC and CX3C families) (Scala, 2015). Chemokine receptors are classified in CR, CCR, CXCR, and CX3CR receptors in relation to nomenclature aligns with their ligands (Pawig et al., 2015; Pozzobon et al., 2016). Chemokine receptors belong to G protein-coupled receptors, which signal via trimeric G proteins (Pawig et al., 2015). The best described chemokine is SDF-1 (Stromal Derived Factor 1, also known as CXCL12), whose functions are mediated by two chemokine receptors (CXCR4 and CXCR7) (Garcia-Andres and Torres, 2010). Although the first known activity of CXCR4 was the regulation of HIV- infection and cancer metastasis (Bleul et al., 1997; Helbig et al., 2003; Doi et al., 2018; Shanmugam et al., 2018; Bianchi and Mezzapelle, 2020), CXCR4 is also an abundantly expressed chemokine receptor throughout embryogenesis (Yusuf et al., 2005; Yusuf et al., 2006). The functions of the CXCR4/SDF-1 axis during embryogenesis include heart ventricular septum formation, gut vascular morphogenesis, sympathetic precursor cell migration, dentate granule cell migration, B lymphocyte migration, sensory neuron clustering, limb neuromuscular development and palatal osteogenesis (Bagri et al., 2002; Odemis et al., 2005; Kasemeier-Kulesa et al., 2010; Escot et al., 2013; Mahadevan et al., 2014; Terheyden-Keighley et al., 2018; Laparidou et al., 2020; Verheijen et al., 2020; Yahya et al., 2020a).


CXCR4 Signaling Pathways

Upon SDF-1 binding CXCR4 at the N-terminal domain, the receptor undergoes a conformational change, which activates the associated trimeric G protein. Next, the receptor undertakes a second conformational change that induces G protein subunits to dissociate into Gα subunit and Gβγ dimer (Arnolds and Spencer, 2014; Pozzobon et al., 2016). Each subunit can activate a variety of biological responses such as cell migration, proliferation, survival and differentiation. CXCR4-oriented migration is facilitated by several members of the phosphoinositide 3-kinase (PI3-kinase) family, which can be exerted by both Gα and Gβγ subunits (Ward, 2006; Pozzobon et al., 2016). PI3-kinases promote cell migration and gene transcription by the phosphorylation of pro-survival effector AKT (also known as protein kinase B) (Teicher and Fricker, 2010; Pozzobon et al., 2016). Furthermore, Gβγ dimer can trigger phospholipase C (PLC), leading to calcium mobilization, activation of protein kinase C (PKC) and mitogen associated protein kinase (MAPK) (Arnolds and Spencer, 2014; Pozzobon et al., 2016). The CXCR4/SDF-1 signaling cascade can take various routes, but ultimately leads to cell migration, survival, and proliferation (Arnolds and Spencer, 2014).

We and others have identified the CXCR4/SDF-1 axis as major players in cell migration, proliferation and survival during development of limb and cloacal muscles (Odemis et al., 2005; Vasyutina et al., 2005; Yusuf et al., 2005, 2006; Odemis et al., 2007; Rehimi et al., 2010; Masyuk et al., 2014). In contrast to our understanding of the role of CXCR4/SDF-1 axis in the trunk muscles development, less is known about its role in formation of the head and neck muscles. We have recently provided evidence that disruption of CXCR4/SDF-1 signaling also impairs facial and non-somitic neck muscles formation (Yahya et al., 2020b). This review summarizes the main roles of the CXCR4/SDF-1 axis in skeletal muscle development, concerning the special emphasis on the development of the BA2 and non-somitic neck muscles.



The CXCR4/SDF-1 Axis Participates in Specific Facial and Neck Muscles Development

Development and patterning of the BAs play key roles in craniofacial formation (Kelly et al., 2004). We have previously documented that both CXCR4 and SDF-1 were expressed in the chicken BAs (Yusuf et al., 2005; Rehimi et al., 2008). However, the function of this axis in the BAs was not clear. Later study documented that cardiac neural crest cells migrating toward BA3 and BA4 express CXCR4 and that SDF-1 shows a complementary expression pattern in the ectodermal cells beside their migratory way (Escot et al., 2013). More recently, it has been recognized that absence of CXCR4 signaling results in misrouting of BAs neural crest cells and massive morphological modifications in the mandibular skeleton, cranial sensory ganglia and thymus (Escot et al., 2016). However, their role in the development of facial muscles development remains to be fully clarified.

More recently, we revealed that the chemokine receptor CXCR4 and its ligand SDF-1 have a critical role in the facial muscles development in the chicken and mouse embryos. At E10.5, we found that CXCR4 is expressed in the migrating muscle progenitor cells in the core of the BA2 and SDF-1 is detected in the BA2 endoderm in proximity to these progenitor cells (Yahya et al., 2020b). Later, CXCR4 is already transcribed in all BA2-derived muscle progenitor cells, but not BA1-derived muscle progenitor cells (Figure 5A). CXCR4 is also noticed in non-somitic neck muscles (sternocleidomastoideus, s-trapezius and a-trapezius) (Figure 5A). SDF-1 showed a complementary expression pattern in the regions that correspond to the BA2-derived muscle anlagen (Figure 5B) (Yahya et al., 2020b). Thus, these CXCR4 and SDF-1 expression patterns correlate closely with the migration of second arch-derived muscle progenitor cells, as well as the non-somtic neck muscle cells. In mice carrying a mutation in the CXCR4 gene, the BA2-derived muscles were nearly completely missing. Most strikingly, first arch derived muscles were not affected. Interestingly, the cucullaris muscle group (sternocleidomastoideus, s-trapezius and a-trapezius) and part of splenius (non-somitic part) muscles were also impaired (Yahya et al., 2020b). We next turned to the chicken model to check whether CXCR4/SDF-1 axis might be involved in BA2-derived muscle formation. Indeed, CXCR4 is expressed in the BA2 mesodermal core (Figure 5C). CXCR4 positive cells are also observed in the BA1 (Yahya et al., 2020b). AMD3100 is novel antagonists of CXCR4 and it was previously reported to competitively inhibit SDF-1 binding to CXCR4 in various chicken embryo tissues (Katsumoto and Kume, 2011; Mahadevan et al., 2014). Inhibition of CXCR4 by implantation of AMD3100 beads into the cranial paraxial mesoderm (Figure 6aA) disturbed the migration of Tbx1-expressing cells, which then caused a reduction in Tbx1-expressing muscle progenitor cells in the BA2 mesodermal core (Figure 6aB). Moreover, misregulating this signal at a later stage by application of the same inhibitor beads into the BA2, resulted in decreased expression of myogenic markers (Figure 6bD). Conversely, ectopic application of SDF-1 protein (Figure 6bA) (gain-of-function approaches) in the chicken BA2 lead to an attraction of myogenic progenitor cells, which was reflected in an enlargement of the expression domain of myogenic regulatory factors around SDF-1 beads (Figure 6bC; Yahya et al., 2020b). In contrast, control PBS beads didn t show any change in the expression (Figures 6aC,6bB). Additionally, we could show the importance of the SDF-1 for the migration of BA2 cells in chicken embryo by injection of quail cells into the CPM (Figure 7A) at HH11 followed by SDF-1 bead implantation (Figure 7B) at HH16 (Yahya et al., 2020b, c). Application of these SDF-1 beads in the BA2 enhanced the migration of the QCPN-positive cells from the CPM into BA2 (Figure 7D), which led to their accumulation around the SDF-1 source. In contrast, the AMD3100 bead prevented the quail cells from entering the BA2 (Figure 7E). PBS beads did not show any change in the expression (Figure 7C).
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FIGURE 5. Expression of CXCR4 and its ligand SDF-1 during head and neck muscle development. (A,B) Whole-mount in situ hybridization of CXCR4 (A) and SDF-1 (B) in mouse embryos at E12.5. Note labeling of BA2-derived muscles anlage (fr, bu, oo, zy, au, qua) by CXCR4. CXCR4 is also expressed in non-somitic neck muscles (a-trap, s-trap). SDF-1 is expressed in the adjacent mesenchyme of the face. (C,D) Whole-mount in situ hybridization of CXCR4 (A) and SDF-1 (B) in chicken embryos at HH22. CXCR4 and SDF-1 are expressed in complementary patterns in the chicken branchial arches. Black and red arrows mark CXCR4 and SDF-1 in the BAs. a-trap, acromio-trapezius; au, auricularis; BA1-2, branchial arches 1–2; bu, buccinator; fr, frontalis; oo, orbicularis oculi; ov, otic vesicle; qua, quadratus labii; s-trap, spino-trapezius; zy, zygomaticus.
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FIGURE 6. Disruption of CXCR4 signaling in the early head mesoderm and BA2 inhibits migration of the BA2-mesodermal progenitor cells. (aA) Schematic representation of chicken embryo at HH11 implanted with beads soaked with the CXCR4 inhibitor AMD3100 or with PBS in head mesoderm. The embryos were re-incubated until they reached stages HH20 and hybridized with a Tbx1 probe. (aB,aC) Schematic representation showing the head region and the location of mesodermal cells in the BA2 at HH20. Tbx1 expressing area in the BA2 (black arrow) was diminished in AMD3100-treated embryos (B) in comparison with the PBS-treated embryos (C). (bA) Schematic representation of embryo at HH16 implanted with beads soaked with the AMD3100 or with SDF-1 in head mesoderm. PBS bead used as control. Myf5−expressing region (blue arrow in bC) was increased in SDF-1-treated embryo. The BA2 myogenic core region (black arrow in bD) was reduced in AMD3100-treated embryos, but not in PBS-treated embryos (bB). Green arrows show the location of the implanted beads.
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FIGURE 7. SDF-1 guides the migration of the second arch-derived muscle progenitor cells. To further test the role of CXCR4 in early head muscle development, we injected quail cells into the right side of the head mesoderm of recipient chicken embryos at HH11 (A) followed by AMD3100, SDF-1 or PBS beads implantation (B). The quail cells emigrated from the head mesoderm and populated BA2 of hosts. The quail cells were traced by whole-mount immunostaining for QCPN (C–E). Whole-mount immunostaining revealed that the positive quail cells were prevented from entering the BA2 in AMD3100 implanted embryos, but not PBS-treated embryos. In the case of SDF-1 treated embryos, the quail cells were expanded and attracted.


It is now well established that the control of myogenesis of BA1 and BA2-derived muscles is differentially regulated (Moncaut et al., 2012). Tbx1 is expressed in the mesodermal core of the BAs, which gives rise to facial expression and non-somitic neck muscles (Kelly et al., 2004). In Tbx1 mutant, the skeletal muscle progenitor cells in the BA2 and caudal BAs are severely disturbed or absent, suggesting that the majority of facial expression and non-somitic neck muscles do not form in Tbx1 null embryos (Kelly et al., 2004). A significant Tbx1 binding site was documented at the CXCR4 promoter (Escot et al., 2016). It has been reported that CXCR4 and SDF-1 are genetically downstream of Tbx1 in the course of BAs colonization by neural crest cells (Escot et al., 2016). Furthermore, CXCR4 and SDF-1 expression levels are reduced in Tbx1 knockout embryos (Escot et al., 2016). At the SDF-1 locus, Pitx2 binding sites were found, but not at the CXCR4 locus (Mahadevan et al., 2014). Additionally, Pitx2 was needed to initiate expression of premyogenic markers in the BA1. In Pitx2 knockout mice embryos, the BA1 muscle precursor cells failed to expand after E9.5, while the BA2 cells were not affected (Shih et al., 2007). Since Tbx1 but not Pitx2 is required for the initiation of the myogenic program in the BA2, we suggest a direct link between CXCR4 and Tbx1 during development of the specific head and neck muscles. Disrupting of this link could ultimately cause many of the facial and neck myopathies.



The Role of the CXCR4/SDF-1 Axis in the Limb and Cloacal Muscles Development

CXCR4 transcripts were expressed in the somites and lateral plate mesoderm at stages HH9–HH10 (Yusuf et al., 2005). The earliest expression of SDF-1 in the paraxial mesoderm and lateral plate mesoderm was noticed at stage HH12 (Yusuf et al., 2005). Later, CXCR4 was expressed in migrating muscle progenitor cells toward limb buds, whereas SDF-1 was detected in the limb buds mesenchyme (Vasyutina et al., 2005; Yusuf et al., 2006). CXCR4 expression pattern in the migrating limb muscle progenitor cells was restricted to the dorsal and ventral locations (Vasyutina et al., 2005; Yusuf et al., 2005). SDF-1 transcripts are detected in the central limb mesenchyme close to the locations occupied by muscle progenitor cells (Vasyutina et al., 2005). Thus, SDF-1 is needed to sustain CXCR4- expressing skeletal muscle precursors at dorsal and ventral locations (Garcia-Andres and Torres, 2010). In CXCR4 mutant embryos, changes in the distribution and survival of muscle progenitor cells in the dorsal limb were observed (Vasyutina et al., 2005).

We have also reported that SDF-1 is expressed in the cloacal cleft and the proximal region of the hindlimb, while migrating cloacal muscle progenitor cells express CXCR4 (Rehimi et al., 2010). Disruption of CXCR4/SDF-1 signaling in the proximal hindlimb altered their ability to migrate toward the cloaca region and ultimately leads to defects in cloacal muscle development (Rehimi et al., 2010). Moreover, misregulation of CXCR4/SDF-1 signaling impairs dorsal root ganglion neurons and spinal cord motoneurons formation, leading to reduce innervation of the developing mouse limbs. In developing limbs, SDF-1 impact on perichondrium and epimysium involves CXCR4 and vessels. Those new function of CXCR4/SDF-1 axis in the connective tissue and neuromuscular development might open new perspectives to a better understanding of the fibrosis mechanisms and neuromuscular disorders in the trunk region.



Role of CXCR4/SDF-1 Axis in Muscle Regeneration and Diseases

Alongside CXCR4/SDF-1 axis influences on muscle development, the impact of this axis on muscle regeneration and diseases has been under closer investigation (Brzoska et al., 2006, 2012, 2015; Perez et al., 2009; Bobadilla et al., 2014; Kowalski et al., 2017; Kasprzycka et al., 2019). Many studies indicated that muscle committed stem/progenitor and satellite cells express CXCR4 and their migration depends on an SDF-1gradient (Ratajczak et al., 2003; Kucia et al., 2006; Odemis et al., 2007; Brzoska et al., 2012). Human cord blood stem cells mobilization following transplantation depends on SDF-1 overexpression in damaged skeletal muscle (Brzoska et al., 2006). Analysis of endogenous and ex vivo cultured satellite cells revealed that SDF-1 stimulated mobilization of the myoblasts in CXCR4-dependent manners (Brzoska et al., 2012). Furthermore, a role for the CXCR4/SDF-1 axis in muscle maintenance and repair has recently been discovered (Bobadilla et al., 2014). CXCR4 and SDF-1 are highly expressed in damaged muscles. Delayed muscle regeneration in injured muscle treated with CXCR4 inhibitor was observed, whereas the application of SDF-1 protein accelerated repair (Bobadilla et al., 2014). Recent study by Brzoska et al. (2015) suggested that SDF-1 improves skeletal muscle regeneration by increasing expression of the tetraspanin CD9 adhesion protein involved in myoblasts fusion (Brzoska et al., 2015). A more recent study by Kowalski et al. (2017) showed that SDF-1 altered the actin organization via Ras-Related C3 Botulinum Toxin Substrate 1 (Rac-1), cell division control protein 42 (Cdc42), and focal adhesion kinase (FAK). They also indicated that SDF-1 altered the transcription profile of genes encoding the most potent regeneration factors involved in cells movement and adhesion (Kowalski et al., 2017). Additionally, expression of CXCR4 in engrafted myogenic progenitors derived from the adult skeletal muscle into dystrophic fibers was up-regulated, suggesting its involvement in the cell-based therapy (Perez et al., 2009).

Facio-scapulo-humeral muscular dystrophy (FSHD), an autosomal dominant disease, affects in its early stage the muscle of the eye (orbicularis oculi muscle) and the mouth (orbicularis oris muscle). Later, the weakness of the muscles progresses to the upper torso, the muscles connecting shoulder girdle to the thorax, in particular the trapezius muscle. Being the third most common muscular dystrophy with an incidence of 12:100.000 (Deenen et al., 2014) after Duchenne muscular dystrophy and myotonic dystrophy, it will be very interesting to find out if the disruption of the CXCR4/SDF-1 axis as essential regulators of BA2-derived and non-somitic neck muscle development, is responsible for this illness. Although at first view, the affected muscle groups seem to be unrelated, a common origin of the facial and neck muscles was recently demonstrated. The critical role of muscle development and repair by the CXCR4/SDF-1 axis suggests that it may be a promising therapeutic target for particular muscular dystrophies (Hunger et al., 2012).




CONCLUSION

It has been more than 2 decades since the emergence of a new concept of the cardiopharyngeal field, which proposes that the pharyngeal mesoderm gives rise to second heart field (SHF) and branchiomeric muscles. In recent years, a wide range of investigations have been carried out to reveal the relationship between branchiomeric and heart muscles. However, the mechanisms of the migration of SHF progenitor cells has been largely ignored. We have recently revealed the importance of the CXCR4/SDF-1 for the migration of myogenic progenitor cells during development of branchiomeric muscles. It will be of great interest to investigate the role of the CXCR4/SDF-1 axis in migration of the newly discovered SHF progenitor cells. Understanding the mechanisms that control SHF cells migration is certainly crucial if these cells are intended to be used for therapeutic applications.
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The Ocular Neural Crest: Specification, Migration, and Then What?
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During vertebrate embryonic development, a population of dorsal neural tube-derived stem cells, termed the neural crest (NC), undergo a series of morphogenetic changes and extensive migration to become a diverse array of cell types. Around the developing eye, this multipotent ocular NC cell population, called the periocular mesenchyme (POM), comprises migratory mesenchymal cells that eventually give rise to many of the elements in the anterior of the eye, such as the cornea, sclera, trabecular meshwork, and iris. Molecular cell biology and genetic analyses of congenital eye diseases have provided important information on the regulation of NC contributions to this area of the eye. Nevertheless, a complete understanding of the NC as a contributor to ocular development remains elusive. In addition, positional information during ocular NC migration and the molecular pathways that regulate end tissue differentiation have yet to be fully elucidated. Further, the clinical challenges of ocular diseases, such as Axenfeld-Rieger syndrome (ARS), Peters anomaly (PA) and primary congenital glaucoma (PCG), strongly suggest the need for better treatments. While several aspects of NC evolution have recently been reviewed, this discussion will consolidate the most recent current knowledge on the specification, migration, and contributions of the NC to ocular development, highlighting the anterior segment and the knowledge obtained from the clinical manifestations of its associated diseases. Ultimately, this knowledge can inform translational discoveries with potential for sorely needed regenerative therapies.
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INTRODUCTION

The neural crest (NC) is an embryonic population of multipotent cells that are extremely important for vertebrate body development. Concomitant with gastrulation, induction at the neural plate border leads to the delamination of cells from the neural ectoderm during primary neurulation (Williams and Bohnsack, 2015, 2019; Gandhi and Bronner, 2018; Pla and Monsoro-Burq, 2018; Rogers and Nie, 2018; Szabo and Mayor, 2018; Prasad et al., 2019). These early NC cells then undergo an epithelial-to-mesenchymal transition (EMT) and subsequently migrate throughout the body to form a diverse set of cells and tissues, including bone, cartilage, peripheral neurons, and melanocytes. NC cells derived from the prosencephalon, mesencephalon, and rhombencephalon comprise the cranial subpopulation that contributes to the frontonasal process, periocular mesenchyme (POM) and pharyngeal arches. Through these embryonic structures and cell populations, NC cells then give rise to craniofacial connective, skeletal and neuronal tissues (Cordero et al., 2011; Kish et al., 2011). Furthermore, cranial NC cells within the POM enter the anterior segment of the eye and form parts of the cornea, iris, sclera, ciliary body, and aqueous outflow pathways (Whikehart, 2010; Cordero et al., 2011; Kish et al., 2011; Williams and Bohnsack, 2015).

As an extremely dynamic cell population, the NC is of high clinical interest, as disruption of this cell population results in a wide range of congenital abnormalities (Bohnsack and Kahana, 2013; Williams and Bohnsack, 2015, 2019; Akula et al., 2019). Since described by Wilheim His in 1868, our understanding of NC biology has grown, and the unique characteristics of NC cells have been an interesting and well-studied topic. Comparative analyses across multiple diverse vertebrate model organisms have elucidated the progressive and conserved steps involved in NC development from induction to cell specification, delamination, emigration, and eventual differentiation (Simoes-Costa and Bronner, 2013; Green et al., 2015). Diligent and systematic work in this field has revealed a host of regulatory genes and interactions to further tease out the gene regulatory network underlying complex NC development (Simoes-Costa and Bronner, 2015; Martik and Bronner, 2017). However, much of the evidence pertains to the genetic networks responsible for ectodermal and neurectodermal patterning, and little is known about the specification of the ocular NC. Indeed, the continued requirement of NC stem cells for the maintenance of adult eyes (Jinno et al., 2010; Green et al., 2015; Chawla et al., 2018) emphasizes the importance of this cell population over the vertebrate lifetime. This review will provide an update of the morphogenetic, gene regulation and signaling events controlling ocular NC migration and differentiation, with particular emphasis on the ocular anterior segment. The current challenge is to determine the molecular events that accompany distinct positional stages, as fate maps of the various ocular NC populations are lacking, and there is little to no information on the biology underlying end tissue differentiation in the eye. An adequate understanding of ocular evolution, particularly anterior segment development, and the pathogenesis of its associated disorders will bring us closer to deciphering the mechanisms that participate in the normal development, maturation and maintenance of the eye and the potential therapeutics thereof.



CRANIAL NEURAL CREST MIGRATION MEETS OPTIC cup FORMATION

Central to understanding eye development are the concurrent events intertwining cranial NC development and optic cup morphogenesis. During late gastrulation, the developing eye is established as a single eye field located in the medial anterior neural plate at the boundary between the telencephalon and diencephalon (reviewed in Miesfeld and Brown, 2019; Figure 1A). Concurrent with the delamination of NC cells from the neural plate border, the eye field undergoes bilateral bifurcation to cause the evagination of the left and right optic vesicles (Figure 1B). Upon contact with the overlying surface ectoderm, the optic vesicles invaginate to form bilayer optic cups (Figure 1C). The interaction between the optic vesicle and the lens placode of the surface ectoderm induces lens vesicle evagination and establishes early ocular anterior segment formation (Figures 1C,D). During this process, the optic fissure is formed along the inferonasal aspect of the cup as it envelops the hyaloid vasculature (Figure 1C). Meanwhile, cranial NC cells that have undergone EMT migrate into the developing head (Figure 2). Cells from the diencephalon and anterior mesencephalon divide into two waves that move either dorsal or ventral to the optic cup. A subpopulation of these cells remains within the POM, while additional cells travel anteriorly into the frontonasal process. NC cells from the posterior mesencephalon and rhombencephalon take a more direct route toward the pharyngeal arches on the ventral side of the embryo.
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FIGURE 1. Vertebrate eye development (human eye). (A) During early vertebrate development, the eye field is established at the boundary between the telencephalon (brown) and the diencephalon (green). (B) Optic vesicles bilaterally protrude from either side of the forebrain approaching the thickened surface ectoderm (lens placodes). (C) The interaction between the optic vesicle and the lens placode of the surface ectoderm results in optic vesicle invagination, optic cup formation and lens placode evagination (lens pit). Simultaneously, the optic fissure is formed along the inferonasal aspect of the optic cup, which surrounds the hyaloid artery. (D) Continued evagination of surface ectoderm leads to the formation of an independent lens vesicle.
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FIGURE 2. Cranial neural crest migration into the head. Time-lapse imaging of NC cell migration in zebrafish has shown that cranial NC cells from the diencephalon (green dashed lines and arrows) and anterior mesencephalon (anterior yellow dashed lines and arrows) travel either dorsal or ventral to the optic cup to establish the POM. A subpopulation of these cells migrates anteriorly into the frontonasal process (brown dashed lines and arrows). NC cells from the posterior mesencephalon (posterior yellow dashed lines and arrows) and rhombencephalon (purple dashed lines and arrows) migrate toward the pharyngeal arches on the ventral side of the embryo. Some of the factors implicated in the regulation of NC migration (Pax6, Pitx2, Foxd3, Sox10, Foxc1, etc.) are shown (inset, upper right). The signaling gradient that maintains the integrity of cranial NC cell migration [i.e., thyroid hormone (TH; blue) and retinoic acid (RA; red)] into the posterior pharyngeal arches is also shown.


In zebrafish, there is interplay between thyroid hormone and retinoic acid in regulating the different streams of cranial NC (reviewed in Williams and Bohnsack, 2019; Figure 2). NC cell migration into the posterior pharyngeal arches requires a low level of thyroid hormone, but a high level of retinoic acid. This requirement corresponds with the high levels of retinoic acid centered within the posterior rhombencephalon by the spatial expression of retinoic acid synthesis (retinaldehyde dehydrogenase 2; Raldh2) and degradation (cytochrome P450 family 26; Cyp26a1, Cyp26b1, and Cyp26c1) enzymes. In contrast, NC cell migration into the first pharyngeal arch, which most prominently gives rise to the maxilla and mandible bones, requires high thyroid hormone and low retinoic acid levels. The reciprocal effects of thyroid hormone and retinoic acid may be mediated by their shared retinoid X receptor (RXR). In anterior cranial NC cells, thyroid hormone is required for initiation of the migratory stream ventral to the eye, but then localized degradation by iodothyronine deiodinase 3 (Dio3) is necessary for completion of their migratory arc from the POM into the frontonasal process. On the other hand, the dorsal NC migratory stream requires a high level of thyroid hormone for both the initiation and completion of migration. In addition to its location at the posterior rhombencephalon, retinoic acid is also concentrated at the dorsal and ventral optic cup. This high level of retinoic acid is required for the proper migration of NC streams both dorsal and ventral to the eye as well as the migration of the POM NC population (Bohnsack and Kahana, 2013). The transcription factor paired like homeodomain 2 (Pitx2), well known for its association with Axenfeld-Rieger syndrome (ARS) (discussed below), also regulates these early stages of cranial NC migration. In zebrafish, morpholino oligonucleotide knockdown of Pitx2 expression inhibits migration and induces the apoptosis of NC cells derived from the mesencephalon, thereby resulting in decreased NC populations within the first pharyngeal arch and the ventral POM (Bohnsack et al., 2012; Ji et al., 2016).

Following migration, the NC cells within the POM surround the optic vesicle and play an important but ill-defined role in establishing the optic stalk and cup (Figure 2). Indeed, Pitx2 gene knockout mice show severe eye phenotypes, including anophthalmia (lack of eye), microphthalmia (small disorganized eye) and optic nerve defects, such as eyes that attach directly to the ventral hypothalamus (Evans and Gage, 2005). Importantly, NC-targeted Pitx2 conditional gene knockouts show a similar phenotype (Liu and Semina, 2012), indicating that these eye abnormalities reflect the cell non-autonomous effects of Pitx2 in NC cells. However, a direct connection between Pitx2 and known regulators of optic stalk and cup development, such as sonic hedgehog (Shh), paired box protein 2 (Pax2), Pax6, retinal homeobox protein (Rax), visual system homeobox 1 (Vsx1), Vsx2, orthodenticle homeobox 2 (Otx2) and LIM homeobox protein 2 (Lhx2), has yet to be established. Further, in zebrafish, loss of NC cells within the POM through genetic targeting of the NC specifiers, transcription factor AP-2 alpha (Tfap2a) and forkhead box D3 (Foxd3), disrupts optic cup invagination and optic fissure formation (Wang et al., 2011). NC cell production of the extracellular matrix protein, Nidogen (Nid), contributes to basement membrane formation around the optic vesicle and is critical for retinal pigment epithelial cell movements during cup invagination (Bryan et al., 2020). In addition, NC cells help to establish patterning of the optic cup, which is critical for optic fissure closure. The optic fissure extends from the optic stalk to the distal edge of the optic cup and transmits the transient hyaloid vasculature that nourishes the developing lens and retina. Closure of the optic fissure is a complex process that has not been fully elucidated at the molecular level, and the failure of fissure closure results in optic nerve, chorioretinal and iris colobomas. Dorsal-ventral patterning of the optic cup by a similar set of transcription factors important for optic stalk and cup development is critical for setting up fissure closure. Mutant animal models of these retinal genes are characterized by anophthalmia, microphthalmia, and coloboma. Similarly, knockdown of the NC-specific transcription factor, SRY-box transcription factor 4a (Sox4a), also causes coloboma, as decreased Sox4 gene expression results in the mislocalization of Pax2a, Vsx1, and Vsx2 within the retina (Wen et al., 2015). Thus, early eye morphogenesis and cranial NC development intersect at multiple points, with important crosstalk between the tissues that regulate optic cup formation and direct NC migration.



ANTERIOR SEGMENT DEVELOPMENT: EMERGENCE OF THE OCULAR NEURAL CREST

Following optic cup morphogenesis, including the establishment of the optic fissure and anterior segment, NC cells within the POM begin migration into the eye (Figure 3). The patterns of migration vary between species. Classic anatomic studies in human embryos suggest three distinct waves of NC cells that contribute first to the corneal stroma and endothelium, second to the iris stroma and third to the trabecular meshwork (Williams and Bohnsack, 2015; Miesfeld and Brown, 2019). In contrast, there are two NC cell waves in mice and a single continuous migratory mesenchymal wave in chick (reviewed in Miesfeld and Brown, 2019). Fate mapping studies in mice have shown that both NC and mesoderm contribute to the corneal stroma and corneal endothelium, while in chick, both of these corneal structures as well as the iris stroma are NC derived (Gage et al., 2005). Time-lapse imaging of pre- and post-migratory NC cells in zebrafish embryos has shown at least three waves, including two distinct Sox10-positive and one Foxd3-positive cell populations (Eason et al., 2017; Takamiya et al., 2020). Sox10-positive cells migrate early after optic cup formation and preliminary fate mapping studies show minimal contributions to the adult eye (unpublished data). Foxd3-positive NC cells migrate into the anterior segment via two pathways: (1) adjacent to the hyaloid vasculature within the optic fissure and (2) between the surface ectoderm and the optic cup (Mork and Crump, 2015; Williams and Bohnsack, 2017; Van Der Meulen et al., 2020; Figure 3). Foxd3-positive cells have a continued presence within the corneal endothelium and iris in zebrafish larvae and young juveniles. However, Foxd3 expression is lost by adulthood and fate mapping of this population of cells has yet to be accomplished.
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FIGURE 3. Ocular neural crest migration and establishment of the ocular anterior segment. POM NC cells (purple), along with mesoderm cells (red), migrate adjacent to the hyaloid vasculature within the optic fissure and between the surface ectoderm and the optic cup contributing to the corneal stroma and endothelium, the iris stroma and the trabecular meshwork. In this figure, these structures are all indicated in purple to illustrate their ocular NC derivation. Notably, as previously discussed in the text above, the patterns of ocular NC cell migration vary between species (three distinct waves of NC cells in humans, two NC cell waves in mice and a single continuous migratory wave in chick). However, for simplicity, these patterns are not depicted here.


With the loss of early markers, such as Sox10 and Crestin, NC cells adopt the expression of other transcription factors, namely Pitx2, Foxc1, Lmx1b, and Eya2 (Van Der Meulen et al., 2020). Further, signaling molecules, such as retinoic acid, and interactions between NC cells and the adjacent ocular tissues have continued effects on the ocular migration and end differentiation of NC cells. To date, much of the knowledge regarding NC cell contributions to the anterior segment of the eye derives from clinical and basic science studies focused on the pathogenesis of congenital eye diseases.



OCULAR NEURAL CREST DERIVATIVES: LESSONS FROM RARE OCULAR DISEASES


Axenfeld-Rieger Syndrome (OMIM 180500)

Axenfeld-Rieger syndrome is characterized by congenital malformations affecting NC-derived craniofacial and ocular structures. Most prominent are the ocular abnormalities that combine Axenfeld anomaly (posterior embryotoxon) and Rieger anomaly (iris hypoplasia), resulting in corectopia (irregular pupil), and pseudopolycoria (multiple pupils) (Figure 4A). Over 50% of affected individuals have glaucoma, which due to iris and trabecular meshwork abnormalities, often requires multiple surgeries to preserve vision (Zepeda et al., 2020). In addition, individuals with ARS may have a distinctive craniofacial structure that includes telecanthus, maxillary hypoplasia, and broad flat nasal bridge, teeth abnormalities, such as oligodontia and microdontia, and congenital heart abnormalities.


[image: image]

FIGURE 4. Congenital eye diseases associated with neural crest defects in the anterior segment. (A) Axenfeld-Rieger syndrome is characterized by anteriorization of Schwalbe’s line (posterior embryotoxon, black arrowheads) and iris hypoplasia, causing corectopia and pseudopolycoria (white arrows). Over half of affected individuals develop glaucoma, and many require placement of a glaucoma drainage device (asterisk) to control intraocular pressure. (B) Primary congenital glaucoma is due to developmental abnormalities in the trabecular meshwork and aqueous outflow tracts. As a result, elevated intraocular pressures in infants cause corneal edema and buphthalmos (increased eye size). (C) Peters anomaly shows central corneal opacification (black arrows) reflecting the abnormal separation of the lens vesicle from the surface ectoderm.


ARS shows genetic heterogeneity, and autosomal dominant mutations in Pitx2 and Foxc1 genes account for up to 70% of cases (Reis et al., 2012; Seifi et al., 2017; Zamora and Salini, 2020). Based on the clinical correlation with ARS, these two homeobox transcription factors play critical roles in craniofacial and ocular NC development. In mice and zebrafish embryos, Pitx2 is expressed in NC cells soon after delamination, and as discussed above, this factor regulates migration into the pharyngeal arches and POM (Chawla et al., 2016). In zebrafish, Pitx2 knockdown causes decreased NC cell migration within the pharyngeal arches, and this effect accounts for the maxillary hypoplasia and cardiac outflow tract and teeth anomalies seen in human disease. Further, in mice, complete knockout of Pitx2 results in severe heart defects and embryonic lethality that precludes full craniofacial and ocular analysis (Kitamura et al., 1999; Evans and Gage, 2005). In contrast, mice heterozygous for the Pitx2 null allele and those in which the Pitx2 knockout was limited to NC cells were viable and displayed corneal, iris, and scleral defects similar to ARS in humans (Chen and Gage, 2016). Retinoic acid is a known regulator of Pitx2 expression (Bohnsack et al., 2012; Williams and Bohnsack, 2015; Chawla et al., 2016; Hebert et al., 2017; Draut et al., 2019; Williams and Bohnsack, 2019), but has differential effects depending on embryonic stage. During the early stages, retinoic acid decreases Pitx2 expression within NC cells migrating toward the pharyngeal arches. However, during later NC cell migration, retinoic acid increases Pitx2 expression within the periocular region in both mice and zebrafish (Gage et al., 2008; Duester, 2009; Kumar and Duester, 2010; Zacharias and Gage, 2010; Bohnsack et al., 2012). Additional studies in mice have shown that paracrine retinoic acid signaling in the POM, mediated via nuclear retinoic acid receptors RXR alpha, RAR beta and RAR gamma, not only regulates the remodeling of the POM, but also controls the expression of both Foxc1 and Pitx2 (Matt et al., 2005; reviewed in Williams and Bohnsack, 2019). Moreover, defects in retinoic acid signaling in NC cells are sufficient to completely reshape eye development and mediate patterning of the optic vesicle (Matt et al., 2008). Lymphoid enhancer-binding factor 1 (Lef-1) and β-catenin bind the Pitx2 gene promotor in mice, indicating a role for the canonical Wnt signaling pathway in regulating Pitx2 expression. Notably, Pitx2 regulates the Wnt antagonist, Dkk and thus forms a regulatory feedback loop within NC cells.

An additional target of Pitx2 is the LIM-homeodomain transcription factor, Lmx1b, which is initially expressed in POM NC cells and then subsequently in the iris, cornea, trabecular meshwork, and hyaloid vasculature. Lmx1b plays a role in NC cell migration and survival, such that homozygous mutant mice have microphthalmia with iris and ciliary body hypoplasia (Pressman et al., 2000). Autosomal dominant Lmx1b gene mutations cause Nail-Patella Syndrome (OMIM 161200), in which affected individuals are at risk for open angle glaucoma, but do not exhibit congenital eye abnormalities (Vollrath et al., 1998). This suggests that heterozygosity in the Lmx1b gene is adequate for ocular NC cell development, but not for postnatal maintenance of the structure and function of the trabecular meshwork. In mice, Pitx2 also regulates Tfap2b, which is expressed in NC cells in the POM and regulates anterior chamber development via a Lmbx1b-independent pathway (Chen and Gage, 2016). Human Tfap2b gene mutations are associated with autosomal dominant Char syndrome (OMIM 169100), which is characterized by craniofacial abnormalities, but not eye defects. However, NC-specific Tfap2b knockout mice had closed iridocorneal angles due to abnormal iris, cornea, trabecular meshwork, and ciliary body development (Martino et al., 2016). In addition, Tfap2b regulates Zp4, Col8a2, and N-Cadherin in the corneal endothelium (Martino et al., 2016).

Fewer studies have focused on Foxc1 and NC cell development. In mice and zebrafish, genetic knockout or morpholino knockdown of Foxc1 are also embryonic lethal, while heterozygous animals show ocular abnormalities consistent with ARS (Smith et al., 2000). Foxc1 mediates the development of the corneal endothelium and maintains the avascular nature of the cornea, which is necessary for the transparency of this tissue and normal vision (Seo et al., 2012; Koo and Kume, 2013). Additionally, Foxc2 mutations hamper the specification of corneal epithelial cells and leads to ectopic corneal neovascularization and corneal conjunctivalization in mice (Seo et al., 2017), suggesting that both Foxc1 and Foxc2 collectively ensure precise ocular surface development. Pitx2 and Foxc1 colocalize within cells, and each of their genes affects the activity of the other. Indeed, in mice, Pitx2 interacts with the activation domain and negatively regulates the activity of Foxc1 (Berry et al., 2006). In contrast, decreased levels of Foxc1 and Foxc2 activity within NC cells have been associated with significant declines in Pitx2 expression and a more severe phenotype, including microphthalmia, corneal opacification, and eyelid fusion in these animals (Seo et al., 2017). In animal models, Eya2, Fgf19, Foxo1a, and Galnt4 have also been identified as downstream targets of Foxc1 in NC cells. However, unlike the Pitx2 targets, the clinical significance of these genes is not understood, as none of these genes are associated with cranial NC or eye abnormalities.

Taken together, the regulation and interaction between Pitx2 and Foxc1 in the NC are essential for craniofacial and ocular (corneal) development, and mutations in either of their genes manifests as the rare congenital disease, ARS. Nonetheless, additional studies are required to identify further downstream targets of Pitx2 and Foxc1 and determine their roles in anterior segment development.



Primary Congenital Glaucoma (OMIM 231300)

Primary congenital glaucoma (PCG) is due to abnormal formation of the trabecular meshwork and aqueous outflow tracts resulting in increased intraocular pressure. PCG presents between birth and 2 years of age, but most commonly in the first 6 months with the classic triad of photophobia (light sensitivity), epiphora (tearing), and blepharospasm (frequent blinking/eye closure) (Figure 4B). These symptoms are due to corneal edema and Haab’s striae (breaks in Descemets layer), which are a result of elevated intraocular pressure. Further, PCG is characterized by buphthalmos (enlarged eye) with subsequent axial lengthening and myopic shift as well as glaucomatous optic neuropathy. Children with PCG require urgent surgery to lower the intraocular pressure and preserve vision.

Primary congenital glaucoma is most commonly associated with autosomal recessive mutations in the Cyp1b1 gene (Li et al., 2011). Independent of the retinoic acid catalysis enzymes Raldh2, Raldh3, and Raldh4, Cyp1b1 regulates the two-step conversion of vitamin A first to retinaldehyde and then to retinoic acid (Chambers et al., 2007). However, endogenous in vivo targets of Cyp1b1 have yet to be verified. In zebrafish embryos, Cyp1b1 is expressed within the retina in the inferior optic fissure and lesser-known superior optic fissure in correlation with optic fissure patency (Chambers et al., 2007; Williams and Bohnsack, 2017; Hocking et al., 2018). Indeed, the overexpression of Cyp1b1 prevents fissure closure, resulting in colobomas in zebrafish (Williams and Bohnsack, 2017), and a handful of case reports of superior coloboma have been associated with Cyp1b1 gene mutations (Hocking et al., 2018). In contrast, knockdown of Cyp1b1 causes premature closure and inhibits later NC migration through the inferior optic fissure, and this affect is independent of retinoic acid (Williams and Bohnsack, 2017). The sequence of NC differentiation in the anterior segment is first cornea, then iris and subsequently aqueous outflow tracts. Thus, one hypothesis is that the lack of later NC migration due to decreased Cyp1b1 specifically causes abnormalities in aqueous outflow, resulting in PCG. Additional studies in mice have demonstrated expression of Cyp1b1 in the trabecular meshwork (Zhao et al., 2015), and heterozygosity of Cyp1b1 gene mutations has been associated with the presentation of juvenile onset glaucoma after the age of 2 years. This finding suggests that Cyp1b1 plays a role in trabecular meshwork formation and maintenance. However, the molecular targets and cellular functions of Cyp1b1 within this tissue are unknown.



Peters Anomaly (OMIM 604229)

Peters anomaly (PA) is a congenital eye disease characterized by central corneal opacification due to the abnormal separation of the lens from the overlying surface ectoderm. The resulting abnormal migration and differentiation of ocular NC cells leads to iris-corneal adhesions and absence of corneal endothelium and Descemets membrane (Figure 4C). In severe cases, the lens is also adhered to the cornea, which can cause corneal staphylomas (Alallah et al., 2020; Chang et al., 2020; Katz et al., 2020; Kletke et al., 2020; Samara and Eldaya, 2020). In addition, cataract, microphthalmia, and aniridia (iris absence or hypoplasia) are commonly associated with PA. Glaucoma complications due to a closed angle configuration and abnormal trabecular meshwork and aqueous outflow tract formation are observed in approximately two-thirds of cases and often requires multiple surgeries to obtain intraocular pressure control (Ozeki et al., 2000; Gould and John, 2002; Sowden, 2007; Harissi-Dagher and Colby, 2008; Dolezal et al., 2019). Although most cases are isolated to the eye, systemic findings can include craniofacial anomalies, congenital heart defects, and developmental delay (Dolezal et al., 2019).

Genetic mutations in or chromosomal deletions involving known genes that regulate anterior segment development have also been associated with PA. While Pitx2 and Foxc1 are typically affiliated with ARS and Cyp1b1 is associated with PCG, mutations in these genes have been linked to rare cases of PA. Notably, the underlying molecular pathogenesis of the mutations in these genes that lead to PA versus their more commonly associated congenital diseases is not well understood (Honkanen et al., 2003; Weisschuh et al., 2008; Berker et al., 2009; Arikawa et al., 2010; Gage et al., 2014; Hassed et al., 2017).

Pax6 gene mutations have also been linked to PA. Notably, mutations in Pax6 are more typically associated with aniridia, a panocular congenital disease characterized by foveal hypoplasia, optic nerve hypoplasia, limbal stem cell deficiency, and varying degrees of iris hypoplasia (reviewed in Lim et al., 2017; Sannan et al., 2017; Syrimis et al., 2018; Wawrocka and Krawczynski, 2018; Lima Cunha et al., 2019; Lee et al., 2020; Tripathy and Salini, 2020). However, phenotypic variation of the same Pax6 gene mutation has shown both aniridia and PA within one family (Wang et al., 2018), and PA has been associated with aniridia in more than 10% of cases (Dolezal et al., 2019).

Animal models have shown that Pax6 targets essential extracellular signaling molecules that control multiple steps in eye morphogenesis (Cvekl and Callaerts, 2017). Pax6 is initially expressed in the optic pit and subsequently in the optic vesicle, optic stalk and overlying surface ectoderm (Enwright and Grainger, 2000; Grocott et al., 2011; Cvekl and Callaerts, 2017; Takamiya et al., 2020). Pax6 is important for optic stalk formation and retinal differentiation, which correlates with optic nerve and foveal hypoplasia observed with human Pax6 gene mutations. Further, during cup morphogenesis, Pax6 expression is primarily restricted to the surface ectoderm and the distal end of the optic cup. This expression underpins formation of the lens placode and subsequent detachment of the lens from the cornea (Takamiya et al., 2020) and helps to explain the relationship between Pax6 mutations and PA. Notably, Pax6 gene mutations and deletions yield phenotypic differences between humans and animal models. While Pax6 gene mutations in humans are most commonly associated with aniridia (Lee et al., 2020; Tripathy and Salini, 2020), in mice and zebrafish, microphthalmia and severe anterior segment dysgenesis are observed (Takamiya et al., 2015; Yasue et al., 2017; Grant et al., 2020). Although not well understood, these phenotypic differences among species demonstrate the multiple essential roles of Pax6 in eye development.

Mutations within Pitx2, Foxc1, Cyp1b1, and Pax6 only account for a small percentage of cases of PA. Further clinical genetic analyses of PA cases have revealed the importance of additional transcription factors, including Pitx3 and Foxe3 for ocular development. Clinical and histological analyses revealed adhesions between either the iris or lens and the cornea, with the anterior dislocation of Schwalbe’s line and cataracts in families with a 17-bp insertion mutation in the Pitx3 gene (Summers et al., 2008). In addition, targeted sequencing has revealed other known and novel mutations in Pitx3 in PA patients (Zazo Seco et al., 2018). In mice, Pitx3 is expressed in the lens, and homozygous mouse mutants with lenticular expression of truncated Pitx3 presented with microphthalmia and aphakia (Wada et al., 2014). Further, a homozygous guanine insertion (c.415_416insG) mutation in the Pitx3 gene in mice resulted in an eyeless phenotype characterized by closed lids, corneal thickening, and corneolenticular adhesion (Rosemann et al., 2010). In addition, Pitx3 positively regulates Foxe3 expression in the anterior lens epithelium, and although these two genes do not interact directly, Pitx3 knockdown in mice and zebrafish eliminates Foxe3 expression. While Foxe3 mutations are typically associated with congenital aphakia (absence of lens), there have been reports of PA (Garcia-Montalvo et al., 2014). In mice, Foxe3 mutations result in corneolenticular adhesions, abnormally shaped lens fiber cell nuclei, chorioretinal folds, missing corneal endothelium, disarrayed corneal stroma, and reduced corneal epithelium thickness (Medina-Martinez et al., 2005). Further, a significant reduction in lens epithelial cell proliferation has been observed, and the differentiation of these cells occurred appreciably earlier than that in wild-type mice (Medina-Martinez et al., 2005).

In addition to genetic alterations, in utero exposure to environmental toxins, such as alcohol, can disrupt anterior segment development and lead to PA. Fetal alcohol spectrum disorders encompass a wide range of behavioral and physical defects that result from alcohol consumption during pregnancy. Fetal alcohol syndrome (FAS) is the most severe form, and this disease is characterized by neurologic and cognitive disabilities and typical craniofacial abnormalities, such as a thinned vermillion, shortened palpebral fissures, a cleft palate, and/or cleft lip (Vorgias and Bernstein, 2020). In addition, the eyes and vision are often affected, most commonly showing neuroepithelial-derived optic cup abnormalities, such as microphthalmia and optic nerve hypoplasia. In rare cases, FAS is also associated with PA, suggesting that the steps in eye development are sensitive to alcohol exposure. Interestingly, despite the almost universal craniofacial features in FAS, the NC-derived anterior segment is less commonly affected (Brennan and Giles, 2014). This finding suggests molecular distinctions between different NC cell populations, i.e., cranial NC cells that give rise to craniofacial structures versus those that give rise to the ocular structures. Interestingly, compared to Sox10-expressing NC cells fated to craniofacial structures, the survival and migration of ocular Foxd3-positive NC cells were less sensitive to the effects of alcohol. To some extent, this difference was mediated by a higher basal level of mitochondrial superoxide dismutase (Sod2) in the anterior segment of the eye compared to that in the craniofacial NC, resulting in a greater capacity to activate oxidative stress in response to ethanol exposure in the eye (Eason et al., 2017). These results are consistent with the propensity for craniofacial defects versus the rarity of ocular anomalies in FAS. A recent study showed that miRNA-135a overexpression markedly decreased ethanol-induced apoptosis in NC cells in zebrafish embryos, and the microinjection of miRNA-135a mimics ameliorated growth retardation and craniofacial defects (Yuan et al., 2020). These results suggest that microRNAs play a role in NC-mediated ocular and craniofacial development.

Taken together, anterior segment development requires the coordinated movement of cells and tissues derived from the surface ectoderm, neural epithelium and NC. Genetic or toxic disruption of lens formation and subsequent NC cell migration and differentiation results in a common phenotype of PA. However, the identification of genetic mutations is lacking in a majority of cases, indicating that many other yet to be identified genes are important during this process. Additional studies are required not only to fully elucidate this disease pathogenesis but also to understand the molecular regulation of anterior segment development.



THEORIES OF DISEASE MECHANISMS: IMPLICATIONS OF DOSAGE AND/OR FUNCTIONAL EFFECTS

Most studies on the NC have focused on characterizing the genes that coordinate the development of the cranial NC and its multiple derivatives. However, as the ocular NC appears to be the source of the tissues involved in rare congenital diseases, it is also important to understand how specific cellular defects and implicated genes ultimately lead to phenotypic abnormalities, as this information could considerably increase our understanding of the end tissue differentiation of this NC cell population and improve the management and prevention of ocular diseases. In particular, disorders of the ocular anterior segment, commonly referred to as anterior segment dysgenesis, result from dynamic interactions between embryological, genetic, and developmental factors with frequent phenotypic overlap and extensive mutations at more than one genetic locus, and, for the most part, the mechanisms by which these gene mutations result in disease are not precisely known, but often relate to dosage sensitivity or alterations in protein function.


Dosage Effects

Alterations (either increased or decreased) in the levels of functional Pitx2 and Foxc1 cause disease. Without question, both proteins show dosage sensitivity, as minute deletions of either Foxc1 or Pitx2 lead to ARS by way of haploinsufficiency, and a previous study reported an ARS phenotype that may also result from the genetic duplication of Foxc1 (Berry et al., 2006). In addition, zebrafish carrying a heterozygous Foxc1 gene deletion mutation showed ocular defects from haploinsufficiency consistent with the ocular manifestations in their human counterparts (Ferre-Fernández et al., 2020). Similarly, an assessment of the requirements for Pitx2 showed that heterozygotes for either hypomorphic or null alleles in the Pitx2 gene have eye abnormalities consistent with ARS, indicating a Pitx2 dosage requirement for eye development in mice (Gage et al., 1999a,b). In zebrafish, morpholino knockdown of all known alternative Pitx2 proteins resulted in abnormal craniofacial and ocular development (Liu and Semina, 2012). Notably, hypermorphic alleles of the Pitx2 gene have been identified in rare cases of ARS (Priston et al., 2001), and a phenotype consistent with ARS was demonstrated in zebrafish following the microinjection of mRNA transcribed from plasmid DNA carrying a dominant negative gene mutation (K50E) in the human Pitx2 gene (Bohnsack et al., 2012). These data further reinforce the idea that Pitx2 levels must be strictly regulated for normal ocular development and function.

Notably, in vertebrates, Pax6 function is also hallmarked by gene dosage, and aniridia in humans is linked with mutations that lead to Pax6 haploinsufficiency. Indeed, the high and continuous expression of Pax6 in ectodermal tissues, such as the cornea, corneal epithelium, ciliary epithelium iris, and lens, is indispensable for the expression of structural genes (crystallins and cell adhesion molecules), signaling molecules affecting ocular NC migration (reviewed in Cvekl and Callaerts, 2017) and auxiliary transcription factors, including Six3, cellular musculoaponeurotic fibrosarcoma (c-Maf) and prospero homeobox 1 (Prox1) (Cvekl et al., 2004). Moreover, low transitory levels of Pax6 gene expression are necessary for the establishment of the aqueous outflow system (i.e., trabecular meshwork differentiation) and the generation of the corneal endothelium (Baulmann et al., 2002).



Functional Effects

Missense mutations in the genes implicated in ocular diseases result in alterations in protein functions. For example, although Pitx2 haploinsufficiency has been demonstrated as a mechanism of ARS, a majority of the reported Pitx2 gene mutations indicate reduced or abolished protein function resulting from defective DNA binding, decreased target gene induction or both (Cox et al., 2002; Tumer and Bach-Holm, 2009). Similarly, biochemical analyses of human ARS-causing mutations revealed severe ARS mutations that completely disrupted DNA binding activity and significantly decreased the transactivation activity of Pitx2 (Kozlowski and Walter, 2000; Priston et al., 2001; Espinoza et al., 2002). These results showed that variations in Pitx2 activity, and thereby function, underlie the range of phenotypes observed in disorders affecting the anterior segment in ocular development. In addition, missense mutations of Foxc1 also show variable effects on its nuclear localization, DNA-binding ability and transactivation activity (Kozlowski and Walter, 2000; Priston et al., 2001; Espinoza et al., 2002; Seifi et al., 2017). The glaucomatous mutations of Cyp1b1 also reportedly decrease the stability, abundance, or catalytic activity of this enzyme (Jansson et al., 2001; Chavarria-Soley et al., 2008; Choudhary et al., 2008; Campos-Mollo et al., 2009; Lopez-Garrido et al., 2010, 2013; Medina-Trillo et al., 2016). Notably, recent studies have demonstrated the significance of Cyp1b1 for the establishment and functional viability of the trabecular meshwork (Mookherjee et al., 2012; Zhao et al., 2013). Thus, mutations affecting the function of the Cyp1b1 gene may also disrupt the function of the trabecular meshwork, resulting in dysregulated intraocular pressure and glaucomatous optic nerve damage. Similarly, investigations of the functional consequences of dominant and recessive Foxe3 gene mutations have shown altered and loss-of-function transcriptional activity, respectively (Islam et al., 2015).



FUTURE DIRECTIONS AND CHALLENGES

The normal formation, migration and differentiation of NC cells is key to the evolution of various tissues and systems. Studying the signaling pathways important for the development of the NC may increase progress in the management of degenerative diseases affecting NC-derived craniofacial and ocular structures. Notably, the extensive migration and differentiation of NC cells into diverse cell types is reminiscent of the migration, invasion and proliferation of metastatic cancer cells and the multipotency of stem cells (Kerosuo et al., 2015; Maguire et al., 2015; Gallik et al., 2017), suggesting similar pathways and molecular mechanisms between these cell types. Additionally, the signals that are important during embryogenesis have recently been highlighted as key factors in the maintenance of adult tissues, and new therapeutic targets of adulthood diseases may be discovered through enhancements or modifications of these pathways. Although much is known on the level of the cranial NC, inadequate knowledge of a NC-derived stem cell population with regenerative properties to reestablish the structures in the anterior eye (cornea, iris, lens, or aqueous tract) is a notable therapeutic challenge. Recent studies have provided information concerning a NC-derived limbal stem cell niche that holds promise for regenerative therapies (Rama et al., 2010; Utheim et al., 2013; Sasamoto et al., 2018; Yazdanpanah et al., 2019). However, many unresolved issues remain. Determining the molecular markers that differentiate cranial from ocular NC, establishing the differences between the NC cell populations that enter the eye via the ocular fissure versus those that migrate between the optic cup and surface ectoderm and characterizing differences between NC cells that form the iris versus the cornea are paramount to achieving a wholistic understanding of the various genes and pathways that will lead to novel and innovative treatment options.
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A key embryonic process that occurs early in ocular development is optic fissure closure (OFC). This fusion process closes the ventral optic fissure and completes the circumferential continuity of the 3-dimensional eye. It is defined by the coming together and fusion of opposing neuroepithelia along the entire proximal-distal axis of the ventral optic cup, involving future neural retina, retinal pigment epithelium (RPE), optic nerve, ciliary body, and iris. Once these have occurred, cells within the fused seam differentiate into components of the functioning visual system. Correct development and progression of OFC, and the continued integrity of the fused margin along this axis, are important for the overall structure of the eye. Failure of OFC results in ocular coloboma—a significant cause of childhood visual impairment that can be associated with several complex ocular phenotypes including microphthalmia and anterior segment dysgenesis. Despite a large number of genes identified, the exact pathways that definitively mediate fusion have not yet been found, reflecting both the biological complexity and genetic heterogeneity of the process. This review will highlight how recent developmental studies have become focused specifically on the epithelial fusion aspects of OFC, applying a range of model organisms (spanning fish, avian, and mammalian species) and utilizing emerging high-resolution live-imaging technologies, transgenic fluorescent models, and unbiased transcriptomic analyses of segmentally-dissected fissure tissue. Key aspects of the fusion process are discussed, including basement membrane dynamics, unique cell behaviors, and the identities and fates of the cells that mediate fusion. These will be set in the context of what is now known, and how these point the way to new avenues of research.
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INTRODUCTION

Tissue fusion is an essential process in vertebrate development. It requires the growth and coming together of groups or sheets of cells, typically epithelia, and their joining to create continuous bodies with lasting structural integrity (Ray and Niswander, 2012). Fusion occurs throughout embryogenesis, in well-studied contexts such as the heart, neural tube, and palate, but it also occurs in less well known settings such as the genitalia, esophagus, avian lungs, face, eyelids, and body wall (Van Der Werff et al., 2000; Williamson et al., 2006; Sadler, 2010; Ray and Niswander, 2012; Palmer and Nelson, 2017, 2020). Not all fusions are the same, and each has subtle nuances that confound broad advances in our understanding of tissue fusion mechanisms, such as the range of cell types involved, the orientation of cells at the fusing edge, local mechanical forces or stresses on growing tissues, and the presence or absence of encapsulating basement membranes. Thus, fusion is a developmental and cell-behavioral enigma. Here, we focus on the process of fusion during OFC, the developmental closing of a gap in the early embryonic eye. Fusion mechanisms during OFC are of particular importance due to the clinical relevance of OFC defects and poor understanding of their causality, and as with all fusion defects—prevention through better understanding is the ultimate objective.



WHAT IS OPTIC FISSURE CLOSURE?

The developmental formation of the eye is broadly conserved among vertebrates and requires a complex sequence of coordinated morphogenetic events (reviewed in Chow and Lang, 2001; Fuhrmann, 2010). Early embryonic neuroepithelial tissue bilaterally evaginates from the anterior neural plate as pouch-like optic vesicles, which then meet the overlying surface ectoderm to trigger a mutual invagination of both tissue layers to form a lens and optic cup, respectively. As the optic cup continues to grow it folds around itself laterally to produce a double-layered retina structure which contains an inner neural retina (NR) layer and an outer retinal pigment epithelium (RPE) layer (Figure 1A). This structural growth results in a transient ventral cleft running along the entire proximal-distal (PD) axis of the optic cup, from the site of the future iris all the way to the head of the presumptive optic nerve (Figure 1A). This cleft is interchangeably referred to as the “choroid” or “optic” fissure (OF), and its closure (optic fissure closure; OFC) completes the circumferential continuity of the vertebrate eye, providing a structural framework for subsequent eye development (Figure 1B).
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FIGURE 1. Superficial processes of optic fissure closure. (A) Left: Cartoon of the early 3D optic cup with a ventral cleft—the optic fissure—running along the entire proximal-distal axis (red arrows). Right: Slice-section cut perpendicular to the P-D axis and at the midpoint (hatching in Left) of the optic cup depicting the optic fissure margins (black box) which at this stage are apposed but not fused. (B) Left: Later staged optic cup with a now fully fused optic fissure. Right: Slice-section shows the fused optic fissure (black box) has completed the circumferential continuity of both neural retina and the RPE in the ventral optic cup. (C) Sequence of key cellular and morphological events during optic fissure closure: (i) The nasal and temporal OFMs move toward each other and become spatially apposed, with only a few POM cells separating the edges of each. At this stage, the OFMs are each fully encapsulated by single basement membranes (solid black lines) and the sub-retinal space is folded over as folding points (FP, asterisks); (ii) contact occurs between the two OFMs and POM cells are excluded as the apposed OFMs establish a fusion plate and the separating basement membranes are displaced (thick hatched black lines). (iii) Fusion has occurred and the RPE and NR are each organized into epithelial continuum, while two distinct basement membranes are now established at the inner and outer regions of the optic cup. The FP has become the sub-retinal space (Hatched line). Key- LV, lens vesicle; D-V, dorsal-ventral; NR, neural retina; RPE, retinal pigmented epithelium; POM, periocular mesenchyme.


The superficial OFC process involves the meeting and fusion of opposing multi-layered epithelia from the nasal and temporal edges of the optic fissure margin (Figure 1C). These edges are initially surrounded by their own separate basement membranes and comprise a mix of NR and RPE cells attached at their apical edges to a spindle—the OF folding point—(Figure 1Ci). The OF margins come closer together as the eye cup grows, eventually becoming completely apposed with basement membranes (BM) from both edges coming into direct contact with each other (Figure 1Cii). The lips of the fissure meet broadly at the center of the optic cup and the fusion process extends proximally and distally until the entire OF is fused. The BM is breeched or partially removed to permit the mixing of cells from either edge. Subsequently these cells reorganize and integrate with the distinct and continuous epithelial layers of NR and RPE, with the formation of two BM layers at the inner (vitreal) and outer (choroidal) aspect of the ventral eye (Figure 1Ciii). Once fusion has occurred, the ventral retina is indistinguishable from the adjacent retina, and differentiation of the multiple retinal cell types and maturity of RPE cells can subsequently occur.



COLOBOMA IS A FAILURE OF OFC

Failure of OFC is clinically referred to as ocular (or uveal) coloboma (OC) and manifests as open clefts at any point along the ventral PD axis of the eye (Figure 2A). OCs can vary in appearance and severity of the ocular tissues affected: at the distal-most region of the eye the unfused inferior iris may lead to a keyhole pupil shaped gap which may have only mild effects with photophobia; whereas OC involving the retina, choroid, RPE, or optic nerve can impair vision (the superotemporal field which corresponds to the inferonasal location of the defect), including central vision if the macula is also involved (reviewed in Gregory-Evans et al., 2004; Chang et al., 2006; ALSomiry et al., 2019). OC sits within a phenotypic continuum of developmental eye defects with microphthalmia (small eye) and anophthalmia (little-to-no ocular tissue), which are collectively referred to as the “MAC” spectrum of structural eye defects. MAC can affect either one or both eyes, can vary asymmetrically in severity, and can occur either in isolation, with other ocular features such as anterior segment dysgenesis (ASD) or cataract (complex) or as part of a wider developmental syndrome (Williamson and FitzPatrick, 2014; Patel and Sowden, 2017). Although non-genetic causes of OC have some basis in epidemiological evidence, the disorder is considered to be largely genetic (Morrison et al., 2002; Gregory-Evans et al., 2004), with over 40 genes so far identified harboring causative mutations in OC patients (for thorough reviews of the genes implicated in human colobomas—see Patel and Sowden, 2017; ALSomiry et al., 2019; George et al., 2020; Yoon et al., 2020).
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FIGURE 2. Coloboma and optic fissure closure. (A) Human colobomas. Anterior segment photo of the left eye showing iris coloboma and white reflex through the pupil (left) and Ultrawidefield color fundus imaging of the left retina showing an inferior chorioretinal coloboma not involving the optic disc or macula (right). Arrowheads indicate affected regions. (B) Fused optic fissure in zebrafish (left; arrow) and persistent colobomatous defect at 56 hpf (right; arrowhead). (C) Optic fissures (arrows) in the eyes of mouse and chick embryos at fusing and fused stages.


Knowledge of coloboma-gene function in eye development is well supported by animal models using knock-out or engineered disruptions to disease genes. The vast majority of these loci encode transcription factors or signaling molecules that drive the early phases of eye development, such as patterning and growth, thereby implicating these genes for roles in setting up the eye to be competent to fuse (Chow and Lang, 2001; Patel and Sowden, 2017; ALSomiry et al., 2019). In many of these, the fissure margins do not become opposed and cannot make adequate contact for fusion. However, despite extensive DNA sequencing of coloboma patients and families the majority of isolated OC affected individuals (>80%) remain without an identified genetic cause. Genetic heterogeneity is a major confounding feature as no single genetic locus accounts for more than 3% of cases (Williamson and FitzPatrick, 2014; Rainger et al., 2017; Jackson et al., 2020). Failure of epithelial fusion is an obvious mechanism that may account for this lack of molecular diagnoses for OC, as the cellular behaviors and processes that mediate fusion and/or maintain tissue integrity at the fused fissure are as elusive as the genetic factors that regulate them. In combination these have major implications for our understanding of human eye development and are likely to have wider relevance for other developmental contexts that involve tissue fusion. Some recent publications have begun to address these issues with particular focus on the biology at the optic fissure itself. This timely review will therefore focus on what is known about the developmental mechanisms of fusion during OFC, will expose the areas where knowledge gaps remain, and will provide a useful framework to direct future research, including predicting emerging technologies that can be utilized to make transformative breakthroughs in this area.



ANIMAL MODEL SYSTEMS DEFINED KEY OFC EVENTS

Much of our current knowledge of OFC progression or coloboma causation has come from studies in fish, avians, and rodents, with the vast majority of these most recently carried out using zebrafish or mouse (Figures 2B,C). These have also been cross referenced to knowledge attained from studies of fixed human tissues (Mann, 1964; O’Rahilly, 1966). Superficially, processes appear to be highly conserved among all species so far analyzed and are discussed in depth in later sections: fusion initiates at a single point in the midline of the ventral optic cup and extends in both proximal and distal directions, with fusion complete in embryonic stages and prior to the onset of most retinal cell-type differentiation.

Mouse studies of specific gene functions predominated when gene knock-out technologies or mutagenesis screens were developed, but these were largely superseded through the use of morpholino gene knock-down, and latterly gene-editing approaches in zebrafish. In this context these genetically tractable species have been vitally important to determine the conserved patterning events at the ventral retina and optic stalk, and the proportional growth of the optic cup that occurs to facilitate the correct apposition of the OF margins prior to the onset of fusion (Patel and Sowden, 2017; ALSomiry et al., 2019). They have also proven vitally important in confirming the pathogenicity of human coloboma variants.

In zebrafish, the use of fluorescent reporter systems coupled to live-imaging confocal microscopy has been extremely powerful to determine specific cellular behaviors during OFC (Gestri et al., 2018; Eckert et al., 2020). Two new studies have recently established chicken embryos (Figure 2C) as models for OFC research, both with particular focus on fusion events (Bernstein et al., 2018; Hardy et al., 2019). The timings of OFC have now been established for all three species and highlight some distinct advantages of the chick OFC system, including the broadest temporal window for experimentation or analysis (Table 1). In addition, the chick OF is structurally larger and therefore provides more OF tissue for analyses than either mouse or zebrafish. However, the major experimental drawbacks of both chicken and mouse embryo models are the current lack of OFC live imaging modalities, a distinct feature of zebrafish work. Explant cultures and live imaging systems are available for palate and other explant cultures in these species and therefore should be amenable to develop for the optic fissure. Finally, although the in ovo development of chick embryos lends itself to experimental and transient genetic manipulations (e.g., electroporation and virally-mediated delivery), it has lagged far behind zebrafish and mouse for germline or high-throughput genetic studies. Coincident with the emergence of gene editing, major improvements have been made in transgenic biotechnology, potentially enabling rapid and cost effective generation of transgenic chick embryos (Taylor et al., 2017; Woodcock et al., 2017; Davey et al., 2018).


TABLE 1. Key timing for initiation and progression of OFC in multiple class of vertebrate.
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WHICH CELLS INITIATE FUSION?

There is little data to precisely determine the temporal initiation and progression of fusion during human OFC, reflecting a scarcity of samples and appropriate ethical considerations. Much of our knowledge dates from studies of 50 years ago or more, with observations concluding that human OFC occurs between the fifth and seventh weeks of development (see Table 1), initiates centrally, and continues bi-directionally along the P-D axis (Mann, 1964). BM breakdown is not well annotated in these studies, and cell mixing is the predominant observation of fusion. Histological plates from O’Rahilly (1966) indicate that the medial-proximal region fuses first at Carnegie Stages 16–17, as judged from proximity to the lens vesicle and its structure within the same images. Whereas fusion in the distal most optic cup and optic nerve has not yet occurred by the same stage.

In mouse, OFC is reported to start in the proximal-central portion of the OF at embryonic day E11.5–E11.75 and continues in both directions along the P-D axis, where both the iridial and optic disc regions of the OFM are the last to fuse by late E12.5–13.0 (Hero, 1989, 1990; Figure 2C).

Closure in zebrafish, as defined by BM breakdown, can be observed from as early as ∼34 h post fertilization (hpf) at the medial-proximal region of the optic cup, then extends bidirectionally along the P-D axis (James et al., 2016; Gestri et al., 2018). Cell mixing and fusion of the epithelial layers appears to lag several hours behind BM removal in zebrafish (James et al., 2016). Recently, fusion was shown to occur closer to the optic nerve head in the proximal aspect of this axis (Eckert et al., 2020). The length of the zebrafish fissure is approximately 60 μm and its closure is largely completed by 48 hpf, with the distal-most region being the last region to fuse by 56 hpf (Figure 2B). However, it should be noted that precise timings may vary between aquariums.

In the chicken embryo, a recent analysis concluded that closure initiated with a single zone of epithelial fusion in the mid-point of the optic fissure at around embryonic day (E) 6 (HH stage 28), and that closure involved simultaneous BM dissolution and cell mixing (Hardy et al., 2019). Chick OFC then continued from this region in both proximal and distal directions to include approximately 1.6 mm of fused epithelia over 60 h of fusion (Hardy et al., 2019; Figure 2C). A previous report had shown that OFC occurred earlier (HH st24, approximately E5) in the proximal region of the chick eye (Bernstein et al., 2018), but that this fusion included intercalation of astrocytes and optic nerve cells and did not show any complete joining of epithelial layers (RPE and NR), and also occurred in a region where the pecten occuli—a large homeostatic structure that juts into the vitreous—is embedded. Whereas fish and mammals display complete fusion along their P-D axis, a distal region of the chick fissure remains open in the iris to allow hyaloid-like blood vessels to enter and exit the eye throughout the lifespan of the eye (Hardy et al., 2019). Nevertheless, the medial region of the chick OF displays highly similar processes to human and mouse OFC involving complete bi-directional fusion of the two epithelial layers (NR and RPE). In summary, in of all these species the initial point of fusion occurs in the central region of the optic fissure and progresses bi-directionally along the PD axis.

The architecture and molecular status of the epithelia in the area of fusion initiation is important in the context of accurately determining the underpinning biological mechanisms that mediate the process. In all species, neural retina cells occupy the inner (vitreal) aspect of the edges of the pre-fusion fissure margin, whereas the RPE is positioned at the outer aspect (choroidal) (Figure 1Ci). In human eyes the point of fusion, the “fusion plate,” is first seen at a position broadly at the midpoint or junction of NR and RPE cells (O’Rahilly, 1966). The fusion plate involves similarly positioned cells in chick OFC, including NR and inverted RPE cells that remain non-pigmented until well after fusion is complete (Hardy et al., 2019). During zebrafish OFC, a blood vessel (the hyaloid) is positioned at the analogous region and consequently the first contact between the margins is slightly higher (more dorsal) in this species, in the upper third of the fissure (Gestri et al., 2018; Eckert et al., 2020). These cells had flattened morphology just prior to fusion, consistent with RPE cell morphology, although they were not pigmented. These “pioneer cells” as the authors named them, became more cuboid before contact (Eckert et al., 2020) then displayed amorphous elongated shapes with protrusions and overt polarization toward the edges of the fissure margin (Gestri et al., 2018). Molecular analyses are still ongoing to precisely determine the characteristics and identity of these cells (Figure 3A), however, cell labeling and live imaging revealed they were negative for the NR progenitor reporter Rx2:GFP before and during fusion, but then gained Rx2:GFP expression in the fused margin (Eckert et al., 2020). This suggests that although these cells may appear to be of RPE origin they can acquire a NR identity. However, it also indicates that pioneer cells could be a separate novel cell type within the OF. Indeed, the RPE marker dopachrome tautomerase (dct) was not observed in these cells (Eckert et al., 2020). Although Netrin1a and integrina5 have been observed in this location in zebrafish (Lupo et al., 2011) and this is a known region of localized PAX2 expression, it will be important to find specific markers for pioneer cells that can be used to perform robust characterization of their contributions to fusion (are they essential?) and their fate in the fused margins, and whether these are conserved across all species. It will also be important to reveal their origin, and how and when during eye development they are specified. Their identification has the potential to be transformative in OFC research, as they represent the emergence of a tractable system that can be manipulated to resolve fusion-specific mechanisms within the complex environment of the developing eye at unprecedented resolution.


[image: image]

FIGURE 3. Cell behaviors that mediate fusion in the OF. (A) Pioneer cells are located at the edges of the fissure margins in a position intermediate between the RPE and neural retina cells. They are negative for the neural retina marker Rx:GFP and for the RPE marker DCT, but are predicted to be positive for NTN1, PAX2, and Integrin-5A. They also remain unpigmented throughout fusion. (B) Morphologies and behaviors of pioneer cells throughout fusion. Top, cartoons to depict progression of fusion. Bottom, (i) Just prior to fusion, pioneer cells at the edge of the fissure margins are tightly anchored to the folding point through junctional complexes at their apical sides, with clear apical-basal (a-b) polarity. (ii) As the margins are tightly apposed their BM come into close contact. Cells lose their a-b polarity and become mesenchymal in appearance, possibly triggered by compositional changes to the ECM or physical forces. (iii) As the BM is removed and cells on either side make contact, transient junctional complexes are present between the apical aspects of pioneer cells. (iv) As fusion is completed, cells reorientate through 90o and align their junctions to the sub-retinal space. Debris from cell death is a feature frequently observed during normal OFC in chick and mouse, but not in zebrafish fissures. Key: EMT, epithelial to mesenchymal transition; MET, mesenchymal to epithelial transition; NR, neural retina; RPE, retinal pigmented epithelia; a, apical; b, basal; FP, folding point.




CELLS AT THE OF MARGINS EXHIBIT A RANGE OF BEHAVIORS TO FACILITATE FUSION

Accompanying fusion are some key changes to epithelial organization at the OF (Figures 3Bi–iv). Before fusion the apical surfaces of the cells lining the fissure are connected to the folding point (Figure 3B) and their basal surfaces are aligned to the BM. Live imaging in zebrafish has shown that cells from opposite OFs approach each other in a basal to basal orientation but then depolarize during fusion (Eckert et al., 2020). Using the apical junction complexes markers (ZO-1 and alpha-catenin; adherens junctions), pioneer cells were observed to detach from the folding point and became disorganized. They then transiently aligned at their apical edges at the fusion plate, before subsequently realigning their apical edges another 90o along the sub-retinal space in fused tissue (Gestri et al., 2018; Figure 3B). This process can be affected by disruptions to junctional complexes, as deletion of α-catenin from the developing mouse eye results in accumulation failure of adherens-junction factors N-cadherin, β-catenin, and filamentous actin on the apical side of cells at the margins and the folding point, causing fusion failure and coloboma. Mutations in cytoplasmic actins (ACTG1 and ACTB) and actin-remodeling factors (TWF1 and LCP1) have also been identified in patients with isolated colobomas (Rivière et al., 2012; Rainger et al., 2017), although it is not clear if these manifest from defects to cell-cell adhesion or to broader effects on cytoplasmic dynamics.

How these adhesion, polarity and cell-shape changes are regulated is unknown and presents a major challenge to elucidate, based on the transience of the process. Localized physical and mechanical forces may also influence cell responses, and the Hippo-signaling factor YAP1 has been shown to sense and transduce mechanical cues to regulate transcriptional responses or cell fate decisions (Halder et al., 2012). YAP1 is expressed in the developing mouse RPE (Williamson et al., 2014) and is required in zebrafish for RPE identity (Miesfeld et al., 2015). Mutations in YAP1 cause syndromal and isolated coloboma in humans and fish (Williamson et al., 2014; Miesfeld et al., 2015). Therefore, it is plausible that YAP1 mechanosensory signaling may be a crucial link between the dynamic properties of cell-adhesion, ECM, and the actomyosin skeleton, and the cell behaviors and responses within the OF.

The changes to cell shape and apical-to-basal polarity during OFC are reminiscent of epithelial-mesenchymal transition (EMT) (Lamouille et al., 2014), which has been better characterized in other fusion contexts such as palate closure, wound healing and fusion of the endocardial cushions in the developing heart (Ray and Niswander, 2012). In chick, pioneer cells appear to lose their epithelial characteristics and become almost mesenchymal in appearance as they decouple from the folding point and mix between OFMs at the fusion plate (Hardy et al., 2019). As such, the mixing of mesenchymal-like cells during fusion could be considered an invasive phenotype. If EMT is a feature of fusion, then it is likely that the opposite mesenchymal to epithelial transition (MET) also occurs in the subsequent alignment and re-epithelialization of the fused margin. It must be also considered that any EMT may be only partial and highly transient as no definitive mesenchyme markers have yet been shown as upregulated or specifically localized in the OF during fusion, therefore for now we propose referring to this as an EMT-like phenotype. Although the core set of EMT genes are not enriched in any of the existing OF transcriptomes (see later section), this may reflect limits of sensitivity in these assays, a tissue-specific EMT gene expression profile, or the degree of EMT-MET within the OFC process. As neither processes have been formally analyzed at the molecular level in any of the OFC model systems, it will be important to determine the contribution of EMT pathways and related molecules to fusion in this context, for example the localization and balance of E- and N-cadherins, and the specific suite of integrins expressed in pioneer cells and within the fusion plate and fused retina.

Transforming growth factor beta (TGFβ) signaling has a prominent role in the regulation of EMT processes in multiple developmental and disease contexts (Lamouille et al., 2014) and mutations in TGFβ signaling components cause palate fusion defects in humans and mice (Fitzpatrick et al., 1990; Sanford et al., 1997; Dudas et al., 2006; Iwata et al., 2011; Bush and Jiang, 2012), while adding recombinant TGFβ to chick explant cultures can artificially induce fusion of the secondary palate (Gato et al., 2002). TGFβ receptors are expressed within the developing OF and TGFβ2 knockout mice exhibit colobomas, where their fissure margins meet but do not fuse (Knickmeyer et al., 2018). Chemical inhibition of the TGFβ pathway SMADs also result in OF defects in zebrafish (Knickmeyer et al., 2018). One mechanism proposed for TGFβ at is to modulate local BMP signaling at the OF margins to regulate ECM remodeling, and presumably indirectly regulate EMT—there is good evidence that crosstalk and achieving a balance between BMP-TGFβ signaling is important in the regulation of EMT (Zeisberg et al., 2003). Several ECM components were significantly downregulated in the colobomatous TGFβ2 knockout mice (Knickmeyer et al., 2018), and an equivalent gene-ontology analysis of differentially expressed genes in chick at the point of fusion also found ECM-related processes as the most significantly enriched ontology terms. These gene-expression changes of ECM factors in both chick and mouse provide evidence that the composition of the ECM at the fissure margin is dynamic and that this is a vital component of the fusion process, likely leading to EMT through enabling changes to apical-basal polarity, epithelial disassembly, and the shape of pioneer cells. A comprehensive characterization of the microenvionment at the OF during fusion will allow a more integrated understanding of how these influence fusion processes through cellular responses.

Cell-death has an important role in multiple tissue fusion events and it is an important “final” modulator of tissue morphology in embryonic development (Haanen and Vermes, 1996; Ray and Niswander, 2012). One suggestion is that cell death triggers BM breakdown, but this link has not yet been confirmed with regards to cause and effect. Another possibility is that OF cells may be inadvertently tipped toward cell death as they detach from their surrounding neighbors or as the ECM changes in composition. These cells may fail to adequately interpret the new cues they are faced with and decide to die. However, it is still not clear to what extent programmed cell death contributes to fusion during OFC and there appear to be differences among species in this regard. Dying and phagocytic cells are observed in the fissure margins in mouse embryos (Hero, 1990), but apoptotic cells are also widely distributed throughout the whole developing eye (Ozeki et al., 2000). In zebrafish, apoptotic cells were not observed in the fissure throughout the closure process (40 h to 56 hpf), either by using Terminal deoxynucleotidyl transferase dUTP nick end labeling (TUNEL) analysis staining or live imaging (James et al., 2016; Gestri et al., 2018). Furthermore, fusion proceeded normally in a macrophage-deficient zebrafish line with no observed increase in apoptotic foci (Gestri et al., 2018). In contrast, immunofluorescence for activated-caspase-3 (A-Casp-3) in chick revealed a localized enrichment for apoptosis at the fusion plate and in the adjacently fused seam, where A-Casp-3 was specifically observed in regions where pioneer cells would be positioned if reintegrating into the newly forming epithelia (Hardy et al., 2019). A formal survey of apoptosis during human OFC has not yet been conducted, although A-Casp-3 foci were observed throughout the retina and RPE in 6–7 week old embryos (Božanić et al., 2003). The lack of observable cell death in wild-type zebrafish may reflect its non-requirement for OFC, or could be due to lack of sensitivity of the assays employed and the short time-frame of fusion progression combined with the small number of cells mediating the process. However, correct regulation of cell death has been shown to be vital for OFC in zebrafish and to be a downstream effect of the important coloboma-associated transcription factors PAX2 and VAX (Viringipurampeer et al., 2012). These combine to directly regulate the fas-associated death domain (fadd) gene and maintain the balance between cell death and proliferation. In this context, it was the necrosis pathway rather than the apoptotic pathway that controls cell death. Deletion of FADD, a key regulator of apoptosis, is suggested to cause coloboma in humans (Gregory-Evans et al., 2007). The anti-apoptotic factor Bcl6, through interaction with the human syndromal coloboma gene BCOR (Ng et al., 2004), represses p53-dependent apoptosis in the zebrafish retina (Lee et al., 2013). Bcl6 was expressed in the OF prior to fusion and its targeted knockdown caused increased p53 expression and apoptosis at the OF, and resulted in highly penetrant colobomas in both fish and Xenopus (Lee et al., 2013). Conversely, hyperactivation of p53 in mice resulted in an increased rate of apoptosis in the retina and colobomas (Van Nostrand et al., 2014). Furthermore, p53 was shown to be negatively regulated directly by CHD7 binding at its promoter. Mutations in the CHD7 gene are the leading cause of CHARGE syndrome (George et al., 2020), providing a link between colobomas seen in CHARGE syndrome to a direct mediator of apoptosis. These studies provide useful elucidation for a gene regulatory network in which PAX2 and VAX act upstream of fadd and Bcl6 to regulate the balance between cell death and cell survival in the developing ventral eye. Similarly, the ephrin A5-EphB2-JNK signaling pathway has been shown to balance the induction of apoptosis and inhibition of cell proliferation during mouse OFC (Noh et al., 2016), while reduced proliferation in the ventral eye of mice lacking Fgfr 1 and Fgfr2 resulted in colobomas in the absence of changes to apoptotic cell number (Chen et al., 2012). However, none of these studies presented data to show the effects on apoptosis in cells at the fissure margin, or how they caused dysregulation of fusion per se. Therefore, it seems that while cell death is important for maintaining the correct number of cells within the ventral retina and/or OF to permit correct OFC, it may not play a direct role in the fusion process itself.

One question that emerges from the chick data is whether pioneer cells are actively removed from the fused epithelia by apoptosis. If disrupted, this could be a mechanism for coloboma causation, e.g., via damage to epithelial integrity of the recently fused retina. Together, these findings indicate that the requirement for cell death in OFC is not universal across different organisms, and that it may not act to mediate fusion directly.



WHAT BECOMES OF THE BASEMENT MEMBRANE DURING OFC?

Basement membranes (BM) are highly cross-linked and dense sheet-like structures of extracellular matrix molecules that border all epithelia (Kelley et al., 2014). The constituent molecules of the BM are predominantly large, insoluble, secreted proteins and include the core factors laminin, collagen, heparin sulfate proteoglycans (HSPGs), and nidogens (Yurchenco and Schittny, 1990; Kelley et al., 2014), although the presence and distribution of these proteins and their isoforms or paralogs may vary between different tissues. During closure, as the OFMs become apposed at their basal surfaces this positions their respective BM into direct contact with each other (Figure 4A). To enable the subsequent mixing of cells from the opposing OFMs, the BM must first be successfully breached (Figures 4Ai–iii). Several animal models of dysregulated signaling (growth factors and transcription factors) result in colobomas and exhibit a failure of BM breaching, as determined by intact BM generally shown by laminin staining (Macdonald et al., 1997; Barbieri et al., 1999; Sehgal et al., 2008; Chen et al., 2012; Cai et al., 2013). However, no studies to date have accurately identified the precise sequential mechanisms for BM modulation during OFC in vivo in any model organism. Major breakthroughs in this area have also been hampered by reliance on fixed-tissue samples and a lack of fluorescently-tagged or equivalently-visible basement membrane components. In combination this means the actual mechanisms for BM displacement during OFC remain largely theoretical and could be either transcriptional changes, physical removal or rupture, biochemical dissolution, or a combination of all three processes.
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FIGURE 4. Mechanisms for traversing the basement membrane during OFC. (A) Dynamic changes to the localization of the BM (arrowheads) during chick OFC, as defined by antibody staining to laminin (β1). In (i) the OF edges are completely encapsulated by BM, in (ii) the BM has been locally removed or displaced at the fusion plate and cells are mixing between the two margins, and in (iii) the BM is now visible at the inner limits of the neural retina and the outer limit beneath the RPE. Adapted with permission from Hardy et al. (2019). (B) Compositional changes to the BM driven by transcriptional changes in cells at the edges of the OFM. 4x colors are used to depict the four components of BMs: collagen, laminin, HSPG and nidogens, however, the correct orientation or alignment of these in the OF-BM are not known. (C) Enzymatic degradation occurs through local transcription of diffusible proteases (spots) of the MMP or ADAMTS classes expressed by cells (yellow) at the edges of the fissure proximal to BM breaching. (D) Protrusive invasion through intact BM by actin-rich cellular protrusions.


Transcriptional changes may be an obvious mechanism for compositional changes to the OF-BM to permit fusion (Figure 4B). At its simplest would require the time-specific reduction or change in gene expression levels of key BM components in adjacent cells, causing a subsequent reduction of synthesis for that molecular component. This would then trigger a loss of BM integrity and permit subsequent fusion events. A recent study in the zebrafish OF comprehensively analyzed all of the typical BM constituents using whole-mount in situ hybridization, and confirmed the expression of collagen IV a1 and a2; laminin a1, a4, b1a, c1, and c3; nidogen 1a, 1b, and 2a; and perlecan during OFC. Of these genes, only nidogen expression was observed to be down-regulated at the onset of fusion, with nidogen protein becoming absent from the BM prior to laminin removal and fusion (Carrara et al., 2019). The authors suggested that nidogen removal could be a key requirement to initiate disassembly or remodeling of the BM for fusion. This was the first identification of a BM gene with expression specifically reduced in the optic fissure margins during closure. Although loss of laminins a1, b1, and c1 also resulted in colobomas in a separate zebrafish study (Lee and Gross, 2007), the reduction of these caused gross retinal morphogenesis defects, suggesting a broad requirement of these factors throughout eye development rather than fusion-specific roles. The observation that only nidogen was down-regulated out of all of the BM genes studied in the zebrafish optic fissure provides new and direct evidence to support the hypothesis that the OF-BM has a distinct and dynamic molecular make up during OFC that facilitates or permits fusion. Loss of this single factor may therefore be sufficient to trigger the onset of BM changes that are necessary for fusion. This important finding could help elucidate the subsequent events that allow for further BM modulation during OFC. RNAseq analyses of chick OFMs indicate similar transcriptional changes may occur in other species (Hardy et al., 2019). Reduced LAMA4; LAMB4 and LAMA2; COL4A3 and NID2 expression were observed in the OF during closure stages when compared to the whole eye (Hardy et al., 2019). The significance of this to the structural composition of the chick OF-BM is not yet clear, and these findings require immunological or proteomic analyses to confirm the changes at the protein levels and more in depth analysis of BM composition in the region. Similar transcriptional studies in mouse and human OF tissues would be hugely beneficial to establish the conservation of such changes among vertebrates.

Expression of factors other than the core BM components may also have key roles in the fusion process. The recent identification of Netrin-1 as essential for OFC is intriguing given the localization of its protein during the fusion process and its molecular similarity to other BM components. Netrins share structural similarity to laminin N-terminal (LN) domains, contain laminin EGF-like domains, and can form heterotypic complexes with laminins and other laminin-interactors at cell surfaces, such as integrins and dystroglycans (Yurchenco and Wadsworth, 2004). The disruption of cell surface interactions with ECM and BM may be an additional mechanism for BM modulation during OFC. In mouse, chick, and human embryonic eye tissues NTN1 was observed in the BM immediately surrounding the fissure margins but did not extend far beyond this region in either direction. In addition, its transcription was significantly down-regulated immediately after fusion in all of these species (Hardy et al., 2019; Richardson et al., 2019). These suggest a fusion-specific function of NTN1 may be to somehow structurally modulate the BM. Although NTN4 has been shown to directly incorporate into laminin complexes and modulate its polymerization, NTN1 does not perform this function (Schneiders et al., 2007). In mice completely lacking Ntn1 the fissure margins were normally decorated in Laminin and came into direct contact, but fusion did not initiate and led to highly penetrant colobomas (Hardy et al., 2019). These animals also exhibited craniofacial and inner-ear fusion defects, embryonic locations where NTN1 is similarly localized to the BMs (Salminen et al., 2000; Nishitani et al., 2017; Hardy et al., 2019). Therefore, in contrast to a down-regulation of nidogen triggering fusion, it may be that OFM-specific NTN1 expression is required to change the molecular composition of the OF-BM to permit fusion. As a next-step, ultrastructural studies would be useful to determine if NTN1 molecules are incorporated directly within the BM or are localized to interfaces between the BM-ECM or BM-cell surface as regulators of adhesion. Similarly, thorough analysis of the compositional changes to the OF-BM in Ntn1 deficient animals could provide key information for its role in BM modulation. Another candidate BM factor is the secreted calcium-binding factor SMOC1 (Sparc-related modular calcium binding 1). SMOC proteins are localized to BMs in various developmental contexts (Vannahme et al., 2002, 2003), and SMOC1 has been suggested as a fusion-specific BM-modulating factor due to causative mutations identified in patients and animal models with colobomas (Rainger et al., 2011; Patel and Sowden, 2017). SMOC1 is specifically upregulated in the fissure region throughout closure for all species so far studied (Brown et al., 2009; Abouzeid et al., 2011; Okada et al., 2011; Rainger et al., 2011; Richardson et al., 2019). However, its role has not been determined in this context and it has yet to be found whether it has roles other than its known functions in regulating BMP signaling (Vuilleumier et al., 2010; Thomas et al., 2017; Mateus et al., 2020).

Another proposed mechanism for BM modulation is through biochemical degradation, e.g., dissolution of BM structures by extracellular proteolytic enzymes (Figure 4C). The strongest evidence for structural BM dissolution is from mouse, where ultrastructural analyses clearly showed that the BM was fragmented into multiple foci at the fusion plate (Hero, 1990). Many studies also conclude that BM is removed by this process through interpreting immunological staining for the localized absence of core BM components, typically laminin. However, few dissolution agents have been directly implicated in OFC, either through animal models with coloboma, transcriptome analyses, or human genetics. In this model, any changes to the BM must be tightly restricted regionally to ensure the integrity of the adjacent (non-OF) BM and must be also temporally restricted to ensure the BM is broken down at the right developmental moment. This would require exquisitely controlled transcription of enzymes in small numbers of cells directly at the OF margin that are likely to be below the detection thresholds of currently published OF transcriptomes, an obvious reason for why candidate enzymes have not been discovered using this approach (Brown et al., 2009; Hardy et al., 2019; Richardson et al., 2019). One factor that has recently been directly implicated is the metalloproteinase ADAMTS16 (a disintegrin and metalloproteinase with thrombospondin motifs), which was shown to be specifically expressed at the edges of both mouse and zebrafish optic fissures during closure using in situ hybridization studies (Cao et al., 2018). Morpholino knock-down of adamts16 in zebrafish embryos showed coloboma causation and a failure of BM breakdown, as indicated by continual laminin and fibronectin staining at stages beyond when fusion would normally have occurred (Cao et al., 2018). However, the specificity of adamts16 mediated BM breakdown was confounded by additional changes to proliferation, cell survival and proliferation, and FGF expression at the OFM. Therefore, a precise requirement for ADAMTS16 in OF-BM breakdown is yet to be confirmed. Another class of proteolytic enzymes implicated in OFC are matrix metalloproteases (MMPs), such as those recently identified as secreted from developing hyaloid vasculature cells migrating between the zebrafish fissure margins (mmp2, 14a, 14b) and in transcriptomic studies (mmp23b) (Richardson et al., 2019; Weaver et al., 2020). Hyaloid vasculature in zebrafish is necessary for OF BM degradation, as genetic, chemical, or its physical perturbation results in a persistent BM and prevents correct OFC (Gestri et al., 2018; Weaver et al., 2020). Significantly, mmp2 was specifically implicated as functionally necessary for BM degradation in the optic fissure (Weaver et al., 2020). How these findings in zebrafish OFC translate to other vertebrates isn’t clear, and orthologs of MMPs acting in OFC in other species (or human colobomas) have not yet been identified. With the promise of transcriptomes becoming available from additional species, and the adoption of single-cell sequencing technologies in OFC models, these may reveal proteolytic enzymes and provide extra evidence for how the BM at the OF is degraded, or alternatively these may allow us to conclude that BM dissolution is not an essential OFC process that is shared among vertebrates.

A third possible mechanism for displacing the BM is through penetration and transmigration (Figure 4D). In this model a cellular protrusion forces itself through the BM at a single initial foci to enable subsequent cell migration (Kelley et al., 2014). This mechanism was first identified in cancer-line cell cultures, but in embryonic development it is employed during anchor cell invasion in Caenorhabditis elegans, where actin-rich cellular protrusions are referred to as “invadopodia” (Hagedorn et al., 2013). In this context, the BM is punctured and moved aside by the invadopodia of the anchor cell, rather than it being dissolved. If this mechanism is active during OFC then the protruding cell could either be from within the margin (e.g., an OFC pioneer cell) or could be extraocular (such as POM or hyaloid cell). There would then be a subsequent widening of gap in the BM as the cell pushes through and other cells mix across the layers and further displace the BM, thereby widening the gap further and mediating fusion.

Netrin receptor interactions are a key mechanism driving anchor cell invasion process (Hagedorn et al., 2013). Given the recently revealed importance of NTN1 in OFC and other developmental fusion contexts (Salminen et al., 2000; Nishitani et al., 2017; Hardy et al., 2019; Richardson et al., 2019), it is intriguing to speculate that this invadopodia function may be conserved to tissue fusion mechanisms in higher vertebrates. Although there is currently no direct evidence for this process occurring during OFC, there is some circumstantial evidence emerging to support this as a possible mechanism. Cellular protrusions have been observed at foci of BM displacement in several live-imaging zebrafish studies (Gestri et al., 2018; Eckert et al., 2020) and at the ultrastructural level in fixed mouse OF tissues (Hero, 1990). Filopodia and membrane ruffles are also key features observed during the initiation of neural tube closure, as observed using scanning electron microscopy (Rolo et al., 2016). In OFC it remains unclear whether these protrusions occur prior to or after BM displacement, and if they therefore represent invadopodium or are the establishment of subsequent cell-cell contacts. Cellular protrusions are transient and dynamic structures and notoriously difficult to observe in traditional fixed-tissue assays, but applying a combination of scanning electron microscopy and improved live-imaging techniques may be sufficient to experimentally confirm their relevance in OFC. Indeed, live imaging using a combination of differentially fluorescently-tagged BM components and cell membranes in tandem could provide definitive evidence for the presence of invadopodia or similar functional structures and the timing of their appearance, and thus functional importance, during BM displacement in OFC.

There are several other plausible or theoretical mechanisms for how the BM may be modulated to permit fusion. For example, could physical forces be important—if there is sufficient tension or energy contained in the bend of the BM, could one single breach or minor dissolution event trigger localized collapse? Biophysical analyses of the BM in this context could be applied to address this question. Other possibilities are lateral sliding of BM components (Ihara et al., 2011) that expose weak points at the OF margins. This could occur through a combination of optic cup growth and local down-regulation of adhesion receptors that provide structural links at the cellular-ECM-BM interface.

The precise mechanisms of BM modulation remain distinctly uncharacterized and it may prove that a combination of these mechanisms act in a coordinated manner to permit OFC. Nevertheless, several key breakthroughs have begun to shed some light on this process and have set a framework for this topic to be an exciting and vibrantly active research area.



TRANSCRIPTIONAL STUDIES CONTRIBUTE TO THE EMERGENCE OF NOVEL MEDIATORS OF FUSION

The establishment of the animal model systems described above have enabled the use of whole-transcriptome based gene expression analyses to determine OFC relevant genes. Specific isolation of tissue at the OF with gene expression analysis is a powerful method to identify genes with roles in fusion and coloboma candidates. This was first attempted by Brown and colleagues (Brown et al., 2009) who applied laser-capture microdissection (LCM) microscopy to mouse OFs before, during, and after fusion, and then used expression microarrays to determine gene signatures associated with OFC. Their approach revealed two novel coloboma candidate loci (NLZ1 and NLZ2) and provided the first available list of relative gene expression levels in the fissure margins coincident with fusion. It took another 10 years before the use of RNA sequencing was similarly applied to provide unbiased and fully quantitative gene expression during OFC, in this case with zebrafish and chick OFs (Hardy et al., 2019; Richardson et al., 2019). In the zebrafish study, tissue was collected before, during, and after fusion. At 48 hpf, when fusion is active, 79 differentially expressed genes (DEGs) were identified; of which 63 DEGs were upregulated and 16 were downregulated in OF tissue. Due to the size of the chick OF, micro-dissection was able to more accurately separate fissure margin tissues from the broader ventral optic cup during fusion and this approach identified 101 genes that were upregulated in the OF and 437 that were downregulated. Of these, 133 genes were unannotated due to limitations of current chick genome build or unmatched to human homologs according to HGNC1. Of the known human coloboma-associated genes (as listed in Patel and Sowden, 2017; ALSomiry et al., 2019) only PAX2, ALDH1A3 (ALDH6), STRA6 and SMOC1 were found to among the genes that were significantly enriched in both chick and zebrafish datasets at the OF during fusion (Hardy et al., 2019; Richardson et al., 2019). Two other known ventral eye markers with confirmed colobomas in knock-out animal models—VAX1/2 and BMPR1B (Mui et al., 2005; Yan et al., 2020)—were also significantly enriched. This is strong evidence for conservation of gene networks among these divergent species (Gregory-Evans et al., 2004; ALSomiry et al., 2019). However, all these genes represent hierarchical signaling molecules or transcription factors, while their expression levels remained at similar levels after fusion had completed (Richardson et al., 2019), suggesting their role in OFC is unlikely to be fusion specific.

Ontology enrichment analysis for zebrafish OF genes at 48 hpf did not reveal any plausibly relevant biological processes relating to fusion (Richardson et al., 2019), however similar analyses with chick OF data returned significant enrichment for cell adhesion processes [“Biological adhesion” (GO:0022610) and “cell adhesion” (GO:0022610)]. Within the group of genes assigned to these processes, several candidates for roles during OFC fusion were revealed, such as Integrin-A2, Cadherin-4, Collagen 18A1, NTN1, and FLRT3 (fibronectin leucine rich transmembrane protein 3), and Netrin-1. Cadherins are important for epithelial cell-cell adhesion via adherens junctions, whereas Integrin clustering and integrin-mediated cell-anchoring to fibronectin-rich basement membrane at fusion sites were recently been shown to be essential during neural tube closure (Molè et al., 2020). Collagen 18A1 is a basement membrane protein that proteolytically produces endostatin and a frizzled motif from its C-and N-terminals, respectively. The physiological significance of these is currently unknown, but Col18a isoforms have been implicated for roles in wound healing, endothelial cell motility, and may interact with laminins, nidogens and other heparan sulfate proteoglycans (Maeba et al., 2019). Mutations in COL18A1 are also implicated in neural tube closure defects (Sertié et al., 2000). The Netrin-1 (NTN1) gene was one of the highest expressed and most fissure-specific gene throughout the fusion process in both studies. Ntn1 had also been previously identified as up-regulated in mouse OF (Brown et al., 2009), and in all three species its expression is immediately reduced or absent in the nascently-fused margin. Targeted loss of Netrin-1 results in highly penetrant colobomas in mice and zebrafish, with mouse embryos displaying additional fusion defects in the developing inner-ear and palate (Salminen et al., 2000; Yung et al., 2015; Hardy et al., 2019). The functional mechanisms of NTN1 in fusion are is currently unclear, but these transcriptional approaches revealed NTN1 as a novel OCF/coloboma gene among many other plausible candidates. Subsequent studies will undoubtably reveal their significance to fusion processes during OFC.



SUMMARY AND FUTURE PERSPECTIVES

The recent identification of a subset of cells that guide fusion, and the adoption of transcriptional approaches that have detected specific fusion genes, and the ability to track cells as they progress their way through fusion, have combined to provide a solid framework for elucidating the remaining mechanisms underlying fusion at the optic fissure margin (see Box 1). The challenge is to now use these advances to uncover even deeper cell behaviors and the associated genetic and/or physical cues that guide them and to integrate these with human genetic and epidemiological studies to build up a comprehensive knowledge of the process and regulation of normal and abnormal fusion. There are still several key questions to be addressed. Firstly, the pioneer cells identified in zebrafish must be robustly characterized. Their equivalents should also be identified in chick, mouse and ultimately human OF tissues to confirm their broader relevance, and their molecular signatures must be well defined in each species. The more markers that are revealed in these cells, the more we can understand their unique biology. It is likely that these will be transient and hard to detect as they pass through various stages of the fusion process. This will be markedly simpler if live imaging modalities are developed for both mouse and chicken OFC, but would also benefit from the ability to track these cells in both fixed and live systems by generating fluorescent reporters for pioneer cells. This would also permit their selective isolation from the optic cup enabling single-cell sequencing to define gene expression in those cells that directly mediate fusion.


BOX 1 | Summary of outstanding questions for OFC research.

What are the components of the BM and how are these modulated through the fusion process?

How is the BM remodeled or removed to facilitate fusion?

What are the species-specific requirements for cell death during OFC?

How are pioneer cells specified and what is their fate?

Are pioneer cells essential for fusion in all species?

Do OFM cell protrusions facilitate contact and subsequent fusion?

To what extend do OFM epithelial cells become mesenchymal during fusion and how do these cells subsequently regain epithelial organization?



Thus, we are approaching a point where we may be able to track the gene expression throughout the fusion process. In this context, it is also now theoretically possible to reveal the gene-regulatory networks that govern fusion-specific genes through chromatin capturing studies such as ATACseq or Hi-C, so long as sufficient cell numbers can be isolated. Given the paucity of pioneer cells at the fissure margin in zebrafish, it is likely that only chicken or mouse fissures could currently fulfill this experimental objective. Nevertheless, this will be a powerful approach to reveal conserved genomic regions that regulate OFC genes and complete a comprehensive gene regulatory network for fusion in the eye. Furthermore, this approach could be applied to parallel whole-genome sequencing in human patients to identify non-coding genetic causes of coloboma.

The transcriptomic data that has recently emerged has been matched human coloboma genes to their relevance in wider vertebrate OFC processes. It has also been useful to reveal several novel candidates for the fusion process. Transcriptomic analysis of human OF tissues would be advantageous to augment the available datasets and reinforce the similarities and differences between species, as would repeat transcriptomic analyses of mouse fissures using unbiased RNAseq. Combining all of these data into a meta-analysis of gene-expression in OFC across species would yield insights into both evolutionarily conserved and species-specific differences.

The current studies have also highlighted the limitations to current transcriptomics studies in as far as they have revealed few clear direct clues to how fusion is mediated at the cellular level. This may be due to the limits of detection, e.g., due to there being too few fusion-mediating cells in OF samples with heterogeneous tissues, or it may reflect transcriptional changes that are too subtle or transient to detect. Single-cell analysis, in particular making use of the size advantages of chick eyes or fluorescently marking pioneer cells, may be useful to overcome these problems. However, it may be that the main fusion mediating processes are post-transcriptional and therefore will not be detected by transcriptional analyses. In addition to broad marker analysis using traditional immunolabeling techniques, imaging-coupled proteomic analyses may be a worthwhile avenue to explore. Imaging mass spectrometry (IMS) has been developed for the detection and characterization of spatial abundance patterns for a range of molecule classes in a wide spectrum of tissues. These include small molecule metabolites, lipids, and proteins, and even histone modifications, that can be visualized directly in histological sections of tissues (Ly et al., 2015; Lahiri et al., 2016; Kriegsmann et al., 2019). Advances in technologies such as these open up new ways of understanding the fusion process at the molecular level, outside of the normal constraints of gene and protein analyses. Such techniques could be applied to reveal the compositional nature of the basement membrane and the ECM in the OF. Traditional approaches of ultrastructural analyses are also warranted [e.g., Immuno-gold labeling electron microscopy (EM) analyses] and will be powerful to detect changes to extracellular components during fusion. Serial block face Scanning EM is another technology that would lend itself to OF research as it harnesses the power of ultrastructural analyses by EM with serial-sectioning to yield a 3D reconstruction of the fissure as it fuses. This approach could be used with either model organism or human OFs, if available, and could detail the whole process of fusion at the ultrastructural level. For example, by identifying cellular extensions and their position through basement membranes or between gaps where the BM has been already removed and classifying the position and type/composition of cellular junctions between all of the cell-types at the OF margin.

The requirement for apoptosis or cell death in OFC is still unclear. The available evidence suggests that it is required to maintain an appropriate cell number in the ventral eye, but only in chick eyes are apoptotic foci clearly observed in the fissure margins during normal fusion (Hardy et al., 2019). It would be useful to follow up this observation in the chick to assess its importance through OFC-specific inhibition of apoptosis, e.g., by ectopically expressing the apoptosis inhibitor Bcl2 or adding caspase-inhibitors in the OF (Fekete et al., 1997; Keoni and Brown, 2015). Similarly, it would be useful to perform comprehensive cell-death assays in human and mouse fissures using histological, TUNEL or immunofluorescence approaches, however, the best data for confirming the requirement will be through human genetics studies -the identification of causative mutations in cell survival factors in coloboma patients.

Through the recent advances described in this review and the promises of powerful tools to augment targeted research, it is now reasonable to predict that the mechanisms for fusion during OFC will be largely elucidated in the near future. Once the main characteristics of this process have been determined at the genetic, molecular and cell-behavioral level, it will be necessary to use this information to determine the other causes of fusion defects—the contribution of environmental factors such as vitamin or nutrient deficiency, maternal illness, or substance abuse (Moosajee and Gregory-Evans, 2006). Having comprehensive datasets and a thorough understanding of fusion, will allow informative studies to test the contributions of these factors, and provide the missing information needed to ultimately lead to the prevention of fusion defects.
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Vertebrate dentitions arise at various places within the oropharyngeal cavity including the jaws, the palate, or the pharynx. These dentitions develop in a highly organized way, where new tooth germs are progressively added adjacent to the initiator center, the first tooth. At the same time, the places where dentitions develop house the contact zones between the outer ectoderm and the inner endoderm, and this colocalization has instigated various suggestions on the roles of germ layers for tooth initiation and development. Here, we study development of the axolotl dentition, which is a complex of five pairs of tooth fields arranged into the typically tetrapod outer and inner dental arcades. By tracking the expression patterns of odontogenic genes, we reason that teeth of both dental arcades originate from common tooth-competent zones, one present on the mouth roof and one on the mouth floor. Progressive compartmentalization of these zones and a simultaneous addition of new tooth germs distinct for each prospective tooth field subsequently control the final shape and composition of the axolotl dentition. Interestingly, by following the fate of the GFP-labeled oral ectoderm, we further show that, in three out of five tooth field pairs, the first tooth develops right at the ecto-endodermal boundary. Our results thus indicate that a single tooth-competent zone gives rise to both dental arcades of a complex tetrapod dentition. Further, we propose that the ecto-endodermal boundary running through this zone should be accounted for as a potential source of instruction factors instigating the onset of the odontogenic program.

Keywords: tooth development, initiation, patterning, dental arcades, ectoderm, endoderm, axolotl


INTRODUCTION

One of the most important features of vertebrate dentitions is the patterned arrangement of their elemental units, the teeth. Each tooth has its defined position and a particular relation to other teeth of that dentition. In extant vertebrates, tooth development is restricted to the oropharyngeal region, where the locally thickened epithelium demarcates the prospective tooth-forming areas. This so-called odontogenic band usually invaginates into the underlying mesenchyme where it forms an epithelial strand, the dental lamina.

Shh and Pitx2 represent earliest markers of odontogenesis and factors responsible for tooth development in vertebrates. Absence of Shh or Pitx2 signaling results in the loss of tooth signaling centers, defects in tooth development, and missing teeth (Lin et al., 1999; Dassule et al., 2000; Cobourne et al., 2004; Jackman et al., 2010; Yu et al., 2020), and a lack of co-expression of Shh and Pitx2, for example, is associated with toothlessness in cypriniforms (Jackman et al., 2010). Once Shh and Pitx2 specify the positions of the nascent dentition, a sequence of events leading to the appearance of the first tooth controls the addition of further tooth germs adjacent to this initiator-tooth (Gibert et al., 2019; Sadier et al., 2019, 2020). The way in which new tooth germs are sequentially added in the vicinity of this initiator-tooth then leads to the final appearance of the respective tooth field.

While the expression of Shh and Pitx2 and the induction from the initiator-tooth may be among the earliest events of the developing dentition, it is not satisfactorily explained how the spatial distribution of this initial odontogenic potential within the oropharyngeal cavity is regulated (Balic, 2019). Several cues have been proposed including (1) the polarization and regionalization of the mandibular arch along the proximo-distal axis (Sharpe, 1995; Tucker and Sharpe, 2004), (2) activator/inhibitor interactions specifying tooth-competent regions (Sarkar et al., 2000; Fraser et al., 2008; Zhang et al., 2009), (3) the progressive and reiterated partitioning of the initially established tooth-competent region (Jernvall and Thesleff, 2000; Fraser et al., 2008), or (4) the influence of epithelial germ layers contributing to different parts of the oropharyngeal cavity (Smith, 2003; Ohazama et al., 2010).

Various roles have been assigned to the ectoderm and endoderm in triggering odontogenesis and patterning the teeth (Smith, 2003; Huysseune et al., 2009; Ohazama et al., 2010). However, a definite distinction of these germ layers fails due to the lack of general germ layer-specific morphological markers. The germ layer-specific expression of Pitx2 (oral ectoderm) and Shh (endoderm) is present only until the rupture of the oral membrane (Helms et al., 1997; Schweickert et al., 2001; Eberhart et al., 2006). Therefore, uncovering the roles of these epithelia in tooth development requires an experimental germ layer-specific labeling, which, for now, is, to a large extent, pending.

The Mexican axolotl is an extant amphibian with teeth assembled into dental arcades located in oral and palatal regions. The outer arcade is composed of single-rowed premaxillary, maxillary, and dentary tooth fields, and the inner arcade is composed of multi-rowed vomerine, palatine, and coronoid (sometimes called splenial) tooth fields (Figure 1). The composition of the axolotl dentition is typical for extant and extinct tetrapods (Matsumoto and Evans, 2017), yet how this complex dental system becomes established developmentally has not been addressed. The Mexican axolotl further provides an opportunity to experimentally assess the germ-layer origin of oral epithelia (Soukup et al., 2008) and thus, in combination with the information on the developmental origin of the respective tooth fields, represents an eligible developmental model for the understanding of the early events in the initiating dentition.
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FIGURE 1. Distribution and composition of axolotl tooth fields. (A) The dentition of an axolotl larva (19 mm TL) is composed of several tooth fields, which are assembled into outer (premaxillary and dentary) and inner dental arcades (vomerine, palatine, and coronoid). These arcades show various field-specific arrangements. Outer arcade fields form initially a single tooth row; inner arcade fields constitute tooth patches. (B,C) Separation of mouth roof from floor shows presence of the oldest tooth (arrow) and addition of new tooth germs (arrowheads) within each field. (B) In the premaxillary field (pmx), new germs are added laterally and medially as the field stretches along the upper jaw, and new germs are also added posteriorly. Vomerine (vom) and palatine (pal) fields develop by addition of new germs medially from the oldest teeth located laterally. (C) In the dentary field (den), the oldest tooth is present close to the mandibular symphysis and new germs are added laterally along the lower jaw, thus forming the tooth row. New germs are further initiated lingually. In the coronoid (cor) field, the oldest tooth is located labially and new germs are added lingually in a hand fan-shaped manner. (D,E) The dentition of a 41 mm TL axolotl larva shows a single-rowed arrangement of premaxillary (pmx), maxillary (max), and dentary (den) fields, and a multi-rowed arrangement of vomerine (vom), palatine (pal), and coronoid (cor) fields. Scale bars equal 1 mm.




MATERIALS AND METHODS


Handling of Axolotl Embryos and Transplantation of GFP-Oral Ectoderm

White mutant strain and white GFP-transgenic (Sobkow et al., 2006) axolotl embryos were acquired from the axolotl colony at MPI-CBG Dresden, Germany. Eggs prepared for prospective oral ectoderm transplantations were rinsed in tap water and put into sterile Steinberg solution containing antibiotics. Early neurulae (stage 14, Bordzilovskaya et al., 1989) were placed into a 2% agar-covered petri dish, manually decapsulated, and inserted firmly into deepenings cut into the agar. Oral ectoderm was transplanted from white GFP donors into white hosts at the early neurula stage (stage 14) as previously described (Soukup et al., 2008), and the larvae were fixed by hatching (stage 44) for whole mount analysis of the ectodermal extent in the oral cavity (n = 8). Further oral ectoderm transplantation experiments were performed for histological analysis of tooth addition at earlier stages. Embryos and larvae were anesthetized with MS-222 (Sigma) and fixed overnight in 4% paraformaldehyde in 0.1 M phosphate-buffered saline. Specimens prepared for in situ hybridization were dehydrated and stored in methanol at −20°C.



In situ Hybridization

In situ hybridizations were performed on whole mounts using DIG-labeled RNA probes. Antisense probes for in situ hybridization were obtained by in vitro transcription using primers listed in Supplementary Table 1. Rehydrated larvae were digested in 20 μg/ml proteinase K, fixed in 4% paraformaldehyde for 10 min, transferred into hybridization solution (50% formamide, 4 × SSC, 0.1 mg/ml heparin, 1 × Denhardt’s, 0.1% CHAPS, 0.2 mg/ml yeast RNA, 10 mM EDTA, and 0.1% Tween-20) and incubated overnight in hybridization solution containing probe (1:1,000). Next day, the specimens were washed several times in post-hybridization solution (50% formamide, 4 × SSC, 0.1% Tween-20) and transferred via MABT buffer (100 mM maleic acid, 150 mM NaCl, 0.1% Tween-20) into blocking solution (2% blocking reagent, 20% sheep serum, in MABT). Following blocking, the specimens were incubated overnight in the blocking solution containing alkaline phosphatase-conjugated antibody against DIG (Roche, 1:3,000) at 4°C. The specimens were washed several times in MABT buffer, transferred into NTMT (0.1 M Tris, 0.1 M NaCl, 0.05 M MgCl2, and 0.1% Tween-20) and incubated in BM Purple substrate (Roche) until the desired signal developed. The following numbers of whole-mount hybridized specimens were analyzed: n = 20 (Shh mouth floor), n = 19 (Shh mouth roof), n = 39 (Pitx2 mouth floor), n = 34 (Pitx2 mouth roof).



3D Model of Axolotl Dentition Development

Axolotl larvae at stages 38, 41, and 42 were sectioned sagittally with a cryomicrotome at 10 μm thickness and processed through in situ hybridization with the Pitx2 probe. Serial sections were photographed and used for computer-assisted 3D reconstruction. Alignment, segmentation, and surface rendering were carried out in Fiji using TrakEM2 plugin for ImageJ (Cardona et al., 2012; Schneider et al., 2012, Schindelin et al., 2012, 2015).



Alizarin Red Staining

Axolotl larvae were bleached in a solution containing 3% H2O2 and 0.5% KOH (1:4) with the help of cold light and stained by a saturated solution of Alizarin red (Fluka) plus 0.5% KOH (1:16) overnight. Stained larvae were washed thoroughly by 0.5% KOH to remove excess stain and transferred slowly through a graded series of 0.5% KOH and glycerol (4:1, 2:1, 1:1, 1:2, 1:4) into 100% glycerol.



Image Acquisition and Processing

Following in situ hybridization, larvae at stages 37–44 were dissected at the level of the jaw joint to enable whole mount visualization of teeth that had developed on the roof and floor of the mouth. Additionally, mouth roof epithelia of embryos hybridized with the Shh probe were excised and photographed as flat-mounts to prevent masking of the tooth-specific signal from the signal in the overlying neural tube. Whole mounts processed through in situ hybridization, skeletal stainings, and transplantation of GFP-labeled oral ectoderm were photographed as Z-stacks using motorized dissection microscopes (Olympus SZX12, Zeiss SteREO Lumar.V12). The final deep-focus images were acquired by merging the Z-stacks using maximum projection function. Larvae processed through transplantation of GFP-labeled oral ectoderm were further sectioned using the CM3050 cryomicrotome (Leica) and individual tooth germs were visualized using an anti-calbindin antibody (Sigma) as previously described (Barlow and Northcutt, 1997; Soukup et al., 2008). Z-stacks of sections were taken on the Olympus CellR IX81 microscope and merged as maximum projection images.



RESULTS


The Complex Tetrapod Dentition of Axolotl Arises by Separation of Initially Compact Tooth-Competent Zones

The outer and inner dental arcades of the axolotl dentition are initially composed of five, and later of six, pairs of tooth fields (Figure 1). In order to understand how this dentition acquires such a complex arrangement, we studied the expression of the early odontogenic markers Pitx2 and Shh. At early larval stages (stages 37–41), Pitx2 is expressed over the extents of the jaws and delineates tooth-competent zones. In contrast, Shh expression is focally restricted to initiating tooth germs and odontogenic bands, from where new germs will arise (Figure 2). Pitx2 expression becomes later downregulated at sites where new tooth germs are added, a situation reminiscent of other vertebrates (Keränen et al., 1999; Fraser et al., 2004, 2008). At stage 37, Pitx2 expression is restricted into broad domains on the roof and floor of the mouth (Figures 2A,C). The first tooth germs are initiated at this stage, as evidenced by the focal expression of Shh. They belong to the prospective vomerine, palatine, and coronoid tooth fields, i.e., constituents of the inner dental arcade (Figures 2B,D, small arrows). Additional strands of Shh expression are found on the roof and floor of the mouth labially from these first germs. They represent odontogenic bands from where new germs will be generated (Figures 2B,D, white arrowheads). During development, the Pitx2-expressing tooth-competent zones progressively extend posteriorly on both the roof and floor of the mouth (Figures 2A,C,E,G,I,K, parentheses) and, concomitantly, the Shh-expressing odontogenic bands align to the labial limits of these zones (Figures 2B,D,F,H,J,L). Based on the focal expression of Shh during subsequent stages, new tooth germs are added adjacent to the initiator-teeth, i.e., postero-medially in the palatine field (Figure 2J, arrowheads) and both postero-laterally and postero-medially in the coronoid field (Figure 2H, arrowheads). At stages 40 and 41, the splitting of the Pitx2 expression pattern on the mouth floor suggests a separation of the tooth-competent zone into dentary and coronoid fields (Figures 2K,O). Meanwhile, the first tooth germs of the dentary tooth field are initiated at the mandibular symphysis (Figure 2L, small arrows). During subsequent stages, the Shh expression pattern labels newly initiated tooth germs that are added antero-medially in the vomerine tooth field (Figure 2N, arrowheads), laterally along the lower jaw in the dentary tooth field (Figure 2P, arrowheads) and postero-medially in the coronoid tooth field (Figures 2L,P, arrowheads). Further analysis of expression patterns of other odontogenic factors, such as Bmp2, Bmp7, or Dlx5, confirms the addition of new tooth germs within individual tooth fields, which are delineated by the expression of Dlx3 (Supplementary Figure 1). Moreover, focal expression of Bmp2, Bmp7, and Dlx5 labels the initiation of the first tooth germ of the premaxillary field at stage 41 (Supplementary Figures 1A,C,G, arrow). In order to further analyze the progressive compartmentalization of tooth-competent zones (Figure 2), we performed an independent analysis using 3D reconstructions of the roof and floor epithelia of the axolotl mouth based on serial sections hybridized with the Pitx2 probe (Supplementary Figure 2). Concordant with data from whole mounts, stage 38 shows a compact expression pattern in the basal epithelial layer of the roof and floor epithelia of the prospective mouth. At subsequent stages, the common Pitx2 expression pattern becomes compartmentalized and eventually leads to discrete tooth fields. Thus, both whole mount data and 3D reconstructions show the separation of initially compact tooth-competent zones into distinct tooth fields. Therefore, the two dental arcades of the axolotl dentition clearly originate from a single tooth-competent zone.
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FIGURE 2. Expression patterns of Pitx2 and Shh at early stages of axolotl odontogenesis. Expression patterns of early odontogenic markers Pitx2 and Shh on the mouth roof and floor whole mounts show initial stages of development of axolotl dentition (in case of Shh expression, the epithelium of the mouth roof was dissected from whole mounts to circumvent masking of the tooth-restricted epithelial signal by the strong Shh signal from the adjacent neural tube). At stages 37–41, Pitx2 labels tooth-competent regions while Shh is restricted to individual tooth germs and into postero-medially placed odontogenic bands (visualized as strands of Shh expression demarcated by white arrowheads). Positions of tooth germs are visible as regions of lower Pitx2 expression. (A,E,I,M) Expression pattern of Pitx2 on the mouth roof is initially restricted to its anterior part but becomes broader at later stages (parentheses). (B,F,J,K) Focal expression of Shh illustrates sequential addition of tooth germs starting from the initiator-teeth of vomerine (vom) and palatine (pal) teeth (B,F, arrows). New tooth germs are added postero-medially in the palatine tooth field (J, black arrowheads) and antero-medially in the vomerine tooth field (N, black arrowheads). (C,G,K,O) Expression pattern of Pitx2 on the mouth floor enlarges posteriorly throughout development and, at stages 40–41, the pattern separates into the prospective dentary (den) and coronoid (cor) tooth fields (K,O, parentheses). (D,H,L,P) Focal Shh expression on the mouth floor marks positions of initiator-teeth of the coronoid (D,H, arrows) and dentary fields (L,P, arrows) and the addition of new tooth germs within both tooth fields (H,L,P, black arrowheads). New tooth germs are added lingually to the initiator tooth germ in the coronoid tooth field (H,L,P, black arrowheads) and laterally from the medially positioned initiator tooth in the dentary tooth field (P, arrowheads). b1, first branchial arch; cor, coronoid tooth field; den, dentary tooth field; h, hyoid arch; m, mandibular arch; pal, palatine tooth field; vom, vomerine tooth field. Scale bar equals 500 μm.




Further Differences Among Axolotl Dental Arcades Arise by a Field-Specific Addition of Tooth Germs

The separation of tooth-competent zones into individual tooth fields is followed by a progressive and rapid addition of tooth germs within individual fields. Pitx2 expression progressively changes from broadly delineating the tooth-competent zones into focal patterns that label individual tooth germs (compare the gradual change in Pitx2 expression portrayed on Figures 2M,O, 3A–D). Interestingly, this change in Pitx2 expression takes place earlier on the mouth floor than on the mouth roof; i.e., stage 42 shows that Pitx2 is expressed generally within premaxillary, vomerine, and palatine fields (Figure 3A) and focally within tooth germs of the dentary and coronoid fields (Figure 3B). This suggests that the development of tooth fields on the mouth floor is slightly advanced relative to that on the mouth roof.
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FIGURE 3. Expression pattern of Pitx2 at later stages of axolotl odontogenesis. Pitx2 expression becomes gradually restricted to individual tooth germs (arrows mark initiator-tooth germs of respective tooth fields and arrowheads mark sequentially added tooth germs). (A,C,E) Within the mouth roof epithelium, the initial Pitx2 expression delineating individual tooth fields (black broken lines in A) becomes focused into individual tooth germs, inter-germ regions, and the forming successional dental laminae of vomerine (vom) and palatine (pal) tooth fields (C,E). Pitx2 expression is further associated with the developing premaxillary tooth field (pmx), although individual tooth germs cannot be discerned. (B,D,F) Within the mouth floor epithelium, strong Pitx2 expression is visible in the developing tooth germs of dentary (den) and coronoid (cor) tooth fields. cor, coronoid tooth field; den, dentary tooth field; pal, palatine tooth field; pmx, premaxillary tooth field; vom, vomerine tooth field. Scale bars equal 500 μm (scale bar in B is valid for A,B, scale bar in F is valid for C–F).


Stages around hatching display a continuation of the addition of new tooth germs within individual tooth fields but also differences among their prospective single-rowed versus multi-rowed arrangements. Moreover, while new germs initially arise from the adjacent superficial epithelium (Figures 4A–E), later tooth germs develop from the invaginated successional dental laminae, whose positions regulate the future arrangement of the respective tooth fields (Figures 4F–J). For example, in the premaxillary field, new tooth germs are added laterally and medially to the initiator-teeth (Figure 4A), while in the dentary field, new germs are added laterally from the pair of parasymphyseal initiator-teeth (Figures 2L,P, 4D). Though formed differently, both fields eventually produce teeth assembled into a single row that runs along the jaw margins and is connected lingually through a continuous dental lamina (Figures 4F,I). Likewise, the tooth fields on the mouth roof produce initial rows of tooth germs by antero-medial addition in vomerine fields and postero-medial addition in palatine fields (cf. Figures 3C, 4B,C). The lingual positions of successional dental laminae then result in the addition of new germs lingually (Figures 3E, 4G,H), thus producing multi-rowed patches of teeth on the mouth roof. On the mouth floor, the coronoid tooth field is produced first by the sequential addition of tooth germs from the adjacent epithelium followed by addition from the lingually positioned successional dental lamina (Figures 4E,J). Thus, the pattern of the addition of tooth germs sets a basis for the arrangement of axolotl dentition into outer and inner dental arcades with different properties. During larval development, teeth of the outer dental arcade become arranged into a single functional row while teeth of the inner dental arcade become clustered into patches with many functional rows.
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FIGURE 4. Histological analysis of tooth addition within axolotl tooth fields. Horizontal sections (left sides shown, anterior to the top) through individual tooth fields show positions of the respective initiator-tooth (black arrows) and the newly added successive tooth germs (black arrowheads) at stages of early addition (A–E) and later morphogenesis (F–J), when successional dental laminae are clearly discernible (demarcated by white arrowheads). (A) Premaxillary tooth field at stage of opened mouth (stage 43) contains three tooth germs (arrowheads) that are added laterally and medially to the initiator-tooth (arrow). (B,C) Vomerine (vom) and palatine (pal) tooth fields at stage 42 are composed of laterally positioned initiator-teeth (arrow) and two adjacent medially positioned tooth germs (arrowheads). (D) Dentary tooth fields are each initiated from the initiator-tooth (arrows) developing close to the mandibular symphysis (s) and new tooth germs (arrowheads) are added laterally along the Meckel’s cartilage (Mc). (E) Coronoid tooth field is composed of a patch of tooth germs (arrowheads) with the initiator-tooth present antero-laterally (arrow). (F) Premaxillary tooth field of a 14 mm TL larva shows arrangement into a tooth row. New tooth germs are added lingually from the successional dental lamina and, as the upper jaw grows, the premaxillary field expands by further addition of tooth germs at lateral and medial edges of the dental lamina (white arrowheads). (G,H) Vomerine and palatine tooth fields containing several teeth arranged into a tooth patch with new germs arising from the lingually positioned successional dental laminae (white arrowheads). Slight difference in composition exists between these tooth fields that can be ascribed due to the addition of first teeth antero-medially to the initiator-tooth (black arrow) in the vomerine field (B) and postero-medially in the palatine field (C), and to the subsequent development of new tooth germs from the lingually placed successional dental laminae (white arrowheads). (I) Dentary tooth field is arranged into the tooth row. New tooth germs are added from the lingually positioned successional dental lamina and laterally (white arrowhead) due to expansion of the growing Meckel’s cartilage (Mc). (J) Coronoid tooth field at a slightly older stage than that of (E) develops from the lingual successional dental lamina (white arrowheads). Scale bars equal 100 μm.




Axolotl Dentition Arises at the Ecto-Endodermal Boundary

The distribution of ectoderm and endoderm in the oropharynx has been hypothesized to play a key role in the initiation and patterning of teeth (Smith, 2003; Ohazama et al., 2010), yet, a thorough knowledge on the distribution of these epithelia in extant vertebrates is largely unknown (reviewed in Soukup et al., 2013). We previously studied the distribution of these epithelia in the Mexican axolotl and showed that the labial portion of the nascent mouth epithelium consists of the ectodermal basal layer and the endodermal apical layer and that the lingual ectodermal boundary runs through the tooth fields (Soukup et al., 2008). We performed a new series of transplantations of the prospective oral ectoderm from GFP-transgenic axolotl neurulae into white hosts (n = 8). Experiments resulted in an invariable labeling of the ectodermal lining inside the oral cavity, which allows a detailed visualization of the ecto-endodermal boundary during the developing dentition. On whole mounts, the GFP-labeled ectoderm reaches an anterior portion of the palate in front of and slightly behind inner nostrils (Figure 5A) and the labial portion of the lower jaw (Figure 5D). The ecto-endodermal boundary on the palate stereotypically displays an uneven, roughly bilaterally symmetrical shape with an intermingling of cells, especially medially at the place of migration of the adenohypophyseal anlage (Figures 5B,C). On the other hand, the ecto-endodermal boundary on the mouth floor displays a crescent-shaped arrangement that runs along the length of the lower jaw (Figures 5E,F).
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FIGURE 5. Distribution and epithelial derivation of teeth in the axolotl oral cavity. (A,D) Whole mount larvae at stage 44 dissected at the jaw joint and stained by alizarin red demonstrate developing teeth assembled into premaxillary (pmx), vomerine (vom), and palatine (pal) tooth fields on the mouth roof (A), and into dentary (den) and coronoid (cor) tooth fields on the mouth floor (D). (B,C,E,F) Epithelial origin of teeth and schematic interpretation of germ-layer distribution in the axolotl oral cavity (note that only the basal epithelial layer is depicted; the apical layer of the oral epithelium is derived from endoderm). Black dots in C and F represent individual teeth, and positions of initiator-teeth of each tooth field are labeled with black arrows. Teeth developing at the ecto-endoderm boundary are found in vomerine, palatine, dentary, and coronoid tooth fields. ad, adenohypophysis; ch, choana (inner nostril); den, dentary teeth; ECT, ectoderm; END, endoderm; pal, palatine teeth; pmx, premaxillary teeth; cor, coronoid teeth; vom, vomerine teeth. Scale bar equals 500 μm.


The ecto-endodermal boundary runs through the tooth fields so that individual tooth germs display a differential epithelial origin: ectodermal, endodermal, or ecto-endodermal. Histological analysis shows that the dentary tooth fields are composed of ecto-endodermal germs developing close to the mandibular symphysis (Figure 6E, yellow arrows). The other dentary teeth, on the other hand, develop from the ectodermal epithelium laterally along the jaw (Figure 6E, white arrowheads). Interestingly, the parasymphyseal teeth represent the initiator-teeth from where new germs are added laterally, i.e., the dentary field is initiated directly at the ecto-endodermal boundary. Single ecto-endodermal tooth germs are also found antero-laterally in the coronoid and palatine tooth fields, while other teeth of these fields are of endodermal origin (Figures 6A–D, yellow arrows). Based on histological data and Shh expression (Figures 2F,J, 3E, 4C,H), we reason that the ecto-endodermal teeth represent the initiator-teeth of these fields and that other teeth are added lingually from endodermal regions. Similarly to the dentary field, the initiator-teeth of the coronoid and palatine fields are found at the ecto-endodermal boundary. The initiator-tooth and also the first added tooth germs of the vomerine field, on the other hand, develop anterior to the ecto-endodermal boundary, i.e., from the ectodermal epithelium (Figure 6B, white arrow and white arrowheads). Yet, some teeth arising at later larval stages develop from ecto-endoderm due to the lingually positioned ecto-endodermal successional dental lamina (Figures 6B,C, yellow arrowheads). In contrast to other tooth fields, the premaxillary field is composed solely of teeth of ectodermal origin (Figures 5B,C).
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FIGURE 6. Histological analysis of the epithelial origin of the axolotl teeth. Histological analysis shows details of epithelial origin and modes of addition of teeth (marked by anti-calbindin antibody) within the tooth fields. Arrows mark initiator-tooth germs in each tooth field, arrowheads mark sequentially added tooth germs, yellow arrow/arrowhead denotes tooth developing at the ecto-endoderm boundary, and white arrow/arrowhead denotes tooth developing solely from either ectodermal or endodermal epithelium. (A) Sagittal section showing lateral-most palatine tooth developing at the ecto-endoderm boundary (yellow arrow) close to endoderm-derived coronoid tooth germs (white arrowheads). (B) Horizontal section through vomerine and palatine tooth fields. Two vomerine teeth develop in the ectodermal epithelium (white arrow and arrowhead) and one tooth germ is of ecto-endodermal origin (yellow arrowhead). Palatine tooth field is composed of one ecto-endodermal tooth germ labially (yellow arrow) and two endodermal germs (white arrowheads) lingually. Note the just-arising successional dental laminae (broken lines) that are of endodermal origin in case of the palatine field and ecto-endodermal origin in case of the vomerine field. (C) Horizontal section of later stage vomerine and palatine tooth fields showing ecto-endodermal germ in each vomerine and palatine fields (yellow arrow and arrowhead) next to other ectodermal vomerine teeth and endodermal palatine teeth (white arrowheads). Successional dental laminae (broken lines) are of ecto-endodermal origin in vomerine field and endodermal origin in palatine field. (D) Sagittal section medial to that shown in (A) depicting ecto-endodermal coronoid tooth (yellow arrow), which develops at the level of other tooth germs of vomerine, palatine, and coronoid tooth fields (white arrow and arrowheads). (E) Horizontal section showing ecto-endodermal teeth developing medially in the dentary tooth field (yellow arrows) next to other ectodermal teeth of dentary and premaxillary fields and endodermal teeth of the coronoid field (white arrowheads). den, dentary teeth; pal, palatine teeth; pmx, premaxillary teeth; cor, coronoid teeth; s, symphysis; vom, vomerine teeth. Scale bar equals 50 μm.


The combination of data on the modes of the addition of new tooth germs within the tooth fields and their germ-layer derivation thus allows us to propose that the initiator-teeth in three tooth fields arise directly at the boundary between ectoderm and endoderm (Figures 7A,E,G) and those of the other two are initiated in ectodermal regions. No initiator-tooth stereotypically develops from the endoderm. New tooth germs subsequently arise from ectoderm, endoderm or ecto-endoderm due to specific development of the respective tooth field.
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FIGURE 7. Relations between the germ-layer distribution and patterning of the axolotl dentition. During the course of the axolotl mouth development, oral ectoderm and endoderm do not form a sharp boundary, but instead the basal layer of oral ectoderm involutes to constitute the basal layer of the nascent oral epithelium while the solid endoderm forms the apical layer (A–D). As a result, the ecto-endodermal boundary within the basal layer of the mouth roof (black arrowhead) and floor (gray arrowhead) is different from that within the apical layer. The broken line in (A–C) shows the place of the future mouth cavity. Tooth-competent zones become established in the basal epithelial layer of the mouth roof and floor (blue regions in E,F,J,K) and later become separated into the prospective tooth fields (blue regions in G,H,L,M). Tooth germs arise progressively during the process of this separation. Orange circles mark the positions of the initiator-teeth of each prospective tooth field and yellow circles denote positions of successively added tooth germs. Yellow regions mark positions of odontogenic bands at earlier stages (E,F,J,K) and successional dental laminae at later stages (G,H,L,M). Green and magenta regions show the extent of oral ectoderm and endoderm, respectively. Only the basal epithelial layer, i.e., the tooth-forming layer of the double-layered epithelium, is depicted (the black and gray arrowheads in E,J correspond to those in A–D). First, tooth germs of vomerine (V), palatine (P), and coronoid (C) tooth fields appear prior to those of the premaxillary (Pm) and dentary (D) tooth fields. The initiator-teeth of palatine, coronoid, and dentary tooth fields stereotypically arise at the boundary of ectoderm (green) and endoderm (magenta) (orange circles in F,K,L), while the initiator-teeth of the premaxillary and vomerine tooth fields arise from ectoderm (orange circles in E,G). The successive tooth germs arise from ectoderm in the case of premaxillary and dentary tooth fields, from endoderm in the case of palatine and coronoid tooth fields, and from ectoderm or ecto-endoderm in the case of vomerine tooth fields (F–H,K–M). These early events in oro- and odontogenesis lead to the salamander-specific distribution of teeth on the bones of the upper and lower jaws and on the palate (I,N). Orange teeth in (I,N) represent the initiator-teeth of each tooth field. (I,N) are schematized Figures 1B,C, respectively. den, dentary; pal, palatine; pmx, premaxillary; cor, coronoid; vom, vomerine.




DISCUSSION

Based on the presented data, we evaluate the topic on how vertebrate dentitions are established during development. We show that the typical tetrapod dentition composed of many tooth fields and assembled into dental arcades, such as that present in the axolotl, originates from an initially compact Pitx2-positive tooth-competent zone on both the mouth roof and the floor. The tooth-competent zone becomes progressively compartmentalized until, by the time of hatching, the larva possesses several well-defined tooth fields. Field-specific differences in tooth addition and patterning lead to the single-rowed versus multi-rowed tooth arrangements. In combination with fate mapping, we further show that the initial tooth-competent zone colocalizes with the boundary between ectoderm and endoderm and that this interaction instigates the initiation and early events of odontogenesis.


Axolotl Tooth Fields Arise by Separation of Tooth-Competent Zone

The initial state of axolotl dentition is evidenced by Pitx2-expressing tooth-competent zones that are overlain by Shh-expressing odontogenic bands at their posterior portions (Figures 7A,E). This initial co-expression of Pitx2 and Shh corresponds well to the situation found on the mouth roof and floor of other vertebrates such as shark, trout, cichlids, tetra, vole, and mouse, and it probably represents a blueprint of the developing oral dentitions in vertebrates (Keränen et al., 1999; Fraser et al., 2004, 2008; Stock et al., 2006; Debiais-Thibaud et al., 2015; Rasch et al., 2016). Concordantly, the lack of co-expression of these two factors has been ascribed to the inability to form oral teeth in zebrafish or to initiate a third tooth row of the two-rowed dentition in the cichlid Cynotilapia afra (Stock et al., 2006; Fraser et al., 2008). In cichlids, the following reiterated focal expression of Shh within the solid Pitx2-expressing domain defines positions of newly added tooth germs that lead to the development of dentitions composed of many teeth (Fraser et al., 2008). Likewise, new foci of Shh expression within the Pitx2-expressing tooth-competent zones demarcate the newly added tooth germs also in axolotl (Figures 7A,B,E,F). However, both the positioning of new tooth germs and the odontogenic bands occurs even prior to the complete separation of tooth-competent zones.

The progressive compartmentalization of tooth-competent zones leads to individual tooth fields whereas no tooth field is established de novo. This means that in axolotl, the dentition composed of five pairs of tooth fields and assembled into outer and inner dental arcades develops only from two Pitx2-expressing tooth-competent zones present on the mouth roof and floor. The progressive compartmentalization is reminiscent of the proposed sequential partitioning of tooth-competent zones during the establishment of the heterodont dentition in mammals, where a gene toolbox reiteratively functions in a nested fashion to progressively partition the previously defined regions into smaller compartments up to individual tooth cusps (Jernvall and Thesleff, 2000). Under this scenario, a field of competence (odontogenic band) is first established; second, a tooth type area is specified (incisor, canine, premolar, and molar); third, individual teeth are initiated; and finally, their cusps arise. By applying this scenario to homodont dentitions composed of many uniform teeth, such as those found in the axolotl or, e.g., ray-finned fishes, the initially defined tooth-competent region would directly be compartmentalized into individual tooth germs (Streelman et al., 2003; Fraser et al., 2008). In axolotl, however, the tooth-competent zones give rise not only to the marginal teeth, for which the model of progressive partitioning was originally proposed, but also to the entire tetrapod-type dentition composed of many tooth fields assembled into two dental arcades.

Interestingly, partitioning of the axolotl tooth-competent zones into prospective tooth fields also affects the odontogenic bands. The initiator-tooth germs of vomerine and palatine fields are among the first appearing teeth of the axolotl dentition, and these fields initially share a common odontogenic band (Figures 7A,B). However, during the process of partitioning of tooth-competent zones and the appearance of distinct vomerine and palatine tooth fields, the single odontogenic band becomes divided into vomerine and palatine parts. Both parts produce replacement teeth of their respective field. In this respect, it is interesting to note that the early intimate relation between the vomerine and palatine odontogenic bands may explain the later association of vomerine and palatine successional dental laminae in larval salamanders. Although this is not the case in the axolotl, where the vomerine and palatine tooth fields develop separately (see Clemen and Greven, 1977), the mature tooth-producing vomerine and palatine successional dental laminae of the fire salamander are joined by an unproductive epithelial band (Clemen, 1978). Thus, in the fire salamander, the connection between the vomerine and palatine tooth fields may be a continuation from early developmental stages, where these two tooth fields share a common odontogenic band.



Axolotl Inner Dental Arcade Is Initiated Prior to the Outer Dental Arcade

Tooth fields in axolotl emerge in the following order: (1) vomerine + palatine + coronoid, (2) dentary, (3) premaxillary, i.e., teeth of the inner dental arcade are initiated prior to those of the outer arcade (Figure 2). The initial sequence of appearance is reflected in the composition of the dentition at hatching (stage 44), when the tooth fields of the inner arcade show a multi-rowed arrangement, while those of the outer arcade still undergo addition of new germs into a row. This developmental progression of the inner over the outer dental arcade is conspicuous. In general, during embryonic and larval periods, the differentiation of body parts such as the pharyngeal region, rhombomeres, or somites, usually progresses in an anterior-to-posterior fashion (Dequéant and Pourquié, 2008; Graham, 2008; Schilling, 2008). Deviations of this rule have been associated with the development of adaptive organs necessary for embryonic or larval survival (Pospisilova et al., 2019; Stundl et al., 2019, 2020). Salamander larvae, including the neotenic Mexican axolotl, are suction feeders. After being sucked in, the prey is firmly gripped in the oral cavity and then oriented through several cycles of releasing, reorienting, and immediate re-gripping until swallowing (Deban and Wake, 2000). This manipulation is facilitated by the presence of tooth patches at the rear of the mouth. Concordantly, the first odontogenic bands and successional dental laminae, from which subsequent tooth germs arise in axolotl, develop in relation to vomerine, palatine, and coronoid tooth fields, thus facilitating the early achievement of a multi-rowed arrangement of the inner dental arcade. The early establishment of tooth patches in the inner dental arcade assures that the newly hatched axolotl larva is equipped with an apparatus ready-to-use for capturing and processing prey, whereas the outer arcade may be lagging in time and develop fully only at later larval stages.



The Field-Specific Addition of Teeth Controls the Final Composition of the Axolotl Dentition

The pattern of tooth germ addition is disparate among individual axolotl tooth fields (Figure 7). Generally, the final appearance of the respective tooth field depends on the shape of the Pitx2-expressing field and the position of the initiator-tooth. For example, the dentary field is narrow and strand-shaped, wherein tooth germs are sequentially added into a row, and this situation is reminiscent of the developing mammalian dentition. The coronoid field, on the other hand, is wide and tooth germs assemble into a cluster (Figures 7G,H), i.e., a situation reminiscent of the multi-rowed dentition of cichlids (Fraser et al., 2008). The differences in tooth patterning at early stages of axolotl development are subsequently reflected in the final arrangement of teeth at larval stages.

Each prospective tooth field in the axolotl starts its development with the appearance of the first tooth. In zebrafish, the first tooth acts as a signaling center for the initiation of two adjacent tooth germs, and these three teeth then constitute the first row of the dentition (Van der heyden and Huysseune, 2000; Gibert et al., 2019). In the mouse, the first tooth germ similarly initiates the whole molar row (Prochazka et al., 2010; Sadier et al., 2019). The first tooth thus acts as an initiator cue for the development of the whole tooth row or tooth patch (Sadier et al., 2020) while spacing between the teeth is mediated by the zone of inhibition surrounding each tooth germ (Osborn, 1978; Huysseune and Witten, 2006; Fraser et al., 2008). In the axolotl, the position of the initiator-tooth is specific to each tooth field (Figure 7) and these different positions next trigger disparate ways, in which new germs are added (see Huysseune and Witten, 2006). For example, among the narrow strand-shaped fields, the dentary tooth germs are added laterally to the parasymphyseally positioned initiator-tooth while the premaxillary tooth germs are added both laterally and medially to the mid-laterally positioned initiator-tooth (Figures 7C,D,G,H). The addition of new germs within each tooth field progresses through redeployment of tooth-competent genes, such as Shh, Bmp2, or Bmp7, until this region becomes fully filled up with tooth germs (Figures 2, 3 and Supplementary Figure 2).

After filling up the initial area of the tooth field with individual teeth, new tooth germs can only be added by further enlargement of this field. This may happen basically in two ways that can act simultaneously. First, the embryonic growth leads to the enlargement of the field by a medio-lateral prolongation, and so new tooth germs may be added sequentially along the jaw length. This is most notably visible on the dentary, but also premaxillary and maxillary, where the lateral addition of new teeth of the premaxillary field progressively covers the maxillary bone, resulting in the presence of the common dental lamina on the upper jaw margin (Clemen and Greven, 1977, 1994). Second, the lingually positioned successional dental lamina provides further space for the additional production of tooth germs behind the already formed tooth row(s). This is most conspicuous in case of vomerine or palatine tooth fields. In vertebrates, progressive enlargements of fields of competence have been associated with patterning of other, non-dental, iterative structures such as bird plumage, or shark denticles (Jung et al., 1998; Cooper et al., 2018) and the addition of new units into the existing row simultaneously with the addition of new rows thus seems to be a general phenomenon of dentitions composed of many teeth and tooth generations (Van der heyden and Huysseune, 2000; Ellis et al., 2016). From this viewpoint, the addition of new tooth units simultaneously at the edges of the tooth fields and from successional dental laminae in the axolotl is in good accord with that present in other vertebrates.



Some Axolotl Teeth Develop Stereotypically at the Ecto-Endodermal Boundary

The boundary between ectoderm and endoderm in axolotl runs through individual tooth fields (Figure 7). Except for the purely ectoderm-derived premaxillary tooth field that later expands laterally onto the maxillary bones (Clemen and Greven, 1977), the remaining tooth fields are ecto-endodermal. In palatine, coronoid, and dentary tooth fields, the relation between the ecto-endodermal boundary and the teeth is special in that the boundary stereotypically runs through the first-forming tooth germs, i.e., initiator-teeth of these fields. Thus, in axolotl, the initiator-tooth either develops from the ectoderm (premaxillary and vomerine) or directly at the ecto-endodermal boundary (palatine, coronoid, dentary, Figure 7, orange circles). We found no purely endoderm-derived initiator-tooth. Interestingly, among the fields with the ecto-endodermal initiator tooth, the newly added tooth germs develop either from ectoderm (dentary field) or from endoderm (palatine and coronoid fields). In the vomerine field, where the initiator-tooth is ectodermal, the subsequent germs are ectodermal or ecto-endodermal.

The ecto-endodermal boundary runs through the tooth fields in such a way that even the odontogenic bands of early larvae and the successional dental laminae that produce new tooth germs at later larval stages may be of double-germ layer origin. Besides the ectodermal dental lamina of the premaxillary field and the endodermal dental laminae of the palatine and coronoid fields, the dental lamina of the vomerine field is ecto-endodermal (Figures 6B,C), and we propose its presence also in the case of the dentary field.

With spatial relations between the germ layer distribution and the initiator-tooth development, the axolotl constitutes a unique model among extant vertebrates. In the mouse, the Sox17-reporter line shows the presence of the Sox17-positive endodermal epithelium at the rear of the tongue and posterior to the developing dentition, meaning that all murine teeth are ectoderm-derived (Rothova et al., 2012). In zebrafish, the tooth-forming pharyngeal epithelium per se is endodermal, although teeth develop only when the pharyngeal endoderm contacts the surface ectoderm via the pharyngeal cleft/pouch and only after an apical periderm-like layer on top of the odontogenic epithelium was formed (Oralová et al., 2020). In the axolotl, mouth development progresses through a stomodeal collar, where the oral ectoderm involutes and eventually contributes, in the anterior oral regions, exclusively to the basal layer of the double-layered oral epithelium (Figures 7A–D; Soukup et al., 2008, 2013). Given that initiator-teeth of individual axolotl tooth fields are either fully ectodermal or half ectodermal and half endodermal, this suggests that the ectoderm may be responsible for the initiation of axolotl dentition. Why should, instead of staying externally, the oral ectoderm progress through a complicated stomodeal collar morphogenesis, rather than reach the prospective palatal and coronoid positions to initiate teeth? Such an interpretation would, together with the data on the role of germ layers during the initiation of teeth in zebrafish (Oralová et al., 2020), be mechanistically well in line with the modified outside-in hypothesis of tooth origin. This hypothesis suggests that the odontogenic potential originated externally in the skin, where the surface ectoderm instigated development of odontodes. This odontogenic potential later became translocated into the oropharyngeal region in a way that teeth of extant vertebrates develop either from the ectoderm or from the endoderm, yet with a close-by presence of the tooth-instructive ectoderm (Huysseune et al., 2009, 2010). Conversely, in vitro experiments, in which different embryonic tissues from salamanders were combined and their differentiation potential was studied, corroborate that tooth germs are produced only when oral ectoderm, foregut endoderm, and cranial neural crest are co-cultured (Wilde, 1955; Graveson et al., 1997). No teeth form when either oral ectoderm or foregut endoderm alone is co-cultured with neural crest (Wilde, 1955; Takata, 1960). The combinatorial presence of ectoderm, endoderm, and neural crest thus seems to be a necessary prerequisite for salamander tooth development.

Recently, an evolutionary–developmental relationship between teeth and taste buds has been hypothesized based on shared expression profiles (Fraser et al., 2010). The relation between these two structures has further been linked due to the shared niche of progenitor cells present at the taste–tooth junction in the shark, ray, pufferfish, and leopard gecko (Martin et al., 2016; Thiery et al., 2017; Salomies et al., 2019; Rasch et al., 2020), suggesting that this relationship could be present also in the axolotl. Taste buds in axolotl arise from the basal layer of the oropharyngeal epithelium, and thus can be both ectodermal and endodermal (Barlow and Northcutt, 1995; Barlow, 2000). Interestingly, although the relationship between teeth and taste buds has not directly been studied in the axolotl, the density of taste buds within the oropharyngeal cavity is highest close to the tooth fields (Northcutt et al., 2000). If the presence of the taste–tooth junction were confirmed in the axolotl, it would further be interesting to assess its relations to the ecto-endodermal boundary. In such a case, we would predict colocalization of the taste–tooth junctions and the ecto-endodermal boundary close to the dentary and vomerine tooth fields, i.e., places where this boundary resides lingual to the respective tooth field (Figures 5B,C,E,F), a hypothesis ready to be tested. Furthermore, ecto-endodermal fate mapping performed on species, where the taste–tooth junction was proposed, would further test the plausibility of this hypothesis.

Our data lead us to reason that the boundary between the ectoderm and endoderm accounts for a potential source of instruction factors that stimulate the onset of the odontogenic program. Such an interaction system with a potential tooth-instructing role may be a widespread feature of the vertebrate oropharyngeal cavities especially at places, where the outer ectoderm comes into contact with the inner endoderm. For example, if the physical ecto-endodermal contact is compromised in vivo in zebrafish, the odontogenic program is not triggered (Oralová et al., 2020). Based on these data, we hypothesize that the combinatorial influence of the ectoderm and endoderm on tooth development, or the physical boundary of these epithelia per se, may be a much more widespread and perhaps ancient feature of vertebrate odontogenesis. Is there a support for an ancient role of the ecto-endodermal boundary in tooth initiation? Interestingly, the basalmost stem osteichthyan Lophosteus shows initiation of dermal odontodes and teeth at the oral–dermal boundary running along the length of the lower jaw (Chen et al., 2020). New odontodes are sequentially added labially and new teeth lingually from this boundary. Presumably, this boundary represents a generative interface of the outer and inner developmental environments from where new hard tissue elements (odontodes/teeth) develop in an ordered way (Chen et al., 2020). Although the fossil data cannot provide the precise knowledge on the distribution of soft tissues such as tooth-forming epithelia and the direct linkage of the oral-dermal and ecto-endodermal boundaries, it is tempting to speculate that the oral-dermal boundary on the lower jaw of Lophosteus represents an ancient ecto-endodermal boundary with instructive role for the initiation of tooth development. In this context and in the context of the current study, there is an apparent need for the broader use of detailed fate-mapping studies in the range of “models” and “non-models” in order to visualize and evaluate the role of the ecto-endoderm boundary for the initiation of vertebrate odontogenesis.



CONCLUSION

Vertebrates display a wide array of dentitions with patterned arrangements. Yet, how such patterns emerge during development and what the initiation agents of tooth patterning are, are largely unanswered questions (Smith, 2003; Huysseune and Witten, 2006; Fraser et al., 2008; Balic, 2019). The axolotl represents a suitable model for the study of patterning of teeth into a row or a patch. Moreover, in this animal, the colocalization of the initiator-teeth and the ecto-endodermal boundary points to the boundary as the potential source of initiation signals that instigate odontogenesis. Be it directly at the boundary or in its proximity, vertebrate dentitions frequently develop at places of interactions between ectoderm and endoderm, such as the jaws, the palate, or the branchial arches. Therefore, the role of the ecto-endodermal boundary on tooth initiation and development is certainly a challenging yet vastly underestimated topic of vertebrate embryogenesis.
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Supplementary Figure 1 | Expression of selected genes during axolotl odontogenesis. (A–D) Expression of Bmp2 and Bmp7 demarks positions of individual initiator-tooth germs of each nascent tooth field (arrows) and positions of successive tooth germs (arrowheads) in a pattern similar to that of Shh (see Figure 2). (E,F) Expression of Dlx3, on the other hand, delineates positions of tooth fields (black broken lines) similarly to that of Pitx2 (see Figure 2). (G,H) Dlx5 transcripts are restricted to the developing tooth germs besides their presence at other craniofacial regions. cor, coronoid field; den, dentary field; pal, palatine field; pmx, premaxillary field; vom, vomerine field. Scale bar equals 500 μm.

Supplementary Figure 2 | 3D models of the developing axolotl dentition based on serial sagittal sections hybridized with the Pitx2 probe. The models visualize the shape and relationship of Pitx2-expressing areas aka tooth competent zones and tooth fields. During embryonic development, the initially compact tooth-competent zones on the mouth roof and floor (st. 38) become compartmentalized into individual tooth fields. The models were reconstructed based on the complete series of sagittal sections hybridized with a Pitx2 probe (left column, solid lines mark the basement membrane of the oropharyngeal epithelia, broken lines mark the place of future oropharyngeal opening). Mouth roof expression is in red color, mouth floor expression in blue color, basal epithelial layer of the oral epithelium in gray color and cyan dots demark positions of tooth germs. ad, adenohypophysis; cor, coronoid field; den, dentary field; n, nasal cavity; pal, palatine field; pmx, premaxillary field; vom, vomerine field. Scale bar equals 100 μm.



REFERENCES

Balic, A. M. (2019). Concise review: cellular and molecular mechanisms of regulation of tooth initiation. Stem Cells 37, 26–32. doi: 10.1002/stem.2917

Barlow, L. A. (2000). “Taste buds in ectoderm are induced by endoderm: implications for mechanisms governing taste bud development,” in Regulatory Processes in Development, Wenner-Gren International Series, Vol. 76, eds Ollson C. O. Jacobson (London: Portland Press), 185–190.

Barlow, L. A., and Northcutt, R. G. (1995). Embryonic origin of amphibian taste buds. Dev. Biol. 169, 273–285. doi: 10.1006/dbio.1995.1143

Barlow, L. A., and Northcutt, R. G. (1997). Taste buds develop autonomously from endoderm without induction by cephalic neural crest or paraxial mesoderm. Development 124, 949–957.

Bordzilovskaya, N. P., Dettlaff, T. A., Duhon, S. T., and Malacinski, G. M. (1989). “Developmental-stage series of axolotl embryos,” in Developmental Biology of the Axolotl, ed. G. M. Malacinski (Oxford: Oxford University Press), 201–219.

Cardona, A., Saalfeld, S., Schindelin, J., Arganda-Carreras, I., Preibisch, S., Longair, M., et al. (2012). TrakEM software for neural circuit reconstruction. PLoS One 7:e38011. doi: 10.1371/journal.pone.0038011

Chen, D., Blom, H., Sanchez, S., Tafforeau, P., Märss, T., and Ahlberg, P. E. (2020). The developmental relationship between teeth and dermal odontodes in the most primitive bony fish Lophosteus. eLife 9:e60985. doi: 10.7554/eLife.60985

Clemen, G. (1978). Aufbau und Veränderungen der Gaumenzahnleisten beim larvalen und metamorphosierenden Salamandra salamandra (L.) (Salamandridae: Amphibia). Zoomorphology 90, 135–150. doi: 10.1007/bf02568680

Clemen, G., and Greven, H. (1977). Morphologische Untersuchungen an der Mundhöhle von Urodelen III. Die Munddachbezahnung von Ambystoma mexicanum Cope (Ambystomatidae: Amphibia). Zool. Jb Anat. 98, 95–136.

Clemen, G., and Greven, H. (1994). The buccal cavity of larval and metamorphosed Salamandra salamandra: structural and developmental aspects. Mertensiella 4, 83–109.

Cobourne, M. T., Miletich, I., and Sharpe, P. T. (2004). Restriction of sonic hedgehog signalling during early tooth development. Development 131, 2875–2885. doi: 10.1242/dev.01163

Cooper, R. L., Thiery, A. P., Fletscher, A. G., Delbarre, D. J., Rasch, L. J., and Fraser, G. J. (2018). An ancient Turing-like patterning mechanism regulates skin denticle development in sharks. Sci. Adv. 4:eaau5484. doi: 10.1126/sciadv.aau5484

Dassule, H. R., Lewis, P., Bei, M., Maas, R., and McMahon, A. P. (2000). Sonic hedgehog regulates growth and morphogenesis of the tooth. Development 127, 4775–4785.

Deban, S. M., and Wake, D. B. (2000). Feeding: Form, Function, and Evolution in Tetrapod Vertebrates. London: Academic Press, 82–94.

Debiais-Thibaud, M., Chiori, R., Enault, S., Oulion, S., Germont, I., Martinand-Mari, C., et al. (2015). Tooth and scale morphogenesis in shark: an alternative process to the mammalian enamel knot system. BMC Evol. Biol. 15:292. doi: 10.1186/s12862-015-0557-0

Dequéant, M. L., and Pourquié, O. (2008). Segmental patterning of the vertebrate embryonic axis. Nat. Rev. Genet. 9, 370–382. doi: 10.1038/nrg2320

Eberhart, J. K., Swartz, M. E., Crump, J. G., and Kimmel, C. B. (2006). Early Hedgehog signaling from neural to oral epithelium organizes anterior craniofacial development. Development 133, 1069–1077. doi: 10.1242/dev.02281

Ellis, N. A., Donde, N. N., and Miller, C. T. (2016). Early development and replacement of the stickleback dentition. J. Morphol. 277, 1072–1083. doi: 10.1002/jmor.20557

Fraser, G. J., Bloomquist, R. F., and Streelman, J. T. (2008). A periodic pattern generator for dental diversity. BMC Biol. 6:32. doi: 10.1186/1741-7007-6-32

Fraser, G. J., Cerny, R., Soukup, V., Bronner-Fraser, M., and Streelman, J. T. (2010). The odontode explosion: the origin of tooth-like structures in vertebrates. BioEssays 32, 808–817. doi: 10.1002/bies.200900151

Fraser, G. J., Graham, A., and Smith, M. M. (2004). Conserved deployment of genes during odontogenesis across osteichthyans. Proc. R Soc. Lond. B 271, 2311–2317. doi: 10.1098/rspb.2004.2878

Gibert, Y., Samarut, E., Ellis, M. K., Jackman, W. R., and Laudet, V. (2019). The first formed tooth serves as a signalling centre to induce the formation of the dental row in zebrafish. Proc. R Soc. B 286:20190401. doi: 10.1098/rspb.2019.0401

Graham, A. (2008). Deconstructing the pharyngeal metamere. J. Exp. Zool. B Mol. Dev. Evol. 310, 336–344. doi: 10.1002/jez.b.21182

Graveson, A. C., Smith, M. M., and Hall, B. K. (1997). Neural crest potential for tooth development in a urodele amphibian: developmental and evolutionary significance. Dev. Biol. 188, 34–42. doi: 10.1006/dbio.1997.8563

Helms, J. A., Kim, C. H., Hu, D., Minkoff, R., Thaller, C., and Eichele, G. (1997). Sonic hedgehog participates in craniofacial morphogenesis and is down-regulated by teratogenic doses of retinoic acid. Dev. Biol. 187, 25–35. doi: 10.1006/dbio.1997.8589

Huysseune, A., Sire, J. Y., and Witten, P. E. (2009). Evolutionary and developmental origins of the vertebrate dentition. J. Anat. 214, 465–476. doi: 10.1111/j.1469-7580.2009.01053.x

Huysseune, A., Sire, J. Y., and Witten, P. E. (2010). A revised hypothesis on the evolutionary origin of the vertebrate dentition. J Appl. Ichthyol. 26, 152–155. doi: 10.1111/j.1439-0426.2010.01395.x

Huysseune, A., and Witten, P. E. (2006). Developmental mechanisms underlying tooth patterning in continuously replacing osteichthyan dentitions. J. Exp. Zool. B Mol. Dev. Evol. 306, 204–215. doi: 10.1002/jez.b.21091

Jackman, W. R., Yoo, J. J., and Stock, D. W. (2010). Hedgehog signaling is required at multiple stages of zebrafish tooth development. BMC Dev. Biol. 10:119. doi: 10.1186/1471-213X-10-119

Jernvall, J., and Thesleff, I. (2000). Reiterative signaling and patterning during mammalian tooth morphogenesis. Mech. Dev. 92, 19–29. doi: 10.1016/s0925-4773(99)00322-6

Jung, H. S., Francis-West, P. H., Widelitz, R. B., Jiang, T. X., Ting-Berreth, S., Tickle, C., et al. (1998). Local inhibitory action of BMPs and their relationships with activators in feather formation: implication for periodic patterning. Dev. Biol. 196, 11–23. doi: 10.1006/dbio.1998.8850

Keränen, S. V. E., Kettunen, P., Aberg, T., Thesleff, I., and Jernvall, J. (1999). Gene expression patterns associated with suppression of odontogenesis in mouse and vole diastema regions. Dev. Genes Evol. 209, 495–506. doi: 10.1007/s004270050282

Lin, C. R., Kioussi, C., O’Connel, S., Briata, P., Szeto, D., Liu, F., et al. (1999). Pitx2 regulates lung asymmetry, cardiac positioning and pituitary and tooth morphogenesis. Nature 401, 279–282. doi: 10.1038/45803

Martin, K. J., Rasch, L. J., Cooper, R. L., Metscher, B. D., Johanson, Z., and Fraser, G. J. (2016). Sox2+ progenitors in sharks link taste development with the evolution of regenerative teeth from denticles. Proc. Natl. Acad. Sci. U.S.A. 113, 14769–14774. doi: 10.1073/pnas.1612354113

Matsumoto, R., and Evans, S. E. (2017). The palatal dentition of tetrapods and its functional significance. J. Anat. 230, 47–65. doi: 10.1111/joa.12534

Northcutt, R. G., Barlow, L. A., Braun, C. B., and Catania, K. C. (2000). Distribution and innervation of taste buds in the axolotl. Brain Behav. Evol. 56, 123–145. doi: 10.1159/000047200

Ohazama, A., Haworth, K. E., Ota, M. S., Khonsari, R. H., and Sharpe, P. T. (2010). Ectoderm, endoderm, and the evolution of heterodont dentitions. Genesis 48, 382–389. doi: 10.1002/dvg.20634

Oralová, V., Rosa, J. T., Soenes, M., Bek, J. W., Willaert, A., Witten, P. E., et al. (2020). Multiple epithelia are required to develop teeth deep inside the pharynx. Proc. Natl. Acad. Sci. U.S.A. 117, 11503–11512. doi: 10.1073/pnas.2000279117

Osborn, J. W. (1978). “Morphogenetic gradients: field versus clones,” in Development, Function and Evolution of Teeth, eds P. M. Butler and K. A. Joysey (London: Academic Press), 171–201.

Pospisilova, A., Brejcha, J., Miller, V., Holcman, R., Šanda, R., and Stundl, J. (2019). Embryonic and larval development of the northern pike: an emerging fish model system for evo-devo research. J. Morph. 280, 1118–1140.

Prochazka, J., Pantalacci, S., Churava, S., Rothova, M., Lambert, A., Lesot, H., et al. (2010). Patterning by heritage in mouse molar row development. Proc. Natl. Acad. Sci. U.S.A. 107, 15497–15502. doi: 10.1073/pnas.1002784107

Rasch, L. J., Cooper, R. L., Underwood, C., Dillard, W. A., Thiery, A. P., and Fraser, G. J. (2020). Development and regeneration of the crushing dentition in skates (Rajidae). Dev. Biol. 466, 59–72. doi: 10.1016/j.ydbio.2020.07.014

Rasch, L. J., Martin, K., Cooper, R. L., Metscher, B. D., Underwood, C. J., and Fraser, G. J. (2016). An ancient dental gene set governs development and continuous regeneration of teeth in sharks. Dev. Biol. 415, 347–370. doi: 10.1016/j.ydbio.2016.01.038

Rothova, M., Thompson, H., Lickert, H., and Tusker, A. S. (2012). Lineage tracing of the endoderm during oral development. Dev. Dyn. 241, 1183–1191. doi: 10.1002/dvdy.23804

Sadier, A., Jaclman, W. R., Laudet, V., and Gibert, Y. (2020). The vertebrate tooth row: is it initiated by a single organizing tooth? BioEssays 2020:1900229. doi: 10.1002/bies.201900229

Sadier, A., Twarogowska, M., Steklikova, K., Hayden, L., Lambert, A., Schneder, P., et al. (2019). Modeling Edar expression reveals the hidden dynamics of tooth signaling center patterning. PLoS Biol. 17:e3000064. doi: 10.1371/journal.pbio.3000064

Salomies, L., Eymann, J., Khan, I., and Di-Poï, N. (2019). The alternative regenerative strategy of bearded dragon unveils the key processes underlying vertebrate tooth renewal. eLife 8:e47702.

Sarkar, L., Cobourne, M., Naylor, S., Smalley, M., Dale, T., and Sharpe, P. T. (2000). Wnt/Shh interactions regulate ectodermal boundary formation during mammalian tooth development. Proc. Natl. Acad. Sci. U.S.A. 97, 4520–4524. doi: 10.1073/pnas.97.9.4520

Schilling, T. F. (2008). Anterior-posterior patterning and segmentation of the vertebrate head. Comp. Integr. Biol. 48, 658–667. doi: 10.1093/icb/icn081

Schindelin, J., Arganda-Carreras, I., Frise, E., Kyanig, V., Longair, M., Pietzsch, T., et al. (2012). Fiji: an open-source platform for biological-image analysis. Nat. Methods 9, 676–682. doi: 10.1038/nmeth.2019

Schindelin, J., Rueden, C. T., Hiner, M. C., and Eliceiri, K. W. (2015). The ImageJ ecosystem: an open platform for biomedical image analysis. Mol. Repr. Dev. 82, 518–529. doi: 10.1002/mrd.22489

Schneider, C. A., Rasband, W. S., and Eliceiri, K. W. (2012). NIH Image to ImageJ: 25 years of image analysis. Nat. Methods 9, 671–675. doi: 10.1038/nmeth.2089

Schweickert, A., Steinbeisser, H., and Blum, M. (2001). Differential gene expression of Xenopus Pitx1, Pitx2b and Pitx2c during cement gland, stomodeum and pituitary development. Mech. Dev. 107, 191–194. doi: 10.1016/s0925-4773(01)00461-0

Sharpe, P. T. (1995). Homeobox genes and orofacial development. Conn. Tiss. Res. 32, 17–25. doi: 10.3109/03008209509013701

Smith, M. M. (2003). Vertebrate dentitions at the origin of jaws: when and how pattern evolved. Evol. Dev. 5, 394–413. doi: 10.1046/j.1525-142x.2003.03047.x

Sobkow, L., Epperlein, H. H., Herklotz, S., Straube, W. L., and Tanaka, E. M. (2006). A germline GFP transgenic axolotl and its use to track cell fate: dual origin of the fin mesenchyme during development and the fate of blood cells during regeneration. Dev. Biol. 290, 386–397. doi: 10.1016/j.ydbio.2005.11.037

Soukup, V., Epperlein, H. H., Horácek, I., and Cerny, R. (2008). Dual epithelial origin of vertebrate oral teeth. Nature 455, 795–798. doi: 10.1038/nature07304

Soukup, V., Horácek, I., and Cerny, R. (2013). Development and evolution of the vertebrate primary mouth. J. Anat. 222, 79–99. doi: 10.1111/j.1469-7580.2012.01540.x

Stock, D. W., Jackman, W. R., and Trapani, J. (2006). Developmental genetic mechanisms of evolutionary tooth loss in cypriniform fishes. Development 133, 3127–3137. doi: 10.1242/dev.02459

Streelman, J. T., Webb, J. F., Albertson, R. C., and Kocher, T. D. (2003). The cusp of evolution and development: a model of cichlid tooth shape diversity. Evol. Dev. 5, 600–608. doi: 10.1046/j.1525-142x.2003.03065.x

Stundl, J., Pospisilova, A., Jandzik, D., Fabian, P., Dobiasova, B., Minarik, M., et al. (2019). Bichir external gills arise via heterochronic shift that accelerates hyoid arch development. eLife 8:e43531.

Stundl, J., Pospisilova, A., Matějková, T., Psenicka, M., Bronner, M. E., and Cerny, R. (2020). Migratory patterns and evolutionary plasticity of cranial neural crest cells in ray-finned fishes. Dev. Biol. 467, 14–29. doi: 10.1016/j.ydbio.2020.08.007

Takata, C. (1960). The differentiation in vitro of the isolated endoderm in the presence of the neural fold in Triturus pyrrhogaster. Embryologia 5, 194–205. doi: 10.1111/j.1440-169x.1960.tb00088.x

Thiery, A. P., Shono, T., Kurokawa, D., Britz, R., Johanson, Z., and Fraser, G. J. (2017). Spatially restricted dental regeneration drives pufferfish beak development. Proc. Natl. Acad. Sci. U.S.A. 114, E4425–E4434.

Tucker, A., and Sharpe, P. (2004). The cutting-edge of mammalian development; how the embryo makes teeth. Nat. Rev. Genet. 5, 499–508.

Van der heyden, C., and Huysseune, A. (2000). Dynamics of tooth formation and replacement in the zebrafish (Danio rerio) (Teleostei, Cyprinidae). Dev. Dyn. 219, 486–496. doi: 10.1002/1097-0177(2000)9999:9999<::aid-dvdy1069>3.0.co;2-z

Wilde, C. E. (1955). The urodele neuroepithelium I, The differentiation in vitro of the cranial neural crest. J. Exp. Zool. 130, 573–591. doi: 10.1002/jez.1401300309

Yu, W., Sun, Z., Sweat, Y., Sweat, M., Venugopalan, S. R., Eliason, S., et al. (2020). Pitx2-Sox2-Lef-1 interactions specify progenitor oral/dental epithelial cell signaling centers. Development 147:dev186023. doi: 10.1242/dev.186023

Zhang, Z., Lan, Y., Chai, Y., and Jiang, R. (2009). Antagonistic actions of Msx1 and Osr2 pattern mammalian teeth into a single row. Science 323, 1232–1234. doi: 10.1126/science.1167418

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2021 Soukup, Tazaki, Yamazaki, Pospisilova, Epperlein, Tanaka and Cerny. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.










	
	ORIGINAL RESEARCH
published: 28 January 2021
doi: 10.3389/fcell.2021.618876






[image: image2]

Excessive All-Trans Retinoic Acid Inhibits Cell Proliferation Through Upregulated MicroRNA-4680-3p in Cultured Human Palate Cells
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Cleft palate is the second most common congenital birth defect, and both environmental and genetic factors are involved in the etiology of the disease. However, it remains largely unknown how environmental factors affect palate development. Our previous studies show that several microRNAs (miRs) suppress the expression of genes involved in cleft palate. Here we show that miR-4680-3p plays a crucial role in cleft palate pathogenesis. We found that all-trans retinoic acid (atRA) specifically induces miR-4680-3p in cultured human embryonic palatal mesenchymal (HEPM) cells. Overexpression of miR-4680-3p inhibited cell proliferation in a dose-dependent manner through the suppression of expression of ERBB2 and JADE1, which are known cleft palate-related genes. Importantly, a miR-4680-3p-specific inhibitor normalized cell proliferation and altered expression of ERBB2 and JADE1 in cells treated with atRA. Taken together, our results suggest that upregulation of miR-4680-3p induced by atRA may cause cleft palate through suppression of ERBB2 and JADE1. Thus, miRs may be potential targets for the prevention and diagnosis of cleft palate.

Keywords: all-trans retinoic acid (all-trans RA), cleft palate (CP), microRNA (miR), cell proliferation, environmental factor


INTRODUCTION

The prevalence of cleft lip with or without cleft palate (CL/P) is ~1 in 700 live births worldwide (Ferguson, 1988), and affected individuals require surgical repairs, speech therapy, and dental treatments (Ferguson, 1988). Palate development (which consists of the growth, elevation, and fusion of the palatal shelves) starts at 6–8 weeks of gestation in humans; any failure in these process results in cleft palate (Habib, 1978; Mossey et al., 2009). The etiology of cleft palate is complex and involves environmental and genetic factors and their interactions (Dhulipala et al., 2006; Havasi et al., 2013; Buser and Pohl, 2015; Liu et al., 2018). Maternal use and exposure to tobacco, alcohol, drugs (e.g., retinoic acid and dexamethasone), and chemicals (e.g., dioxin and heavy metals), as well as mutations in genes related to the degradation/metabolism/release of these teratogens, are considered to be risk factors (Prescott et al., 2002; Chevrier et al., 2005; Ramirez et al., 2007). An increasing number of studies suggest that microRNAs (miRs), which are endogenous small non-coding RNAs (~22 nucleotides long) that negatively regulate the expression of their target genes (Bartel, 2004; Obernosterer et al., 2006), play important roles in normal palate development and CL/P in humans and mice (Karsy et al., 2010; Shin et al., 2012; Seelan et al., 2014; Chung et al., 2016; Schoen et al., 2017, 2018; Wang et al., 2017; Mukhopadhyay et al., 2019); however, it remains elusive how and which miRs are crucial roles in CL/P. Our recent studies show that overexpression of either miR-140-5p, miR-133b, miR-374a-5p, miR-381-3p, or miR-4680-3p suppresses cell proliferation in cultured human embryonic palatal mesenchymal (HEPM) cells (Li et al., 2019; Suzuki et al., 2019), suggesting that these miRs may be involved in the pathogenesis of cleft palate.

All-trans retinoic acid (atRA), a derivative of vitamin A, is the most active retinoid that plays important roles in a variety of biological processes, including cell proliferation, differentiation, and extracellular matrix production (Wang and Kirsch, 2002; Lai et al., 2003; Rhinn and Dolle, 2012; Cunningham and Duester, 2015). While atRA is widely used in the treatments of skin diseases and cancers (Karsy et al., 2010; Siddikuzzaman and Berlin Grace, 2011; Mihaly et al., 2012), excessive intake of atRA, a known teratogen, disrupts embryogenesis, causing birth defects (Abbott et al., 1989; Ross et al., 2000; Roberts, 2020) including cleft palate (Abbott et al., 1989; Ross et al., 2000; Wang and Kirsch, 2002; Lai et al., 2003; Yao et al., 2011; Havasi et al., 2013; Hu et al., 2013; Hou et al., 2019; Roberts, 2020). Recent studies show that atRA alters the expression of miRs in human cancer cell lines (Liu et al., 2018, 2019). In this study, we will determine whether and how atRA can alter miR expression, which suppresses the expression of genes related to CL/P.



METHODS


Cell Culture

HEPM cells were obtained from American Type Culture Collection (CRL-1486; ATCC) and maintained under Minimum Essential Medium Eagle-alpha modification (αMEM), supplemented with 10% fetal bovine serum (FBS), penicillin/streptomycin, and L-glutamine, at 37°C in a humidified atmosphere with 5% CO2.



Cell Proliferation Assay

The cells were plated onto 96-well cell culture plates at a density of 5,000/well and treated with atRA (R2625, Sigma-Aldrich) at various concentrations (0, 1, 3, 10, and 30 μM), small interfering RNA (siRNA) for either ERBB2 (#103546; Thermo Fisher Scientific) or JADE1 (#109590; Thermo Fisher Scientific), or a negative control (#AM4611; Thermo Fisher Scientific), at 3 pmol in 0.3 μL of transfection reagent (TransIT-X2 system; Mirus Bio LLC) in 0.1 mL αMEM per well for 24, 48, or 72 h. Cell proliferation was measured using Cell Counting Kit 8 (Dojindo Molecular Technologies, Inc.) (n = 6 per group).



Bromodeoxyuridine (BrdU) Incorporation Assay

The cells were plated onto 35-mm dishes at a density of 25,000/dish and treated with 30 μM atRA, or vehicle (dimethyl sulfoxide). After 72 h, the cells were incubated with BrdU for 1 h. Incorporated BrdU was stained with a rat monoclonal antibody against BrdU (ab6326; Abcam, 1:1,000), as previously described (Suzuki et al., 2018a). A total of nine fields, which were randomly selected from three independent experiments, was used for the quantification of BrdU-positive cells.



Terminal 2′-Deoxyuridine, 5′-Triphosphate (dUTP) Nick-End Labeling (TUNEL) Staining

The cells were plated onto 35-mm dishes at a density of 25,000/dish and treated with 30 μM atRA or vehicle for 72 h. The Click-iT Plus TUNEL Assay with Alexa 594 (C10618, Molecular Probes) was used to detect apoptotic cells, as previously described (Suzuki et al., 2018b). A total of four fields, which were randomly selected from two independent experiments, was used for the quantification of TUNEL-positive cells.



Quantitative RT-PCR

The cells were plated onto 60-mm dishes at a density of 50,000/dish and treated with 30 μM atRA or vehicle. After 24 or 72 h, total RNA isolated from HEPM cells (n = 6 per group) was extracted with the QIAshredder and miRNeasy Mini Kit (QIAGEN), according to the manufacturer's instructions. Total RNA (1 μg) from each sample was reverse-transcribed using iScript Reverse Transcription Supermix for quantitative RT-PCR (Bio-Rad), and then the cDNA was amplified with iTaq Universal SYBR Green Supermix (Bio-Rad) using a CFX96 Touch Real-Time PCR Detection system (Bio-Rad). The following PCR primers were used: ERBB2 (NM_004448) sense, 5′-CATTGGGACCGGAGAAACCA-3′, and antisense, 5′-CGCAGCTTCATGTCTGTGC-3′; JADE1 (NM_199320) sense, 5′-AAACGCCAGACCGAGAGTG-3′, and antisense, 5′-AGTTGACAGGCTGCCATTGT-3′; MTHFD1 (NM_005956) sense, 5′-TCCAGTAGTAGTGGCCGTGA-3′, and antisense, 5′-GCTTTGTGTTGAGCTTCGGG-3′; WNT5A (NM_003392) sense, 5′-AAGCAGACGTTTCGGCTACA-3′, and antisense, 5′-GCGCCCAATACGACCAAATC-3′; and GAPDH (NM_002046) sense, 5′-GACAGTCAGCCGCATCTTCT-3′, and antisense, 5′-GCGCCCAATACGACCAAATC-3′. The amount of each quantified target mRNA was normalized by GAPDH. miR expression was measured using the Taqman Fast Advanced Master Mix and Taqman Advanced miR cDNA Synthesis Kit (Thermo Fisher Scientific), according to the manufacturer's instructions. Probes for miR-140-5p (477909_mir), miR-133b (480871_mir), miR-374a-5p (478238_mir), miR381-3p (477816_mir), miR-4680-3p (480701_mir), and miR-26a-5p (477995_mir) were obtained from Thermo Fisher Scientific.



Immunoblotting

The cells were plated onto 60-mm dishes at a density of 50,000/dish and treated with either atRA for 72 h or siRNA for 48 h, as described above. Treated cells were lysed with RIPA buffer (Cell Signaling Technology) containing a protease inhibitor cocktail (Roche). The cells were harvested and centrifuged at 21,130 × g for 10 min at 4°C, and the supernatant of each sample was collected and protein level was determined using the BCA protein kit (Pierce). Protein samples were applied to Mini-PROTEAN TGX Gels (Bio-Rad) and transferred to a polyvinylidene difluoride (PVDF) membrane. Mouse monoclonal antibodies against ERBB2 (MA5-13675, Thermo Fisher Scientific, 1:2,000), JADE1 (MAB6275, R&D, 1:2,000), CDKN1B (3,698, Cell Signaling Technology, 1:1,000), and GAPDH (MAB374, Millipore, 1:6,000), rabbit monoclonal antibodies against CCND1 (2,978, Cell Signaling Technology, 1:1,000), phosphorylated ERK1/2 (4,370, Cell Signaling Technology, 1:1,000), ERK1/2 (4,695, Cell Signaling Technology, 1:1,000), phosphorylated mTOR (5,536, Cell Signaling Technology, 1:1,000), and mTOR (2,983, Cell Signaling Technology, 1:1,000), and a rabbit polyclonal antibody against cleaved caspase 3 (9,661, Cell Signaling Technology, 1:1,000), were used for immunoblotting. Peroxidase-conjugated anti-mouse IgG (7,076, Cell Signaling Technology, 1:100,000) and anti-rabbit IgG (7,074, Cell Signaling Technology, 1:100,000) were used as secondary antibodies. All immunoblotting experiments were performed at least two times to validate the results.



Immunofluorescence Analysis

The cells were plated onto 35-mm glass-bottom dishes at a density of 10,000/dish and treated with 30 μM atRA or vehicle control for 72 h. The immunofluorescence analysis was performed as previously described (Suzuki et al., 2018a), using mouse monoclonal antibodies against ERBB2 (MA5-13675, Thermo Fisher Scientific, 1:200) and JADE1 (MAB6275, R&D, 1:200). Images were taken with a confocal microscope (Ti-E, Nikon).



Knockdown and Overexpression of ERBB2 and JADE1

For the siRNA experiments, the cells were plated onto 35-mm dishes at a density of 20,000/dish. When the cells reached 70% confluency, they were treated with siRNA for either ERBB2, JADE1, or negative control, at 3 pmol in 6 μL of transfection reagent (TransIT-X2 system) in 2 mL of αMEM per dish. Total RNA was isolated after 24 h, and total protein was collected after 48 h. For the overexpression of ERBB2 and JADE1, HEPM cells were plated onto 35-mm dishes at a density of 20,000/dish. When the cells reached 70% confluency, they were treated with plasmid DNA for either ERBB2 [pcDNA3-HER2 (provided by Dr. Mien-Chie Hung through addgene, 16,257)], JADE1 [pCMV-SPORT6-PHF17 (ABIN3826934; genomics-online.com)], or negative controls [pcDNA3.1-RGS-6xHis (provided by Dr. Adam Antebi through addgene, 52,534) or pCMV-HA (provided by Dr. Christopher A Walsh through addgene, 32,530)], at 500 ng in 6 μL of transfection reagent (TransIT-X2 system) in 2 mL of αMEM per dish. Total RNA was isolated after 24 h.



Rescue Experiments

The cells were plated onto 60-mm dishes at a density of 250,000/well and treated with 30 μM atRA or vehicle control. After 24 h, the cells were transfected with either miR-4680-3p inhibitor (3 pmol) or control miR inhibitor (3 pmol; mirVana, Thermo Fisher Scientific), and either ERBB2, JADE1, or control overexpression vector, using the TransIT-X2 system (Mirus Bio LLC), according to the manufacturer's protocol (at 1 μg in 12 μL of transfection reagent in 4 mL of αMEM per dish). The cells were harvested 24 h after transfection and used for further experiments.



Statistical Analysis

All experiments were performed independently at least two times. The statistical significance of the differences between two groups was evaluated using a two-tailed Student t-test. Multiple comparisons were made by one-way analysis of variance with the post-hoc Tukey–Kramer's test. A p < 0.05 was considered to be statistically significant. Data are represented as mean ± standard deviation in the graphs.




RESULTS


atRA Inhibits Cell Proliferation in a Dose-Dependent Manner in HEPM Cells

To determine the dose-dependent effects of atRA on cell proliferation in HEPM cells, we performed cell proliferation assays using HEPM cells treated with atRA at various concentrations (0, 1, 3, 10, and 30 μM). We found that cell proliferation activity was decreased by atRA treatment in a dose-dependent manner (Figure 1A). BrdU incorporation assays confirmed that cell proliferation was significantly decreased in cells treated with 30 μM atRA (Figures 1B,C). While excessive atRA is known to induce apoptosis in several tissues and cells (Okano et al., 2007; Mercader et al., 2008; Nelson et al., 2019; Quan et al., 2019), atRA failed to induce apoptosis in HEPM cells at 30 μM (Supplementary Figure 1). Previous studies show that atRA inhibits cell proliferation through downregulation of cyclin D1 (CCND1) and upregulation of cyclin-dependent kinase inhibitor 1B (CDKN1B; a.k.a. p27, KIP1) in HEPM cells (Dong et al., 2017) as well as in MCF-7 cells, a human breast cancer cell line (Teixeira and Pratt, 1997). We therefore evaluated the expression of CCND1 and CDKN1B by immunoblotting and confirmed that CCND1 expression was downregulated, and CDKN1B expression was upregulated, with atRA treatment (Figure 1D).


[image: Figure 1]
FIGURE 1. Influence of atRA treatment on proliferation of HEPM cells. (A) Cell proliferation assays in HEPM cells treated with various concentration of atRA for 24, 48, and 72 h. **p < 0.01, ***p < 0.001. Each treatment group was compared with a control vehicle group at each indicated day. (B) BrdU staining (red) in HEPM cells after treatment with 30 μM atRA for 72 h. Nuclei were counterstained with DAPI (blue). Scale bar, 50 μm. (C) Graph shows the quantification of BrdU-positive cells. ***p < 0.001. (D) Immunoblotting for CCND1, CDKN1B, and GAPDH in HEPM cells treated with 30 μM atRA for 72 h. Representative images from two independent experiments are shown.




atRA Suppresses ERBB2 and JADE1 Expression Through Upregulation of miR-4680-3p in HEPM Cells

Our previous studies showed that overexpression of either miR-140-5p, miR-133b, miR-374a-5p, miR-381-3p, or miR-4680-3p inhibits proliferation of HEPM cells through the suppression of genes that are crucial for palate development (Li et al., 2019; Suzuki et al., 2019). We therefore hypothesized that atRA induces the expression of these miRs. To test that hypothesis we analyzed the expression of these miRs after treatment of HEPM cells with atRA for 24 and 72 h, and found that expression of miR-4680-3p, but not miR-140-5p, miR-133b, miR-374a-5p, or miR-381-3p, was specifically and significantly upregulated with atRA treatment (Figure 2A). Next, to identify target genes suppressed by a miR-4680-3p mimic, we performed quantitative RT-PCR (qRT-PCR) analyses for the target genes (ERBB2, JADE1, MTHFD1, and WNT5A), which were predicted through bioinformatic analysis (Suzuki et al., 2019). We found that expression of ERBB2 [a.k.a. HER2, a member of the epidermal growth factor receptor (EGFR) family of transmembrane tyrosine kinase-type receptors (Schechter et al., 1984)] and JADE1 [a.k.a. PHF17, a member of the extended plant homeodomain (PHD) finger protein subfamily (Tzouanacou et al., 2003)] was significantly downregulated in HEPM cells treated with atRA for 24 and 72 h (Figure 2B). This suppression of ERBB2 and JADE1 in atRA-treated cells was confirmed with immunoblotting after 72 h of atRA treatment (Figure 2C).


[image: Figure 2]
FIGURE 2. atRA induces miR-4680-3p expression in HEPM cells. (A) Quantitative RT-PCR for the indicated miRs after treatment of HEPM cells with atRA for 1 or 3 days. ***p < 0.001. (B) Quantitative RT-PCR for the indicated genes after treatment of HEPM cells with atRA for 1 or 3 days. *p < 0.05, **p < 0.01. Each treatment group was compared with a control vehicle group at each indicated day. (C) Immunoblotting for ERBB2, JADE1, phosphorylated ERK1/2 (P-ERK1/2), ERK1/2, phosphorylated mTOR (P-mTOR), mTOR, and GAPDH in HEPM cells treated with 30 μM atRA for 72 h. Representative images from two independent experiments are shown. (D) Immunocytochemical analysis of ERBB2 and JADE1 (green) in HEPM cells treated with 30 μM atRA for 72 h. Nuclei were counterstained with DAPI (blue).


Previous studies showed that ERBB2 stimulates several intracellular pathways such as MAPK/ERK and PI3K/AKT/mTOR (Yarden and Pines, 2012; Croessmann et al., 2019). For this reason, we analyzed the ERK1/2 and mTOR pathways in cells treated with atRA and found that ERK1/2 phosphorylation was downregulated, while mTOR phosphorylation was not altered, with atRA treatment (Figure 2C). ERBB2 was detected in the plasma membrane and cytosol in controls, as previously reported (Chung et al., 2016); by contrast, its expression was significantly decreased in atRA-treated cells (Figure 2D). JADE1 was detected in the nucleus and cytosol in controls, as previously reported (Panchenko et al., 2004; Havasi et al., 2013; Siriwardana et al., 2015); however, JADE1 expression was significantly decreased in atRA-treated HEPM cells (Figure 2D). Thus, our results indicate that atRA induces miR-4680-3p expression, leading to the suppression of ERBB2 and JADE1 via ERK1/2 signaling in HEPM cells.

Next, to evaluate the effect of expression of ERBB2 and JADE1 on cell proliferation, we treated HEPM cells with siRNAs for ERBB2 and JADE1. We confirmed that siRNA knockdown of either ERBB2 or JADE1 suppressed their expression at the mRNA and protein levels (Figures 3A–D). Under these conditions, cell proliferation was significantly suppressed by either ERBB2 or JADE1 siRNA knockdown. In addition, additional suppression was observed with a combination of ERBB2 and JADE1 siRNAs (Figure 3E). Furthermore, we confirmed that knockdown of ERBB2 and JADE1 in HEPM cells resulted in downregulated CCND1 and upregulated CDKN1B (Figure 3F). To evaluate the functional significance of ERBB2 and JADE1, we conducted rescue experiments by overexpressing ERBB2 and JADE1 in cells treated with atRA. We first confirmed that expression of ERBB2 and JADE1 was significantly upregulated following overexpression of these genes (Figures 3G,H). Under these conditions, we found that overexpression of ERBB2 and JADE1 partially rescued the cell proliferation inhibited by atRA (Figure 3I). Taken together, our results indicate that atRA inhibits cell proliferation through dysregulation of the ERBB2/JADE1-mediated CCND1/CDKN1B pathway in HEPM cells.


[image: Figure 3]
FIGURE 3. ERBB2 and JADE1 knockdown inhibits cell proliferation in HEPM cells. (A) Quantitative RT-PCR for ERBB2 after treatment with ERBB2 siRNA for 24 h in HEPM cells. ***p < 0.001. (B) Immunoblotting of ERBB2 and GAPDH in HEPM cells treated with an ERBB2 siRNA for 48 h. Representative images from two independent experiments are shown. (C) Quantitative RT-PCR for JADE1 after treatment with JADE1 siRNA for 24 h in HEPM cells. ***p < 0.001. (D) Immunoblotting of JADE1 and GAPDH in HEPM cells treated with JADE1 siRNA for 48 h. Representative images from two independent experiments are shown. (E) Cell proliferation assays in HEPM cells treated with an ERBB2 or JADE1 siRNA for 24, 48, or 72 h. **p < 0.01, ***p < 0.001. Each treatment group was compared with a control siRNA group at each indicated day. (F) Immunoblotting of CCND1, CDKN1B, and GAPDH in HEPM cells treated with siRNA for ERBB2 or JADE1 for 48 h. Representative images from two independent experiments are shown. (G) ERBB2 expression following overexpression in HEPM cells. **p < 0.01. (H) JADE1 expression following overexpression in HEPM cells. ***p < 0.001. (I) Cell proliferation assays in HEPM cells overexpressing ERBB2 and/or JADE1 for 24, 48, or 72 h. **p < 0.01, ***p < 0.001. Each treatment group was compared with control vector (mock) group at each indicated day. ##p < 0.01 vs. mock + atRA at day 3.




Inhibition of miR-4680-3p Can Partially Restore the Decreased Cell Proliferation Induced by atRA

To examine whether normalization of upregulated miR-4680-3p can restore decreased cell proliferation under atRA treatment conditions, we treated HEPM cells with a miR-4680-3p inhibitor, with or without atRA treatment, and found that a miR-4680-3p inhibitor could partially normalize the reduced cell proliferation (Figures 4A–C). As expected, suppression of ERBB2 and JADE1 was normalized by the miR-4680-3p inhibitor under atRA treatment conditions (Figures 4D,E). In addition, we confirmed that phosphorylation of ERK1/2 and expression of CCND1 and CDKN1B were normalized with miR-4680-3p inhibitor (Figure 4E). Taken together, our results indicate that atRA inhibits cell proliferation through miR-4680-3p expression in HEPM cells.


[image: Figure 4]
FIGURE 4. Normalization of miR-4680-3p expression restores atRA-induced cell proliferation suppression in HEPM cells. (A) Cell proliferation assays in HEPM cells treated with 30 μM atRA, with/without miR-4680-3p inhibitor, for 24, 48, or 72 h. ***p < 0.001 vs. control inhibitor + vehicle at each indicated day. ##p < 0.01 vs. control inhibitor + atRA at indicated day. (B) BrdU staining (red) in HEPM cells after treatment with 30 μM atRA, with/without miR-4680-3p inhibitor, for 72 h. Nuclei were counterstained with DAPI (blue). (C) Graph shows the quantification of BrdU-positive cells. **p < 0.01 vs. control inhibitor + vehicle. ##p < 0.01 vs. control inhibitor + atRA. (D) Quantitative RT-PCR for the indicated genes after treatment with atRA, with/without miR-4680-3p inhibitor, for 24 h in HEPM cells. **p < 0.01 vs. control inhibitor + vehicle. ##p < 0.01 vs. control inhibitor + atRA. (E) Immunoblotting of ERBB2, JADE1, phosphorylated ERK1/2 (P-ERK1/2), ERK1/2, CCND1, CDKN1B, and GAPDH in HEPM cells treated with 30 μM atRA, with/without miR-4680-3p inhibitor, for 72 h. Representative images from two independent experiments are shown.





DISCUSSION

Excessive intake of atRA, a teratogenic reagent, induces cleft palate in humans and mice. Previous studies indicate that atRA inhibits cell proliferation and induces apoptosis in HEPM cells and mouse embryonic palatal mesenchymal (MEPM) cells (Yu et al., 2005; Dong et al., 2017). Since miRs are postulated to be essential in various biological processes, such as cell proliferation and apoptosis (Chen et al., 2004; Buser and Pohl, 2015; Shirjang et al., 2019; Akkoc and Gozuacik, 2020), we hypothesized that excessive atRA induces expression of miRs, which suppress genes crucial for palate development, leading to decreased cell proliferation. Our previous studies show that overexpression of miR-140-5p, miR-133b, miR-374a-5p, miR-381-3p, and miR-4680-3p suppresses cell proliferation through downregulation of genes related to cleft palate in HEPM cells (Li et al., 2019; Suzuki et al., 2019). Among them, we found that atRA specifically induced miR-4680-3p expression, which in turn suppressed expression of ERBB2 and JADE1. While expression of some predicted genes targeted by miR-4680-3p was not changed by miR-4680-3p overexpression in HEPM cells, these genes may be regulated by a combination of other miRs or through feedback loops reported in several cancer cell lines and in C2C12 cells, an immortalized mouse myoblast cell line (Hou et al., 2019; Liu et al., 2019; Quan et al., 2019).

ERBB2 is a member of the ERBB receptor tyrosine kinase family including epidermal growth factor receptor (EGFR) (Yarden and Shilo, 2007). The binding of ligands to receptors induces the homo- or hetero-dimerization of receptors and activates the kinase domain that induces downstream signaling cascades such as MAPK/ERK and PI3K/AKT/mTOR pathways, known to be crucial for cell proliferation, migration, and differentiation (Avraham and Yarden, 2011; Arteaga and Engelman, 2014). Our previous bioinformatic study suggests that ERBB signaling pathway may play a substantial role in palate formation (Yan et al., 2020). In fact, the activation of the ERBB2 pathway upregulates CCND1 expression, decreases CDKN1B stability (Lee et al., 2000; Yang et al., 2000; Lenferink et al., 2001), and promotes cell proliferation and angiogenesis in tumors (Le et al., 2005). In addition, inhibition of the ERBB2 pathway with a neutralizing antibody or small-molecule inhibitor for ERBB2 normalizes CDKN1B expression, leading to cell cycle arrest in human breast cancer cells (Le et al., 2003). atRA inhibits cell proliferation through downregulation of CCND1 and upregulation of CDKN1B in HEPM cells (Yu et al., 2005; Dong et al., 2017). Our results show that atRA inhibits cell proliferation through upregulated miR-4680-3p expression, which suppresses ERBB2 expression and its downstream ERK1/2 signaling pathway in HEPM cells. Taken together, our findings for the regulation of miRs by atRA shed light on the link between environmental and genetic factors, and explain how cell proliferation is inhibited by atRA.

JADE1 (a.k.a. PHF17), a transcription factor, contains two variants: JADE1-L (a long form with 842 amino acids) and JADE1-S (a short form without a C-terminal fragment of 333 amino acids) (Borgal et al., 2014; Siriwardana et al., 2015). Although the role of JADE1 remains elusive, the protein exhibits histone acetyltransferase (HAT) activity and acts as a co-factor of the HBO1 complex in histone H4 acetylation during gene regulation, which plays crucial roles in cell cycle regulation (Panchenko et al., 2004; Foy et al., 2008; Panchenko, 2016; Han et al., 2018). The suppression of JADE1 (both JADE1-L and JADE1-S) by siRNA knockdown results in suppression of DNA synthesis in cultured epithelial cell lines and primary fibroblasts (Havasi et al., 2013). Our results indicate that atRA treatment downregulates JADE1 expression, leading to decreased cell proliferation in HEPM cells through downregulated CDKN1 expression and upregulated CDKN1B expression. In future studies, we will characterize JADE1, namely whether and how JADE1 expression is regulated through the ERK1/2 pathway, and whether and how JADE1 regulates expression of CCND1 and CDKN1B. With those data in hand, we will then be able to conclude that JADE1 expression is directly regulated by miR-4680-3p, or regulated through ERBB2–mediated ERK1/2 signaling. In case treatment with both miR-4680-3p mimic and ERK1/2 inhibitor induces additional inhibition of cell proliferation, as well as additional suppression of CCND1 expression, JADE1 expression may be regulated by miR-4680-3p through the ERK1/2 pathway.

In summary, our findings and those of others suggest that excessive intake of retinoic acid during pregnancy leads to reduced cell proliferation through dysregulation of CCND1 and CDKN1B mediated by the miR-4680-3p–ERBB2–ERK1/2–CCND1/CDKN1B cascade in palatal mesenchymal cells, ultimately leading to cleft palate.
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Canonical Wnt signaling plays multiple roles critical to normal craniofacial development while its dysregulation is known to be involved in structural birth defects of the face. However, when and how Wnt signaling influences phenotypic variation, including those associated with disease, remains unclear. One potential mechanism is via Wnt signaling’s role in the patterning of an early facial signaling center, the frontonasal ectodermal zone (FEZ), and its subsequent regulation of early facial morphogenesis. For example, Wnt signaling may directly alter the shape and/or magnitude of expression of the sonic hedgehog (SHH) domain in the FEZ. To test this idea, we used a replication-competent avian sarcoma retrovirus (RCAS) encoding Wnt3a to modulate its expression in the facial mesenchyme. We then quantified and compared ontogenetic changes in treated to untreated embryos in the three-dimensional (3D) shape of both the SHH expression domain of the FEZ, and the morphology of the facial primordia and brain using iodine-contrast microcomputed tomography imaging and 3D geometric morphometrics (3DGM). We found that increased Wnt3a expression in early stages of head development produces correlated variation in shape between both structural and signaling levels of analysis. In addition, altered Wnt3a activation disrupted the integration between the forebrain and other neural tube derivatives. These results show that activation of Wnt signaling influences facial shape through its impact on the forebrain and SHH expression in the FEZ, and highlights the close relationship between morphogenesis of the forebrain and midface.

Keywords: Wnt signaling, frontonasal ectoderm zone, craniofacial development, geometric morphometric, 3D imaging


INTRODUCTION

Craniofacial development is a highly orchestrated process that involves both physical and molecular interactions between neuroectoderm, mesenchyme, and surface ectoderm. Clinically, the relationship between the brain and the face is well appreciated (DeMyer et al., 1964). The brain helps to physically shape the face and molecular signals from the brain are required for facial development (Marcucio et al., 2015). Recent evidence indicates that signals from neural crest cells contribute to development of the forebrain (Creuzet et al., 2004; Aguiar et al., 2014; Garcez et al., 2014). In this work, we altered signals that participate in development of the face and brain and assess covariance in these structures in order to determine the extent to which development of the brain and face are integrated.

Facial morphogenesis is regulated by cellular interactions that are mediated by various morphogenetic signals, including fibroblast growth factor (FGF), bone morphogenetic protein (BMP), wingless (Wnt), and sonic hedgehog (SHH) signaling (Minoux and Rijli, 2010). Morphogenesis of the upper jaw appears to be regulated by an epithelial signaling center known as the frontonasal ectodermal zone (FEZ). The FEZ is a region of ectoderm spanning the roof of the developing buccal cavity and the dorsal frontonasal process (FNP), defined by strong expression of SHH and delimited at the oral boundary of the frontonasal prominence by FGF8 expression (Hu et al., 2003; Hu and Marcucio, 2009a; Hu et al., 2015). In addition to SHH and FGF8, other signaling molecules, such as BMPs (Francis-West et al., 1994; Barlow and Francis-West, 1997) and WNTs (Lan et al., 2006; Geetha-Loganathan et al., 2009; Ferretti et al., 2011), are expressed in the FEZ and contribute to FEZ function. However, when SHH expression is either absent from the FEZ or when SHH signaling is disrupted in the face, upper jaw morphogenesis is severely compromised (Cordero et al., 2004; Jeong et al., 2004; Hu and Marcucio, 2009b; Kurosaka et al., 2014; Richbourg et al., 2020) indicating that SHH is a key morphogen that mediates FEZ function.

The spatial pattern of SHH expression in the FEZ is associated with embryonic facial shape (Hu and Marcucio, 2009a), so that altering the shape of the SHH expression domain in the FEZ alters facial morphogenesis. For example, after activating SHH signaling in the brain of chicks, the faces resembled mammalian embryos and the SHH expression domain was split into two domains that resembled the mammalian pattern of expression (Hu and Marcucio, 2009b). After transplanting the basal forebrain from duck to chick embryos, facial shape was shifted in morphospace toward the duck and the shape of the SHH expression domain correlated with facial shape (Hu et al., 2015). However, what regulates the spatial pattern of SHH expression in the FEZ is not known. Conditional inactivation of beta-catenin in the surface ectoderm altered the pattern of Shh expression in the mouse FEZ. Normally, this domain is bilateral, and in the absence of canonical Wnt signaling in the FEZ, Shh expression appears as a single domain like that in chicks and the embryos had a narrow anteriorly projecting upper jaw that grossly resembled a beak (Reid et al., 2011). Other work in mice also indicates that the pattern of Wnt signal activation in the face is associated with the unique growth patterns in different organisms (Brugmann et al., 2007). Thus, the pattern of morphogenesis of the upper jaw appears related, in part, to the shape of the SHH expression domain.

Signaling from the brain to the face is not unidirectional. Recent work has shown that signals from the neural crest cells are required to maintain signaling centers that regulate development of the forebrain (Le Douarin et al., 2012). Neural crest cells maintain the pattern of WNT, SHH, and FGF8 expression in the developing forebrain (Creuzet et al., 2004). The effects of the neural crest on forebrain development appear mediated by expression of BMP and WNT antagonists within by neural crest cells (Aguiar et al., 2014; Garcez et al., 2014). Hence, a complex signaling network involving WNT, BMP, and SHH among the brain, facial ectoderm, and neural crest mesenchyme contributes to morphogenesis of the amniote upper jaw and the brain. However, the extent to which these signaling pathways integrate development of these tissues is not known.

The aim of this work was to assess the interactions between the brain and the face by altering Wnt signaling in the developing head. This was achieved by activating the canonical Wnt pathway in the neural crest of developing chick embryos by infecting them with a replication competent virus encoding Wnt3a (RCAS-Wnt3a; Kengaku et al., 1998). Additionally, we infected the migrating neural crest using RCAS-Dkk1 (Yue et al., 2006) to inhibit Wnt signaling (Mukhopadhyay et al., 2001). We used 3D geometric morphometrics (3DGM) to quantify the shape of the head and the brain, and we developed four novel metrics based on geometry for quantifying shape and size of a gene expression domain to assess SHH expression in the FEZ. We first examined the extent to which activation of Wnt signaling in the developing face regulates the shape of SHH expression in the FEZ and then determined whether there is a relationship between the shape of SHH expression and the face. Next, we examined how altered Wnt signaling affects the neural tube. Our results show that these metrics of FEZ shape correspond with major axes of craniofacial variation after WNT activation and illustrate the high level of integration between the face and brain.



MATERIALS AND METHODS


Embryo Manipulation

Fertilized chicken eggs (Gallus gallus, Charles River, SPAFAS) were prepared for surgical manipulations as follows. Embryos were incubated to Hamburger and Hamilton stage 10 [HH 10 (Hamburger and Hamilton, 1951) (approximately 36 h)] and then a small hole was made in the shell directly over the embryo after removing 1.0 ml of albumin. Sharpened tungsten needles were used to excise the anterior neural folds of embryos. RCAS-Wnt3a or RCAS-AP virus injections were carried out using a PV830 Pneumatic Picopump (World Precision Instruments Sarasota, FL, United States). Approximately 100–150 nl of virus solution was injected into the mesenchyme on each side of the forebrain of HH10 embryos. The hole was covered with tape and the embryos were returned to the incubator. Injected embryos were collected at 72 h post treatment. Embryos were removed from the eggs, rinsed in ice-cold PBS, fixed in 4% paraformaldehyde over-night at 4°C, and taken through a graded ethanol series to dehydration. Then prepared for whole mount in situ hybridization.



Preparation of Wnt3a Expressing Avian Virus (RCAS-Wnt3a and RCAS-Dkk1)

Replication-competent avian sarcoma retroviral vector encoding mouse wnt3a cDNA (from Addgene cat# CT#169) and dkk1 cDNA (from Dr. Tingxin Jiang at USC) was produced as described (Fekete and Cepko, 1993). Briefly described, virus stock was prepared by transfection of proviral DNA plasmid into immortalized chicken embryonic fibroblasts (DF-1 cells). Transfected DF-1 cells were expanded in Dulbecco’s Minimum Essential Medium (DMEM) supplemented with 10% fetal bovine serum (FBS). After two passages, cells were grown under low serum conditions (1% FBS) and virion was harvested over three consecutive days from confluent cultures. Viral supernatant was concentrated by centrifugation at 25,000 rpm for 3 h at 4° C. After discarding the supernatants, viral pellets were re-suspended in low serum culture medium, and 10 μl aliquots were frozen at −80 °C.



Infection With RCAS-Wnt3a and RCAS-Dkk1 Virus

Virus-dye solutions (10 μL of virus supplemented with 1 μl of 0.02% Fast Green) were prepared at the time of injection to allow visualization of injected solutions. A pulled borosilicate glass capillary pipette (OD = 1.0 mm; ID = 0.5 mm; Sutter Instrument, Novato, CA, United States) connected to a KITE-R micromanipulator (World Precision Instruments Sarasota, FL, United States) was loaded with the virus-dye solution. Embryos (SPAFAS) were incubated to HH10 and then a hole was made in the shell. A solution of neutral red was applied to the vitelline membrane to visualize the embryo. Injections were carried out using a PV830 Pneumatic Picopump (World Precision Instruments Sarasota, FL, United States). Approximately 100–150 nl of virus-dye solution was injected into the mesenchyme on each side of the forebrain of HH10 embryos (Supplementary Figure 1A). Viable embryos were euthanized and collected at 48 and 72 h post treatment. To test whether viral infection was similar between treatment groups, we performed whole mount in situ hybridization to assess expression patterns of the RCAS viral envelope gene (v-ENV; Supplementary Figure 1B). Using in situ hybridization, we have previously shown that using this approach, viral infection is restricted to the mesenchyme and ectoderm and is excluded from the neuroepithelium (Foppiano et al., 2007; Supplementary Figure 1C). See below for in situ hybridization details.



Total RNA Preparation and qRT-PCR

Quantitative polymerase chain reaction (qPCR) was performed on tissue containing only mesenchyme and ectoderm (therefore not including the neuroectoderm) dissected from the FNP. Briefly, the FNP was dissected from embryos, digested or 20 min on ice with 2 mg/mL dispase. Neural ectoderm was separated from the surface ectoderm and mesenchyme using tungsten needles and RNA was isolated ectoderm and mesenchyme four normal and four RCAS-Wnt3a infected embryos using RNeasy plus mini kit (Qiagen cat#74134). cDNA synthesis was performed using the Invitrogen Superscript III kit following the manufacturer’s instructions. qRT-PCR was performed using a Bio-Rad CFX96 real-time PCR machine. qRT-PCR primers for specific genes are:

GAPDH (Fw: CTGGTATGACAATGAGTTTGG; Rv: ATCAG TTTCTATCAGCCTCTC);

GAG (Fw: GGTTGCTTATGTCTCCCTCAG; Rv: GTTGTTT CTCCCACCTCCTC); WNT3A (Qiagen, cat#QT00590555)

AXIN2 (Qiagen, cat#QT01139362). Fold change was calculated based on the 2–ΔΔCt method, and relative quantity was calculated using the 2–ΔCt method. ΔCt was calculated between each target gene and GAPDH, a selected housekeeping gene. ΔCt was used for statistical analysis (Supplementary Figure 1D and Supplementary Table 1).



In situ Hybridization

In situ hybridization was performed on paraffin-embedded sections or whole embryos as previously described (Albrecht et al., 1997). Briefly, subclones of v-ENV, Shh, and Fgf8 were linearized to transcribe DIG-labeled antisense riboprobes or linearized for transcription of 35S-labeled antisense riboprobes as previously described (Jeong et al., 2004; Marcucio et al., 2005).

Images of in situ hybridization assays are captured using Adobe Photoshop (Figure 1A and Supplementary Figures 2A,B).
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FIGURE 1. Impact of Wnt3a on head and FEZ shape at stage HH22. (A) In situ hybridization for SHH. (B) Examples of head (gray) with landmarks (yellow), and FEZ (red) shape identified by Shh expression using in situ hybridization. From left to right: wild-type (WT), RCAS-Ap, RCAS-Wnt3a with mild phenotype, and RCAS-Wnt3a with severe phenotype. Boxplots of FEZ variables: (C) asymmetry ratio; (D) slope; (E) area; (F) compactness.




PHH3 Immunohistochemistry and TUNEL Assay

PHH3 IHC was performed with formalin-fixed, paraffin-embedded tissue sections. Briefly described, 8-μm-thick sections were obtained with a microtome, transferred onto adhesive slides, and dried at 37°C overnight. Tissue sections were deparaffinized using xylene and rehydrated. EDTA buffer (pH 9.0) was used for antigen retrieval at 100°C for 10 min. Using 3% H2O2, endogenous peroxidase was blocked for 10 min at room temperature. Slides were incubated with primary antibodies (PHH3, Polyclonal, 1:200, from Cell Signaling cat#9701S) overnight at 4°C, and a secondary antibody of HRP conjugated anti-rabbit immunoglobulin for 60 min at RT. Samples were incubated in DAD peroxidase substrate for 8–10 min (from Vector Laboratories, Inc., cat#SK-4100). Whole tissue images were acquired, and the number of PHH3 positive cells and total cells were manually and automatically counted in the FNP area. Nuclei were stained by using hoechst 33342 for total cell count. Analyze Particles tool in ImageJ 1.51s (Wayne Rasband, National Institutes of Health, United States) was used to count the cells. We used four embryos for each treatment group (RCAS-Ap and RCAS-Wnt3a) and counted mesenchymal cells in 14 sections in embryos infected with RCAS-Wnt3a and 20 sections for embryos infected with RCAS-Ap. For the neural ectoderm we selected four sections for each treatment group (Supplementary Table 2). We then calculated the mean for each embryo and performed statistical analysis.

For analysis of cell death, embryos were embedded in paraffin, sectioned, and TUNEL staining was performed according to the manufacturer’s protocol (Roche Applied Science, Indianapolis, IN, United States). Sections were counterstained with DAPI to stain the nuclei blue (Supplementary Figure 2C). The slides were mounted with antifluorescence quenching sealing solution and imaged by epifluorescent microscopy using a Leica DMRB microscope.



3D Imaging

For FEZ analysis, heads were embedded in 1.5% low melting agarose (Invitrogen) and dehydrated in 100% methanol for 2 days. After this, samples were clarified overnight in BABB (two parts Benzyl Benzoate: one part Benzyl Alcohol). Samples were then imaged twice with optical projected tomography Bioptonics 3000 (Sky Scan, Germany) at 7 μm resolution using two different exposures in the white light range. The first scan had a range of ∼20–30 ms exposure to visualize head shape and the second scan was performed with higher exposure (∼50–70 ms) to visualize shape of the Shh expression domain in the FEZ. We used Nrecon software (SkyScan, Germany) to reconstruct the images. Image stacks were then imported into Amira 6 software for visualization. We collected optical projected tomography data for 15 wild-type (WT), 23 RCAS-Wnt3a, and 12 RCAS-AP. For head and brain analysis and contrast enhanced microCT, heads were stained with 3.75% Lugol’s iodine for approximately 24 h, embedded in 1% low melting agarose (Invitrogen), and scanned using Scanco μCT35 scanner (Scanco Medical AG, Bruttisellen, Switzerland) with exposure range 55–70 Kv, 89–113 μA, and resolution of 11 μm. After reconstruction, image stacks were imported into Amira software (Version 6, FEI) for visualization and the brain was manually segmented. We collected micro-CT data for five RCAS-AP and 12 RCAS-Wnt3a at 48 h and six RCAS-Dkk1, six RCAS-AP, and seven RCAS-Wnt3a at 72 h.



Head and Brain Shape Analysis

Using Amira 6 software, one observer (MM) placed 21 landmarks on the surface of the head (Supplementary Figure 3) and an additional 17 landmarks on the surface of the brain (Supplementary Figure 4). Each specimen was landmarked three times whereas the mean coordinates were used for subsequent analyses. We performed general Procrustes alignment, principal component analysis (PCA), and modularity tests using geomorph 3.0.7 and Morph 2.6 packages in Rstudio 1.1.463 (©2009–2018 Rstudio, Inc.).



FEZ Shape Analysis

Sonic hedgehog expression in the FEZ was manually segmented using Amira 6 software. Based on the segmented volumes of the embryo and the FEZ, four metrics were computed to quantify the FEZ shape.

Asymmetry: a bilateral symmetry of the Shh expression can be observed in WT and RCAS-Ap subjects (Figures 1A,B). Furthermore, the symmetry plane of the Shh expression matches the symmetry plane of the embryo, which is used to compute the asymmetry of the FEZ shape assuming that even if the FEZ shape is not symmetric, the embryo itself will still be mostly symmetric. To compute the Shh expression symmetry, a sagittal plane of symmetry is manually defined in the embryo in a first step, and the embryo and segmented Shh expression are mirrored. As this manually defined symmetry plane might not be optimal, the mirrored embryo was registered to the original volume using an intensity-based rigid registration implemented in the open-source Medical Imaging NetCDF (MINC) software (Collins and Evans, 1997; Vincent et al., 2016) to correct slight misplacements between the embryo and the mirrored one. This registration was computed using a multi-resolution approach and optimizing a cross-correlation similarity metric (Devine et al., 2020). After registration, the final rigid transformation is applied to the mirrored Shh expression. This allows to calculate the asymmetry ratio (S) for Shh expression using the matching voxels between the original (F) and mirrored (Fm) Shh expression:
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Slope (triangularity): The Shh expression in WTs and RCAS-Ap samples typically has a triangular shape (Figures 1A,B). In order to quantify the triangularity, the number of voxels of the segmented FEZ aligned to the embryo sagittal plane were computed for each slice starting from the top to the bottom. After this, the slope resulting from a linear fitting was computed. This slope is negative for triangular-like expressions, while close to zero or positive for other shapes.

Projected area and compactness: The FEZ expression is typically displayed as a irregular and thin surface. Xu et al. (2015) proposed a shape analysis technique that is based on projecting the 3D FEZ expression to a 2D plane. Using this projection, two descriptors were computed: the area of pixels contained in the 2D projected surface, and the compactness C, given by Žunić et al. (2010):
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Statistical Analysis

Statistical analyses (Kruskal–Wallis, ANOVA and Spearman’s correlation) were performed in Rstudio 1.1.463 (©2009–2018 Rstudio, Inc.) using dunn.test package and IBM SPSS 26.0 (Armonk, NY: IBM Corp.). p-values below 0.05 were considered statistically significant. Canonical correlation analyses were performed in MATLAB 9.5 (The MathWorks Inc., 2018).



RESULTS


Perturbation of Wnt Signaling and FEZ Shape

We hypothesized that activation of Wnt signaling in the face would induce changes in expression of Shh and, therefore, in changes of the FEZ shape. To activate the Wnt pathway in the face, we injected RCAS-Wnt3a (n = 23), or RCAS-alkaline phosphatase (RCAS-AP) as a control (n = 12), into the mesenchyme of chick embryos at HH10 (Hamburger and Hamilton, 1951; Supplementary Figure 1A), during neural crest migration into the facial prominences, as previously described (Foppiano et al., 2007). Using this this approach, infection of the mesenchyme and ectoderm occurs but infection of the neural tube is excluded (Supplementary Figure 1C; Foppiano et al., 2007). Embryos were incubated and collected at HH22. We collected 15 additional unmanipulated WT embryos at HH22 as normal controls.

To quantify infection levels, Wnt3a overexpression, and to examine whether infection and expression was restricted to the FNP, we quantified the level of expression of WNT3A, GAG, and AXIN2 indicators of Wnt signaling in neural crest cells (Yu et al., 2007) in the mesenchyme and ectoderm together derived from the FNP from four WT and four RCAS-Wnt3a samples (Supplementary Figure 1D). The expression of these genes is significantly higher in embryos infected with RCAS-Wnt3a compared to WT embryos (ANOVA: WNT3A, p-value<0.001; GAG, p-value<0.001; AXIN2, p-value = 0.004).

A wide range of alterations were observed in embryos infected with RCAS-Wnt3a (Figures 1A,B). These embryos had larger heads and alterations in SHH expression in the FEZ (Figures 1A,B and Supplementary Figures 5A,C,E) while there were no differences in the pattern of FGF8 expression in the face (Supplementary Figure 2A). In WT and RCAS-AP groups, SHH expression in the FEZ was triangular with the apex pointed downward into the stomatodeum, while the FEZ of embryos infected with RCAS-Wnt3a displayed a spectrum of shapes. The SHH expression domain in embryos infected with RCAS-Wnt3a was diffuse and irregularly shaped (Figures 1A,B).

To permit 3D and 2D quantification of shape of the head and SHH expression in the FEZ, we imaged all samples, which had been used to assess SHH expression via in situ hybridization, using optical projection tomography. To investigate whether the shape of the SHH domain in the FEZ was different in embryos after activation of Wnt signaling, we calculated the area, asymmetry ratio, slope (indicating whether the FEZ is triangular or square in shape), and compactness (indicating the degree to which the FEZ is circular and compact) of the SHH expression domain (see section “Materials and Methods”). Head size, indicated as centroid size, FEZ area, and compactness all differed significantly between WT and RCAS-Wnt3a embryos (Kruskal–Wallis test, see Table 1 and Figure 1). SHH expression in embryos infected with RCAS-Ap was only significantly different from RCAS-Wnt3a in the area of the FEZ (see Table 1). We did not find any difference between treatments using FEZ slope and asymmetry ratio.


TABLE 1. Kruskal–Wallis test for the frontonasal ectoderm zone (FEZ) and head size (centroid size).

[image: Table 1]We expected some degree of covariation in these metrics as changes in FEZ shape and size will produce concerted changes in all these measures. To identify the primary axis of this covariation, we performed PCA of the four FEZ shape variables. Of the four principal components PC1 and PC2 represent 46 and 29% of the total variation, respectively (Figure 2A). FEZ shape differs significantly between the groups (Kruskal–Wallis: T = 15.73, df = 2, p-value < 0.01). We found no evidence that craniofacial variation is due to embryonic manipulation alone, as WT and RCAS-Ap are not significantly different (Bonferroni correction p-value = 1). However, both, WT (Bonferroni correction p-value = 0.0007) and RCAS-Ap (Bonferroni correction p-value = 0.0036), differ significantly from RCAS-Wnt3a, suggesting that activation of Wnt signaling in the face produces significant differences in FEZ shape by expanding the domain of SHH expression.
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FIGURE 2. FEZ and head shape variation between wild-type, RCAS-Ap and RCAS-Wnt3a at stage 22/23. (A) Biplot of first two principal components of FEZ shape based on four variables. (B) Biplot of first two principal components of head shape based on 21 landmarks. Gray meshes represent head shape at the extreme of the principal component. (C) Canonical correlation analysis of the first five principal components of the head and the four principal components of the FEZ.




Head and FEZ Shape Relationship

Given that the shape of SHH expression in the FEZ is associated with facial shape, we wanted to assess the extent to which the quantified differences in the shape of the FEZ might correspond to differences in head shape. Therefore, we analyzed the head shapes using 3DGM. Using Amira 6, we placed 21 landmarks on images obtained using micro-CT imaging. The landmarks represent a subset of the set used in Smith et al. (2015; Supplementary Figure 3). The resulting landmark sets were aligned using a general Procrustes analysis and major axes of covariation were extracted using PCA. The first five principal components account for approximately 72% of the total variance in head shape. From PC6 onward, variation along each principal component explains no more than 5% of the total covariance. As these components represent such a small aspect of the total overall variance in head shape, we limited subsequent analyses of head shape to PC1 through PC5, with PC1 and PC2 representing 37 and 15% of the total variation, respectively (Figure 2B). We found significant differences in head shape between the groups (Kruskal–Wallis: T = 21.5896, df = 2, p-value < 0.01). As with the FEZ, we found that retroviral infection alone did not produce differences in head shape in comparison with WT embryos (p-values). However, after activating Wnt signaling in embryos, significant differences in head shape were observed (Bonferroni correction, WT p-value < 0.0001, RCAS-Ap = 0.001) and were primarily along the first principal component (Figure 2). We conclude that increased mesenchymal expression of RCAS-Wnt3a is sufficient to drive changes in embryo head shape, particularly wider faces, and differences in the maxillary processes (Figures 1, 2).

We then investigated whether overall continuous variation in the shape of SHH expression in the FEZ could be correlated with overall continuous variation in head shape forming a single morphocline. To identify axes of covariation shared between FEZ shape and head shape, we used canonical correlation analysis following the methodology described by Hu et al. (2015). Here, we found that variation in head and FEZ shape is relatively limited in both WT and RCAS-Ap embryos, whereas both head and FEZ shape are much more variable after activating Wnt signaling in embryos. This variation is highly correlated (Spearman’s correlation, R = 0.559, p-value < 0.001) with the most extreme FEZ shapes corresponding with the most extreme head shapes. Hence, activation of Wnt signaling drives correlated changes in the shape of SHH expression in the FEZ and overall head shape.



Head and Brain Shape Relationship

Previous studies have shown that Wnt3a activation in the chicken face leads to increased cell proliferation and mesenchymal tissue (Brugmann et al., 2010), while inhibition of Wnt3a in mice disrupts proper neural development (Augustine et al., 1993). Thus, we investigated next whether our observed changes in facial morphology could be explained by differences in SHH expression, proliferation or apoptosis in the face and brain. To test whether Wnt3a affects SHH expression in the neural ectoderm, we performed in situ hybridization for SHH in head sections (Supplementary Figure 2B). Our in situ hybridization shows lateral and dorsal expansion of SHH expression in the neural ectoderm, suggesting a similar relationship between Wnt3a signaling and SHH expression as seen in the FEZ (Figure 1A and Supplementary Figure 2B). To quantify proliferation, we performed anti-phosphohistone-H3 immunostaining and quantified number of total and proliferating cells in the mesenchyme and in the neural ectoderm (Kim et al., 2017; Figure 3). We did not observe an increase in either total tissue (ANOVA: p-value = 0.722; Figure 3B) or proliferating cells (ANOVA: p-value = 0.846; Figure 3C) in the mesenchyme. We also did not observe an increase in either the number of cells (ANOVA: p-value = 0.815; Figure 3D), or of proliferating cells (ANOVA: p-value = 0.929; Figure 3E) in the neural ectoderm. To qualitatively assess if there was an increase in apoptotic cells, we performed TUNEL assay (Supplementary Figure 2C). We did not observe any difference in apoptotic cells in the neural ectoderm or mesenchyme.
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FIGURE 3. Cell proliferation is unchanged between RCAS-Ap and RCAS-Wnt3a at stage HH22. (A) Immunohistochemistry for phosphohistone H3 (PHH3). Boxplot of total cells (B) and percentage of cells positive for PHH3 (C) in mesenchyme. Boxplot of total cells (D) and percentage of cells positive for PHH3 (E) in neural ectoderm (bottom).


Since we observed an increase in head size (Figures 1A,B and Supplementary Figure 5) after activating Wnt signaling, we investigated whether the early effect of Wnt3a in shaping the head may be achieved through morphogenesis of the brain rather than mesenchymal proliferation which was examined in previous research on later stages of facial development (Brugmann et al., 2010). Therefore, we analyzed whether overall shape and size of the brain was affected by activation of Wnt signaling in the face. We used contrast enhanced microCT to visualize the 3D shape of the brain and head of embryos infected with RCAS-AP and RCAS-Wnt3a after 48 (∼HH18) and 72 h (∼HH22) of treatment. We manually segmented the brain from microCT stacks, and placed 17 landmarks on the brain using Amira 6 software and then quantified shape differences using 3DGM analysis (Supplementary Figure 4). We also placed 21 facial landmarks on the surface of the head to quantify head shape variation (Supplementary Figure 3).

The resulting landmark sets were aligned using a general Procrustes analysis and major axes of covariation were extracted using PCA. At 48 h post-treatment, the first four principal components account for approximately 85% of the total variance in brain shape and, similarly, the first five principal components account for approximately 86% of the total variance in head shape. Respectively, from PC5 and PC6 onward, variation along each principal component explains no more than 5% of the total shape variation. As these components represent such a small aspect of the total overall variance in brain and head shape, we limited subsequent analyses of shape variation only to the PCs that explain more than 5% of total shape variation. In doing so, we found significant differences in brain (Kruskal–Wallis: T = 6.4, df = 1, p-value = 0.01) and head (Kruskal–Wallis: T = 4.0111, df = 1, p-value = 0.05) shape between the RCAS-Wnt3a and RCAS-Ap groups. We conclude that increased mesenchymal expression of RCAS-Wnt3a is sufficient to drive changes in embryo brain and head shape as early as 48 h after treatment with RCAS-Wnt3a, producing a wider face, higher nasal prominence, and differences in the maxillary process (Figure 4).
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FIGURE 4. Brain and head shape variation between RCAS-Ap and RCAS-Wnt3a stage HH18. (A) Biplot of the first two principal components of the brain based on 17 landmarks. Gray meshes represent brain shape at the extreme of the principal component. (B) Biplot of the first two principal components of the head based on 21 landmarks. Gray meshes represent head shape at the extreme of the principal component. (C) Canonical correlation analysis of the first five principal components of the head and the first four principal components of the brain.


To investigate brain development at 72 h post-treatment, we infected the neural crest of chick embryos with RCAS-AP, RCAS-Wnt3a, and RCAS-Dkk1 at HH10 as above. DKK1 is a Wnt inhibitor essential for proper head development (Mukhopadhyay et al., 2001). We hypothesized that blocking Wnt signaling in the mesenchyme by infecting the neural crest with RCAS-Dkk1 should produce a phenotype that appears opposite to embryos infected with RCAS-Wnt3a treatment, such as smaller heads and brains. We observed this relatively mild phenotype in most RCAS-Dkk1 treated embryos (Figure 5).
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FIGURE 5. Range of phenotypes observed in RCAS-Dkk1 at HH22. Top row: lateral view. Bottom row: anterior view. Typical control on far right.


At HH22, the sum of the first three principal components explains approximately 87 and 90% of the total variance in head and brain shape, respectively. From PC3 onward, variation along each principal component explains less than 5% of the total shape variation. Therefore, only the first three PCs were considered in this analysis. We found significant differences in head shape only between RCAS-Wnt3a and RCAS-Ap treatments (Kruskal–Wallis: T = 12.4677, df = 2, p-value < 0.01; Bonferroni correction: p-value = 0.0006) and not between RCAS-Dkk1 and the other two groups: RCAS-Ap (Bonferroni correction: p-value = 0.0603) and RCAS-Wnt3a (Bonferroni correction: p-value = 0.2460). In brain shape, we found statistical differences between RCAS-Wnt3a and the other two groups (Kruskal–Wallis: T = 8.7737, df = 2, p-value = 0.01) RCAS-AP (Bonferroni correction: p-value = 0.0215) and RCAS-Dkk1 (Bonferroni correction: p-value = 0.0136), while there were no differences between RCAS-Dkk1 and RCAS-Wnt3a (Bonferroni correction: p-value = 1) (Figure 6).
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FIGURE 6. Brain and head shape variation between RCAS-Ap, RCAS-Dkk1 and RCAS-Wnt3a at stage HH22. (A) Biplot of the first two principal components of the brain based on 17 landmarks. Gray meshes represent brain shape at the extreme of the principal component. (B) Biplot of the first two principal components of the head based on 21 landmarks. Gray meshes represent head shape at the extreme of the principal component. (C) Canonical correlation analysis of the first three principal components of the head and of the brain.


We then investigated whether overall continuous variation in brain shape is correlated with overall continuous variation in head shape forming a single morphocline. As with our comparison of head and FEZ shape, we used canonical correlation analysis. Here, we found that variation in brain and head shape is highly correlated both at 48 h (Spearman’s correlation, R = 0.929, p-value < 0.001) and at 72 h (Spearman’s correlation, R = 0.979, p-value < 0.001) (Figure 6). This variation formed a single morphocline, with RCAS-Dkk1 on one end and RCAS-Wnt3a on the other, with RCAS-AP distributed between the two.

We then analyzed whether the effect of RCAS-Wnt3a treatment was restricted to the forebrain regions adjacent to the injection site, or whether the effects are more broadly experienced by the developing brain. Therefore, we tested whether shape variation in the forebrain is integrated with the hindbrain/midbrain using a modularity test that calculates a covariance ratio (CR) for a priori modules (here forebrain versus hindbrain/midbrain), which is then compared to the distribution of CRs for randomly assigned modules across 1000 bootstrap replicates. We found that shape variation in the forebrain was covaried strongly with variation in the hindbrain/midbrain at 48 h post-treatment in the entire sample (CR = 1.033, p-value = 0.104) as well as within each treatment group (RCAS-AP: CR = 0.9864, p-value = 0.127; RCAS-Wnt3a: CR = 1.0647, p-value = 0.688). However, by 72 h post-treatment, the strength of covariation between forebrain and hindbrain/midbrain is significantly reduced in the overall sample (CR = 1.0051, p-value = 0.02). This decreased integration between forebrain and hindbrain/midbrain is driven entirely by the RCAS-Wnt3a group (CR = 0.9275, p-value = 0.003), whereas in RCAS-AP (CR = 1.0196, p-value = 0.365) and RCAS-Dkk1 (CR of 1.0368, p-value = 0.264), this integration is maintained. Therefore, we conclude that activation of Wnt signaling produces novel variation and covariation within the forebrain alone, and this occurred in the window between 48 and 72 h post-infection.

As covariation structure between the forebrain and hindbrain/midbrain appears to be disrupted after activation of Wnt signaling, we investigated how shape variation in each anatomical region differed as a result of each treatment (RCAS-AP, RCAS-Wnt3a, and RCAS-Dkk1). In order to compare shape variation within the forebrain and hindbrain/midbrain, we performed separate analyses of landmark sets representing each region. For both regions, only the first three PCs explained more than 5% of the total variation each so that subsequent analyses were restricted to these PCs. We did not find significant differences in the shape of the posterior part of the brain between treatment groups (Kruskal–Wallis: T = 5.2308, df = 2, p-value = 0.07), but, as expected, we found significant differences in forebrain shape between embryos infected with RCAS-Wnt3a and the two other groups (RCAS-AP and RCAS-Dkk1) (Kruskal–Wallis: T = 11.4391, df = 2, p-value < 0.01; Bonferroni correction for RCAS-AP and RCAS-Wnt3a p-value = 0.0049; for RCAS-Dkk1 and RCAS-Wnt3a p-value = 0.0068) (Figure 7). We conclude that mesenchymal activation of canonical Wnt signaling drives changes in brain and head shape, primarily by driving increased size of the forebrain adjacent to Wnt3a-expressing mesenchyme. Inhibiting Wnt signaling with Dkk1 appears to have a weak opposite effect, but with high variability in the observed phenotype.
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FIGURE 7. Hindbrain and forebrain shape variation between RCAS-Ap, RCAS-Dkk1 and RCAS-Wnt3a at stage HH22. (A) Biplot of the first two principal components of the hindbrain based on six landmarks. (B) Biplot of the first two principal components of the forebrain based on 11 landmarks.




DISCUSSION

Clinically, the relationship between the developing brain and face is well recognized. Patients with holoprosencephaly have coordinated alterations in the brain and face (DeMyer et al., 1964; DeMyer, 1975; Patterson, 2002; Plawner et al., 2002; El-Hawrani et al., 2006). Signals from the brain play a critical role in regulating the morphogenesis of the face, and disruptions to these signals lead to alterations in the brain and in the face (Marcucio et al., 2005; Hu and Marcucio, 2009b; Hu et al., 2015; Geoghegan et al., 2017; Richbourg et al., 2020). In this work, we show that integration of the brain and face is disrupted after activation of Wnt signaling in the head by misexpression of Wnt3a in the neural crest mesenchyme. We observed changes in the shape of the SHH expression domain in the FEZ that were associated with the severity of the phenotypic outcome, while the correlated changes in the shape of the forebrain and the face illustrate that shared molecular signals between the brain and face coordinate development of this region of the embryo.


Role of Wnt in Normal and Abnormal Facial Development and Integration With the Brain

Wnt signaling has many distinct and overlapping roles in craniofacial development, which have been studied in multiple contexts. The importance of Wnt signaling in head specification and craniofacial development was originally identified in Xenopus where Wnts and Wnt antagonists were found to have critical roles in specifying the head and central nervous system (McMahon and Moon, 1989; Sokol et al., 1991). Subsequent studies in chicken and mouse have further expanded our understanding of the role of these pathways in craniofacial development. Expression of multiple Wnt ligands, receptors, and effectors have been observed throughout various regions of the developing head of mouse and chick embryos (Lan et al., 2006; Geetha-Loganathan et al., 2009; Vendrell et al., 2009; Paiva et al., 2010). In the mouse, active Wnt signaling is observed in the forebrain and distal parts of the FNP during early stages of outgrowth (Lan et al., 2006; Mani et al., 2010), and our previous work in chick embryos demonstrates active WNT expression throughout the maxillary processes and FNP during outgrowth of these regions (Hu and Marcucio, 2009b). WNT ligands, receptors, and effectors have also been shown to be active in later phases of craniofacial development, including differentiation of skeletal tissues (Liu et al., 2008a) and specification of the retina (Fujimura et al., 2009) and tooth buds (Liu et al., 2008b).

Much of this research has focused on the role of Wnt signaling in regulating the outgrowth of the facial prominences. Blocking or activating Wnt signaling in avian embryos led to malformations of the upper jaw (Shimomura et al., 2019). Activating Wnt signaling in avian embryos using a bead soaked in WNT3a or a retrovirus to misexpress Wnt3a beginning at stage 20 led to malformations of the face due to increased cell proliferation in the mesenchyme and increased expression of BMP2 and BMP4 (Brugmann et al., 2010), which are targets of FEZ activity (Hu and Marcucio, 2009a), and removing combinations of Tcf4 and Lef1 from mice disrupted facial morphogenesis (Brugmann et al., 2007). Using conditional approaches, Wnt signaling was shown to be required within the facial ectoderm and forebrain for development of the FNP derivatives, while activating Wnt signaling throughout the facial ectoderm and forebrain led to facial dysmorphology (Wang et al., 2011). However, more specific approaches, in which beta-catenin was removed from the facial ectoderm, led to alterations in the shape of the developing head associated with alterations in Shh expression in the mouse (Reid et al., 2011).

Wnt signaling is also understood to have a later role in formation and fusion of the primary palate (reviewed in: He and Chen, 2012). Multiple WNT genes have been identified as risk variants for cleft lip in humans (Chiquet et al., 2008), and knockout of Wnt9b in mice leads to cleft lip (Lan et al., 2006) in part by reducing proliferation of the mesenchyme comprising the midface and preventing apposition of the facial primordia (Jin et al., 2012). Furthermore, knock-out of Wnt9b and Rspondin synergize to produce a more severe bilateral cleft lip (Jin et al., 2020). Additionally, the A/Wsyn mouse, which also exhibits partial penetrance of cleft lip, appears to be caused by changes in methylation in genomic regions adjacent to Wnt9b (Juriloff, 1982; Ciriani and Diewert, 1986; Forbes et al., 1989; Green et al., 2019). Palate fusion interacts dynamically with face shape more generally. A phylotypic stage of development among amniotes occurs during fusion of the primary palate, suggesting that facial shape is an important contributor to successful fusion of the primary palate (Young et al., 2014).

Our results show that activation of Wnt3a in the mesenchyme beginning at an early time point in craniofacial development (HH10) has a substantial effect on brain development as early as 48 h after treatment, inducing covarying changes in brain shape and size (Figure 4) and expanded SHH expression domain in the neural ectoderm along the ventral portion of the neural tube (Supplementary Figure 2B), with additional later effects primarily restricted to the forebrain. Along with the alteration in the covariation of forebrain and midbrain, these results strongly suggest that forebrain morphogenesis is altered in response to modulating activation of Wnt signaling. This contrasts with the lack of observable differences in proliferation in the facial prominences and suggests that mesenchyme-forebrain signaling may be a primary avenue by which Wnt signaling controls facial shape during these early stages of craniofacial development. This early role for Wnt signaling contrasts with an identified later role of Wnt signaling in driving proliferation within the facial prominences (Brugmann et al., 2010). Our findings are consistent with previous work identifying an important role for Wnt3a in early forebrain development and expansion in mouse (Augustine et al., 1993). We can suggest here that this may be achieved by expanding the expression domain of SHH in both the FEZ and ventral neural tube. This relationship between activation of Wnt signaling and neural expansion are facilitated by the close spatial relationship of these tissues at HH10, as WNTs are a class of diffusible proteins (Brafman and Willert, 2017). This raises questions of whether mesenchymal Wnt signaling may play a role in initial patterning of the dorsoventral axis of the neural tube, which is achieved largely by SHH signaling.

Interestingly, alterations in the shape of the brain are observed in patients with cleft lip and palate (Kjaer, 1995; Nopoulos et al., 2007; Chollet et al., 2014). Using multiple strains of WT mice, we investigated developmental integration of the brain and face. The variation in the shape of the forebrain was correlated with shape of the face. As the forebrain grows it stretches the facial prominences. Thus, if the rate of growth of the brain is not integrated with growth of the face, the apposition of the facial prominences is altered and this may lead to orofacial clefts (Parsons et al., 2011). In our current work, we were unable to examine primary palate formation due to poor survival to these later stages, but our results may begin to provide unique insights into mechanisms by which the brain and face are physically integrated through shared molecular signals. This may be mediated by neural crest cells, which modulate Wnt signaling to maintain signaling centers that control forebrain development (Aguiar et al., 2014), and as outlined above, also respond to Wnt signals to control growth of the facial primordia and fusion of the primary palate.



Role of Wnt Signaling in Formation of the FEZ

Sonic hedgehog expression in the FEZ is essential for morphogenesis of the midface (Cordero et al., 2004; Lipinski et al., 2010), but the mechanisms that control its expression are unknown. Our previous work has focused on the role of the forebrain and neural crest cells in regulating Shh expression (Marcucio et al., 2005; Hu and Marcucio, 2009b, 2012; Chong et al., 2012; Hu et al., 2015; Richbourg et al., 2020). This work has revealed that Shh signaling from the brain is required during early stages of facial development (Chong et al., 2012), and later BMP dependent signaling within the neural crest also participates in regulating SHH expression in the FEZ (Foppiano et al., 2007). Here we observed significant changes in SHH expression in the FEZ that appeared to be an expansion of the domain. This suggests that Wnt signaling participates in induction, maintenance or expansion of SHH expression in the FEZ.

While the gene regulatory network that controls Shh expression is not known, a direct connection between canonical Wnt signaling and FEZ specification has been shown (Reid et al., 2011). Gain of function and loss of function experiments targeting β-Catenin in mice have shown that the lateral extent of epithelial Shh expression in the FEZ depends on dosage of activated β-Catenin. Loss of function restricted epithelial Shh expression medially and gain of function resulted in more lateral epithelial Shh expression domains (Reid et al., 2011). Interestingly, we found more lateral expression of SHH in embryos after activation of Wnt signaling, with expression extending into the maxillary processes. However, we do not find the same medial exclusion of SHH expression seen in the mouse model. This may reflect differences in facial patterning and palatal construction between mouse and chicken rather than a conflict between the results. For example, neural crest cells appear required for SHH expression in the FEZ (Kjaer, 1995), but the midline of the mouse face is comprised of a furrow and there are no neural crest cells present until the two median nasal processes merge at the midline (Hu and Marcucio, 2009b). Alternatively, or in combination with direct regulation of SHH expression by WNTs in both neural ectoderm and FEZ, other possibilities exist for expanding the SHH expression domain. Wnt3a may be reducing expression of an inhibitory influence on SHH expression, although the identity of such an inhibitor is purely speculative. An additional possibility is that the facial ectoderm is specified normally, but as the forebrain expands the FEZ stretches to accommodate the brain. These are not mutually exclusive scenarios and distinguishing among them is challenging.



Wnt Signaling in Craniofacial Development and the Palimpsest Model

We show here that early perturbation to Wnt3a expression in the facial mesenchyme is sufficient to drive changes in the shape of the FEZ signaling center as well as the shape and size of the forebrain. These changes are distinct from the effects of later perturbations to Wnt3a expression in the facial mesenchyme, which primarily drive changes in mesenchymal proliferation (Brugmann et al., 2010). Our experimental approach is unable to determine whether induced changes in the FEZ and forebrain have a causal relationship with each other. We have not determined whether the size of the FEZ drives neural tube cavitation or if these represent parallel responses to the mesenchymal signal. However, these changes in the brain, face, and FEZ shape are strongly covarying and are also distinct from those induced by the same treatment at later stages in development.

These results are consistent with the palimpsest model for morphological integration (Hallgrímsson et al., 2009). In this model, developmental processes drive covariation among phenotypic traits, but these processes act at different times, with later acting processes often obscuring or modulating the effects of those that occur earlier. Here, Wnt3a drives a covariation in the brain, face, and FEZ shape during early face formation, while at later stages, variation in the brain and face are decoupled, with Wnt3a activation driving covariation among facial components but not the brain. Quantitative approaches, such as our approach here, have shown that craniofacial morphology is highly integrated. This applies to the constellations of features that characterize craniofacial anomalies and facial shape effects of major mutations but also to standing variation within naturally occurring populations (Hallgrímsson et al., 2009, 2020; Martinez-Abadias et al., 2012; Cole et al., 2017). This is important because these patterns of covariation reveal underlying regularities in the relationship between developmental mechanisms and phenotypic variation. In this work, we have shown how variation in the activation of the same gene results in different patterns of covariation over the course of craniofacial development. Understanding the spatiotemporal dynamics of the generation of continuous variation by development is key to unraveling the complex relationships between genetic and phenotypic variation.
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Supplementary Figure 1 | Experimental procedure and validation of Wnt3a overexpression. (A) Picture of a St10 chicken indicating the sites of RCAS injection (red arrows). (B) Whole mount in situ hybridization for v-ENV. (C) In situ hybridization in section for v-ENV in red showing that the RCAS infection is mesenchyme specific, blue nuclear staining. (D) Boxplot representing differences -delta CT for WNT3A, AXIN2, and GAG expression.

Supplementary Figure 2 | Ectopic expression of Wnt3a affects Shh expression but not FGF8 and apoptosis. (A) Whole embryo in situ hybridization for FGF8. (B) In situ hybridization for Shh in head section. (C) TUNEL assay in head section in green cell death in blue nuclear staining.

Supplementary Figure 3 | Landmarks used to quantify shape of the head. Surface render of the head in gray and 21 landmarks in yellow in anterior (A), lateral (B), and dorsal (C) view.

Supplementary Figure 4 | Landmarks used to quantify shape of the brain. Surface render of the brain in purple and 17 landmarks in yellow (forebrain) and red (mid-hindbrain) in ventral (A), dorsal (B), lateral (C), and posterior oblique (D) view.

Supplementary Figure 5 | Comparison of centroid size across experiments. (A) Centroid size of chicken head at HH22 used for the FEZ analysis. (B) Centroid size of the brain of chickens at HH18 based on 17 landmarks. (C) Centroid size of the head of chickens at HH18 based on 21 landmarks. (D) Centroid size of the brain of chickens at HH22 based on 17 landmarks. (E) Centroid size of the head of chickens at HH22 based on 21 landmarks.

Supplementary Table 1 | qPCR data of GAPDH, WNT3A, AXIN2, and GAG expression in wild-types and RCAS-Wnt3a.

Supplementary Table 2 | Quantification of total cells and PHH3 positive cells in mesenchyme and neural ectoderm in sections.

Supplementary Table 3 | Raw data of FEZ variables.

Supplementary Table 4 | File containing classifier variables for 48hr treatments used in R code called “group_48”.

Supplementary Table 5 | File containing classifier variables for 72hr treatments used in R code called “group72-BH”.

Supplementary Table 6 | Landmark coordinates for brain shape at 48hr treatment. File used in R code called “landmarks_48_BR”.

Supplementary Table 7 | Landmark coordinates for head shape at 48hr treatment. File used in R code called “landmarks_48H”.

Supplementary Table 8 | Landmark coordinates for brain shape at 72hr treatment. File used in R code called “landmarks_72B”.

Supplementary Table 9 | Landmark coordinates for brain shape at 72hr treatment. File used in R code called “landmarks_72H”.

Supplementary Table 10 | Landmark coordinates for head shape. File used in R code called “landmarksW”.

Supplementary Table 11 | R script used in analyses.
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The Chromatin Regulator Ankrd11 Controls Palate and Cranial Bone Development
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Epigenetic and chromatin regulation of craniofacial development remains poorly understood. Ankyrin Repeat Domain 11 (ANKRD11) is a chromatin regulator that has previously been shown to control neural stem cell fates via modulation of histone acetylation. ANKRD11 gene variants, or microdeletions of the 16q24.3 chromosomal region encompassing the ANKRD11 gene, cause KBG syndrome, a rare autosomal dominant congenital disorder with variable neurodevelopmental and craniofacial involvement. Craniofacial abnormalities include a distinct facial gestalt, delayed bone age, tooth abnormalities, delayed fontanelle closure, and frequently cleft or submucosal palate. Despite this, the dramatic phenotype and precise role of ANKRD11 in embryonic craniofacial development remain unexplored. Quantitative analysis of 3D images of KBG syndromic subjects shows an overall reduction in the size of the middle and lower face. Here, we report that mice with heterozygous deletion of Ankrd11 in neural crest cells (Ankrd11nchet) display a mild midfacial hypoplasia including reduced midfacial width and a persistent open fontanelle, both of which mirror KBG syndrome patient facial phenotypes. Mice with a homozygous Ankrd11 deletion in neural crest cells (Ankrd11ncko) die at birth. They show increased severity of several clinical manifestations described for KBG syndrome, such as cleft palate, retrognathia, midfacial hypoplasia, and reduced calvarial growth. At E14.5, Ankrd11 expression in the craniofacial complex is closely associated with developing bony structures, while expression at birth is markedly decreased. Conditional deletion of Ankrd11 leads to a reduction in ossification of midfacial bones, with several ossification centers failing to expand and/or fuse. Intramembranous bones show features of delayed maturation, with bone remodeling severely curtailed at birth. Palatal shelves remain hypoplastic at all developmental stages, with a local reduction in proliferation at E13.5. Our study identifies Ankrd11 as a critical regulator of intramembranous ossification and palate development and suggests that Ankrd11nchet and Ankrd11ncko mice may serve as pre-clinical models for KBG syndrome in humans.
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INTRODUCTION

Molecular studies in developmental biology have been instrumental in defining gene regulatory and signaling networks that control cell and tissue differentiation to a considerable extent. These studies have revealed that throughout tissue development, specific transcription factors or signaling molecules are often used in a reiterated fashion to elicit discrete, developmental stage-specific cellular responses. Epigenetic mechanisms, defined here as external modifications of chromatin, facilitate these stage-specific responses. Through control of global regulation of gene expression at the various developmental stages (Bannister and Kouzarides, 2011; Budhavarapu et al., 2013), they control cell identity and facilitate stage-specific molecular responses (Barrero et al., 2010; Mirabella et al., 2016). A fitting example for complex tissue development is craniofacial development, which involves the coordinated but often asynchronous development, growth, and maturation of initially independent bone and cartilage structures. Epigenetic control mechanisms help facilitate different bone-related processes: bone development, bone mass accumulation and growth, maintenance and remodeling, and bone loss at different stages (Strobl-Mazzulla et al., 2012; Hu et al., 2014; Marini et al., 2016). The complexity of chromatin regulation controlling DNA accessibility to transcriptional machinery during craniofacial morphogenesis is still poorly understood, although dysregulation of epigenetic mechanisms has been implicated in a number of musculoskeletal and rheumatic diseases (Jeffries and Sawalha, 2015).

The entry point for this study was the association of the chromatin regulator ANKRD11 (Ankyrin Repeat Domain 11; previously named ANCO-1) with KBG syndrome (OMIM #148050), a rare, autosomal dominant, congenital disorder characterized by a distinct craniofacial gestalt (Morel Swols and Tekin, 2018). ANKRD11 contains an Ankyrin domain consisting of five Ankyrin repeats, two repression domains, and one activation domain (Zhang et al., 2007), and regulates global gene expression (Gallagher et al., 2015) by interacting with a variety of histone acetylation modifying proteins, such as HDAC3 (histone deacetylase 3) (Zhang et al., 2004; Gallagher et al., 2015) and components of the P/CAF (p300/CBP-associated factor) acetyltransferase complex (Li et al., 2008). While the full-length ANKRD11 protein acts as a transcriptional repressor, the activation domain elicits transcriptional activation (Zhang et al., 2004, 2007; Li et al., 2008). Moreover, ANKRD11 interacts with and increases acetylation of p53, potentiating the ability of p53 to act as a transcription factor (Neilsen et al., 2008), which itself is involved in many aspects of craniofacial development (Bowen and Attardi, 2019).

KBG syndrome is associated with heterozygous mutations in ANKRD11 or micro-deletions of 16q24.3 encompassing ANKRD11. While patients with KBG syndrome display a range of phenotypes, a consistent feature is the distinct craniofacial gestalt (Morel Swols and Tekin, 2018). KBG syndrome diagnosis is typically suspected in an individual that displays macrodontia and/or characteristic facial appearance along with two additional criteria, such as palatal abnormalities, hearing loss, short stature, delayed bone age, scoliosis, learning difficulty, etc. (Morel Swols and Tekin, 2018). Delayed closure of a large anterior fontanelle is also frequently observed (Low et al., 2016).

The facial skeleton is mainly formed by neural crest cell-derived intramembranous bones, which develop from mesenchymal condensations at defined ossification centers (Berendsen and Olsen, 2015). During this process, osteochondroprogenitor cells sequentially differentiate into osteoblasts to form intramembranous bone. Osteoblasts deposit initially unmineralized osteoid that subsequently mineralizes (Berendsen and Olsen, 2015). As bone matures, osteoblasts become trapped within and terminally differentiate into osteocytes (St John et al., 2014). Maturation of osteocytes involves loss of organelles and changes in molecular properties (Irie et al., 2000). Newly formed bone matures through a process termed bone remodeling. This term describes the continuous process of bone resorption and bone formation that allows bone to attain its mature shape and optimal mechanical strength (Hadjidakis and Androulakis, 2006). These events require coordinated function of bone-resorbing osteoclasts, bone-depositing osteoblasts, and mature osteocytes. During this process, trabecular bone matures, and many osteocytes are resorbed.

Mineralization of the craniofacial complex begins in the mouse embryo around embryonic day 14 (Flaherty and Richtsmeier, 2018). While the involvement of epigenetics in the components of the ossification process is well documented (Schroeder et al., 2004; Li et al., 2009; Wein et al., 2015), there is little known about the overall contribution of chromatin regulators to craniofacial development.

Palate development describes the process by which the initially vertically growing maxillary appendages, termed palatal shelves, reorient to move above the tongue, grow horizontally and fuse to separate oral and nasal cavities (Kouskoura et al., 2011). The proliferation and differentiation of the palatal mesenchyme are regulated by intricate epithelial-mesenchymal interactions along the anterior-posterior axis. Palatal abnormalities, which occur when any of these required developmental events are disturbed, are relatively frequent and can present as complete, partial, or submucosal clefts. There is good evidence from the mouse for the involvement of epigenetic regulation during palate development (Kuriyama et al., 2008; Seelan et al., 2013; Juriloff et al., 2014) although direct evidence from humans is largely missing (Sharp et al., 2018).

Craniofacial and palate anomalies associated with KBG syndrome patients suggest a direct role for ANKRD11 during craniofacial development. A homozygous Ankrd11 missense mutation in mice is lethal in early embryonic stages (E9), preventing studies on craniofacial development with complete loss of Ankrd11 (Barbaric et al., 2008). As neural crest cells contribute significantly to development of the anterior craniofacial complex, we used a neural crest-specific Wnt1Cre2 Cre-lox mouse line (Lewis et al., 2013) to delete Ankrd11 in the developing neural crest.

We found that homozygous deletion of Ankrd11 in neural crest (conditional knockout; Ankrd11ncko) is perinatal lethal, while mice lacking one copy of Ankrd11 (conditional heterozygote; Ankrd11nchet) survive into adulthood. Adult heterozygous mice recapitulate some of the overall craniofacial phenotypes seen in KBG patients, whereas knockout embryos and pups display increased severity of numerous craniofacial anomalies commonly reported for patients with KBG syndrome (delayed ossification, cleft palate, midfacial hypoplasia, persistent anterior fontanelle, retrognathia). Our study identifies Ankrd11 as a critical regulator of intramembranous ossification and palate development and suggests that Ankrd11nchet and Ankrd11ncko mice may serve as novel pre-clinical models for KBG syndrome.



MATERIALS AND METHODS


Mice

Animal experiments were approved by the Research Ethics Office at the University of Alberta (Animal Care and Use Committee, AUP1149, AUP2527) in compliance with guidelines set by the Canadian Council of Animal Care. Mice on a C57Bl/6 background were housed in the animal facility at the University of Alberta. Ankrd11TM 1a(EUCOMM)Wtsi//IcsOrl mice, in which exon 7 was floxed, were rederived from sperm (EM:07651, the European Mouse Mutant Archive – Infrafrontier) and crossed with Flp recombinase expressing (Jackson Labs) mice to generate Ankrd11TM 1c conditional ready mice (Ankrd11fl/fl) as described (Skarnes et al., 2011). Exon 7 is located within the Ankyrin repeat domain. Ankrd11fl/fl mice were crossed with B6.Cg-E2f1Tg(Wnt1-cre)2Sor/J (Jackson Labs) (Lewis et al., 2013) mice for neural crest-specific deletion of Ankrd11 (Ankrd11ncko). Deletion of exon 7 results in out-of-frame splicing of exon 6 to exon 8, leading to a pre-mature stop and truncation of Ankrd11. Genotyping of mice was performed using Taq DNA Polymerase 2x Master Mix RED (Ampliqon, Denmark) from ear-notch or tissue biopsies. The following primers and PCR conditions were used: (1) for Ankrd11: forward, 5′-CTGTCTCAGAGAGGAGAGTGAGGAGGAC-3′; reverse, 5′-TACCTTACACCCTGAGACGGCGTC-3′; 34 cycles of: 94°C-30 s, 62°C-45s, 72°C-60s; (2) for the Cre transgene: forward, 5′-TTCCCGCAGAACCTGAAGATG-3′; reverse, 5′-CCCCAGAAATGCCAGATTACG-3′; Twsg1 internal control forward, 5′-AACAACAATGGCACAACCTAAT-3′, Twsg1 reverse, 5′-ACTTTCTCCCCACCCGTCTA-3′; 35 cycles of: 94°C-15s, 60°C-30s, 72°C-90s.



Micro-Computed Tomography

Mice were imaged using a MILabs μCT scanner at the School of Dentistry at the University of Alberta. Heads were fixed in 4% paraformaldehyde (PFA) for 24 h, then scanned at the following parameters: voltage = 50 kV, current = 0.24 mA, exposure time = 75 ms, 1600 exposures/full rotation. Scans were reconstructed at a voxel size of 25–35 μm, and the volumes were exported as NifTI-1 files. NifTI-1 files were directly analyzed using Amira software (version 2019.2, Life Technologies). NifTI-1 files were batch-converted to MINC-2 format using a custom made bash script and the MINC toolkit (Vincent et al., 2016).



Morphometric Analysis


Human Morphometrics

We acquired four three-dimensional (3D) scans of confirmed KBG syndrome patients from FaceBase (Samuels et al., 2020). All human subjects provided informed consent for the use of facial image data as approved by Institutional Review Boards at the University of Calgary, University of Colorado, Denver and the University of California, San Francisco. Each scan was non-linearly registered to a dense atlas (27,000 vertices) using the non-rigid iterative closest point method described in Bannister et al. (2020). We used a linear model with the first 400 principal components of facial shape to adjust the dense registered meshes for the effects of age and sex as described in Hallgrímsson et al. (2020). We then compared the mean age and sex-adjusted KBG mesh to the mean non-syndromic mesh. We visualized the differences between means as a heatmap using the meshDist() function in the Morpho package for R (Schlager, 2017).



Mouse Morphometrics

We used the MINC toolkit (Vincent et al., 2016) to gather 3D coordinates of 68 anatomical landmarks, from x-ray micro-CT volumes of the cranium of Ankrd11 and control mice (Supplementary Figure 1). We also placed landmarks on a mouse skull atlas (average) and extracted a surface mesh of its segmented cranium, using marching cubes in VTK (Schroeder et al., 1998) and the MINC toolkit (Vincent et al., 2016).

We imported the specimen landmark files and the atlas landmark data into R (R Core Team, 2020) using the functions tag2array() and tag2lm(), respectively (Vidal-García, 2021). We performed a Generalized Procrustes Analysis (GPA) using the function gpagen() in geomorph (Adams et al., 2020), in order to obtain shape coordinates and remove effects due to size, rotations, and translations in the 3D landmark data. We then calculated group means on the shape coordinates for Ankrd11 and control specimens, using the function mshape() in geomorph (Adams et al., 2020).

We mapped these 3D shape coordinate means to the atlas mesh and landmark coordinates using the function tps3d() in Morpho (Schlager, 2017). This function uses a thin plate spline method (Bookstein, 1989) to interpolate a target set of landmarks to the reference landmark set (atlas), which then warps the atlas mesh to fit the target landmark data. We visualized morphological differences between the Ankrd11 and control mean meshes with heatmaps, using the function meshDist() in Morpho (Schlager, 2017).

Three-dimensional segmentation was performed using 3D slicer software. Automated segmentation function was used utilizing island and scissor functions to isolate individual bones. Bone volume was determined using statistics functions.




Tissue Preparation and Histology

Embryos were dissected from uterus at embryonic days (E) 13.5, 14.5, and 15.5 and collected at birth at postnatal day (P) 0. Embryos were decapitated and heads were fixed overnight at 4°C in 4% PFA. P0 heads were decalcified in 0.5M EDTA overnight before processing. Heads were processed and sectioned as previously described (Baddam et al., 2020). Before further analysis, slides were warmed in a 60°C oven, deparaffinized with xylene, and rehydrated through graded ethanol washes.


Histological Analysis

Rehydrated slides were stained with hematoxylin & eosin (H&E) (Harris modified hematoxylin Fisher SH30, eosin Sigma E4382), Alcian blue (1% Alcian blue solution, pH 1, 0.1N hydrochloric acid rinse, nuclear fast red counterstain), picrosirius red (Direct red 80 Fisher B21693, picric acid ACPchem P-2095), or Tartrate-Resistant Acid Phosphatase (TRAP). Briefly, TRAP staining was performed by incubating slides in pre-warmed enzymatic TRAP Staining Solution containing Fast Red Violet LB salt (Sigma F-331) at 37°C for 40 min, or until the control slide is slightly overstained. Slides were then counterstained with 0.02% Fast Green (Sigma F-7252). After staining, slides were dehydrated, cleared with xylene, and mounted with Permount (Fisher SP-15).



Immunofluorescent Analysis

Immunofluorescent staining was performed as described previously (Malik et al., 2020). Details of primary and secondary antibodies and dilutions used are summarized in Supplementary Table 1. Images were either taken on an Olympus IX73 microscope using 10x, 20x, or 40x objectives to photograph in a single plane and images were captured using the included cellSens Dimension program. Analysis was performed on at least three independent biological replicates; a representative image is shown. Polarized light images were acquired using a polarizer and analyzer cube (Olympus).




Image and Statistical Analysis

Density of cells forming the palatal shelves was quantified at E13.5 using DAPI nuclear stain (not shown). Semi-automated cell counting was performed in ImageJ on spatially defined regions within the palatal shelves (oral or nasal domains).

The number of immunostained Ki67-positive cells were counted on a minimum of six separate images per age and genotype from a palatal shelf. Sections were from a minimum of five different embryos from at least three different litters. The region counted is indicated in Figure 5 with white dotted lines. Counting was automated in ImageJ using thresholding, watershed and particle analysis functions. Values presented in the graph are number of Ki67 positive cells divided over DAPI positive cells to normalize for hypoplasticity of shelves. Quantification of Runx2 and Sp7 domains at E12.5/13.5 was performed similarly, with values reported as percent of a defined field of view occupied by the stain and/or number of positive cells within the field of view. At least 3 (E14.5) or 6 (P0) sections were analyzed from 3 to 5 mice per genotype from at least three different litters. Statistical significance was determined via an unpaired two-tailed t-test.



In vitro Culture

Primary osteoblast cultures were established from calvaria for the gene expression time-course experiment. Calvaria were dissected and cut into small fragments, discarding cranial suture tissue. Calvarial bones were dissected into HBSS (Sigma H-9394) and used for osteoblast isolation using a modified protocol (Bakker and Klein-Nulend, 2012; Perpétuo et al., 2019). HBSS was replaced with 0.25% trypsin for 10-min digestion at 37°C, washed in αMEM (Gibco 12561-056), and digested twice with 0.2% Collagenase Type II solution (Worthington 4176) for 30 min each. Final digestion product was collected. Remaining bone pieces were washed with αMEM – solution was added to final digest and bone pieces were rinsed three times with cCM (complete culture medium: αMEM supplemented with Penicillin-Streptomycin [Gibco 15240-062], ascorbate [100 μg/mL, Sigma, A-8960], 10% Fetal Bovine Serum [Sigma F-1051]), then transferred to 75 cm2 flasks containing cCM. Final digest was centrifuged for 5 min at 1500 g and the pellet was resuspended in 1 mL αMEM per calvarium. Cell suspension was combined with bone pieces in flask and incubated at 37°C and 5% CO2 in air until confluent. cCM media changed every 3 days.

Once confluent, cells were trypsinized and seeded in a 12-well plate at 5–10 × 104 cells per well. Osteogenic medium (αMEM supplemented with ascorbate [50 μg/mL] and 2 mM β-glycerophosphate [Sigma G-5422]) was added when cells reached 80–90% confluency. Medium was changed every 3 days. Cells from three wells were harvested using Trizol (Invitrogen 15596026) at days 0, 3, 6, 9, 12, 15 for mRNA isolation and RT-qPCR quantification. Three independent experiments with two mice each were performed with three wells/time-point/experiment. For mRNA isolation, wells from within an experiment were combined. A representative result is shown.



RT-qPCR

RNA extraction, cDNA synthesis, and quantitative RT-qPCR were performed as previously described (Malik et al., 2020) using appropriate primer pairs normalized to 36B4 as a reference gene (see Supplementary Table 2). Fold change was calculated using 2–ΔΔ Ct  method (Livak and Schmittgen, 2001). MIQE guidelines were followed (Bustin et al., 2009).




RESULTS


KBG Syndrome Patients and Heterozygous Neural Crest-Specific Ankrd11-Mutant Mice (Ankrd11nchet) Share Craniofacial Features

Three-dimensional facial images from four genetically confirmed KBG syndrome patients were combined and mapped against a reference face (Figure 1A) (Hallgrímsson et al., 2020). The resulting mesh heatmaps revealed a consensus hypoplastic mid-and lower faces, with an expansion of the upper third of the craniofacial complex. The Ankrd11 neural crest-specific haploinsufficient deletion was generated by crossing Ankrd11 floxed mice with Wnt1Cre2+ mice (Ankrd11nchet) (Figure 1B). Analysis of μCT scans from mice Ankrd11nchet mice revealed distinct changes to several craniofacial structures (Figure 1C): a persistent open fontanelle, a unique ossification defect in the posterior frontal suture, a slight change in pterygoid bone morphology evident from coronal ortho-slices anterior to the coronal suture (Figure 1C, lower panels). The angle of medial aspect of the pterygoid bone relative to ventrolateral was altered in Ankrd11nchet mice. Comparative mesh heatmaps of Ankrd11nchet and control scans revealed growth alterations in comparable regions as described for the human faces: reduced facial width, hypoplasia of midface, nasal region, and an expanded cranial vault (Figure 1D). Note: mandibles were omitted from analysis because of their variable position with respect to the skull.
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FIGURE 1. KBG syndrome patients and Ankrd11nchet mice share craniofacial similarities. (A) Mesh morphometric analysis of 4 KBG syndrome patient 3D images. Images shown are a mean representation of craniofacial changes on a reference face. Heat map representation in Procrustes distance (relative to superimposition). Red color indicates positive change in size relative to reference mesh and blue indicates negative size difference. White color indicates no change in highlighted region. (B) Brief summary of gene targeting and breeding strategy to produce Ankrd11nchet mice, shown in panels (C,D), and Ankrd11ncko mice. (C) Reconstructions of μCT scans of Ankrd11ctrl (Ankrd11wt/fl) and Ankrd11nchet mice. Top panel: lateral view of whole skull. Middle panel: Superior view of frontal bone; mandible and cranial base are clipped out of plane. Red dotted line indicates plane of sectioning for lower row of panels. Yellow dotted line highlights calvarial defect surrounding posterior frontal suture in Ankrd11nchet mice. Yellow arrows point to regions of hard tissue anomalies in Ankrd11nchet frontal bone. Lower panels: orthogonal slice through posterior frontal suture indicating pterygoid abnormalities (orange arrow) and open posterior frontal suture (yellow arrow). Inset in lower right corner of images is high contrast representation of cranial base structures affected in image. pb, parietal bone; fb, frontal bone; nb, nasal bone; post. fs, posterior frontal suture. (D) Mesh morphometric analysis of three Ankrd11nchet mouse skulls. Images shown are a mean mesh of three Ankrd11nchet skulls relative to a mean mesh of five Ankrd11ctrl skulls. Note: mandibles were excluded from analysis due to the variable position with respect to the skull. Colors depict Procrustes distances between Ankrd11ctrl and Ankrd11nchet mean meshes, with blue indicating negative values (Ankrd11nchet values fall within Ankrd11ctrl mesh) and red indicating positive values (Ankrd11nchet values fall outside of Ankrd11ctrl mesh). White values indicate no changes, meaning the vertices for these anatomical regions in both mice are very close.




Neural Crest Specific Deletion of Ankrd11 (Ankrd11ncko) Results in Severe Craniofacial Phenotypes

While pups lacking both copies of Ankrd11 in the neural crest (Ankrd11ncko) died at birth, precluding our analysis at the postnatal and adult stage, visual inspection of the neonatal head at postnatal day 0 (P0) revealed partially open eyelids, variable midfacial hypoplasia, reduction of calvarial growth (evident as reduction in calvarial microvasculature), loss of pigment on the nose, fully penetrant cleft palate, and a smaller tongue relative to control mice (Supplementary Figure 2).



Ankrd11ncko Mice Exhibit Severe Bone Growth Defects

Skeletal preparations of P0 neonates demonstrated an underdeveloped midface and severe micrognathia in Ankrd11ncko mice when compared to littermate controls (Figure 2A). A cleft palate was evident, as was the reduced ossification of the palatine bones and the anterior cranial base (presphenoid and sphenoid) (Figure 2A). Micro-computed tomography (μCT) showed that all intramembranously formed orofacial bones were reduced in size, resulting in underdeveloped midface and mandible (Figure 2B). Ossification of the anterior cranial bones was similarly severely stunted, and bones failed to cover the majority of the cranium at birth when compared to control mice (Figure 2B). Ossification of the anterior cranial base (presphenoid and basisphenoid) was similarly reduced. Several of the primary ossification centers failed to expand and formation of the pterygoid wings was largely missing. In contrast, more posterior, mesoderm-derived components of the cranial base (basioccipital bone) appeared unaffected. Quantification of the volumes of isolated craniofacial bones confirmed 39% reduction of the mandible (p < 0.001), 83% reduction of the frontal bone (p < 0.001), and 76% reduction of parietal bone (p < 0.05), with interparietal, occipital and basioccipital bones being not significantly different (Figure 2C).
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FIGURE 2. Ankrd11ncko mice have compromised ossification in craniofacial structures at birth. (A) Wholemount images of postnatal day 0 (P0) skull skeletal preparations, stained with Alizarin red and Alcian blue. Left panels: Orange dotted lines outline Ankrd11ctrl (Ankrd11fl/fl) mandible to indicate micrognathia in the mutant. Middle left panels: Red dotted lines outline Ankrd11ctrl (Ankrd11fl/fl) frontal bone to indicate its smaller size in the mutant. Middle right panels: Yellow arrows indicate extra space between presphenoid and palatine bones of the cranial base. Yellow asterisk to the right highlights clefting of hard palate in Ankrd11ncko mouse. Right panels: magnified view of palate. bs, basisphenoid bone; ps, presphenoid bone; pb, palatine bone. Scale bar represents 2 mm, third column represents 1 mm. (B) μCT scans of P0 Ankrd11ncko and Ankrd11ctrl skulls reconstructed in Amira. Blue dotted lines: Ankrd11ctrl skull outline. Green dotted lines: control frontal bone outline. Tan dotted fill in Ankrd11ncko: negative space between control mouse and mutant. Red dotted lines: control frontal bone outline. Yellow dotted lines: control basisphenoid and presphenoid hard tissue outline. White asterisk indicates reduction in palatine bone ossification in the mutant mouse. (C) representative segmentation of individual bones from μCT scans of P0 Ankrd11ncko and Ankrd11ctrl skulls. (D) Quantification of segmented bone volumes (mm3) from Ankrd11ncko and Ankrd11ctrl pups (independent two-sample t-test assuming unequal variances, **p < 0.001, *p < 0.05, n = 6). Segmentation and volume analysis performed using 3D Slicer.




Ankrd11ncko Mice Display Hypoplastic Palatal Shelves and Cleft Palate

Histological analysis confirmed the notable size difference of the head and the cleft palate phenotype (Figure 3A). All major structures were present and developed to a recognizable stage, with exception of the tongue and palatal shelves that remained hypoplastic (Figure 3A). Note that due to retrognathia, mandibular structures on the sections appear more anterior. The developing palatal shelves were hypoplastic and dysmorphic already at embryonic day 12.5 (E12.5) (Figure 3B). Hypoplasia of the tip of the palatal shelf remained evident at later developmental stages. Elevation of palatal shelves appeared normal, but hypoplastic shelves did not meet to fuse, resulting in failure to separate oral and nasal cavities (Figure 3B). Analysis of cell density in the oral and nasal domains of the palatal shelves at E13.5 revealed a 15% increase in cell density in the nasal domain only (p < 0.05), with no differences observed in the oral domain (Figure 3C).
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FIGURE 3. Ankrd11ncko mice display craniofacial changes early in development. Hematoxylin and eosin (H&E) stain. (A) Representative images of P0 coronal sections of Ankrd11ctrl (top) and Ankrd11ncko (bottom) skulls. Note relative size difference between heads. Black asterisk indicates absence of complete palatine boundary separating oral and nasal cavities in Ankrd11ncko image. Second column images demonstrate overall differences in oral cavity, including smaller tongue and cleft palate. Differences in plane of section in mandible are due to retrognathia in Ankrd11ncko mice. Right panels focus on palatal shelves, with red arrow indicating unfused advancing medial edge of palatal shelf in mutant mouse. t, tongue; ps, palatal shelf; *cleft palate. Scale bar indicates: 1 mm (first column), 500 μm (second column), and 250 μm (third column). (B) Coronal sections of palatal shelves at E12.5, E13.5, and E14.5. Inset in lower right corner of each view is lower magnification image of same mouse, showing overall organization of oral cavity in each mouse. n = 3 from 3 litters. Scale bar represents 50 μm. (C) Analysis of cell density based on DAPI stain in E13.5 palatal shelves separated into oral and nasal domains. Left: representative H&E stain. Middle: ImageJ-generated density profile showing individual cells. Right: Statistical representation of analysis showing increased cell density in the nasal domain of Ankrd11ncko palatal shelves (independent two-sample T-test assuming unequal variances, *p < 0.05). n.d., nasal domain; o.d., oral domain.




Ankrd11 Expression Is Associated With Early Bone Development and Bone-Lining Cells

To gauge when and how Ankrd11 could cause the above-described phenotypes, we performed expression analysis for Ankrd11 at E13.5, E14.5, and P0 (Figure 4A). At E13.5, Ankrd11 expression was discrete in orofacial regions with clear expression in a mesenchymal condensation in the developing maxillary region (sphenoid wing). Some expression was noted in the developing palatal shelves and lining oral epithelium. Note the distinct expression in the developing forebrain at this stage. At E14.5, Ankrd11 expression was overall stronger, more widely expressed, and could be observed in several developing mesenchymal structures. Distinct expression was observed in ossification centers and at sites of bone development in the mandible and maxilla, as well as in pre-odontoblasts in the developing molars. Ankrd11 was also present in some cartilaginous structures (nasal septum, developing turbinates), parts of the tongue, and the midline epithelial seam of the fusing palate. In the eye, expression was prominent in the developing lens as well as in the anterior segment (Figure 4A). Extent and intensity of Ankrd11 expression waned by P0, with the majority of Ankrd11 at this point restricted to the oral epithelium. Expression in the mandibular and maxillary bones was strongly reduced or absent, as was expression in teeth. In the eye, expression was now restricted to the posterior segment (Figure 4A). This indicates dynamic, but discrete, expression of Ankrd11 throughout development of craniofacial structures.
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FIGURE 4. Ankrd11 is expressed in embryonic craniofacial tissues. Expression pattern of Ankrd11 on immunofluorescent staining of Ankrd11ctrl coronal paraffin sections. (A) Split view of coronal sections of C57/BL6 mice immunostained for Ankrd11 (left, green) or processed for H&E for morphological orientation (purple, right) at ages E13.5, E14.5 and P0. ns, nasal septum; mand, mandible; m, molar; mc, Meckel’s cartilage; olf bulb, olfactory bulb of brain; calv, calvaria. White dotted lines on P0 immunofluorescent panel outline bony structures of the craniofacial complex including calvaria, maxillary/palatine bones, and mandibular bone shown in (B). Scale bars represent 200 μm (left) and 500 μm (right). (B,C) High magnification representative images from coronal sections immunostained for Ankrd11 (red), with DAPI nuclear counterstain in blue from mandible and calvaria (B) as well as palatal shelves (C). White dotted lines in (B) (mandible panels) indicate boundaries of mandibular bone indicated in (A). Cranial/calvarial images are taken from comparable anatomic locations indicated in (A). Images in (B,C) are presented from E14.5 and P0. Images in (C) are presented from E12.5, E13.5, E14.5, and P0. Graphic representation of Ankrd11 expression at E12.5 and E14.5 in right panels created in Adobe Illustrator. Blue represents Ankrd11 expression, with larger dots indicating relatively brighter regions. n = 3 from 3 litters. Scale bars in (B) represent 50 μm, except for E14.5 calvaria (200 μm). Scale bars in (C) represent 100 μm. ps, palatal shelf; t, tongue; tb, tooth bud; nc, nasal cavity; oc, oral cavity; es, epithelial seam; max, developing maxillary bone; m(m), molar (mesenchymal portion); m (e), molar (epithelial portion).


This dynamic expression is nicely illustrated in the developing mandibular bone (Figure 4B), one of the earliest bones to mature in the craniofacial complex (Flaherty and Richtsmeier, 2018). While at E14.5, at the onset of ossification, Ankrd11 signal lined the forming mandibular bone, expression was negligible in the comparable region at P0 (Figure 4B). Similarly, in the cranial vault, Ankrd11 was localized to the forming ossification centers at E14.5, whereas at P0 weak expression was observed in cells lining the calvarial bone, but not in osteocytes within the mature bone (Figure 4B).

In comparison, Ankrd11 expression in the developing palatal shelves and the developing maxilla was more discrete. At E12.5, a mostly epithelial expression pattern was observed in palatal shelves (Figure 4C). A few Ankrd11-positive mesenchymal cells were evident in the buccal aspect toward its tip, as well as in its upper, dorsal aspects (Figure 4C). At E13.5 and E14.5, the epithelial and mesenchymal expression largely remained comparable to E12.5. Overall, at E14.5, Ankrd11 expression was strongest in epithelium of the newly forming nasal cavity, the oral epithelium, the developing maxillary bones, as well as in the fusing palatal shelf, restricted to the midline epithelial seam. With the exception of some epithelial structures, Ankrd11 expression at P0 was reduced in all of these places. Residual weak expression in presumptive bone-lining cells was noted (Figure 4C).



Ankrd11 Controls Proliferation in the Buccal Half of the Palatal Shelf

To assess the cause for the hypoplastic palatal shelves in Ankrd11ncko embryos, we assessed apoptosis and proliferation. No significant apoptosis was observed at any of the time points between E12.5–E13.5 (Supplementary Figure 3). The overall ratio of Ki67-positive cells to DAPI-positive nuclei was comparable at E12.5 and E13.5 in Ankrd11ncko palatal shelves when compared to Ankrd11ctrl (Figures 5A,B). When shelves were separated into oral and nasal domains and a spatially restricted quantitative analysis was performed (Figure 5A, right panels), a 40% decrease in mesenchymal proliferation became obvious in the E13.5 oral domain (n ≥ 5 each, p < 0.05) (Figure 5B). To test for changes to cellular and extracellular organization, E13.5 palatal sections were stained with Alcian blue to identify distribution of glycosaminoglycans (GAGs). The overall organization and direction of cell orientation differs between Ankrd11ncko and control shelves (Figure 5C). In addition, a disorganization of the mesenchymal cells lining the shelf epithelium was noticed (Figure 5C). These findings indicate that loss of Ankrd11 has multiple subtle effects on palatal shelf organization and maturation, which likely underlie the cleft palate phenotype.
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FIGURE 5. Palatal shelf proliferation is locally affected in Ankrd11ncko embryos. (A) Representative images of palatal shelves at each age and timepoint immunostained for Ki67 (red). DAPI-labeled nuclei are in blue. White dotted line delineates region counted for quantification shown in (B). White scale bars represent 50 μm. Right panels: Magnification of E13.5 palatal shelf showing heatmap of Ki67 expression using ImageJ. White dotted line separates the nasal and oral domains of the palatal shelf. Scale bars represent 50 μm. (B) Left panel: Quantification of Ki67-positive cells relative to DAPI-positive nuclei plotted for each genotype (Ankrd11ctrl depicted in black and Ankrd11ncko depicted in red at E12.5 and E13.5). Middle and right panel: Cell proliferation in nasal and oral domains respectively (independent two-sample T-test assuming unequal variances, minimum of six sections/genotype from minimum of five embryos per genotype, *p < 0.05, n = 6). (C) Alcian blue/nuclear fast red staining of E13.5 palatal shelves. Red arrow indicates mesenchymal cells lining epithelium on buccal side of shelf. n = 3/genotype, representative images shown. Scale bars represent 50 μm.




Ankrd11 Is Required for Normal Ossification of Intramembranous Bones

To better understand the reduction in intramembranous ossification observed in Figure 2, protein expression of two master regulators of ossification, Runx2 and Sp7 (Hojo et al., 2016; Komori, 2017) was assessed within the field of view indicated in Figure 6A. At E14.5, expression of Runx2 and Sp7 quite homogenously outlined the growing maxillary bones in control embryos (Figure 6A, top row). In contrast, in Ankrd11ncko mutant embryos, Runx2 and Sp7 expression was only strong in the center, becoming more diffuse toward the periphery. Sp7 expression was more contained in comparison to Runx2 (Figure 6A). Quantification of the respective expression domains indicated that expression of both Runx2 and Sp7 was more contained, however the differences in the area occupied did not reach statistical significance (Figure 6B).
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FIGURE 6. Bone formation in Ankrd11ncko mice is dysregulated in late embryonic development. (A) Palatal region in E14.5 Ankrd11ctrl (upper row) and Ankrd11ncko (lower row) embryos H&E stained for orientation (left column) and immunostained for runt-related transcription factor 2 (Runx2) and Osterix (Sp7) (middle and right columns). Scale bars indicate 100 μm. (B) Quantification of % occupancy of field of view stained for Runx2 and Sp7 (independent two-sample T-test assuming unequal variances). (C) Low and high magnification images of palatal bone in P0 Ankrd11ctrl (upper row) and Ankrd11ncko (lower row) pups immunostained for Runx2 (left two columns) and Sp7 (right two columns). DAPI (blue) was used to counterstain nuclei. (D) Representation of individual cells expressing Runx2 and Sp7 generated using ImageJ showing altered cell distribution in the mutant. Red dotted line and arrowhead indicates extended trabeculae in control, whereas red circles and yellow arrowheads indicate more contained cellular clusters in the mutant. Scale bars in first and third columns represent 100 μm, and second and fourth represent 50 μm. (E) Quantification of Runx2 and Sp7 expression at P0 (left: number of positive cells; right: percent area per field of view) showing significant reduction of the area of Runx2 expression, whereas Sp7 expression domain was more contained but not statistically different at P0 (n = minimum of six sections form 3–5 pups/genotype, independent two-sample T-test assuming unequal variances, **p < 0.001).


Differences in expression became even more striking at P0, a time-point of significant maxillary bone growth and remodeling. Expression of Runx2 and Sp7 could be observed in osteoblasts lining the newly formed trabeculae in control neonates (Figure 6C, top row). In Ankrd11ncko, this trabecular pattern appeared disturbed. Expression of both Runx2 and Sp7 appeared patchy and locally more restricted to the small, sparse trabeculae in maxillary bone (Figure 6C, bottom row). Tracing the outlines of cells expressing Runx2 and Sp7 revealed the presence of extended, Runx2-positive cellular assemblies reminiscent of developing trabecula (Figure 6D, red dotted line), while the cellular structures in the mutant were more self-contained (Figure 6D, yellow arrowheads). Quantification indicated an 85% reduction of the Runx2-expression domain (p < 0.001) as well as 76% reduction in the number of Runx2-positive cells (p < 0.001). In contrast, despite a trend toward lower values, neither the number nor area of Sp7-positive cells were significantly different (Figure 6E). To test whether Ankrd11 is indeed expressed and changes during osteoblast differentiation, we performed an in vitro time course of calvarial osteoblast differentiation. RT-qPCR analysis revealed that expression of Ankrd11 changes dynamically over the course of osteogenic differentiation (Figure 7A). For reference, expression of several markers of osteoblast differentiation is shown: osteocalcin (Ocn), integrin binding sialoprotein (Ibsp), Osteopontin (Opn), alkaline phosphatase 1 (Alp1). This co-expression was mirrored in vivo, where Ankrd11, albeit more discrete, largely aligned with expression of Sp7 at E14.5, but not at P0 (Figure 7B).
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FIGURE 7. Ankrd11 is upregulated with bone induction. (A) RT-qPCR analysis of Ankrd11, Ocn, Ibsp, Opn, and Alp1 mRNA expression during in vitro osteogenic differentiation of P6 calvarial osteoblast precursor cells from wild-type mice. Data was normalized to 36B4 housekeeping gene. Results are relative to d15 expression from four independent biological replicates with d15 values equated to 100%. (B) Low magnification of approximate location (blue box, H&E stain) of panels showing immunostaining for Osterix (Sp7, red, top row) and Ankrd11 (red, bottom row) in E14.5 and P0 Ankrd11ctrl mice. Images indicate similar expression domains of Sp7 and Ankrd11 at embryonic stages with expression pattern varying at birth. DAPI (blue) was used to counterstain nuclei. n = 3. D, days; E, embryonic; P, postnatal.




Ankrd11 Is Required for Bone Maturation and Bone Remodeling

The altered appearance of maxillary bones in Figure 7 prompted us to analyze maxilla, mandible, and calvaria trabeculae in more detail. In control mice, discrete trabeculae with widely interspaced osteocytes of mostly elongated appearance were readily identified (Figure 8A, top row). In contrast, trabeculae appeared less refined with a higher number of poorly aligned osteocytes evident in all bones from Ankrd11ncko mice (Figure 8A, bottom row). Staining for the Wnt antagonist Sclerostin (Sost), a marker for mature osteocytes and an important regulator of bone remodeling (Winkler et al., 2003; Husain and Jeffries, 2017), revealed a strong reduction in Ankrd11ncko mice (Figure 8A, right column), suggesting that osteocyte maturation is delayed and bone remodeling might be compromised. To better illustrate this, we stained coronal sections of the craniofacial complex with Picrosirius red to reveal collagen fiber networks and osteoclast-specific tartrate resistant alkaline phosphatase (TRAP). An overall reduction in trabeculation was seen in the maxilla, calvaria (Figure 8B), and mandible (Figure 8C). This was mirrored by a 99% reduction in TRAP-positive regions in the maxilla, 85% reduction in the mandible, and 99.5% reduction in the calvaria (Figure 8D bottom graph; p < 0.05) despite presence of comparable amounts of bone within the region of interest (Figure 8D top graph; n.s.). In the calvaria (Figure 8B, bottom panels), a single-layered bone was observed in Ankrd11ncko mice indicative of reduced or defective bone remodeling. TRAP staining revealed an almost complete lack of bone resorption and, by extension, remodeling. Birefringent imaging under polarized light of picrosirius red-stained sections confirmed changes in trabeculation, interconnectivity, and crosslinking of collagen fibrils (Figure 8E). Thus, Ankrd11 appears to be comparatively more important in bone growth and remodeling than the initial induction of intramembranous bone, despite its prominent expression in ossification centers.
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FIGURE 8. Bone maturation is delayed in Ankrd11ncko mice. (A) Representative sections of maxillary, mandibular, and calvarial bone from Ankrd11ctrl (top row) and Ankrd11ncko (bottom row) mice at P0. Sections were stained simultaneously for H&E to reveal cell morphology and bone organization. Images were taken at anatomically matching locations. Images in right column depict sections immunostained for sclerostin (Sost, red) in the P0 maxillary bone, demonstrating a reduction in Sost+ cells in Ankrd11ncko maxillary bone. DAPI (blue) was used to counterstain nuclei. Scale bars in first two columns represent 25 μm, and last two represent 50 μm. (B) Sirius red and tartrate-resistant acid phosphatase (TRAP) staining of maxilla and calvaria of Ankrd11ctrl and Ankrd11ncko mice at P0 on neighboring sections. Red dotted line outlines region of bone in Ankrd11ncko maxilla with no TRAP-positive cells, indicating a reduction in remodeling. Calvarial images are taken at the same point midway between the eye and fontanelle. Scale bars represent 100 μm. (C) Sirius red and TRAP staining of the mandible in Ankrd11ctrl and Ankrd11ncko mice at P0 showing a decrease in TRAP-positive cells in the mandibular bone. Scale bars represent 100 μm. (D) Quantification of images shown in (B,C) (independent two-sample T-test assuming unequal variances, *p < 0.05, n = 5). (E) Polarized light images of sirius red stained maxilla, calvaria, and mandible in control and Ankrd11ncko mice at P0 showing differences in extent of collagen fibril interconnection and orientation. Scale bars represent 50 μm.





DISCUSSION

Neural crest-specific deletion of Ankrd11 reveals direct roles for Ankrd11 in various aspects of craniofacial development. Our study focused on intramembranous bone formation of facial bones and the skull, as well as palate formation, as these structures are commonly affected in patients with KBG syndrome. Similarly to KBG syndrome, adult Ankrd11nchet mice present with discrete phenotypic changes that match the descriptions of ‘triangular’ face, persistent anterior fontanelle, and palatal abnormalities in humans. These observations complement the phenotypic description of heterozygous “Yoda” mice, in which an ENU-induced point-mutation in the C-terminus of Ankrd11 leads to a shorter and wider face, decreased bone mineral density, incomplete closure of the interfrontal suture, and persistent opening of the anterior fontanelle (Barbaric et al., 2008). While both heterozygous Yoda and Ankrd11nchet mutants are valuable to relate effects of Ankrd11 mutations on development, they do not allow for attribution of systemic consequences and overall developmental delay to discrete roles of Ankrd11. In contrast, relating phenotypic consequences of homozygous, cell-specific deletion of Ankrd11 to cellular expression of Ankrd11 elucidates the involvement of Ankrd11 in a precise and applicable manner. In this study, we focused on neural crest and craniofacial development. Ankrd11ncko neonates exhibit a triangular shape face, cleft palate, midfacial hypoplasia, retrognathia, bone defects including an expanded anterior fontanelle, hypoplastic frontal bones, and a delay in bone maturation. Ankrd11ncko die at birth, which underscores the overall importance of Ankrd11 in neural crest-derived structures. Our findings on intramembranous ossification and palate development indicate that Ankrd11 controls neural crest-derived cell progenitor proliferation or differentiation in a spatio-temporal manner, without affecting apoptosis. These data support and extend previous reports, where knockdown of Ankrd11 in neural precursors decreases their proliferation and resulting number of differentiated neurons during murine cortical development (Gallagher et al., 2015). Our findings that Ankrd11 impinges on intramembranous bone formation and maturation allow comparison to 3D morphometric analysis in both mice and humans to make precise conclusions on functional impact. Thus, the homozygous deletion of Ankrd11 in a tissue-specific manner provides a powerful approach to model the KBG syndrome phenotypes in mice. Furthermore, this approach highlights how discrete perturbations in chromatin and epigenetic control can compromise tissue development and function long-term.


Ankrd11 Is Expressed Discretely in a Variety of Craniofacial Tissues

Neural crest-specific deletion reveals the broad involvement of Ankrd11 during craniofacial development. In line with this, Ankrd11 shows restricted and dynamic expression in many craniofacial tissues. At E13.5 and E14.5, Ankrd11 is localized to discrete parts of the eye, bones, teeth, cartilage, and several muscular components. At a later developmental stage, expression in these regions is comparatively low and is primarily restricted to oral epithelium. Some expression in muscular compartments and olfactory bulb was noted in line with Gallagher et al. (2015). Relating expression to phenotypic manifestations allows strong predictions on the involvement of Ankrd11 in the development of these different structures. For instance, Ankrd11 expression is noted from E13.5 onward in mesenchymal condensations and at E14.5 in ossification centers. This implies that the bony defects observed in Ankrd11ncko mice might precipitate from differences during bone induction, although some of the defects such as osteocyte maturation and remodeling manifest only at much later stages. A similar pattern is seen in the maxillary and calvarial bones, where Ankrd11 is strongly expressed early in development, yet the impact on bone maturation and remodeling is noted only in much later stages when Ankrd11 expression is markedly reduced. It was previously suggested that development of bone involves epigenetic mechanisms, which might in part be controlled by lineage-specific transcription factors such as Sp7/Osterix (Park-Min, 2017). Whereas induction of ossification centers appears not to be compromised, significant differences are observed with respect to growth and maturation of these ossification centers. Expression domains of Runx2 and Sp7 are differentially affected. Thus, our study illustrates how expression of these two master genes are variably affected by loss of Ankrd11. At present, it is unclear if the weak expression of Ankrd11 seen in more mature bone indicates a continuing requirement for Ankrd11 to maintain established epigenetic signatures, or whether it indicates ongoing, not-yet-understood de novo genomic fine-tuning.



Ankrd11 Is Required for Expansion of Intramembranous Ossification Centers

Both 3D morphological as well as phenotypic analysis indicate that Ankrd11 is particularly important for intramembranous ossification. Establishment of ossification centers appears not to be compromised in the Ankrd11ncko embryos; however, they universally fail to fully expand. This was not due to changes in proliferation or apoptosis (Supplementary Figure 3) but rather appeared to be the consequence of other, not fully understood mechanisms affecting specification, maturation, cell orientation, or migration of the induced bone-forming cells. In this light, Yoda mice or mice with Ankrd11 knockdown in cortical progenitors display aberrant positioning of neurons in the developing cortex linked to dysregulated epigenetic mechanisms (Gallagher et al., 2015). Together with our craniofacial data, this could underscore that control of cell migration may be a common mechanism.

Intramembranous calvarial bone development generally occurs in two stages: (1) development of bone primordia from mesenchymal condensations, e.g. anterior-superior of eye for the frontal bone (beginning at E12.5), and (2) expansion, e.g. of the frontal bone front to cover the top of the skull (Yoshida et al., 2008). Defects in either or both of these stages result in insufficient bone formation. Our results suggest that loss of Ankrd11 predominantly affects extension of the bone via growth at the osteogenic front and bone remodeling. The frontal bone insufficiency seen in Ankrd11ncko mice mirrors the phenotype observed in the Beetlejuice mouse, which carries a mutation in Prickle1 (Prickle1bj/bj) (Wan et al., 2018). Prickle1bj/bj mice also have hypoplastic frontal bones, an expanded anterior fontanelle, and frequently cleft palate. The Prickle1 mutation is thought to affect a Wnt/Planar cell polarity (Wnt/PCP) signaling pathway. Apoptosis and proliferation are not affected, but unlike the Ankrd11 mutant, a notable decrease in Sp7 alongside minimal changes to Runx2 expression is observed (Wan et al., 2018). Mutations in core components of the Wnt/PCP pathway cause Robinow syndrome which, like KBG syndrome, results in a wider midface and shorter stature. Notwithstanding these phenotypic similarities, changes in Ankrd11ncko mice are likely caused by inappropriate epigenetic regulation in differentiating osteoblasts. Histones associated with several gene loci for key osteogenic factors including Runx2, Sp7, and Alp undergo dynamic acetylation changes throughout the ossification process (Zhang et al., 2015). Of interest, Runx2 interacts directly with HDAC3, a histone deacetylase previously shown to directly interact with Ankrd11 (Schroeder et al., 2004; Zhang et al., 2004; Gallagher et al., 2015). It is thus possible that Ankrd11 and Runx2 participate in common gene regulatory networks to set up osteoblast differentiation during craniofacial bone development. Potential changes in epigenetic signatures were not investigated as part of this study, because craniofacial structures are too heterogeneous following different developmental kinetics, posing significant challenges for the analysis of subtle epigenetic changes.



Delayed Maturation of Bone in Ankrd11ncko Mice

Bone remodeling begins soon after bone formation. In Ankrd11ncko mice, bone remodeling was severely compromised. The only notable remodeling occurred in the mandible, but even there it was dramatically reduced. Osteocytes appeared to retain an immature phenotype, evidenced by their increased numbers, plump morphology, apparent failure to align along stress/force lines, and lack of Sclerostin (Sost) expression, a characteristic of immature osteocytes. This could be the consequence of a delay in bone formation or an intrinsic defect in osteocyte differentiation. As Ankrd11 is not expressed in osteocytes (Figure 4B), this phenotype is likely caused by abnormal osteoblast differentiation, possibly involving inappropriate epigenetic osteoblast programming or specification as discussed earlier.

Immature osteocytes lack the exquisite mechanosensory properties of mature osteocytes. The primary cilium has been suggested to play an important role in bone mechanotransduction (Temiyasathit and Jacobs, 2010). Inability to sense or respond to mechanical cues would manifest as failure to align along stress lines, increased cell number, and failure to induce bone remodeling (exemplified by loss of TRAP staining). On the other hand, osteocyte maturation is dependent on mineralization, as the transition to mature osteocytes is triggered by differences in mechanosensing of mineralized and unmineralized matrix (Irie et al., 2008). Changes to ordered mineralization in Ankrd11ncko bones could equally explain the failure in osteocyte maturation and associated bone remodeling. Osteoclasts are related to monocytes and are of hematopoietic origin. Neural crest-specific Ankrd11 deletion would not directly affect these cells. The defect in remodeling is therefore most likely due to defective mechanosensing or defective communication with osteoclasts, underlining interconnection of these systems.

While lack of Sost expression could reflect a failure of osteocyte maturation, it must be noted that Sost itself is under epigenetic control. HDAC5 deficiency results in increased Sost expression, impaired osteogenesis, and low bone density (Wein et al., 2015). Sost activity-blocking antibodies are an approved treatment modality for osteoporosis aiming to reduce bone resorption. A more detailed analysis will be required to carefully dissect the cause and consequence of these bone-related phenotypes.



A Role for Ankrd11 in Palate Development

In contrast to bone primordia, the pattern of Ankrd11 expression in the palate is relatively discrete. It also differs from the often broad expression domains described for many transcription factors and signaling molecules in the developing palatal shelves (He et al., 2011; Danescu et al., 2015). This restricted Ankrd11 expression was seen at all stages from E12.5-E14.5 and could be attributed to discrete cells organizing palate development, or a tight window of expression governing reprogramming. Thus, Ankrd11 might be involved in the spatial organization of the palatal shelf, possibly regulating the expression of a growth factor or its receptors, facilitating growth of the palatal shelf secondarily. Indeed, changes in cellular distribution were observed.

Furthermore, an asymmetric pattern of proliferation was observed at E13.5, with a decrease in the buccal half of the shelf. The affected region roughly corresponds to the gene expression domain of the Hedgehog signaling receptor Patched (Ptch) (Xiong et al., 2009), raising the possibility that Ankrd11 somehow intersects with Hh signaling and cilia. Hedgehog and Wnt signaling are indeed both critical for cilia maturation, and functional cilia are required for normal palatal development (Brugmann et al., 2010; Nakaniwa et al., 2019). Recently, Ankrd11 was directly associated with ciliopathies (Breslow et al., 2018). The interplay between Hedgehog and Wnt signaling and chromatin remodeling by Ankrd11 may provide important clues for understanding both palate and bone phenotypes and will be investigated in future studies.



Clinical Implications

Mesh analysis of four patients with KBG syndrome revealed hypoplastic mid- and lower face and enlarged upper face. This is largely mimicked in Ankrd11nchet and Ankrd11ncko mice (Figures 1, 2). Given the stunted intramembranous ossification in the Ankrd11ncko mouse, we propose that the expansion of the upper 1/3 of the face is a consequence of underdeveloped midfacial bones as well as intramembranously formed extensions of the cranial base – the pterygoid wings. The resultant narrower cranial base and midface would necessitate increased cranial bone growth to accommodate the expanding brain, leading to a triangular face. The calvaria would not be able to meet the increased demand in bone growth (as they are compromised in bone formation themselves) resulting in a persistent anterior fontanelle.

Patients with KBG syndrome show various accompanying craniofacial anomalies. Macrodontia, dental crowding, and hypo/oligodontia are often observed, necessitating invasive jaw surgery (Ockeloen et al., 2015; Low et al., 2016; Morel Swols and Tekin, 2018). Our results and expression analysis suggest that these malformations may be due to abnormal tooth and jaw development. Moreover, speech and feeding difficulties are frequently observed in KBG syndrome patients (Ockeloen et al., 2015; Low et al., 2016; Morel Swols and Tekin, 2018). The anomalies in palate development, more severe in Ankrd11ncko mice but evident also in Ankrd11nchet mice, can provide a structural explanation for these observations. High-arched palate or submucosal cleft, considered milder variants of defective palate development, lead to similar problems. Thus, our results will precipitate further investigations into the underpinnings of the various phenotypic craniofacial anomalies associated with ANKRD11.

ANKRD11 is one of the most disrupted genes in monogenic neurodevelopmental disorders with de novo mutations (Wilfert et al., 2017; Satterstrom et al., 2020). Yet, most patients with KBG syndrome are not diagnosed until 20–30 years of age, if at all (personal communication with Drs. Charlotte Ockeloen, Tjitske Kleefstra, and Peter Kannu). The gold standard for diagnosis of KBG syndrome is genetic testing to detect ANKRD11 variants or 16q24.3 deletion involving the gene. Specific craniofacial features such as persistent anterior fontanelle, submucosal or high-arched palate, macrodontia, and reduced bone mineral density are currently only suggestive of KBG syndrome and clinical phenotypic criteria for proper diagnosis remain poorly defined (Morel Swols and Tekin, 2018). This study confirms the power of 3D morphometric analysis to assist with syndrome diagnosis (Hallgrímsson et al., 2020) and illustrates the power of disease modeling in the mouse to unearth the underlying cellular basis for the malformation. Indeed, many craniofacial features observed in KBG syndrome (Ockeloen et al., 2015; Low et al., 2016; Morel Swols and Tekin, 2018) are recapitulated in the Ankrd11ncko mouse. This study has begun to unravel some of the unknowns of Ankrd11-mediated regulation of craniofacial development and has allowed assessment of craniofacial malformations as a result of Ankrd11 deletion or loss-of-function. Systematic assessment of cataloged craniofacial features in patients with KBG syndrome can potentially drive further understanding of clinical penetrance and future establishment of definitive phenotypic diagnostic criteria to achieve earlier differential diagnosis, as well as clarify the impact of ANKRD11 variants of unknown significance (VUS). Similarly, studies in other organ systems often involved in KBG syndrome will further clarify the role of Ankrd11 in epigenetic and genomic control of tissue and organ development.



Summary

Our phenotypic characterization of conditional ablation of Ankrd11 in the murine neural crest revealed novel roles of Ankrd11 in craniofacial development, specifically in intramembranous bone formation and palate development. Our results will help improve clinical assessment of patients with KBG syndrome based on craniofacial phenotypic diagnosis, particularly early in life. Ultimately, early diagnosis and better understanding of ANKRD11 function will assist with genetic counseling for patients with KBG syndrome and their affected families.
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Loss of Wiz Function Affects Methylation Pattern in Palate Development and Leads to Cleft Palate
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WIZ (Widely Interspaced Zinc Finger) is associated with the G9a-GLP protein complex, a key H3K9 methyltransferase suggesting a role in transcriptional repression. However, its role in embryonic development is poorly described. In order to assess the loss of function of WIZ, we generated CRISPR/Cas9 WIZ knockout mouse model with 32 nucleotide deletion. Observing the lethality status, we identified the WIZ knockouts to be subviable during embryonic development and non-viable after birth. Morphology of developing embryo was analyzed at E14.5 and E18.5 and our findings were supported by microCT scans. Wiz KO showed improper development in multiple aspects, specifically in the craniofacial area. In particular, shorter snout, cleft palate, and cleft eyelids were present in mutant embryos. Palatal shelves were hypomorphic and though elevated to a horizontal position on top of the tongue, they failed to make contact and fuse. By comparison of proliferation pattern and histone methylation in developing palatal shelves we brought new evidence of importance WIZ dependent G9a-GLP methylation complex in craniofacial development, especially in palate shelf fusion.

Keywords: Wiz, G9a/GLP, histone methylation, cleft palate, development, craniofacial


INTRODUCTION

Cleft palate is one of the most common congenital defects observed at birth. Palatogenesis and secondary palate formation is a complex process that entails multiple events including growth, elevation, and fusion of palatal shelves. The palatal shelves consist mostly of neural crest cells derived mesenchyme (Ito et al., 2003). Palate formation is initiated around E11 in mice when primordia of palatal shelves emerge from the inner part of the maxillary processes. From E12, palatal shelves start growing vertically alongside the tongue, then elevate to a horizontal position above the tongue around E14. Further growth ensures that palatal shelves on both sides are able to meet and fuse (Gritli-Linde, 2007; Bush and Jiang, 2012; Kim et al., 2017).

There are multiple publications providing insight into the cellular processes underlying palatal formation and its defects. One of the various proposed mechanisms regulating palatal outgrowth appears to be coordination of epithelial-mesenchyme interactions by Shh (Lan and Jiang, 2009) and Fgf (Rice et al., 2004) signaling pathway crosstalk, by Bmp (Zhang et al., 2002) and Tgf-β signaling (Nakajima et al., 2018). The proteolysis of extracellular matrix proteins (Enomoto et al., 2010) or epigenetic regulation such as DNA methylation (Kuriyama et al., 2008) have also been reported to contribute to palate formation.

One of the major methyltransferase mechanisms described to date represents G9a (Ehmt2- euchromatic histone lysine N-methyltransferase 2) and GLP (Ehmt1- euchromatic histone lysine N-methyltransferase 1) forming a heterodimeric complex. G9a and GLP deficiency leads to a dramatic reduction of mono- and dimethylated H3-K9 in ES cells, as well as severe growth retardation and embryonic lethality around day E9.5 (Tachibana et al., 2002, 2005). Wiz (Widely Interspaced Zinc Finger) was initially identified as a novel partner for this complex in various human and mouse cells types, including mouse ES cells. It was proposed WIZ helps with stability and specificity of this histone methylation complex (Ueda et al., 2006). Recently it was shown that WIZ and ZNF644, which both contain multiple zinc finger motifs, mediate the recruitment of the G9a/GLP histone methyltransferase complex to the specific gene loci by recognizing the DNA sequence and target H3-K9 methylation (Bian et al., 2015). The WizMommeD30 mutant model was previously prepared by ENU (N-ethyl-N-nitrosourea) mutagenesis providing insight in its function. Daxinger et al. (2013) described developmental delay and embryonic lethality of WizD30/D30 embryos between E10.5 and E12.5. WIZ has been proposed to share binding sites with transcriptional factor CTCF and to work as a transcriptional activator in neural tissue and necessary for normal behavior in mice (Isbel et al., 2016). Recently it was shown that WIZ forms a complex with CTCF and cohesin regulating DNA loop architecture and cell identity gene transcription (Justice et al., 2020).

Contrary to G9a and GLP KO (Tachibana et al., 2002, 2005), as shown in this study, functional ablation of Wiz in our case does not cause early embryonic lethality, although embryonic lethality becomes observable around E18.5, culminating in perinatal lethality of all Wiz–/– individuals. Those that survive until birth exhibit cases of cleft palate and other defects in the orofacial area. Wiz is highly expressed in the developing palate, especially in the epithelial layer of palatal shelves, corresponding to expression of the G9a and GLP. We investigated the effect of Wiz deficiency on the palatogenesis process. The morphological changes of palatal shelves were accompanied by a decrease in H3-K9 methylation marks in palatal shelf epithelium, however, the general proliferation pattern in palatal shelves was not affected. We conclude that the role of Wiz is pivotal to methylation complex G9a/GLP, specifically in medial epithelium in palatal shelves where it is likely to be involved in epigenetic regulation of proper timing of palatal shelves horizontalization during palatogenesis (Figure 1A).
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FIGURE 1. Wiz deficiency leads to developmental defects, growth retardation, and embryonic subviability. (A) Schematic cartoon visualizing hypothesized function of Wiz as an adaptor molecule and important member of G9a/GLP histone methylation complex. G9a and GLP are core members of this complex allowing the histone methylation. Both G9a and GLP are essential for embryonic development and viability (Tachibana et al., 2002, 2005), and we propose that Wiz deficiency causes improper complex assembly resulting in developmental defects and embryonic subviability caused by altered histone methylation. Created with BioRender.com. (B) Visual representation of genotype distribution in embryos of various developmental stages—E12.5 (N = 30), E14.5 (N = 35), E18.5 (N = 36), and weaned mice (N = 33). (C) Graph with embryonic Crown Rump Length (CRL) in mm. Wiz−/− exhibit substantial growth retardation compared to WT, p < 0, 05. Data are shown as mean ± SD. *p < 0.05.




MATERIALS AND METHODS


Animals

Wiz knockout mouse model on a C57BL/6N background (Charles River Laboratories) used in this study was generated by targeting Wiz gene within a zinc-finger domain in exon 4 (transcript Wiz-001 ENSMUST00000087703) for frame-shift mutation by using CRISPR/Cas9 technique at Institute of Molecular Genetics, Prague. This exon is in all transcript variants except Wiz-009 ENSMUST00000170603.2, a short variant not containing any functional domain of the protein. Selected gRNAs for microinjections had following sequences: WIZ forward 5′-TGTAATACGACTCACTATAGGCCTGCTTTGAGACACGAA AGTTTTAGAGCTAGAAATAGC-3′ and WIZ reverse 5′-TGTAATACGACTCACTATAGGCCGCAGATGTGAACGTGC GGTTTTAGAGCTAGAAATAGC-3′. gRNAs were introduced to the fertilized oocytes of C57BL/6N strain and transferred into pseudo pregnant foster mice. Overall 15 transfers were done, 8 pups born and analyzed using PCR, gel electrophoresis, and sequencing. In total 2 F0 mice displayed deletions in targeted sequence: animal 79874 (del 32 nt + mismatch of 4 nt) and animal 79877 (del 3 nt/del 9 nt in two alleles). Animal 79874 with 32 nucleotide deletion in exon 4 was chosen as a founder. Genotyping was performed using following primers: forward: 5′-CTTCTCTGAGCCTCAGTTTCC-3′, reverse: 5′-GATGGCTTTGTTGACAGCAGG-3′ with Ta 64°C. Heterozygous mice were bred in order to obtain the homozygous embryos. The day at which a vaginal plug was present was considered as day 0.5 of pregnancy (gestational/embryonic day E0.5). Female mice were sacrificed and embryos harvested at days E13.5, E14.5, E15.5, and E18.5. Yolk sacks were collected for genotyping and embryos were fixed in 4% Paraformaldehyde (PFA) for at least 24 h depending on the following procedure.



Embryo Viability

After no knockout offspring were successfully weaned from het × het crosses, embryo viability was assessed by systematic harvesting of embryos at E12.5, E14.5, and E18.5, observing them and genotyping. In total, 4 litters at E12.5 (30 embryos), 6 litters at E14.5 (35 embryos), and 6 litters at E18.5 (36 embryos) were harvested.



MicroCT—Samples Preparation and Scanning

Whole mount embryos were fixed for 7 days in 4% PFA. Samples were then processed for microCT scanning including incubation in contrast agent. Samples were stained for at least 10 days (E14.5) and 2 weeks (E18.5) with Lugol’s Iodine solution. Stock solution (10 g KI and 5 g I2 in 100 ml H2O) was diluted to a 25% working solution in H2O to achieve neutral osmotic pressure and avoid tissue distortion. SkyScan 1272 high-resolution microCT (Bruker, Belgium) was set up for voxel size 2–3, 5 μm, and 1 mm Al filter. A 360° scan with 0.200° rotation step and three frames averaging setup was used for scanning. In total five Wiz–/– and five WT embryos were scanned at E18.5 and four Wiz–/– and two WT embryos at E14.5. Crown Rump Length (CRL) was measured on five Wiz–/– and five WT E18.5 embryos using ImageJ software. Frontal midline section from 3D reconstruction was used for the measurement.



Histology

Whole embryos were fixed for 24 h in 4% PFA and further processed for paraffin embedding. The 10 μm thick frontal sections through the palate area were mounted on Superfrost Plus slides. The sections were then deparaffinized in 100% Xylene and rehydrated using an alcohol range (100%–70%–30%) for immunofluorescence or in situ hybridization staining.

For the immunofluorescence staining, frontal paraffin sections from E13.5–E15.5 Wiz WT and Wiz KO embryos were deparaffinized, antigen retrieval was performed with HIER Citrate buffer pH6 (Zytomed) for 15 min at 110°C. Sections were washed with Phosphate-buffered saline (PBS), permeabilized in 0.1% Triton-X at room temperature, and blocked with 2, 5% ready to use Normal Goat Serum (Vector Laboratories) for 1 h. Primary antibodies were diluted in EnVision FLEX Antibody Diluent (Agilent) and applied overnight at 4°C. Primary Ab Anti-Histone H3 (mono methyl K9) antibody—ChIP Grade (Abcam, ab9045) was used at 1:250 dilution and Anti-Histone H3 (di methyl K9) antibody (mAbcam 1220)—ChIP Grade (Abcam, ab1220) at 1:250 dilution. Primary Ab WIZ Antibody (Novus Biologicals, NBP1-80586) was used at 1:200 dilution. Following PBS wash, secondary antibodies were applied to sections for 1 h. Donkey anti-Rabbit IgG (H + L) Highly Cross-Adsorbed Secondary Antibody, Alexa Fluor 488 (Thermo Fisher Scientific, A-21206) was used at dilution 1:1,000 as well as Goat anti-Mouse IgG (H + L) Highly Cross-Adsorbed Secondary Antibody, Alexa Fluor Plus 594 (Thermo Fisher Scientific, A32742). Sections were mounted with Dako Fluorescence Mounting Medium (Agilent) and kept in 4°C until microscopic images were taken in Axio Image Z2.



Quantification of Spectral Intensity on Immunofluorescence Sections

The spectral quantification of intensity of staining was performed in ImageJ software (version: 1.53h). The area was selected by “segmented line” tool and the spectral intensity for each channel (green, red) was quantified by “plot profile” tool. The values were processed in “R” for plot generation. Y-axis labels the arbitrary unit of signal intensity, X-axis labels the distance in medio-lateral direction in μm. n = 3 Wiz–/– and three WT samples, three sections each.



In situ Hybridization

Digoxygenin-labeled RNA probes (DIG RNA labeling kit; Roche) were prepared by in vitro transcription from linearized pGEM®-T Easy (Promega, A1360) plasmids containing murine G9a, GLP, and Wiz. G9a, GLP, and Wiz sequences were obtained by PCR amplification of cDNA (murine muscle, kidney) and sub-cloned into the pGEM®-T Easy Vector. Sequence identity was verified by sequencing. Wiz containing plasmid was linearized by SacII. G9a containing plasmid was linearized by SacII and GLP containing plasmid by SpeI enzymes (Supplementary Figures 1A–C). We also generated Wiz, G9a, and GLP sense probes as a negative control (Supplementary Figure 1D). In situ hybridization was performed according to standard protocols (Wilkinson and Nieto, 1993) on frontal sections from E13.5, E14.5, and E15.5 embryos. Sections were mounted with Aquatex (Merck). We analyzed the expression pattern in forming palate and surrounding tissue.



EdU Cell Proliferation Analysis

Pregnant females with embryos dedicated for proliferation analysis were injected peritoneally with 100 μl of 6.25 mM EdU (5-ethynyl-2′-deoxyuridine) solution in PBS each 90 min before the embryo harvest. Embryos were as usual fixed for 24 h in 4% PFA and processed for paraffin embedding and sectioning. The Click-iT EdU Cell Proliferation Kit for Imaging (Thermo Fisher Scientific) was used to visualize proliferating cells. Nuclear counterstain was performed with DAPI at 1:1,000 dilution. Cell counting for quantification was performed in ImageJ software on five sections from anterior and five sections from posterior region of palatal shelves from three Wiz–/– and three WT embryos at E13.5 and E14.5. For statistical comparison, linear mixed model was used with animal ID as a random effect.

Supplementary Methods related to SDS-PAGE and immunoblotting and Quantitative real time reverse transcription polymerase chain reaction (qRT-PCR) can be found in Supplementary Methods.



RESULTS


Generation of Wiz Deficient Mouse Model

Targeted deletion of 32 nucleotides in exon 4 of Wiz causes frame-shift mutation and premature stop codon eliminating Wiz protein production (Supplementary Figure 2A). Western blot analysis using Anti-Wiz Ab detected a Wiz protein sized around 130 kDa in WT sample and lower amount of Wiz protein in heterozygous sample. No Wiz protein was detected in Wiz–/– embryonic sample (Supplementary Figure 2B). Anti-Wiz antibody shows high cross-reactivity. Mass spectrometry analysis of gel cutout (Supplementary Figure 2C) was performed to confirm the absence of Wiz protein in Wiz–/– protein lysate (Supplementary Figure 2D).



Wiz Deficiency Causes Growth Retardation and Craniofacial Defects

No viable Wiz–/– mice were found after weaning. Moreover, no knockout pups were observed during the period before weaning. This finding strongly suggested that there is a late embryonic/perinatal lethal phenotype in Wiz–/– mice. We proceeded with a standardized search (Dickinson et al., 2016) for the embryonic lethal period, showing that genotype distribution was variable but relatively normal at all developmental stages until E18.5, even though we observed dead Wiz–/– embryos already from stage E12.5. After the birth, we were not able to recognize any viable Wiz–/– newborns, suggesting that Wiz–/– were subviable at E18.5 and show complete perinatal lethality (Figure 1B). This development corresponds to strong growth retardation at E18.5, which results in almost 25% lower CRL before birth compared to WT embryos (Figure 1C).

Besides the obvious growth retardation at E18.5 we observed improper development at multiple sites, especially in the craniofacial area as early as embryonic stage E14.5. At this stage, the horizontalization was delayed in Wiz–/– palatal shelves which remained lateral to the tongue (Figure 2A). Horizontalization of shelves was never observed even at E15.5 (five embryos out of five Wiz–/– embryos), when all WT palates were already fused. At E18.5 the craniofacial defect became even more visible with shorter snout morphology and also underdevelopment of eyelids. From the 12 Wiz–/– embryos harvested at E18.5 approximately 60% (7) showed full cleft palate and 40% (5) showed incomplete palatal shelves fusion. Palatal morphology at this stage implies that the shelves were later able to proceed to horizontalization; however, the delay of this process resulted in cleft phenotype (Figure 2B).
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FIGURE 2. Wiz deficiency causes improper development especially in craniofacial area. (A) MicroCT images of E14.5 embryos. White arrows point to palatal shelves of WT embryo in proper horizontal position on top of the tongue. White asterisks indicate palatal shelves of Wiz−/− embryo remaining in vertical position along the tongue. (B) MicroCT images of E18.5 embryos. White arrowhead points to the eyelids, properly developed in WT and cleft in Wiz−/− embryo. Detail of the eye is showed in the top right corner. White arrow points to fully fused and formed palate of WT embryo. White asterisks indicate severely hypomorphic palatal shelves of Wiz KO embryo.




WIZ Is Expressed in Palatal Shelves and Overlaps With G9a/GLP in Developing Palate Epithelium

In order to investigate whether Wiz protein has a direct role in palatogenesis, we proceeded with fluorescent immunostaining of Wiz protein and in situ hybridization on histological sections of developing palate at E13.5 and E14.5. The nuclear localization of Wiz was indeed detected in palatal shelves, both in neural crest derived mesenchyme and in palatal shelf epithelium. Staining was stronger at the epithelial layer on the lateral side, which later forms the roof of oral cavity (Figure 3A, arrows). We also analyzed the expression of G9a and GLP to provide evidence that Wiz manifests its function during palate development via a possible interaction with the G9a and GLP methylation complex. Both G9a and GLP showed an overlapping expression pattern with Wiz and an increased expression at the oral side of palatal shelves (Figures 3B,C).
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FIGURE 3. Expression pattern of Wiz in epithelia of palatal shelves overlaps with G9a/GLP. (A) In situ hybridization on palatal sections and immunofluorescent stained palatal sections of E13.5 WT (upper panels), E14.5 (middle panels), and E15.5 (lower panels) palatal sections showing strong expression of Wiz in the epithelia on oral side of palatal shelves (black and white arrows). (B,C) In situ hybridization on palatal sections of E13.5 WT (upper panels), E14.5 (middle panels), and E15.5 (lower panels) showing overlapping pattern of G9a/GLP expression with Wiz (black arrows). Scale bar represents 100 μm and applies for all images.




Wiz Deficiency Does Not Affect Cell Proliferation but Suppresses Methylation Pattern in Developing Palate While Involved Signaling Pathways Are Unaffected

In connection to observed failure of horizontalization and fusion of palatal shelves at E15.5, we asked whether the phenotype might be caused by a reduction in proliferative capacity of cells in the developing palate at earlier stages (E13.5 and E14.5). After a short EdU pulse (90 min) to visualize S phase proliferative cells, we examined the proliferation pattern in the palatal shelves. We could not observe a notable difference in number of EdU positive cells between WT and Wiz–/– embryos on histological sections at E13.5 (Figure 4A) and at E14.5 (Supplementary Figure 3A). There was no significant difference in ratio of proliferating to all cells in anterior and posterior regions in palatal shelves at E13.5 (Figure 4B) as well as at E14.5 (Supplementary Figure 3B). These results suggest that the cell proliferation levels are not affected at these developmental stages.
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FIGURE 4. Wiz deficiency does not affect number of proliferative cells. (A) EdU labeling shows no difference in proliferation levels in palatal shelves between WT (upper panels) and KO (lower panels) palatal sections at E13.5. White rectangles represent the region magnified in the images on the left site, respectively. Scale bar represents 100 μm and applies for all images. (B) Quantification of EdU labeled proliferating cells shows no difference in ratio of proliferating between genotypes at E13.5 in anterior (p = 0.999) and posterior regions (p = 0.977) of palatal shelves. n = 3 Wiz−/− vs. 3 WT embryos, with five sections from anterior and five sections from posterior part of shelves for each embryo.


To examine the possible disruption of signaling pathways involved in palate development, we performed a RT-qPCR analysis (Supplementary Figure 3C) of WT and Wiz–/– whole palatal shelve tissue at E13.5. Our data show that signaling pathways such as Wnt (Wnt5a, Axin1, Axin2), Fgf (Etv4, Etv5, Spry1), Shh (Gli, Shh), Bmp (Bmp2, Bmp4), or TGF-β (Tgf-β) or Notch (Hes1, Notch2) are not significantly affected by Wiz ablation at this stage as well as expression of other cleft palate associated genes like Msx2 or Cdh1.

The presence of G9a and GLP methylation complexes in developing palate provides a strong indication that Wiz might be responsible for regulation of the histone methylation code. We used antibodies against monomethylated and dimethylated Histone 3 Lysine 9 (H3-K9), which is the most common target of the G9a/GLP methylation complex, and compared the methylation pattern on histological sections from between E13.5 and E15.5.

Starting from the stage E13.5 we did not observe changes in monomethylated H3-K9 in any part of developing palatal shelves. However, we already observed loci specific diminution of the methylation signal from dimethylated H3-K9 in the Wiz–/– embryos (Figure 5A). The decrease of methylation marks was localized only in medial segment (part of developing palatal shelves) of future oral cavity epithelium in contrary to lateral segment (part of maxilla) (Figure 5A). The spectral intensity quantification supported these findings and also confirmed that the methylation mark immunostaining was comparable among the samples and lateral part of shelves.
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FIGURE 5. Wiz deficiency suppresses methylation pattern in palatal shelves. (A) Immunofluorescent double stained palatal sections of E13.5. (A’) Quantification of methylation marks in E13.5 palatal sections. On the left, schematic cartoon showing medial and lateral segments used for quantification. Rest of the panel consists of graphic visualization of spectral intensity quantification for medial and lateral segments of mono- and dimethylated H3-K9, respectively. (B) Immunofluorescent double stained palatal sections of E14.5 WT (upper panels) and Wiz−/− (lower panels) embryos for mono- and dimethylated H3-K9. Images show reduction of the signal in the Wiz−/− epithelium compared to positive areas in WT corresponding to the future oral surface of the shelves both before and after horizontalization. (C) Immunofluorescent double stained palatal sections of E15.5 WT (upper panels) and Wiz−/− (lower panels) embryos for mono- and dimethylated H3-K9. At this developmental stage, dramatic decrease of H3-K9 methylation levels was observed in palatal shelves of Wiz−/−, especially in the epithelial layer facing the tongue (white arrows). Second column for each staining displays detailed image from the first column labeled with white rectangle. In (B,C), last column represents magnified images from the area labeled with white rectangle in previous column. Scale bar represents 100 μm and applies for all images.


Such phenomenon is observable also during later stages of palate development at E14.5 and E15.5 (Figures 5B,C). Despite the deregulation of methylation code at this stage cannot be considered as primary cause of palatal clefting, it is worth mentioning that such spatial-temporal diminution of methylation is observable over the most critical period of palatal development.

The medial segment corresponding to lateral part of palatal shelf epithelium seems to be the most affected and is corresponding to sites of the strongest expression of Wiz and G9a/GLP (Figure 3). Our data suggest the regulatory role of Wiz protein in temporo-spatial regulation of chromatin methylation correlates with delayed palatal shelves horizontalization. Nevertheless, the precise molecular mechanism of this action needs further examination, likely at single cell level and by unbiased transcriptomics.




DISCUSSION

It was previously shown (Ueda et al., 2006; Bian et al., 2015) that Wiz is a core subunit of the G9a/GLP methylation complex and important for the complex’s specificity. The G9a/GLP complex independently regulates both H3-K9 and DNA methylation, resulting in transcriptional silencing (Tachibana et al., 2008). Several studies have provided insight into the role of Wiz in mice, such as linking Wiz deficiency with behavioral phenotypes and anxiety (Isbel et al., 2016). It has been proposed that either WIZ or ZNF644 is sufficient for targeting the G9a/GLP complex to specific loci for H3-K9 methylation (Bian et al., 2015). On the other hand, multiple other G9a-associated molecules containing zinc finger motifs have been reported, such as PRDI-BF1 (Gyory et al., 2004) or ZNF217 (Banck et al., 2009). This may explain why the functional ablation of Wiz is not embryonically lethal as early as G9a or GLP themselves. Due to early embryonic lethality, WizMommeD30 model (Daxinger et al., 2013) is not suitable for studying the function of Wiz gene in later embryonic development such as palate formation. Also, early lethality of some Wiz–/– embryos suggests presence of other than craniofacial defects creating opportunity for further developmental studies.

The data presented in this article support our hypothesis that Wiz deficiency causes disruption of methylation known to be driven by the G9a/GLP methylation complex, which we show is coexpressed with Wiz in the palatal shelf. In fact, our findings showed decreased H3-K9 methylation levels in vivo, which may result in developmental defects in mice fetuses limited to orofacial areas, especially epithelia of developing palatal shelves. These observations would be interesting to explore further with a precise genetic reporter system for analysis of changes in epigenetic regulations based on binding reporter to dimethylated H3-K9 or directly on Wiz activity on artificial promoter with reporter. It seems that specific population of epithelial cells on the medial edge of palatal process is affected. Highly specific molecular signature of these cells is likely crucial for the properly timed horizontalization and subsequent fusion of the palatal shelves. This hypothesis is supported by the fact that proliferation rate within the anterior and posterior region of the shelves is not changed despite emerging possible difference in shelf shape caused by the failure of the shelf horizontalization itself. Images used for presentation of this phenomenon are stage and section matched. Wiz–/– palatal shelves appear to have denser cells, which may not migrate properly and spread out to achieve the shape of WT palatal shelves. The inability to find alteration of expression between Wiz–/– and WT samples may be caused by the fact that whole palatal tissues were used for RT-qPCR, however, only small domain is affected by methylation defect, and thus single cell level investigation seems to be more appropriate. In addition, the relatively local effect of the mutation on the epithelium and subsequent presumable dysregulation of horizontalization timing explains why some of the Wiz–/– embryos display only incomplete cleft phenotype when the processes are able to reach each other but fail to fuse properly. Developmental delay of Wiz–/– palatal shelves horizontalization results in a loss of ability to fuse even if they manage to elevate. This observation is supported by Jin et al. (2008) reporting that loss of Zfhx1a, a transcription modulator of signaling pathways activated by members of TGF-β superfamily, leads to a cleft palate phenotype due to delayed palatal shelf elevation, while shelf size or cell proliferation rate is unchanged. By the E16.5, all of the Zfhx1a mutant palatal shelves were elevated above the tongue but remained separated. This 24–48 h developmental delay caused the palatal shelves to miss the window of competence to fuse (Jin et al., 2008). A similar situation was observed in retinoic acid (RA) teratogenic effect on palatal development. It has been shown that RA caused failure of palatal shelf elevation (Tang et al., 2016). Tang at al. showed that impaired palatal shelf elevation may be caused by delayed progress of cell condensation and the failure of the tongue withdrawal. No regional differences in cell proliferation ratio at E13.5 were reported in the RA induced cleft palate phenotype (Okano et al., 2007). On top of these findings, other observed phenotypes of E18.5 Wiz –/– embryos such as cleft eyelids may be connected to the cleft palate phenotype as they share a similar developmental program, which consists of directional tissue growth followed by tissue fusion. Different types of eyelid defects were found among patients with cleft palate diagnosis (Anchlia et al., 2011). Similarly, shorter snout in mouse embryo may indicate more general alteration in growth dynamic of orofacial area, which can result in cleft phenotypes.

The connection between epigenetic chromatin modification and craniofacial defects is very complex and may be dependent or independent on DNA or histone modifications (Du et al., 2015). In recent years, altered DNA methylation was linked to non-syndromic cleft palate development (Alvizi et al., 2017; Gonseth et al., 2019), indicating that difference in methylation marks may contribute to a cleft palate phenotype. Interestingly also maternal exposure to RA inducing palate clefting is connected to dysregulated DNA methylation pattern in palatal shelves (Kuriyama et al., 2008). The need for proper epigenetic regulation was observed also on the effect of folic acid or choline, which are important co-factors for synthesis of the methyl donor group from S-adenosyl methionine. Both co-factors were linked to decreased risk of isolated non-syndromic cleft palate occurrence (Shaw et al., 2006; Wilcox et al., 2007) when overused during pregnancy. Together with genetic evidence that mutations in G9a are linked with Kleefstra syndrome, characterized by developmental delay and altered facial features (Willemsen et al., 2012), there is strong evidence that epigenetic regulation is involved in precise orchestration of timing in the critical developmental processes. Thus, palate development is one of the most vulnerable processes, because there is only a narrow window of competence when palatal shelves can fuse.
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Supplementary Figure 1 | Probe design for in situ hybridization. (A) Plasmid maps of G9a- pGEM®-T plasmids used for probe preparation and sequence of interest. (B) Plasmid maps of GLP- pGEM®-T plasmids used for probe preparation and sequence of interest. (C) Plasmid maps of Wiz- pGEM®-T plasmids used for probe preparation and sequence of interest. Colors in text are corresponding to colors in the plasmid map. Restriction sites are written in red, primers sequences written in bold and underlined. Created with BioRender.com. (D) G9a, GLP, and Wiz sense probes generated as a negative control for in situ images.

Supplementary Figure 2 | Generation of Wiz deficient mouse model. (A) Schematic cartoon visualizing targeting exon 4 of Wiz gene by CRISPR/Cas9 resulting in 32 nucleotide deletion, frame-shift mutation and premature stop codon. Created with BioRender.com. (B) Western blot analysis from Wiz–/–, Wiz±, and WT embryonic lysate showing protein Wiz sized 130 kDa in WT sample, lower amount in heterozygous sample and none present in KO sample. (C) Localization of SDS-Page gel cutout for Mass Spectrometry. (D) Mass spectrometry analysis from gel cutouts and graphic visualization of logarithmic number of particles for protein Wiz present in WT sample. Contrary to that, no Wiz protein detected in Wiz–/– sample.

Supplementary Figure 3 | Wiz deficiency does not affect number of proliferative cells. (A) EdU labeling shows no difference in proliferation levels in palatal shelves between WT (upper panels) and KO (lower panels) palatal sections at E14.5. Scale bar represents 100 μm and applies for all images. White rectangles on the right side panels show the area that is presented magnified on the left side panels respectively. (B) Quantification of EdU labeled proliferating cells shows no difference in ratio of proliferating cells between genotypes at E14.5 in anterior (p = 0.305) and posterior regions (p = 0.468) of palatal shelves. n = 3 Wiz–/– vs. 3 WT embryos, with five sections from anterior and five sections from posterior part of shelves for each embryo. (C) Expression levels of representative genes from signaling pathways involved in palatogenesis do not change between genotypes. n = 4 Wiz–/– and WT samples. Expression levels of the genes of interest were normalized to levels of Rpl19 and are presented as levels relative to wild type (set as 1).

Supplementary Methods | Supplementary methods for SDS-PAGE and immunoblotting, in gel digestion, nLC-MS 2 Analysis, Data analysis, and Quantitative real time reverse transcription polymerase chain reaction (qRT-PCR).
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The prevalence of congenital anomalies in newborns is estimated to be as high as 6%, many of which involving the cranio-/orofacial region. Such malformations, including several syndromes, are usually identified prenatally, at birth, or rarely later in life. The lack of clinically relevant human cell models of these often very rare conditions, the societal pressure to avoid the use of animal models and the fact that the biological mechanisms between rodents and human are not necessarily identical, makes studying cranio-/orofacial anomalies challenging. To overcome these limitations, we are developing a living cell repository of healthy and diseased cells derived from the cranio-/orofacial region. Ultimately, we aim to make patient-derived cells, which retain the molecular and genetic characteristics of the original anomaly or disease in vitro, available for the scientific community. We report our efforts in establishing a human living cell bank derived from the cranio-/orofacial region of otherwise discarded tissue samples, detail our strategy, processes and quality checks. Such specific cell models have a great potential for discovery and translational research and might lead to a better understanding and management of craniofacial anomalies for the benefit of all affected individuals.
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INTRODUCTION

Craniofacial development is a complex process that requires orchestrated interactions of multiple cell types derived from all germ layers (Kindberg and Bush, 2019). Among them, the neural crest cells (NCCs) are the most critical population. NCCs arise at the neural plate border, undergo an epithelial-mesenchymal transition (EMT), and then are guided to the periphery where they form the structures of the head and the face (Hall, 2000; Cordero et al., 2011; Green et al., 2015; Siismets and Hatch, 2020). All these intricate steps rely on precise spatio-temporally regulated networks of signaling cues, which, due to their complexity, are error prone, and may result in a diversity of craniofacial anomalies (CFAs) (Gorlin et al., 1990). In fact, it is estimated that CFAs occur in approximately 0.2% of all newborns (Shaw, 2004). Some, like cleft lip/palate (CLP), are among the most common congenital abnormalities affecting around 1 in 750 newborns (Kousa and Schutte, 2016), while others, such as Goldenhar syndrome (GH) are rarer with an estimated prevalence of 1 in 3000–5000 births (Bogusiak et al., 2017). CFAs can appear in isolation, as part of a syndrome with defects due to mutations in single genes or chromosomal abnormalities, or in combination with other defects without an identified genetic background.

CFA-affected children usually require surgery in order to repair the most debilitating defects, which is routinely followed by personalized treatment throughout childhood and adolescence. Although the surgical procedures have been optimized during the last decades, a number of common complications in CFA-affected children may still persist even after surgery, such as difficulties in feeding, speech and hearing, impaired dentition and wound healing complications (van Beurden et al., 2005; Aizenbud et al., 2011; Hortis-Dzierzbicka et al., 2012). These problems might require additional surgeries, which can be challenging as often not enough tissue is available to correct the anomaly (i.e., alveolar bone defects in CLP patients) (Zhang and Yelick, 2018). In addition, CFAs are still associated with an increased mortality as well as with a negative impact on a child’s self-perception and social integration due to esthetical concerns. Consequently, CFAs represent a high economic, social, and psychological burden for affected individuals, their families, and the society as a whole. Therefore, there is an urgent need for a better understanding of CFAs, which could allow to optimize treatment options tailoring it to the specific patient needs.

Discovery molecular and cellular research on human CFAs is challenging due to the lack of proper models. At the moment knowledge is mostly based on animal studies. Fortunately, craniofacial development is a highly conserved process across many species (Hu et al., 2003) and mice and humans share the majority of protein-coding genes (Yue et al., 2014). However, certain discrepancies exist between humans and animals in regard to facial morphogenesis. For instance, disruption of genes in mice, which have been linked to CLP in humans, often do not perturb the formation of the primary palate and the lip in the animal and hence, produce only a cleft palate (CP) phenotype (Gritli-Linde, 2008; Van Otterloo et al., 2016). As not every finding in animal models can be transferred to humans, and considering the strong urge from the society to minimize animal experimentation by using other studies modalities, CFA patient-derived cells might represent an alternative in vitro study tool. However, working with primary cells is often experienced as cumbersome, since they require an established isolation protocol, unique growth media, more care in general, and they exhibit a limited lifespan. The use of postnatal tissues to study CFAs that arise early in development also comes with challenges and assumptions regarding the retention of the original tissue characteristics. However, increasing evidence shows the persistence of various cellular properties postnatally in tissues as well as in patient-derived cells (Beyeler et al., 2014; Hixon et al., 2017; Degen et al., 2018, 2020). In this regard, it is also noteworthy to mention that often it is very ambitious and difficult to have access to proper healthy control tissue and/or cells, which ideally should be age- and anatomically matched to the studied condition (Degen et al., 2020).

To facilitate the use of patient-derived cells as clinically relevant cell models to study CFAs, we have initiated a project to establish a living cell repository of the cranio-/orofacial region starting from routinely discarded tissue biopsies. To this purpose, we collaborate with the Pediatric Surgery Division, Children’s Hospital, Bern, which is responsible for the surgical treatment of CLP-affected infants. In CLP patients, the cleft lip is closed at the age of about 4 months, after removing a small piece of superfluous lip tissue reaching into the cleft. We collect this excessive CLP lip tissue as well as healthy pediatric tissue remnants, obtained from the surgical management of minor injuries (i.e., lip lacerations) often requiring debridement. Similarly, numerous clinical samples are obtained during routine dental treatments, which take place on a daily basis at the Dental School, University of Bern, to which our laboratory is affiliated. Such samples include small tissue biopsies from the gingiva, the periodontal ligament (PDL) and the dental pulp from extracted healthy wisdom teeth, and the hard/soft palate. All these excised tissues are usually discarded since most of these conditions do not require any further diagnostic analyses. Such tissue remnants serve as optimal and easily accessible sources for the isolation of primary cells and for the establishment of a high-quality and readily available cell repository of the cranio-/orofacial region for discovery and translational research.

The aim of this report is to present our proof-of-concept study in creating a robust and high-quality cell bank and in exploiting its full potential for translational applications. Such a unique effort holds great promises in fostering scientific collaborations in the field of cranio-/orofacial development, thereby advancing and promoting personalized precision medicine for unmet medical needs.



MATERIALS AND METHODS


Cell Isolation and Culture

Tissue biopsies were collected in 50 ml conical tubes containing ≈ 25 ml of Dulbecco’s modified Eagle’s medium (DMEM) (Gibco/Life Technologies; Thermo Fisher Scientific, Lucerne, Switzerland) containing 10% fetal calf serum (FCS) (Sigma-Aldrich, St. Louis, MO, United States), 1× Pen/Strep (PS) solution (Gibco), and 1× Amphotericin B (AmphB) (Gibco) [=Collection Medium (CM)]. Samples were transferred to the research laboratory within 2 h (average time) after biopsy collection for further processing. In rare case, when urgent unplanned surgeries/treatments occurred on weekends or during the night, samples were stored overnight at 4°C. We did not notice any negative impact on cell isolation from such samples. Under sterile conditions, the CM was aspirated, and the tissues washed for an additional 5 min in CM. Using sterile tweezers and scalpels, the specimens were minced into small pieces (<1 mm3), which were then transferred into six-well plates containing 800 μl of CM and placed in a humidified incubator at 37°C/5% CO2. Two pieces were incubated per well of a six-well plate. The explant cultures were carefully washed with CM and re-fed with fresh medium every other day. Cellular outgrowths were daily observed under a light microscope and the cell types growing out of each tissue piece annotated (e.g., fibroblasts only, keratinocytes only, mixed populations). Cells were allowed to grow out to colonies of approximately 0.4 cm diameter before subculturing (passage 1) them into p60 or p100 culture dishes using trypsin/EDTA (TE) solution (Gibco). Pure fibroblast outgrowths were trypsinized using 0.05% TE and pure keratinocyte outgrowths using 0.25% TE. For mixed populations a differential TE approach was used: fibroblasts were detached first, followed by the dissociation of the keratinocytes. Keratinocytes were cultured in Keratinocyte serum-free medium (KSFM) (Gibco/Life Technologies), supplemented with 25 μg/ml bovine pituitary extract, 0.2 ng/ml epidermal growth factor and CaCl2 to a final Ca2+ concentration of 0.4 mM and 1× PS (Gibco), as previously described (Degen et al., 2012). Fibroblasts were cultured in complete DMEM (Gibco) supplemented with 10% FCS and 1× PS. Cells were expanded in p100 culture dishes, quality-checked, and frozen at passage 2 (2 × 105–1 × 106 keratinocytes/vial and 1 × 105–5 × 105 fibroblasts/vial) in 2× freezing medium (DMEM, 20% FCS, 25 mM HEPES, 20% DMSO) diluted 1:1 in their respective culture medium and stored in liquid nitrogen. For all experiments cells at passage 3 have been used.

For mycoplasma detection, cells were grown for at least 5 days in their specific growth media in the absence of any antibiotics. Afterward cells were fixed in 4% paraformaldehyde (PFA) and the nuclei stained with DAPI using the Vectashield Mounting Medium containing DAPI (Vector Laboratories, Burlingame, CA, United States). In parallel, conditioned medium was collected from the cells, which was used as template for a PCR-based mycoplasma detection analysis as described (Praetorius, 2015).

Bone marrow-derived Mesenchymal Stem Cells (MSCs) (ScienCell, Carlsbad, CA, United States) were cultured in MSC medium (ScienCell).



RNA Extraction, cDNA Synthesis, and Quantitative Real-Time PCR (qPCR) Analysis

Total RNA was isolated using the innuPREP RNA Mini kit (Analytik Jena AG, Jena, Germany) according to the standard protocol for eukaryotic cells. RNA concentration was subsequently measured with a NanoDrop 2000c (Thermo Fisher Scientific) and stored at −80°C until use.

A 500 ng of total RNA were used as a template to synthetize cDNA using the M-MLV Reverse Transcriptase (Promega, Dübendorf, Switzerland) and Oligo(dT)15 Primer (Promega). Gene expression was detected by quantitative real-time polymerase chain reaction (qPCR). qPCR was performed using a GoTaq® qPCR Master Mix (Promega) on a QuantStudio 3 instrument (Applied Biosystems, Thermo Fisher Scientific). Data analysis was performed using the dCT method when absolute mRNA normalized to GAPDH levels were reported, or by ddCT method when absolute mRNA normalized to GAPDH were further referenced to a control sample set to 1.

Sequences of the qPCR primers (Supplementary Table 1) were either taken from the PrimerBank database1 or from the NCBI primer designing tool2. All qPCR primer pairs were tested for specificity and efficiency using cDNA standard curves.



Immunoblotting

Whole cell extracts were prepared in 1× RIPA buffer (10 mM Tris–HCl pH 8.0, 1 mM EDTA, 0.1% sodium deoxycholate, 0.1% SDS, 1% NP40, 140 mM NaCl) supplemented with cOmplete MiniTM Protease Inhibitor cocktail and PhosSTOP EASYpack (both from Sigma-Aldrich). Protein concentrations were measured using the BCA Protein Assay kit (Pierce, Thermo Fisher Scientific) following the manufacturer’s recommendation. 10 μg of total protein were diluted in sample loading buffer (62.6 mM Tris–HCl pH 6.8, 2% SDS, 10% glycerol, 0.01% bromophenol blue) containing 100 mM dithiothreitol (DTT) (Sigma-Aldrich), boiled for 5 min at 95°C and separated under reducing conditions by SDS-PAGE. Proteins were subsequently blotted onto nitrocellulose membranes (Sigma-Aldrich). Membranes were stained with 0.1% amido black solution (Merck, Burlington, MA, United States) to control for equal protein loading and blotting efficiency. Afterward, membranes were washed in Tris-buffered saline (TBS-Tween) (pH 7.4) containing 0.05% Tween-20, blocked in 3.5% skim milk powder, incubated over-night with primary antibody at 4°C, washed three times in TBS-Tween buffer and incubated with horseradish peroxidase-conjugated anti mouse or rabbit IgG. Blots were developed using the SuperSignal West Dura kit (Pierce, Thermo Fisher Scientific). Data were acquired by scanning membranes with an Imager Chemi Premium Instrument (VWR, Darmstadt, Germany). Primary antibodies used are reported in Supplementary Table 2.

Some immunoblots were analyzed densitometrically using the ImageJ software, version 1.53g (NIH; Bethesda, MA, United States). Briefly, the intensity of each protein band was normalized to the β-actin or vinculin band intensity of the same extract in the same experiment.



Lifespan Analysis

For replicative lifespan analysis, cells were plated at a density of 104/p60 dish for keratinocytes and 105/p100 for fibroblasts in their standard growth media. Cells were re-fed every other day and subcultured when reaching 80% of confluency. The day of subculturing, cells were counted using a Countess 2 automated cell counter (Thermo Fisher Scientific) and re-seeded at the same initial cell density. Population doublings (PD) were calculated as log2 (# cells at the time for subculturing/# cells plated), while cumulative PDs were plotted against the total days in culture.



Immunofluorescence

For stainings, cells were grown in 35 mm dishes containing four separate wells (Greiner Bio-One, Frickenhausen, Germany). Fixation occurred in 4% paraformaldehyde at room temperature (RT) for 20 min when keratinocytes formed colonies of 8–10 cells and fibroblasts reached 50% of confluency. Afterward, cells were rinsed 3 times in Phosphate Buffer Saline (PBS), permeabilized with 0.1% Triton-X-100 for 5 min, blocked in 3% Bovine Serum Albumin (BSA) (Sigma-Aldrich) for 15 min and incubated with primary antibody at RT for 2 h. Cultures were washed three more times in PBS and incubated with a fluorescent-labeled secondary antibody (Molecular Probes, Thermo Fisher Scientific) with or without tetramethylrhodamine (TRITC)-phalloidin (Sigma-Aldrich) for 1 h protected from the light, washed with PBS and ddH2O, and coverslip mounted with Vectashield Mounting Medium containing DAPI (Vector Laboratories). All the samples were examined under an Olympus BX-51 phase/fluorescence microscope (Olympus Life Science Solution Tokyo, Japan) equipped with a xenon lamp (X-Cite, series 120PC Q, Lumen Dynamics, Mississauga, Canada), and fluorescence filters U-MWIBA3 for Alexa Fluor 488, U-MWIGA3 for Alexa Fluor 568 and TRITC, and U-MNUA2 for DAPI (Olympus Life Science Solutions). Images were captured by a ProgRes CT3 camera with ProgRes Capture Pro software (Jenoptik, Jena, Germany). Primary antibodies used are reported in Supplementary Table 2.



Histology

In order to prepare formalin-fixed and paraffin-embedded (FFPE) blocks, tissue specimens were fixed in 10% formalin, which is roughly equivalent to 4% formaldehyde, for 48 h at RT. Samples were then dehydrated with increasing alcohol concentrations, followed by changes in xylene, before embedding in paraffin. Five to six-μm sections were finally cut on a Reichert-Jung microtome (Leica Microsystems, Wetzlar, Germany), deparaffinized and stained with hematoxylin-eosin (H&E). Alternatively, after fixation, samples were embedded in acrylic resin (LR White resin, Sigma-Aldrich), cut into 1 μm sections with a diamond knife and stained with Toluidine Blue.

All immunohistochemical (IHC) staining reactions were performed by automated staining using a BOND RX autostainer (Leica Microsystems). Sections were deparaffinized and antigen was retrieved using 1mM Tris solution (pH 9.0) for 30 min at 95°C. Sections were stained with primary antibodies (Supplementary Table 2), followed with secondary antibodies, and specific binding of primary antibodies was visualized using a polymer-based visualizing system with horseradish peroxidase as the enzyme and 3,3-diaminobenzidine (DAB) as a brown chromogen (Leica Microsystems). Finally, the samples were counterstained with hematoxylin and mounted with Aquatex (Merck, Burlington, MA, United States). To reveal cartilage, sections from the GH patient were stained with Safranin-O. Briefly, sections were deparaffinized and stained with 0.1% Safranin-O solution (Sigma-Aldrich) for 5 min at RT, followed by rinses with ddH2O and nuclei counterstaining using hematoxylin. After extensive washes under running tap water, samples were mounted using resinous medium.

All samples were examined under an Axio Imager M2 microscope (Carl Zeiss, Oberkochen, Germany) and images taken using a digital AxioCam MRc camera (Carl Zeiss).



3D-Skin Models

To generate 3D-skin models using patient-derived keratinocytes, the protocol from CELLnTEC (CELLnTEC advanced cells systems AG, Bern, Switzerland) was used. Briefly, cells were seeded in 400 μl KSFM into polycarbonate inserts (0.4 μm pore size, 12 mm diameter, Nunc, Thermo Fisher Scientific) placed in 60 mm tissue culture dishes, immediately followed by the addition of 11 ml of KSFM outside the inserts. Confluent monolayer formation was confirmed with the staining kit (CnT-ST-100, CELLnTEC). If confluent, keratinocyte differentiation was induced in parallel cultures by the replacement of KSFM with 3D Barrier Medium (CnT-PR-3D, CELLnTEC) inside and outside of the insert (equal medium level) overnight. The insert was then lifted to the air-liquid interface by carefully removing the medium inside the insert and replenishing the outside medium with fresh 3D Barrier Medium up to the level of the membrane (approximately 3.2 ml for a p60 culture dish). Keratinocytes were cultured for 15 days at 37°C and 5% CO2 with medium change every other day. For full-thickness skin models, fibroblasts were cultured without any antibiotics and seeded into polyethylene terephthalate (PET) inserts at 5 × 104 cells per insert and grown for 10 days before adding keratinocytes on top in a fully defined co-culture medium for culture at the air liquid-interface (CnT-PR-FTAL, CELLnTEC). Three days after seeding the keratinocytes on top of the dermal layer, the models were air-lifted and grown for further 12 days with medium changes three times per week.

To analyze the skin models, 3D-cultures were fixed overnight at 4°C in 4% PFA. Membranes were cut out of the inserts, placed between two biopsy pads in embedding cassettes, and stored in 0.1 M sodium cacodylate buffer at 4°C before proceeding for paraffin embedding and sectioning on a Reichert-Jung microtome (Leica Microsystems). Slides containing 5 μm thick paraffin sections were deparaffinized and rehydrated through xylene, ethanol, and ddH2O, stained with H&E or primary antibodies as described in section Histology. Primary antibodies used are reported in Supplementary Table 2.



MTT-Assay

To evaluate the cytotoxic effects of a commercially available oral rinse (OR) on gingival fibroblasts and keratinocytes, an MTT (3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide) assay was performed (Sigma-Aldrich). Briefly, cells were seeded in triplicates at a density of 300 cells/mm3 in 96-well plates. 24 h after seeding, they were rinsed twice in PBS and exposed to different concentrations of the OR for 2 min. Subsequently, cells were incubated with MTT solution at a final concentration of 0.5 mg/ml for 4 h to allow MTT conversion into formazan in metabolically active cells. After two PBS washes, converted MTT was solubilized with 4N HCl and the absorbance read at 570 nm on an EL808 BioTek microplate reader (BioTek, Winooski, VT, United States).



In vitro Differentiation

For in vitro differentiation, MSCs and PDL fibroblasts at a density of 105 cells/well of a six-well plate were seeded in their respective growth medium. 24 h afterward, medium was replaced with osteogenic medium [αMEM (Thermo Fisher Scientific) supplemented with 0.05 mg/ml L-Ascorbic acid, 0.01 M β-Glycerol Phosphate, and 0.1 mM Dexamethasone (all from Sigma-Aldrich)] for 21 days with medium change every third day. At the end of the culturing time, cells were fixed in 4% PFA for 20 min at RT, rinsed with ddH2O and finally incubated with Alizarin Red S solution [68.45 mg Alizarin Red S (Sigma-Aldrich) in 5 ml ddH2O, pH 4.1–4.5] for 45 min at 4°C protected from light. After extensive washing in ddH2O, samples were air-dried and analyzed with a light microscope.



Statistical Analysis

Experiments were performed at least three times in multiple replicates. Data were analyzed using Prism 7 (GraphPad; La Jolla, CA, United States). Data are represented as means ± standard deviation (SD). Multiple comparisons were performed using one-way analysis of variance (ANOVA) with Tukey’s post hoc test. Values of p ≤ 0.05 were considered significant.




RESULTS


Establishment of a Solid and Reproducible Method for Keratinocyte and Fibroblast Isolations From Routinely Discarded Tissues of the Cranio-/Orofacial Region

To advance and promote discovery and translational research on CFAs we initiated a long-term project in establishing a living cell repository of the cranio-/orofacial region. The initial aim was to collect routinely discarded tissues made available by the Pediatric Surgery Division, Children’s Hospital, Bern, and the Dental School, University of Bern. While we put our priority on the establishment of a highly robust and reproducible process for the isolation of patient-derived cells, our strategy also allowed us to collect and biobank corresponding tissues for histological analyses and snap frozen tissues for RNA and DNA extractions (Figure 1).


[image: image]

FIGURE 1. Schematic diagram summarizing the strategy of our CFA biobank. The Pediatric Surgery Division, Children’s Hospital, Bern, and the Dental School, University of Bern are responsible for tissue excisions and, if required, for further diagnostic analyses of the biopsies (blue boxes). Usually, tissues from the cranio-/orofacial region are discarded after their initial excision (no diagnosis required) or after their diagnostic analysis (medical waste, red box). The research laboratory (Laboratory for Oral Molecular Biology, University of Bern) collects such specimens and processes them in order to create a living cell repository of patient-derived cells (Cell Extraction). After isolation of the cells, if the tissue size allows it, the remaining tissue remnants are (1) stored in freezing medium in the liquid nitrogen tank for future processing and new cell extractions (Tissue Storage), (2) formalin-fixed and paraffin-embedded (FFPE) for histological analyses (Tissue Histology), and (3) snap-frozen for future tissue RNA and/or DNA extractions (Snap-Frozen Tissue). These patient-derived resources can be used for several downstream applications in discovery and translational research projects. Our workflow is highlighted in yellow.


The core of our biobank is represented by a collection of patient-derived cells of the cranio-/orofacial region. Our main goal is to specifically collect epithelial cells (keratinocytes) and the corresponding mesenchymal cells (fibroblasts) from the same tissue donor by the explant culture approach (Figure 2A). The opportunity to collect both cell types from the same individual will allow the establishment of relevant 3D-co-culture systems that closely mimic the in vivo situation, or the analysis of the preferred individual cell type in line with specific research interests in the future (see section “Our Cell Bank Offers Novel Tools and Models for Personalized Precision Medicine”).
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FIGURE 2. Establishment of a robust and reproducible method for the isolation of keratinocytes and fibroblasts. (A) Illustration of the process we follow for the isolation of patient-derived cells from tissue biopsies. A representative example for a CLP biopsy is shown. Briefly, lip tissue from a corrective CLP surgery, which would be routinely discarded (medical waste), is collected in Collection Medium (CM) and transferred to the laboratory (1). After mincing the tissue biopsy, two small tissue fragments of about 0.1 mm3 are put in one well of a six-well culture plate containing 800 μl of CM (2). These six-well plates are then incubated at 37°C/5% CO2, re-fed every other day, and observed under the microscope for cellular outgrowths (3a). After approximately 10 days, outgrowths are usually ready for subculturing (3a). Cells are trypsinized, expanded in their respective medium, quality checked, and finally frozen (at passage 2) in freezing medium and stored in a liquid nitrogen tank (4–6). Note that in case of mixed keratinocyte/fibroblast cultures, differential trypsinization using 0.05% trypsin-EDTA (TE) solution for detaching fibroblasts, followed by 0.25% TE to dissociate keratinocyte is applied (4). Also note that tissue pieces can be re-used for another round of cell isolation if required (3b). Approximate incubation times (depends on cell type and tissue biopsies) are indicated in days. If a second round of cell isolation is required from an initial tissue piece, the days are indicated in gray. Scale bar: 100 μm. (B) qPCR analyses of ten individual non-syndromic CLP cell cultures for the epithelial marker Keratin14 (KRT14) and the mesenchymal marker Fibronectin (FN). Although cells have been isolated from 10 different tissue donors, keratinocytes (orange) and fibroblasts (green) express similar levels of KRT14 and FN, respectively among the cohort. n = 3 (biological replicates). (C) Analyses of CLP cells derived from three individual donors (CLP021-CLP023) from two distinct cell isolations to show reproducibility of our cell isolation protocol. In between the first and the second cell isolation (light vs. dark orange for keratinocytes, and light vs. dark green for fibroblasts), the tissue remnants have been stored in freezing medium in the liquid nitrogen tank for at least 3 years. qPCR shows comparable expression of KRT14, Laminin α3 (LAMA3), and Transforming Growth Factor β1 (TGFβ1) in keratinocytes (orange), and of FN, Tenascin-C (TNC) and TGFβ1 in fibroblasts (green) derived from two consecutive cell isolations (Isol. 1: Isolation 1; Isol. 2: Isolation 2). n = 3 (technical replicates).


To successfully biobank all materials as described in our strategy, the tissue biopsy we receive should ideally have a minimal size of 0.1 cm3. With this specimen size we are able to isolate keratinocytes and fibroblasts, prepare FFPE blocks, snap-freeze the sample, and store some of the tissue biopsy in liquid nitrogen for future use (Figure 1). When we receive tissues <0.1 cm3, we prioritize our work and focus on cell isolations and storage of the tissue in freezing medium in the liquid nitrogen.

Tissue samples are collected in sterile 50 ml tubes containing 25 ml of Collection Medium (CM). Within less than 1 h after biopsy, tissue samples are processed (Figure 2A-2). For cell isolations we apply the explant culture technique, which is extensively described in section “Cell Isolation and Culture.” First cells usually emerge within 4 days at 37°C, and colonies are ready for subculturing after approximately 10 days in culture (Figure 2A-3a). Pure cells are expanded (Figure 2A-4), checked for quality (Figure 2A-5, also see section “Cell Isolation and Culture”) and finally frozen (usually 11 cryovials) for long-term storage in liquid nitrogen (Figure 2A-6).

If required, tissue pieces with successful cell outgrowths can be carefully transferred into a new well of a six-well plate containing 800 μl of CM allowing a 2nd round of explant cultures from the same tissue (Figure 2A-3b). This possibility is especially useful when the initial biopsy is rather small. Note that each of the fibroblast and keratinocyte primary cell cultures originating from individual donors represent a mixture of fibroblasts and keratinocytes that grew out of multiple explants.

In our experience, we do get successful cellular outgrowths from approximately 75% of the small tissue pieces. Emergence of the first cells is usually observed 3–4 days after initiation of the explant cultures. Keratinocytes are often growing out of the tissues faster than fibroblasts, which is beneficial as the keratinocytes help to attach the tissue pieces to the culture dish.

In order to minimize the risk of inter-experimental variations during cell isolation, which would hamper any future comparative studies, we follow a highly reproducible workflow. Here, our main rules for cell isolations are detailed. First of all, tissues are all processed in the research laboratory within 1 h after collection. In rare cases, if this is not possible, tissues are stored at 4°C for longer times, and this is properly annotated in the digital databank platform. Secondly, only a team of three well-trained laboratory scientists is in charge of the practical performance of the explant cultures. Thirdly, a strict adherence to Standard Operating Procedures (SOPs) is maintained. SOPs rigorously define the outline of the practical work as well the responsibilities along the cell isolation process, starting from the tissue collection until the final inclusion of the sample into the biobank database. To test whether following these rules was enough to establish a highly robust and reproducible cell isolation process, we tested ten cell strains that have been isolated from ten different non-syndromic, age-matched CLP lip tissue donors for the variability in mRNA levels of some genes. We assumed that patient-derived keratinocytes as well as fibroblasts from the same passage and cultured to the same cell density should display similar levels of the genes Keratin14 (KRT14) and Fibronectin (FN), respectively. Figure 2B clearly indicates that KRT14 and FN are very evenly expressed within the group of tissue donors tested (CLP001-CLP010 p > 0.05). Our biobank strategy also includes the storage of tissue remnants in freezing medium in liquid nitrogen for potential cell re-isolation (secondary isolation). Robustness and reproducibility of our cell isolation protocol should result in identical cells after initial and secondary isolation from the same tissue donor. Therefore, we re-isolated cells from three individual tissue biopsies (CLP021-CLP023) that have been stored in freezing medium in the liquid nitrogen tank for more than 3 years (initial cell isolations: 2016–2017; secondary cell isolations: 2020–2021) according to our established SOP (Figure 2A). Keratinocytes and fibroblasts from secondary isolations were indistinguishable from the initially isolated cells in regard to cell growth and morphology (data not shown). Moreover, we used a qPCR approach to determine gene levels of the two independent isolations. Cells of the same passage (passage 3) and at the same density (60%) were compared. In keratinocytes (orange), KRT14, Lamininα3 (LAMA3), and Transforming Growth Factor β1 (TGFβ1) levels were indistinguishable in the original (light orange) and the “secondary” cells (dark orange) isolated from the same tissue donor (Figure 2C). Similarly, we did not detect any significant differences in the levels of FN, Tenascin-C (TNC), and TGFβ1 in the fibroblasts from the primary (light green) vs. secondary (dark green) cell isolations (Figure 2C). The robustness of our explant assay guarantees that variations among individual patient-derived cell strains in regard to gene expression are only minimal as long as cell density, donor age, and anatomical site are comparable. Therefore, whenever a significant difference in gene or protein level is detected, this change might be real and relevant for the condition studied. In summary, we show that we have established a highly robust and reproducible explant culture protocol for the isolation of patient-derived fibroblasts and keratinocytes, which allows comparative studies as well.



Patient-Derived Cells Have to Successfully Pass a Quality Control Analysis Before Being Biobanked

Problems associated with the establishment of new cell strains, such as misidentification or mycoplasma contamination, are often ignored by the research community and may lead to unreliable research data (Drexler and Uphoff, 2002). Therefore, prior to biobanking, our newly isolated cells are submitted to a standardized quality control procedure (Figure 3).
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FIGURE 3. Before biobanking, newly isolated cell cultures undergo a standardized quality control check. (A) In a representative set of primary cells (CLP-Lip, Forehead, Gingiva, and PDL) live imaging pictures show typical cell morphologies of the patient-derived keratinocytes (orange) and fibroblasts (green). While keratinocytes form tightly packed and cohesive colonies, fibroblasts appear with an elongated and spindle-like shape. Scale bar: 50 μm. (B) The same set of primary cells was used for qPCR (top) and immunoblot analysis (bottom) confirming E-Cadherin (CDH1) and fibronectin (FN) expression in keratinocytes (orange bars) and fibroblasts (green bars), respectively. Data are expressed as mean ± SD. n = 3. (C) Mycoplasma contamination of the new cell cultures is tested by DAPI staining of the nuclei and a PCR-based mycoplasma detection analysis. DAPI staining and PCR amplifications are shown to confirm absence of mycoplasma contamination in the same representative set of newly isolated primary cell cultures. Scale bars: 25 μm (Live Imaging keratinocytes), 50 μm (Live Imaging fibroblasts), 10 μm (DAPI). +positive control; –negative control; PDL: periodontal ligament. *p < 0.05 Ep vs. Fb. (D) Lifespan analysis of two representative keratinocyte (CLP lip, red, and forehead, orange) and two fibroblast strains (gingiva, green, and PDL, yellow) reveals that all cell cultures tested have a replicative potential of at least 35 population doublings (PD). The age of the tissue donors is indicated in the brackets. Y: year; Ep: epithelial cells; Fb: fibroblasts.



Morphology and Gene Expression

To gain pure fibroblast and keratinocyte cultures, we have to avoid possible contaminations with the counterpart cell type. The morphologies of fibroblasts and keratinocytes allow the simple monitoring of cross-contaminations by brightfield microscopy and, if required, the two cell types are purified by the differential trypsinization approach as described above. Pure keratinocyte cell cultures suitable for biobanking should form regularly shaped and cohesive colonies (Figure 3A, first column), while fibroblast cultures should appear as homogenous monolayers of flat, elongated and spindle-shaped cells (Figure 3A, second column). However, cell purity and identity are not only assessed by visual examinations of their morphologies, but also by qPCR and immunoblots for epithelial and mesenchymal markers (epithelial markers: E-Cadherin, Laminin γ2 and Keratin14; mesenchymal markers: Fibronectin, Vimentin and Tenascin-C). Figure 3B shows that the epithelial cells (Ep, orange bars) only express E-Cadherin, but not Fibronectin, and vice versa for the mesenchymal cells (Fb, green bars).



Mycoplasma Contamination Detection

Although we strictly follow the rules of good laboratory practice, there is always the risk of mycoplasma contamination when working with primary cell cultures. The original source of tissue serves as the most probable source of mycoplasma in primary cell cultures, but contamination can also occur from exogenous factors (Barile and Rottem, 1993; Rottem et al., 2012). Testing for potential mycoplasma contaminations is a prerequisite for setting up a living cell repository. We routinely test all our newly isolated cell cultures for mycoplasma contamination by a DAPI- and PCR-based detection approach (Praetorius, 2015). Figure 3C shows examples of nuclei stained by DAPI without any signs of mycoplasma contamination in combination with the corresponding PCR-based mycoplasma detection test. A primary cell culture that is found to be contaminated is discarded so that only mycoplasma-negative cells are finally biobanked. So far, only one cell strain derived from a CLP patient was found to be mycoplasma-positive and hence excluded from the biobank.



Lifespan Assessment

Primary cell cultures have a finite lifespan. In order to promote them as promising cell models to study human CFAs, the patient-derived cells must possess a replicative potential allowing successful experimental manipulations. To assess this requirement, we regularly perform lifespan analyses with our newly isolated fibroblast and keratinocyte cultures. Figure 3D indicates that our patient-derived cells can be consistently propagated beyond 35 population doublings (PDs). This is substantially shorter than what has been reported for infant foreskin epidermal keratinocyte primary lines such as strain N, but similar to the lifespan of other p63-positive human epithelial cell types (Dabelsteen et al., 2009). It is evident that the replicative lifespan depends on cell types, cell origin, and donor age, which makes such comparisons difficult. Still, we are able to routinely grow our cells for more than 80 days and keep them healthy growing up to passage 11, which makes them highly suitable for standard research activities.




CFA BIOBANK – State of Our Living Cell Repository

Since April 2016, we received a total of 92 tissue biopsies from the cranio-/orofacial region of 71 different donors (Table 1). Samples can be grossly classified into four distinct groups in respect to their origin: (1) skin-derived specimens (n = 12; forehead, eyebrow, ear, nose and facial skin); (2) mucosa-derived specimens (n = 14; palate, oral mucosa, “lip pits” and gingiva); (3) mucocutaneous junction area-derived specimens (n = 53; CLP lip, upper lip, lower lip and lip scar); (4) tooth-derived specimens (n = 13; PDL and dental pulp) (Figure 4A).


TABLE 1. Total status of our cell bank, including the tissue category, number of samples, cell types that have been successfully isolated, donor sex and age as well as disease status (specifics).
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FIGURE 4. Overall description of our living cranio-/orofacial cell repository. (A) Graphical illustration indicating the anatomical origin of stored tissue biopsies (including non-cranio-/orofacial-derived specimens). Light pink indicates skin-derived specimens; pink indicates mucocutaneous junction area-derived specimens; red indicates mucosal-derived specimens; while light yellow indicates tooth-derived specimens. Furthermore, a green border depicts healthy tissue while a red border represents tissue with anomalies. For the gingiva, we have both healthy and diseased tissues (green and red border). The number in the boxes in brackets represents the amount of tissues available. (B) Bar chart reporting the source of the specimens that were obtained for the generation of the living cell biobank. Total number of cranio-/orofacial region biopsies: 92 biopsies. (C) Bar chart of the outcome after tissue biopsy processing. The color code is shown in the legend. Total number of biopsies: 92.


The majority of our biopsy collection (60/92–65%) is represented by discarded tissue excised during corrective surgeries of CFAs. In addition, we biobanked four pediatric healthy facial skin specimens (4/92–4.3%) and 3 healthy lip samples (3/92–3.3%) obtained during surgeries for minor injuries (i.e., lip laceration, accidental cuts). The remaining samples were collected as tissue remnants after routine dental treatments (21/92–22.8%) performed at the Dental School, University of Bern or after secondary surgeries at the Pediatric Surgery Division, Children’s Hospital, Bern (4/92–4.3%) (Figure 4B).

From this cohort of tissue biopsies, we so far processed 70 biopsies (70/92–76%) and were able to isolate cells from 69 samples (success rate 99%). The only tissue we were not able to obtain cellular outgrowths was a gingiva sample. We successfully isolated and purified 49 pairs of matching keratinocytes and fibroblasts (49/69–71%), while for 7 (7/69–10%) biopsies we could extract either only keratinocytes (eyebrow) or only fibroblasts (3 facial skin, 2 palate, and 1 oral mucosa biopsies). For additional 13 (13/69–19%) specimens (PDL, dental pulp, “lip pits” and scar) the tissue origin did not allow the isolation of keratinocytes. We did not yet perform cell extractions from 22 biopsies. Notably, we have remaining tissues of successful cell outgrowths for 48 samples (48/69–69%), which are stored in freezing medium in the liquid nitrogen tank for potential cell re-isolation in the future (Figure 4C).

Additionally, our biobank contains cells isolated from 10 more samples independent from the cranio-/orofacial region (Supplementary Table 3). This cohort resulted in eight successful matching keratinocyte/fibroblast pairs (seven foreskins, one thumb derived from polydactyly), while for two biopsies we only could get fibroblasts (synovia and ankle scar from a pigmented villonodular synovitis). The complete state of our biobank (CFA and other sources) is shown in Supplementary Figure 1.



Our Cell Bank Offers Novel Tools and Models for Personalized Precision Medicine


Establishing Cell Models for the Study of Rare Human Conditions in vitro

In 5–7% of all CLP cases, orofacial clefting can be part of rare syndromes that present with additional anomalies outside of the region of clefting and that are usually caused by a single gene mutation, chromosomal abnormalities or exposure to teratogens during pregnancy (Mossey and Modell, 2012; Leslie and Marazita, 2013). In fact, at least 275 syndromes have been identified, which are associated with a clefting phenotype (Leslie and Marazita, 2013). As such, primary cells isolated from syndromic CLP-affected individuals are also very appealing for the establishment of clinically relevant cell models for the study of rare conditions, as exemplified below. Among our cohort, there are cells isolated from four individual patients affected by rare human diseases/syndromes, Van der Woude syndrome (VWS) (two patients) (Van Der Woude, 1954), Patau syndrome (Trisomy 13) (Miryounesi et al., 2016) and GH (Bogusiak et al., 2017). Short descriptions of the main features associated with these syndromes are reported in Figure 5 (Overview).
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FIGURE 5. Patient-derived cells can serve as promising research tools for studying rare human diseases. Our cohort of tissue donors encompasses individuals affected by (A) Van der Woude syndrome (VWS), (B) Patau syndrome, and (C) Goldenhar syndrome (GH). Overview: A brief description of the rare human diseases is shown as well as the clinical appearance of the tissue donors. Arrowheads indicate typical phenotypes such as bilateral lip pits and orofacial clefts (VWS1, A), and pathological skin tags in the GH-affected individual (C). Biopsies: High magnification images of the tissue biopsies taken for histological analysis are depicted. Note that the biopsies shown for the VWS were all derived from a secondary surgery of a 19 years old individual (VWS2) and are indicated by numbers (1, 3, 4) in the “Overview” (A). Patient-derived cells: Explant cultures allowed the isolation of patient-derived cells of the biopsies shown, which were thoroughly characterized by morphological as well as immunofluorescent analyses. All keratinocytes (orange) show the typical colony-forming morphology (Live Imaging) and are all positive for the epithelial marker E-Cadherin (E-Cad), while fibroblasts (green) present as elongated cells (Live Imaging) positive for the mesenchymal marker Fibronectin (FN). Note that explant cultures from the scar and the “lip pits” of the VWS2 individual (A) only resulted in fibroblasts. Scale bars: 25 μm (Live Imaging keratinocytes), 50 μm (Live Imaging fibroblasts), 25 μm (IF). Histology: Representative Toluidine Blue and/or H&E stainings of the tissues, with some close-ups are shown. For the VWS2-derived samples additional immunohistochemical analyses (IHC) were performed (A). The expression of E-Cad indicating the skin epithelium was revealed in the lower lip sample. Similarly, the scar tissue revealed excessive staining for α-smooth muscle actin (α-SMA). Note also the abundant amount of striated muscles in the biopsy derived from the VWS2 “lip pits” connective tissue [anti-myosin II (MYOII) immunoreactivity and H&E/Toluidine Blue staining]. In the H&E staining of the Patau syndrome biopsy (B) the transition zone between skin and mucosa of the lip can be appreciated (Vermillion border). Finally, Safranin-O staining of the skin tag biopsied from the GH patient identifies the presence of pathological cartilage formation (C). Scale bar: 0.1 mm. In vitro characteristics: (A) qPCR and immunoblot analyses show that the levels of IRF6 in VWS1 and VWS2 keratinocytes are significantly decreased compared to the levels in 4 non-syndromic [wild-type for the VWS-associated genes IRF6 (NM_006147.4), GRHL3 (NM_198173), and NME1 (NM_198175)] CLP and one healthy lip keratinocyte cell cultures. These results strongly suggest that the VWS2 individual harbors an IRF6 variant [this has been confirmed for VWS1 by genetic analysis (Degen et al., 2020)] (left). Additionally, fibroblasts isolated from the scar tissue of VWS2 showed higher expression of α-SMA and Collagen type III (COL3) mRNA levels compared to fibroblasts isolated from the same donor but from different origins (gingiva, lower lip, and “lip pits,” right). Thus, the original characteristics are retained in the patient-derived cells. Data are expressed as mean ± SD. n = 3. * = p < 0.05. (B) Presence of three chromosomes 13 in the patient affected by the Patau syndrome is shown by karyotype analysis (red box).


Regarding VWS, we have tissues and the corresponding cells from 2 affected patients: an infant (VWS1), who underwent primary corrective cleft lip surgery (CLP lip biopsy) and a 19 year old individual (VWS2), who had secondary surgery for functional as well as esthetical reasons (biopsies of the gingiva, lower lip, connective tissue of the lip pits, and the scar tissue from the primary corrective surgery to close the upper lip) (Figure 5A, Biopsies). While we were able to isolate both fibroblasts and keratinocytes from the lip and the gingiva tissues, we only managed to obtain fibroblasts from the scar and the “lip pits” connective tissue. We analyzed all cells for their morphologies as well as epithelial (E-Cadherin)- and mesenchymal-(FN)specific markers (Figure 5A, patient-derived cells). In addition, we prepared FFPE blocks and tissue sections from all four VWS2-derived biopsies. H&E and Toluidine Blue staining allow a preliminary descriptive appreciation of the tissue architecture, which could be further investigated by immunohistochemistry (IHC) (Figure 5A, Histology). By IHC staining of some sections, we were able to highlight the epidermis of the lip by E-Cadherin expression at adherent junctions between epithelial cells, scar tissue by strong positivity for α-smooth muscle actin (αSMA) in the stroma, and to confirm presence of high amounts of striated muscles in the “lip pit” tissue, which were already visible in the H&E sections, by Myosin fast II (MYO2) (Figure 5A, Histology).

Cellular and molecular analyses of the patient-derived cells clearly demonstrated proof-of-concept: the original hallmarks of the syndrome are retained in the cells in vitro and represent promising study tools. Using the isolated keratinocytes (VWS1) we were able to confirm and thoroughly characterize a novel IRF6 variant (c961_965delGTGTAinsC), which has been initially sequence-identified by the Division of Human Genetics, Children’s Hospital Bern (Degen et al., 2020). Here, we show that in keratinocytes derived from the VWS2, both IRF6 protein as well as mRNA levels are comparable to VWS1, but robustly decreased when compared to non-syndromic (pathogenic variants in the known VWS-associated genes IRF6, GRHL3, and NME1 have been excluded by whole exome sequencing) CLP- and healthy lip-derived keratinocytes. These data fit to the assumed notion that VWS-causing IRF6 mutations often result in haploinsufficiency of IRF6 (de Lima et al., 2009; Degen et al., 2020). Therefore, without knowledge of the underlying gene defect causing VWS in the second individual, we can speculate that the affected individual harbors a pathogenic IRF6 variant (Figure 5A, In vitro characteristics). In addition, gene expression analyses of the four different fibroblast cultures derived from the VWS2 individual allowed us to show that also fibroblasts retain their in vivo characteristics in vitro. Indeed, the scar-derived fibroblasts significantly present higher levels of the scar markers (Ehrlich et al., 1994; Tsou et al., 2000; Shinde et al., 2017) αSMA, Collagen I (Col1) (data not shown) and Collagen III (Col3) compared to the fibroblasts derived from other tissues (Figure 5A, In vitro characteristics), fitting to our IHC observations.

Among our cohort of tissue donors, there is also an individual affected by Trisomy 13 (Figure 5B), who underwent corrective surgery of the condition-associated orofacial cleft lip. Successful isolation of both keratinocytes and fibroblasts will allow scientists to study specific aspects of Trisomy 13 using clinically relevant cells (Figure 5B, Patient-derived cells). We collected the corresponding tissue as FFPE blocks. The initial H&E staining shows the complex anatomical structure of the lip as it represents a transition zone between mucosal and skin tissue (Figure 5B, Histology). In addition, we show presence of three chromosomes 13 by karyotype analysis (Figure 5B, In vitro characteristics).

Finally, we received a biopsy from a patient who presented with preauricular skin tags (Figure 5C, Overview and Biopsies), a typical feature of GH-affected individuals (Dole et al., 2017). From the biopsy, we were able to isolate and characterize patient-derived keratinocytes and fibroblasts (Figure 5C, Patient-derived cells). Such cells could represent an unprecedent research opportunity for scientists interested in this rare syndrome, since so far only one zebrafish model has been successful (Lopez et al., 2016). Next to the cells, we also biobanked FFPE blocks. Notably, H&E, Toluidine Blue and cartilage-specific Safranin-O staining confirmed the presence of pathological cartilage in these GH-associated skin tags (Figure 5C, Histology).

Our proof-of-concept study clearly shows that the patient-derived cells, often in combination with the corresponding FFPE blocks, represent promising tools to study rare human conditions and that the original cell/tissue characteristics are retained in vitro.



Potential Applications of Primary Cells in Preclinical and Translational Research

Finally, we would like to illustrate the translational potential of our living CFA cell bank in regard to regenerative and personalized medicine as well as to pharmaceutical, cosmetic, oral health and dental material industry.


Three-dimensional (3D) personalized skin models

Our approach of isolating keratinocytes as well as fibroblasts from the same tissue donor is very promising for the development of personalized 3D organotypic skin models, which mimic the in vivo skin as much as possible (Ravi et al., 2015). In Figure 6A we present preliminary data on the establishment of 3D-skin differentiation models (keratinocytes only) as well as on full thickness skin models (fibroblasts and keratinocytes) using non-syndromic CLP patient-derived cells. H&E stainings of both models indicate that both assays result in models that nicely resemble the in vivo skin with multiple superficial keratinocyte layers. Loricrin, a differentiation marker of the granular layer of epithelial cells can be detected in superficial keratinocyte layers (green), while PCNA (red) is only expressed in the basal proliferating keratinocytes (Figure 6A). Both observations are identical to the in vivo situation.
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FIGURE 6. Potential outlook for the use of patient-derived cells from the cranio-/orofacial region. (A) CLP patient-derived keratinocytes (orange) and fibroblasts (green) were isolated from CLP patients and characterized by staining for E-Cad (keratinocytes) and FN (fibroblasts). Scale bars: 50 μm (Live Imaging), 25 μm (IF). These cells were used to obtain 3D skin differentiation models (top) that can be stained for H&E, the proliferation marker PCNA (red) and Loricrin (LOR, green). Note that PCNA is only detectable in basal keratinocytes, whereas LOR is present in more superficial keratinocyte layers confirming the in vivo situation. Dotted line indicates the membrane. Scale bars: 50 μm (Live Imaging), 25 μm (IF). Alternatively, the isolation of both keratinocytes and fibroblasts from the same tissue donor allows the establishment of full-thickness 3D-skin models, in which CLP keratinocytes are plated on a dermis created by the corresponding fibroblasts that also can be stained (H&E, bottom). *p < 0.05 EtOH vs. oral rinse or KSFM or DMEM. (B) Healthy gingival keratinocytes (orange) and fibroblasts (green) were used to determine cytotoxicity of a commercially available oral rinse (OR) at different dilutions after a 2 min exposure by MTT assay. Metabolic active cells are plotted as percentage of the initial cell population. (C) Cranio-/orofacial derived fibroblasts share similar characteristics with MSCs and may have a potential in personalized regenerative therapeutic approaches. Like MSCs, fibroblasts have a spindle-like morphology and are plastic-adherent, as revealed by live imaging and vinculin staining (green). Furthermore, qPCR analyses revealed that our patient-derived fibroblasts also express the typical MSC markers CD73, CD90, and CD105. *p < 0.05 MSC vs. Fbs. Alizarin Red S (AR) staining indicates the potential of PDL fibroblasts to be differentiated into bone forming cells. Scale bar: 20 μm. Data are expressed as mean ± SD. n = 3.




Modern dentistry and biomaterials

Our provision of cells isolated from most of the tissues represented in the oral cavity could be highly beneficial for dental material companies, in order to improve and advance the development of their products. For instance, primary gingival fibroblasts could represent an optimal model for studying the adhesion of soft tissues to the dental implant abutment or to dental composites for the treatment of submucosal lesion, while PDL and dental pulp fibroblasts may represent models for studying the efficacy of treatment for periodontal and dental regeneration, respectively. In addition, also the oral health industry (e.g., companies interested in the development of oral rinses or toothpastes) may benefit from clinically relevant cells available in our cell bank. Such cells could be used for testing the cytotoxic effects of new compounds in newly developed products. Using keratinocytes and fibroblasts isolated from healthy gingiva donors, we established straight-forward MTT assays to analyze the cytotoxic effects of commercially available oral rinses on paired gingiva-derived fibroblasts and keratinocytes (Figure 6B).



Tissue engineering and regenerative medicine

Our cohort of primary fibroblasts also shows certain criteria that have been attributed to MSCs: they are plastic-adherent and show a spindle-like morphology and express variable amounts of the MSC surface markers CD73, CD90, and CD105. Furthermore, our preliminary in vitro differentiation experiments revealed that similar to MSCs, PDL fibroblasts could be induced into bone forming cells as assessed by staining for Ca2+ deposits by Alizarin Red S (Figure 6C). These initial observations let us speculate that our patient-derived cells may represent a viable and easily accessible source of cells likely offering some regenerative potential. Clearly, further experimental evidence is warranted. However, we are encouraged to believe that the fibroblasts in our cell bank could be beneficial for the tissue donors themselves later in life if they might benefit from autologous, regenerative therapeutic options.






DISCUSSION

Discovery biomedical research is the foundation for an ever-increasing gain of knowledge concerning the biological processes underlying physiological as well as pathological craniofacial development. In the past years, significant progress has been made by using various model organisms to study genes required for proper face morphogenesis. More recently, this approach has been complemented by the availability of novel, state-of-the-art technologies allowing the identification of disease-causing gene mutations or chromosomal aberrations driving various anomalies. Thanks to these approaches, hundreds of genes and variants have been found to be linked to specific CFAs. However, scientific activities also envision to understand how certain gene mutations affect the behavior of cells and to establish genotype-phenotype correlations (Degen et al., 2020). Immortalized cell lines usually are used in such studies. However, nowadays, the scientific community is aware that often immortalized cells fail to recapitulate the in vivo situation as they often markedly differ in their phenotypes as well as genotypes from the original tissues. In addition, there are several reports about contaminated and misidentified cell lines (Masters, 2010; Lorsch et al., 2014), producing irreproducible results, on which many scientific discoveries and publications rely on. Therefore, there is urgent need for the availability of clinically relevant cell models that retain their original characteristics and that can be used as in vitro tools to further solidify the understanding of how genes affect cellular behavior in studying CFAs.

Our effort in establishing a cell biobank represents an unprecedented tool for the scientific community, who is interested in studying CFAs or periodontal/dental-related investigations. Such a project is only possible in a collaborative effort with the clinical counterparts, which provide all clinical samples. The availability of optimal cell models that retain their original characteristics (Figure 5) should help to advance discovery research on CFAs (see section “Establishing Cell Models for the Study of Rare Human Conditions in vitro”), but also could be of great benefit for the tissue donors themselves, who can rely on a personal repository of autologous cells at any moment of their life (Figure 6). In this regard, it is worth noting that in the literature cranio-/orofacial tissues have been described as very rich sources of progenitor cells or MSCs, with potential application for regenerative therapies (Sanz et al., 2015; Ebrahimi and Botelho, 2017). The International Society for Cellular Therapy (ISCT) defined a set of three minimal criteria that a cell has to fulfill in order to be viewed as an MSC (Dominici et al., 2006). However, the true identity of MSCs is still debatable as there is increasing evidence in the literature annotating similar characteristics to fibroblasts (Ichim et al., 2018; Soundararajan and Kannan, 2018). In this study, we show that some of the main characteristics defined for MSC are present also in our set of patient-derived fibroblasts (Figure 6). Clearly, more basic and functional studies are required to assess the clinical potential of patient-derived fibroblasts as alternatives to MSCs. However, our preliminary investigations let us believe that our cell bank might be beneficial for the tissue donors themselves for personalized regenerative therapies in their future.

To be successful and relevant for the economy and society, biomedical research increasingly relies on the existence and usage of data and samples stored in human biobanks (Hewitt, 2011; Coppola et al., 2019). Biobanks are organized collections of human biological samples and associated patient data, which are stored over lengthy periods allowing the availability of resources for research efforts. However, the establishment and the maintenance of human biobanks raises multiple ethical and juridical questions, which need to be addressed (Ashcroft and Macpherson, 2019). The acquisition, storage, and use of patient-derived specimens is indeed subject to stringent ethical as well as legal regulations. The protection of the privacy and identity of the research participants should be the top priority in all biobanking efforts. Unfortunately, there is not yet a harmonized legislative framework available within European countries regulating biobanking activities (Kaye et al., 2016). For the establishment of our CFA biobank, we included measures according to the https://www.wma.net/policies-post/wma-declaration-of-helsinki-ethical-principles-for-medical-research-involving-human-subjects/ and to the Swiss Human Act (HRA), which regulate the protection of the privacy and identity of participants on a global level and in Switzerland, respectively. First of all, all the projects involving the use of our cell models have to be approved by the regional research ethical committee. In addition to this, external investigators interested in using our cells are required to undersign a Material Transfer Agreement (MTA), a contract governing the transfer, intended use and rights of the research material. Secondly, all study participants or their legal representative in case of minors, are informed about the research and gave an informed consent, which allows individuals to decide whether and how their tissues samples can be used for research purposes. In both cases, patients have always the right to decide whether their personal data and tissue samples can or cannot be used in an encoded way for future biomedical research. Participants are also informed about the possibility to withdraw their consent at any time, which further exemplifies the protection and respect toward each individual. Notably, all the samples stored in our collection, are derived from planned and necessary surgical interventions, and all the biospecimens would have been otherwise discarded. Therefore, none of the participants experiences any supplemental consultation time, harm or any other disadvantages by donating their tissue for research purposes. Finally, we implemented various technological data security measures including the appropriate IT infrastructure in order to securely store patient data in a protected database.

In our workflow, the improvement of the protection of the patient’s privacy has been obtained by defining clear and strict responsibilities shared between the Children’s Hospital/Dental School and the research laboratory for the collection and encoding of the samples. All the clinically related data and work, such as the written consents, consultation and the diagnosis, are securely stored at the hospital/dental clinic. The laboratory receives the tissue sample in a pre-labeled tube (e.g., 001) in combination with minimal patient information (such as date of the surgery, age and gender) and the origin of the sample (e.g., bilateral cleft, gingiva). If applicable, the laboratory is also informed about the presence of any syndromes associated with the patient. This system does not allow the identification and tracking of patients and hence protects their privacy. If future research projects require more information about the tissue sample donor (e.g., patients requiring regenerative therapies using their own cells), this can only be achieved in consultation with the involved and trained personnel of the clinics. Clearly, it is our responsibility to regularly train all people involved in the biobanking process and to audit all our activities to ensure correct adherence to our guidelines.

We strongly believe that our approach in setting up a living cell repository for the cranio-/orofacial region derived from otherwise discarded tissues is unique and will represent an important asset for discovery and translational research on cranio-/orofacial anomalies as well as an essential tool to be combined with animal studies. 3D skin models established from patient-derived cells can be used as personalized organotypic cultures for drug screenings (e.g., to obtain better wound healing using CLP cells), cosmetics (facial skin cells), toxicity tests (oral cavity cells), bacterial infections related to periodontitis (gingiva cells) as well as for clinically relevant discovery research trying to elucidate specific molecular mechanisms. For instance, we applied such models in the understanding of how specific gene variants causing CLP and/or VWS affected the differentiation potential of skin and mucosa cells (Degen et al., 2018, 2020). Another research area that might benefit from such clinically relevant primary cells is dentistry. For the long-term success of regenerative procedures in dentistry, the integration of biomaterials within the oral cavity is of great clinical importance (van Steenberghe et al., 1991; Tayebi and Moharamzadeh, 2018). This largely depends on the behavior of cells at their interface and, particularly, on their initial attachment, adhesion and spreading (Anselme, 2000). However, these events can also be affected by the characteristics of the material itself, and this is the reason for why the development of more and more performant materials is currently a trend on the market. In spite of this, most of the available materials used in the daily clinical practices lack in vitro data, which could support and explain their clinical performance on a cellular level regulating biological events at the biomaterial interface (Parisi et al., 2020; Toffoli et al., 2020). Our primary dental-related cells could fill this gap and provide an optimal source for clinically relevant and tissue-specific cells. We are well aware that such a biobanking effort is time-consuming and requires a financial investment (e.g., infrastructure, IT support, trained personnel). Nevertheless, we are convinced that such a cell bank might be required in the pursuit of a complete understanding of specific CFAs, from which patients may benefit in the future.

In summary, here we presented our proof-of-concept study that patient-derived cells from the cranio-/orofacial region have great potential in discovery and translational research. We detailed our workflow and the main processes that we apply for the ongoing generation of our biobank to (1) promote, boost, and advance biomedical research on CFAs with high-quality primary cells, (2) have healthy primary control cells available from various cranio-/orofacial tissues, (3) establish patient-derived cell models for translational research such as drug testing using clinically relevant cells, (4) store patient-derived cells that could be used at a later time as an autologous source for personalized regenerative applications, and (5) gain more and urgently needed knowledge on the biological processes underlying various CFAs, which will be of great benefit to CFA-affected patients.
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The primary cilium is a ubiquitous, microtubule-based cellular organelle. Primary cilia dysfunction results in a group of disorders termed ciliopathies. C2 domain containing 3 centriole elongation regulator (C2cd3), encodes a centriolar protein essential for ciliogenesis. Mutations in human C2CD3 are associated with the human ciliopathy Oral-Facial-Digital syndrome type 14 (OFD14). In order to better understand the etiology of ciliopathies including OFD14, we generated numerous murine models targeting C2cd3. Initial analysis revealed several tissue-specific isoforms of C2cd3, and while the loss of C2cd3 has previously been reported to result in exencephaly, tight mesencephalic flexure, pericardial edema, abnormal heart looping and a twisted body axis, further analysis revealed that genetic background may also contribute to phenotypic variation. Additional analyses of a conditional allelic series targeting C-terminal PKC-C2 domains or the N-terminal C2CD3N-C2 domain of C2cd3 revealed a variable degree of phenotypic severity, suggesting that while the N-terminal C2CD3N-C2 domain was critical for early embryonic development as a whole, there was also a craniofacial specific role for the C2CD3N-C2 domains. Together, through generation of novel models and evaluation of C2cd3 expression, these data provide valuable insight into mechanisms of pathology for craniofacial ciliopathies that can be further explored in the future.
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INTRODUCTION

The primary cilium is a cellular organelle comprised of a microtubule-based axoneme extending from the cell surface, and a basal body that resides internally at the base of axoneme. Defects in the structure or function of the ciliary complex result in a class of diseases called ciliopathies. Ciliopathies affect as many as 1 in 800 people. Currently, there are 26 known ciliopathies, 25 predicted ciliopathies and another 400 human diseases considered possible ciliopathies that have yet to be classified (Schock and Brugmann, 2017). Although ciliopathies often present with pleiotropic phenotypes including renal disease, retinal degeneration, obesity, skeletal dysplasia, and craniofacial anomalies (Reiter and Leroux, 2017), 30% of ciliopathies are primarily classified by their craniofacial phenotypes. Craniofacial ciliopathies are most frequently defined by the combinatorial presentation of cleft lip/palate, craniosynostosis, hypertelorism, and micrognathia (Schock and Brugmann, 2017). Interestingly, among the 187 genes that are associated with known ciliopathies, 50 genes encode proteins that localize to basal bodies or centrosomes, and an additional five genes encode proteins that localize to centriolar satellites (Reiter and Leroux, 2017). Thus, understanding formation and function of the basal body is essential for gaining insights for therapeutic treatment of ciliopathies.

The basal body is a modified mother centriole within the centrosome. During G1-S phase of the cell cycle, the daughter centriole gradually loses its daughter centriole-specific proteins and acquires distal and subdistal appendages in late G2 phase. The acquisition of distal appendages and subdistal appendages marks the maturation of the mother centriole and distinguishes the mother centriole from the daughter centriole. During intracellular cilium assembly, Golgi-derived ciliary vesicles dock and fuse at the distal end of the mother centriole, a step called centriole-to-basal body transition. The ciliary axoneme is then assembled by extension of centriolar microtubules underneath the ciliary vesicular cap, while the basal body migrates to the plasma membrane. This basal body/nascent cilium complex then docks and fuses to the plasma membrane through vesicular fusion, a process mediated by distal appendages, which is followed by the further growth and maintenance of the axoneme at the cell surface (Wang and Dynlacht, 2018). The mother centriole within the basal body, the daughter centriole, pericentriolar material (PCM), and centriolar satellites comprise the centrosome, the major microtubule organizing center (MTOC) of the cell. Components localized to the cilium and/or centrosome play essential roles in the dynamics between both organelles; therefore, regulation of the two organelles are tightly linked (Joukov and De Nicolo, 2019).

Recent studies have uncovered several key regulators of centriole maturation and subsequent ciliogenesis. For example, several distal centriolar proteins including C2 domain containing 3 centriole elongation regulator (C2cd3), Oral-Facial-Digital Syndrome 1 Protein (Ofd1) and others are required for the recruitment of distal appendage proteins to the distal end of mother centriole (Singla et al., 2010; Ye et al., 2014; Kazatskaya et al., 2017). C2cd3 and Ofd1 colocalize and physically interact at the distal end of centriole to control centriolar length. Ofd1 acts as a negative regulator of centriole elongation, constraining centriole elongation (Singla et al., 2010). Conversely, C2cd3 is a positive regulator of centriole elongation, as loss of C2cd3 results in shorter centrioles and overexpression of C2cd3 produces hyper-elongated centrioles. More intriguingly, this hyper-elongated centriole can be suppressed by Ofd1 (Thauvin-Robinet et al., 2014). While several other centriolar proteins are required for centriole maturation, elongation, and uncapping (Hsiao et al., 2009; Schmidt et al., 2012; Burke et al., 2014; Kobayashi et al., 2014; Lu et al., 2015; Bhattacharyya et al., 2016), C2cd3 and Ofd1 have been a focus of study because of their association with the human ciliopathy Oral-facial-digital syndrome (OFD).

Oral-facial-digital syndromes represent a group of human ciliopathies caused by mutations to various ciliary proteins. OFDs can be characterized by facial, oral and digital malformations. To date, there are approximately 18 subtypes of OFD syndromes,1 and each subtype is classified according to the associated gene. Although affected individuals in each subtype present with largely overlapping phenotypes, they do have distinct and unique clinical features. For example, whereas patients with OFD IV display severe tibial dysplasia, patients with OFD VI display cerebellar abnormalities, and patients with OFD IX are characterized by retinal coloboma, in addition to oral, facial and digital defects. Among the subtypes in which causative genes have been identified, almost all genes express proteins which localize to the basal body (Cortes et al., 2016; Franco and Thauvin-Robinet, 2016; Bruel et al., 2017). For example, the most frequent OFD subtype, OFD I, is associated with mutations in OFD1, which encodes a protein localized to the basal body. Mutations in NEK1, a centrosomal protein responsible for centriole elongation, are associated with OFD II.

Mutations in C2CD3 are associated with OFD14. C2CD3 contains a tandem array of five classical Protein Kinase C C2 domains (PKC-C2) and a novel, divergent C2CD3 N-terminal C2 (C2CD3N-C2) domain (Zhang and Aravind, 2012). C2 domains are present in many proteins and were first discovered as calcium-dependent membrane-targeting domains in the conventional (or Ca2+-activated) PKC isoforms (α, β, γ) (Steinberg, 2008; Farah and Sossin, 2012); however, a variety of C2 domains that have Ca2+-independent membrane-targeting abilities have also been identified (Lee et al., 1999; Djordjevic and Driscoll, 2002). While the PKC-C2 domain predicts membrane-anchoring function of C2CD3, the function of the divergent C2CD3N-C2 domain remains unknown (Zhang and Aravind, 2012). Over 70% of identified OFD14 causing C2CD3 mutations are located within PKC-C2 or C2CD3N-C2 domains, further suggesting the importance for understanding the role of each domain (Boczek et al., 2018).

More recently murine and avian models for OFD14 have been used to examine C2CD3 function. Hearty (Hty), a recessive lethal mouse mutant identified by forward genetic screening, showed severe developmental defects including those of the neural tube, heart and limb (Hoover et al., 2008). The Hty mutation resulted in a largely truncated protein, which contained the divergent C2CD3N-C2 domain but none of the more C-terminal PKC-C2 domains. talpid2 (ta2), a naturally occurring avian mutant, was recently identified as being caused by a 19 bp deletion in exon 32 of C2CD3 (Chang et al., 2014). Long gestational survival of ta2 has allowed for additional analyses and determination that it is a bona fide model for OFD14. Mutations in C2cd3 impair the formation and function of primary cilia, and perhaps most notably the transduction of cilia-dependent Hedgehog signaling (Hoover et al., 2008; Chang et al., 2014). Moreover, migration and differentiation of cranial neural crest cells were affected in ta2, suggesting a possible cellular etiology of OFD14 (Chang et al., 2014; Schock et al., 2015). Although ta2 is a model for human OFD14, the lack of avian genetic techniques necessitates murine models for further mechanistic and tissue-dependent study.

Here we report and characterize several novel C2cd3 mouse models, including a publicly available conditional knockout line and two novel CRISPR-targeted lines, targeting regions in the divergent C2CD3N-C2 domain or PKC-C2 domains. We identified the predominant C2cd3 isoforms in a tissue-specific manner and propose that phenotypic variability is a consequence of both tissue-specific isoforms and genetic background. In sum, data presented herein can be used not only to study the etiology of ciliopathic pathologies, but also to address the specific roles of various C2-domains during development.



RESULTS


C2cd3 Is Dynamically Expressed During Embryonic and Craniofacial Development

Despite an accepted role in ciliogenesis, C2cd3 expression has not been well documented during embryogenesis or craniofacial development. To comprehensively characterize C2cd3 expression, C2cd3TM 1a(EUCOMM)Wtsi mouse ES cells were injected into mouse blastocysts. Recovered transgenic mice (hereafter referred to as C2cd3LacZ) expressed a LacZ-expression cassette after exon 3 of C2cd3, as well as LoxP sites flanking exon 4/5 for the option of tissue-specific gene deletion using Cre-LoxP system (Figure 1A). Heterozygous C2cd3LacZ/+ mice were viable and morphologically normal, while homozygous C2cd3LacZ/LacZ mice died at approximately E10.5 (data not shown). Whole mount X-gal staining revealed that C2cd3 was expressed ubiquitously at E10.5 (Figure 1B). At E11.5, however, C2cd3 expression was more spatially distinct with the most robust expression in the neural epithelium, optic cup, oral epithelium, and tongue mesenchyme (Figure 1C). Ubiquitous, but variable levels of C2cd3 protein isoforms (255, 232, and 205 kDa) were detected in various embryonic tissues at E11.5 via Western blot analysis (Figure 1D asterisks and Supplementary Figure 1). The 255 kDa isoform was expressed at varible levels across all isolated tissues (brain, face, heart, limb, and liver) (Figure 1D, top asterisk). The 232 kDa isoform was also detected across all tissues, albiet at much lower levels (Figure 1D, middle asterisk). The 205 kDa isoform was distinct from other isoforms, as it was robustly expressed in heart tissue (Figure 1D, bottom asterisk). While protein prediction tools predicted an additional 214 kDa isoform, we were unable to detect it due to the lack of the C-terminal epitope which the antibody recognizes (Supplementary Figure 1). C2cd3 expression was maintained later in development in both epithelial and mesenchymal tissues, including the lateral ganglionic eminence and ventricular zone of developing neocortex, perichondrium of developing cranial bones, palatal epithelium, oral epithelium, and mesenchyme surrounding Meckel’s cartilage at E14.5 (Figure 1E). Together, these results suggested that C2cd3 expression was dynamic throughout embryonic and craniofacial development. We next sought to examine the consequences of impaired C2cd3 expression.
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FIGURE 1. C2cd3 expression in developing mouse embryos. (A) Schematic of C2cd3LacZ targeted allele. LacZ expression cassette containing a stop codon (*) was inserted after exon (yellow box) 3. The remaining, unexpressed part of the construct designed for conditional knockout is indicated in the shaded box. (B) Whole mount X-gal staining indicates ubiquitous C2cd3 expression in E10.5 embryos. (C) Frontal section of an E11.5 embryo showing robust C2cd3 expression in neural epithelium (NE, dotted line), otic cup (OC), oral epithelium (OE, arrows) and tongue mesenchyme (TM, dotted line). (D) Western blot of C2cd3 expression in different tissues of E11.5 wild type embryos, showing three C2cd3 isoforms (asterisks). (E) Frontal section of E14.5 embryo, revealing robust C2cd3 expression in the lateral ganglionic eminence (LGE) and ventricle zone (VZ) of developing neocortex, perichondrium (PC) of developing cranial bones, palatal epithelium (PEp), oral epithelium (OEp) and mesenchyme surrounding Meckel’s cartilage (MC). All scale bars: 0.5 mm.




C2cd3 Mutants Present With Multiple Embryonic Defects

To better understand the biological function of C2cd3, we utilized CRISPR-mediated genome editing to generate an 8 bp deletion in exon 2 that resulted in a premature stop codon (henceforth referred to as C2cd3ex2) (Figure 2A). C2cd3ex2/ex2 mutants were embryonic lethal at approximately E10.5 and presented with phenotypes similar to those previously reported in Hty mutants (Hoover et al., 2008). Mutants were present in Mendelian ratios (Table 1A) and 90% of mutants exhibited exencephaly and a twisted body axis (Figures 2B–C and Table 1B). In addition, 30% of C2cd3ex2/ex2 mutants presented with pericardial edema, abnormal heart looping, and a tight mesencephalic flexure (Figures 2B–C′ and Table 1B). Compared to the previously reported C2cd3 Hty mutants, which commonly presented with twisted body axis, pericardial edema, and tight mesencephalic flexure, the most common phenotypes in C2cd3ex2/ex2 mutants were exencephaly and twisted body axis. Although polydactyly was also observed in Hty mutants at E12.5, we were unable to assess this phenotype in C2cd3ex2/ex2 mutants because they did not survive past E10.5. To confirm that C2cd3ex2/ex2 mutants failed to extend primary cilia, immunostaining for Arl13b (ciliary axoneme) and gamma-tubulin (basal body) was performed. Relative to the facial mesenchyme of wild-type embryos, C2cd3ex2/ex2 mutants lacked Arl13b while maintaining gamma-tubulin staining, indicating that the extension of primary cilia was abolished but the basal body remained intact (Figure 2B′′,C′′). Thus, C2cd3ex2/ex2 mutants lacked cilia and presented with phenotypes indicative of a ciliopathic model.
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FIGURE 2. C2cd3ex2/ex2 mutants present with phenotypes indicative of a ciliopathy. (A) Schematic of CRISPR-targeted 8 bp deletion in C2cd3 at exon 2 which results in a premature stop codon. (B,C) Lateral and (B′,C′) frontal views of E9.5 wild-type and C2cd3ex2/ex2 embryos. C2cd3ex2/ex2 embryos exhibit pericardial edema (white dashed line), tight mesencephalic flexure (black line), mandibular hypoplasia (white arrowhead), abnormal heart looping (black arrow), and exencephaly (black asterisk). The heart is labeled with red asterisks. (B′′,C′′) Axonemal (Arl13b) and basal body (gamma-tubulin) immunostaining of E9.5 embryos in wild-type and C2cd3ex2/ex2 embryos. Scale bars for panels (B–C′): 0.5 mm; (B′′–C′′): 50 μm. (D) Western blot of E9.5 wild-type and C2cd3ex2/ex2 whole embryos showing deletion of the 255 kDa isoform in both C57BL/6J and CD1 backgrounds. The ratio of Gli3FL/Gli3R is increased in C2cd3ex2/ex2 compared to wild-type.



TABLE 1. Phenotypic presentations of C2cd3 mutants. (A) Total number of wild-type, C2cd3ex2/+, and C2cd3ex2/ex2 embryos, n = number of litters on CD1 and C57BL/6J backgrounds. (B) Percentages of phenotypes present in C2cd3ex2/ex2 mutant embryos.



TABLE 1A. Number of wild-type, C2cd3 ex2/+, and C2cd3 ex2/ex2 embryos on CD1 and C57BL/6J backgrounds.
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TABLE 1B. Observed phenotypic penetrance of C2cd3ex2/ex2 mutants on CD1 and C57BL/6J backgrounds.
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Genetic modifiers have been hypothesized to alter phenotypic presentation associated with mutations in ciliary genes (Reiter and Leroux, 2017). Given the variation in phenotypic penetrance between Hty (C3H/HeN background) and C2cd3ex2/ex2 mutants, we examined if background strain contributed to severity and degree of penetrance in C2cd3ex2/ex2 mutants. The C2cd3ex2 line was generated on an outbred CD1 background, and backcrossed over seven generations onto the inbred C57BL/6J background. We observed that embryos with abnormal heart looping, pericardial edema, and tight mesencephalic flexure increased from 30% on a CD1 background to 56, 44, and 33%, respectively on a C57BL/6J:CD1 mixed background, whereas the percentage of embryos showing exencephaly and twisted body phenotypes was reduced (Table 1B, C57BL/6J, F4). The purity of genetic background was examined by miniMUGA (Mouse Universal Genotyping Array) analysis. C2cd3ex2/+ embyros on an outbred CD1 background possessed 28.6% of the potential diagnostic alleles for C57BL/6J (Table 2). In subsequent crosses on the C57BL/6J background, approximately 97% of the potential diagnostic alleles were observed in F2 mice and 98% in F7 mice.


TABLE 2. Percentage of diagnostic alleles present in C2cd3ex2/+ mice on CD1 and C57BL/6J backgrounds.
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In light of these variable phenotypic presentations, we examined C2CD3 protein expression in both control and C2cd3ex2/ex2 mutants on C57BL/6J and CD1 backgrounds. Lysates from E9.5 whole embryos of C57BL/6J or CD1 background revealed that the expression of the 255 kDa isoform was lost in mutant embryos on both genetic backgrounds, while the 205 kDa isoform was maintained (Figure 2D, top and bottom asterisks, respectively). Interestingly, 232 kDa isoform was undetectable likely because the lysate was collected from whole embryos instead of specific tissue. As deletion of primary cilia often results in aberrant Gli protein processing, we also assayed for Gli3 full length (Gli3FL) and Gli3 repressor (Gli3R) expression in C2cd3ex2/ex2 mutants. While C2cd3ex2/ex2 mutants on either background exhibited impaired Gli3 processing, the total amount of Gli3 protein was more robust in embryos on the CD1 background and the ratio between Gli3FL and Gli3R was higher on C57BL/6J background (Figure 2D and Supplementary Figure 2). Thus, variation in Gli3 protein expression and the Gli3FL/R ratio could contribute to changes in expressivity of phenotypes as the mutation was backcrossed onto a C57BL/6J background.



C2cd3 Is Required for Craniofacial Development

The majority of craniofacial malformations associated with mutations in C2cd3 and OFD14 stem from neural crest derived tissues. Early embryonic lethality in C2cd3ex2/ex2 mutants prevented an indepth examination of neural crest and craniofacial development. To better understand the function and processing of C2cd3 relative to craniofacial development, we generated two conditional murine mutants targeting distinct protein domains, and crossed them to neural crest specific drivers.

As the name implies, C2cd3 contains an array of five classical PKC-C2 domains which are predicted to be involved in targeting proteins to the cell membrane. Despite the presence of these domains, there has been very little exploration into their distinct role relative to C2CD3 function, specifically during craniofacial development. To examine the role of PKC-C2 domains, we generated a conditional mouse line in which LoxP sequences flanked exon 9 (C2cd3ex9–flox, Figures 3A,A′). Exon 9 was chosen because upon Cre recombination, all PKC-C2 domains would be excised, generating a 445 aa truncated protein. Moreover, all the C2cd3 splice variants containing exon 9 were recombined when Cre was expressed. Western blot analysis in wild-type and C2cd3ex9fl/fl;Wnt1-Cre embryos confirmed the loss of the 255 and 232 kDa isoforms in E11.5 mutant facial prominences (Figure 3B). Mutant facial prominences also exhibited increased Gli3FL/Gli3R ratio (Figure 3B), indicating the cilia were functionally impaired. C2cd3ex9fl/fl;Wnt1-Cre mutant mice survived until late gestation (E18.5) and presented with phenotypes common in OFD14, including cleft palate and a dysmorphic tongue (Figures 3C–D′). Whole mount skeletal staining as well as microCT analysis of E17.5 embryos did not show defects in frontal bone or frontal suture formation (Figures 3E–F′ and Supplementary Figure 4), but revealed delayed ossification of palatine bone in C2cd3ex9fl/fl;Wnt1-Cre mutant embryos (Figures 3G–H′).
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FIGURE 3. Conditional loss of PKC-C2 domains of C2cd3 results in craniofacial phenotypes. (A,A′) Schematic of conditional mouse line generated by CRISPR-targeting with LoxP sequences flanking exon 9. (B) Western blot of C2cd3 expression in E11.5 facial prominences showing deletion of the 255 and 232 kDa isoforms in and C2cd3ex9fl/fl;Wnt1-Cre embryos (red asterisks, n = 4 for both wild type and mutant, not shown). (C,C′) Palatal and (D,D′) glossal views of wild-type and C2cd3ex9fl/fl;Wnt1-Cre E15.5 embryos. Cleft palate [(C′), dotted lines] and dysmorphic tongue are present in C2cd3ex9fl/fl;Wnt1-Cre embryos. (E–H′) Dorsal and ventral views of whole mount skeletal staining reveals delayed ossification of palatine bone in C2cd3ex9fl/fl;Wnt1-Cre embryos [(H,H′), asterisk]. Scale bars: 0.5 mm.


In addition to the array of PKC-C2 domains, C2cd3 also contains a divergent C2CD3N-C2 domain at the N-terminus of the protein. While this domain is conserved among various species (Zhang and Aravind, 2012), the function of C2CD3N-C2 domain remains completely unknown. To determine the role of the C2CD3N-C2 domain, C2cd3LacZ mice were bred to FLPeR mice (Farley et al., 2000) to excise the LacZ expression cassette (Figure 4A). The resulting progeny (C2cd3ex4–5–flox), in which LoxP sequences flanked exon 4 and 5, generated a protein with a truncated C2CD3N-C2 domain (Figure 4A′). To assess the C2CD3N-C2 domain in neural crest cells, we utilized the Wnt1-Cre2 driver (Lewis et al., 2013) and assayed protein expression in facial prominences of E11.5 embryos via Western Blot analysis. Relative to wild-type embryos, the 255 kDa isoform of C2cd3 was lost in C2cd3ex4–5fl/fl;Wnt1-Cre2 facial prominences. Interestingly, the 232 kDa isoform remained detectable in mutants (Figure 4B), suggesting that the 255 kDa isoform is required craniofacial development. Typical of many ciliopathic mutants, C2cd3ex4–5fl/fl;Wnt1-Cre2 embryos also displayed an increased Gli3FL/Gli3R ratio (Figure 4B). C2cd3ex4–5fl/fl;Wnt1-Cre2 mutants survived until late gestation (E18.5). Contrary to C2cd3ex9fl/fl;Wnt1-Cre mutants which didn’t reveal a phenotype until approximately E15.5, C2cd3ex4–5fl/fl;Wnt1-Cre2 phenotypes were detected as early as E11.5, with characteristic midline widening (Figures 4C,C′, dotted line), which was exacerbated by E15.5 (Figures 4D,D′, dotted line). C2cd3ex4–5fl/fl;Wnt1-Cre2 mutants also presented with cleft palate (Figures 4E,E′, dotted line) and a hypoplastic tongue (Figures 4F,F′, asterisk). Thus, relative to C2cd3ex9fl/fl;Wnt1-Cre, C2cd3ex4–5fl/fl;Wnt1-Cre2 mutants had an earlier onset of craniofacial phenotypes that were more severe in nature. Whole mount skeletal staining of E18.5 C2cd3ex4–5fl/fl;Wnt1-Cre2 mutants did not reveal defects in frontal bones or frontal suture (Figures 4G–H′), but exhibited delayed ossifications in sphenoid (Figures 4J,J′, black arrowhead) and palatine bones (Figures 4J,J′, white arrowhead) near the cranial base (Figures 4I–J′). These results suggested that the C2CD3N-C2 domain also plays a functional role during neural crest and craniofacial development, distinct from PKC-C2 domains.
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FIGURE 4. Conditional loss of C2CD3N-C2 domain results in craniofacial phenotypes. (A,A′) C2cd3LacZ mice were bred to FLPeR mice to excise the LacZ expression cassette, resulting in C2cd3ex4– 5flox progeny with LoxP sequences flanking exon 4 and 5 and generating a protein with a truncated C2CD3N-C2 domain. (B) Western blot of C2cd3 expression in E11.5 facial prominences showing deletion of the longest C2cd3 isoform 255 kDa in and C2cd3ex4– 5fl/fl; Wnt1-Cre (red asterisk, n = 4 for both wild type and mutant, not shown). (C,C′) C2cd3ex4– 5fl/fl;Wnt1-Cre2 embryos have characteristic midline widening (dotted line) at E11.5 compared to wild-type, which is exacerbated at E15.5 [(D,D′), dotted lines], as well as cleft palate [(E,E′), dotted line] and a hypoplastic tongue [(F,F′), asterisk]. (G,G′) Dorsal views of skull. E18.5 C2cd3ex4– 5fl/fl;Wnt1-Cre2 embryos have normal frontal bone and frontal suture (H,H′) development. (I,I′) Ventral views of skull. E18.5 C2cd3ex4– 5fl/fl;Wnt1-Cre2 embryos present with abnormal bone growth of the sphenoid [(J,J′), black arrowhead] and palatine bone [(J,J′), white arrowhead]. Scale bars: 0.5 mm.




DISCUSSION

Ciliopathies represent a growing disease class with a significant impact on craniofacial development. As no treatments are currently available for these disorders, gaining increased mechanistic understanding of their etiology through model systems is vitally important. Herein, we report three novel animal model systems to allow for future mechanistic studies regarding the onset of ciliopathic phenotypes. Our initial analyses revealed that C2cd3 was expressed ubiquitously during early embryonic development, and heterogeneously later in development. Robust knockdown of C2cd3 expression via CRISPR genome editing resulted in severe developmental defects culminating in early embryonic lethality. Moreover, the phenotypic penetrance and severity varied according to genetic background. We also demonstrated that the N-terminal C2CD3N-C2 domain was functionally more critical compared to C-terminal PKC-C2 domains during craniofacial development, by examining conditional alleles with two neural crest-specific drivers. These studies not only generate several new resources for the craniofacial community, but also suggest several factors that contribute to the onset of craniofacial phenotypes in ciliopathic conditions.


Variation in Ciliopathic Phenotypes Is Likely Due to Genetic Modifiers

Variable penetrance and lack of genotype-phenotype concordance has long been a challenge for definitive diagnoses of many genetic diseases. Ciliopathies often exhibit multiple and overlapping clinical features owing to the fact that cilia extend from almost all types of cells in the body. For example, Oral-facial-digital syndrome 1-18 (OFD1-18), short-rib polydactyly syndromes (SRPS), Jeune asphyxiating thoracic dystrophy (JATD), Ellis van Creveld syndrome (EVC), and Cranioectodermal dysplasia (CED) all present with varied and overlapping phenotypes making diagnosis difficult. Yet, despite this understanding, the factors that contribute to variable and overlapping phenotypic presentation remain nebulous.

Studies using murine models on inbred background have provided valuable information as to the factors that contribute to phenotypic variability (Nadeau, 2001; Hamilton and Yu, 2012; Kousi and Katsanis, 2015). Numerous studies have reported different levels of phenotypic severity on various inbred backgrounds (Jones et al., 2008), as utilization of these strains can more readily identify genetic modifiers via SNP array, GigaMuga and quantitative trait locus (QTL) analysis (Morgan et al., 2015; Snedeker et al., 2019). Studies such as these have been instrumental in identifying genetic modifiers that can contribute to increasing the variability of phenotypic presentations in ciliopathies. One example of evidence of such modifiers was the report demonstrating that a 430C to T transition in MGC1203 gene (a pericentriolar protein CCDC28B that interacts with several Bardet–Biedl syndrome, BBS proteins) has an epistatic effect on BBS patients (Badano et al., 2006). While mutations in MGC1203 were insufficient to cause BBS, individual BBS patients who carry the 430T variant of MGC1203 were more severely affected and have early onset retinitis pigmentosa. Another example of genetic modifiers impacting ciliopathic phenotypes was demonstrated via the relationship between AHI1 and NPHP1. Both AHI1 and NPHP1 encode ciliary proteins that physically interact, and mutations found in these two genes are associated with Joubert syndrome. Interestingly, specific variants in these genes significantly increased the risk for onset of tissue-specific phenotypes in patients (Louie et al., 2010).

Although it remains a challenge to identify genetic modifiers for disease-linked genes in humans, murine models may provide useful insight into origins of phenotypic variation. Our data indicated that the severity of phenotypic presentations in C2cd3ex2/ex2 mutant mice is variable on different genetic background (Table 1B), suggesting there are potential genetic modifiers for C2cd3. As C2cd3 localizes to the distal end of the mother centriole and interacts with other centriolar proteins in a hierarchical manner, it is possible that any variant within proteins that localize to that area could impact phenotypic severity of C2cd3 mutations. Furthermore, hypotheses such as these could also apply to variation in human OFD patients, in terms of phenotypic presentation, diagnostic assessment and clinical outcome.



Functional Roles of C2cd3 Splice Variants and Isoforms

Most genes have multiple exons, which can contribute to specific isoforms via alternative splicing. Exons are defined by the 5′ splice site, the 3′ splice site and the branch point. These sequence elements can be recognized by the spliceosome complex, which undergoes serial events to remove the introns of pre-mRNA and to form mature mRNA. In general, exons that are used and included alternatively in the mature mRNA, have splice sites and branch point that deviate moreso than the consensus sequences present in constitutively used exons; hence, they have lower binding affinity for the spliceosome. From an evolutionary point of view, alternative splicing is used to increase diversity under different physiological conditions to affect function, binding affinity, and localizations of the protein products (Kelemen et al., 2013). Murine C2cd3 has 33 exons and 8 splice variants.2 Among these variants, seven are protein-coding, producing four distinct protein isoforms (255, 232, 214, and 205 kDa), while one is a non-coding mRNA (Supplementary Figure 1). Our data revealed that while C2cd3 was expressed ubiquitously in early developmental stages, the level of expression and the prevalence of distinct isoforms varied between different tissues. Given the variable temporal and spatial expression of C2cd3 during craniofacial development, it will be important to understand the distribution and spatial expression of individual splice variants/protein isoforms over time. Our data herein suggested that the N-terminal C2CD3N-C2 domain was more critical during craniofacial development than C-terminal PKC-C2 domain. Interestingly, within the four C2cd3 protein isoforms there are two isoforms that contain a C2CD3N-C2 domain (255 and 214 kDa; Supplementary Figures 1A,C). We hypothesize that these two isoforms are expressed in tissues most affected in C2cd3ex2/ex2 or C2cd3ex4–5fl/fl;Wnt1Cre2 mutants, in which the targeted mutations disrupt C2CD3N-C2 domain. Alternatively, we hypothesize that isoforms without a C2CD3N-C2 domain (232 and 205 kDa; Supplementary Figures 1B,D) are dispensable for craniofacial development, as the 232 kDa isoform is still expressed C2cd3ex4–5fl/fl;Wnt1Cre2 facial mesenchyme. Our future studies will focus on the spatial expressions and specialized functions for each C2cd3 isoform expressed in craniofacial tissues.



A Role for the C2CD3N-C2 Domain During Ciliogenesis and Protein–Protein Interaction

Many ciliary proteins in the transition zone contain both classical PKC-C2 and novel C2-domains. These domains have been hypothesized to serve as a functional interaction module within the transition zone (Zhang and Aravind, 2010, 2012; Remans et al., 2014). Although the classical PKC-C2 domain contains a Ca2+-binding pocket, which makes contact with the plasma membrane, all other C2 domains within the superfamily do not bind Ca2+ (Zhang and Aravind, 2010). Moreover, novel C2 domains, including the C2CD3N-C2 domain, have a unique sequence and are highly conserved among different orthologs, yet share little sequence homology to other known C2 domains. For example, a recent study reported that centriolar protein CEP120 possessed three Ca2+-independent, novel C2 domains that potentially played a role in mediating microtubule-binding (Sharma et al., 2018). Our data provide further evidence for the functional importance of a non-classical C2 domain, specifically within craniofacial development. Disruption of C2CD3N-C2 domain in C2cd3ex4–5fl/fl;Wnt1Cre2 mice resulted in severe craniofacial phenotypes including midfacial widening, palatal clefting and hypoglossia; while deletion of all PKC-C2 domains in C2cd3ex9fl/fl;Wnt1Cre mice produced only mild craniofacial phenotypes. Interestingly, it has been shown that C2CD3 ortholog SAS-1 in C. elegans contains a unique N-terminal, non-classical C2 domain (von Tobel et al., 2014). SAS-1 also localizes to the centriole and has the ability to bind to and stabilize microtubules. Based on these results, we hypothesize that the C2CD3N-C2 domain may have a distinct and required function when compared to the five PKC-C2 domains, specifically in microtubule binding/stabilization, in addition to the known functions in membrane targeting and vesicle docking. Our future studies will address the specific role of the C2CD3N-C2 domain within tissues of the craniofacial complex.



Functional Importance of Ciliary Proteins in Skeletogenesis

In addition to axial skeletal defects, patients with ciliopathies also frequently present with malformation of the craniofacial skeleton (Baker and Beales, 2009; Schock and Brugmann, 2017). The importance of cilia in skeletal development has been demonstrated in many animal models (Yuan and Yang, 2015). Here we show that deletion of C2cd3 within the progenitors of the craniofacial skeleton (neural crest cells) affected the development of intramembranous skeletal elements. With deletion of all PKC-C2 domains in C2cd3, we observed delayed ossifications in the cranial base (palatine bones). Moreover, deletion of N-terminal C2CD3N-C2 domains in addition to all PKC-C2 domains extended the delayed ossifications further to the sphenoid bone. This result was consistent with the previous findings that deletion of ciliary genes Kif3a or Ift88 using Wnt1-Cre resulted in reduced neural crest cell-derived cranial bones (Kolpakova-Hart et al., 2007; Tian et al., 2017). As the majority of the craniofacial skeleton is derived from cranial neural crest cells and differentiates through intramembranous ossification, it will be important to understand how deletion of C2cd3 impacts the sequential steps of intramembranous ossification including neural crest condensation, osteoblast/osteocyte differentiation, and matrix/periosteum formation. Our future work will specifically address this question and examine the molecular basis for the onset of these phenotypes.

Mouse models established here can serve as powerful tools to study the function of C2cd3 and primary cilia during development of the craniofacial skeleton. Ciliopathy patients with craniofacial anomalies often have abnormal skeletogenesis and require surgical reconstructions using autologous grafts from mesodermal-derived bones like the rib or iliac crest. The surgical process is painful and often the tissue fails to engraft. Using tools like those described herein, we are able to begin understanding cellular and molecular mechanisms necessary for skeletogenesis within the craniofacial complex and potentially apply this knowledge toward the application of alternative surgical repair for OFD, as well as ciliopathy patients, in general.



MATERIALS AND METHODS


Mice

Mouse ES cell line C2cd3TM 1a(EUCOMM)Wtsi was purchased from EuMMCR.3 ES cell microinjection was performed by Transgenic Animal and Genome Editing (TAGE) Core facility of Cincinnati Children’s Hospital Medical Center (CCHMC). The resulting chimeric mice were bred to wild type to obtain heterozygous (C2cd3LacZ/+) animals. CRISPR-targeted C2cd3 knockout mice were designed and generated by TAGE Core facility of CCHMC. All animals were maintained by Veterinary Services of CCHMC with IACUC approval.



Analysis of Mutant Embryos

C2cd3 mice were maintained on a CD1 background or serially backcrossed to C57BL/6J. Genotyping for the 8 bp deletion was performed by PCR and Sanger Sequencing. Embryos were harvested via Caesarian section, dissected, and examined. Embryos were fixed in Bouin’s fixative overnight at room temperature, washed 3 times with PBS, and imaged on the Leica M165FC microscope.



X-Gal Staining

C2cd3LacZ/+ embryos at various time points were dissected in cold PBS (pH 7.4) and fixed with 2% Paraformaldehyde (PFA) plus 0.25% Glutaraldehyde, 0.02% NP-40, 0.1% Sodium Deoxycholate in PBS at 4°C with gentle shaking for 1-2 hours. The samples were then switched to X-gal staining solution (5 mM K3Fe(CN)6, 5 mM K4Fe(CN)6∗3H2O, 2 mM MgCl2, and 1 mg/mL X-gal in PBS) at 37°C with gentle shaking for 12-16 hours. The staining was terminated with 3% DMSO in PBS and post-fixed by 4% PFA in PBS. Whole mount images were taken before obtaining microtome sections.



Western Blot

Protein lysate was prepared from E9.5 mouse embryos or E11.5 facial prominences (epithelium was removed by treating the samples with 3 mg/mL Dispase/PBS at 37°C for 30 min) in RIPA buffer with protease and phosphatase inhibitors and 20 μg of sample was loaded onto 3–8% NuPAGE Tris-Acetate gels (ThermoFisher) for Western blot. C2cd3 (1:500; Antibodies-online.com ABIN2591132), Gli3 (1:1,000; R&D Systems, AF3690), and Vinculin (1:2,000; Santa Cruz, sc-73614) antibodies were used. Blots were imaged on LICOR Odyssey imager.



Immunofluorescence Staining

Cryosections of E9.5 embryos were fixed in 4% PFA for 5 min, washed three times with PBS. The sections were then blocked in 5% normal goat serum in PBS for 30 min and then incubated with Arl13b (1:1,000; Proteintech, 17711-1-AP) and gamma-Tubulin (1:1,000; Sigma, T6557) in blocking buffer at 4°C overnight. Goat anti-rabbit Alexa 488 and goat anti-mouse Alexa 594 were used for secondary antibodies at 1:1,000 in blocking buffer, room temperature, 1–2 h. DAPI (1:10,000) was used for nuclear staining.



MiniMUGA Genotyping

MiniMUGA (Mouse Universal Genotyping Array genotyping, Neogen Genomics Co.) genotyping was performed by GeneSeek (Neogen; Lincoln, NE, United States). Genomic DNA was isolated using ThermoFisher PureLink gDNA kit. Approximately 10,800 markers were analyzed with MiniMUGA.



DATA AVAILABILITY STATEMENT

The datasets presented in this study can be found in online repositories. The names of the repository/repositories and accession number(s) can be found in the article/Supplementary Material.



ETHICS STATEMENT

The animal study was reviewed and approved by Veterinary Services of CCHMC with IACUC approval.



AUTHOR CONTRIBUTIONS

C-FC performed all embryonic and expression analysis. KB and YY performed all backcrossing studies and genetic background analysis. SB conceived and funded project. SB, C-FC, and KB wrote and edited manuscript. All authors contributed to the article and approved the submitted version.



FUNDING

This study was funded by the National Institutes of Health (R35 DE027557) and Shriners Hospital for Children (543938) to SB.



ACKNOWLEDGMENTS

We would like to thank Lisa Lemen for assistance in microCT acquisition and analysis (Preclinical Imaging Core – University of Cincinnati) and Yueh-Chiang Hu (The Transgenic Animal and Genome Editing Core—CCHMC). We would also like to thank members of the Brugmann lab for helpful comments and feedback.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fcell.2021.647391/full#supplementary-material

Supplementary Figure 1 | Reported splice variants in murine C2cd3. Seven protein-coding variants (NCBI accession number NM or XM) produce four protein isoforms (one non-coding mRNA is also predicted (XR_003946487.1, not shown)). Two isoforms contain C2CD3N-C2 domain (A,C) while two isoforms contain only PKC-C2 domains (B,D).

Supplementary Figure 2 | (A) Western blot of Gli3FL and Gli3R in CD1 and C57BL/6J backgrounds. (B) Densitometry of Gli3FL and Gli3R in each lane was measured by ImageJ. Gli3FL/Gli3R ratio is higher on C57BL/6J background (n = 4, t-test, ∗ indicates P < 0.05).

Supplementary Figure 3 | Exon expression in C2cd3 mutants. (A) RT-qPCR of exon 8-9 and 32-33 in wild-type (n = 5), C2cd3ex2/+ (n = 6), and C2cd3ex2/ex2 (n = 4) embryos shows significantly reduced, but detectable levels of C2cd3 downstream of exon 2 (t-test, ∗ indicates P < 0.05; ∗∗ indicates P < 0.01; NS: not significant).

Supplementary Figure 4 | MicroCT analysis of E17.5 mouse embryos. Snapshots of microCT 3D images of (A,A′) wild type and (B,B′) C2cd3ex9fl/fl;Wnt1Cre mutant embryos. The frontal bones (A,B) and mandibular bones (A′,B′) are marked by blue. The bone volume of (C) frontal bones and mandibular bones (D) was measured by Inveon Workstation Software (Siemens Medical Inc), the results indicates that there is no significant difference between wild type and mutant (n = 4 for wild type or mutant, t-test, NS: not significant).
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The development of a tooth germ in a precise size, shape, and position in the jaw, involves meticulous regulation of cell proliferation and cell death. Apoptosis, as the most common type of programmed cell death during embryonic development, plays a number of key roles during odontogenesis, ranging from the budding of the oral epithelium during tooth initiation, to later tooth germ morphogenesis and removal of enamel knot signaling center. Here, we summarize recent knowledge about the distribution and function of apoptotic cells during odontogenesis in several vertebrate lineages, with a special focus on amniotes (mammals and reptiles). We discuss the regulatory roles that apoptosis plays on various cellular processes during odontogenesis. We also review apoptosis-associated molecular signaling during tooth development, including its relationship with the autophagic pathway. Lastly, we cover apoptotic pathway disruption, and alterations in apoptotic cell distribution in transgenic mouse models. These studies foster a deeper understanding how apoptotic cells affect cellular processes during normal odontogenesis, and how they contribute to dental disorders, which could lead to new avenues of treatment in the future.
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INTRODUCTION

Over the past several decades, the contribution of apoptosis to vertebrate odontogenesis has received considerable attention, promoted by technical advancement and increased availability of diverse laboratory models (Nozue, 1971; Moe and Jessen, 1972; Kindaichi, 1980; Nishikawa and Sasaki, 1995; Shibata et al., 1995; Lesot et al., 1996; Vaahtokari et al., 1996). More recent studies have revealed that apoptosis is not just a silent mechanism of cell removal during embryonic development. Rather, apoptotic cells produce numerous signaling molecules that affect the behavior of surrounding cells, inducing morphogenesis, cell migration, and alteration of cell fate. Here, we review these relationships and propose a broader contribution of apoptosis to the cellular processes of odontogenesis than was previously thought. First, we briefly summarize the distribution of apoptotic cells during mammalian odontogenesis since mammals represent the most common models for the study of their localization, distribution, and function during odontogenesis. Next, we review the available literature on non-mammalian groups such as reptiles and fishes, which are becoming increasingly common models for the study of odontogenesis due to their unique dental characteristics. Subsequently, we discuss cellular processes directed by the effects of apoptosis on surrounding non-apoptotic cells, as well as the indirect roles of apoptosis in individual steps of tooth development and morphogenesis.



DISTRIBUTION OF APOPTOTIC CELLS DURING ODONTOGENESIS IN VERTEBRATES

Tooth development is characterized by complex, reciprocal interactions between the stomodeal epithelium and the underlying cranial neural crest-derived mesenchyme (Thesleff, 2003; Balic, 2019). This interaction drives tooth morphogenesis, including differentiation of individual components at the molecular level (Thesleff, 2003; Balic and Thesleff, 2015). In spite of differences in final size and shape, teeth undergo consecutive developmental stages common to all vertebrates, including epithelial thickening, bud, cap, and bell stages (Thesleff, 2003). The distribution of apoptotic cells during odontogenesis strongly correlates with specific morphogenetic events and associated tissues. For example, apoptosis is usually confined to epithelial cells undergoing folding, while very few dying cells are found in the surrounding mesenchyme. We first review the localization of apoptotic cells in mammalian dentition, focusing on the mouse as the most common model organism, and then compare their distribution to non-mammalian groups.


Mammalia

At early developmental stages, apoptotic cells are located in the budding epithelium of the molars, specifically in the cells facing the oral cavity (Peterková et al., 1998). After epithelial invagination, a streak of apoptotic cells extends to the tip of the developing molar bud (Nair, 2010). At the cap stage, clusters of apoptotic cells in the inner enamel epithelium localize to the primary enamel knots (PEKs), as was shown by studies in the murine molar (Lesot et al., 1996; Jernvall et al., 1998). Later, at the bell stage of molar development, apoptosis can be detected in the secondary enamel knots (SEKs) and surrounding cells, including the stratum intermedium and adjacent mesenchyme (Vaahtokari et al., 1996). After the disappearance of the enamel knots, apoptotic cells appear in the superficial part of the dental lamina (Lungová et al., 2011), which develops in mouse as just a short epithelial connection between the tooth germ and the oral epithelium, sometimes called the dental stalk or the gubernaculum (Dosedelova et al., 2015; Chaudhry and Sobti, 2020). After the molar is fully formed, apoptotic cells are also involved in the tooth eruption stage, exhibiting concentrations in the oral epithelium above the erupting teeth as well as the superficial part of the dental lamina (Moriguchi et al., 2010; Dosedelova et al., 2015; Figure 1). Apoptotic cells are also situated in the anterior-most portion of the first molar epithelium (Lesot et al., 1996), which in rodents abuts an edentulous diastema. Interestingly, the mandibular diastema is devoid of apoptosis, whereas the maxilla displays apoptotic signal in the diastema region, attributed to the presence of transitory tooth buds in the maxillary diastema (Vaahtokari et al., 1996). At the bud stage, there are no apoptotic cells seen in the mesenchyme (Nair, 2010). In later developmental stages during root formation, mesenchyme exhibits apoptosis linked with a proportion of the Hertwig’s epithelial root sheath (HERS) cells, as was shown in the rat upper molar (Kaneko et al., 1999). Remaining sheath cells aggregated in the periodontal area and form the epithelial rests of Malassez (ERM) (Hamamoto et al., 1989), which also undergo apoptosis later in development as part of a normal mechanism of turnover or remodeling (Cerri and Katchburian, 2005; Lee et al., 2012).


[image: image]

FIGURE 1. Schematic of apoptotic cells distribution through mineralization stage of the tooth germ. Clusters of apoptotic bodies are labeled in red and label areas of possible future interest in monophyodont mouse (A), diphyodont pig (B), and polyphyodont gecko (C).


Apoptotic cells, identified as osteoclasts, are also located on the surfaces of the developing alveolar bone around developing molars (Vaahtokari et al., 1996). Growing teeth have previously been shown to be associated with osteoclast activity and resorption of the surrounding alveolar bone in embryonic mice (Reponen et al., 1994), or the remodeling of bone due to compressive forces produced by the occlusion and eruption of ever-growing rodent incisor (Irie and Ozawa, 1990). Apoptosis may serve to remove these osteoclasts after they have completed their function of creating space/facilitating interaction between the tooth and surrounding bone. In support of this theory, the elimination of compressive forces by the incisors has been found to lead to the inactivation of osteoclasts (Irie and Ozawa, 1990). Otherwise, there are surprisingly few apoptotic cells located in the odontogenic mesenchyme, and those present are without any discernable pattern (Stock et al., 1997). Why are there so few apoptotic cells in the mesenchyme? One possible explanation is the considerable plasticity of the mesenchyme during odontogenesis, where cells can be easily relocated in the loose tissue architecture without the necessity of eliminating cells through death. Moreover, cells spread throughout the dental papilla and dental follicle, with cell signaling forming gradients without any local concentration or the presence of distinct signaling centers.

It should be noted that in rodents, the above-described patterns only apply to molar development, with the incisors exhibiting a different pattern of apoptosis. In mice, the epithelial thickenings that initiate incisor development demonstrate low numbers of apoptotic cells (Kieffer et al., 1999). Later, apoptotic cells can be found in the superficial part of the dental lamina connecting the enamel organ with the oral epithelium (Lesot et al., 1996; Kieffer et al., 1999), as well as in the inner dental epithelium close to the epithelio-mesenchymal junction at the future incisor ridge (Kieffer et al., 1999). Interestingly, an accumulation of apoptotic cells is also found in the mesenchyme surrounding the labial cervical loop, in the area where development of the cervical loop was more pronounced compared to the lingual side (Kieffer et al., 1999).



Reptilia

The presence of apoptotic cells in the context of tooth development has been previously described in a several species of crocodilians and squamates (snakes and lizards). A key reason for the use of reptiles as models for odontogenesis is the fact that most species are polyphyodont and exhibit lifelong tooth replacement, with a smaller subset being monophyodont and developing a single generation of teeth that fuse to the jaws and are never replaced (Edmund, 1960; DeMar, 1972). During reptile odontogenesis, apoptosis is associated with the enamel knot region (homologous to the mammalian enamel knots) at early developmental stages, and the formation of complex tooth morphology at later mineralization stages. Additionally, apoptosis may be found during successional dental lamina development/disruption, egg tooth formation or venom canal formation in viperid snakes (Figures 1, 2).
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FIGURE 2. Localization of apoptotic cells in squamate teeth. (A–D) Detection of apoptotic cells in developing tooth germs of Ocelot gecko (Paroedura picta). (A,A′,B,B′) TUNEL-positive cells were found both in the epithelium of interdental dental lamina and in successional dental lamina, indicating their role not only in the growth of tooth germs but also in continuous tooth replacement (black arrows). (C,C′) Apoptotic cells were also situated in the stellate reticulum of the developing tooth and in the EK-like cluster of cells (black arrows). (D,D′) Later in development, TUNEL-positive cells were mostly situated above the enamel ridge (black arrow). (E–H) Presence of TUNEL positive cells during different stages of odontogenesis in Veiled chameleon (Chamaeleo calyptratus). (E) Apoptotic cells appear in the presumptive stellate reticulum of early cap stage tooth germ (E′) and in the labially situated, developing salivary glands. (F,F′) Later, clustering of TUNEL positive cells takes place in the EK-like area of the cap stage tooth germ, with few apoptotic cells found in the adjacent mesenchyme (F). (G,G′,H,H′) Once odontogenesis proceeds and hard tissue production has begun, there are a few TUNEL-positive cells located at the top of the forming ridge, delimiting the margins of developing enamel grooves. TUNEL-positive cells (brown, DAB), TUNEL-negative cells (blue, Hematoxylin).


At early – cap and bell – stages, apoptotic bodies were detected in the enamel organ of several reptile species including veiled chameleon (Chamaeleo calyptratus), ocelot gecko (Paroedura picta), bearded dragon (Pogona vitticeps), African rock python (Python sebae), and Siamese crocodile (Crocodylus siamensis) (Buchtová et al., 2007; Handrigan and Richman, 2010; Landova Sulcova et al., 2020). The veiled chameleon possesses heterodont teeth, with the rostral-most teeth being nearly conical with one rounded tip, whereas more caudal teeth are multiple-cusped, with a dominant central cusp flanked by accessory cusps (Landova Sulcova et al., 2020). Additionally, the central cusp is divided into labial and lingual crests, separated by a shallow groove. In the chameleon (Figure 2), the pattern of apoptotic cell distribution is similar to what was described in the mammalian tooth, with apoptotic cells located in an enamel knot-like cluster at the cap stage (Landova Sulcova et al., 2020), revealing the existence of a similar signaling center as was described in mammals. The ocelot gecko is a homodont species that has small, peg-shaped teeth with labial and lingual enamel crests at the tips, similar to the central cusp of the chameleon tooth (Landova Sulcova et al., 2020). Developing gecko teeth also exhibit recognizable enamel knot-like structures with few apoptotic cells located in the inner enamel epithelium or in the stellate reticulum just above it (Landova Sulcova et al., 2020). Later, at the bell stage, apoptotic cells are situated at the tip of the inner enamel epithelium where morphogenesis occurs, and where the future cusp will form.

In bearded dragon, which has broad, triangular and single-cusped teeth (Handrigan and Richman, 2011), apoptosis was found in the dental papilla, odontoblasts, and pre-ameloblasts of superficial (vestigial) teeth (Handrigan and Richman, 2010). When the developing tooth germ was exposed to cyclopamine, a proven SHH inhibitor, an increased number of apoptotic cells appeared in the stellate reticulum (Handrigan and Richman, 2010) using a TUNEL (Terminal deoxynucleotidyl transferase dUTP nick end labeling) assay, confirming the role of SHH in cell maintenance. TUNEL assays are one of the most common methods for the detection of apoptotic cells by targeting DNA fragmentation during programmed cell death (Gavrieli et al., 1992). Nevertheless, the possibility of toxicity from cyclopamine should be considered in this case. In the African rock python, apoptosis was also detected during the early stages of tooth development, localized in the stellate reticulum of the enamel organ. However, an obvious morphological appearance of enamel knot-like structure was not observed in this species (Buchtová et al., 2007). The absence of a morphologically distinct enamel knot is usually associated with the development of a very small enamel organ and reduced stellate reticulum. However, the existence of an apoptotic cell cluster in the same area as observed in other reptile species may indicate an identical function for apoptosis during odontogenesis in python.

It is important to note that while some reptile species exhibit characteristics of mammalian enamel knots such as reduced proliferation, specific expression of SHH, FGF, and BMP signaling molecules, and apoptosis (Jernvall et al., 1998), many do not. For example, thickened dental epithelium has previously been described for the American alligator (Alligator mississippiensis) (Westergaard and Ferguson, 1987), veiled chameleon (Buchtová et al., 2013) as well as the leopard gecko (Eublepharis macularius) (Handrigan and Richman, 2011). Meanwhile histological studies of ball python (Python regius) and the bearded dragon revealed a distinct lack of any such tissue swelling (Handrigan and Richman, 2011). Furthermore, within those with an “enamel knot” homolog such as the chameleon and ocelot gecko, some of the classic enamel knot characteristics such as reduced proliferation, SHH expression, and even apoptosis were observed (Landova Sulcova et al., 2020), while reptiles with simple, unicuspid teeth such as snakes, exhibit no apoptosis in the inner enamel epithelium but a cluster of TUNEL-positive cells were located in the stellate reticulum just above (Buchtová et al., 2008). Therefore, there does appear to be a signaling center similar to the mammalian enamel knot in some reptile lineages, but its development seems to be associated with the general complexity of tooth crown morphology.

An additional key difference of reptilian odontogenesis is their enhanced tooth replacement. The fact that polyphyodont and monophyodont species have been studied, and that the retention of a successional lamina is the key difference between the two groups, we can now obtain a better appreciation for how apoptosis separates the two categories of reptiles. Apoptotic cells have been identified in association with the dental lamina in reptiles regardless of tooth generation number. However, there are some differences in their distribution and amount of apoptotic cells depending on the length of time for dental lamina persistence. In polyphyodont species, where an extensive dental lamina connects several tooth generations, a successional lamina is retained as an extension of the dental lamina off the newest forming tooth and facilitates continuous replacement of teeth (Whitlock and Richman, 2013). In diphyodont species, the dental lamina degenerates during the initiation of the second tooth generation (Whitlock and Richman, 2013). In the veiled chameleon, a monophyodont species, a successional lamina is initiated during embryonic development but later regresses. Surprisingly, even the degenerating dental lamina exhibited very few apoptotic cells, with removal attributed to different cellular mechanisms (Buchtová et al., 2013). In the bearded dragon, another monophyodont species, apoptosis was located in the degrading dental lamina in association with decreased WNT pathway activity (Richman and Handrigan, 2011). However, a subsequent study found just a few TUNEL-positive cells under normal physiological conditions, and those were restricted to the mesenchyme surrounding the successional dental lamina (Salomies et al., 2019). Since lamina morphology differs along the jaw in this species, this discrepancy in apoptotic cell numbers could be explained by local differences between morphology and role of the dental lamina along the rostral-caudal axis of the jaw. In the polyphyodont ocelot gecko (Figure 2), a few TUNEL-positive cells were located in the dental lamina but not in its tip, but rather in a more superficial area at the edge of the enamel organ of the associated tooth (Landova Sulcova et al., 2020). In the African rock python, another polyphyodont species, numerous TUNEL-positive cells were found in the dental lamina connecting the tooth to the oral epithelium, but once again not in the tip of the successional lamina (Buchtová et al., 2007).

In reptiles, later mineralization stages of odontogenesis reveal apoptosis associated with the formation of an enamel groove. In veiled chameleon and ocelot gecko (Figure 2), both of which exhibit enamel ridges at the tooth tip with two crests and a central groove, identical distribution of TUNEL-positive cells was described. Once cell differentiation advanced and mineralization of enamel progressed, two distinct clusters of apoptotic bodies were detected at the margins of the developing enamel grooves. In contrast, the relatively simple, conical teeth of Siamese crocodiles possessed only one distinct apoptotic area at the very tip of the single cusp (Landova Sulcova et al., 2020).

Apoptosis is also crucial for the formation of the venom canal in the fangs of viperid snakes. In the white-lipped pit viper (Trimeresurus albolabris), apoptotic cells are located in the central area of the first developing fang, where they contribute to cell removal in the formation of an empty venom transport canal (Zahradnicek et al., 2008). Interestingly, apoptotic cells were not found during the early stages of canal invagination and do not seem to be responsible for the loss of inner enamel epithelium in the shaft area prior to the cell removal process. Besides concentration in the central canal, apoptotic cells are also situated in the tip of the fangs in two symmetrical lateral zones. It was proposed that these cells contribute to the clearance of space for the later emergence of the tooth from the oral mucosa, but the possible role in morphogenesis and cell arrangement in the inner enamel epithelium may also be a valid prediction here (Zahradnicek et al., 2008).

Apoptosis was also identified in the egg tooth of the brown anole (Anolis sagrei) (Hermyt et al., 2020). Since most reptiles are oviparous, they have evolved “egg teeth” that assist in their hatching from the amniotic egg. In some groups, a caruncle develops in the form of a modified scale (e.g., birds and turtles) (Clark, 1961), while squamates develop a structure that is for all intents and purposes, a tooth (Fons et al., 2020). In the brown anole, degeneration of the enamel organ was observed in the egg tooth shortly before its eruption and after subsequent hatching, and this process was attributed to apoptosis based on morphological characteristics (Hermyt et al., 2020). Authors theorized that loosening of the intercellular junctions in that epithelium, as opposed to simply shedding it, would allow for penetration of inflammatory cells and tissue exudate, making it a first-line of defense against pathogenic infections, similar to the junction epithelium in mammals (Hermyt et al., 2020). An earlier study from the same group identified degeneration of the egg tooth enamel organ shortly before hatching also in the grass snake (Natrix natrix) (Hermyt et al., 2017).

Several groups of reptiles develop embryonic (i.e., vestigial or superficial) teeth (Westergaard and Ferguson, 1986; Handrigan and Richman, 2010; Zahradnicek et al., 2012), the function of which remains a mystery. Superficial teeth of the American alligator (Alligator mississippiensis) develop from elevations along the oral epithelium, almost perpendicular to the jaw surface, before the formation of the dental lamina, and they are described as being poorly differentiated and lacking enamel (Westergaard and Ferguson, 1986). As embryonic development progresses and functional teeth start to form, the dental cells of the embryonic teeth begin to degenerate; leaving a dentine matrix that is either resorbed or shed. Westergaard and Ferguson hypothesized that there may be “death factors” at play here, however, they do not specifically show any evidence of apoptotic cells in their studies (Westergaard and Ferguson, 1986). In the bearded dragon, on the other hand, Handrigan and Richman performed TUNEL analysis and detected apoptosis in the dental papilla and pre-ameloblast cells as the vestigial tooth generation reached the cap stage of development (Handrigan and Richman, 2010).



Amphibia

Living amphibians are classified into three Orders: frogs and toads (Order: Anura), salamanders and newts (Order: Caudata), and caecilians (Order: Gymnophiona). Despite being one of the most charismatic groups of vertebrates, there is little in the way of recent scientific literature focusing on the cellular processes during their odontogenesis. Early studies indicate that some form of cell death does take place during amphibian odontogenesis, with reference to “autophagy,” “necrosis,” and “degeneration” of cells, some of which are likely to be apoptotic events that have not been recognized as such.

Anurans are polyphyodont and develop simple, conical, bicuspid teeth during metamorphosis (Gillette, 1955; Shaw, 1979). Prior to odontogenesis, anuran larvae (tadpoles) possess keratinized mouthparts that function in the place of true teeth and that are broken down through autolysis at metamorphosis (Kaung, 1975; Davit-Beal et al., 2007). While there is little in the way of evidence for apoptosis during odontogenesis in anurans, several authors mention “degeneration” of cells at the tip of the enamel organ immediately prior to eruption (Shaw, 1979; Huysseune and Sire, 1998). In Xenopus laevis, an aquatic species from the family Pipidae, odontoblasts at the tips of the developing teeth were shown to flatten, change orientation, and nuclei become pyknotic just when metamorphosis is complete (Shaw, 1979); where pyknosis is now recognized as a telltale sign of apoptosis or necrosis in a cell (Burgoyne, 1999). The degenerative process was described as continuing into the basal part of the teeth until no active odontoblasts were visible (Shaw, 1979). In the leopard frog (Rana pipiens), a terrestrial species from the family Ranidae, Zaki, and MacRae identified autophagic vacuoles in ameloblasts, concomitant with the loss of some cells at the transitional stage of amelogenesis (Zaki and MacRae, 1977). These vacuoles were observed to contain debris of membranous organelles and were associated with lysosome-like structures, and therefore, were assumed to be autophagic. In a later study comparing secretory and non-secretory ameloblasts, they specify that the autophagic vacuoles were only found in secretory ameloblasts (Zaki and MacRae, 1978). However, the authors ultimately concluded that these structures are involved in reorganization rather than replacement of ameloblasts (Zaki and MacRae, 1977).
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FIGURE 3. Localization of apoptotic cells during tooth replacement. (A–C) Apoptotic cells (arrows) are located in the dental papilla and underlaying area of dental follicle in teeth in regression. Apoptosis was labeled by TUNEL assay in transversal section through upper jaw of Xenopus tropicalis t1, t2 - teeth. TUNEL-positive cells (brown, DAB), TUNEL-negative cells (blue, Hematoxylin). Scale bar = 50 μm.


Salamanders and newts also undergo metamorphosis, albeit involving a less drastic morphological change than anurans. As such, odontogenesis of relatively simple, bicuspid teeth begins at larval stages, with a general transition from monocuspid to bicuspid teeth at metamorphosis (Davit-Beal et al., 2007). Since all amphibians are polyphyodont (Tucker and Fraser, 2014), much of the literature on cellular breakdown is focused on tooth replacement. In the Iberian ribbed newt (Pleurodeles waltl), during resorption of the first-generation teeth, necrosis was reported in several cell populations in the pulp cavity and HERS, in conjunction with osteoclasts (or odontoclasts) and macrophages (Davit-Beal et al., 2007). In the axolotl (Ambystoma mexicanum), the degeneration of odontoblasts and ameloblasts was described after ankylosis of the tooth to the jaw (Wistuba et al., 2002), although once again there is no specification of this being an apoptotic event.



Actinopterygii

The zebrafish is the preeminent fish model in the field of odontogenesis, despite the lack of oral dentition and formation of only relatively simple, conical pharyngeal teeth associated with their rear branchial arches (pharyngeal jaws) (Wautier et al., 2001). Regardless of their simplicity and small size, pharyngeal teeth exhibit continuous replacement, as well as position-dependent differences in tooth length, height, neck–crown angle, cusp depth, and crown curvature, making them a useful model for odontogenesis in vertebrates (Wautier et al., 2001). However in zebrafish, apoptosis is not involved in odontogenesis to the extent as was observed in tetrapods. At early stages, no apoptotic cells were found in the dental epithelium and only a few Caspase3-positive cells were detected in the mesenchyme adjacent to the tooth germ, indicative of apoptosis (Yu et al., 2015). At later developmental stages, apoptotic cells were located in the distal part of the dental epithelium at 72 hours post-fertilization (hpf) in the area where the tip of the tooth is formed. This distribution of apoptotic cells is similar to reptile species with very small and simple-shaped tooth crowns. The question of whether there is a larger involvement of apoptotic cells in the dental epithelium of more complex teeth in different fish species will be interesting to pursue.

Even when the odontogenic pathway is disrupted, little apoptosis is induced in zebrafish. For example, when the SHH signaling pathway was perturbed by CyA treatment, morphological changes in the tooth germ were observed, specifically associated with the reduction of the dental papilla (Yu et al., 2015). Numerous Caspase3-positive cells were identified in the dental epithelium and mesenchyme surrounding tooth germ at early and later stages, which is indicative of apoptosis. Surprisingly, there were no apoptotic cells found inside the dental papilla, which was strongly affected. Therefore, apoptosis does not seem to contribute to dental papilla reduction and other cellular mechanisms that cooperate to augment shape changes after SHH inhibition.

In non-model fish, there is also little evidence for apoptosis during odontogenesis. In gar embryos, which develop single-cusped, conical oral dentition, the expression of protein p63 was detected in almost the entire dental epithelium (Rostampour et al., 2019). Activation of p63 protein in so-called TA form (bearing a transcription activation domain) usually leads to transcription of genes resulting in cell cycle arrest or apoptosis (Little and Jochemsen, 2002). However, the association of p63-positive cells to apoptosis remains to be investigated.



Chondrichthyes

In the catshark (Scyliorhinus canicula), which possesses teeth with a long central cusp and various numbers of lateral smaller cups, TUNEL analysis failed to uncover apoptotic cells during early odontogenesis, or later during tooth shaping, leading to the conclusion that there is no true enamel knot in Chondrichthyes (Debiais-Thibaud et al., 2015). The murine enamel knot is generally defined as a non-proliferative, tightly packed group of cells that express SHH, FGF, and BMP signaling molecules, that finally meet an apoptotic fate (Jernvall et al., 1998). However, despite some differences in histological appearance, studies have identified homologous regulatory pathways (SHH, BMP and FGF) (Debiais-Thibaud et al., 2015; Rasch et al., 2016), as well as a distinct lack of proliferation signaling in dental epithelium (Rasch et al., 2016), suggestive of a homologous signaling center if not a true enamel knot (Rasch et al., 2016). The lack of an enamel knot may also be associated with the fact that sharks do not form true enamel, instead producing an enamel-like, mineralized tissue called enameloid (Gillis and Donoghue, 2007; Manzanares et al., 2016). Such findings in non-mammalian research models will likely redefine exactly what the field refers to as an “enamel knot” and whether the apoptotic end of the mammalian enamel knot should be considered a defining characteristic.



ROLES OF APOPTOSIS IN MORPHOGENETIC PROCESSES DURING ODONTOGENESIS

Previous studies have proposed a number of roles for apoptosis during odontogenesis, including the shaping of embryonic structures through selective deletion of specific cells or cell populations. During odontogenesis, clusters of apoptotic cells may be found in key positions that contribute to the morphology of the tissue. Here, we review different morphogenetic processes where apoptosis is involved.


Apoptosis in Epithelial Invagination During Early Odontogenesis

While there are no apoptotic cells in the epithelial thickening of the oral epithelium, later in development (E12–E13 mouse embryo), during epithelial budding, apoptotic cells are localized to the oral surface in the central area of the tooth bud, as well as in the budding epithelium just beneath the oral ectoderm (Peterková et al., 1996; Vaahtokari et al., 1996). This localization of apoptotic cells suggests possible involvement of cell death in budding morphogenesis in the epithelium. One possible mechanism for this process may be the induction of epithelial bending through cytoskeletal rearrangement and generation of an apicobasal pulling force, which induces deformation of the surrounding cells and the epithelial surface (Monier et al., 2015). In mouse, phalloidin staining has confirmed uneven distribution of actin filaments in epithelial thickenings during early molar development (Li et al., 2016). Cytoskeleton rearrangement associated with apoptotic cell appearance has also been previously observed at later stages of odontogenesis, during inner enamel epithelium folding and enamel ridge formation in chameleon (Landova Sulcova et al., 2020). Therefore, it is probable that clusters of apoptotic cells observed during epithelial budding produce a pulling force generated by their accumulation in a small, localized area and thereby, contribute to the folding of surface epithelium during invagination.



Inhibition of Tooth Development in Edentulous Areas of the Jaw

In addition to dental epithelium invagination, early apoptosis can be also involved in the prevention of tooth development in specific regions of the jaw. A primary example of such an area is the diastema in rodents, which is an edentulous section of the jaw located between the incisors and the first molars. In the mouse, both maxillary as well as mandibular diastema reveal several rudimentary tooth germs mesial to the first molar, thought to be remnants of ancestral premolars (Peterková et al., 1996, 2002; Turecková et al., 1996; Viriot et al., 2000). However, they stop development at the epithelial thickening or bud stages and are eliminated through apoptosis (Peterková et al., 1998, 2000; Yamamoto et al., 2005). A similar mechanism of early stage tooth germ elimination was observed in the diastema of the vole (Setkova et al., 2006). These tooth germs were proposed to be remnants of ancestral premolars, which are absent in mouse. Moreover, this rudimentary tooth germ seems to be involved in the initiation of the sequential development in mouse molars, and therefore plays a key role in tooth patterning (Prochazka et al., 2010). Interestingly, the development of rudimentary tooth germs in the mandibular diastema can be rescued by the alteration of FGF signaling (Peterková et al., 2009; Li et al., 2011). Exogenous FGF8 ligand applied to the mouse embryonic diastema using protein-soaked beads rescued vestigial tooth development (Li et al., 2011). Downregulation of FGF antagonists, using transgenic animals, exhibited a similar effect on diastemal tooth initiation and their growth progression. In Spry2–/– embryos, supernumerary teeth formed in the diastemal region because of decreased apoptosis in the vestigial primordium, in association with increased proliferation (Klein et al., 2006; Peterková et al., 2009). Supernumerary tooth development was also initiated in Spry4–/– embryos. However, a large number of supernumerary tooth germs underwent degeneration during development, resulting in a smaller number of adult animals with supernumerary teeth (Lagronova-Churava et al., 2013).



Contribution of Apoptosis to the Decision of Final Tooth Generation

Apoptosis can contribute to the reduction of early dental germs as well as the decrease of the final number of tooth generations in some mammals. This condition was found in the Asian house shrew (Suncus murinus), which is a monophyodont species where the primary tooth generation is initiated up to the early bell stage but degenerates prematurely, with functional teeth developing from the second generation (Shigehara, 1980; Yamanaka et al., 2010). Apoptosis is the likely mode of breakdown since TUNEL-positive cells are found in the primary tooth germ, located on the buccal side of secondary teeth (Sasaki et al., 2001). The first generation of teeth is also aborted in the common shrew (Sorex araneus) through enhanced apoptosis. In this species, however, it is proposed that the replacement tooth initiates suppression of the first generation (Järvinen et al., 2008), with unknown molecular mechanisms contributing to the slowdown of the first-generation’s growth. The induction of increased apoptosis is, however, observed during growth progression in the second tooth generation and tooth germ enlargement. It is interesting that a similar induction of apoptosis is not initiated in the mouse, where the opposite condition occurs as the first generation progresses in development while the second generation remain undeveloped, but without significant apoptosis in rudimentary tooth anlage (Dosedelova et al., 2015; Popa et al., 2019).

In reptiles, it is unclear if apoptosis contributes to the removal of non-functional, early tooth generations. In the ocelot gecko, bearded dragon and the American alligator, a null generation of non-functional tooth germs is initiated (Westergaard and Ferguson, 1986; Handrigan and Richman, 2010; Zahradnicek et al., 2012). These tooth germs are located superficially and either protrude from the oral epithelium or develop deeper in the mesenchyme. The bearded dragon is the only species where apoptosis was tested and detected in the vestigial tooth generation (Handrigan and Richman, 2010). In the gecko, apoptosis was not tested in “null generation” teeth, however, their position and developmental stage ultimately affects their fate where some teeth are expelled from the oral cavity, others are incorporated into the functional teeth, while some are absorbed into surrounding tissue (Zahradnicek et al., 2012). Apoptosis can be involved in all of these processes, which will necessitate further evaluation. In the alligator, the authors inferred apoptosis as the underlying cause of their disappearance, but also did not test any aspect of apoptosis specifically (Westergaard and Ferguson, 1986).



Regulation of Final Tooth Size Through Apoptosis

The size of individual teeth must be precisely controlled to limit or prevent its expansion into the area of neighboring enamel organs. If overlap occurs, teeth may fuse together, inducing malfunction of teeth and/or disrupting the eruption process. Apoptosis in the outer enamel epithelium and dental lamina are thought to prevent mesial and vertical overgrowth of the tooth germ; thereby representing a key cellular process regulating the final tooth size by the limitation of size expansion after certain size of tooth germ was reached. Indeed, a large number of apoptotic cells can be observed in the outer enamel epithelium of large tooth germs in pig embryos (Buchtová et al., 2012), while few apoptotic cells are observed in the relatively narrow tooth germs of polyphyodont groups such as snakes or geckos, where distances between individual teeth are extensive compared to tooth size (Edmund, 1960; DeMar, 1972).

On the other hand, it is necessary to mention that there are species such as the monophyodont veiled chameleon where the fusion of enamel organs between adjacent teeth is part of the normal developmental process (Buchtová et al., 2013). In this group, there are almost no apoptotic cells located in the outer enamel epithelium, even in very late stages when the enamel organ is large and stellate reticulum is expanded (Landova Sulcova et al., 2020), similar to pig embryos. Nevertheless, the size of the tooth germ needs to be regulated in this case as well and proper fusion of individual layers initiated. What prevents tooth germ overgrowth and controls tooth germ size in chameleon is still unknown and will be interesting to follow up in the future.



Silencing of the Enamel Knot Signaling Center Through Apoptosis

The enamel knot is a transient, non-proliferating signaling center essential for cusp patterning during tooth development (Jernvall et al., 1994), likely involved in the evolution of various tooth morphologies in different vertebrate species (Vaahtokari et al., 1996). More than 50 genes, including some common developmental genes such as Shh, Bmp-2, -4, -7, and Fgf-4, have been identified as actively transcribed in the enamel knots (Vaahtokari et al., 1996; Jernvall et al., 2000). In the mouse model, the single-cusped incisors form a single enamel knot generation (Kieffer et al., 1999), while the molars, which are multi-cusped, produce multiple generations of enamel knots (Kettunen and Thesleff, 1998). During the bud to cap stage transition, PEKs develop in molars (Jernvall et al., 1998; Cho et al., 2007), while SEKs develop at the bell stage and are thought to determine the cusp position, their final number, and promote their growth by creating folds in the dental epithelium (Jernvall and Thesleff, 2000). Tertiary enamel knots (TEKs) appear next to the enamel free areas at the cusp tips and are thought to play a role in controlling the process of enamel deposition (Luukko et al., 2003).

After fulfilling their signaling roles, enamel knots are eliminated. In the incisors, enamel knots disappear through histological reorganization (Kieffer et al., 1999; Lesot et al., 2002), with only few apoptotic cells found in the knots themselves. Apoptosis does appear at the tip of the forming incisor, but prior to the histological arrangement of the enamel knot (Matalova et al., 2004). In developing molars, on the other hand, apoptosis mediates the disappearance of the PEKs at the cap stage and SEKs at the bell stage (Vaahtokari et al., 1996; Lesot et al., 2002). In studies of murine odontogenesis, induction of the apoptotic pathway in the enamel knots involves epithelial expression of Bmp4, Bmpr1a, and Bmpr2 (Vaahtokari et al., 1996; Jernvall et al., 1998; Shigemura et al., 2001; Nadiri et al., 2004, 2006; Svandova et al., 2018), with Bmp4 expression being dependent on Msx2 (Bei et al., 2004). Interestingly, despite the increase in apoptotic cell numbers as the enamel knot is eliminated, the region of the tooth does not exhibit reduction in cell mass, presumably due to rapid replacement by highly proliferating cells that surround the enamel knot (Matalova et al., 2004). Furthermore, studies have suggested that the PEK may have cellular continuity with the SEK (Coin et al., 1999), which would necessitate that some cells of the PEK escape apoptosis.



The Effect of Apoptosis on the Tooth Crown Shaping

The folding of the inner enamel epithelium contributes to enamel cusp/ridge formation in mammals. The enamel knot itself is proposed to drive epithelial bending (Jernvall et al., 1994; Vaahtokari et al., 1996). As was mentioned above, SEKs appear quite late in development, during tooth germ transition from late cap to early bell stages, when future cusps distribution is set up (Jernvall et al., 1994; Thesleff et al., 2001). The suspected role of SEKs in tooth cusp formation was confirmed in the Tabby mutant mouse, where SEKs appear to fuse together in the molar, leading to a fewer number of tooth cusps in comparison to wild-type animals (Pispa et al., 1999).

Species-specific cusp positions are determined by signaling from the enamel knots as well (Jernvall et al., 2000), with differences in the apoptotic cell distribution observed in teeth with dissimilar morphologies. In mice, there are a large number of apoptotic cells located in the inner enamel epithelium of the PEK, with only a few situated above this area, in the stratum intermedium (Vaahtokari et al., 1996; Li et al., 2016). In gerbils, which possess lophodont molars characterized by long ridges running between the buccal-lingual cusps, most of the apoptotic cells were found in deeper enamel organ area including the stratum intermedium, while almost no apoptotic cells were located in the inner enamel epithelium (Li et al., 2016). However, it is important to mention that the aforementioned study only analyzed early developmental stages and therefore SEKs were not fully formed yet, which should be more important for tooth morphogenesis (Li et al., 2016).

Odontogenesis was also analyzed in voles, which exhibit long enamel ridges and diagonal cusp pattern similarly to gerbils. This is in contrast to mice, where crests were lost during evolution (Jernvall et al., 2000). Apoptotic cells in voles also display different distribution pattern in comparison to mice, with the increased presence of apoptotic cells in the stellate reticulum, especially above the enamel knots (Setkova et al., 2006). However, again no later developmental stages with SEKs have been analyzed yet, and therefore their involvement in specific cusp patterning cannot be confirmed or ruled out.

A specific distribution of apoptotic cells was also found during the folding of the inner enamel epithelium in reptiles, where distinct structures such as enamel ridges and enamel grooves arise. In veiled chameleon and ocelot gecko (Figure 2), apoptotic cells are located in the stellate reticulum cells individually or in small clusters immediately above the enamel ridge area (Landova Sulcova et al., 2020). In the distal teeth of chameleons, two enamel ridges are formed with two distinct clusters of TUNEL-positive cells found above each enamel ridge and central groove area between them devoid of apoptotic cells. Non-apoptotic cells adjacent to those undergoing apoptosis demonstrate altered morphology with their long axes pointing in the opposite direction (Landova Sulcova et al., 2020). Similar folding and shape alterations have been observed in cells located near apoptotic cells during epithelial morphogenesis in Drosophila, where surface bending was induced by localized deformation of the epithelium (Monier et al., 2015), as described in section “Apoptosis in Epithelial Invagination During Early Odontogenesis.” In the chameleon, similar apico-basal forces associated with the rearrangement of cytoskeleton were proposed to be the driving mechanism contributing to the final tooth crown shape (Landova Sulcova et al., 2020). Moreover, intercellular spaces were found to widen around apoptotic cells, especially in the folding areas (Landova Sulcova et al., 2020), which indicates possible disruptions in cell adhesion molecules and loosening of their connections with neighboring cells. Alteration of protein expression in components of adherens junction molecules such as E-cadherin, α-catenin, and β-catenin are associated with dying cells and to contribute to the surface deformations of epithelial cells in Drosophila (Monier et al., 2015). In chameleons, a similar downregulation was observed in case of Na+/K+-ATPase, acting as a signal transducer (Garcia et al., 2018), during enamel ridge formation (Landova Sulcova et al., 2020), indicating the involvement of apoptotic cells in the modifications of morphogenesis through disruption of cell–cell interactions.



Apoptosis in Hertwig’s Epithelial Root Sheath and Epithelial Rests of Malassez

Root formation is another key developmental step necessary for proper tooth attachment to underlying bone. In mammals and crocodilians, the tooth root is tightly connected to the alveolar bone by periodontal ligaments, which ensure its stable and flexible anchorage to the jaw, called gomphosis (McIntosh et al., 2002). Tooth root development is characterized by the appearance of a structure called Hertwig’s epithelial root sheath (HERS), along which the tooth root will form (Luan et al., 2006). During root formation, the outer and inner enamel epithelium first proliferate and fuse to form HERS at the cervical loop of the developing tooth (Kumakami-Sakano et al., 2014). Interestingly, this two layer-thick protrusion of the inner and outer enamel epithelium was firstly described in amphibians. Nevertheless, in mammals and crocodilians, unlike in other vertebrate species, HERS begins disintegrating from the very beginning of root elongation (Luan et al., 2006).

The HERS is thought to play an inductive role in the formation of root dentin (Bosshardt and Selvig, 1997). After dentinogenesis, ectomesenchyme cells from the dental follicle migrate through the HERS as the sheath structure is disrupted (Cho and Garant, 1988). There is still some debate about exactly how HERS disruption occurs, whether ectomesenchymal cells play a role in this process or, HERS cells disintegrate themselves and then dental follicle cells migrate through (Yamamoto et al., 2014). Regardless of the initiating mechanism, a proportion of HERS cells are thought to undergo apoptosis (Kaneko et al., 1999), while others transdifferentiate into cementoblasts (Sonoyama et al., 2007), and others still, emigrate into the periodontal ligament and form epithelial rests of Malassez (ERM) (Hamamoto et al., 1989; Kaneko et al., 1999). The process of HERS cell disintegration is accompanied with a number of cellular processes including apoptosis (Gonçalves et al., 2008), however, the fragmentation of the sheath is not caused by apoptosis directly (Suzuki et al., 2002). Programmed cell death rather helps to clear out the rest of the HERS cells which didn’t migrate to adjacent periodontal ligament or differentiate into the cementoblasts (Kaneko et al., 1999). Even though HERS is present throughout the basal vertebrates and reptiles (Luan et al., 2006; LeBlanc et al., 2021) no sign of its disintegration has been described (with the exception of crocodilians); therefore the presence of apoptotic cells is not expected.

Epithelial rests of Malassez are a cluster of cells, found predominantly in the cervical and furcation part of the tooth root, and which undergo apoptosis in order to slowly deplenish themselves (Cerri et al., 2000). The exact function of ERMs remains unknown, and theories range from a role in cementum repair (Hasegawa et al., 2003), to prevention of ankylosis of the tooth to the adjacent bone (Lindskog et al., 1988; Cerri and Katchburian, 2005). Irrespective of their specific role, there appears to be a degree of ERM cell turnover with both proliferative and apoptotic signals having been detected in these cells (Cerri and Katchburian, 2005; Lee et al., 2012). Ultimately, the number of Malassez’s rests decreases with age in both rodents (Wesselink and Beertsen, 1993) and humans (Simpson, 1965).



The Association of Apoptosis With Tissue Differentiation

Apoptotic pathways have been shown to regulate not only cell death but also cell differentiation, based on Caspase targeting and activation of substrates or cofactors (Fernando and Megeney, 2007). In most vertebrates, teeth are capped with enamel; a unique substance that is secreted by ameloblast cells as an organic matrix and then matures into an inorganic, mineralized tissue (Lacruz et al., 2017). The development of ameloblasts includes several stages: a proliferation phase where ameloblasts differentiate into presecretory ameloblasts and begin to synthesize the enamel matrix (Karcher-Djuricic et al., 1985; Ruch, 1985), a secretory phase where enamel matrix is actively secreted (Woltgens et al., 1987; Josephsen et al., 1990), and finally, a maturation phase when cells participate in the maturation and mineralization of the enamel matrix (Kondo et al., 2001).

Between the end of the secretory phase and the beginning of enamel matrix maturation, ameloblasts enter a transition stage (Warshawsky et al., 1981; Smith and Nanci, 1995; Robinson, 2014). Apoptosis is associated with this stage of development, when ameloblast height is decreased and the disappearance of the stratum intermedium is accompanied with hypertrophy of the papillary layer (Reith, 1970; Moe and Jessen, 1972; Kallenbach, 1974; Smith and Warshawsky, 1977; Nishikawa and Sasaki, 1995; Bronckers et al., 1996; Liu et al., 2015). About 25% of the ameloblasts undergo apoptosis at the transition stage and another 25% later, during the early maturation stage (Smith and Warshawsky, 1977), when water and protein are removed from the mineralizing matrix (Nanci, 2008). Macrophages and adjacent surviving ameloblasts remove the cell debris of dying cells (Nishikawa and Sasaki, 1995). The pattern of apoptotic cell distribution in murine ameloblasts is generally similar in incisors and in the first molar tooth germs during this period. However, apoptotic cells are also located near the enamel-free area in the mouse molar cusps (Bronckers et al., 1996). In general, apoptosis is proposed to eliminate unneeded epithelial cells and regulates the number of cells entering the differentiation during amelogenesis. Moreover, it contributes to the removal of shortened and inactive ameloblasts at the end of their existence as enamel matures and becomes essentially inorganic.

In the surrounding mesenchyme, apoptosis was also identified in odontoblasts, sub-odontoblastic regions, central pulp fibroblasts, and perivascular endothelial cells (Bronckers et al., 1996; Vermelin et al., 1996; Franquin et al., 1998). Odontoblasts are primarily tasked with the formation of dentin in the vertebrate tooth (Kawashima and Okiji, 2016). A surprisingly small number of odontoblasts are thought to undergo apoptosis. A possible scenario to explain this phenomenon is that apoptosis does take place, however, rapid phagocytosis by neighboring cells contributes to the observation of the low numbers of apoptotic cells and therefore underestimation of their actual role in dentinogenesis (Franquin et al., 1998). On the other hand, apoptosis-related molecules such as Bcl2 can affect the differentiation of odontoblasts (Zhang et al., 2010). The proposed role of apoptosis in odontoblasts is based on the necessity to retain a certain level of odontoblast turnover, which removes aged or damaged cells and possibly stimulates progenitor differentiation into mature odontoblasts in order to maintain a pool of fully functional cells (Zhang et al., 2010).



Role of Apoptosis in Tooth Eruption

Tooth eruption is a coordinated complex of cellular and molecular process that leads to tooth relocation through its eruptive path. Here, cell death contributes to tissue remodeling and eliminates supernumerary cell populations (Kondo et al., 2001; Moriguchi et al., 2010). Five different phases can be recognized during tooth eruption: pre-eruptive movement, intra-osseous eruption, mucosal penetration, pre-occlusal eruption, and post-occlusal eruption (Marks and Schroeder, 1996). During the mucosal penetration stage, in order to establish an eruptive pathway, the connective tissue underlying the gingiva undergoes structural changes that are dependent on apoptosis and alteration of the vasculature (Marks and Schroeder, 1996; de Pizzol Júnior et al., 2015). The aforementioned ameloblast apoptosis occurs slightly later, during the eruption stage (Shibata et al., 1995; Kaneko et al., 1997).

At the initiation of tooth eruption, the epithelium of the enamel organ fuses with the oral epithelium. In the mouse embryo, the eruption of incisors takes place around postnatal day (P)10 (Greenham and Greenham, 1977), while molars erupt around P16 (Lungová et al., 2011; Dosedelova et al., 2015). During the postnatal stages of odontogenesis in mice, the superficial region of the dental lamina undergoes degeneration, not only involving apoptosis but also fenestrations of connective tissue (Dosedelova et al., 2015). However, apoptotic cells are already dispersed through the superficial lamina at P0, before the first signs of degradation are visible (Lungová et al., 2011). Since apoptosis is known to contribute to the alteration of cell adhesions through caspases activation (Kwon et al., 2015), it is likely that these early apoptotic cells initiate the disruption of epithelial integrity in the disappearing superficial dental lamina.

In developing mouse molars, apoptotic cells were also observed in more superficial areas of the dental lamina in close proximity to the oral epithelium, where the lamina merges with the dental gingiva (Dosedelova et al., 2015). However, this population of apoptotic cells was not equally distributed through the tooth and most of them were observed in the lingual area, while tissue above the erupting tooth was shed into the oral cavity.



Involvement of Apoptosis in the Disruption and Removal of the Dental Lamina

The dental lamina develops as an epithelial protrusion growing from the oral epithelium into the mesenchyme as a continuous structure along the jaw, including interdental sections. Deep outgrowth is especially visible in diphyodont and polyphyodont species since teeth are initiated from this structure. In polyphyodont species with lifelong tooth replacement (most reptiles, amphibians, and fishes), the dental lamina connects the tooth to the oral epithelium and is retained throughout life (Buchtová et al., 2008; Zahradnicek et al., 2012), and therefore exhibits only a few apoptotic cells located in its superficial areas (Buchtová et al., 2007). An exception to this pattern of dental lamina lies in crocodilians, which are also polyphyodont. In the American alligator, juvenile and adult dental laminae do not have a connection to the oral epithelium, while they do show continuity across tooth families despite the families themselves being separated by dentary bone (Wu et al., 2013). Conversely, a study of the Nile crocodile (Crocodylus niloticus), which are considered “pseudoheterodont” and have different tooth types in the jaw, revealed thinning and even physical breaks in the dental lamina between tooth types along the jaw (Kieser et al., 1993). As to whether any of the abovementioned crocodilian lamina patterns are due to apoptosis remains to be seen.

On the other hand, in monophyodont or diphyodont species (most mammals and some reptiles), the dental lamina produces either one or two generations of teeth, respectively, and subsequently degenerates (Vaahtokari et al., 1996; Buchtová et al., 2012; Dosedelova et al., 2015). In monophyodont species, apoptotic cells in the dental rudiment were few and sporadic both in mice and rats (Khaejornbut et al., 1991; Dosedelova et al., 2015), as well as in veiled chameleon and bearded dragon (Buchtová et al., 2013; Salomies et al., 2019). While previously published studies proposed that apoptosis directly contributes to the regression of the successional dental lamina or the degradation of the superficial dental lamina connected to the oral epithelium (Vaahtokari et al., 1996), only a few apoptotic cells are observed in the successional dental lamina throughout its development in monophyodont species, suggesting that this may not be the entire story. Instead, the few apoptotic cells that are found in this area may contribute to lamina degradation through the induction of senescence, reduction of proliferation and loss of progenitor cells, which can lead to decelerating of lamina growth and its aging, or to the alteration of cellular adhesions of dying cells to neighboring cells, leading to lamina disintegration in diphyodont species. This hypothesis will require further examination in species with different successional dental lamina morphologies.

In the pig, which is diphyodont and has similar dental lamina morphology to humans, the breakdown of the dental lamina occurs in the middle of the prenatal period. The traditional view has attributed this fragmentation event to apoptosis (Turecková et al., 1996; Vaahtokari et al., 1996; Shigemura et al., 1999; Shigemura et al., 2001; Setkova et al., 2007). However, the observation of a generally small number of TUNEL positive cells across species, ranging from human to squamate reptiles, puts into question the actual role that apoptosis plays in the breakdown of the dental lamina (Turecková et al., 1996; Richman and Handrigan, 2011; Buchtová et al., 2012, 2013; Dosedelova et al., 2015). This uncertainty is bolstered by sometimes perplexing previously published results (Hatakeyama et al., 2000) where the authors did not observe TUNEL-positive signal in the cells of the dental lamina in 11-week human fetus, but did observe significant immunoreactivity of several active, proapoptotic proteins. In another study, the breakdown of the dental lamina was found to be largely due to epithelial-mesenchymal transformation where the dental lamina cells are transforming into mesenchymal cells, and only the cells that do not transform undergo apoptosis, which serves as a “clearing” mechanism (Buchtová et al., 2012). Furthermore, the apoptotic cells in the disintegrating lamina were mostly found in the remnants of the lamina connected with the outer epithelium, rather than in the main body of the lamina itself. This finding may explain the rarity of apoptotic cells in the degenerating dental lamina and suggests that it may only be a contributing factor to dental lamina breakdown rather than being its main mechanism (Buchtová et al., 2012).



Apoptosis in the Mammalian Tooth Root

The tooth root is a functionally important part of mammalian dentition. A functional root anchors the tooth within the jawbone, and facilitates blood supply and innervation of the tooth (Li et al., 2017). Roots can take many shapes ranging from a simple, single root as in the human incisors, to multifurcated roots in larger teeth such as molars (Li et al., 2017). Yet, even with the morphological complexity that roots exhibit, there is little apoptosis utilized during the shaping of these intricate structures during development (Hosoya et al., 2008; Guo et al., 2015; Chen et al., 2018; He et al., 2021), with the only apoptotic cells associated with the breakdown of the HERS layer, as previously discussed.

However, there is extensive root apoptosis associated with the transition between primary and secondary tooth generations. In diphyodont mammals, the deciduous tooth generation needs to be exfoliated in order to make room for the permanent tooth. The tooth root, which consists of mineralized tissue surrounding an organic pulp, need to be broken down before the release of the primary tooth from the jaw (Figure 3). Disruption in both of these tissues involves apoptosis, with the pulp undergoing apoptosis directly (Rodrigues et al., 2009, 2012; Qian et al., 2018), while the mineralized tissue involving recruitment of special odontoclasts cells that eventually undergo apoptosis.

Odontoclasts resorb the predentine, dentine, and cementum that comprise the structure of the root, similar to the breakdown of bone by osteoclasts, in order facilitate primary tooth exfoliation and eventual replacement by the permanent generation (Sahara et al., 1996, 1998). While apoptosis of murine osteoclasts on the bone surfaces around the tooth germ has previously been document (Vaahtokari et al., 1996), there is little information on apoptosis in odontoclasts. Apoptosis in odontoclasts was analyzed by Domon et al. (2008), where they identified apoptosis in odontoclasts through TUNEL and transmission electron microscopy (TEM). Curiously, not all of the odontoclast nuclei were found to undergo apoptosis (which meant cells themselves remained alive), with intact nuclei, degenerated nuclei, and nuclear fragments found within one multinuclear cell (Domon et al., 2008). The authors explain this phenomenon by the fact that odontoclasts likely increase their number of nuclei through cell fusion, resulting in a single cell with a mixture of nuclei from older and younger cells. However, while this explains a possible reason for the pattern of apoptosis observed, the authors do not propose a reason for apoptosis in the odontoclast cells.

We theorize that odontoclasts apoptosis is either due to normal cellular turnover, or else due to the eventual elimination of odontoclasts after they have completed their function. The latter idea is supported by the fact that apoptotic signal was only identified in odontoclasts with only three or fewer nuclei (Domon et al., 2008), while the majority of odontoclasts have ten or fewer and more than half had five or fewer (Domon et al., 1997), suggesting a progressive reduction in nucleus number and presumably their function.



APOPTOTIC MOLECULAR SIGNALING DURING ODONTOGENESIS

Apoptosis may be initiated through two main molecular signaling pathways: intrinsic and extrinsic, both ultimately leading to the activation of caspases and eventual cell death (Figure 4). The molecular mechanisms involved in these pathways involve members of the following families: caspases, adaptor proteins that control the activation of caspases (e.g., TADD, FADD), members of the Bcl2 family of proteins, and members of the tumor necrosis factor (TNF) receptor (TNF-R) superfamily (Strasser et al., 2000).
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FIGURE 4. Schematic of (A) apoptotic and (B) autophagic signaling during odontogenesis.



Intrinsic Apoptotic Pathway During Odontogenesis

The intrinsic pathway is activated as a response to cellular stress and involves the permeabilization of mitochondria and the release of Cytochrome c (Moffitt et al., 2010; Nair, 2010; Bali et al., 2013; Ghose and Shaham, 2020). Members of the Bcl2 gene family regulate the intrinsic pathway of apoptosis, acting through several proteins, both anti- (Bcl2, BclXL, Bclw, Mcl1, and A1) and pro- (Bax, Bak, Bok, Bad, Bid, Bik, Blk, Hrk, BNIP3, and BimL) apoptotic proteins, forming heterodimers to modulate each other’s function (Strasser et al., 2000; Zimmermann et al., 2001; Fan et al., 2005; Ghose and Shaham, 2020). Bax permeabilizes the outer mitochondrial membrane and facilitates the release of Cytochrome c, along with fragmentation of the mitochondrion itself (Youle and Karbowski, 2005). Bcl2, on the other hand, inhibits apoptosis by blocking the release of Cytochrome c from mitochondria (Kitamura et al., 2001; Youle and Strasser, 2008; Ghose and Shaham, 2020). After release, Cytochrome c subsequently forms a multi-protein complex known as the apoptosome with Apoptotic protease activating factor 1 (APAF1). The apoptosome will then activate Caspase-9 (Hakem et al., 1998), which in turn initiates a caspase cascade that leads to the activation of Caspases-3/7, and finally, apoptosis (Brentnall et al., 2013).

Bcl2 was associated with several developmental processes during odontogenesis. In human, early stage of odontogenesis revealed strong Bcl2 expression in the enamel reticulum and weaker expression in the inner and outer enamel epithelium (Kaliboviæ Govorko et al., 2010). On the other hand, Bax expression was distinct in the outer enamel epithelium (Kaliboviæ Govorko et al., 2010). Moreover, the dental lamina connecting the enamel organ with the oral epithelium was Bcl2-positive (Slootweg and De Weger, 1994). Bcl2 was proposed to maintain the viability of the enamel organ and the preserve stem cells pool in the dental lamina by preventing differentiation into squamous epithelium.

In mice, the expression of Bcl2, BclX, Bax, and Bak was found in the tooth germ at embryonic stages. Bcl2 was present in the inner dental epithelium and outer enamel epithelium. BclX, Bax, and Bak were mostly present in the enamel knot area. At the bell stage, their signal in the enamel knot was downregulated, Bcl2 was expressed in the mesenchyme in close proximity to the tip of cervical loop, while strong expression of Bak was detected in odontoblasts and stratum intermedium. All analyzed Bcl2 family members (Bcl-2, Bcl-x, Bax, and Bak) eventually exhibited downregulation at postnatal stages (Krajewski et al., 1998).

Their role in amelogenesis was described in the rat, where pre-ameloblasts displayed strong Bcl2 expression and only weak Bax-positivity (Kondo et al., 2001), suggesting that apoptosis was inhibited in these proliferating pre-ameloblasts. Co-localization of Bax and Bcl2 was revealed in the late secretory, transition, and early maturation-stage ameloblasts, however, with opposite trends in their intensity which implies an antagonistic relationship between Bcl2 and Bax during amelogenesis (Kondo et al., 2001).

Significant Fas, Fas-L, and Bax immunoreactivity was observed in the fetal dental lamina of humans, indicative of an active proapoptotic program (Hatakeyama et al., 2000). However, the expression of the pro-survival protein Bcl2 has also been identified in the dental lamina of the human tooth germ, which inhibits the apoptotic pathway (Slootweg and De Weger, 1994). Therefore, there is a question of whether the degeneration of human dental lamina is due to apoptosis or another cell death-related mechanism.

In Col2.3Bcl2 transgenic mice, in which human Bcl2 was overexpressed in odontoblasts, apoptosis rates were reduced, and differentiation was inhibited in incisors and molars compared to wild-type animals, which resulted in decreased dentin thickness and mineral density (Zhang et al., 2010). An opposite effect of Bcl2 was reported in the osteoblasts of Col2.3Bcl2 animals, where it facilitates differentiation through an up-regulation of Cbfa-1, Osterix, and Wnt/β-catenin (Pantschenko et al., 2005; Zhang et al., 2007).



Extrinsic Apoptotic Pathway During Odontogenesis

The extrinsic pathway involves extracellular signaling and activation of transmembrane death receptors belonging to the TNF receptor superfamily [e.g., Fas (CD95/APO-1), TNFR1, DR1, DR2] (Debatin and Krammer, 2004; Lavrik et al., 2005; Nair, 2010). The Fas ligand (Fas-L) is the best-characterized molecular trigger of apoptosis (Schmitz et al., 2000). Fas itself is a cell surface glycoprotein found in most tissues and mediates apoptotic signals into the cytoplasm (Yoshioka et al., 1996; Chen et al., 1999; Nagata, 1999). Upon binding of the corresponding ligand, the Fas receptor undergoes oligomerization, forming a death-inducing signal complex (DISC), through recruitment of the cytosolic adaptor molecules such as TNFR1, Fas-associated death domain (FADD) and TNFR1-associated death domain (TRADD) (Chang and Yang, 2000; Siegel et al., 2000). FADD and TRADD then recruit and active Caspase-8, which may further activate other caspases leading to apoptosis (Susin et al., 1999; Bali et al., 2013). The N-terminal of procaspase-8 binds and activates other downstream caspases, such as Caspase-3, -4, or -7 (Muzio, 1998; Susin et al., 1999; Bali et al., 2013), inducing apoptosis.


Fas Receptor Function During Odontogenesis

Cells expressing Fas and FasL positive cells are primarily expressed in odontogenic epithelia (Hatakeyama et al., 2000; Kumamoto et al., 2001; Lee et al., 2012). In human patients, Fas expression was found to be more prominent in the inner and outer enamel epithelium and dental lamina than the stratum intermedium and stellate reticulum (Kumamoto et al., 2001). Similarly, Lee et al. (2012) identified expression of Fas and FasL in odontogenic epithelial cells, cementoblasts, dental follicle cells, and osteoblasts of human patients. Moreover, through co-culture experiments, they found that the Fas–FasL pathway drives apoptosis in odontogenic epithelia, ameloblasts, HERS, and ERM cells through interaction with cells of ectomesenchymal origin, dental follicle cells, and cementoblasts (Lee et al., 2012). In the human fetus of 11 weeks, Fas-positive cells were identified in the dental lamina, inner enamel epithelium, and cells of the bilateral enamel organ cusps (Hatakeyama et al., 2000). Interestingly, despite the expression of genes known to be in the apoptotic pathway, the authors describe TUNEL-positive cells as being extremely rare in the tooth germ. The high expression level of Bcl2 and weak expression of Bax led the authors to propose that Fas-mediated apoptosis was inhibited by Bcl2 in the developing human tooth germ (Hatakeyama et al., 2000).



Contribution of Caspases to Odontogenesis

Caspases are the key molecular mediators of apoptosis (Chang and Yang, 2000). They constitute a family of intracellular cysteine proteases that are initially produced as inactive zymogens (procaspases) and are subsequently activated through cleavage or dimerization, depending on their role (Boatright and Salvesen, 2003). As in many other gene families, the caspase family is greatly expanded in vertebrates. The human genome, for example, encodes fourteen Caspases, divided into several functional subfamilies (Pop and Salvesen, 2009). Initiator Caspases (2, 8, 9, and 10), which are involved in upstream regulatory events, have domains that bind directly to adapter molecules and are activated first. Effector or executioner Caspases (3, 6, and 7) are influenced by the inducing factors and are responsible for events directly associated with the cellular breakdown during apoptosis (Pop and Salvesen, 2009).

Caspases-8 and -9 activate effector caspase group members involved in the extrinsic and intrinsic apoptotic pathways respectively (Marzetti et al., 2012; Tummers and Green, 2017). Caspase-8 binds to the death receptor-associated FADD, forming the DISC (Fu et al., 2016; Hughes et al., 2016) and because of its binding to the complex, Caspase-8 undergoes limited proteolysis and activation. Caspase-9 is bound and activated by the apoptosome (Wu C.C. et al., 2016). Both caspases then activate downstream effector Caspases-3 and -7 (Okai et al., 2012; Wu C.C. et al., 2016; Tummers and Green, 2017), leading to cleavage of the host cell DNA, cytoskeletal scaffold protein, and the nuclear membrane (Nicholson and Thornberry, 1997; Chang and Yang, 2000).

In the murine molar, activated Caspase-3, Caspase-7, and Caspase-9 were detected in the PEK and associated with the intrinsic apoptotic pathway function (Shigemura et al., 2001; Svandova et al., 2018). Furthermore, activation was nuclear, agreeing with previous assertions that nuclear localization is associated with an apoptotic role for these enzymes (Faleiro and Lazebnik, 2000; Fischer et al., 2003; Kamada et al., 2005).

Caspase-3-positive cells in the developing tooth correspond to cells that are TUNEL-positive, indicative of apoptosis in the superficial-most layer of the dental epithelium at the initiation stage, the dental lamina throughout tooth germ development, PEK, SEK, and tips of the prospective cusps after the bell stage and into the cap stage (Shigemura et al., 2001; Nair, 2010). Casp3 knockout mice show abnormal morphology in the early bell stage tooth germ due to disruption of apoptosis (Matalova et al., 2006). This might be due to a longer persistence of the PEK cell population. Similar inhibition of apoptotic cell death in the PEK was observed in Apaf1 and Casp9 knockout animals, however, no observable phenotypic changes were seen in the tooth germ (Setkova et al., 2007).

Caspase-9, an initiator of the intrinsic pathway has previously been reported to be essential for apoptosis in the PEK (Setkova et al., 2007). While Caspase-9 deficiency diminishes apoptosis (Kuida et al., 1998), the reduction does not produce an aberrant phenotype in the PEK (Setkova et al., 2007). Caspase-3 activation has also been detected in apoptotic cells of the molar PEK (Shigemura et al., 2001), however, Casp3 deficient animals do not display significant abnormalities in early odontogenesis either (Matalova et al., 2006). Activated CASP7 was also detected in apoptotic cells of the PEK but exhibited a much wider expression pattern in comparison to caspase-3 (Svandova et al., 2018), suggestive of partially distinct roles for the two enzymes (Chandler et al., 1998; Walsh et al., 2008; Nakatsumi and Yonehara, 2010). Moreover, explant cultures of E13.5 mouse teeth with Z-VAD-fmk, a specific caspase inhibitor, revealed only little microscopic alterations or cusp pattern change, with the exception of more crowded cells in the enamel knot (Coin et al., 2000). Interestingly, expression of Shh, Msx2, Bmp2, and Bmp4 (enamel knot-specific transcription factors) were downregulated in the persistent enamel knots in these experiments (Coin et al., 2000). Additionally, all three knockout animals (Casp3, Apaf1, and Casp9) exhibited normal final tooth shape in those that survived into adulthood (Matalova et al., 2006; Setkova et al., 2007). The effects of Caspase-8 loss could not be studied since the Casp8 knockout mice die before the development of the enamel knot (Varfolomeev et al., 1998).



MicroRNAs Regulating Apoptosis During Tooth Morphogenesis

MicroRNAs (miRNAs) are naturally occurring small non-coding single stranded RNAs about 19-25 nucleotides that also regulate apoptosis during odontogenesis. Stem-loop sequence ssc-miR-133b and its target gene Myeloid cell leukemia 1 (Mcl-1), a member of antiapoptotic BCL2 family protein, are key regulators of mitochondrial homeostasis, which were shown to control transitory apoptotic processes during tooth development in miniature swine (Li et al., 2018). ssc-miR-133b/Mcl-1 signaling transmitted from the mandible exosome regulate the endogenous mitochondria-linked apoptotic process during premolar development (Li et al., 2018). ssc-miR-133b is localized in both the dental epithelium and enamel knots in premolars, with stronger expression seen in the dental mesenchyme compared to the epithelium. When ssc-miR-133b was overexpressed in the premolar primary dental mesenchymal cells using lentivirus, Mcl-1 was the only gene found to be downregulated. Mcl-1 shares a common expression pattern with ssc-miR-133b in early tooth development and has been shown to be the downstream target of ssc-miR-133b. Over-expression of ssc-miR-133b induced the expression of the endogenous apoptotic effector Caspase-1, 3, 7, and 9, whereas ectopic expression of Mcl-1 inhibited this process, rescuing the endogenous mitochondria-related apoptotic process (Li et al., 2018).

Moreover, specific expression of miR-206-3p was observed in the dental epithelium and condensed mesenchyme of E13 mice (Neupane et al., 2020). At E14, its expression was highly restricted in the epithelium including inner enamel epithelium, outer enamel epithelium, and enamel knot. During later stage at E15, expression was localized to the inner and outer enamel epithelium. Expanded expression of miR-206-3p was also observed in the dental mesenchyme at E14 and E15 stages. The role of miR-206-3p in tooth development was tested using in vitro organ cultivation of embryonic tooth with an inhibitor or mimic of miR-206-3p (Neupane et al., 2020) where miR-206-3p was shown to control tooth size by regulating cell dynamics. Apoptosis was induced in both epithelium and mesenchyme following inhibition of miR-206-3p during in vitro organ culture. Increased apoptosis was also seen in the enamel knot suggesting its role in crown morphogenesis. miR-206-3p was also shown to regulate tooth development through the WNT pathways. The expression pattern of miR-206-3p was similar to ß-catenin, Lef1, Pitx2, and Wnt3 (Sarkar and Sharpe, 1999; Kratochwil et al., 2002; Liu et al., 2008, 2013) and loss of miR-206-3p resulted in upregulation of the ß-catenin expression, whereas downregulation of Axin2, Fzd7, and Wnt3 was observed in cultures using a mimic of miR-206-3p.



DYSREGULATION OF APOPTOSIS IN MOUSE MUTANTS OF NON-APOPTOTIC GENES CONTRIBUTES TO DISRUPTION OF ODONTOGENESIS

The generation of genetically manipulated mouse models has become the gold standard of modern genetic research, and the field of apoptosis is no exception. However, previous research has only identified a few of the genes in the apoptotic signaling pathways, which play a key role in odontogenesis and lead to disruption of tooth formation. It is necessary to highlight that many of the genes from the apoptotic signaling cascades have not been knocked down with the aim of evaluating odontogenesis, and full understanding of their importance is still awaiting discovery. Therefore, here we also review genes that play a role in tooth morphogenesis where apoptosis contributes to the mutant phenotype. Furthermore, direct or indirect involvement of these genes in the intrinsic or extrinsic apoptotic signaling pathways still remains a mystery and will be necessary to evaluate in future.


Mouse Models With Reduced Apoptosis

Alterations in the expression of Sprouty (Spry) genes can lead to the development of supernumerary cheek teeth anterior to the first molar by reviving the large, diastemal rudimentary tooth buds (Klein et al., 2006; Peterková et al., 2009). In wild-type mice, Spry2 and Spry4 are expressed in the epithelium and mesenchyme, respectively, with apoptosis repressing the formation of the rudimentary tooth buds in the posterior section of the diastema (Peterková et al., 1996; Viriot et al., 2000; Klein et al., 2006). In wild-type embryos, apoptotic cells were abundant in the anterior part of the dental epithelium and in the enamel knot at the tip of rudimentary tooth bud, whereas in Spry2–/– mutants, fewer apoptotic bodies were observed (Peterková et al., 2009). The absence of Spry2 alters the equilibrium between growth activators and inhibitors, causing increased levels of FGF signaling leading to downregulation of apoptosis and increased proliferation in the diastemal rudimentary bud. Hyperplasia in the dental epithelium then induces the formation of supernumerary tooth primordia (Peterková et al., 2009). In Spry2+/–;Spry4+/– mice, the number of incisors in the upper jaw is increased due to the subdivision of the gene expression domains followed by subdivision of the single embryonic incisor anlage (Charles et al., 2011). These mice also exhibited a significantly smaller number of apoptotic elements located throughout the epithelium at E12.5 and in the central region of the incisors at E13.5, as compared to wild-type. Although the amount of cell death at E14.5 is similar in both wild-type and Spry2+/–; Spry4+/–, there is an alteration in the localization of the apoptotic cells, with a concentration of cells along the central axis of the mutant incisors causing the septum to separate into two dental papillae. One of possible explanation is that silencing of Spry2 decreases phosphorylation of pro-apoptotic protein Bcl2-antagonist of cell death (BAD) similar to what was found in cell lines (Edwin and Patel, 2008), however, conformation of this mechanism in vivo remains to be confirmed.

Additionally, Sostdc1, a putative BMP antagonist (otherwise called ectodin, Usag1, or Wise), is expressed only in the dental mesenchyme and has been shown to regulate the size and placement of enamel knots and consequently to affect general morphology of mouse molars (Kassai et al., 2005). Sostdc1 knockout mice develop ectopic teeth in the location of the vestigial premolar primordium and in the incisor region (Kassai et al., 2005; Murashima-Suginami et al., 2007). Specific lack of apoptosis was observed in the E14 Sostdc1-deficient incisor epithelium, within the enamel knot (Munne et al., 2009). Increased apoptosis was seen in a distinct population of cells within the dental epithelium of the wild-type incisors at the site where the extra incisors of Sostdc1 mutants develop (Munne et al., 2009), which was comparable to other studies reported on multiple rudimentary teeth due to altered apoptosis (Turecková et al., 1996; Peterková et al., 2002).

Mice overexpressing Ikkß (an essential component of the Nuclear factor-kappa B (NF-kB) signaling) under the keratin 5 promoter developed supernumerary incisors from the embryonic epithelium. The mechanism behind the stimulation of ectopic odontogenesis was found to be reduced apoptosis and increase proliferation in the K5-Ikkß mice compared to wild-type (Blackburn et al., 2015). Furthermore, while Spry2/4, Wise, and Lrp4 mutants developed ectopic incisors in both maxillae and mandibles (Ohazama et al., 2008; Munne et al., 2009; Charles et al., 2011), K5-Ikkß mutant mice only developed supernumerary incisors in the mandible, lingual to the endogenous incisors (Blackburn et al., 2015). Since apoptosis can be mediated by inactivation of BCL2 through IκB kinase (IKK)-dependent phosphorylation, its inhibition may also be associated with alteration of BCL2 activity in Ikkß mutant mice (Bodur et al., 2012). Interestingly the formation of a secondary pair of incisors lingual to the primary pair may be an ancestral trait in Glires, the mammalian clade that consists of rodents and lagomorphs (rabbits, hares, and pikas) (Asher et al., 2005). The development of two rows of maxillary teeth may still be observed in extant Lagomorphs but is thought to be inhibited through apoptosis in wild-type rodents (Asher et al., 2005; Munne et al., 2009). Therefore, it would appear that the K5-Ikkß mice might be recapitulating an ancestral trait.



Mouse Models With Increased Apoptosis

The homeobox gene Msh Homeobox 1 (Msx1) plays a significant role during tooth morphogenesis acting between the dental mesenchyme and epithelium. In Msx1 null mutants, condensation of dental mesenchyme is inhibited at the bud and cap stage (Satokata and Maas, 1994), accompanied by a significant increase of apoptotic cells within the central portion of the dental epithelium (Han et al., 2003). In line with this finding, Nestin cre;Bmpr1a mutant mice display several tooth phenotypes including the arrest of maxillary and mandibular molars at the bud and cap stages, respectively (Andl et al., 2004; Liu et al., 2005), with maxillary incisors arrested before the bud stage, and normal incisor development in the mandible. Nestin cre;Bmpr1a mutant embryos also exhibited bilateral CL/P, which along with arrested tooth formation, is associated with elevated apoptosis compared to wild-type animals.

During amelogenesis and dentinogenesis, Dentin matrix protein 1 (Dmp1) plays a protective role for odontoblasts and ameloblasts in the pro-apoptotic environment (Rangiani et al., 2012). Dmp1–/– mice develop hypophosphatemia, defects within dentin layer, expansion of pulp cavity and root canal (Ye et al., 2004, 2005; Feng et al., 2006). These effects can be secondarily caused by the indirect role of phosphate. To test the role of DMP1 and phosphate homeostasis during tooth development, Dmp1-null mice were crossed with Klotho-deficient mice (Rangiani et al., 2012). While Dmp1–/– mutation caused a minimal effect on enamel formation, Dmp–/–/kl/kl compound deficient mutants showed extremely severe enamel phenotype with little mineralization. This severe enamel defect in double deficient mutants is directly related to ameloblast apoptosis. Upregulation of apoptosis induced ectopic ossification, causing the formation of an ectopic mineralized matrix inside the pulp root canal proving the antiapoptotic role of DMP1 in hyperphosphatemia (Rangiani et al., 2012).

A similar protective, antiapoptotic role may also be played by Enamelin, a secreted glycoprotein that is critical for dental enamel formation. In Enam haploinsufficient and Enam null mice, extensive ameloblast apoptosis was found at all stages of enamel development (Hu et al., 2011). Staining for apoptosis in secretory-stage ameloblasts at P5 and in modulating ameloblasts at P7 and P9 in the maturation stage revealed dramatically higher cell death in the maxillary first molars of the Enam null mice than in heterozygous or wild-type animals (Hu et al., 2011). Additionally, the effect of Enam deficiency appears to be localized within the tooth germ as Enam null mice exhibited extensive apoptosis near the cusp tips and on the mesial cusp slopes of maxillary first molars, while ameloblasts near the cervical margin did not seem to be affected (Hu et al., 2011). Although the direct reason for the enamel pathology in Enam mutants is not understood, the authors propose that it may be associated with the formation of a smaller enamel layer due to Enam insufficiency, so that ameloblasts have a smaller surface to rest on, causing overcrowding and stress to the cells.

Nuclear factor I-C (Nfic) mutant mice develop short roots with aberrant odontoblasts during tooth development (Zur Nieden et al., 2003). Nfic knockout mice showed induced apoptosis in pulp cells, associated with upregulation of Caspase-8 that can cleave and activate Procaspase-3. The expression of Caspase-3 and Bcl2, which is anti-apoptotic, were also upregulated in the primary pulp cells of Nfic mutants compared to wild-type pulp cells (Lee et al., 2009). In addition to increased cell death in the pulp, Nfic mutants also exhibit preodontoblastic cells in the subodontoblastic layer, and aberrant odontoblasts trapped in abnormal dentin. Furthermore, Tgfβ1 and Tgfβ3 were upregulated in the Nfic-deficient primary pulp cells (Lee et al., 2009). Incidentally, Tgfβ1 has also been associated with apoptosis in ameloblasts (Tsuchiya et al., 2009).

Another odontoblasts-related phenotype was found in association with a 4-bp deletion mutation in the Distal-Less Homeobox 3 (Dlx3) gene, which is etiologic for most cases of Tricho-dento-osseous syndrome; a disorder characterized by abnormalities in the thickness and density of bones and teeth. When a mutant Dlx3 copy was expressed in a transgenic mouse, the authors observed decreased dentin formation, increase in the size of the non-mineralized pulp chamber, as well as disruption of odontoblast cytology, including disrupted polarization and a reduction in overall number. Transgenic mice also exhibited curvature of the mandibular and maxillary incisors, along with a significant reduction in size. These findings led the authors to hypothesize that the mutation in Dlx3 likely resulted in the disruption of odontoblasts cytodifferentiation, which consisted of polarization and development of the protein synthetic and secretory apparatus (e.g., the endoplasmic reticulum). Inhibited endoplasmic reticulum disrupts secretion and accumulation of dentin matrix proteins, causing stress to the odontoblasts and triggering apoptosis (Choi et al., 2010).

A different member of the homeodomain family of transcription factors, Distal-less homeobox2 (Dlx2), is expressed in the cementum layer and targeted null mutation of this gene cause disruption of tooth development in mice (Thomas et al., 1997). A transgenic mouse overexpressing Dlx2 in neural crest cells demonstrates tooth abnormalities like incisor cross-bite, shortened tooth roots, increased cementum deposition, periodontal ligament disorganization and osteoporotic alveolar bone (Dai et al., 2017). A gain of function mutation of Dlx2 resulted in increased apoptosis in the dental germ and alveolar bone in E13.5 embryos. This is correlated with the upregulation of Tgfßr1, Tgfßr2, Smad4, Msx2, and Sox9 expression in the dental germ. Upregulation of Msx2 was also seen in the epithelium of the mutant with Dlx2-overexpression.

Ectodysplasin A (Eda) gene plays a role in ectodermal-mesenchymal interactions and mutation leads to a genetic syndrome X-linked hypohidrotic ectodermal dysplasia (XLHED) in humans. Tabby syndrome in the mouse is homologous to XLHED in humans exhibiting inborn defects in tooth number, shape, and size (Grüneberg, 1971; Blecher, 1986; Ferguson et al., 1997; Srivastava et al., 1997). In mice, Eda mutation suppresses NF-kB signaling that strongly increases apoptosis in developing ectodermal derivatives (Schmidt-Ullrich et al., 2001). Increased apoptosis is observed in mesial and distal dental epithelium in Tabby mutants compared to wild-type mice. Increased apoptosis is a secondary effect caused by defective segmentation of dental epithelium in the mice with Eda mutation (Boran et al., 2005).

Vangl2, a PCP component, is expressed in the cell membranes of inner epithelium and enamel knots of the bell stage mouse molars. Loss of VANGL2 activity causes both disruptions of cell alignment and increased apoptosis during tooth morphogenesis in mice, while Vangl2 Lp/Lp mutation is lethal (Montcouquiol et al., 2003). Downregulation of Vangl2 by siRNA in in vitro-cultured tooth germs and their subsequent kidney transplantation revealed reduction of tooth germs growth and failed folding of inner dental epithelium (Wu Z. et al., 2016). The cellular mechanism responsible for the siVangl2 knockdown phenotypes was identified to be a significant increase in cell death in the inner dental epithelium.

Lymphoid enhancing factor 1 (Lef1) is expressed in tooth bud during mouse embryogenesis and targeted inactivation of Lef1 induces pleiotropic phenotype impairing development of teeth. Although tooth development is initiated in these mutants, their growth is arrested at the late bud stage prior the formation of a mesenchymal dental papilla (van Genderen et al., 1994). In Lef1 null mutants, increased apoptosis is seen within the dental epithelium, which explains the failure of the developmental transition of the tooth germ from the bud to the cap stage (Sasaki et al., 2005). The critical cell mass required to support the epithelial folding during tooth morphogenesis is affected by the significant increase in cell apoptosis with the dental epithelium.

Throughout development, ameloblasts go through several stages of development from pre-ameloblasts that are undifferentiated up to the maturation stage where mineralization of the organic matrix occurs (Bei, 2009). Throughout all these stages, ameloblasts exhibit apoptotic signals, with the highest levels detected at mature stages (Smith, 1998; Bronckers et al., 2000). Ameloblast apoptosis has been associated with the upregulation of Transforming growth factor beta 1 (TGFβ1) in the maturation-stage enamel organ in mice (Tsuchiya et al., 2009). TGFβ1 is a growth inhibitor that has been linked to apoptosis in epithelial tissues (Foghi et al., 1998; Rosfjord and Dickson, 1999; Francis et al., 2000; Moriguchi et al., 2010). In ameloblasts, TGFβ1 induces stress-response genes which lead to a shift in the Bcl2| Bax ratio in favor of Bax, and thus induce apoptosis through the intrinsic pathway (Tsuchiya et al., 2009). Additionally, there is evidence for the function of the extrinsic pathway earlier in development, where Caspase-6 (executioner) and Caspase-8 (initiator) expression was increased in pre-ameloblasts as compared to secretory ameloblasts (Liu et al., 2015). Fas-mediated apoptosis was also identified in mature ameloblasts of rat incisors (Nishikawa, 2002). Thus, there is evidence of both intrinsic and extrinsic factors at play in the apoptosis of ameloblasts, with the extrinsic pathway functioning at earlier stages, and intrinsic pathway at later stages of maturation.

Once tooth formation is complete, apoptotic cells are also involved in the breakdown of the oral epithelium above teeth in order to facilitate eruption (Moriguchi et al., 2010; Dosedelova et al., 2015). In the investigation of P8–P15 rat pup molars during eruption, Moriguchi et al. (2010) found that apoptosis occurred at eruption sites and was suggested to be closely involved in the formation of eruption passages due to the keratinization of epithelial cells. Molecular analysis revealed that the apoptosis at eruption sites was closely associated with the Tgfβ signaling pathways. Immunohistochemical analysis of TGFβ-receptor 1, TGFβ inducible transcription factor 1 (Tieg1), NADPHoxidase 4 (Nox4), Cytochrome c, and Caspase-3 led to the following proposed model: TGFβ elevates the Nox4 mRNA level via Smad and Tieg1, and reactive oxygen species induced by Nox4 lower the mitochondrial membrane potential, release Cytochrome c, and activate Caspase-3, which leads the cell to apoptosis.



AUTOPHAGY DURING ODONTOGENESIS

Autophagy is a lysosome-mediated cellular remodeling mechanism proposed to participate in the differentiation of odontoblasts and ameloblasts (Yang J.W. et al., 2013). Autophagy plays an important role in maintaining cellular function by removing debilitated cellular components that accumulate during cell aging (Klionsky and Emr, 2000; Vellai, 2009; Mizushima and Levine, 2010; Rubinsztein et al., 2011). In addition to its more traditionally recognized role, autophagy has also been associated with apoptosis (Wirawan et al., 2010). During odontogenesis, autophagy was confirmed through the expression of Atg5 – Atg12, Microtubule-associated proteins 1A/1B light chain 3B (LC3), as well as through transmission electron microscopy, via observation of autophagic vacuoles (Yang J.W. et al., 2013). Atg5 and Atg7 knockout mice do not exhibit significant abnormalities, however, deficiency in their signaling could be compensated for by different authophagy signaling or even apoptosis (Nishida et al., 2009). The key role of Atg5 was revealed by comparison of triple Atg5/Bax/Bak mutant mice with double Bax/Bak mutant animals (Arakawa et al., 2017). However, only limb and brain phenotype was analyzed and odontogenesis will need further evaluation.

LC3 is one of the commonly used markers for autophagosomal compartments in cells (Kabeya et al., 2000; Terman and Brunk, 2005; Terman et al., 2007). In developing mouse molars from E13.5 to P 15.5, LC3 expression was found in the enamel organ, dental papilla, ameloblasts, odontoblasts, dental follicle cells, HERS cells, stratum intermedium, inner and outer enamel epithelium, cervical loop, stellate reticulum, periodontal ligament, and PEK (Yang J.W. et al., 2013). In addition to localization of LC3 in odontogenic tissues, Yang et al. also found partial colocalization with TUNEL signal in the PEK area, in cells of the outer enamel epithelium, stratum intermedium cells next to the enamel knot at E16.5, the stellate reticulum, and stratum intermedium during the postnatal period (Yang J.W. et al., 2013), indicating close connection between apoptosis and autophagy during odontogenesis.

In a follow-up study from the same group, Beclin1 (Bcl2-interacting protein-1) was considered as a critical player in the bridge between autophagy and apoptosis (Wirawan et al., 2010). In the developing first molar of the mouse mandible, Beclin1 was localized to the inner and outer enamel epithelium, PEK, stellate reticulum, dental lamina, stratum intermedium, as well as differentiating ameloblasts and odontoblasts (Yang J. et al., 2013). Beclin1 is the mammalian homolog of yeast Atg6 gene and is involved in the autophagy activating pathway and autophagosome formation (Cecconi and Levine, 2008). The cleavage of Beclin1 by Caspases plays a key role in the transition from autophagy to apoptosis (Wirawan et al., 2010). Caspases-3, -7, and -8 can cleave Beclin1 protein into N-terminus and C-terminus–containing fragments, which prevents the autophagic pathway. Beclin1-c then localizes to mitochondria, where it induces the release of Cytochrome c and initiates the intrinsic apoptotic pathway (Wirawan et al., 2010; Figure 4). Importantly, overexpression of full-length Beclin1 does not affect apoptosis (Boya and Kroemer, 2009), indicating that Caspase-mediated cleavage of Beclin1 is essential for the transition of the autophagic program toward apoptosis.

In summary, at the early embryonic stages, LC3 was detected in the dental epithelium as well as the dental papilla, while Beclin1 was mainly expressed in the dental epithelium of the developing tooth germ (Yang J. et al., 2013; Yang J.W. et al., 2013; Zhang and Chen, 2015). At the bud stage, LC3 was expressed in the epithelial bud and the mesenchyme condensed around it, while Beclin1 was mainly localized to the epithelium bud facing the oral cavity and in the tip of the tooth bud. During the cap stage, the expression pattern of Beclin1 and LC3 were similar, covering the inner and outer enamel epithelium, the cervical loop, and the PEK region facing the mesenchyme (Zhang and Chen, 2015). Overlap in the localization of Caspase 3, Beclin1 and LC3, in the PEK at the cap stage supports the notion of Beclin1 functioning as the molecular basis of crosstalk between apoptosis and autophagy during several stages of odontogenesis (Yang J. et al., 2013; Zhang and Chen, 2015).



THE INVOLVEMENT OF APOPTOSIS IN VARIOUS CELLULAR EVENTS DURING ODONTOGENESIS – FUTURE DIRECTIONS

To date, odontogenic research related to cell death has focused mostly on the distribution of dying cells or the expression pattern of apoptosis-related molecules. However, it seems that apoptosis can play an active role in morphogenesis as well affecting surrounding tissues by modifying numerous cellular processes (Figure 5). Not much is known about the involvement of the various non-autonomous effects of apoptosis on odontogenesis but here we would like to open this topic up for discussion and propose some possible aspects, which may be interesting to pursue in future experiments.


[image: image]

FIGURE 5. Schematic of proposed cellular processes affected by apoptosis during odontogenesis as visualized at cap stage of molar tooth germ.



Inhibition of Cell Proliferation Mediated by Apoptosis

Cell populations undergoing proliferation and apoptosis often appear as mirror images of each other within a tissue, with areas of high apoptosis usually displaying low or no proliferation (Rasch et al., 2016). There can be an effect that apoptotic cells exert on cells around them through apoptosis-associated signaling, including ligand release to their environment, that inhibit proliferation in their immediate vicinity.



Induction of Cell Proliferation Mediated by Apoptosis

Signaling centers such as enamel knots, which exhibit high apoptotic cell numbers, are characterized by the release of morphogens (Jernvall et al., 1998), which produce a gradient in dental tissue and positively change the growth rates in surrounding structures such as the cervical loop. The questions of whether proliferation is directly induced by signals from the apoptotic cells in signaling centers, and if so, through which morphogens, remain.



Apoptosis Mediated by Apoptosis

Apoptotic cells often aggregate in large clusters, especially in the enamel knots (Lesot et al., 1996). The breakdown of enamel knots starts with the presence of only a few apoptotic cells in the area, with later expansion into neighboring cells, which also undergo apoptosis. Is the expansion of the apoptotic cell population in the enamel knot driven and induces by the first generation of a few dying cells or by their apoptotic signaling? Or is apoptosis innately predetermined in the individual cells of the enamel knot?



Senescence Mediated by Apoptosis

Are non-proliferating cells surrounding apoptotic cells senescent? The expression of several senescence markers such as cyclin-dependent kinase inhibitor p21 (Keränen et al., 1998) have been observed in apoptotic areas, however, direct confirmation of their senescent status has not been provided. Moreover, in enamel ridges, cells closely associated with those undergoing apoptosis will produce lipid droplets in the direction of shared cellular membranes. The accumulation of intracellular lipids can influence the regulation of fatty acid synthesis, which in turn controls cell senescence (Flor et al., 2017). However, the relationships of these processes still need to be investigated during odontogenesis.



Cell Adhesion Changes Mediated by Apoptosis

As cells undergo apoptosis, they become detached from neighboring cells. In fact, cell adhesion changes are associated with the induction of apoptosis, with the expression of membranous complexes becoming altered (Monier et al., 2015). As cells are released from their fixed positions, surrounding cells can actively migrate or be passively translocated to new destinations, which can ultimately affect the final shape of epithelial structures.



Apoptosis Driving Cell Polarity Changes in Neighboring Cell Populations

In areas where apoptotic cells accumulate, cells not only lose their attachment to neighbors but experience reorientation of their axes, which is accompanied by changes in cell polarity (Warner et al., 2010). These processes accompany the morphogenesis of inner enamel epithelium and complex tooth shape formation. Nevertheless, can apoptotic cells directly induce changes in cell polarity, or is this just a secondary effect of the alteration of their connection to neighbors?



Apoptosis Inducing Changes in Cell Shape

Apoptotic cells can induce the rearrangement of cytoskeleton, causing local deformation of the apical surface of surrounding epithelial cells (Monier et al., 2015). However, it is not known if the apico-basal pulling force, which is generated by the dying cell in the dental epithelium, can be strong enough to induce invagination or cell rearrangement. This feature will need further functional proof.



Cell Fate Directed by Neighboring Apoptotic Cells

Apoptotic cells can also induce differentiation of surrounding cells, contributing to their developmental progression and transition to the next developmental stage (Zhang et al., 2010). How directed differentiation of only certain cells occurs in dental epithelium by apoptotic cells while not affecting all surrounding cells is still unknown and will be necessary to uncover in the future.



CONCLUSION

Apoptosis plays an active role in odontogenesis and apoptotic cells dynamically influence surrounding cells to trigger tissue remodeling through the regulation of cell division, cell death, cell fate, migration, cell shape, and remodeling of nearby tissues but cellular mechanisms driving these processes are mostly unknown. Next, it will be necessary to study these less expected roles of apoptotic cells signaling not only in odontogenesis but also their contribution to the regeneration of dental tissues or induction of pathological conditions in teeth.
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The first and second branchiomeric (branchial arch) muscles are craniofacial muscles that derive from branchial arch mesoderm. In mammals, this set of muscles is indispensable for jaw movement and facial expression. Defects during embryonic development that result in congenital partial absence of these muscles can have significant impact on patients’ quality of life. However, the detailed molecular and cellular mechanisms that regulate branchiomeric muscle development remains poorly understood. Herein we investigated the role of retinoic acid (RA) signaling in developing branchiomeric muscles using mice as a model. We administered all-trans RA (25 mg/kg body weight) to Institute of Cancer Research (ICR) pregnant mice by gastric intubation from E8.5 to E10.5. In their embryos at E13.5, we found that muscles derived from the first branchial arch (temporalis, masseter) and second branchial arch (frontalis, orbicularis oculi) were severely affected or undetectable, while other craniofacial muscles were hypoplastic. We detected elevated cell death in the branchial arch mesoderm cells in RA-treated embryos, suggesting that excessive RA signaling reduces the survival of precursor cells of branchiomeric muscles, resulting in the development of hypoplastic craniofacial muscles. In order to uncover the signaling pathway(s) underlying this etiology, we focused on Pitx2, Tbx1, and MyoD1, which are critical for cranial muscle development. Noticeably reduced expression of all these genes was detected in the first and second branchial arch of RA-treated embryos. Moreover, elevated RA signaling resulted in a reduction in Dlx5 and Dlx6 expression in cranial neural crest cells (CNCCs), which disturbed their interactions with branchiomeric mesoderm cells. Altogether, we discovered that embryonic craniofacial muscle defects caused by excessive RA signaling were associated with the downregulation of Pitx2, Tbx1, MyoD1, and Dlx5/6, and reduced survival of cranial myogenic precursor cells.

Keywords: cranial muscle development, retinoic acid signaling, craniofacial abnormalities, muscle progenitor cell, muscle differentiation


INTRODUCTION

Craniofacial muscles comprise two groups: (1) extraocular muscles, which control eye movement which derive from cranial mesoderm, and (2) branchiomeric muscles, which derive from branchial arch mesoderm. The first branchial arch (BA1, dorsal/rostral maxillary process and a ventral/caudal mandibular process) mesoderm gives rise to progenitors of jaw muscles, including the temporalis, pterygoid, masseter, mylohyoid and anterior digastric; the second branchial arch (BA2, hyoid arch) mesoderm gives rise to progenitors of facial expression muscles, including the auricularis, buccinator, posterior digastric, frontalis, orbicularis oculi, quadratus labii, and zygomaticus; and other caudal BA-derived muscles are associated with laryngeal and pharyngeal muscles (Noden, 1983, 1986; Trainor et al., 1994; Lescroart et al., 2010). Other muscles within the head such as the intrinsic and extrinsic muscles of the tongue derive from occipital somites, whose myogenic precursors migrate as the hypoglossal cord (Noden, 1983; Huang et al., 1999; Noden and Francis-West, 2006; Parada et al., 2012).

Branchiomeric muscles have a gene regulatory program distinct from that of the trunk muscles. For example, Pitx2 and Tbx1 are important upstream regulators of skeletal myogenesis in the branchial arches but not myogenesis in the trunk (Grifone and Kelly, 2007). Pitx2 is a paired-related homeobox gene that regulates transcription of the myogenic regulatory factor genes (MRFs) as well as genes encoding essential factors for proliferation and survival of muscle progenitors in the branchial arches (Dong et al., 2006). Although Pitx2 is expressed in the mesodermal cores of all BAs when myoblasts can be detected, its expression is required to establish premyoblast specification only in BA1 (Shih et al., 2007). Tbx1, which is expressed in the premyoblast mesoderm in BA1 and BA2, collaborates with Pitx2 as part of the core myogenic program to generate head muscles. Additionally, these genes are known to collaborate with other core myogenic program factors to generate head muscles (Dong et al., 2006; Dastjerdi et al., 2007). Similarly, Tbx1 is required for activating transcription of MRFs, such as Myf5 and MyoD, at the onset of myogenic commitment in branchial mesoderm (Kelly et al., 2004). Moreover, Tbx1 mutant mice present with sporadic failure of development of muscles that normally originate from BAs (Jerome and Papaioannou, 2001; Dastjerdi et al., 2007; Grifone et al., 2008).

Cranial neural crest cells (CNCCs) are another important cell population which populate the BAs together with mesodermal cells (Trainor et al., 1994; Trainor and Tam, 1995; Chai et al., 2000). Via their interactions with mesodermal cells, CNCCs direct branchiomeric muscle development (Noden, 1983, 1986; Heude et al., 2010; Ziermann et al., 2018). Distal-less homeobox (DLX) proteins provide CNCCs with patterning information and intra-arch polarity along the dorsoventral/proximodistal axis (Heude et al., 2010; Minoux and Rijli, 2010). Dlx5 and Dlx6 are expressed in CNCCs of the mandibular process, and are necessary for CNCCs-mesoderm interactions during craniofacial myogenesis, since inactivation of Dlx5 and Dlx6 results in the loss of jaw muscles and compromised tongue development (Heude et al., 2010).

Previous studies have shown that RA signaling is essential for ocular, jaw and branchial muscle development (Bothe et al., 2011; Bohnsack et al., 2012; Rhinn and Dolle, 2012; Kurosaka et al., 2017; Wang et al., 2019). Retinoic acid (RA) is derived from liposoluble vitamin A (retinol) and in vitro, low concentrations of RA enhance skeletal myogenesis in stem cells and myoblast cell lines by regulating muscle progenitor factors and/or MRF expression (Edwards and McBurney, 1983; Albagli-Curiel et al., 1993; Halevy and Lerman, 1993; Kennedy et al., 2009). During heart development, RA signaling is required for ventricular myocyte proliferation (Lavine and Ornitz, 2008; Nakajima, 2019). However, the function of RA signaling in vivo during craniofacial muscle development is poorly understood.

In this study, we showed that maternal RA-exposure resulted in malformation of branchiomeric muscles derived from BA1 and BA2. This phenotype was associated with elevated cell death of branchial mesodermal cells, from which branchiomeric muscles arise. Additionally, excessive RA signaling resulted in reduced expression of Pitx2 and Tbx1, which underpinned the myogenic specification and determination defects in BA1 and BA2. Moreover, excessive RA signaling repressed Dlx5 and Dlx6 expression in CNCCs in the proximal region of the BAs, which disturbed CNCCs-mesoderm interactions during branchiomeric muscle development. Taken together, our results have revealed novel molecular and cellular mechanisms linking elevated RA signaling and branchiomeric muscle malformation.



RESULTS


Excessive RA Signaling Result in BA1- and BA2-Derived Muscle Malformations

The first and second branchial arch mesoderm cells contribute to the jaw muscles – the temporalis, pterygoid, masseter, mylohyoid and anterior digastric, and to the facial expression muscles – the auricularis, buccinator, posterior digastric, frontalis, orbicularis oculi, quadratus labii, zygomaticus and others, respectively (Figure 1M) (Lescroart et al., 2010). To examine the effect of exogenous RA signaling on branchiomeric muscle development, we performed in situ hybridization using Myogenin as a myogenic determination marker (Hasty et al., 1993) in heads of E13.5 RA-treated embryos (Figures 1A–L). Muscles derived from BA1 displayed specific and consistent abnormalities in association with elevated RA signaling. The temporalis and masseter muscles failed to form (Figures 1B,H,J,L), and the pterygoid, mylohyoid and anterior digastric muscles were present, but were reduced in size and thickness, and the buccinator muscles were fragmented, as evidenced by the expression of Myogenin (Figures 1D,H,J,L). In the case of muscles derived from BA2, the frontalis and orbicularis oculi muscles were missing, whereas the others were hypoplastic and disorganized compared to controls (Figures 1D,F). The phenotypes of individual muscles derived from BA1 and BA2 are summarized in Figure 1N. Both intrinsic and extrinsic tongue muscles which originate from the occipital somite (Noden and Francis-West, 2006), formed normally and did not show any noticeable structural abnormality in RA-treated heads at E13.5 (Figures 1G–L and Supplementary Figure 1). Together, these data showed that excessive RA signaling results in defects in the development of BA1- and BA2-derived cranial muscles. In order to understand the cellular mechanism underlying this phenotype, we further analyzed the myogenic developmental process in RA-treated embryos.
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FIGURE 1. Abnormalities of BA1 and BA2 derived muscles in RA-treated embryos. Myogenin in situ hybridization for whole-mount (A–F) and frontal sections from anterior (G,H), medial (I,J), and posterior (K,L) regions (see M for approximate levels of sections along the anterior-posterior axis) of E13.5 control (A,C,E,G,I,K) and RA-treated (B,D,F,H,J,L) embryos. In (G–L) black dashed lines indicate the margin of palatal shelf and tongue primordium. In RA-treated embryos, the BA1-derived temporalis (te) and masseter (ma) muscles are absent (marked by red dashed lines in B,H,J,L); pterygoid (pt), mylohyoid (my) and anterior digastric (ad) muscles are reduced to small components (compare in D,H,J,L to C,G,I,K). (C–F) The RA-treated BA2-derived muscles are either absent (red dashed line) or replaced by a few muscle fibers. Higher magnifications are shown in upper right boxes of (E,F). (M,N) Schematics of BA1- and BA2-derived muscles. (M) Dark blue indicates muscles of BA1 origin; light blue indicates muscles of BA2 origin. Yellow lines illustrate the levels of frontal sections shown in (G–L). A, anterior; M, medial; P, posterior. (N) Red indicates absent in RA-treated embryos; green indicates reduced in RA-treated embryos. ad, anterior digastric muscle; au, auricularis muscle; bu, buccinators muscle; ma, masseter muscle; my, mylohyoid muscle; oo, orbicularis oculi muscle; pd, posterior digastric muscle; pt, pterygoid muscle; qua, quadratus labii muscle; te, temporalis muscle; zy, zygomaticus muscle.


Conversely, we also assessed the effect of reduced RA signaling on developing craniofacial muscle using conditional Rdh10 knock out embryos (CreErt2;Rdh10flox/flox), which exhibit a severe reduction of RA signaling in the craniofacial region (Kurosaka et al., 2017). Interestingly, most of the cranial muscles showed subtle differences between control and CreErt2;Rdh10flox/flox embryos (Supplementary Figure 2).



Elevated RA Signaling Affects Myogenic Gene Expression During Myogenesis in BA1 and BA2

We examined the expression patterns of Pitx2 and Tbx1, which mark muscle precursor cells in BA1 and BA2. In the control embryos, Pitx2 was expressed at E10.5 in the mesodermal core of BA1 and BA2, while in the RA-treated embryos Pitx2 expression was substantially reduced (Figures 2A,B). In contrast, increased Pitx2 expression could be observed in the epithelium of BA1 (Figures 2A,B). Tbx1 expression was also reduced in BA1 and BA2 of E10.5 RA-treated embryos compared to controls (Figures 2C,D). These results indicated that excessive RA signaling interferes with the expression of Pitx2 and Tbx1, which are essential for differentiation of BA1 and BA2 myogenic mesoderm.
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FIGURE 2. Disruption of early myogenic markers in BA1 and BA2 of RA-treated embryos. Lateral views of whole-mount in situ hybridization for Pitx2 (A,B), Tbx1 (C,D), and MyoD1 (E–J) in E10.5-E11.5 BA1 and BA2 of control (A,C,E,G,I) and RA-treated (B,D,F,H,J) embryos. In BA1 and BA2 at E10.5, the expression of the early markers of myogenic specification, Pitx2 (A,B) and Tbx1 (C,D), is severely affected by the RA treatment. However, the expression of Pitx2 is higher in the oral ectoderm in RA-treated embryos (A,B, red arrows). (E–J) MyoD1, a marker of myogenic determination, fails to be expressed in the BA1 and BA2 in embryos treated with RA at E10.5 and E11.5, but no significant change is observed in the hypoglossal cord (E,F, red arrows). Black arrows denote BA1 and BA2 hybridization signal or absence of signal.


The myogenic determination factor MyoD1 is under the control of both Pitx2 and Tbx1 (Braun and Gautel, 2011). In E10.5 control embryos, MyoD1 was expressed in BA1 and BA2 myoblasts, which later develop into the masticatory and facial premuscle masses at E11.5. In RA-treated embryos, MyoD1 expression was a substantially reduced in BA1 and BA2, which is indicative of a defect in myogenic determination (and later differentiation). Furthermore, this is likely an effect of perturbed specification due to reduced Pitx2 and Tbx1 expression in BA1 and BA2 (Figures 2E,F,I,J). In contrast, MyoD1 expression in the hypoglossal cord, from which the tongue myoblasts migrate (Huang et al., 1999), remained unchanged in the RA-treated group (Figures 2G,H).

Collectively, these findings indicate that excessive RA perturbs BA1 and BA2 muscle precursor specification and determination. We also analyzed the expression of Aldh1a2 and Aldh1a3, which encode indispensable enzymes for synthesizing RA, in RA-treated and RA loss-of-function, CreErt2;Rdh10flox/flox embryos. We detected subtle differences in the expression of these genes in the developing craniofacial region, between control and RA-treated embryos. This was also true for the expression of Aldh1a2 in Rdh10 mutant embryos, whereas in contrast Aldh1a3 expression was substantially reduced in the head (Supplementary Figure 3).



Increased Apoptosis of the Muscle Progenitor Cells in BA1 and BA2 Contributes to RA-Induced Branchiomeric Muscle Defects

Pitx2 and Tbx1 have previously been implicated in proliferation and survival of muscle progenitor cells in the branchiomeric muscles (Kelly et al., 2004; Dong et al., 2006; Shih et al., 2007) and we observed altered Pitx2 and Tbx1 expression in E10.5 RA-treated embryos. We further investigated the behavior of BA1 and BA2 muscle progenitor cells via staining for Islet1 (Nathan et al., 2008) in conjunction with phosphorylated Histone H3 (pHH3) and TUNEL to assess cell proliferation and cell death, respectively. Cell proliferation was unchanged in the muscle progenitor cells of both BA1 and BA2 in E10.5 RA-treated embryos compared to controls (Figures 3A,B and Table 1). In contrast, increased cell death was detected in the muscle progenitor cells of both BA1 and BA2 in E10.5 RA-treated embryos compared to controls (Figures 3C,D and Table 1). These results demonstrate that excessive RA signaling results in cell death in muscle progenitor cells in both BA1 and BA2.
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FIGURE 3. Unaltered proliferation but increased apoptosis in the muscle progenitor cells of the BA1 and BA2 at E10.5 after RA treatment. Immunofluorescent detection of pHH3 (green; A,B) and TUNEL (green; C,D) in transverse sections of control (A,C) and RA-treated (B,D) E10.5 embryos. Arrows indicate Islet1-positive (red) muscle progenitor cells in the BA1 and BA2 regions. Scale bar: 250 μm.



TABLE 1. Cell proliferation and cell death in ISLET1 positive cells in the developing branchial arches (BA).
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Abnormalities of BA1-Derived Jaws Are Associated With Dlx5 and Dlx6 Expression Defects in RA-Treated Embryos

CNCC-mesoderm interactions are crucial for proper branchiomeric myogenesis (Grenier et al., 2009) and we have previously shown that excessive RA signaling at E8.5 affects CNCC development (Wang et al., 2019). Therefore, we hypothesized that a defect in CNCC development could underly the etiology of RA-induced BA1- and BA2- derived muscle malformation. To test this idea, we assessed the activity of Dlx5 and Dlx6, which are expressed by CNCCs and are required for the myogenic differentiation and patterning of craniofacial muscles (Heude et al., 2010). Dlx5 and Dlx6 expression was down-regulated in the proximal but not regions of distal branchial arches in E10.5 RA-treated embryos. The reduction was more pronounced in BA1 than BA2 (Figures 4A–D). Therefore, the BA1-derived muscle anomalies observed in the RA-treated embryos likely manifest as a result of perturbed Pitx2 and Tbx1 expression in the progenitor branchial arch mesoderm, together with loss of Dlx5 and Dlx6 expression by CNCCs in the proximal regions BA1, which impacts proximal-distal patterning. We also detected bilateral fusion of the upper and lower jaw in RA-treated embryos (Figures 4E–H). To evaluate the phenotype in detail, we dissected the mandibular structures from skeletal preparations of E18.5 embryos. In the control embryos, the main features – the coronoid process, the condylar process, the angular process and the molar alveolus – could be recognized (Figure 4G, box). In contrast to the controls, the position around the coronoid process and dentary bone in the mandible of RA-treated embryos was fused to the posterior/lateral position of maxilla (Figure 4H, box). Additionally, the condylar process was not detectable and the angular process was reduced in size (Figure 4H, box). The altered expression of Dlx5 and Dlx6 in the BAs could also have contributed to causing these defects (Vieux-Rochas et al., 2007; Vieux-Rochas et al., 2010).
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FIGURE 4. Abnormalities of BA1-derived jaws and associated Dlx5 and Dlx6 expression defects in RA-treated embryos. Lateral views of whole-mount in situ hybridization for Dlx5 (A,B) and Dlx6 (C,D) in E10.5 BA1 and BA2 of control (A,C) and RA-treated (B,D) embryos. (B,D) The expression of Dlx5 and Dlx6 in BA1 is lost in proximal but not in distal regions of RA-treated embryos at E10.5. In BA2, the expression of Dlx5 and Dlx6 is not affected in E10.5 RA-treated embryos. Arrows denote BA1 and BA2 hybridization signal or absence of signal. Micro-CT scans (E,F) and Alizarin red (bone) and Alcian blue (cartilage) stained skeletal preparations (G,H) of E18.5 control (E,G) and RA- treated (F,H) embryos. The white arrowheads in (F,H) mark the syngnathia in RA- treated embryos. Higher magnifications of dissected jaws are shown in the boxes of (G,H).




The Expression Pattern of Retinoic Acid Receptors in Developing Craniofacial Region With Elevated or Reduced RA Signaling

RA signaling is mediated by a nuclear receptor superfamily consisting of multiple RARs (RARα, RARβ, and RARγ) and their heterodimeric binding partner RXRs (RXRα, RXRβ, and RXRγ). In order to further analyze the effects of enhanced and reduced RA signaling during craniofacial muscle development, the expression of RARs and RXRs was analyzed in both RA-treated and CreErt2;Rdh10flox/flox embryos whose dams were administered tamoxifen at E7.0. Overall, we detected subtle differences in the expression levels and patterns of both RARs and RXRs between the control group and RA-treated embryos at E11.0 except that Rxra showed reduced expression in the developing frontonasal process (Supplementary Figure 4). In contrast, the expression of RARa, RARb, RXRa, RXRb, and RXRg was substantially reduced in the developing craniofacial region of E11.5 CreErt2;Rdh10flox/flox embryos compared to controls(Supplementary Figure 4).



DISCUSSION

The first and second branchiomeric (branchial arch) muscles form part of the craniofacial musculature. Abnormal development of these muscles during embryogenesis results in congenital defects in the muscles of mastication and facial expression. Surgical reconstruction of malformed branchiomeric muscles is complex, often requires multiple procedures, and is not routinely available in many healthcare systems. Therefore, understanding the detailed molecular and cellular mechanisms regulating branchiomeric muscle development is critical to our understanding of the etiology of congenital muscle defects and to develop possible therapies. Previous reports have shown that RA signaling is essential for ocular and BA development in the craniofacial region (Sandell et al., 2007; Bohnsack et al., 2012; Rhinn and Dolle, 2012). In this study, we demonstrated that excessive embryonic RA signaling causes branchiomeric muscle malformations due to defects in myogenic specification in BA1 and BA2. This phenotype was associated with elevated apoptosis of muscle progenitor cells in BA1 and BA2. Furthermore, RA-induced proximal loss of Dlx5 and Dlx6 expression disturbs critical cellular interactions between CNCCs and muscle precursor cells during branchiomeric muscle development (Heude et al., 2010).


Diverse Reactions of Muscle Precursor Cells to RA Signaling

Numerous studies have attempted to elucidate the effects of stage- and/or dose- dependent effects of RA signaling on the development of various different muscles. It has been reported that RA signaling exhibits different effects on the differentiation of embryonic stem cells into cardiomyocytes depending on the timing of RA supplementation (Edwards and McBurney, 1983; Wobus et al., 1997; Nakajima, 2019). Compared with the levels of RA that enhance cardiomyogenesis, lower levels of RA signaling are known to enhance skeletal myogenesis (Edwards and McBurney, 1983; Halevy and Lerman, 1993). Previous studies have shown that both facial and tongue muscles are severely affected after RA-treatment (200 mg/kg) at E8.0 in the mouse fetus (Padmanabhan and Ahmed, 1997). We examined the effects of dose and timing of RA administration in our previous work on the effect of exaggerated RA signaling midgestational development. As a result, we found that daily administration of 25 mg/kg RA from E8.5 to E10.5 had the effect of disrupting multiple craniofacial structures (Wang et al., 2019). Also, in the present study, we detected BA1- and BA2-derived muscle malformations but minimal effects of RA-treatment on tongue muscle development. Our results indicate that proper RA signaling is essential for survival of muscle precursor cells in the branchial arch mesoderm. Branchiomeric muscle development is mediated by signaling and genetic pathways that are distinct from those of extraocular, tongue and laryngeal muscles in the head (Braun and Gautel, 2011). Interestingly, our study showed that in contrast to the induction of branchiomeric muscle defects, excess RA signaling did not cause defects in MyoD1 expression in the hypoglossal cord before E13.5. Altogether, these results indicate that muscle precursor cells react to RA signaling in different ways depending on the tissue type, developmental timing and dosage of RA. Interestingly, reduced RA signaling did not show as strong a disruption of BA1- and BA2-derived muscle development as elevated RA signaling. These results indicate that craniofacial muscle progenitor cells respond differently to elevated and reduced RA signaling.

Pitx2 mouse mutants exhibit a failure of BA1-derived muscle development in association with altered MyoD expression and elevated apoptosis of undifferentiated muscle progenitor cells (Dong et al., 2006). RA signaling has also been implicated in directly regulating Pitx2 in embryonic eye development (Kumar and Duester, 2010) and it has been also shown that RA signaling and Pitx2 regulate CNCCs during zebrafish development (Chawla et al., 2016). Exogenous RA (bead implantation) in chick embryos impacts the expression of the myogenic markers Pitx2 and Tbx1 (Bothe et al., 2011). Furthermore, Retinoid X receptor (RXR) co-localizes with PITX2 in extraocular muscle cells (Hebert et al., 2017). Together with our results, this clearly shows that perturbed RA signaling results in downregulation of Pitx2 in BA1 and BA2, which in turn results in branchiomeric muscle defects. However, although muscles derived from BA1 are absent in Pitx2 mutants, the muscles derived from BA2 are merely distorted (Shih et al., 2007). To explain the severe defects in muscles derived from BA2 in our study in association with elevated RA signaling, we examined the premyoblast specification marker, Tbx1. Tbx1 mutants exhibit severe perturbation or absence of both BA1 and BA2 derived muscles (Kelly et al., 2004). Furthermore, Pitx2 and Tbx1 are known to be molecular partners that regulate parallel pathways of common target genes in craniofacial muscle development (Dong et al., 2006; Bothe et al., 2011; Braun and Gautel, 2011). Additionally, interactions between Tbx1 and RA signaling have been demonstrated in a mouse model of DiGeorge syndrome (Ryckebusch et al., 2010). Consistent with these findings, we observed a substantial reduction of Tbx1 expression in the mesodermal core of BA1 and BA2 in RA-treated embryos. Taken together, our results further support the conclusion that elevated RA signaling results in defects in the specification of undifferentiated muscle progenitor cells in BA1 and BA2, and thus contributes to the etiology of branchiomeric muscle malformation (Figure 5).
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FIGURE 5. Summary diagram. Excess RA signaling results in disrupted expression of Pitx2, Tbx1, MyoD1, and Islet1 (blue) in myogenic progenitors, and Dlx5/6 (yellow) in CNCCs, together with elevated muscle progenitor apoptosis, which contributes to branchiomeric muscle defects in BA1 and BA2.




RA-Induced Proximal Loss of Dlx5/6 Impacts Branchiomeric Muscle Development

Previous in vitro and in vivo studies showed that proper RA signaling is essential for normal NCC development (Lee et al., 1995; Niederreither et al., 2003; Wang et al., 2019). Furthermore, CNCCs surround mesoderm cells in BAs that give rise to myogenic progenitors (Trainor et al., 1994; Trainor and Tam, 1995), and these cellular interactions are crucial for branchiomeric muscle formation (Noden, 1983, 1986; Chai et al., 2000; Sambasivan et al., 2011). For instance, Dlx5-positive CNCCs have been reported to guide the migration of muscle progenitors derived from BAs (Sugii et al., 2017). Additionally, CNCCs induce cranial myogenic formation by secreting inhibitory factors of the BMP and WNT signaling pathways in the BAs of chick embryos (Tzahor et al., 2003). In the present study, Dlx5/6 expression was decreased in the proximal region of BA1 and BA2. The loss of Dlx5/6 is known to impact muscle patterning and differentiation during the later stages of branchiomeric muscle development, however, Dlx5/6 do not affect the expression of the myogenic specification markers (Heude et al., 2010). Taken together, these facts suggest that several mechanisms contribute to the branchiomeric muscle defects observed in the present study. Firstly, early branchiomeric muscle formation is inhibited by defects in CNCC development (Heude et al., 2010) and subsequent differentiation and patterning are affected by altered Dlx5/6 expression in BAs as a result of disturbed RA signaling. Failure of Dlx5/6 expression leads to intrinsic tongue and sublingual muscle defects and masticatory muscle defects (Heude et al., 2010). Interestingly, in our study, reduced proximal Dlx5/6 expression led to masticatory muscle progenitor cell defects, but intrinsic tongue and mylohyoid muscles, which derive from a different mesodermal source, were present. We speculate that elevated RA has a small effect on mesodermal precursors of those muscles at the stages and under the conditions we have investigated. Additionally, since muscle attachments to bone are critical for shaping bone during development, it is possible that absence of the muscles of mastication is one reason for retarded condylar and angular processes development in the mandibles RA-treated embryos.



Expression of Retinoic Acid Receptors in Developing Head With Disturbed RA Signaling

Retinoic acid receptors mediate RA signaling and thus play important roles in transducing RA signaling during embryonic development (Rhinn and Dolle, 2012). In the present study, we detected subtle differences in the expression of most RARs and RXRs between E11.0 control and RA-treated embryos, with the exception of RXRa, which showed reduced expression in the RA-treated group. These results indicated that daily administration of 25 mg/kg RA from E8.5 to E10.5 does not critically influence the expression of either RARs or RXRs during craniofacial development. In contrast, we detected a substantial diminishment in retinoic acid receptor expression in embryos in which RA signaling was reduced. There is a large degree of functional redundancy between retinoic acid receptors (Mark et al., 2009), hence, further investigations including genetic complementation experiments will be required to reveal the effects of altered expression of retinoic acid receptors on craniofacial muscle development.



MATERIALS AND METHODS


Animals and RA Administration

Pregnant female Institute of Cancer Research (ICR) mice (CLEA, Japan) were administered all-trans RA (25 mg/kg body weight) (Sigma-Aldrich) by oral gavage. All of the mice were housed with a 12 h dark-light cycle in which the light phase started from 8 a.m. RA (25 mg/ml in dimethylsulfoxide) was diluted 1/10 in corn oil just before use. Control animals were given the equivalent volume of the carrier. Oral gavage was performed once per day at gestation stages (from E8.5 to E10.5). Embryonic stage E0.5 was defined on the morning of vaginal plug confirmation. The approximate somite number in ICR mice at E8.5 was seven pairs.

Rdh10flox/flox and Cre-ERT2 mice were maintained and used as previously described (Sandell et al., 2007, 2012; Kurosaka et al., 2017). In order to eliminate RDH10 from developing embryos, Rdh10flox/flox female mice were crossed with Cre-ERT2:Rdh10flox/flox male mice followed by administration of tamoxifen at E7.0 as previously reported (Kurosaka et al., 2017). Cre-ERT2 mice carry the gene for Cre recombinase fused to the estrogen receptor T2 cassette inserted into the Rosa 26 locus (Ventura et al., 2007). Consequently, recombination takes place in a ubiquitous manner after administration of tamoxifen (Hayashi and McMahon, 2002). Rdh10flox/flox embryos were used as control samples throughout the study.

All animal experiments were performed in accordance with the guidelines of the Animal Care and Use Committee of the Osaka University Graduate School of Dentistry, Osaka, Japan. The committee on the ethics of animal experiments of the same university approved the study protocol (permit number: 26-028-0, 26-020-0).



Micro-CT

We used the R_ mCT2 system (Rigaku) with scanning parameters 50 kV, 200 μA to perform micro-CT. Scans were reconstructed and analyzed using 3D viewer and Volume Rendering Control software (Rigaku), according to standardized protocols.



Bone and Cartilage Staining

E18.5 embryos were skinned and eviscerated. The embryos were fixed in 100% ethanol overnight and then stained for 24 h with Alcian Blue (150 μg/ml in 20 ml of glacial acetic acid and 80 ml of 95% ethanol). After washing in 100% ethanol, soft tissues were dissolved in 2% KOH overnight and stained with Alizarin Red (50 μg/ml in 1% KOH) overnight. Stained embryos were kept in 20% glycerol/1% KOH until skeletons became clearly visible. Embryos were stored in 50% glycerol/50% water.



In situ Hybridization

Whole-mount and sectional in situ hybridization was performed as described with minor modifications using digoxigenin (DIG)-UTP (Roche)-labeled antisense RNA probes corresponding to the sequences of Myogenin, Pitx2, Tbx1, Myod1, Dlx5/6, Aldh1a2, Aldh1a3, Rara, Rarb, Rarg, Rxra, Rxrb, and Rxrg. Sequences used were previously reported in the Allen Brain Atlas1. For all in situ hybridization analyses, a minimum of three embryos of each sample were examined per probe.



Analysis of Apoptosis and Cell Proliferation

Analyses of apoptotic cells were performed using an in situ cell death detection kit (Roche) following the manufacturer’s instructions. For analyses of proliferation, samples were incubated with a mouse anti-pHH3 antibody (1:200, Millipore) at 4°C overnight followed by secondary Alexa-Fluor-488 donkey anti-mouse IgG (1:200, Invitrogen) for 6 h at room temperature for sections and overnight at 4°C for whole embryos. To label muscle progenitor cells in BA1 and BA2, sections were counterstained with a goat anti-Islet1 antibody (5 μg/ml, Abcam) at 4°C overnight, followed by secondary antibody (Alexa-Fluor-546 donkey anti-goat IgG, 1:200, Molecular Probes). Cells in at least five adjacent sections were counted in each assay. Statistical significance was assessed using Fisher’s exact test.
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Supplementary Figure 1 | Transmission electron microscope (TEM) image of intrinsic tongue muscles. TEM images of control (A) and RA treated (B) intrinsic tongue muscle at E13.5. Scale bars; 500 nm. MF, muscle fiber.

Supplementary Figure 2 | In situ hybridization of Myogenin in E13.0 head. Myogenin in situ hybridization for whole-mount in E13.0 Control (left) and Cre- ERT2:Rdh10flox/flox (Right) head. au, auricularis muscle; bu, buccinators muscle; ma, masseter muscle; te, temporalis muscle; zy, zygomaticus muscle.

Supplementary Figure 3 | In situ hybridization of Aldh1a2 and Aldh1a3 in E10.5 branchial arches. Whole mount in situ hybridization of Aldh1a2 and Aldh1a3 in E10.5 RA-treated and Cre Ert2;Rdh10flox/flox embryos. The labels on the left indicate the genes whose expression was examined and the labels on the top indicate the condition of the sample treatments.

Supplementary Figure 4 | In situ hybridization of Retinoic acid receptors (Rars and Rxrs) in E10.5 branchial arches. Whole mount in situ hybridization of Rara, Rarb, Rarg, Rxra, Rxrb, and Rxrg in RA-treated and CreErt2;Rdh10flox/flox embryos. Labels on the left indicate the genes whose expression was examined and labels on the top indicate the condition of the sample treatments. Asterisks indicate the position where different expression profiles could be detected among comparable samples.
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Mutations in RAC1 allele are implicated in multiple brain tumors, indicating a rigorous control of Rac1 activity is required for neural tissue normal development and homeostasis. To understand how elevated Rac1 activity affects neural crest cells (NCCs) development, we have generated Rac1CA;Wnt1-Cre2 mice, in which a constitutively active Rac1G12V mutant is expressed specifically in NCCs derivatives. Our results revealed that augmented Rac1 activity leads to enlarged midbrain and altered cell density, accompanied by increased NCCs proliferation rate and misrouted cell migration. Interestingly, our experimental data also showed that elevated Rac1 activity in NCCs disrupts regionalization of dopaminergic neuron progenitors in the ventral midbrain and impairs their differentiation. These findings shed light on the mechanisms of RAC1 mutation correlated brain tumor at the cellular and molecular level.
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INTRODUCTION

Small GTPases are essential for embryonic development and homeostasis. Ras-related C3 botulinum toxin substrate 1 (Rac1), which encodes a small GTPase of the Ras superfamily, is implicated in multiple processes including actin cytoskeleton rearrangement, cell migration, and cell cycle progression (Didsbury et al., 1989; Ridley, 2001; Wittmann et al., 2003; Hall, 2005; Bosco et al., 2009; Hua et al., 2015). In cells, Rac1 protein shuttles between two states, the GTP-bound active state and GDP-bound inactive form. Formation of Rac1-GTP is catalyzed by guanine exchange factors (GEFs), which facilitate exchange of GDP for GTP (Rossman et al., 2005). On the other hand, Rac1-GTP can be inactivated by GTPase activating proteins (GAPs), which hydrolyze Rac1 bound GTP to GDP (Jaffe and Hall, 2005). GEFs and GAPs recognize and bind to specific amino acids of Rac1 and modulate its activity. Mutation in these amino acids causes deregulated Rac1 activity. For example, G12V mutation of Rac1 impairs its interaction with GAP, and causes its constitutive activation in a Rac1-GTP form (Kobayashi et al., 1998). Mutation in RAC1 and its regulators have been implicated in abnormal development and tumorigenesis (Khalil and El-Sibai, 2012). In brain tumors, multiple mutations in RAC1 putative effector domain have been identified (Hwang et al., 2004), suggesting a correlation between excessive RAC1 activity and brain tumorigenesis and abnormal development. However, the mechanisms underlying excessive Rac1 activity in regulation of neuronal tissues and brain development have not been fully elucidated.

Neural crest cells (NCCs) are a unique cell population characterized by their transient, highly migratory, and multi-potent features (Le Douarin and Kalcheim, 1999). Originated as ectodermal cells at the border of the neural plate at the dorsal neural tube, NCCs undergo epithelial to mesenchymal transition (EMT), then migrate to the ventral destinations. Lineage tracing studies demonstrate that NCCs give rise to a broad range of cell types in craniofacial and cardiovascular tissues (Chai et al., 2000; Jiang et al., 2000, 2002; Yoshida et al., 2008). NCCs derivatives are also identified in the developing midbrain (Jiang et al., 2002; Lewis et al., 2013). Neural crest development is subject to rigorous genetic control (Simões-Costa and Bronner, 2015; Bronner and Simões-Costa, 2016). While Rac1 is required for all three germ layers formation, as Rac1 null mutant mice die at embryonic day (E) 9.5 (Sugihara et al., 1998), tissue-specific inactivation in mice identified an important role for Rac1 in neural crest development. Wnt1Cre mediated Rac1 deletion in NCCs causes embryonic lethality at E12.5 with severe midfacial clefting and cardiovascular malformation (Fuchs et al., 2009; Thomas et al., 2010). We have reported that chemical inhibition of Rac1 activity represses NCCs proliferation and migration in neural crest explant culture (He and Soriano, 2013). Together, these studies demonstrated that Rac1 is essential for NCCs development using loss-of-function models.

At the onset of midbrain development, NCCs derived cells are detected at the midbrain-hindbrain boundary, in close proximity to the ventral midbrain dopaminergic neurons (mDA). The mDA differentiation is well documented and can be divided into three stages. First, the mDA precursors are induced within the neuroepithelium and express Shh, Wnt1, and other midbrain regionalization markers at E8.5–10.5. Next, these mDA progenitors undergo differentiation characterized by the expression of neurogenin-2 (Ngn2) and nuclear receptor related 1 (Nurr1) between E10.5 and E12.5. Finally, mDA undergo terminal differentiation and are characterized by the expression of tyrosine hydroxylase (TH) at E12.5 (Prakash and Wurst, 2006a,b; Gale and Li, 2008; Lewis et al., 2013). Previous studies also showed that Rac1 is implicated in dopaminergic neuron development (Čajánek et al., 2013; Hua et al., 2015; Kim et al., 2018). However, whether augmented Rac1 activity affects mDA development has not been elucidated.

To understand how augmented Rac1 activity affects NCCs and midbrain development, we have generated Rac1CA;Wnt1-Cre2 mice, which express Rac1G12V specifically in NCCs derivatives (Srinivasan et al., 2009; Lewis et al., 2013). Our data showed that Rac1CA;Wnt1-Cre2 can survive to adulthood with enlarged midbrain. Histological analysis revealed that cell density and organization are altered in the mutant midbrain. At the cellular level, the mutant NCCs exhibit increased proliferation rate and abnormal migration patterns. Interestingly, we have identified dramatic loss of mDA and likely impaired neuronal differentiation in the mutant ventral midbrain. These findings, together with the results from previous studies using loss-of-function models, provide a comprehensive view of Rac1 regulation on NCCs and mDA development.



MATERIALS AND METHODS


Animals

All animal experimentation was approved by the Institutional Animal Care and Use Committee of Tulane University. Rosa26-LSL-Rac1G12V (Srinivasan et al., 2009), referred to as Rac1CA and B6.Cg-E2f1Tg(Wnt1–cre)2Sor/J (Lewis et al., 2013), referred to as Wnt1-Cre2, are maintained on a C57BL6/J129 mixed genetic background. For embryo collection, noon of the day when vaginal plug was found in the mating female was defined as E0.5. In all the experiment, genotyped Wnt1-Cre2 transgenic littermates were used as control.



Histology

Staged embryos were dissected in PBS, and fixed in 4% paraformaldehyde (PFA) in PBS at 4°C. Following overnight fixation, the embryos were dehydrated by gradient ethanol washes and were embedded in paraffin. Samples were sectioned at 10 μm and subjected to standard Hematoxylin/Eosin staining and histological analysis as described (Dong et al., 2019).



BrdU Labeling

For mouse embryos, BrdU/PBS solution was administered by IP injection into pregnant females at 5 mg/100 g body weight. 1 h later, embryos were dissected and fixed in 4% paraformaldehyde (PFA) overnight at 4°C. Samples were then dehydrated and embedded in paraffin. Immunostaining was performed on 10 μm coronal sections according to standard protocols using anti-BrdU antibody (1:400, Novus, NBP2-14890) and Alexa Fluor 594 goat anti-rabbit IgG secondary antibody (1:500, Invitrogen, A11012). Sections were counterstained with DAPI to facilitate quantification. BrdU positive cells were quantified and the data were analyzed using ImageJ (Rueden et al., 2017). For quantification, the value in Y axis was shown as the ration of number of positive cells against the total nuclei in the defined area. Statistical analysis was performed on data collected from three consecutive sections from each of four to five independent experiments. Statistical data are presented as mean value ± SEM and subjected to double tailed Student’s t-tests.



In situ Hybridization and Immunohistochemistry

Section In situ hybridization on paraffin sections was carried out as described previously (Bartoletti et al., 2020). A 820 bp of Ngn2 cDNA fragment was amplified using primers 5- GCCCTTCTCCACCTTCCT-3 and 5-GAAGGGCGGGACAATAGG-3, 967 bp of Nurr1 cDNA fragment using primers 5-CGTAGCATCACCACGGACTT-3 and 5-GGCATCATCTCCTCGGACTG-3, a 520 bp of TH cDNA fragment using primers 5- GTCGGGTGTCTGACGATGTG-3 and 5-TGGCTCGGGTGAGTGCATA, and a 650 bp Shh probe (Echelard et al., 1993) were generated by PCR.

Whole-mount in situ hybridization was performed as previously described (He and Soriano, 2013). Briefly, E9.5 embryos were dissected in ice cold PBS and fixed in 4% PFA/PBS overnight. Following gradient washes, the embryos were dehydrated to 100% methanol, and were bleached in methanol: 30% hydrogen peroxide (4:1) solution at room temperature for 1 h. The embryos were then rinsed with PBT (PBS + 0.1% Tween-20) followed by treatment with proteinase K (10 μg/ml) in PBT at room temperature for 10 min. Subsequently, the embryos were washed with 2 mg/ml glycine in PBT, fixed with 4% PFA/PBS for 20 min, and washed in PBT twice for 5 min each time. Following wash in prehybridization buffer for 1 h at 65°C, the embryos were incubated overnight in hybridization buffer with denatured RNA probe (1 μg/mL in hybridization buffer) at 65°C. Post- hybridization washes were performed followed by incubation with 10% normal sheep serum for 1 h at room temperature, and anti-digoxigenin antibody/1% sheep serum (1:2000) at 4°C overnight. The embryos were subjected to post-antibody washes followed by color development.

For immunohistochemistry, samples were sectioned at 10 μm and subjected to standard protocols using anti-Rac1-GTP antibody (1:500, NewEast Bio, 26903), anti-cleaved caspase 3 antibody (1:500, Cell Signaling Technology, 9664), anti-TH antibody (1:1000, Millipore, AB152), and Alexa Fluor 594 goat anti-rabbit IgG secondary antibody (1:500, Invitrogen, A11012). For whole-mount immunostaining, E10.5 embryos were dissected and fixed with 4% PFA/PBS overnight. The embryos were then rinsed with PBS three times followed by wash with 0.1% Triton X-100. Following blocking in 5% normal goat serum for 1 h at room temperature, the samples were treated with anti-neurofilament-L (1:500, Cell Signaling Technology, C28E10) for 2 days at 4°C. The immunofluorescence signal was developed with Alexa Fluor 594 goat anti-rabbit IgG secondary antibody (1:500, Invitrogen, A11012). The embryos were then dehydrated with 100% MeOH and cleared with BABB solution (benzyl alcohol: benzyl benzoate at a ratio of 1:2) for imaging.




RESULTS


Generation of Rac1CA;Wnt1-Cre2 Mice and Validation of Rac1 Activity Augmentation in NCCs Derivatives

To examine the role of increased Rac1 activity in NCCs development, Rac1CA has been crossed to Wnt1-Cre2 to generate Rac1CA;Wnt1-Cre2 mice (Srinivasan et al., 2009; Lewis et al., 2013). First we examined the expression pattern of Rac1CA in the mutant. The Rac1CA knock-in line was generated using ROSA26 allele harboring sequentially a loxP-flanked STOP cassette, Rac1G12V cDNA and IRES-EGFP. When crossed to a Cre line and successful recombination, Rac1G12V cDNA and IRES-EGFP will be expressed coincidentally in cells expressing Cre (Srinivasan et al., 2009). In Rac1CA;Wnt1-Cre2 mice, we have identified EGFP expression in Rac1CA;Wnt1-Cre2 embryos in the craniofacial mesenchyme, midbrain, and dorsal neural tube at both E10.5 and E13.5 (Figures 1A–F, n = 5 at each stage), in a pattern recapitulated by Wnt1-Cre2 triggered reporter expression in NCC derived cells (Lewis et al., 2013). Rac1-GTP overexpression is further validated by immunostaining in the sections across the midbrain of E13.5 Rac1CA;Wnt1-Cre2 embryo (Figures 1G,H) at level indicated in Figure 1I. These results demonstrated successful expression of Rac1CA in NCCs derived cells in the mutant mice.
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FIGURE 1. Validation of augmented Rac1 activity in Rac1CA;Wnt1-Cre2 embryos. (A–D) Whole-mount view of the control (A,C) and Rac1CA;Wnt1-Cre2 (B,D) embryo at E10.5 (A,B) and E13.5 (C,D). (E,F) Immunostaining with anti-GFP antibody (green) on coronal sections of the control (E) and Rac1CA;Wnt1-Cre2 (F) at the level of ventral midbrain at E13.5. Slides are counterstained with DAPI (blue). (G,H) Co-immunostaining with anti-Rac1-GTP antibody (red) and anti-GFP antibody (green) on coronal sections of E13.5 littermate control (G) and Rac1CA;Wnt1-Cre2 (H) at the level of ventral midbrain. Slides are counterstained with DAPI (blue). Red arrows point to overlapped expression of EGFP and Rac1-GTP. (I) Illustration of the embryo orientation and section level in figure and following figures. Scale bar in A–D, 1 mm. Scale bar in E–H, 10 μm.




Histological Analysis of Rac1CA;Wnt1-Cre2

Next, we analyzed the phenotype of the Rac1CA;Wnt1-Cre2 mice. We found that two out of six mutant mice survived beyond P20, and both showed an enlarged head. To examine the midbrain phenotype, we have collected and analyzed mutant embryos at stages from E9.5 through P5. The mutant embryos are comparable to the control littermates at E9.5 (data not shown) and E10.5 (Figures 2A,B, n = 5). Morphological difference was first observed at E11.5, and the mutant embryo exhibit a “bulge” at the junction of forebrain and midbrain (Figures 2C,D, n = 4). This phenotype is observed throughout E13.5 (Figures 2E,F, n = 5) and later stages. At P5, the whole brain tissue of the mutants is enlarged compared to the controls (Figures 2G,H, n = 7). Hematoxylin and Eosin (H.E.) staining on cross sections at the level of midbrain confirmed that the mutant midbrain is enlarged at above stages (Figures 3A–H). Statistical analysis revealed that at P5, the mutant midbrain area is 1.42 ± 0.08 fold of the control (Figure 3I, p < 0.01, n = 5). Such a change in brain size indicates alteration of cell density or cell numbers, or a combination of both. To answer this question, we have quantified the cell density of the mutant midbrain and the littermate control. Statistical analysis results showed that the cell density of the mutant midbrain increased to 1.56 ± 0.09 fold (p < 0.01) of the control at E10.5 (n = 4), to 0.73 ± 0.06 fold (p < 0.01) of the control at E13.5 (n = 4) and decreased to 0.69 ± 0.03 fold of the control at P5 (n = 5) (Figures 4A–G). These results suggest that expression of Rac1G12V in neural crest might altered cell proliferation rate and survival in the mutant.
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FIGURE 2. Dysregulated Rac1 activity leads to abnormal neural crest development and midbrain malformation. (A–F) Lateral view of the control (A,C,E) and Rac1CA;Wnt1-Cre2 (B,D,F) embryos at E10.5 (A,B), E11.5 (C,D), and E13.5 (E,F). Red arrows in B,D,F point to the midbrain of the mutant. (G,H) Whole-mount view of P5 brain of the littermate control (G) and Rac1CA;Wnt1-Cre2 (H). Scale bar in A–H, 1 mm.
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FIGURE 3. Histological analysis of Rac1CA;Wnt1-Cre2 embryos. (A–H) H.E. staining on coronal sections of littermate control (A,C,E,G) and Rac1CA;Wnt1-Cre2 (B,D,F,H) at E10.5 (A,B), E11.5 (C,D), E13.5 (E,F), and P5 (G,H) at midbrain level. (I) Scatter plot of statistical analysis of midbrain area (outlined by green dots) quantified in (G,H). Scale bar in A–H, 200 μm. HY, hypothalamus; T, thalamus.
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FIGURE 4. Rac1CA;Wnt1-Cre2 mice exhibit altered cell density in ventral midbrain. (A–C) Grayscale conversion of DAPI staining on coronal sections of littermate control midbrain (A,C) and that of Rac1CA;Wnt1-Cre2 (B,D) at E10.5 (A,B) and E13.5 (C,D). Ventral midbrain tissue defined in green rectangles are used for quantification and statistical analysis. (E,F) Grayscale conversion of H.E. staining on coronal sections of littermate control midbrain (E) and that of Rac1CA;Wnt1-Cre2 (F) at P5. (G) Quantification and statistical analysis of cell density in A–F. Scale bar in A–D, 50 μm. Scale bar in E,F, 200 μm.




Analysis of Cell Proliferation Rate and Apoptosis in Rac1CA;Wnt1-Cre2 Midbrain

To examine the role of augmented Rac1 activity in midbrain development at the cellular level, we have assayed cell proliferation rate using BrdU labeling and apoptosis using immunostaining with anti-cleaved caspase 3 antibody, respectively. Statistical analysis revealed a significant increased cell proliferation rate in mutant midbrain cells at E10.5 (Figures 5A,A’,B,B’,E; 1.54 ± 0.18 fold, p < 0.01, n = 4) and at E13.5 (Figures 5C,C’,D,D’,E; 3.13 ± 0.42 fold, p < 0.01, n = 4). On the other hand, we did not observe significant change in the ratio of apoptotic cells in the mutant compared to that in the control (Figures 5F–J) at either E10.5 (1.32 ± 0.55 fold, p > 0.05, n = 4) or at E13.5 (1.59 ± 0.56 fold, p > 0.05, n = 4). These data demonstrated that Rac1 constitutive activation promotes cell proliferation in the NCCs derived midbrain cells but does not affect apoptosis.
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FIGURE 5. Analysis of cell proliferation and apoptosis of Rac1CA;Wnt1-Cre2. (A–D) BrdU labeling (red) on coronal sections of midbrain in littermate control (A,C) and Rac1CA;Wnt1-Cre2 (B,D) at E10.5 (A,B) and at E13.5 (C,D). Insets A’–D’ are magnification of defined areas in A–D. (E) Statistical analysis of quantification results in A–D. (F–I) Immunostaining using anti-cleaved caspase 3 antibody (red) on coronal sections of midbrain in littermate control (F,H) and Rac1CA;Wnt1-Cre2 (G,I) at E10.5 (F,G) and at E13.5 (H,I). Insets F’–I’ are magnification of defined areas in F–I. Red arrows point to cells expressing cleaved caspase 3. (J) Statistical analysis of quantification results in F–I. Cells in ventral midbrain (green rectangles in A–D,F–I) are quantified and used for statistical analysis. Scale bar in A–I, 10 μm.




Augmented Rac1 Activity Alters NCCs Migration in vivo

Rac1 is an essential regulator of cell migration. Previous studies have shown that Rac1 deficiency impairs normal NCCs migration (Fort et al., 2011; He and Soriano, 2013). To examine the potential effect of excessive Rac1 activity on NCCs migration, we carried out whole-mount in situ hybridization with anti-Sox10 mRNA probe. Our results revealed reduced Sox10 expression in the mutant midbrain, hindbrain, and prospective trigeminal ganglia (Figures 6A,B, n = 3). To further identify the migrating routes and patterning of neural crest cells in vivo, we have performed immunostaining using anti-neurofilament-L antibody, which labels NCCs derived neurofilament (Nie et al., 2018). At E10.5, whole-mount staining results revealed decreased intensity of neurofilament expression in mutant midbrain region (blank arrows in Figures 6C,D, n = 7). These results are in line with the whole-mount in situ hybridization data, and both support the notion that constitutive activation of Rac1 decreases neural crest cells population at their original destination. In addition, the immunostaining result also showed altered neurofilament expression pattern in mutant pharyngeal arches (green arrows in Figures 6C,D). Sections of these embryos confirmed that in the mutant embryos, the neurofilament-L staining is decreased in the roof of brain (blank arrows in Figures 6G,H) and adjacent tissues (blank arrows in Figures 6I,J), as well as the alteration of its expression pattern in the mutant embryos (green arrows in Figures 6K,L). These results demonstrated that expression of Rac1G12V alters NCCs migration pattern, and a finely tuned Rac1 activity is required for normal NCCs migration.
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FIGURE 6. Augmented Rac1 activity alters neural crest cell migration in vivo. (A,B) Whole-mount in situ hybridization with Sox10 antisense mRNA probe in E10.5 littermate control (A) and Rac1CA;Wnt1-Cre2 (B) embryos. Arrows point to counterparts in both embryos, where Sox10 expression is altered in the mutant. (C,D) Whole-mount immunostaining using anti-neurofilament L antibody of E10.5 littermate control (C) and Rac1CA;Wnt1-Cre2 (D) embryos. Blank arrows point to midbrain. Green arrows point to neurofilament in pharyngeal arch (PA) 2. (E,F) Diagram shows section levels in C,D, as illustrated in G–L. (G–L) Coronal sections of C,D at comparable levels illustrated in E,F. Blank arrows in H,J point to reduced neurofilament L expression in the mutant compared to that in G,I, respectively. Green arrow in L points to misguided NCCs expressing neurofilament in mutant PA3 when compared to the counterpart tissues in the control PA3 shown in K.




Expression of Rac1CA Disrupts mDA Progenitor Domain and Neuronal Differentiation in Ventral Midbrain

While Rac1 is known to be essential for mDA differentiation (Čajánek et al., 2013; Hua et al., 2015; Kim et al., 2018), it remains unclear whether or how augmented Rac1 activity affects mDA development. To address this question, we have examined expression of the key markers of mDA differentiation in the ventral midbrain of Rac1CA;Wnt1-Cre2 mice and controls. In the control embryos, in situ hybridization results show that Shh is expressed in the ventral midbrain (arrow in Figure 7A) and lateral midbrain at E11.5. At this stage, expression of Ngn2, Nurr1, and low level of TH, are also detected in the ventral midbrain (Figures 7C,I,O), showing that most mDA are at progenitor stage. Compared to the control, the mutant embryos exhibit decreased expression of Shh, Ngn2, and Nurr1 at the ventral midbrain (arrow in Figures 7B,D,J), suggesting fewer mDA progenitors are generated in the mutant embryos. At E12.5, control embryos showed expression of Ngn2 and Nurr1 in the ventral midbrain (arrow in Figures 7E,K), and TH expression emerges at the same location (arrow in Figure 7Q), demonstrating that some mDA already undergo terminal differentiation at this stage. In the mutant embryos, Ngn2 expression is barely detected in the ventral midbrain (arrow Figure 7F). Expression of Nurr1 and TH is detected in the mutant, but in a more restricted domain compared to that in the control (arrow in Figures 7L,R). At E13.5, expression of Ngn2 and Nurr1 is mostly restricted to the midline in the control embryos, while TH expression is detected broadly in the ventral midbrain neurons, indicating most mDA reach terminal differentiation (Figures 7G,M,S). In contrast, in the mutant embryos, expression level of these markers is decreased and their expression becomes restricted to a narrow area at the midline (Figures 7H,N,T). Importantly, TH expression in the ventral midbrain, away from the midline progenitor domain, is greatly reduced in mutants compared to controls indicating that only a few TH+ differentiated mDA reach their destination in the mutants. These data suggest augmented Rac1 activity impairs mDA progenitor formation and differentiation in vivo. Together our results indicate that a rigorous control of Rac1 activity is required to ensure normal NCCs and mDA development.
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FIGURE 7. Elevated Rac1 activity disrupts mDA differentiation in ventral midbrain. (A,B) In situ hybridization with Shh antisense probe on coronal sections of E11.5 littermate control and Rac1CA;Wnt1-Cre2 embryo. Arrows point to ventral midbrain. (C–T) In situ hybridization with antisense probes of Ngn2 (C–H), Nurr1 (I–N), and TH (O–T) on coronal sections of littermate control and Rac1CA;Wnt1-Cre2 embryos at E11.5, E12.5, and E13.5, respectively. Arrows point to ventral midbrain. Positive signals in G,H,M,N,S,T are encompassed with red dashed line. Scale bar in A–T, 200 μm.





DISCUSSION

Rac1 plays an important role in development and homeostasis. While multiple mutations in RAC1 allele have been correlated to tumorigenesis, it remains unclear whether elevated Rac1 activity affects embryonic development. In this study, the generation of Rac1CA;Wnt1-Cre2 mice enables evaluation of elevated Rac1 activity on NCCs development in vivo. Our results show that Rac1CA;Wnt1-Cre2 mice exhibit increased proliferation rate, altered cell density, and migration pattern of NCCs. In addition, expression of constitutive active Rac1 also disrupts normal mDA precursor regionalization and neuronal differentiation in the ventral midbrain. These findings demonstrate a rigorous control of Rac1 activity is required for normal NCCs development.

Rac1 regulates multiple cell processes during mouse development, and its regulation seems to be cell context-dependent. Rac1 null mutant mice die by E9.5, accompanied by ectopic cell death and disrupted germ layers (Sugihara et al., 1998). Wnt1Cre mediated NCCs specific Rac1 depletion causes embryonic lethality at E12.5, and the conditional knockout embryos exhibit severe mid-facial clefting and cardiovascular malformation (Fuchs et al., 2009; Thomas et al., 2010). While both groups reported attenuated cell proliferation rate in the conditional knockout mice NCCs, ectopic cell death was not observed in both studies, indicating that Rac1 is essential for cell proliferation and normal cell cycle progress of NCCs. In line with these findings, our previous study also revealed chemical inhibition of Rac1 activity represses NCCs proliferation in explant culture (He and Soriano, 2013). In the present study, our results show that expression of Rac1G12V, a constitutive active form of Rac1, increases cell proliferation rate in ventral midbrain (Figures 5A–E). Together these data support the notion that Rac1 is a positive regulator of NCCs proliferation in both loss-of-function and gain-of-function mouse models. Interestingly, although Rac1 NCCs conditional knockout mice exhibit severe craniofacial and cardiovascular defects, NCCs migration was not affected (Fuchs et al., 2009; Thomas et al., 2010). On the other hand, it is observed that NCCs migration pattern, represented by neurofilament L expression, was altered in Rac1CA;Wnt1-Cre2 embryos (Figure 6). These results indicate Rac1 is not required for NCC migration, but ectopic Rac1 activity disrupts NCCs derivative patterning in vivo.

Our results revealed that increased Rac1 activity in NCCs causes disrupted mDA development in the ventral midbrain (Figure 7), suggesting two potential mechanisms of Rac1 regulation in mDA development. In the first scenario, dysregulated Rac1 activity might affect mDA differentiation in an autonomous manner. This model is supported by previous studies showing that Wnt5a engaged Rac1 activity is required to maintain TH expression of mDA (Andersson et al., 2008; Čajánek et al., 2013). However, it has not been tested whether increased Rac1 activity affects TH expression or mDA differentiation. In the second model, Rac1 activation might lead to extended maintenance of mDA-incompetent domain. This model is supported by multiple lines of evidence. First, we showed increased cell proliferation rate and decreased expression of markers of mDA progenitors in ventral midbrain of Rac1CA;Wnt1-Cre2 mutant (Figures 5, 7). These data indicate a change of mDA progenitor domain in the mutant. This is likely because our data show that neurofilament L+ neurons are actually misrouted in the mutant embryos (Figure 6). In addition, the midbrain phenotype of Rac1CA;Wnt1-Cre2 is strikingly consistent with that of Wnt1-CreTg/Tg, which misexpresses a truncated but functional Wnt1 mRNA in the midbrain (Lewis et al., 2013). Both models exhibit enlarged midbrain phenotype, accompanied by increased cell proliferation and disrupted mDA differentiation. In addition, Tiam1, which encodes a GEF activating Rac1 specifically, is an established Wnt responsive gene (Malliri et al., 2006). It is thus likely that a Wnt1/Tiam1/Rac1 axis promotes cell proliferation rate and expansion of the mDA-incompetent domain and disrupted normal midbrain development and mDA differentiation. It would be interesting to test whether Tiam1 expression and Rac1 activity increases in Wnt1-CreTg/Tg ventral midbrain, and whether Rac1-GTP and TH are co-localized in the differentiating mDA. To this end, we have carried out double immunostaining using anti-TH antibody and anti-Rac1-GTP antibody in the ventral midbrain of the control and mutant embryos. We found the mutant ventral midbrain exhibit increased expression of Rac1-GTP and dramatic decrease of TH expression (Figures 8A–F). However, there is only few cells co-incidentally express both proteins. This result support the notion that neural crest expressed Rac1G12V regulates mDA differentiation in a non-autonomous manner.


[image: image]

FIGURE 8. Neural crest driven Rac1G12V expression regulates mDA differentiation in a non-autonomous manner. (A,B) Immunostaining with anti Rac1-GTP antibody (green) on coronal sections of E13.5 littermate control and Rac1CA;Wnt1-Cre2 embryo at the midbrain level. (C,D) Immunostaining with anti TH antibody (red) on same sections of A,B. (E,F) Merged images of A–D with DAPI staining (blue). Blank arrows point to cells express both TH and Rac1-GTP.


In summary, we presented an in vivo model to study augmented Rac1 activity in midbrain morphogenesis and mDA development, and our data show that elevated Rac1 activity alters NCCs proliferation and migration pattern, as well as mDA differentiation in the ventral midbrain. These findings shed light on the mechanisms underlying brain tumors correlated with mutations in RAC1 allele.
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Noggin Overexpression Impairs the Development of Muscles, Tendons, and Aponeurosis in Soft Palates by Disrupting BMP-Smad and Shh-Gli1 Signaling
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The roles of bone morphogenetic protein (BMP) signaling in palatogenesis were well documented in the developing hard palate; however, little is known about how BMP signaling regulates the development of soft palate. In this study, we overexpressed Noggin transgene via Osr2-creKI allele to suppress BMP signaling in the developing soft palate. We found that BMP-Smad signaling was detected in the palatal muscles and surrounding mesenchyme. When BMP-Smad signaling was suppressed by the overexpressed Noggin, the soft palatal shelves were reduced in size with the hypoplastic muscles and the extroversive hypophosphatasia (HPP). The downregulated cell proliferation and survival in the Osr2-creKI;pMes-Noggin soft palates were suggested to result from the repressed Shh transcription and Gli1 activity, implicating that the BMP-Shh-Gli1 network played a similar role in soft palate development as in the hard palate. The downregulated Sox9, Tenascin-C (TnC), and Col1 expression in Osr2-creKI;pMes-Noggin soft palate indicated the impaired differentiation of the aponeurosis and tendons, which was suggested to result in the hypoplasia of palatal muscles. Intriguingly, in the Myf5-creKI;pMes-Noggin and the Myf5-creKI;Rosa26R-DTA soft palates, the hypoplastic or abrogated muscles affected little the fusion of soft palate. Although the Scx, Tnc, and Co1 transcription was significantly repressed in the tenogenic mesenchyme of the Myf5-creKI;pMes-Noggin soft palate, the Sox9 expression, and the Tnc and Col1 transcription in aponeurosis mesenchyme were almost unaffected. It implicated that the fusion of soft palate was controlled by the mesenchymal clues at the tensor veli palatini (TVP) and levator veli palatini (LVP) levels, but by the myogenic components at the palatopharyngeus (PLP) level.

Keywords: palatogenesis, cleft soft palate, BMP signaling, aponeurosis, myogenesis


INTRODUCTION

The secondary palate of mammals is composed of the hard palate occupying the anterior two-thirds of the entire palate and the soft palates in the posterior one-third of palate (Bush and Jiang, 2012). The developing hard palate is constituted by the covering epithelium that originated from surface ectoderm and the mesenchyme derived from cranial neural crest (Bush and Jiang, 2012; Li et al., 2017). In contrast, the soft palate contains not only the covering epithelium and neural crest-derived mesenchyme differentiating into tendons and other irregular connective tissues (Nassari et al., 2017), but also the myoblasts that originated from the mesoderm-derived branchiomeric mesenchyme (Li et al., 2019). There are five muscles in the human soft palate: tensor veli palatini (TVP), levator veli palatini (LVP), palatoglossus (PLG), palatopharyngeus (PLP), and musculus uvulae. Except musculus uvulae, the other four pairs of muscles attach to the palatine aponeurosis, a fan-like fibrous structure connecting the posterior board of the hard palate (Grimaldi et al., 2015; Li et al., 2019). Despite the absence of musculus uvulae, the anatomy of soft palate in mouse is similar to that in humans (Grimaldi et al., 2015; Li et al., 2019).

The molecular regulatory networks in the anterior and posterior palatal shelves were distinguishable from each other and have been well studied (Li et al., 2017). However, the molecular mechanisms involved in soft palate development were still poorly understood, which could be attributed to the limited animal models recapitulating the cleft soft palate in humans (Li et al., 2019). Additionally, in most previous studies, the posterior palate referred to the most posterior margin of the hard palate, which overlapped the presumptive TVP level, but ignored the LVP and PLP levels of soft palate (Li et al., 2017). Thus, not only the molecular mechanisms controlling the connective tissue formation and myogenesis in soft palate, but also the association of palatal myogenesis and tenogenesis with the morphogenesis of soft palate remains unknown.

Recently, Wnt, FGF, and Hh signaling pathways were reported to be activated in the mesenchyme surrounding the myofibers in the developing soft palate, implicating that these signaling pathways were also critical in the tenogenesis in soft palate (Sugii et al., 2017; Janečková et al., 2019). A previous study found that in the developing mouse soft palate, the epithelial TGFβ signaling repressed Dkk1 and Dkk4 transcription in palatal epithelium to maintain the canonical Wnt signaling in the mesenchyme of soft palate (Iwata et al., 2014). Inactivation of Tgfbr2 in epithelium disrupted the muscle patterning in soft palate by suppressing mesenchymal canonical Wnt signaling (Iwata et al., 2014). Since the tendons in soft palate predominantly originated from mesenchyme (Nassari et al., 2017), this report implied that the epithelial TGFβ signaling controlled muscle patterning by regulating tendon development (Huang et al., 2013).

Previous studies demonstrated that bone morphogenetic proteins (BMPs) play critical roles during palatogenesis. In the developing mouse palates, Bmp2 and Bmp4 were expressed in the anterior palate at E13.5 (Zhang et al., 2002) and activated Bmpr1a in the anterior palatal mesenchyme (Lu et al., 2011). Bmp4 and its downstream target, Msx1, maintained Shh transcription in the anterior palatal epithelium, which was required for the cell proliferation in the underlying mesenchyme (Zhang et al., 2002). Inactivation of Bmpr1a with Wnt1-cre or Osr2-cre suppressed cell proliferation in the anterior palate (Baek et al., 2011; Lu et al., 2011). From E14.5 to E16.5, Bmpr1a was activated in the medial mesenchyme of the posterior palates (Lu et al., 2011), which coincided with the phosphorylated Smad1/5/8 domain (He et al., 2010). Combined with the compromised osteogenesis in the Osr2-cre;Smad4f/f mouse palatine (Parada et al., 2013), these results strongly suggested the indispensable role of BMP-Smad signaling in the osteogenesis of the presumptive palatine. Furthermore, our latest study showed that the suppression on BMP-Smad signaling by overexpressing Noggin impaired the osteogenesis of the hard palate in mice by inhibiting osteogenic differentiation in the palatal mesenchyme (Li et al., 2021).

The latest study reported that Bmp3 and Bmp7 were activated in the most posterior part of palate at E13.5 (Fu et al., 2017), which suggested an involvement of BMP-Smad signaling in the development of soft palate. To examine whether the mesenchymal BMP signaling contributes to the development of soft palate, we investigate the development of the soft palate in Osr2-creKI;pMes-Noggin mouse embryos. Since the Osr2-creKI;pMes-Noggin mouse embryos suffer from a complete cleft palate, to exclude the possibility that the cleft in the soft palate was secondary to the cleft in the hard palate, we focused on the primary defects in the cell survival, connective tissue formation, and myogenesis in the soft palate of Osr2-creKI;pMes-Noggin mouse embryos.



MATERIALS AND METHODS


Mouse Lines

All the Osr2-creKI (Chen et al., 2009), pMes-Noggin (Xiong et al., 2009), Myf5-cre (Stock No. 007893), Rosa26R-mT/mG (Stock No. 007676), and Rosa26R-DTA (Stock No. 009669) mice used in this study were bred in the Specific Pathogenic Free System of the Institute of Genome Engineered Animal Models for Human Diseases at Dalian Medical University by strictly following the Guide for the Care and Use of Laboratory Animals of Dalian Medical University. Genotyping were performed as the previous description (Chen et al., 2009; Xiong et al., 2009) or following Jackson Lab’s instructions. To get the timed pregnant mice, mating of the female mice to male mice were started from 8:00 p.m. until 8:00 a.m. The morning detection vaginal plug was recorded as E0.5. The timed pregnant female mice were sacrificed by cervical dislocation after CO2 anesthesia to collect the embryos.



Cryostat Section

The E16.5 Osr2-creKI;Rosa26R-mT/mG mouse heads were fixed with a mixture containing 4% paraformaldehyde (PFA) and 15% sucrose overnight at 4°C. Then, the heads were dehydrated in 30% sucrose and embedded in optimum cutting temperature (O.C.T.) compound (Tissue-Tek, Sakura® Finetek, VWR, Torrance, CA, United States) for 10-μm section. Immediately after sectioning, the sections were observed, and images were taken by the Olympus DP72 microscope (Olympus, Tokyo, Japan) as previously described (Tian et al., 2021).



Paraffin Section and Staining

The embryonic mouse heads at the desired stages were collected in ice-cold phosphate-buffered saline (PBS) and fixed in ice-cold 4% PFA overnight. The fixed samples were dehydrated with gradient alcohols for paraffin embedding. The embedded samples were sectioned crossly at a thickness of 10 μm for Masson staining as previously described (Li et al., 2021).



Immunohistochemistry and Immunohistofluorescence

Immunohistochemistry staining was performed on the paraffin sections of 10-μm thickness. The primary antibodies used for immunohistochemistry were anti-myosin (ZM0196; Zhongshan Golden Bridge, Beijing, China), anti-phospho-Smad1/5/8 (13820S; 1:200, Cell Signaling Technology, Danvers, MA, United States), and anti-Sox9 (ab185966; Abcam, Cambridge, MA, United States). The horseradish peroxidase (HRP)-conjugated anti-rabbit/mouse IgG and the DAB substrate kit purchased from MXB Biotechnologies Inc. (Fujian, China) were used as the secondary antibody and color development reagent, respectively, as the manufacturer instructed. Methyl green or hematoxylin was used for counter-staining.

For Gli1 immunohistofluorescence, the paraffin sections were incubated with the rabbit IgG (514675; ZEn Bio Inc., Chengdu, China) after re-hydration in the gradient ethanol solutions and washing in PBS. The CY3-conjugated goat anti-rabbit IgG (S0011; Affinity, Cincinnati, OH, United States) was applied as the secondary antibody. The Olympus DP72 microscope was used for fluorescence observation and image collection.



Cell Proliferation and Apoptosis Assay

To assess the cell proliferation, the immunohistostaining with antibody against Ki67 (511390; ZEN Bio Inc., China) was performed on the 10-μm-thick paraffin sections. The HRP-conjugated anti-rabbit/mouse IgG (MXB Biotechnologies Inc., Fujian, China) was used as the secondary antibody. The color was developed with the DAB substrate kit (MXB Biotechnologies Inc., Fujian, China), following the manufacturer’s instruction. Hematoxylin was used for counter-staining. The TUNEL assay was also performed on 10-μm-thick paraffin sections with the In Situ Cell Death Detection Kit, POD (11684817910, Roche Diagnostics Corporation, Indianapolis). The procedure for apoptosis detection followed the manufacturer’s instructions. The sections were counter-stained with DAPI and observed by the Olympus DP72 microscope. The percentages of cell proliferation were determined by the numbers of Ki67-positive nuclear to the numbers of the total nuclei. The densities of cell apoptosis were calculated by TUNEL fluorescence signal in a fixed area. To evaluate whether the differences in cell proliferation and death were significant, Student’s t-tests were used to evaluate the pairs of the WT and Osr2-creKI;pMes-Noggin soft palates. The results were presented as mean ± SD of at least three pairs of samples. When the p-value was less than 0.05, the difference was considered to be statistically significant.



In situ Hybridization

Mouse embryonic heads of desired stages were dissected in diethyl pyrocarbonate (DEPC)-treated Dulbecco’s PBS and fixed with 4% PFA in 0.1% DEPC-treated PBS at 4°C overnight. For section in situ hybridization (ISH), the fixed heads were dehydrated in a serial gradient of ethanol solutions followed by paraffin embedding and then prepared as the consecutive sections with 10-μm thickness. For whole-mount ISH, the fixed heads were dehydrated in the gradient methanol. The preparation of the sense and anti-sense RNA probes was transcribed from the plasmids containing the mouse Shh, Scx, Tenascin-C (Tnc), and Col1a1 cDNAs as previously described (Wu et al., 2015; Zhu et al., 2017) by using an RNA Labeling Kit (Roche, Indianapolis, IN, United States). The anti-DIG antibody conjugated with AP and the BM Purple (Roche, Indianapolis, IN, United States) were utilized for probe detection and color development. All the sections were counter-stained by nuclear fast red.




RESULTS


The Hypoplastic Muscles and Extraversive Hypophosphatasia in Osr2-creKI;pMes-Noggin Soft Palates

The E16.5 Osr2-creKI;Rosa26R-mT/mG mouse showed green fluorescence in the aponeurosis, the tendon of TVP, and the inferior part of the hamulus of the medial pterygoid palate (Supplementary Figure 1A), but was excluded from the epithelium and the myofibers of TVP, LVP, and PLP (Supplementary Figures 1A–C). Thus, the Osr2-creKI allele could activate pMes-Noggin transgene in the mesenchyme of soft palate. In the WT soft palate, the horizontally growing shelves began to contact the TVP level at E14.5 (Figure 1A, and were integrated into a floor containing an aponeurosis at E16.5, Figure 1C). While the shelves in the E14.5 and E16.5 Osr2-creKI;pMes-Noggin soft palates were obviously smaller and separated from each other, they grew horizontally (Figures 1B,D). It is worth noticing that the orientation of hypophosphatasias was intraversive in the WT soft palates (Figures 1A,C), but extraversive in the Osr2-creKI;pMes-Noggin soft palates (Figures 1B,D). In addition, both the Masson and Myosin staining indicated that the TVPs in the Osr2-creKI;pMes-Noggin soft palate were mildly smaller than the WT TVPs at E14.5 (Figures 1A,B,E,F), but reduced dramatically in size at E16.5 (Figures 1C,D,G,H). Myosin staining also showed that when the E14.5 WT LVP myofibers became evident (Figure 1I), only a few LVP myofibers sparsely distributed in the Osr2-creKI;pMes-Noggin soft palate (Figure 1J). More severely, in contrast to the elongated and denser LVP myofibers at the E16.5 WT soft palate (Figure 1K), the E16.5 Osr2-creKI;pMes-Noggin LVP myofibers became even looser and shorter than the E14.5 counterparts (Figure 1L). Similarly, although both the E14.5 WT and Osr2-creKI;pMes-Noggin soft palates showed no difference in superior pharyngeal constrictors (SPCs) and devoid of PLPs (Figures 1M,N), the SPCs and PLPs in the E16.5 Osr2-creKI;pMes-Noggin soft palate exhibited smaller sizes and the less myofibers than the WT controls (Figures 1O,P). These results suggested that the Osr2-creKI;pMes-Noggin palatal muscles underwent hypoplasia.
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FIGURE 1. The morphology of HPP and muscles in the Osr2-creKI;pMes-Noggin soft palates. (A–D) Masson staining showed the E14.5 WT soft palate (A), the E14.5 Osr2-creKI;pMes-Noggin soft palate (B), the E16.5 WT soft palate (C), and the E16.5 Osr2-creKI;pMes-Noggin soft palate (D). The dashed yellow lines outline the TVPs; the black arrowheads indicate aponeurosis; the black arrows delineate TVP tendons; and the dashed black lines stand for HPP orientation. (E–H) The myosin staining showed the TVP myofibers of the E14.5 WT soft palate (E), the E14.5 Osr2-creKI;pMes-Noggin soft palate (F), the E16.5 WT soft palate (G), and the E16.5 Osr2-creKI;pMes-Noggin soft palate (H). Black arrows indicate the TVP myofibers. (I–L) The immunostaining of myosin showed the LVP myofibers of the E14.5 WT soft palate (I), the E14.5 Osr2-creKI;pMes-Noggin soft palate (J), the E16.5 WT soft palate (K), and the E16.5 Osr2-creKI;pMes-Noggin soft palate (L). Black arrows point to the LVP myofibers; red boxes in (J,L) are the magnified images in the black boxes. (M–P) The myosin staining showed the SPC and PLP myofibers of the E14.5 WT soft palate (M), the E14.5 Osr2-creKI;pMes-Noggin soft palate (N), the E16.5 WT soft palate (O), and the E16.5 Osr2-creKI;pMes-Noggin soft palate (P). Blue dotted lines outline the SPC; yellow dotted lines circle the PLP; the yellow asterisks delineate the presumptive PLP areas. TVP, tensor veli palatini; LVP, levator veli palatini; PLP, palatopharyngeus; SPC, superior pharyngeal constrictor; HPP, hypophosphatasia. Scale bars are 200 μm.




Suppressed BMP-Smad Signaling and Disrupted Shh-Gli1 Signaling in the Osr2-creKI;pMes-Noggin Soft Palates

The immunostaining of p-Smad1/5/8 was performed to verify the suppressed BMP-Smad signaling in the developing Osr2-creKI;pMes-Noggin soft palate. At both the E13.5 WT and Osr2-creKI;pMes-Noggin TVP levels, the p-Smad1/5/8 staining was only detected in the HPP, but excluded from the myogenic and mesenchymal compartments (Figures 2A,A′). At the E14.5 TVP levels, the p-Smad1/5/8 staining became robust in the HPP and still absent from both the WT and Osr2-creKI;pMes-Noggin TVP and palatal mesenchyme (Figures 2B,B′). At the E15.5 TVP levels, though still robust in both the WT and Osr2-creKI;pMes-Noggin HPPs, the p-Smad1/5/8 staining was also detected in the WT TVP tendon, but absent from the Osr2-creKI;pMes-Noggin TVP tendon (Figures 2C,C′). In contrast, the p-Smad1/5/8 staining was noticeable in the E13.5, E14.5, and E15.5 WT LVP levels (Figures 2D–F), but significantly faded in the Osr2-creKI;pMes-Noggin LVP areas (Figures 2D′–F′). At the E13.5 and E14.5 PLP levels, the p-Samd1/5/8 staining was mainly detected in the WT SPC myofibers (Figures 2G,H), while it was almost diminished in Osr2-creKI;pMes-Noggin SPC (Figures 2G′,H′). At the E15.5 LVP levels, although the p-Smad1/5/8 staining was dramatically decreased in both the WT and Osr2-creKI;pMes-Noggin SPCs and PLPs, the p-Smad1/5/8 staining in the WT mesenchyme was significantly stronger than in the Osr2-creKI;pMes-Noggin mesenchyme (Figures 2I,I′).


[image: image]

FIGURE 2. BMP-Smad and Shh-Gli1 signaling in the Osr2-creKI;pMes-Noggin soft palates. (A,A′–C,C′) The immunostaining of p-Smad1/5/8 at the TVP levels of the E13.5 (A), E14.5 (B), and E16.5 (C) WT soft palates, and the E13.5 (A′), E14.5 (B′), and E16.5 (C′) Osr2-creKI;pMes-Noggin soft palates. The arrow in (C) points to the p-Smad1/5/8 staining in TVP tendon. (D,D′–F,F′) The immunostaining of p-Smad1/5/8 at the LVP levels of the E13.5 (D), E14.5 (E), and E16.5 (F) WT soft palates, and the E13.5 (D′), E14.5 (E′), and E16.5 (F′) Osr2-creKI;pMes-Noggin soft palates. The arrows point to the LVP regions. (G,G′–I,I′) The immunostaining of p-Smad1/5/8 at the PLP levels of the E13.5 (G), E14.5 (H), and E16.5 (I) WT soft palates, and the E13.5 (G′), E14.5 (H′), and E16.5 (I′) Osr2-creKI;pMes-Noggin soft palates. (J,J′,K,K′) Whole-mount in situ hybridization of Shh in the E13.5 (J) and E14.5 WT palates (K), as well as the E13.5 (J′) and E14.5 Osr2-creKI;pMes-Noggin palates (K′). The R1–R6 delineate the Shh-expressing rugae, and the dashed red boxes circle soft palates with Shh-positive spots. (L,L′–N,N′) The Gli1 immunostaining in the E14.5 WT soft palate at the TVP (L), LVP (M), and PLP (N) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (L′), LVP (M′), and PLP (N′) levels. The white arrowheads in (M) delineate the LVP region. The white dotted lines delineate the boundary of HPP; the red dotted lines circle the TVP; the green dotted lines delineate the SPCs; the yellow dotted lines circle the PLPs; the white solid circles mean the mesenchymal areas for the statistical assay of the Gli1-positive percentages, while the yellow solid circles in (M,M′) mean the LVP areas for the counting of the Gli1-positive cells. Scale bars are 200 μm. (O–Q) The statistical assays of the percentages of the Gli1-positive cells in total cells at the E14.5 TVP levels (O), LVP levels (P), and PLP levels (Q). The percentage of Gli1-positive cells in the soft palate mesenchyme was 75.05% ± 17.05% and 65.03% ± 15.21% at the WT and Osr2-creKI;pMes-Noggin TVP levels, respectively (p = 0.496; O). In the WT LVP myofibers, the percentage of Gli1-positive cells was 85.52% ± 3.83%; this percentage was reduced to 75.49% ± 1.77% in the Osr2-creKI;pMes-Noggin TVP myofibers (p = 0.015; P). Similarly, in the mesenchyme at the LVP levels, the percentage of Gli1-positive cells in WT control was 84.50% ± 1.80%, which was significantly higher than the 75.69% ± 2.33% in the Osr2-creKI;pMes-Noggin counterpart (p = 0.007; P). At PLP levels, the percentage of Gli1-positive cells was 85.22% ± 1.85% in WT mesenchyme, while it was 42.36% ± 2.31% in the Osr2-creKI;pMes-Noggin mesenchyme (p = 0.0003; Q). *p < 0.05; **p < 0.01; ***p < 0.001. Three E14.5 Osr2-creKI;pMes-Noggin embryos and their WT littermates were collected for statistical assay. BMP, bone morphogenetic protein; TVP, tensor veli palatini; LVP, levator veli palatini; PLP, palatopharyngeus; HPP, hypophosphatasia; SPC, superior pharyngeal constrictor.


Shh transcription was also suppressed in the epithelium of the Osr2-creKI;pMes-Noggin hard and soft palates. In contrast to the six Shh-expressing rugae in the E13.5 WT hard palate (Figure 2J), although there were the six rugae detected, the Shh transcription in rugae 5 and 6 of the Osr2-creKI;pMes-Noggin hard palate became significantly fainter (Figure 2J′). Consistently, the Shh-positive spots in the E13.5 Osr2-creKI;pMes-Noggin soft palate became less and fainter than those in the WT counterpart (Figures 2J,J′). Such suppression became more evident it the E14.5 Osr2-creKI;pMes-Noggin palates, in which not only the Shh expression in rugae obviously faded but also Shh spots in the soft palate were almost diminished (Figures 2K,K′). As a consequence of the reduced Shh transcription, the immunostaining of Gli1 in the E14.5 Osr2-creKI;pMes-Noggin soft palate was remarkably decreased. At the TVP level, although the Gli1 staining was dramatically decreased in the Osr2-creKI;pMes-Noggin TVP, the percentage of the Gli1-positive cells in the medial mesenchyme was comparable with that of the WT control (Figures 2L,L′,O). At the WT LVP level, the distribution of Gli1 staining was concentrated in the LVP and sparse in the medial mesenchyme (Figure 2M). In contrast, the distribution of Gli1 staining was much looser in both the Osr2-creKI;pMes-Noggin LVP and the medial mesenchyme (Figure 2M′). Statistical assay indicated that the percentages of the Gli1-positive cells were significantly decreased in both the Osr2-creKI;pMes-Noggin LVP and the mesenchyme (Figure 2P). Similarly, the Gli1 staining in the Osr2-creKI;pMes-Noggin SPC, PLP, and mesenchyme, as well as the percentage of Gli1-positive cells in the Osr2-creKI;pMes-Noggin PLP mesenchyme, was remarkably downregulated (Figures 2N,N′,Q). Taken together, the overexpressed Noggin inhibited the BMP-Smad signaling in the palatal muscles and mesenchyme of soft palate and disrupted Shh transcription in the epithelium of the Osr2-creKI;pMes-Noggin soft palate.



Decreased Cell Proliferation and Survival in Osr2-creKI;pMes-Noggin Soft Palates

To explore how the Osr2-creKI;pMes-Noggin soft palatal shelves were reduced in size, the cell proliferation and apoptosis were examined by Ki76 immunostaining and TUNEL assay. The percentages of the Ki67-positive nucleus in the E13.5 Osr2-creKI;pMes-Noggin TVP and SPC were significantly lower than those in the WT controls (Figures 3A,A′,C,C′,D). Although comparable with those at the WT PLP level (Figures 3C,C′,D), the percentages of the Ki67-positive nucleus in the mesenchyme of E13.5 Osr2-creKI;pMes-Noggin soft palate were significantly decreased at the TVP and LVP levels (Figures 3A,A′,B,B′,D). Such tendency became more evident at E14.5, in that the percentages of Ki67-positive nucleus were decreased in both the muscles and mesenchyme at the Osr2-creKI;pMes-Noggin TVP and LVP levels (Figures 3E,E′,F,F′,H), while both the muscles and mesenchyme at the E14.5 Osr2-creKI;pMes-Noggin PLP levels displayed comparable percentages with the WT controls (Figures 3G,G′,H).
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FIGURE 3. Ki67 immunostaining and TUNEL assay in Osr2-creKI;pMes-Noggin soft palates. (A,A′–C,C′) The immunostaining of Ki67 in the E13.5 WT soft palate at the TVP (A), LVP (B), and PLP (C) levels, and the E13.5 Osr2-creKI;pMes-Noggin soft palates at the TVP (A′), LVP (B′), and PLP (C′) levels. The yellow and red dotted lines in (A,A′) delineate the boundary of HPPs and TVPs, respectively. The red dotted lines in (C,C′) delineate the SPCs. The black dotted circles in (A,A′–C,C′) delineate the mesenchymal areas for Ki67-positive cell counting. (D) Statistical assay for the Ki67 percentages in the TVP and SPC myofibers, and mesenchyme in the E13.5 WT and Osr2-creKI;pMes-Noggin soft palates. Student’s t-test showed that the Ki67 percentages in the E13.5 WT TVP (30.71% ± 5.59%) were higher than those in the Osr2-creKI;pMes-Noggin TVP (20.04% ± 1.56%, p = 0.0335); the Ki67 percentages in the E13.5 WT SPC (32.46% ± 4.18%) were higher than those in the Osr2-creKI;pMes-Noggin SPC (22.07% ± 2.39%, p = 0.0202); the Ki67 percentages in the E13.5 WT TVP mesenchyme (23.08% ± 3.09%) were higher than those in the Osr2-creKI;pMes-Noggin TVP mesenchyme (9.95% ± 0.85%, p = 0.0019); the Ki67 percentages in the E13.5 WT LVP mesenchyme (9.615% ± 2.192%) were higher than those in the Osr2-creKI;pMes-Noggin LVP mesenchyme (5.52% ± 0.604%, p = 0.0355); the Ki67 percentages in the E13.5 WT PLP mesenchyme (14.47% ± 0.936%) were comparable with those in the Osr2-creKI;pMes-Noggin PLP mesenchyme (14.28% ± 3.104%, p = 0.92108) (four E13.5 Osr2-creKI;pMes-Noggin embryos and their WT littermates were collected for statistical assay). (E,E′–G,G′) The immunostaining of Ki67 in the E14.5 WT soft palate at the TVP (E), LVP (F), and PLP (G′) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palates at the TVP (E′), LVP (F′), and PLP (G′) levels. The yellow and red dotted lines in (E,E′) delineate the boundary of HPPs and TVPs, respectively. The red dotted lines in (F,F′) delineate the LVPs. The red dotted lines in (G,G′) delineate the SPCs. The blue dotted lines in (G,G′) circle PLPs. The black dotted circles in (E,E′–G,G′) delineate the mesenchymal areas for Ki67-positive cell counting. (H) Statistical assay for the Ki67 percentages in the TVP, LVP, SPC, and PLP myofibers and mesenchyme in the E14.5 WT and Osr2-creKI;pMes-Noggin soft palates. Student’s t-test showed that the Ki67 percentages in the E14.5 WT TVP (27.90% ± 0.563%) were higher than those in the Osr2-creKI;pMes-Noggin TVP (23.74% ± 3.765%, p = 0.0025); the Ki67 percentages in the E14.5 WT LVP (35.95% ± 9.36%) were higher than those in the Osr2-creKI;pMes-Noggin SPC (25.69% ± 4.21%, p = 0.04357); the Ki67 percentages in the E14.5 WT SPC and PLP (31.67% ± 1.362%) were indistinguishable from those in the Osr2-creKI;pMes-Noggin SPC and PLP (30.71% ± 0.78%, p = 0.2561); the Ki67 percentages in the E14.5 WT TVP mesenchyme (23.55% ± 4.16%) were higher than those in the Osr2-creKI;pMes-Noggin TVP mesenchyme (18.49% ± 1.466%, p = 0.0121); the Ki67 percentages in the E14.5 WT LVP mesenchyme (21.03% ± 3.725%) were higher than those in the Osr2-creKI;pMes-Noggin LVP mesenchyme (13.19% ± 0.844%, p = 0.00638); the Ki67 percentages in E14.5 WT PLP mesenchyme (14.52% ± 2.06%) were similar to those in the Osr2-creKI;pMes-Noggin PLP mesenchyme (12.72% ± 1.654%, p = 0.22456). Five E14.5 Osr2-creKI;pMes-Noggin embryos and their WT littermates were collected for statistical assay. (I,I′–K,K′) The TUNEL assay in the E13.5 WT soft palate at the TVP (I), LVP (J), and PLP (K) levels, and the E13.5 Osr2-creKI;pMes-Noggin soft palates at the TVP (I′), LVP (J′), and PLP (K′) levels. The white dotted circles in (I,I′–K,K′) mean the areas for TUNEL-positive cell counting. (L) Statistical assay for the TUNEL densities in the E13.5 WT and Osr2-creKI;pMes-Noggin soft palates at the TVP, LVP, and PLP levels. Student’s t-test showed that the TUNEL densities in the E13.5 WT TVP level (754.29 ± 139.14 cells/mm2) were much lower than those in the Osr2-creKI;pMes-Noggin TVP level (1,251.18 ± 269.98 cells/mm2, p = 0.0472); the TUNEL densities in the E13.5 WT LVP level (526.23 ± 155.39 cells/mm2) were lower than those in the Osr2-creKI;pMes-Noggin LVP level (1,823.57 ± 309.96 cells/mm2, p = 0.00292); the TUNEL densities in the E13.5 WT PLP level (746.05 ± 8.01 cells/mm2) were lower than those in the Osr2-creKI;pMes-Noggin PLP level (3,332.16 ± 366.88 cells/mm2, p = 0.000435). Three E13.5 Osr2-creKI;pMes-Noggin embryos and their WT littermates were collected for statistical assay. (M,M′–O,O′) The TUNEL assay in the E14.5 WT soft palate at the TVP (M), LVP (N), and PLP (O) levels, and the E13.5 Osr2-creKI;pMes-Noggin soft palates at the TVP (M′), LVP, (N′) and PLP (O′) levels. The white dotted circles in (M,M′–O,O′) mean the areas for TUNEL-positive cell counting. (P) Statistical assay for the TUNEL densities in the E14.5 WT and Osr2-creKI;pMes-Noggin soft palates at the TVP, LVP, and PLP levels. Student’s t-test showed that the TUNEL densities in the E14.5 WT TVP level (136.65 ± 8.41 cells/mm2) were much lower than those in the Osr2-creKI;pMes-Noggin TVP level (259.01 ± 17.89 cells/mm2, p = 0.0004275); the TUNEL densities in the E14.5 WT LVP level (222.01 ± 14.21 cells/mm2) were significantly lower than those in the Osr2-creKI;pMes-Noggin LVP level (620.29 ± 70.66 cells/mm2, p = 0.000666); the TUNEL densities in the E14.5 WT PLP level (323.08 ± 13.34 cells/mm2) were comparable with those in the Osr2-creKI;pMes-Noggin PLP level (362.25 ± 51.88 cells/mm2, p = 0.2740). ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001. Four E14.5 Osr2-creKI;pMes-Noggin embryos and their WT littermates were collected for statistical assay. TVP, tensor veli palatini; LVP, levator veli palatini; PLP, palatopharyngeus; HPP, hypophosphatasia; SPC, superior pharyngeal constrictor.


On the other hand, TUNEL assay indicated that the densities of the cell apoptosis at the TVP, LVP, and PLP levels in the E13.5 Osr2-creKI;pMes-Noggin soft palate were all statistically higher than those in the E13.5 WT soft palates (Figures 3I–K′,L). Even in the E14.5, the Osr2-creKI;pMes-Noggin soft palate exhibited significantly higher densities of cell apoptosis at the TVP and LVP levels (Figures 3M,M′,N,N′,P), though comparable with the WT counterparts at the PLP level (Figures 3O,O′,P). These findings suggested that there were reduced cell proliferation and survival in the Osr2-creKI;pMes-Noggin soft palatal shelves, which could primarily lead to the cleft in soft palate.



Impaired Aponeurosis and Tendon Development in the Osr2-creKI;pMes-Noggin Soft Palate

During craniofacial development, Sox9 acts as the marker of the osteo-chondrogenic mesenchyme (Almalki and Agrawal, 2016; Dash and Trainor, 2020). At the E14.5 WT TVP level, the robust Sox9 expression was detected not only in the HPP but also in the mesenchyme of the presumptive aponeurosis, which connected the bilateral palatal shelves (Figure 4A). In contrast, the Sox9-expressing domain in the Osr2-creKI;pMes-Noggin soft palate was dramatically reduced in the mesenchyme for the presumptive aponeurosis, though differed little from the WT control in the HPP (Figure 4B). Similar to the TVP level, the Sox9 staining at the LVP showed no discrepancy between the WT and Osr2-creKI;pMes-Noggin posterior HPP (Figures 4C,D), but in the presumptive Osr2-creKI;pMes-Noggin aponeurosis, the Sox9-expressing area was also greatly decreased than in the WT control (Figures 4C,D). At the PLP level, the Sox9 expression was only sporadically distributed in the WT mesenchyme (Figures 4E,F), which was also evidently decreased in the Osr2-creKI;pMes-Noggin mesenchyme (Figures 4E,F). These data implicated an attenuated osteo-chondrogenic fate of the aponeurosis in the Osr2-creKI;pMes-Noggin soft palate. ISH showed that the transcription of Scx, the key transcription factor for tenogenic specification and maintenance, was suppressed moderately in the E14.5 Osr2-creKI;pMes-Noggin TVP and mildly in the LVP compared with the WT counterparts (Figures 4G–J). There was no Scx transcription detected in neither the WT nor Osr2-creKI;pMes-Noggin PLP levels (Figures 4K,L). At the E14.5 TVP and LVP levels, the extracellular matrix, Tnc was also transcribed more weakly in both the Osr2-creKI;pMes-Noggin myogenic and mesenchymal areas than those in the WT controls (Figures 4M–P). Similar to the Scx expression, there was no Tnc expression detected in the WT and Osr2-creKI;pMes-Noggin PLP levels (Figures 4Q,R). Compared with the WT soft palate (Figures 4S,U,W), the Col1α1-expressing domains in the myogenic and aponeurosis areas of the E14.5 Osr2-creKI;pMes-Noggin soft palate were remarkably decreased at the TVP and LVP levels (Figures 4T,V), but almost indistinguishable at the PLP level (Figure 4X). These results suggested that both the specification and differentiation of the tendons and aponeurosis in Osr2-creKI;pMes-Noggin soft palate were impacted by the overexpressed Noggin.
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FIGURE 4. The Sox9, Scx, TnC, and Col1a1 expression in Osr2-creKI;pMes-Noggin soft palates. (A–F) The immunostaining of Sox9 in the E14.5 WT soft palate at the TVP (A), LVP (C), and PLP (E) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (B), LVP (D), and PLP (F) levels. The arrowheads in (A–D) point to the Sox9 domain in the mesenchyme. The arrows in (E,F) point to the Sox9-positive cells in the mesenchyme. (G–L) In situ hybridization of Scx in the E14.5 WT soft palate at the TVP (G), LVP (I), and PLP (K) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (H), LVP (J), and PLP (L) levels. The arrows in (I,J) point to the LVP areas. (M–R) In situ hybridization of TnC in the E14.5 WT soft palate at the TVP (M), LVP (O), and PLP (Q) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (N), LVP (P), and PLP (R) levels. The arrows in (O,P) point to the TnC-positive areas. (S–X) In situ hybridization of Col1a1 in the E14.5 WT soft palate at the TVP (S), LVP (U), and PLP (W) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (T), LVP (V), and PLP (X) levels. The arrowheads in (S,T) delineate the Col1a1-positive areas along the presumptive aponeurosis. The arrows in (U,V) point to the Col1a1-positive areas. The yellow dotted lines delineate the HPPs; the red dotted lines circle TVPs; the blue dotted lines delineate SPCs and PLPs. Scale bars are 200 μm. TVP, tensor veli palatini; LVP, levator veli palatini; PLP, palatopharyngeus; HPP, hypophosphatasia; SPC, superior pharyngeal constrictor.




Overexpressed Noggin in Myoblasts Mildly Affected the Fusion of Soft Palate

To further explore the impacts of Noggin on palatal myogenesis and palatogenesis, the Noggin transgene was activated in myoblasts by Myf5-cre. Histological sections indicated that compared with the WT controls (Figures 5A,C,E), the E17.5 Myf5-cre;pMes-Noggin soft palatal shelves had fused into an integral plate at the TVP and LVP levels (Figures 5B,D), but still separated from each other at the PLP level (Figure 5F). Intriguingly, the Myf5-cre;pMes-Noggin HPP was orientated introversive as the WT control did (Figures 5A,B), instead of extraversive in the Osr2-creKI;pMes-Noggin soft palate (Figures 1B,D). The myosin immunostaining in the E16.5 soft palates disclosed that the Myf5-cre;pMes-Noggin TVP, LVP, and SPC myofibers (Figures 5H,J) were reduced and sparser greatly than those in the WT controls (Figures 5G,I), and the Myf5-cre;pMes-Noggin PLP was even diminished (Figures 5K,L), suggesting a more severe hypoplasia than the Osr2-creKI;pMes-Noggin PLP (Figure 1P). Taken together, these results indicated that the dramatically compromised myogenesis in the Myf5-cre;pMes-Noggin soft palate had no effect on the fusion at the TVP and LVP levels, but disrupted the fusion at the PLP level.
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FIGURE 5. The fusion and muscle morphology in Myf5-cre;pMes-Noggin soft palate. (A–F) Masson staining of the E17.5 WT and Myf5-cre;pMes-Noggin soft palates. The TVP (A), LVP (C), and PLP (E) levels of WT soft palate were compared with the Myf5-cre;pMes-Noggin TVP (B), LVP (D), and PLP (F) levels. (G–L) The immunostaining of myosin of the E16.5 WT and Myf5-cre;pMes-Noggin soft palates. The TVP (G), LVP (I), and PLP (K) of WT soft palate were compared with the TVP (H), LVP (J), and PLP (L) of the Myf5-cre;pMes-Noggin soft palate. The black dashed lines indicate the orientation of HPPs; the black arrowheads delineate TVPs; the yellow arrowheads point to LVPs; the blue dotted lines circle SPCs; the red dotted lines mark PLPs. Scale bars are 200 μm. TVP, tensor veli palatini; LVP, levator veli palatini; PLP, palatopharyngeus; HPP, hypophosphatasia; SPC, superior pharyngeal constrictor.




Suppressed Tenogenic Gene Expression in Myf5-cre;pMes-Noggin Soft Palate

Immunohistochemistry displayed that at the TVP levels, the Sox9 expression in both the HPP and the aponeurosis of the E14.5 Myf5-cre;pMes-Noggin soft palate was comparable with that in the WT control (Figures 6A,B). At the LVP level, the Sox9-expressing area in the Myf5-cre;pMes-Noggin aponeurosis was mildly reduced than in the WT control (Figures 6C,D), while in the PLP level, the number of the Sox9-positive mesenchymal cells was obviously less than that in the WT PLP mesenchyme (Figures 6E,F). ISH was performed to check the expression of Scx, Tnc, and Col1a1. At the E14.5 TVP level, the Scx expression in the Myf5-cre;pMes-Noggin TVP region was comparable with that in the corresponding area in the WT control (Figures 6G,H). However, the Scx transcription in the E14.5 Myf5-cre;pMes-Noggin LVP level was almost diminished (Figures 6I,J). And there was no Scx transcription detected in the E14.5 WT and Myf5-cre;pMes-Noggin PLP levels (Figures 6K,L). Similar to Scx expression, the Tnc transcription in the E14.5 Myf5-cre;pMes-Noggin TVP and LVP areas was also diminished and also decreased significantly in the medial mesenchyme (Figures 6M–P). The Tnc expression was detected in the mesenchyme of the E14.5 WT PLP level, which disappeared in the Myf5-cre;pMes-Noggin PLP level (Figures 6Q,R). Additionally, although the Col1a1-expressing domains at the E14.5 Myf5-cre;pMes-Noggin TVP and LVP areas were reduced (Figures 6S,U), the domains along the aponeurosis were similar to those in the WT controls (Figures 6T,V). The Col1a1 transcription in the mesenchyme at the WT PLP level was obviously more robust than that in the mesenchyme of the Myf5-cre;pMes-Noggin PLP level (Figures 6W,X). These results suggested that in the Myf5-cre;pMes-Noggin soft palate, the tenogenesis was impaired severely as that in the Osr2-cre;pMes-Noggin soft palate, but the aponeurosis development was affected moderately.
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FIGURE 6. The Sox9, Scx, TnC, and Col1a1 expression in Myf5-cre;pMes-Noggin soft palates. (A–F) The Sox9 immunostaining in the E14.5 WT soft palate at the TVP (A), LVP (C), and PLP (E) levels, and the E14.5 Myf5-cre;pMes-Noggin soft palate at the TVP (B), LVP (D), and PLP (F) levels. The arrowheads in (A–D) point to the Sox9 domain in the mesenchyme. The arrows in (E,F) point to the Sox9-positive cells in the mesenchyme. (G–L) In situ hybridization of Scx in the E14.5 WT soft palate at the TVP (G), LVP (I), and PLP (K) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (H), LVP (J), and PLP (L) levels. The arrows in (I) point to the LVP areas. (M–R) In situ hybridization of TnC in the E14.5 WT soft palate at the TVP (M), LVP (O), and PLP (Q) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (N), LVP (P), and PLP (R) levels. The arrows in (O,P) point to the TnC-positive area. (S–X) In situ hybridization of Col1a1 in the E14.5 WT soft palate at the TVP (S), LVP (U), and PLP (W) levels, and the E14.5 Osr2-creKI;pMes-Noggin soft palate at the TVP (T), LVP (V), and PLP (X) levels. The arrowheads in (S,T) delineate the Col1a1-positive areas along the presumptive aponeurosis. The arrows in (U,V) point to the Col1a1-positive areas. The black dotted lines delineate the HPPs; the yellow dotted lines circle TVPs; the blue dotted lines delineate SPCs; the red dotted lines delineate PLPs. Scale bars are 200 μm. TVP, tensor veli palatini; LVP, levator veli palatini; PLP, palatopharyngeus; HPP, hypophosphatasia; SPC, superior pharyngeal constrictor.




Abrogation of Myoblasts Affected Little the Fusion of Soft Palate

To confirm that the myogenesis is dispensable for the palatal fusion, a conditional transgene encoding diphtheria toxin A subunit (DTA) in myoblasts was activated by Myf5-cre to abrogate the palatal muscles. The Myf5-cre;Rosa26R-DTA mouse embryos died approximately at E15.5, when the WT soft palates had been completely integrated at both the TVP and LVP levels, but were still separated at the PLP level (Figures 7A,C). In contrast, almost all the Myf5-cre; Rosa26R-DTA soft palates were fusing with the degenerating epithelial beam at the TVP level (13 cases in 14 mutants; Figure 7B). Interestingly, the fused Myf5-cre;Rosa26R-DTA soft palate exhibited an intraversive HPP, similar to the WT control (Figures 7A,B). At the LVP level, 50% of the Myf5-cre; Rosa26R-DTA soft palates were fusing, and the other 50% just had the epithelial contact (Figure 7D). At the PLP level, both the WT and Myf5-cre;Rosa26R-DTA mice displayed separated soft palates, while the Myf5-cre;Rosa26R-DTA palatal shelves were much smaller than those of the WT controls (Figures 7E,F). Myosin immunostaining confirmed that compared with the E15.5 WT soft palate (Figures 7G,I,K), the Myf5-cre;Rosa26R-DTA soft palates were devoid of TVP, LVP, PLP, and SPC (Figures 7H,J,L), though the unilateral TVP was preserved in some instances (Figure 7H). This finding confirmed that the TVP and LVP were dispensable for the fusion of soft palate.
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FIGURE 7. The fusion of Myf5-cre; Rosa26R-DTA soft palate. (A–F) Masson staining of the E15.5 WT and Myf5-cre; Rosa26R-DTA soft palates. The WT TVP (A), LVP (C), and PLP (E) levels were compared with the Myf5-cre;pMes-Noggin TVP (B), LVP (D), and PLP (F) levels. (G–L) The immunostaining of myosin of the E15.5 WT and Myf5-cre; Rosa26R-DTA soft palates. The WT TVP (G), LVP (I), and PLP (K) were compared with the Myf5-cre;pMes-Noggin TVP (H), LVP (J), and PLP (L) levels. The black dashed lines indicate the orientation of HPPs; the black arrowheads delineate to TVPs; the yellow arrowheads point to LVPs; the blue dotted lines circle SPCs; the yellow dotted lines mark PLPs. Scale bars are 200 μm. TVP, tensor veli palatini; LVP, levator veli palatini; PLP, palatopharyngeus; HPP, hypophosphatasia; SPC, superior pharyngeal constrictor.





DISCUSSION


The Overexpressed Noggin in Palatal Mesenchyme Impaired Myogenesis and Tenogenesis by Suppressing BMP-Smad Signaling

During the soft palatogenesis in mouse, Bmp3 was activated in the medial mesenchyme of the middle and posterior palates (Fu et al., 2017). Our study suggested that BMP-Smad signaling was activated in the HPP and the mesenchyme surrounding TVP, LVP, SPC, and PLP. The overexpressed Noggin by Osr2-creKI suppressed the BMP-Smad signaling severely in the mesenchyme surrounding palatal muscles, but mildly in the HPP. These results suggested that similar to Wnt/β-catenin, FGF, and Hh signaling, the BMP-Smad signaling in the palatal mesenchyme also played a role in the myogenesis of soft palates (Janečková et al., 2019). Previous studies demonstrated that although initiated independently, the developing muscles and tendons require reciprocal interactions for their differentiation and maturation (Grenier et al., 2009). The decreased Scx, Tnc, and Col1a1 transcription in the Osr2-creKI;pMes-Noggin palatal muscle regions suggested that the differentiation of the mesenchyme-derived tendons and connective tissues was impaired by the overexpressed Noggin. Since BMP-Smad signaling was activated at the interface between muscles and tendons, and BMPs promoted the specification of tendon stem cells and tendon–bone integration (Wang et al., 2010; Schwarting et al., 2016; Orfei et al., 2019), the BMP-Smad signaling suppressed by Noggin overexpression could interrupt the tendon differentiation and maturation in the Osr2-creKI;pMes-Noggin soft palate, which was consistent with the decreased Scx, Tnc, and Col1 transcription. Theoretically, the Noggin secreted by mesenchymal cells can inhibit BMP signaling in both the mesenchymal cells and myoblasts of soft palate. A previous study demonstrated that although suppression on BMP signaling was essential for the myogenic induction of both the somite- and cranial mesoderm-derived muscles at early embryonic stages (Tzahor et al., 2003; Borok et al., 2020), BMP signaling maintained the satellite cells in the proliferating status at the late embryonic and postnatal stages, and thus, suppression on BMP signaling led to muscle atrophy (Wang et al., 2010; Friedrichs et al., 2011; Stantzou et al., 2017). These reports coincided with our findings that the muscle hypoplasia in the Myf5-cre;pMes-Noggin soft palate was much more severe than that in the Osr2-creKI;pMes-Noggin soft palate. Therefore, the muscle hypoplasia in the Osr2-creKI;pMes-Noggin soft palate was preferentially attributed to the impaired tenogenic differentiation and maturation. Intriguingly, Noggin was reported to induce Scx transcription during the early specification of limb tendons (Schweitzer et al., 2001), while in this study, the overexpressed Noggin inhibited the tenogenesis. The contradictory phenomena may result from the signaling other than BMP-Smad signaling, which was altered by the overexpressed Noggin (Ohki et al., 2020). Actually, the decreased Scx transcription in both the Osr2-creKI;pMes-Noggin and Myf5-cre;pMes-Noggin soft palates was supposed to be regarded as a sign of the impaired tenogenic differentiation and maturation, because Scx was also essential for the maintenance of tendons.



The Overexpressed Noggin Impaired Cell Proliferation and Survival by Suppressing Epithelial Shh Expression

In the developing hard palate, the BMPs secreted from mesenchyme activates Shh expression in the epithelium, which maintains cell proliferation and survival by activating the expression of Bmp4 and Fgf10 in the underlying palatal mesenchyme through Smoothen-Gli1 pathway (Zhang et al., 2002; Lan and Jiang, 2009; Zhou et al., 2013). Thus, we explored whether the Shh signaling was also involved in the cell proliferation and survival during soft palatogenesis. In the Osr2-creKI;pMes-Noggin mouse, the diminished Shh expression in the epithelium of both the hard and soft palates, as well as the attenuated Gli1 activity in the soft palatal mesenchyme, indicated an interrupted interaction between the soft palatal epithelium and mesenchyme. Combined with the decreased cell proliferation and increased cell death in the mesenchyme of the Osr2-creKI;pMes-Noggin soft palate, it also suggested that the Bmp-Shh-Gli1 regulatory network was essential for the cell proliferation and survival of soft palatal mesenchyme, which is similar to that in the developing hard palate. Moreover, since the sufficient amount of cells is the prerequisite for the connection and fusion of palatal shelves in both the hard and soft palates (Dixon et al., 2011; Bush and Jiang, 2012), the cleft of the Osr2-creKI;pMes-Noggin soft palates resulted primarily from the reduced palatal shelves at least partially.



Myogenesis and Tenogenesis Are Dispensable for the Fusion of Soft Palate

The patterning, morphogenesis, and differentiation of palatal muscles were essential for the normal function of soft palates (Li et al., 2017). It is believed that the mesenchymal clues instruct the migration, patterning, and differentiation of myoblasts in the developing soft palates (Iwata et al., 2014; Janečková et al., 2019). However, whether the mesenchymal or myogenic defects in soft palate lead to cleft soft palate is still under debate. Compared with the reduced palatal shelves and hypoplastic muscles in the Osr2-creKI;pMes-Noggin soft palate, the Myf5-cre;pMes-Noggin palatal muscles exhibited a much more severe hypoplasia, especially in the SPC and PLP, even though the Myf5-cre;pMes-Noggin palatal shelves fused at the TVP and LVP levels, and only a fissure was detected in the PLP level. This finding was confirmed by the fused soft palate in the E15.5 Myf5-cre;Rosa26R-DTA mice in which the TVP, LVP, SPC, and PLP were all eliminated. Thus, it is suggested that the myogenesis is dispensable for the fusion of soft palate at the TVP and LVP levels, but required at the PLP level.

The Myf5-cre;pMes-Noggin palatal muscles were evidently compromised directly by the Noggin secreted from myoblasts. Similar to the Osr2-creKI;pMes-Noggin soft palate, the noticeable downregulated transcription of Scx, Tnc, and Col1a1 was also detected in the Myf5-cre;pMes-Noggin TVP, LVP, and SPC regions, verifying the requirements on the interactions between the developing craniofacial tendons and muscles (Grenier et al., 2009). In contrast, the Sox9, Tnc, and Col1a1 expression in the medial mesenchyme of Myf5-cre;pMes-Noggin soft palate was only slightly affected, suggesting that the medial mesenchyme of soft palate, which developed into the aponeurosis, was critical for the soft palate fusion. These findings also implicated that even in an intact palate, the dysfunction of soft palate could also take place because of the compromised myogenesis or tenogenesis.



The Mis-Oriented Hypophosphatasia Resulted From the Cleft in Soft Palate

Since the palatal fusion is initiated in the anterior secondary palate and, then, extend forwardly to the primary palate and backwardly to the soft palate (Bush and Jiang, 2012), it raised a speculation that the cleft in soft palate might result secondarily from the cleft in the hard palate. This notion is enforced by the few cases of the cleft hard palate (cleft in the hard palate with the intact soft palate) in both humans and mice (Dixon et al., 2011). Our and other researchers’ studies demonstrated that the interruption on TGFβ/BMP signaling through Wnt1-cre or Osr2-cre noticeably impaired the morphogenesis and differentiation of palatal bones (Baek et al., 2011; Parada et al., 2013; Li et al., 2021), which implied that the deformed palatine (especially the HPP) could cause cleft soft palate by disrupting the pattern of palatal muscles. The extroversive HPP in Osr2-creKI;pMes-Noggin soft palate also implicated the correlation between HPP deformity and cleft soft palate. However, the Osr2-creKI;pMes-Noggin palatal muscles showed no patterning defect, and the HPPs in Myf5-cre;pMes-Noggin and Myf5-cre;Rosa26R-DTA soft palates were intraversive, suggesting that the orientation of HPP was determined not by the muscles but by the fusion of soft palate. We speculated that in the fused soft palate, the HPP would be pulled intraversive by the contraction of the contralateral palatal shelves. Thus, the mis-oriented HPP in Osr2-creKI;pMes-Noggin soft palate was not the cause but the consequence of cleft soft palate.



The Aponeurosis Development Is Critical for the Fusion of Soft Palates

The integrity of the hard palate is achieved by the fused maxilla and palatine, while the integrity of soft palate is accomplished by forming an intact aponeurosis. In this study, Sox9 expression was found in the presumptive aponeurosis, but reduced in the Osr2-creKI;pMes-Noggin soft palate. Because BMP signaling balanced the Noggin and Sox9 expression during skeletogenesis (Nifuji and Noda, 1999; Zehentner et al., 1999), both the overexpressed Noggin and suppressed BMP-Smad signaling could downregulate Sox9 expression, through which attenuated the osteo-chondrogenic specification of the aponeurosis. Similarly, the decreased Tnc and Col1a1 transcription in the medial mesenchyme also suggested the suppressed differentiation of the Osr2-creKI;pMes-Noggin aponeurosis. Additionally, the little impacted Sox9, TnC, and Col1 expression in the medial mesenchyme of Myf5-cre;pMes-Noggin soft palate supported the notion that the aponeurosis specification and differentiation were critical for the fusion of soft palate. Actually, even in the plastic surgery for cleft soft palates or submucous cleft palates, the extension of aponeurosis by Zig-Zag incision and suture, instead of the bilateral LVP connection, was critical for the re-building of soft palate (Losee and Kirschner, 2009), which suggested the significance of the sufficient volume of the aponeurosis in the fusion and integrity of soft palate.

In summary, we investigated the defects in the soft palate of Osr2-creKI;pMes-Noggin mice to address the impacts of the suppressed BMP signaling on the development of soft palate. The Noggin overexpression in palatal mesenchyme mainly inhibited the differentiation of aponeurosis and tendons, which resulted in the hypoplasia of palatal muscles. The overexpressed Noggin also decreased the mesenchymal cell proliferation and survival by disrupting epithelial Shh expression, which reduced the size of soft palatal shelves. Although the myogenesis and tenogenesis were critical for the function of soft palate, they were dispensable for the fusion of soft palate. On the contrary, the cleft in the Osr2-creKI;pMes-Noggin soft palate was attributed to the reduced cell proliferation and survival caused by the interrupted Shh-Gli1 signaling, and the impaired specification and differentiation of aponeurosis.
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Supplementary Figure 1 | The fluorescence pattern in Osr2-creKi; Rosa26R-mT/mG soft palate. (A) The Tvp level of soft palate in E16.5 Osr2-creKi; Rosa26R-mT/mG mouse. White dotted line delineated aponeurosis; asterisk meant Hpp; the white arrows pointed to the Tvp tendons; white arrowheads pointed to Tvps. (B) The Lvp level in E16.5 Osr2-creKi; Rosa26R-mT/mG soft palate. White arrowheads delineated Lvp myofibers; asterisk meant the aponeurosis. (C) The Plp level in E16.5 Osr2-creKi; Rosa26R-mT/mG soft palate. White arrowheads delineated Plp myofibers; yellow arrowheads pointed to Spc myofibers; asterisk meant the connective tissue. (Tvp, tensor veli palatini; Lvp, levator veli palatini; Plp, palatopharyngeus).

Supplementary Figure 2 | The negative controls of Tunel assay. The Lvp levels in E14.5 Wt (A) and Osr2-creKi; pMes-Noggin soft palate (B). In both (A,B), the Tunel procedure followed the instruction in the In Situ Cell Death Detection Kit, except the solution of Blue Cap 1 was not added into the samples, but replaced by distilled water. So the TdT enzyme was left out, and no signal (green fluorescence) was detected.
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Lack of IRF6 Disrupts Human Epithelial Homeostasis by Altering Colony Morphology, Migration Pattern, and Differentiation Potential of Keratinocytes
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Variants within the gene encoding for the transcription factor Interferon Regulatory Factor 6 (IRF6) are associated with syndromic and non-syndromic Cleft Lip/Palate (CLP) cases. IRF6 plays a vital role in the regulation of the proliferation/differentiation balance in keratinocytes and is involved in wound healing and migration. Since a fraction of CLP patients undergoing corrective cleft surgery experience wound healing complications, IRF6 represents an interesting candidate gene linking the two processes. However, Irf6 function has been mainly studied in mice and knowledge on IRF6 in human cells remains sparse. Here, we aimed to elucidate the role of IRF6 in human postnatal skin- and oral mucosa-derived keratinocytes. To do so, we applied CRISPR/Cas9 to ablate IRF6 in two TERT-immortalized keratinocyte cultures, which we used as model cell lines. We show that IRF6 controls the appearance of single cells and colonies, with the latter being less cohesive in its absence. Consequently, IRF6 knockout keratinocytes often moved as single cells instead of a collective epithelial sheet migration but maintained their epithelial character. Lack of IRF6 triggered severe keratinocyte differentiation defects, which were already apparent in the stratum spinosum and extended to the stratum corneum in 3D organotypic skin cultures, while it did not alter their growth rate. Finally, proteomics revealed that most of the differentially expressed proteins in the absence of IRF6 could be associated with differentiation, cell-cell adhesion as well as immune response. Our data expand the knowledge on IRF6 in human postnatal keratinocytes, which will help to better understand IRF6-related pathologies.

Keywords: IRF6, oral mucosa, skin, differentiation, wound healing, proteomics, GRHL3


INTRODUCTION

Interferon regulatory factor 6 (IRF6) belongs to a family of nine transcription factors that mediate the expression of interferon following viral infections (Yanai et al., 2012). In contrast to the other family members, which are strictly involved in innate and adaptive immune processes (Ikushima et al., 2013), IRF6 has been found to be essential for proper craniofacial morphogenesis and skin homeostasis (Ingraham et al., 2006). In humans, rare IRF6 variants are causal for Van der Woude syndrome (VWS, OMIM: 119300) and Popliteal Pterygium syndrome (PPS, OMIM: 119500), which are characterized by the presence of orofacial clefts, lip pits as well as cutaneous and limb defects. In addition, IRF6 variants have also been found associated with isolated, non-syndromic orofacial clefts (Kondo et al., 2002; Zucchero et al., 2004; Leslie et al., 2013).

Mouse models, such as a total Irf6 knockout (Ingraham et al., 2006) as well as a mouse harboring an Irf6R84C/R84C variant (Richardson et al., 2006), have been pivotal in the understanding of IRF6 function. Irf6 disruption in mice results in perinatal lethality associated with severe skin, limb, and craniofacial anomalies (Ingraham et al., 2006). In accordance with these observations and the clinical VWS/PPS phenotypes, Irf6 was found to be broadly expressed in embryonic and adult murine tissues with highest levels in the fusing palatal shelves, hair follicles, palatal rugae, tooth germs and thyroglossal duct, external genitalia, and skin (Kondo et al., 2002; Knight et al., 2006). The main role of IRF6 has been attributed to its function as a master regulator of the balance between keratinocyte proliferation and differentiation. Indeed, Irf6 knockout mice exhibit a hyperproliferative epidermis with aberrant localization of proliferating keratinocytes in the suprabasal spinous cell layer. Concomitantly, epidermal keratinocytes fail to undergo terminal differentiation and lack a functional periderm, a second cell layer that covers the embryonic epithelia and protects them from pathological adhesions (Ingraham et al., 2006; Richardson et al., 2006, 2014; Hammond et al., 2019). Such premature oral adhesions are believed to hinder palatal shelf elevation during palatogenesis, resulting in orofacial clefts (Richardson et al., 2014). All these seminal findings in animal models were more recently complemented and extended by elucidating the intrinsic cellular behavior of embryonic murine Irf6–/– keratinocytes in vitro. Similar to the in vivo situation, the balance between keratinocyte proliferation and differentiation was found to be altered in Irf6–/– keratinocytes, as they lack the capacity to terminally differentiate and display an increased long-term proliferative potential compared to their wildtype (wt) counterparts (Biggs et al., 2012). Notably, lack of Irf6 also resulted in an abnormal keratinocyte appearance in vitro with many cells being larger than controls and presenting with an increased network of stress fibers (Biggs et al., 2012, 2014).

Successful cutaneous wound healing depends on a well-orchestrated series of cellular events such as proliferation, migration, and differentiation leading to the repair of tissue damage (Shaw and Martin, 2009). Similar cellular processes are also required for the morphogenesis of the secondary palate during embryogenesis (Bush and Jiang, 2012; Lan et al., 2015). Therefore, it has been hypothesized that palatogenesis and wound healing share common genes and pathways for their distinct, but similar accomplishment of closing a tissue gap and forming a seal (Biggs et al., 2015). IRF6 might represent such a candidate gene. Indeed, particular wound healing defects like reduced speed and directionality during wound re-epithelialization, as well as impaired maturation of the granulation tissue, have been described in embryonic Irf6–/– keratinocytes in vitro (Biggs et al., 2014) and in Irf6+/– mice in vivo (Rhea et al., 2020), respectively. These observations might also provide the molecular rationale for the increased likelihood of wound healing complications experienced by VWS patients harboring IRF6 variants in comparison to non-syndromic cleft patients (Jones et al., 2010).

In the last decades, considerable knowledge has been gained about IRF6 function during craniofacial development, mostly using either in vivo animal models or embryonic keratinocytes, derived from Irf6–/– mice. Still, only a handful of transcriptional targets of IRF6, such as GRHL3, OVOL1 and KLF4, have been identified and described so far (Botti et al., 2011; de la Garza et al., 2013; Liu et al., 2016). Although a role for IRF6 in murine keratinocyte migration and embryonic wound healing has been reported, little is known about IRF6 function in postnatal tissue repair in human cells. Since epithelial-specific differences in wound healing have been established and described (Eming et al., 2014; Turabelidze et al., 2014), we sought to decipher the role of IRF6 in human postnatal keratinocytes isolated from two different sources: oral mucosa and foreskin.

We used a CRISPR/Cas9 approach to generate IRF6 knockout keratinocytes derived from postnatal oral mucosa and skin tissue, which allowed us to study IRF6 function in two distinct and relevant tissue contexts. We supplemented this approach with a proteomic analysis to discover novel potential targets or interactors of IRF6. While our data confirm certain previous findings in murine models, there are some differences, which might be specific to human cells. In addition, we also reveal that all the phenotypes in response to IRF6 ablation were present in skin- and oral mucosa-derived keratinocytes, although proteomics reported significantly less changes in the absence of IRF6 in oral mucosal keratinocytes. Our study substantially expands the knowledge of IRF6 function in postnatal human keratinocytes and will be important for a better understanding of VWS and/or general orofacial cleft-related complications or other IRF6-related pathologies.



MATERIALS AND METHODS


Primary Cell Isolation

Foreskin tissue samples were obtained from two to five years old healthy boys during routine circumcision at the Children’s Hospital, University of Bern. Oral mucosa samples were received from non-syndromic (no mutation within IRF6) CLP patients at the age of 3-6 months during corrective surgery to close the cleft lip. From one CLP patient, we were able to get both oral mucosa as well as skin tissue.

Primary keratinocytes were isolated from the tissue samples using the explant culture system as described elsewhere (Degen et al., 2018). After their outgrowth, keratinocytes were purified from contaminating fibroblasts by differential trypsinization, followed by their expansion in keratinocyte serum-free medium (KSFM, Gibco, Thermo Fisher Scientific, Lucerne, Switzerland) supplemented with 25 μg/ml bovine pituitary extract, 0.2 ng/ml epidermal growth factor (EGF), and CaCl2 to a final Ca2+ concentration of 0.4 mM, as previously described (Degen et al., 2013; Parisi et al., 2021). All experiments using primary cells have been performed with cultures from the second to the fourth passage.



Cell Culture and Treatments

The immortalized oral mucosal keratinocytes OKF6/TERT2 (derived from the floor of the mouth) as well as the immortalized foreskin-derived strain N/TERT1 keratinocytes (Dickson et al., 2000) were cultured in complete KSFM.

For growth factor treatments, keratinocytes were grown to 60% confluency followed by addition of EGF (Thermo Fisher Scientific), Transforming Growth Factor β1 and β3 (TGFβ1, TGFβ3, PeproTech, London, United Kingdom) at the indicated concentrations and times before harvesting either RNA or protein samples.



Immunoblotting

Whole protein lysates from cells were prepared in RIPA buffer (10 mM Tris-HCl (pH 8.0), 1 mM EDTA, 0.1% sodium deoxycholate, 0.1% SDS, 1% NP40, 140 mM NaCl) supplemented with cOmplete MiniTM Protease Inhibitor cocktail and PhosSTOP EASYpack (both from Sigma-Aldrich, St. Louis, MO, United States). The BCA Protein Assay Kit (Pierce, Thermo Fisher Scientific) was used to measure protein concentrations of the samples. Approximately 20 μg of protein were mixed with loading buffer (2% SDS, 62.6 mM Tris-HCl, pH 6.8, 10% glycerol, 0.01% bromophenol blue) containing 100 mM dithiothreitol (DTT), boiled for 5 min at 95°C, fractionated by SDS-PAGE under reducing conditions and transferred to nitrocellulose membranes (Sigma-Aldrich). The membranes were then stained with 0.1% amido black solution (MERCK, Schaffhausen, Switzerland) to assess blotting efficiency and equal protein loading. After extensive washing, the membranes were blocked for 1 h at room temperature (RT) in 5% skim milk powder (Sigma-Aldrich) dissolved in Tris-buffered saline (pH 7.4) with 0.05% Tween (TBS-Tween), and then incubated with primary antibodies overnight at 4°C. Blots were washed three times in TBS-Tween followed by incubation with horseradish peroxidase-conjugated anti-mouse/rabbit IgG (Thermo Fisher Scientific) for 1 h at RT. After three more washes in TBS-Tween, blots were developed using SuperSignal West Dura or West Pico (Thermo Fisher Scientific) and scanned by an Imager Chemi Premium Imager Instrument (VWR, Darmstadt, Germany).

Primary antibodies used for immunoblots: Rabbit polyclonal antibodies anti-Fibronectin (Wehrle-Haller et al., 1991), anti-E-Cadherin (20874-1-AP, Proteintech, Manchester, United Kingdom), anti-TGM1 (Thermo Fisher Scientific), and anti-GRHL3 (ARP39489_T100; Aviva Systems Biology, San Diego, CA, United States). Mouse monoclonal antibodies anti-IRF6 (14B2C16, BioLegend, San Diego, CA, United States), anti-Involucrin (SY5, BIO-RAD, Hercules, CA, United States), anti-Vinculin (V9131, Sigma-Aldrich).

Some of the immunoblots were densitometrically analyzed using the ImageJ software1. Briefly, the intensity of each protein band was normalized to the vinculin band intensity of the same extract in the same experiment.



Immunofluorescence

For immunofluorescent staining, keratinocytes were cultured in 35 mm dishes containing four separate wells (Greiner Bio-One, Frickenhausen, Germany). Cells were washed twice with phosphate-buffered saline (PBS) before fixation in 4% paraformaldehyde (PFA) for 20 min at RT. Fixation was followed by three washing steps in PBS, permeabilization in 0.1% Triton-X-100 for 5 min, and incubation with primary antibody for 2 h at RT in PBS/3% bovine serum albumin. Afterward, keratinocytes were extensively washed with PBS and incubated with fluorescent-labeled secondary goat anti-mouse/rabbit IgG (Molecular Probes, Thermo Fisher Scientific) and/or tetramethylrhodamine (TRITC)-phalloidin (Sigma-Aldrich) for 1 h in the dark. Finally, cells were washed three times with PBS and once with H2O before being coverslip-mounted with Vectashield Mounting Medium containing DAPI (Vector Laboratories, Burlingame, CA, USA).

Analysis was performed using an Olympus BX-51 phase/fluorescence microscope (OlympusLife Science Solutions, Tokyo, Japan) equipped with a xenon lamp (X-Cite, series 120PC Q, Lumen Dynamics, Mississauga, Canada). Images were captured by a ProgRes CT3 camera with ProgRes CapturePro software (Jenaoptik, Jena, Germany), using a 20x/0.5 objective.

Primary antibodies used for immunofluorescent staining: Rabbit polyclonal antibodies anti-IRF6 (NBP2-49383, Novus Biologicals, Centennial, CO, United States), anti-E-Cadherin (20874-1-AP, Proteintech), anti-TGM1 (NBP2-34062, Novus Biologicals), and anti-Loricrin (PA5-30583, Thermo Fisher Scientific). Mouse monoclonal antibody anti-Involucrin (SY5, BIO-RAD).



Proteomic Analysis

Keratinocytes were grown to high density before protein extraction in 8M urea/100 mM Tris. Reduction, alkylation and precipitation steps were performed overnight. Protein pellets were then resuspended in 8M urea/50mM Tris pH8 and their concentrations were determined with the Qubit Protein Assay (Invitrogen, Thermo Fisher Scientific). 10 μg of protein were digested with LysC for 2 h at 37°C, followed by Trypsin digestion overnight at RT.

The digests were analyzed by liquid chromatography on a Dionex, Ultimate 3,000 coupled to a LUMOS mass spectrometer (Thermo Fisher Scientific) with two injections of 500 ng peptides. The samples were loaded in random order onto a pre-column (C18 PepMap 100, 5 μm, 100 Å, 300 μm i.d. × 5 mm length) at a flow rate of 50 μL/min with solvent C (0.05% TFA in water/acetonitrile 98:2). After loading, peptides were eluted in back flush mode onto a C18 column (5 μm, 100 Å, 75 μm × 15 cm) by applying a 90-min gradient of 5 to 40% acetonitrile in water, 0.1% formic acid, at a flow rate of 400 nl/min. Data acquisition was made in data dependent mode with precursor ion scans recorded in the orbitrap with resolution of 120’000 (at m/z = 250) parallel to top speed fragment spectra of the most intense precursor ions in the linear trap for a cycle time of 3 s maximum.

Data were processed with MaxQuant (version 1.6.14.0) against the Homo Sapiens swissprot database (release October 2020) using default settings for peak detection, strict trypsin cleavage rule allowing a maximum of three missed cleavages. Carbamidomethylation on cysteine was set as a fixed modification, methionine oxidation and protein N-terminal acetylation as variable modifications.

Protein intensities were reported as MaxQuant’s Label Free Quantification (LFQ) values, as well as iTop3 (top3) values (sum of the intensities of the three most intense peptides). For the latter, variance stabilization (vsn) was used for the peptide normalization, and missing peptide intensities were imputed in the following manner: if there was at most one evidence in the group of replicates, the missing values were drawn from a Gaussian distribution of width 0.3 centered at the sample distribution mean minus 2.5× the sample’s standard deviation, otherwise the Maximum Likelihood Estimation (MLE) method was used. Imputation at protein level for LFQ was performed if there were at least two measured intensities in at least one group of replicates. In this case, missing values were drawn from a Gaussian distribution as described before if there was at most one evidence in the replicate group, otherwise MLE was used.

Evaluation of overrepresented Gene Ontology (GO) biological processes was performed using Panther2. To display protein interactions, selected proteins were uploaded into String database3. Venn diagrams were designed using the jvenn software4.



RNA Extraction, cDNA Synthesis and Quantitative Real-Time Polymerase Chain Reaction (qPCR)

Total RNA was purified from cells using the innuPREP RNA Mini kit (Analytik Jena AG, Jena, Germany) according to the standard protocol for eukaryotic cells. RNA concentration and quality was assessed using a Nanodrop 2000c (Thermo Fisher Scientific).

500 ng of total RNA were used as template for cDNA synthesis with M-MLV Reverse Transcriptase and Oligo(dT)15 Primer (both from Promega, Dübendorf, Switzerland). The analysis and quantification of the mRNA levels were performed by qPCR using GoTaq qPCR Master Mix (Promega) on a QuantStudio 3 instrument (Applied Biosystems, Thermo Fisher Scientific). The ΔCT or the ΔΔCT method was used for the calculation of the mRNA expression, normalizing values of each sample to GAPDH. qPCR primers (Supplementary Table 1) were designed with the NCBI primer tool5 and tested for specificity and efficiency.



Lentiviral Plasmids and Virus Preparation

Lentiviruses were produced in HEK293T cells with the packaging vectors psPAX2 and the pMD2.G plasmid (both gifts from Didier Trono (Addgene plasmids #12260 and 12259)). The pLentiCas9-BFP and the pDECKO_mCherry plasmids (both gifts from Roderic Guido & Rory Johnson (Addgene plasmids #78545 and 78534)) were used for the CRISPR knockouts, while pCAD-IRES-GFP was applied for the rescue experiments. 24 h after cell transfection with ViaFect (Promega) in OptiMEM, transfection medium was replaced with Dulbecco’s modified Eagle’s medium (DMEM) (Thermo Fisher Scientific) containing 10mM HEPES, pH7.4 (Thermo Fisher Scientific). Virus-containing supernatants were collected 48 and 72 h after transfection, pooled and sterile-filtered.



IRF6 CRISPR/Cas9 Knockout Keratinocytes

Keratinocytes were transduced in 6-well plates by spinfection (2,000 rpm for 90 min at 37°C) in the presence of 5 μg/ml polybrene (Sigma-Aldrich) with the pLentiCas9-BFP viral supernatant. After transduction, Cas9-positive cells were selected for with 4 μg/ml Blasticidine S hydrochloride (Sigma-Aldrich) and sorted twice for BFP expression using the MoFlo® AstriosTM EQ cell sorter (Beckman Coulter Life Sciences, Krefeld, Germany).

To target IRF6, two single guide RNAs (sgRNA) were designed specific for IRF6 exon number 3 (5′-TGGGCTCATCTGGCTACACA-3′) and exon 4 (5′-CCCTGACCCAGCTAAATGGA-3′), respectively, using CRISPETa (CRISPR Paired Excision Tool) software pipeline. The oligos were purchased from Microsynth AG (Balgach, Switzerland) and cloned into the pDECKO_mCherry vector using Gibson Assembly Master Mix (New England Biolabs, Ipswich, MA, United States). Plasmid was sequence-verified before production of the lentiviral supernatant. 5 × 104 Cas9 expressing NTERT/1 cells were seeded in 12-well plates and transduced with lentivirus suspension (pDECKO_mCherry containing the two IRF6 sgRNAs) diluted 1:1 in DMEM in the presence of 5 mg/ml polybrene using spinfection. Medium was changed 4-6 h after the transduction to KSFM containing HEPES buffer. In contrast, OKF6/TERT2 keratinocytes were transiently transfected with the pDECKO_mCherry plasmid containing the two IRF6-specific guide RNAs using ViaFect (Promega). For both approaches, mCherry-positive cells were sorted into 96-well plates as single cells, expanded, and the IRF6 knockout was verified in the selected clones by Sanger DNA sequencing, staining, and immunoblotting.



Crystal Violet Staining and Cell Morphology Analysis

Morphology of single cells and of colonies was assessed by crystal violet staining. Briefly, cells were fixed in 4% PFA for 20 min at RT, washed in PBS and stained with 0.5% crystal violet (Sigma-Aldrich) in 20% methanol for 20 min at RT. Excessive stain was removed by rinsing the dishes extensively with H2O before air-drying. Representative pictures of the cell colonies were taken using the Olympus BX-51 phase microscope (OlympusLife Science Solutions).

The ImageJ software was used to quantify the cell size and the cell colony circularity. Circularity was calculated as c = 4π(A/P2). A: area of colony; P: perimeter of colony. For a perfect circle: c = 1. Analysis was performed blinded by two members of the laboratory (LP and MD).



Scratch Assay

Keratinocytes were cultured until confluence. The monolayer was scratched using a sterile 20 μl pipette tip. Cells were then washed with PBS to remove cell debris and incubated in fresh medium at 37°C/5% CO2. Images of identical spots of the scratches were captured every hour. Closure of the scratch was analyzed using the TScratch software6.

Alternatively, we used the IncuCyte S3 (Sartorius, Göttingen, Germany) live imaging device. Briefly, 6 × 104 keratinocytes were seeded in a 96-well ImageLockTM Microplate (Sartorius). After reaching confluency, the monolayer was scratched with a 96-pin Incucyte WoundMaker (Sartorius). Scratch assays were analyzed with the Cell Migration Software Application Module (Sartorius).



Cell Growth

To determine cell growth, 104 cells/ml were seeded into 60 mm culture dishes. After attachment, cells were trypsinized and counted (t = 0) using a Neubauer Counting chamber and an automated cell counter (CountessTM II, Invitrogen, Thermo Fischer Scientific) using Trypan Blue as a viability marker. KSFM was replaced every other day and keratinocytes counted daily for 5 days.



In vitro Differentiation

Keratinocytes were grown in basal KSFM (0.1 mM CaCl2) for 3 days. Thereafter, 6 × 104 cells were seeded into 35 mm culture dishes in basal KSFM. 24 h later, Ca2+ concentration was increased to 1.2 mM to induce differentiation. 3 days after this Ca2+-switch, total RNA and proteins were extracted and parallel cultures were fixed.

Alternatively, we applied a cell density-dependent differentiation assay. For that purpose, keratinocytes were grown in fully supplemented KSFM and plated at a cell density of 105 cells/100 mm dish. After the emergence of first colonies (2-3 days), RNA and protein samples were extracted, and parallel dishes fixed (low density LD). The same samples were collected of parallel cultures at full confluence (high density HD).



3D-Skin Models

For the 3D-skin models of control and IRF6 KO keratinocytes, the protocol from CELLnTEC (CELLnTEC advanced cell system AG, Bern, Switzerland) was used. Briefly, 2 × 105 keratinocytes were seeded in 400 μl KSFM into polycarbonate inserts (0.4 μm pore size, 12 mm diameter, Nunc, Thermo Fisher Scientific) placed in 60 mm tissue culture dishes, immediately followed by the addition of 11 ml of KSFM outside the inserts. Confluency was confirmed by staining one insert from each culture with the staining kit (CnT-ST-100, CELLnTEC). In confluent monolayer cultures, differentiation of keratinocytes was induced by switching from KSFM to 3D Barrier Medium (CnT-PR-3D, CELLnTEC), added both inside and outside of the insert (equal level) overnight. After 24 h, the medium inside the insert was completely removed and the one outside of the insert was replenished with 3.2 ml 3D Barrier Medium, lifting the membranes to the air-liquid interface. Thereafter, keratinocytes were incubated for 15 days at 37°C/5% CO2 with medium replacement 3 times per week. 3D-cultures were then fixed in 4% PFA for 2 h at 4°C. The polycarbonate membranes were excised from the inserts, cut into two pieces, placed in embedding cassettes between two biopsy pads, and stored in 0.1 M sodium cacodylate buffer at 4°C. Membranes were dehydrated, paraffin embedded and sectioned on a Reichert-Jung microtome (Leica Microsystems, Heerbrugg, Switzerland). Paraffin sections were deparaffinized, rehydrated through xylene, ethanol, and deionized H2O, and stained with hematoxylin and eosin (H&E). H&E sections were analyzed and quantified using the ImageJ software.

Immunohistochemical (IHC) staining reactions were performed by automated staining using a BOND RX autostainer (Leica Microsystems). Briefly, sections were deparaffinized and antigen was retrieved using 1 mM Tris solution (pH 9.0) for 30 min at 95°C. Sections were stained with primary rabbit polyclonal anti-Loricrin antibody (PA5-30583; Thermo Fisher Scientific) followed with secondary antibody, and specific binding of primary antibodies was visualized using a polymer-based visualizing system with horseradish peroxidase as the enzyme and 3,3-diaminobenzidine (DAB) as a brown chromogen (Leica Microsystems). Finally, the samples were counterstained with hematoxylin and mounted with Aquatex (Merck, Burlington, MA, United States).



Generation of IRF6/GRHL3 Overexpressing Cells

Full-length cDNAs encoding for human IRF6 and GRHL3 were cloned into the lentiviral expression vector CAD-IRES-GFP by Genescript (Leiden, Netherlands). Lentiviral supernatants and transductions were prepared as described before. Transduced keratinocytes were sorted for GFP expression and the population of GFP-positive cells (pool) was used for rescue experiments.



Statistical Analysis

Experiments were performed at least three times in multiple replicates. Data were analyzed using Prism 7.0 (GraphPad, La Jolla, CA, United States). Data are represented as means ± standard deviation (SD). Multiple comparisons were performed using one- or two-way analysis of variance (ANOVA) with Tukey’s post hoc test. Values of p ≤ 0.05 were considered significant.




RESULTS


Higher Expression of IRF6 in Skin- Compared to Oral Mucosa-Derived Keratinocytes

Next to immune cells (Joly et al., 2016) and certain osteocytes (Thompson et al., 2019), IRF6 is greatly expressed in cutaneous and oral keratinocytes (Ingraham et al., 2006; Knight et al., 2006). We took advantage of our primary cell bank (Parisi et al., 2021) and compared the morphology, levels of differentiation markers, and IRF6 levels between three oral mucosa- and three independent foreskin-derived keratinocyte populations. Tissue-specificity of the keratinocyte cultures (at the same cell density) was distinguishable from each other since skin-derived keratinocyte formed coherent and round-shaped colonies whereas the ones from oral mucosa keratinocytes appeared polymorph and less compact, and since only skin keratinocytes were found to display robust Keratin10 (KRT10) levels. In regard to IRF6, we detected a significantly higher mRNA and protein expression in the skin-derived than in the mucosa-derived keratinocytes (Figure 1A). From one additional tissue donor, we were able to isolate both skin- and mucosa-derived keratinocytes. We used these cells to prove that the observed difference in IRF6 expression between mucosal- and skin-derived keratinocytes (Figure 1A) is not due to the variability among tissue donors. After confirming tissue identity of the cells by the presence or absence of robust KRT10 levels, we observed an increased IRF6 mRNA expression in skin keratinocytes when compared to the oral mucosa counterpart (Figure 1B). These distinct IRF6 expression levels suggest certain tissue-specific activities of IRF6. This prompted us to address IRF6 function in oral mucosa and skin keratinocytes by depleting it using a CRISPR/Cas9 approach.
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FIGURE 1. (A) Comparison of the colony morphology, Keratin10 (KRT10) and IRF6 expression in three individual primary oral mucosa-derived keratinocytes (Mucosa 1-3) compared to three foreskin-derived keratinocytes (Skin A-C). Note that the skin-derived cells form tightly packed colonies, express high levels of KRT10, and express more IRF6 than mucosa-derived cells. ∗p < 0.05 (IRF6 and KRT10 levels in Skin vs. Mucosa). Scale bar: 100 μm. kDa: kilo Dalton. (B) KRT10 and IRF6 mRNA levels of mucosal- and skin-derived keratinocytes from the same donor show higher expression of both genes in the skin. ∗p < 0.05 (KRT10 and IRF6 levels in Skin vs. Mucosa). (C) Venn diagram of the proteomic analysis comparing OKF6/TERT2 (oral mucosa) and N/TERT1 (foreskin) keratinocytes reveals a high number of proteins present in both cell lines, 189 and 159 proteins are unique to OKF6/TERT2 and N/TERT1, respectively. From the 3,036 shared proteins, 91 proteins are differentially expressed (>2 fold) and mostly associated with the biological processes of epidermal differentiation, keratinization, and cornification (table right). (D) Similar to the observations in primary keratinocytes, N/TERT1 keratinocytes form more cohesive and regularly shaped colonies and express higher levels of KRT10 and IRF6 than the oral mucosa-derived OKF6/TERT2. Scale bar: 100 μm. ∗p < 0.05 (KRT10 levels in Skin vs. Mucosa); ∗p < 0.05 (IRF6 levels in Skin vs. Mucosa). Full-length immunoblots are shown in Supplementary Figure 9.


We initially planned to use primary keratinocytes for the study, but refrained from this idea as the CRISPR/Cas9 approach requires several experimental steps (transductions, cell sorting, single cell outgrowths) that might be challenging to perform with primary keratinocytes, which are delicate to keep as healthy-growing (not-differentiated and not-senescent) cells over several passages. Envisioning these caveats when using primary keratinocytes for the CRISPR/Cas9 approach, we thought of alternative cell models reflecting the observations made in the primary cells. Therefore, we chose to use the well-established immortalized oral mucosal line OKF6/TERT2 (OKF6) and the foreskin-derived N/TERT1 (N) keratinocytes for future experiments (Dickson et al., 2000). First, we carefully characterized these two cell lines for their usefulness. Proteomics of the two cell lines cultured to high-density (HD) detected 3,036 proteins shared between them (Figure 1C). Of these common proteins, 91 were significantly differentially expressed (log2 fold change >1; Supplementary Figure 1 and Supplementary Table 2). These proteins mainly belonged to biological processes related to keratinization and cell differentiation, which confirms the mucosal- and skin-related origin of OKF6 and N keratinocytes, respectively. IRF6 was not included in the list of the differentially expressed proteins, but was found to be 1.5-fold higher expressed in N than in OKF6 keratinocytes. This was confirmed by qPCR showing higher IRF6 mRNA expression in skin- than in in mucosa-derived keratinocytes (Figure 1D and Supplementary Data Sheet 2). In addition, OKF6 and N keratinocytes showed the typical colony morphology and KRT10 expression pattern fitting to primary cells derived from their original tissues (Figure 1A). These observations as well as the fact that both TERT-immortalized keratinocyte lines are very similar to primary keratinocytes in regard to differentiation (Smits et al., 2017) let us conclude that OKF6 and N keratinocytes proved to be good cell models for our study.



IRF6 Knockout in OKF6/TERT2 and N/TERT1 Keratinocytes

We applied the CRISPR/Cas9 approach to create IRF6 knockout OKF6 and N keratinocytes (Supplementary Figure 2A). Cell clones derived from single cells were thoroughly validated by DNA Sanger sequencing, immunoblotting and fluorescent staining for ablation of IRF6. Immunoblots for IRF6 confirmed absence of IRF6 in two OKF6 clones (#15 and #26) and in two N clones (#8 and #10), while the pool of the cells (bulk of cells after sorting upon guide RNA transfection/transduction) displayed strongly reduced IRF6 levels compared to their respective parental wildtype (wt) as well as stable Cas9-expressing cells (Supplementary Figure 2B). These results were further verified by staining for IRF6, which showed cytoplasmic expression of IRF6 in parental and Cas9-expressing cells, but is completely absent in the knockout cell clones (Supplementary Figure 2C).



Lack of IRF6 Alters Cell-Cell Adhesion and Colony Morphology

Culturing the IRF6-deficient cells at low density (LD) revealed subtle, but significant differences at the single cell as well as cell colony morphology level. Proliferating OKF6 and N keratinocytes at LD formed cohesive and compact cell colonies with cells showing stable contacts, as assessed by live imaging, E-Cadherin positivity at the sites of cell-cell contacts, and crystal violet (CV) staining. In contrast, IRF6 ablation in keratinocytes impaired their capacity to form regularly shaped and coherent colonies (Figure 2A and Supplementary Figure 3). While we did not observe any obvious re-arrangements of the actin cytoskeleton (F-actin), IRF6-deficient keratinocyte colonies acquired a more scattered morphology with less stable expression of E-Cadherin at the cell-cell contacts. Often, single cells appeared to break free from the colony and we also observed an increased fraction of significantly enlarged cells in the cultures of IRF6-depleted keratinocytes compared to control (Figure 2A). In order to validate these observations, we analyzed 50 random pictures of CV-stained keratinocyte cultures at the same cell density for the presence of single cells as well as for their colony morphology (colony circularity) and single cell size (cell area). All these parameters were significantly altered in the IRF6 knockout clones compared to their corresponding controls. IRF6 ablation in both OKF6 and N keratinocytes resulted in the appearance of more single cells, a decreased colony circularity (less round colonies), and an increased proportion of enlarged cells (increased individual cell area) (Figure 2B). Prompted by these observations, we wanted to learn whether the observed cellular phenotype in the IRF6 knockout clones is due to IRF6 depletion and whether it can be rescued by either re-expressing IRF6 or one of its downstream targets, Grainyhead-like transcription factor 3 (GRHL3). Ectopic expression of IRF6 in IRF6-deficient cells resulted in strongly increased IRF6 mRNA levels in both cell lines (Supplementary Figure 4A), but only to a robust overexpression of the IRF6 protein in OKF6 cells, with IRF6 remaining ablated in N IRF6-deficient cells (Figure 2C). This difference was due to the fact that the OKF6/Cas9 keratinocytes were transiently transfected with the IRF6-specific guide RNAs-containing vector, in contrast to its stable transduction into N/Cas9 keratinocytes (see Materials and Methods). In contrast, forced GRHL3 expression resulted in elevated GRHL3 mRNA and protein levels in both cell lines (Figure 2C and Supplementary Figure 4A). The phenotype of scattered cells and dispersed cell colonies in IRF6-deficient keratinocytes could be rescued by strong ectopic IRF6 in OKF6 clones, as these cells started to form cohesive colonies again. However, low IRF6 in N/TERT IRF6 knockout clones could not normalize the cell and colony morphology as assessed by live imaging and crystal violet staining (Figure 2D). GRHL3 may not have a role in colony morphology (Supplementary Figure 4B) but the effect of its overexpression in IRF6-deficient keratinocytes will be described later.
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FIGURE 2. (A) In the absence of IRF6, OKF6/TERT2 and N/TERT1 keratinocytes change their colony morphology as assessed by live imaging, F-actin (phalloidin, red), E-Cadherin (green), and crystal violet (CV) staining. DAPI was used to stain for nuclei (blue). Scale bars: 20 μm (Live Imaging); 150 μm (F-Actin, E-Cadherin); 100 μm (CV). (B) IRF6 knockout in both OKF6/TERT2 and N/TERT1 cell lines results in significantly more single cells (sc), reduced colony circularity (cc) as well as in the emergence of larger single cells (cell area) when compared to their respective controls. ∗p < 0.05 controls vs. clones (sc); ∗p < 0.05 controls vs. clones (cc, cell area). (C) Immunoblots show overexpression of IRF6 and GRHL3 in the IRF6-deficient keratinocyte clones after transduction. Note the very little expression of ectopic IRF6 in N/TERT1 IRF6 knockout clones. kDa: kilo Dalton; ex.: exogenous. (D) Live imaging and crystal violet pictures of typical colony morphologies upon re-expression of IRF6 in the IRF6 K.O. clones. Note that low IRF6 levels are not able to rescue the dispersed colony phenotype. Scale bar: 100 μm. Full-length immunoblots are shown in Supplementary Figure 9.




IRF6-Deficient Keratinocytes Maintain Their Epithelial Character

Both the increased cell size and the appearance of more scattered and single cells are phenotypes that have been associated with epithelial-mesenchymal transition (EMT; (Lamouille and Derynck, 2007). This prompted us to test whether lack of IRF6 induces an EMT. IRF6-deficient keratinocytes showed a slight tendency of increased mRNA levels of the mesenchymal markers Fibronectin (FN), Vimentin (VIM), and Snail (SNAIL), while the epithelial markers GRHL3 and IRF6 were downregulated compared to the corresponding controls (Figure 3A). Notably, reduced IRF6 mRNA levels are probably the results of either diminished stability of the altered transcripts or due to the missing IRF6 self-regulation (Botti et al., 2011) in IRF6-deficient cells. E-Cadherin (CDH1), one of the most prominent epithelial markers was not affected in response to IRF6 depletion (Figure 3A). Identical E-Cadherin levels, as well as altered levels of FN in the clones were confirmed by immunoblotting (Figure 3B). Although these results indicate that IRF6-defcient keratinocytes maintain their epithelial character, they were not conclusive yet in elucidating the role of IRF6 in the EMT process. Therefore, we triggered an EMT by treating N control and clone #10 keratinocytes with transforming growth factor β1 (TGFβ1), TGFβ3, and epidermal growth factor (EGF), which are known EMT inducing factors (Lamouille et al., 2014). Treatment of the control cells resulted in enlarged and more scattered cells, similar to the morphology of IRF6-deficient keratinocytes (Figures 3C,D) and in a robust and significant increase of the mesenchymal markers FN, VIM and SNAIL, suggestive of mesenchymal cell characteristics (Figure 3E). While TGFβ1 was not able to alter the levels of the epithelial markers GRHL3 and CDH1, it triggered a significant increase of IRF6 in control keratinocytes. This observation in combination with the fact that the induction of all mesenchymal markers was significantly impaired in the absence of IRF6 (clone #10) when compared to control suggests an important role for IRF6 as mediator during the regulation of EMT (Figure 3E) as it has been described in mice (Ke et al., 2015).
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FIGURE 3. (A) qPCR analyses for the epithelial markers CDH1, GRHL3, and IRF6 as well as for the mesenchymal markers FN, VIM, and SNAIL in OKF6/TERT2 (left) and N/TERT1 (right) cell lines. Note that although there is a slight increase of the mesenchymal markers, CDH1 does not decrease in the absence of IRF6. ctrl.: control; ∗p < 0.05 controls vs. clones #15, #26, #8, #10. (B) Immunoblots confirm the qPCR results and show no change in E-Cadherin, but an increase in FN, and absence of IRF6 in the clones. kDa: kilo Dalton; ctrl.: control. (C) Treatment of N/TERT1 controls (top row) with the EMT-inducing growth factors EGF, TGFβ1, and TGFβ3 for 72 h induces changes in the cellular morphology with scattered and enlarged cells (arrowheads). In N/TERT1 clone #10 (bottom row) a similar morphological phenotype can already be appreciated without addition of growth factors. ∗indicates enlarged cells. Scale bar: 150 μm. (D) Crystal violet staining and cell area analysis of N/TERT1 control in the absence and presence of TGFβ1 (72 h) reveals the emergence of enlarged cells in the presence of the growth factor. ∗p < 0.05 control vs. TGFβ1-treated cells; ctrl.: control. (E) qPCR analyses for the mesenchymal markers FN, VIM, and SNAIL as well as the epithelial markers CDH1, IRF6, and GRHL3 in TGFβ1-treated (72 h) cells in the presence (control) or absence (clone #10) of IRF6. Note that the mesenchymal markers as well as IRF6 increase, while CDH1 does not change. Also note that IRF6 is required for a proper modulation of all these markers. #p < 0.05 untreated vs. TGFβ1-treated cells; ∗p < 0.05 control vs. IRF6 knockout cells (clone #10). Full-length immunoblots are shown in Supplementary Figure 9.




IRF6 Is Required for Coordinated Movement of the Keratinocytes

Irf6 has been described as a transcription factor regulating wound healing and keratinocyte migration in mice (Biggs et al., 2014). Therefore, we wanted to assess IRF6 function in regulating migration of human postnatal keratinocytes. Lack of IRF6 in both oral mucosa- and skin-derived keratinocytes delayed the closing of an in vitro scratch (Figures 4A,B). These observations were confirmed by live imaging using the Incucyte Scratch Wound Assay® and its automated analysis (Figure 4C). These analyses allowed us to realize that next to a delay in wound closure, the IRF6-deficient keratinocytes also differed in their pattern of migration compared to their respective controls. While the keratinocytes of both control cell lines, OKF6 and N, consistently moved as continuous epithelial sheets in a directed migration pattern, with leading edge keratinocyte in front of follower cells, IRF6-deficient keratinocytes moved preferentially as single cells, with random and undirected migration paths. Therefore, increased presence of single cells in the scratch compared to controls was a prominent hallmark of IRF6-deficient keratinocytes (Figure 4D, arrowheads). This observation is reminiscent of the morphological differences observed earlier (Figures 2A,B).
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FIGURE 4. (A) Live Imaging pictures of the in vitro scratch at the indicated times after wounding the confluent monolayer and before scratching. Left side: OKF6/TERT2; Right side: N/TERT1. Scale bar: 500 μm. (B) Quantification of the manual scratch shows a delay of the wound closure in the absence of IRF6. ∗p < 0.05 control vs. clones. (C) Quantification of an automated live imaging scratch assay confirms impaired closure of the scratch in the IRF6 knockout keratinocytes compared to control. ∗p < 0.05 control vs. clones. (D) Pictures of N/TERT1 control and N/TERT1 clone #10 taken at the time of scratching (0 h), 5 h, and 10 h shows that lack of IRF6 results in significantly more cells that move randomly as single cells (arrowheads, right side) compared to control (left side).




IRF6 Is Required for the Expression and Induction of Early and Late Differentiation Markers

Since IRF6 is a master regulator of the balance between keratinocyte proliferation and differentiation (Richardson et al., 2006), we wished to analyze the proliferation rate of human postnatal keratinocytes in the absence of IRF6. Cell growth as well as qPCR analyses for the proliferation markers Proliferating-Cell-Nuclear-Antigen (PCNA) and Ki67 at both LD and HD cultures did not disclose any significant differences between IRF6 knockout keratinocytes and their controls (Supplementary Figure 5).

Next, we assessed the differentiation potential of human keratinocytes in the absence of IRF6. Addition of exogenous Ca2+ to keratinocytes grown in basal growth medium induced differentiation after three days in both OKF6 and N control keratinocytes. They started to form dense colonies with signs of stratification in the center (Figure 5A, asterisks), and elongated cells at the margins (Figure 5A, arrowhead). In contrast, the IRF6-deficient keratinocytes, while also changing their morphology in response to Ca2+, did not show any signs of differentiation as described before (Figure 5A). To detect changes in the transcriptome in non-confluent cultures after the Ca2+-switch, we performed qPCR analyses for a panel of typical differentiation markers of skin- and mucosa-derived keratinocytes (Figure 5B). The Ca2+-switch triggered a robust induction of the early and late differentiation markers Transglutaminase 1 (TGM1), Involucrin (IVL), Keratin13 (KRT13), IRF6, and GRHL3 in OKF6 control keratinocytes, and of KRT10, TGM1, IVL, Filaggrin (FLG), Loricrin (LOR), IRF6, and GRHL3 in N control keratinocytes (Figures 5B,C). In contrast, IRF6-ablated keratinocytes showed an impaired differentiation capacity as none of these markers were induced in response to Ca2+ (Figures 5B,C). Notably, levels of some of these markers, such as TGM1, were already diminished in the knockout keratinocytes when compared to controls in the basal conditions, suggesting an important role of IRF6 for their regulation (Figure 5B). These results were further confirmed at protein level by staining OKF6 for IVL and TGM1, and N for IVL and LOR in controls and their corresponding IRF6 knockout clones at 1.2 mM Ca2+ (Figure 5D).


[image: image]

FIGURE 5. (A) Live Imaging pictures and F-actin staining (phalloidin, red) with or without (only Live Imaging) exogenous Ca2+ addition. While the control keratinocytes start to differentiate (asterisk and arrowheads), lack of IRF6 impairs differentiation. Scale bar: 200 μm (Live Imaging); Scale bar: 150 μm (F-actin). (B) Heatmaps of the qPCR analyses of various differentiation markers in basal (0.1 mM) vs. high Ca2+ (1.2 mM) conditions. Note that in the absence of IRF6 all the differentiation markers are not induced upon the Ca2+-switch. n.d.: not detectable (Ct > 32); ctrl.: control. (C) qPCR analyses of specific differentiation markers showing the lack of induction upon the addition of Ca2+ in the IRF6 knockout clones compared to controls. ∗p < 0.05 basal vs. 1.2 mM Ca2+. ctrl.: control. (D) Immunofluorescent staining for the markers Involucrin (IVL, green) and Transglutaminase 1 (TGM1, green) in OKF6/TERT2 cells and for IVL (green) and Loricrin (LOR, green) in N/TERT1 keratinocytes. Note that all differentiation markers were robustly induced in the control cells in the presence of IRF6. Scale bar: 50 μm. DAPI was used to counterstain the cell nuclei (blue).


In addition, we subjected the IRF6 knockout keratinocytes to another, cell density-dependent in vitro differentiation assay (Poumay and Pittelkow, 1995). Specifically, we analyzed and compared both the cell morphology and the levels of differentiation markers in LD and HD cultures. At HD, both control cultures differentiated with enlarged cells emerging on top of the monolayer (Supplementary Figure 6A, arrowheads), while differentiation was impaired in the absence of IRF6. Analyses of various differentiation markers by qPCR, staining, and immunoblotting confirmed severe differentiation defects in IRF6-deficient keratinocytes (Supplementary Figures 6B-E). Impaired differentiation at HD in the absence of IRF6 could be at least partially rescued by ectopic expression of IRF6 and GRHL3, as assessed by increased levels of IVL and TGM1 (Supplementary Figure 7). Low levels of exogenous IRF6 in clone #8 (N cells) (Figure 2C) were not able to induce IVL and TGM1 expression, suggesting that a certain IRF6 threshold is required for its proper function.

These differentiation defects in 2D inspired us to use N keratinocytes for the establishment of 3D organotypic skin cultures in the absence or presence of IRF6. H&E staining of such 3D cultures revealed that while control keratinocytes were able to fully differentiate with the appearance of the typical cell layers, IRF6-deficient keratinocytes failed to build a healthy epidermis (Figure 6A). Although N keratinocytes were able to form a stratum granulosum (SG) and signs of a stratum corneum (SC) even in the absence of IRF6, these two cell layers were clearly not properly developed in IRF6-deficient cells compared to control cells. Immunohistochemical staining for the late differentiation marker LOR confirmed these observations as it was strongly and specifically expressed in the SG in control organotypic cultures. Strikingly, patchy areas of weakly LOR-positive cells were observed in the absence of IRF6 (Figure 6B). We quantified the morphological defects and measured a significantly diminished area of the two outermost layers (stratum lucidum (SL) and SC) as well as a reduced area with granulated, LOR-positive keratinocytes in the SG (Figure 6C, left and middle) in the absence of IRF6. Additionally, we observed the presence of cell nuclei in the two outermost layers when IRF6 was lacking, which is in stark contrast to controls (Figure 6C, right, arrowheads) and further confirms lack of a properly cornified layer on top of the IRF6-deficient epidermis in 3D-skin models.


[image: image]

FIGURE 6. (A) H&E staining of 3D skin organotypic cultures obtained with N/TERT1 control and N/TERT1 clones #8 and #10 keratinocytes. The various skin layers are indicated. SB: stratum basale; SS: stratum spinosum; SG: stratum granulosum; SL: stratum lucidum; SC: stratum corneum. Scale bar: 100 μm. (B) Loricrin is strongly expressed in organotypic cultures of control keratinocytes in the stratum granulosum. In contrast, Loricrin is only weakly and irregularly expressed in the absence of IRF6. Close-up images are shown to the right of each organotypic culture. Arrowheads indicate aberrant presence of nuclei in the SC. (C) Quantification of H&E pictures of the 3D skin models. Note that in the absence of IRF6 the area of the SL + SC (orange area left panel), as well as the SG (orange area middle panel) are significantly reduced. Also, absence of IRF6 results in the presence of cell nuclei (arrowhead) in the SL and SC, which is not the case for control (right panel). ∗p < 0.05 control vs. clones #8 and #10.




Proteomics Reveal Skin Homeostasis, Immune Response, and ECM as Major Protein Clusters Affected by the Lack of IRF6

To learn more about IRF6 function in both skin and oral mucosa, the proteomes of IRF6-deficient OKF6 and N cells were analyzed and compared to their corresponding controls. A total of roughly 3,200 proteins were identified (Supplementary Data Sheet 2 and Supplementary Figure 8). Normalized heat maps as well as hierarchical clustering revealed different proteomic profiles between OKF6/TERT2 and N/TERT1, and between their IRF6 knockout clones (Figure 7A). Employing strict criteria for the analysis (log2 fold change >1 (except for FN, which we confirmed by immunoblotting), we determined roughly 70 differentially expressed proteins in N control compared to IRF6 knockout clones (Supplementary Table 3) and only about 20 proteins for OKF6 (Supplementary Table 4). A selection of differentially expressed proteins could be categorized to the main functional groups “Skin Homeostasis,” “Immune response/IFN-related”, and “ECM” in both the cell lines (Figure 7B,C). To further identify protein clusters among the differentially expressed proteins and their putative biological functions, these proteins were inserted into the STRING database for potential networks. STRING networks were retrieved indicating the main protein clusters affected by the lack of IRF6 (Figures 7B,C): Immune response/IFN-related (green), Skin Homeostasis (yellow), and ECM (red). We verified a panel of the identified proteins by analyzing their transcript levels. qPCR analyses for the genes Galectin-7 (GAL7), S100A8, S100A9, Desmoglein-1 (DSG1), and Desmocollin-2 (DSC2) showed that lack of IRF6 significantly decreased all their transcript levels (Figure 7D). In conclusion, our data show that IRF6 plays an important role in the regulation of skin homeostasis and keratinocyte-effected immune response in both oral mucosa- and skin-derived postnatal human keratinocytes.


[image: image]

FIGURE 7. (A) Heat map of hierarchical clustering after imputation and color key represent the total amount of identified proteins in N/TERT1 (left side) and OKF6/TERT2 samples (right side). Note the hierarchical clusters on top demonstrating significant changes in the proteome between skin- and oral mucosa-derived cell lines. (B) Differentially expressed proteins in OKF6 clone #26 vs. OKF6 control in cultures at high cell density (HD). Tables on the top summarize the main three protein clusters: immune response/IFN-related (green), Skin Homeostasis (yellow), and ECM (red). String network depicting all differentially expressed proteins is shown as well with the three main clusters as described before. Note that only proteins are shown having a differential expression of at least log2 fold change = 1. ECM: extracellular matrix. (C) Differentially expressed proteins in N clone #10 vs. N control in cultures at high cell density (HD). Tables on the left summarize the main three protein clusters: immune response/IFN-related (green), Skin Homeostasis (yellow), and ECM (red). String network depicting all differentially expressed proteins is shown as well with the three main clusters as described before. Note that only proteins are shown having a differential expression of at least log2 fold change = 1. ECM: extracellular matrix. (D) qPCR verifications for some mRNA transcripts (GAL7, S100A8, S100A9, DSG1, and DSC2) for which the corresponding proteins have been found to be differentially expressed in both OKF6 and N cells compared to the corresponding IRF6-deficient keratinocytes. ∗p < 0.05 controls vs. clones #15 and #26, and clones #8 and #10.




DISCUSSION

Most of our knowledge on IRF6 has been gained from animal models and murine cells. Yet, studying IRF6 in human cells is important since IRF6 variants are associated with non-syndromic CLP cases as well as causative for two syndromic forms of orofacial clefting, VWS and PPS (Kondo et al., 2002). In addition, IRF6 has been found mutated in head and neck squamous cell carcinoma (Stransky et al., 2011) and IRF6 is often lost or downregulated in many solid cancers (Bailey et al., 2008; Botti et al., 2011). Still, complete and detailed knowledge on IRF6 function, its upstream and downstream effectors in human postnatal keratinocytes remains elusive. Our study on IRF6 function in postnatal human keratinocytes mostly confirms and complements the various studies using embryonic murine Irf6–/– keratinocytes (Biggs et al., 2012, 2014; Rhea et al., 2020). The two most apparent defects in IRF6-ablated keratinocytes were phenotypes related to cell morphology and to epidermal homeostasis.

We applied two distinct in vitro differentiation assays to assess the differentiation potential of human skin- and oral mucosa-derived keratinocytes in the absence of IRF6. In both cell lines, disruption of IRF6 impaired the entire epidermal differentiation program. The early (e.g., KRT10) as well as late (e.g., LOR) differentiation markers were deregulated in IRF6-deficient keratinocytes compared to their controls under differentiating conditions (Figure 5 and Supplementary Figure 6). We also noted some variations between the two in vitro differentiation assays. While the Ca2+-switch did not induce any of the differentiation markers in both cell lines in the absence of IRF6, the cell density-dependent differentiation triggered an induction of some of the markers, whose levels however remained significantly lower than in the control. We conclude that IRF6 is important for regulating early as well as late differentiation events in both oral mucosa and skin. In agreement with this observation, 3D organotypic skin models indicated that IRF6 knockout keratinocytes failed to build a healthy and regular epidermis. The SG as well as the SC appeared inadequately formed in the absence of IRF6, as both were significantly thinner compared to the ones built in controls. Furthermore, the SG did not develop properly, but rather patchy, which was confirmed by staining for LOR (Figures 6B,C). LOR levels were significantly decreased compared to control, and only a small fraction of keratinocytes displayed a highly heterogenous positivity. Also, abnormal presence of nucleated cells in the stratum corneum, a phenotype originally described as parakeratosis (Cardoso et al., 2017), was often observed in the absence of IRF6. Similar traits have been reported in receptor-interacting protein kinase 4 (Ripk4)-deficient mice. Such mice exhibit patchy areas of LOR-positive corneocytes and nucleated cells in the outermost epidermal layer (De Groote et al., 2015), highlighting a role for the described RIPK4-IRF6 connection in epidermal integrity (Kwa et al., 2015; Oberbeck et al., 2019). Strikingly, Irf6 null embryos display an expanded spinous layer and complete lack of the stratum granulosum and corneum (Ingraham et al., 2006). Similarly, embryonic murine Irf6–/– keratinocytes are not competent to undergo terminal differentiation in vitro, but Irf6 was not necessary for Krt10 induction (Biggs et al., 2012). In contrast, our data reveal that IRF6 is already essential for KRT10 induction and that an irregular, probable dysfunctional SC is still formed in the absence of IRF6. These discrepancies might be either related to differences between mice and humans or to the fact that embryonic is compared to postnatal tissue. In human, it has been shown that IRF6-associated VWS patients exhibit increased keratinocyte proliferation, but normal KRT10 levels when compared to non-syndromic CLP cases (Hixon et al., 2017). This suggests that even reduced IRF6 levels, as often is the case in VWS patients (Degen et al., 2020), still are sufficient to properly regulate KRT10 expression. Following this idea, we provide evidence that forced expression of IRF6 in the IRF6-deficient keratinocytes is capable of partially rescuing the morphological and differentiation phenotypes, but only, if a certain IRF6 threshold is attained (Figure 2C and Supplementary Figure 7). Such observations have already been reported in studies using IRF6–/– embryos (Kousa et al., 2017) and Irf6+/– mice (Rhea et al., 2020). In addition, we show that GRHL3, a downstream target of IRF6, is able to partially rescue the differentiation defect in IRF6-depleted keratinocytes, which fits with the literature (de la Garza et al., 2013). However, exogenous GRHL3 was not capable of rescuing the scattered cell colony morphology (Supplementary Figure 4B). GRHL3 and IRF6 are transcription factors expressed in the periderm during embryogenesis (Richardson et al., 2009; Peyrard-Janvid et al., 2014; Richardson et al., 2014), regulate keratinocyte differentiation (Ting et al., 2005), and are associated with CLP and VWS (Kondo et al., 2002; de la Garza et al., 2013; Peyrard-Janvid et al., 2014; Mangold et al., 2016). How they work together to dictate keratinocyte differentiation is not fully elucidated yet and needs more detailed investigations. Our data suggest a common function during differentiation, but an IRF6-specific activity controlling cell morphology.

Lack of epidermal integrity in the absence of IRF6 was already visible in the stratum basale in the 3D organotypic cultures, which was irregular and disordered (Figure 6A). This observation fits to the second major phenotype in IRF6-depleted keratinocytes: The appearance of altered cell size and colony morphology. Cell colonies of IRF6-depleted cells appeared scattered (reduced colony circularity) with less stable cell-cell contacts and there was a significantly increased number of single and enlarged cells in these cultures when compared to control (Figure 2). This phenotype was more pronounced in the skin-derived keratinocytes, which might reflect our observation that IRF6 levels are higher in skin- than in oral mucosa-derived keratinocytes (Figure 1). Single cells trying to evade the stable cell colonies and increased cell size are features associated with an EMT (Lamouille and Derynck, 2007). Although IRF6-deficient keratinocytes displayed slightly increased levels of some mesenchymal markers (e.g., Fibronectin), E-Cadherin levels remained unchanged, and the growth factor-triggered EMT was less pronounced when compared to controls (Figure 3). In addition, EMT induction by TGFβ1 resulted in increased levels of IRF6, which is identical to the response of Irf6 to TGFβ3 in mice (Ke et al., 2015). This observation might be unexpected as IRF6 is described as an epithelial marker. However, it is clear that IRF6 is not a strict epithelial marker as it is also expressed in immune cells (Joly et al., 2016) and involved in osteoblast differentiation of craniofacial bone (Thompson et al., 2019). Furthermore, it has been shown that ectopic Irf6 expression enhances Snai2 mRNA levels in mice (Ke et al., 2015), which consequently leads to the repression of Cdh1. A very recent study reports that IRF6 is responsible for the regulation of E-Cadherin to the plasma membrane, which is important for the maintenance of cohesion between epithelial cells (Antiguas et al., 2021). All these data imply that EMT is partially dependent on IRF6, which is in agreement with a previous in vivo study in mice (Ke et al., 2015), and that epithelial cell characteristics are maintained, even in the absence of the epithelial-specific transcription factor IRF6.

Further support in this regard was obtained from the observation that the closure of an in vitro scratch was delayed in the absence of IRF6 (Figure 4). Such a result is not conform with a more detached migratory state of mesenchymal cells. Notably, IRF6-depleted keratinocytes not only closed the wound slower, but they also moved in a different migration pattern when compared to control. Instead of moving as a continuous epithelial cell sheet to close the artificial wound like control keratinocytes, IRF6-deficient cells preferentially moved as single cells. This observation is reminiscent of the morphological phenotypes described above and complements previous studies using embryonic Irf6–/– keratinocytes showing reduced migration speed and less directionality (Biggs et al., 2014). Whether this irregular migration pattern in vitro provides the molecular rationale for the observed wound healing complications observed in VWS patients in vivo remains to be elucidated and needs additional investigations. Our data point toward a crucial role for IRF6 in regulating intrinsic postnatal cellular characteristics and processes. However, cell growth was not affected by IRF6 in both OKF6 and N keratinocytes (Supplementary Figure 5). Although similar results were obtained in mice, Irf6 knockout attenuated the long-term proliferative potential of the cells (Biggs et al., 2012). We refrained from such long-term experiments, since we used TERT immortalized cells potentially masking any effect on cell proliferation by the absence IRF6.

Proteomics of differentiated keratinocytes confirmed our in vitro differentiation data. Most of the differentiation markers (e.g., KRT10, TGM1, KRT13, IVL) were downregulated in the absence of IRF6 in both cell lines compared to control (Figure 7). Unfortunately, LOR and FLG were not detected in our proteomic analysis for technical reasons. Several candidate proteins that might explain the morphological phenotypes observed in IRF6-deficient keratinocytes were identified as well. Among them were Desmocollin-2 (DSC2), Desmoglein-1 (DSG1), and Galectin-7 (LGALS7), which were all significantly reduced in the absence of IRF6 (Figure 7). DSC2 and DSG1 are components of desmosomes (Garrod and Chidgey, 2008), which represent intercellular junctions essential for mediating cohesion, epidermal integrity, and MAPK/ERK signaling regulation (Green et al., 2010; Harmon et al., 2013). Disruption of desmosomes has been attributed with loss of cell-cell contacts, EMT, impaired skin differentiation, and lack of epidermal barrier formation (Johnson et al., 2014). Whether IRF6-deficient keratinocytes completely lose their desmosomes or whether only certain of their components are altered remains to be discovered. It is worth mentioning that in the Irf6–/– mice, desmosomes were observed throughout the epidermis including the most superficial keratinocyte layers in contrast to wt animals lacking desmosomes in the superficial layers (Ingraham et al., 2006). Another study confirmed that Irf6 knockout murine keratinocytes did not affect the regulation of the components of desmosomes (Ferone et al., 2013). Two proteins, RAB25 and SULT2B2, which are known to be associated with healthy skin and the regulation of epidermal differentiation and proliferation, have also been found to be robustly decreased in the absence of IRF6 in skin-derived keratinocytes (Heinz et al., 2017; Jeong et al., 2019).

LGALS7 is a protein belonging to a family of soluble lectins and shows preferential expression in stratified epithelia, including the skin and oral cavity (Magnaldo et al., 1998), where it has crucial functions for skin homeostasis in response to major challenges, and for the regulation of keratinocyte proliferation and differentiation (Gendronneau et al., 2008; Chen et al., 2016). Strikingly, LGALS7 also controls re-epithelialization of wounds by regulating directionality, collective cell behavior, and intercellular E-Cadherin-dependent adhesions (Cao et al., 2003; Advedissian et al., 2017). Proteomics also identified up-regulation of the extracellular matrix protein Fibronectin (FN), which is involved in various cellular aspects, for instance wound healing (Pankov and Yamada, 2002). Nothing is known yet about an IRF6-FN connection, which might suggest an important role for IRF6 in epithelial-mesenchymal interactions and might explain the maturation defect of the granulation tissue observed during wound healing in heterozygous Irf6+/– mice (Rhea et al., 2020). In general, proteomics exposed more changes upon IRF6 depletion in the skin-derived N/TERT1 keratinocytes compared to the oral mucosal OKF6/TERT2. This might reflect our observations that IRF6 is higher expressed in skin than in oral mucosa (Figure 1), a tissue that lacks the outermost cornified skin layers.

Skin integrity is achieved by formation of a properly built skin barrier and by the adequate communication with immune cells, including the release of cytokines and chemokines. Both processes protect us from various external insults and guarantee the maintenance of physiological skin homeostasis. Using human postnatal keratinocytes we demonstrate that both crucial functions of the skin are affected by the absence of IRF6. Our experimental data reveal major functions for IRF6 in the differentiation program as well as in the regulation of cell-cell contacts. Moreover, we also show that many “immune response/IFN-related” proteins are altered in the absence of IRF6. While a lot of knowledge has been gained in the recent years about the function of IRF6 during various aspects of craniofacial development, a complete understanding of the transcription factor is still missing. Especially in postnatal human tissues, knowledge about IRF6 remains sparse. One limitation of our study is the use of immortalized keratinocytes for elucidating the role of IRF6 in human cells. While all our data using two cell lines are in line with the literature on Irf6 function in mice, more investigations are warranted to better understand IRF6 in primary human cells and tissues.
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Statistic Kruskal-Wallis test

T =10.736; df = 2; p-value = 0.005 Adj. p-value: BWT-RCAS-Ap = 1
WT-RCAS-Wnt3a = 0.0023 RCAS-Ap-Wnt3a = 0.0774

T =4.911; df = 2; p-value = 0.086
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Columns 2-4 indicate means with standard error presented in parenthesis. Last column indicates the test statistics. T indicates test statistic. df indicates degree of
freedom. p-value indicates the asymptotic significance (two-sided test). Adj. p-value indicates asymptotic significances (two-sided tests) adjusted by Bonferroni correction.
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Muscles References

Avian First arch Adductor mandibulae externus McClearn and Noden, 1988

Adductor mandibulae caudalis Pseudotemporalis profundus
Pseudotemporalis superficialis
Pterygoideus
Protractor of quadrate
Intermandibularis (dorsal and ventral)

Second arch Depressor mandibulae McClearn and Noden, 1988
Muscle of the columella (stapedial)
Constrictor colli
Mylohyoideus caudalis
Serpihyoideus
Stylohyoideus
Interceratobranchialis

Neck Cucullaris muscle (cucullaris capitis and cucullaris cervicis) Theis et al., 2010

First arch Temporalis and Masseter Lescroart et al., 2010

Mouse Second arch Auricularis Lescroart et al., 2010

Buccinator
Frontalis, Occipitalis
Orbicularis oculi
Quadratus labii and

Zygomaticus

Neck (non-somitic) Acromio-trapezius Heude et al., 2018
Spino-trapezius
Sternocleidomastoideus

Neck (somitic) Epaxial neck muscles (Levator scapulae, Semispinalis, Splenius, suboccipital, Heude et al., 2018

postvertebral muscles and rhomboid occipitalis)
Hypaxial neck muscles (infrahyoid muscles, longus capitis and longus colli)
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Species Fusion initiation Fusion completion Total fusion
(approx.)

Chicken HH St27-28/5.5-6 d* HH 34/8 days 66 h

Zebrafish 34-36 hpf* 56 hpf 26 h

Mouse 11.5 days 13.0 days 24-36 h

Human CS16/week 6 CS18/week 7 1 week

Main sources: Mann (1964); Hardy et al. (2019), Eckert et al. (2020) (references:
Mann, 1964, Hardy et al., 2019; Eckert et al., 2020).
CS, Carnegie stage; dpf, days post fertilization, h, hours; HH, Hamburger Hamilton
stage. (*Incubation times may vary between laboratories or aquaria).
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Background C57BL/6J substrain, %

CD1 28.6
CD1;,C57BL/6J, F2 97.4
CD1;,C57BL/6J, F7 98.1
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Phenotype Outcrossed Backcrossed
CD1 C57BL/6J F4
(n=10) n=9)
Exencephaly 9 (90%) 6 (67 %)
Tight mesencephalic flexure 3 (30%) 3 (33%)
Abnormal heart looping 3 (30%) 5 (566%)
Twisted body axis 9 (90%) 7 (78%)
Pericardial edema 3 (30%) 4 (44%)
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Background Total n  Wild-type Het Mutant

Outcrossed CD1 52 4 13(25%)  29(56%) 10 (19%)
Backcrossed C57BL/6J F4 48 6 13(27%)  26(54%) 9 (19%)
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Skin

Mucocutaneous
junction area

Mucosa

Teeth

Category

Forehead
Eyebrow
Ear

Nose

Facial skin
CLP Lip
Upper Lip
Lower Lip
Scar (lip)
Palate

Oral Mucosa
“Lip Pits”
Gingiva
Periodontal Ligament
Dental Pulp

# Samples

0o -4 4 4

48
3
1
1
2
4
1
7

10
3

Cells Donor Sex
Ep Fb ™M F n.a.
X X 1 0 0
X 0 0 1
X X 0 0 1
X X 1 0 0
X X 5 3 0
X X 30 18 0
X X 1 1 1
X X 1 0 0
X 1 0 0
X 1 il 0
X X 2 2 0
X X 1 0 0
X X 4 2 1
X 5 3 2
X 2 I 0

Donor Age

2-4 years
2-4 years
n.a.

2-4 years
3-5 months
3-5 months
3-5 years
19 years

19 years
>18 years
3-5 months
19 years
>18 years
>18 years
>18 years

Specifics
healthy diseased CFA
ns s
]
’
’
’
7 1x GH (F)
46 1x VWS (M) 1x T13 (F)
3 0
1x VWS (M)
1x VWS (M)
2
4
1x VWS (M)
4 2 1x VWS (M)
10
3

Diseased gingiva samples were received from periodontitis-affected patients. Ep: epithelial cells; Fb: fibroblasts; M: male; F: female; n.a.: not available; ns: non-syndromic;
s: syndromic; CFA: craniofacial anomaly; GH: Goldenhar syndrome; VWS: Van der Woude syndrome; T13: Trisomy 13. Cells that have been used in this study, including
cell name, donor sex, donor age, and characteristics are indicated.
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First antibody Specificity Concentration Source
(ng/ml)
14-7992-81 CXCL12 10 Affymetrix eBioscience, San Diego, CA, United States
Sc 17340 Sox9 0,33 Santa Cruz via Bio-Connect, Santa Cruz, CA, United States
PA3-305 CXCR4 3,33 Thermo Fisher Scientific, Waltham, MA, United States
SPA 895 HO-1 2 Enzo Life Sciences BVBA, Bruxelles, Belgium
Secondary antibody Specificity Concentration Color Source
(ng/ml)
101909 Donkey anti Rabbit 3,4 = Jackson Immunoresearch Europe LTD, Ely, United Kingdom
Biotine
714270 Donkey anti Goat Alexa 20 Red Invitrogen Thermo Fisher Scientific, Waltham, MA,
Fluor 594 United States
A11008 Goat anti Rabbit Alexa 4 Green Invitrogen Thermo Fisher Scientific, Waltham, MA,
Fluor 488 United States
1777945 Goat anti Rabbit Alexa 4 Red Invitrogen Thermo Fisher Scientific, Waltham, MA,

Fluor 594

United States
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Cells Donor sex Donor age  Tissue Specifics Syndrome  VWS-linked mutation in /IRF6, GRHL3, NME1

Primary keratinocytes

VWS (D6) 16 weeks Lip Bilateral complete CLP VWS IRF6 (c.961delGTGTAINsC) VWS
CLP1 (EB) 15 weeks Lip Partial cleft lip left, cleft palate no* no

CLP2 (F6) F 21 weeks Lip Complete CLP left no* no Non-
CLP3 (PA) 30weeks  Lip ncomplete cleft lip (left) no* no nysromic
CLP4 (H7) 14 weeks Lip Complete CLP right no* no

Lip (19K) n.a. 4 years Lip Healthy no not applicable

Forehead (19H) n.a. 1.5 years Forehead Healthy no not applicable Control
Foreskin (18E) 2 years Foreskin Healthy no not applicable

Cells Donor sex Donor age  Tissue Specifics

Other cells

OKF6/TERT2 M 57 years Floor of the mouth Healthy; oral mucosal keratinocytes

HaCaT M 62 years Skin Healthy; in vitro spontaneously transformed keratinocytes

HEK293 Fetus Kidney Healthy

M: male. F: female. n.a. not available. *verified by whole exome sequencing.
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