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Polyacrylamide (PAM) hydrogels are commonly used as substrates for cell mechanical

and mechanobiological studies because of their tunable stiffness and ease of handling.

The dependence of bulk rheological and local elastic properties (assessed by Atomic

Force Microscopy, or AFM) of PAM hydrogels on its composition and polymerization

temperature has been extensively studied. PAM hydrogels swell when immersed in

media, but the influence of swelling on local elastic properties is poorly characterized.

Direct measurements of the effect of swelling on PAM elastic properties are scarce.

We report here, for the first time, the direct measurements of volumetric swelling

and local elastic properties of PAM gels throughout the post-polymerization swelling

process until equilibrium. First, local and global elastic properties (measured by rheology),

were obtained during polymerization in the absence of swelling, and showed good

agreement with each other. Four PAM hydrogel compositions were characterized thus,

with corresponding storage shear moduli (as measured immediately after polymerization)

of 4,530Pa (termed stiffest), 2,900Pa (stiff), 538Pa (soft), and 260Pa (softest). Next, all

compositions were subjected to swelling in phosphate buffered saline. Swelling ratios

and local elastic moduli were measured at 0, 3, 6, 9, 12, and 24 h post-polymerization

for the soft and softest compositions, and once daily till 6 days post-polymerization for

all four compositions. For the stiffest and stiff gels, swelling ratio, and local elastic

modulus changed negligibly with time, while for the soft and softest gels, substantial

changes between Day 0 and Day 1 were found for both swelling ratio (increased

by 21.6 and 133%, respectively), and local elastic modulus decreased (by 33.7

and 33.3%, respectively), substantially. Experimental data were analyzed by a model

that combined ideal elastomer mechanics and poroelastic swelling kinetics model.

Model predictions confirmed the validity of present measurements with respect to

past studies where swelling and elastic properties were not measured simultaneously.

The present study underlines the important effect swelling can have on PAM elastic

properties and provides detailed quantitative data to guide the duration taken to

reach equilibrium—a useful information for cell mechanics experiments. In addition, the

simultaneous measurements of swelling and local elastic moduli provide novel data for

the validation of theoretical models.

Keywords: PAM hydrogel, swelling, AFM, bulk rheology, elastic modulus
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INTRODUCTION

Hydrogels are soft, hydrated materials that can mimic the
properties of native tissues. They have gained considerable
interest for cell culturing and cell delivery, in particular for
the engineering of physiologically more relevant cellular
microenvironments, e.g., for regenerative medicine applications.
They have been used as deformable substrates in cell
mechanical and mechanobiological studies to evaluate the
role of extracellular matrix mechanical properties on cell fate.
They are an essential ingredient of Traction Force Microscopy
(TFM) procedures that aim at quantifying cellular forces from
measuring cell-induced deformations of hydrogel substrates
(Burton, 1998; Butler et al., 2002; Du Roure et al., 2005; Lin
et al., 2013; Schwarz and Soiné, 2015; Steinwachs et al., 2016).
These procedures, among others, require accurate data on the
mechanical (elastic) properties of the hydrogels. In this context,
polyacrylamide (PAM) hydrogels have been among the most
popular materials for 2D TFM studies and cell mechanical
studies in general. Their stiffness can be easily tuned by changing
the concentrations of the monomer acrylamide and cross-
linker, their transparent nature enables high-resolution live
cell imaging, and their surface can be easily functionalized
by covalently attaching a variety of adhesion ligands (Tse and
Engler, 2010; Caliari and Burdick, 2016). At the same time
care must be taken to control the mechanical behavior of PAM
substrates in order to improve the reproducibility of cell culture
experiments and accuracy of traction calculations.

A number of studies have focused on the effect of PAM
composition and polymerization temperature on the mechanical
properties of PAM hydrogels. Tse and Engler measured the
elastic (Young’s) modulus of PAM substrates by means of atomic
force microscopy (AFM) for a large range of acrylamide (3–
10% w/v) and N′N′ methylene bis acrylamide (MBA) (0.03–
0.3% w/v) concentrations and reported values between 0.2 and
40 kPa that increase with increasing monomer and cross-
linker concentration (Tse and Engler, 2010). Calvet et al. (2004)
demonstrated by means of bulk shear rheology that for a given
composition, an optimal temperature of polymerization exists for
which the highest storage modulus is achieved. The pore sizes of
the PAM hydrogels have been reported to be of the order of 20–
200 nm and tend to decrease with increasingmonomer and cross-
linker concentration (Stellwagen, 1998). While composition and
polymerization temperature affect the mechanical and structural
properties immediately after gelation, they may change over time
as a result of hydrogel swelling. Therefore, in order to avoid
confounding the interpretation of results, protocols require that
cell mechanics experiments are performed after equilibrium has
been attained.

A limited number of studies have measured the change in
elastic properties for PAM hydrogels attached to a rigid surface
and immersed in phosphate buffered saline (PBS). Denisin and
Pruitt (2016) measured elastic moduli by means of AFM for
various PAM hydrogel compositions (total polymer content
between 10 and 20% w/v) over a period of 10 days and reported
that stiffness fluctuates over time, with an increase up to 55% after
10 days for the lowest polymer content (10%).While stiffness was

measured every 2 days, swelling was only determined at the end
of the 10 day periods (Denisin and Pruitt, 2016). Damljanović
et al. (2005) performed indentation measurements over a 20 h
time period and reported PAM softening of about 25% for a 4.5%
acrylamide, 0.07% MBA hydrogel, however without performing
any swelling measurements. These studies provide estimates of
how long a duration needs to be waited out before equilibrium is
attained. Yet, due to the lack of transient swelling data in both
studies and the different time periods investigated, it remains
unclear how the elastic properties of PAM hydrogels depend on
the transient swelling ratio.

Theoretical models based on equilibrium thermodynamics
have been developed to predict equilibrium swelling of polymer
networks from free energyminimization, taking into account free
energy contributions from the mixing of the solvent with the
polymer network, from the elastic deformation of the polymer
network and (if present) from the mixing of ions with the solvent
(Brannon-Peppas and Peppas, 1991; Aalaie and Vasheghani-
Farahani, 2012; Li et al., 2012). Such models have been applied
to describe the relation between swelling ratio and osmotic
pressure for electrically neutral PAM hydrogel networks swollen
in water (Li et al., 2012) and to predict equilibrium swelling ratios
of electrically charged PAM hydrogels in electrolyte solutions
(Aalaie and Vasheghani-Farahani, 2012).

Swelling has been shown to increase the spatial heterogeneity
of polymer networks such as PAM, as shown by light scattering
(Johnson et al., 2004) and neutron scattering measurements
(Mendes et al., 1991). In addition, when soft PAM hydrogels are
attached to a rigid surface (as for cell culture applications) they
may exhibit non-uniform swelling which might lead to surface
creasing or buckling. This can lead to heterogeneity in surface
structural and elastic properties and also influence cell behavior
(Guvendiren and Burdick, 2010; Saha et al., 2010).

The main aim of the present study is to simultaneously
characterize PAM hydrogel swelling and changes in local
elastic properties during the transient swelling process post-
polymerization. This fills a knowledge gap in the literature
on PAM mechanical behavior that is potentially of interest
to researchers working at the interface of cell mechanics,
mechanobiology, and biomaterials. Thereby, the choice of length
scale of local elastic properties, of durations investigated and
of global elastic properties of the PAM hydrogels are driven
by considerations of TFM experiments. Specifically, local elastic
properties are measured using AFM at the surface of hydrogels
attached to a rigid glass surface. Swelling ratios and local
elastic moduli are obtained over relatively long (6 days, with
1 day interval) as well as short (24 h, with 3 h interval)
periods, covering TFM culture periods that can span from a
few hours to days (Plotnikov et al., 2014; Tang et al., 2014;
Schwarz and Soiné, 2015). PAM compositions investigated
possess post-polymerization bulk shear moduli under non-
swelling conditions between 260 and 4,530 Pa. These global
elastic properties are also in line with PAM hydrogels employed
in cell mechanics experiments (Tse and Engler, 2010; Caliari
and Burdick, 2016; Denisin and Pruitt, 2016). A theoretical
analysis is performed in order to qualitatively interpret the
above novel data and to compare these with past studies

Frontiers in Materials | www.frontiersin.org 2 July 2020 | Volume 7 | Article 2126

https://www.frontiersin.org/journals/materials
https://www.frontiersin.org
https://www.frontiersin.org/journals/materials#articles


Subramani et al. Swelling Influences PAM Hydrogel Elasticity

where swelling and elastic properties were investigated (but not
simultaneously). This analysis combines previously established
models of ideal elastomeric gels under free swelling conditions
(Damljanović et al., 2005) and poroelastic models of swelling
kinetics (Yoon et al., 2010). Lastly, although for studying the
effect of swelling on the elastic properties, the use of bulk
rheology (compared to AFM) is much less straightforward
(because of technical and practical challenges to perform
accurate bulk rheological measurements on hydrogels that
are swelling within the rheometer for extensive periods of
time), it is nevertheless an established technique for PAM
hydrogel mechanical characterization and is often performed
on PAM hydrogels. Moreover, AFM response is potentially
heterogeneous; hence to address this, bulk shear rheological
measurements were performed to characterize global elastic
properties, which were used to verify local elastic properties
during and after polymerization.

MATERIALS AND METHODS

Materials
All chemicals were purchased from Sigma-Aldrich or
BioRad company.

PAM hydrogels were prepared (Tse and Engler, 2010) by
mixing acrylamide (A) and N′N′ methylene bis acrylamide
(MBA) at different concentrations (reported throughout as grams
of solute per 100mL of mixture, %w/v) leading to four different
stiffness values (termed stiffest, stiff, soft, and softest; see Table 1)
(Tse and Engler, 2010). Polymerization was initiated by adding
12 µL of N,N,N,N-tetramethylethylene-diamine (TEMED) and
ammonium persulfate at 0.1% final concentration.

In situ Bulk Shear Rheology
In situ bulk shear rheological measurements were performed for
the four PAM compositions prior to swelling (Day 0). Storage
(G′) and loss (G′′) shear moduli were determined as functions of
polymerization time (time sweep), loading frequency (frequency
sweep) and shear strain amplitude (strain sweep). A Physica
MCR 501 parallel plate shear rheometer with temperature

control (Anton Paar GmbH, Graz, Austria) was used and all
hydrogel specimens were prepared in situ. Initially the set-up was
maintained at room temperature. Immediately after dispensing
a 350 µL drop of polymerized solution on the bottom plate, a
20mm diameter top plate was lowered from an initial gap of
20mm to a final gap of 1mm. After the top-plate reached the
final gap, heavy mineral oil was poured over the exposed surface
of the gel, and a solvent trap was placed over the entire set-up to
prevent evaporation. For time sweep measurements, oscillatory
loading was started immediately afterwards and continued for
1 h at room temperature and for a (engineering) shear strain
amplitude of 1% and an angular frequency of 1 rad s−1. For
strain sweep and frequency sweep measurements, the solution
was left undisturbed at room temperature for 1 h, after which the
temperature was increased to 37◦C over a 50 s interval, and then
held constant at 37◦C until the end of the measurement. Strain-
sweep measurements were performed at an angular frequency
of 1 rad s−1, while the strain amplitude was increased from
0.01 to 100%. These tests demonstrated that the storage shear
modulus of all gels varied by <5% over the entire strain range
for all PAM compositions, thereby confirming linear elastic
behavior. Frequency sweep measurements were performed for
a strain amplitude of 1% and angular frequency was increased
from 0.1 to 100 rad s−1. For each measurement (time sweep,
strain sweep, frequency sweep), three specimens per composition
were tested.

Atomic Force Microscopy
AFM was employed to assess the effect of swelling on the
local elastic properties for the four PAM compositions at
different points of time during polymerization, and during post-
polymerization swelling. A JPK Nanowizard R© III Bioscope-
AFM (JPK Instruments AG, Berlin, Germany) was employed
for all measurements, and for each time-point 3 specimens per
composition were measured.

AFM measurements were performed on Day 0 at different
polymerization times to enable comparison between local and
bulk rheological (time sweep) properties. Measurements were
performed at room temperature similar to time sweep bulk

TABLE 1 | Summary of global (in situ bulk shear rheology) and local (AFM) elastic properties obtained for four different gel compositions (A, acrylamide; MBA, N′N′

methylene bis acrylamide; concentrations are expressed as grams of solute per 100mL of mixture, %w/v).

Gel

composition

G′
± SD (Pa)

(shear rheology)

E ± SD (Pa)

(AFM)

G ± SD (Pa)

(AFM)

Difference between

G′ (rheology) and G

(AFM) (%)

CV (%) between

specimens

E (AFM) at Day 0

CV (%) within

specimens

E (AFM) at Day 0

CV (%) between

specimens

E (AFM) at Day 6

CV (%) within

specimens

E (AFM) at Day 6

Stiffest (A = 8%,

MBA = 0.4%)

4,530 ± 150 13,000 ± 780 4,333 ± 233 4.4 6 3.8 7 10

Stiff (A = 8%,

MBA = 0.2%)

2,900 ± 90 7,930 ± 436 2,543 ± 188 12.3 5.5 9.2 9.3 7.1

Soft (A = 5%,

MBA = 0.1%)

538 ± 14 1,970 ± 225 576 ± 66 6.6 7.3 10.1 17 15.1

Softest (A = 8%,

MBA = 0.01%)

260 ± 83 620 ± 35 220 ± 13 15.4 5.6 6.1 18.1 14

G′ ± SD data were obtained by bulk rheology and E ± SD by AFM. G′ was obtained by applying equation (3) with Poisson’s ratio v = 0.5 and the local elastic modulus E given by AFM.

Coefficients of variation (CV) are reported in between specimens (three per composition) and within specimen (spatial heterogeneity) for local elastic modulus E at Day 0 (control) and

Day 6, as determined by AFM.
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rheological measurements. Specimens were prepared by adhering
a 100 µL drop of the acrylamide mixture to a pretreated (3-
aminopropyltrimethoxysilane + glutaraldehyde) glass surface.
This avoided any gel movement while measuring. The gel was
flattened with a 12mm diameter circular coverslip pretreated
with Sigmacote R© (to avoid sticking; Sigma-Aldrich), leading to
a gel thickness of about 1mm. At selected polymerization times
(3, 6, 10, 15, and 30min) gels were washed with deionized
water (thereby removing unpolymerized material and arresting
any further polymerization) and coverslips were removed prior
to measurement.

AFM measurements were performed as a function of swelling
time. Gels were prepared by adhering a 100 µL drop of
the acrylamide mixture to a glass surface pretreated with 3-
aminopropyltrimethoxysilane and glutaraldehyde to avoid any
gel movement while measuring. Prepared gels were immersed
in PBS buffer at 37◦C. Measurements were performed at Day
0 (control), Day 1, Day 2, Day 3, Day 4, Day 5, and Day 6.
Measurements were also performed at 3, 6, 9, 12, 15, and 24 h
to assess the influence of swelling at shorter intervals for those
two compositions that exhibited substantial swelling for the 6 day
experiment (soft and softest gels).

Local elastic (Young’s) moduli were determined by acquiring
force–distance curves and analyzing them by means of a Hertz
contact model. All curves were recorded for an approach and
retract speed of 5µm s−1 and a sampling frequency of 2–
4 kHz. For each AFM measurement, the spring constant of the
cantilever was calibrated using thermal tuning method and it
was found to be in the range of 0.035–0.045 N/m. Probe tips
with a 6.1µm diameter polystyrene sphere (sQube R© colloidal
probe, CP-PNPL-PS-C-5, nominal spring constant = 0.08 N/m)
or pyramid geometry (budget sensors, SiNi-30, nominal spring
constant = 0.06 N/m) (half face angle = 35◦) were used.
The obtained data were fitted by means of the JPK-SPM data
processing software that employs a Hertz contact model. For a
spherical geometry the relation between force F and indentation
δ is given by:

F = 4 R1/2E δ3/2/3 (1− v2) (1)

with E= elastic modulus, R= tip radius, v= Poisson’s ratio. For
a pyramidal tip the following relation was used:

F = E tanα δ2/(1− v2) 21/2 (2)

where α = half face angle. A Poisson’s ratio of 0.5 was assumed
for the calculation of E. The obtained elastic modulus values
were found to be independent of the choice of AFM probe tip
geometry [as was also previously found by Engler et al. (2004)]. In
order to assess spatial heterogeneity of the local elastic modulus,
several spatial elasticity maps were acquired for a given specimen,
with each map consisting of either 8 × 8 or 16 × 16 pixels
and with map size varying from 10 to 50µm wide. We assume
the gels to be perfectly incompressible and linear elastic and
possessing negligible viscous behavior. Hence, G is taken to be
interchangeable with G′. Applying the relationship between G

and elastic modulus E for linear elastic material:

G = E/2(1+ v) (3)

implies that for Poisson’s ratio v= 0.5 (perfect incompressibility),
we have G′ = G= E/3.

Volumetric Swelling Ratio
In order to measure hydrogel volumetric swelling, PAM hydrogel
specimens were prepared in exactly the same way as for AFM
measurements as a function of swelling time. Specimens were
attached to a glass surface in order to mimic the conditions
during TFM (and AFM) experiments and substrate-attached
gels were allowed to swell in PBS at 37◦C. Swelling ratios were
measured for long (up to 6 days; all gel compositions) and
short (up to 24 h; soft and softest gels only) periods at the same
time points as AFM measurements to enable direct comparison
between elastic modulus and swelling ratio. The wet weights
were measured for substrate-attached gels (i.e., including the
weight of the glass slide) as a function of time. At the end
of the swelling experiment substrate-attached specimens were
dried in an oven at 65◦C until they were completely desiccated,
and the dry weight was measured (again, including the weight
of the glass slide). Finally, the desiccated gels were rehydrated
and removed from the glass slide. The weight of the glass slide
was measured and subtracted from the weights that included
the glass slide, in order to obtain the specimen wet (Mwet)
and dry (Mdry) weights. The volumetric swelling ratio J(c) (with
superscript (c) referring to constrained, i.e., substrate-attached,
swelling) was calculated as J(c) = Vwet/Vdry = 1 + (ρPAM/ρPBS)

(Mwet –Mdry)/Mdry where ρPAM = 1.443 g/cm3 and ρPBS = 1.010

g/cm3 were taken to be the mass densities of the polymer and the
solvent, respectively. For each time point, three specimens per
composition were measured.

In addition to the above swelling experiments, gels with
identical concentration as above were prepared, except that the
total volume of the pre-polymerization constituents wasmodified
to yield polymerized gels of typical height 150µm and diameter
12mm. Polymerization occurred at room temperature, following
which gels were allowed to swell unconstrained (also called free
swelling) in PBS at 37◦C. Gel swelling ratios J(u)–the superscript
(u) refers to unconstrained—were measured at different time
points as described above. Once swelling equilibrium was

established, the equilibrium swelling ratios J(u)eq were noted and
average and SD values were computed for each composition (3

gel specimens per composition). Note that J(u)eq depends on the
attachment condition (constrained or unconstrained) but not on
the gel dimensions. Free swelling (equilibrium) data was used to
validate the predictions from the theoretical analysis (see next).

Theoretical Analysis
Swelling causes a gel to soften (Rubinstein and Colby, 2003).
Under substrate-attached conditions, predicting the loss of
mechanical resistance to indentation (as measured by AFM)
requires sophisticatedmodel development that is out of the scope
of this study. Here we combine a well-established theoretical
model of an ideal elastomeric gel (Flory and Rehner, 1943;
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Rubinstein and Colby, 2003; Damljanović et al., 2005; Cai and
Suo, 2012) valid for unconstrained swelling with a previously
reported poroelastic analysis of swelling kinetics (Yoon et al.,
2010) in order to qualitatively assess our experimental results.

In the present experiments, distilled water was used as
the solvent at the time of gel preparation, and the swelling
experiments were carried out in PBS. The ionic strength of PBS
(∼2.3 mmol/L) is negligible and its mass density is nearly the
same as distilled water. Hence no distinction is made between the
two solvents in the theoretical model below.

The stress–stretch behavior of PAM hydrogels can be captured
by means of a network of Gaussian chains (Flory and Rehner,
1943; Cai and Suo, 2012). When the PAM hydrogel is swollen
in the PBS solvent, it is assumed that the mean-squared end-
to-end distance of the chains continues to be distributed in
a Gaussian fashion (also known as θ-solvent condition). The
elastic behavior of the gel is characterized by the shear modulus
G, which is equated with G′ as mentioned before. The shear
modulus G(u) of a network of Gaussian chains is proportional
to the number density of network chains N and the free energy
of each chain 9 (Rubinstein and Colby, 2003; Damljanović
et al., 2005). As the amount of polymer remains unchanged
during swelling, N is inversely proportional to the unconstrained
volumetric swelling ratio J(u). The free energy 9 is proportional
to λ2/R, where R is the mean-squared end-to-end distance of
each chain and λ is the linear stretch in each chain. Thus, we can
take R to be independent of J(u) (Rubinstein and Colby, 2003).
Assuming affine deformations within the network and isotropic
macroscopic deformation, a swelling ratio of J(u) at the scale of
the gel is equivalent to λ = (J(u))1/3 at the scale of each chain. For
swelling in a θ-solvent, 9 is proportional to (J(u))2/3 and finally
G(u) is proportional to (J(u))−1/3. This dependence captures the
result of two counteracting effects: decreasing number density of
network chains and increasing free energy of each chain during
swelling. Denoting the variables at preparation by the subscript
“0,” the modulus at any instant of swelling is given by Rubinstein
and Colby (2003):

G(u) = G0(J0/J
(u))1/3 (4)

At the instant of gel preparation, there are no differences between
constrained and unconstrained gels, hence the superscript is

omitted from G0 and J0 above. Let 1
(c)
eq and 1

(u)
eq denote

the increases in gel height at any instant of swelling after
preparation, respectively, in substrate-attached gels (as in our
AFM experiments) and unconstrained gels. The poroelastic
analysis of swelling kinetics by Yoon et al. showed that 1 ≤

1(c)/1(u) ≤ (1 + v)/(1 – v) (Yoon et al., 2010), where the lower
limit is valid close to swelling initiation and the upper limit is
reached at swelling equilibrium. For a Poisson’s ratio of v = 0.5,
this implies 1 ≤ 1(c)/1(u) ≤ 3. For a thin gel [as in the present
experiments, but also in Yoon et al. (2010)] it can be assumed
that the cross-sectional area remains fixed during swelling if the
gel is attached to the substrate, and only the height of the gel
increases. Thus (1(c) + H0)/H0 = J(c)/J0 at any instant during
swelling, where H0 is the height of the gel at preparation. When
a gel of identical geometry (at preparation) is swollen under

unconstrained conditions, the resulting deformation is isotropic,
which implies (1(u) + H0)/H0 = (J(u)/J0)

1/3. It follows from the
above relations that 1(c)/1(u) = (J(c)/J0 – 1)/((J(u)/J0)

1/3 – 1).
Using the result in Yoon et al. (2010) above, we obtain the limits
for (J0/J

(u))1/3 as:

J0/J
(c)≤(J0/J

(u))1/3≤(3J0/J
(c))/(1+ 2J0/J

(c)) (5)

Substituting this in Equation (4), the shear modulus of an
unconstrained swollen gel is found to be bounded by:

J0/J
(c)≤G(u)/G0≤(3J0/J

(c))/(1+ 2J0/J
(c)) (6)

Here too, the lower limit is valid close to swelling initiation and
the upper limit is reached at swelling equilibrium (for v assumed
to be 0.5).

We measured J0 and J(c) from the swelling experiments and
G0 from AFM at the point of preparation. Thus (the right hand
side of), Equations (5) and (6) will be used to predict equilibrium
swelling ratios and shear moduli under free swelling conditions.
As further validation, we will compare these predictions with
equilibrium swelling ratios directly measured under free swelling
conditions and with equilibrium shear moduli derived from
these direct measurements and application of Equation (4). The
inequalities in Equation (6) allow us to predict the bounds of
shear modulus during swelling under unconstrained conditions.
We will compare this prediction with the shear moduli from
constrained gels G(c) that is measured here using AFM.

Li et al. (2012) introduced a formalism to express the balance
between externally applied stress, the elastic stress in the polymer
network, the osmotic pressure of mixing and the chemical
potential of the solvent at any instant of swelling (Damljanović
et al., 2005). For a gel under free swelling conditions, the
applied stresses are zero and stretches are isotropic. Also, by
definition, the chemical potential must vanish when the freely
swelling gel reaches swelling equilibrium (henceforth denoted by
subscript “eq”). Therefore, at equilibrium, the elastic stress in the
network fully balances the osmotic pressure. For a network of

Gaussian chains, an isotropic stretch λ = J
(u)1/3
eq in the principal

directions leads to an elastic stress G(u)
eq (1 – J

(u)−2/3
eq ), as obtained

by differentiating the free energy of stretching of the network
(different from 9 , the free energy of each chain) (Damljanović
et al., 2005). Using Equation (4) to obtain the shear modulus at
unconstrained swelling equilibrium, the following expression for
the osmotic pressure due to mixing at swelling equilibrium can
be written:

5
(u)
mix,eq = G0(J0/J

(u)
eq )

1/3
(1− J

(u)−2/3
eq ) (7)

The predicted dependence of 5
(u)
mix,eq on J(u)eq across various gel

compositions is compared with that in literature (Damljanović

et al., 2005), where J(u)eq is either the value derived from the right

hand side of Equation (5) and using measured J0 and J(c), or the
value measured directly under free swelling conditions.

Finally, the poroelastic analysis of Yoon et al. (2010) of
hydrogel swelling kinetics can be used to estimate the fluid
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diffusivity D inside the gel. Yoon et al. have among others
derived a transient solution for the swelling kinetics of an ideal
poroelastic, surface-attached thin hydrogel layer and showed that
the specimen height as a function of time can be described by an
infinite sum of exponential decay functions. The basic relaxation
time (characteristic swelling time) τ is given by:

τ = 4H0²/π²D (8)

with H0 the initial gel height. We will estimate τ for the
soft and softest gel compositions from the short-term swelling
experiments and use Equation (8) to calculate D.

RESULTS

In situ Bulk Shear Rheology vs. AFM
Measurements
In situ bulk shear rheology measurements of G′ and G′′

during time sweep experiments are shown in Figure 1A, and
after polymerization (frequency sweep experiments) are shown
in Figures 1B–D, for the four hydrogel compositions. The

storage modulus is found to increase monotonically with time
and to reach a stable plateau after about 30min, at which
point the polymerization process is considered to be complete.
Figures 1B–D show the post-polymerization storage and loss
shear moduli, and phase angle (tan δ = G′′/G′) for the same
hydrogel compositions as functions of angular frequency for
samples that were left undisturbed during in situ polymerization.
The storage modulus is found to be weakly dependent (softest
gel) to almost independent (other compositions) of angular
frequency. The storage shear modulus is found to decrease from
4,530 ± 150 Pa (stiffest), 2,900 ± 90 Pa (stiff), 538 ± 14 Pa (soft)
to 260 ± 83 Pa (softest) with decreasing concentrations of cross-
linker (MBA), acrylamide or both (seeTable 1, G′ values reported
are averaged from 1 rad/s). Tan δ values are always <0.012 for all
gels except the softest gel. For the softest gel tan δ averages 0.104
at 1 rad/s and is always <0.27. These small values confirm that
PAM stresses are governed by elastic instead of viscous effects
for the tested frequency range (Calvet et al., 2004; Li et al., 2012;
Abidine et al., 2015) and support the comparison of bulk rheology
and AFM measurements, and the estimates obtained from the
theoretical analysis.

FIGURE 1 | In situ bulk shear rheological measurements on four PAM hydrogel compositions (see Table 1): (A) Storage shear modulus G′ vs. polymerization time, (B)

storage shear modulus G′ vs. angular frequency post-polymerization, (C) loss modulus G′′ vs. angular frequency post-polymerization, and (D) Tan δ (=G′′/G′) vs.

angular frequency post-polymerization. All data points are averages (±SD) over three samples measured per composition.
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FIGURE 2 | (A) Comparison of elastic modulus during polymerization between in situ bulk shear rheology (dotted curve) and AFM measurements (data points are

averaged over three samples, whiskers indicate SD) for stiff hydrogel. (B) Typical AFM force-distance curves obtained for each hydrogel composition after

polymerization at Day 0 (control).

Prior to evaluating the effect of swelling on the local elastic
properties, AFM measurements were performed and compared
to bulk shear rheological measurements in order to verify to
what extent local and global elastic properties correspond. For
the stiff hydrogel composition AFM measurements were also
performed during polymerization and the local elastic moduli as
a function of polymerization time were compared with the global
elastic moduli as derived from time-sweep rheology (Figure 2A).
Similar to the bulk rheological measurements, the local elastic
moduli are found to monotonically increase with time and to
reach a stable plateau after 30min, while at all times being in
agreement with the global elastic moduli. Post-polymerization
force–distance curves were then acquired for all four hydrogel
compositions and typical examples are shown in Figure 2B (an
example of reference F–D curve of glass substrate was included
in Figure 2B). The measured average local elastic modulus E
is 13,000 ± 780 Pa for stiffest, 7,930 ± 437 Pa for stiff, 1,970
± 225 Pa for soft and 620 ± 35 Pa for softest gels (values are
averaged over three samples per composition). After converting
these values into local G′ values using Equation (3), it was
found that they are in good agreement with the global G′ values
obtained by bulk rheology, with differences between AFM and
shear rheology ranging from∼4 to 15% (see Table 1).

Influence of Swelling on Local Elastic
Properties
In order to assess to what extent swelling affects the gel local
elastic properties, AFM and swelling measurements were first
performed at four different time points (Day 0 to Day 6) for
all four compositions. Figures 3A,B show that the stiffest and
stiff gels did not exhibit any measurable change in the elastic
properties with time. The soft and softest gels (Figures 3C,D)
exhibited a substantial decrease of the measured local elastic
moduli of 33.7 and 33.3%, respectively, between Day 0 and Day
1, after which the values tended to reach a plateau. Additional
measurements were then performed from 0 to 24 h for the soft

and softest gels to assess the swelling kinetics in more detail
(Figures 3E,F). These short term measurements demonstrated
that after 6 (soft gels) to 9 h (softest gels) the elastic modulus did
not change further.

Volumetric swelling ratios (J(c)) as a function of time for gels
attached to a glass surface are reported in Figure 4A for long term
experiments (up to 6 days). For all time points swelling ratios
were found to be lowest for the stiffest gel, and highest for the
softest gel (apart from Day 0 of the short term experiments).
While swelling ratios for the stiffest and stiff gels did not change
with time, the soft and softest gels exhibited an increase in
swelling ratio between Day 0 and Day 1 with 21.6 and 133%,
respectively, after which no further changes could be noticed.
Similar to AFM, swelling measurements were also performed for
soft and softest gels from 0 to 24 h. These short term swelling
experiments displayed similar trends as the AFMmeasurements:
soft gels seemed to reach a plateau value earlier than softest
gels, although for both gel compositions this occurred at earlier
time points than for AFM (3 and 6 h for soft and softest
gels, respectively). Taking the equilibrium times of the AFM
measurements as upper bounds (6 and 9 h for soft and softest gels,
respectively), we can estimate the relaxation time for the swelling
kinetics of soft and softest gels. If we approximate the transient
solution of specimen height [as derived by Yoon et al. (2010)]
by a single exponential decay function with relaxation timeτ and
take the equilibrium time equal to 3 times the relaxation time (i.e.,
define equilibrium if further change is <5% of the equilibrium
solution), relaxation times of soft and softest gels are estimated
to be 2 and 3 h, respectively. Using Equation (8) leads to fluid
diffusivities of 5.6 × 10−11 and 3.8 × 10−11 m²/s for soft and
softest gels, respectively.

We also evaluated the effect of swelling on the spatial
heterogeneity of the local elastic modulus, by calculating the
average coefficient of variation (CV) of all AFM measurements
within each specimen (i.e., for each specimen we first calculate a
CV based on all local elasticity measurements for that specimen;
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FIGURE 3 | Local elastic modulus (as determined by AFM) of substrate-attached gels as a function of swelling time for four different hydrogel compositions during

long term swelling up to 6 days (A,B) stiffest and stiff; (C,D) soft and softest; (E,F) are the short term swelling times from 0 to 24 h. All measurements were done in

triplicate (whiskers indicate SD).

then we average the CV values over the three specimens per
composition). This measure of spatial heterogeneity was then
compared to the coefficient of variation between specimens (i.e.,
by first calculating an average local modulus per specimen and
then calculating the CV between average moduli, as obtained

for 3 specimens per composition). As can be seen in Table 1,
variability between specimens is of the same order of magnitude
as variability within specimens (i.e., spatial heterogeneity) for
both Day 0 and Day 6 measurements. Moreover, neither
variability between specimens nor variability within specimens
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FIGURE 4 | Measured swelling ratio of substrate-attached gels as a function of swelling time: (A) long term swelling experiments (up to 6 days) for four different

hydrogel compositions (whiskers indicate SD); (B) short term swelling experiments (up to 24 h) for soft and softest hydrogels (whiskers indicate SD).

FIGURE 5 | Gel swelling and elastic properties at equilibrium swelling (Day 1) conditions predicted (gray bar) and measured (white bar) under unconstrained swelling

conditions. Dependence of (A) swelling ratio and (B) shear modulus on gels with varying cross-linker concentration (see Table 1) but identical monomer concentration

(8% w/v); and (C) dependence of predicted osmotic pressure due to mixing on predicted/measured swelling ratio for all four gel compositions. Whiskers indicate SD.

seem to be strongly affected by swelling, as CV values are
comparable at Day 0 and Day 6.

Theoretical Analysis
Equilibrium swelling conditions were reached by Day 1 as
swelling ratio of the samples did not change by more than 5%
compared to values at Day 6 (Figure 4). In the following, values
at Day 0 and Day 1 are denoted by subscripts “0” and “eq,”
respectively, and shear modulus G is calculated using Equation
(3). Figure 5 compares the predicted and observed values at free

swelling equilibrium for swelling ratio J(u)eq and equilibrium shear

modulus G(u)
eq for the stiffest, stiff and softest gel samples. The

predicted values of J(u)eq and G(u)
eq are obtained using the right-

hand side of Equations (5) and (6), respectively, whereas the

observed values of J(u)eq are directly measured and those of G(u)
eq

obtained from Equation (4). The dependence of the predicted
equilibrium osmotic pressure due to mixing 5mix,eq (Equation
7) on measured/predicted equilibrium swelling ratio under free

swelling conditions shows a negative power-law relationship,
with pressure values close to zero for very large equilibrium
swelling ratios (Figure 5C). Measured (G(c)) and predicted (G(u))
shear moduli (normalized by the modulus at preparation, G0)
as a function of swelling time were compared for short term
experiments (up to 24 h) of soft and softest gels (Figure 6). The
transient values of G(c), as measured by AFM, were found to be
located within the bounds, predicted by Equation (6).

DISCUSSION

Previous studies on the mechanical characterization of PAM
hydrogels have either used bulk rheological techniques (Calvet
et al., 2004; Kizilay and Okay, 2004; Neamtu et al., 2006; Wang
and Ugaz, 2006) or micro- to nanoscale techniques (AFM)
(Engler et al., 2004), with only very few studies comparing
global to local properties (Abidine et al., 2015). In this study
we have combined in situ bulk shear rheology and AFM
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FIGURE 6 | Changes in relative shear modulus as a function of swelling time for soft and softest gels for short-term swelling experiments (up to 24 h). Filled symbols

are obtained from AFM measurements of G(c) and G0. Dashed lines bounding the shaded regions correspond to the bounds of G(u) predicted by Equation 5, and

normalized by the AFM measurements of G0.

in order to obtain data on global and local elastic modulus
during and after polymerization for a wide range of stiffness,
and evaluated the effect of swelling on the elastic modulus.
Bulk rheological data on storage moduli (Table 1 and Figure 1)
display good reproducibility (CV < 5% for all compositions
except for softest compositions) and agree well with previously
reported rheological data on PAM gels for similar concentrations,
including the fact that rheological behavior is governed by the
elastic, instead of viscous component for the applied frequency
range (tan δ of the order of 10−4-10−2 for stiffest, stiff and soft
gels; order of 10−1 for softest gel) (Calvet et al., 2004; Wang and
Ugaz, 2006).

Storage moduli from rheology measurements were compared
with local AFM-derived moduli at different polymerization
times for the stiff hydrogel composition (Figure 2A). At early
time points (3, 6min) AFM measurements slightly deviated
from rheology measurements, which could be due to a lack of
control in the polymerization time and which is expected to
play a more important role at these early time points. Indeed,
at later time points (10, 15, 30min) moduli derived from
rheology and AFM agree very well (differences<3.3%). Similarly,
post-polymerization (30min) moduli based on rheology and
AFM were found to be in good agreement for all four PAM
compositions, with differences that were <15%, which is of the
same order as the CV of AFM-derived moduli (Table 1). For
the conversion of local Young’s modulus to shear modulus the
Poisson’s ratio was taken equal to 0.5. Instead of assuming a
Poisson’s ratio of 0.5, one can also combine bulk rheological (G′

values; Table 1) and AFM measurements in order to estimate

the value of the Poisson’s ratio. By combining Equations (1) or
(2) with Equation (3), we obtained an average Poisson’s ratio of
0.46, which suggests close to incompressible behavior of PAM
hydrogels during AFMmeasurements and which is in agreement
with the findings of a previous study on PAM that also combined
AFM with bulk rheology (Abidine et al., 2015).

In order to evaluate the variability of the AFM measurements
between specimens of the same composition as well as the
variability between measurements on the same specimen (spatial
heterogeneity), corresponding CV values of local elastic moduli
were calculated (Table 1). Both types of variability led to CV
values of the same order (6–8% for inter-specimen variability,
4–10% for intra-specimen variability) and are comparable to the
variability previously reported in AFM studies on PAMhydrogels
(Damljanović et al., 2005; Tse and Engler, 2010; Denisin and
Pruitt, 2016). The intra-specimen variability could be because
of local concentration fluctuations of monomer and cross-linker,
which might lead to spatial heterogeneity of hydrogel network
formation, which in turn could affect local stiffness (Kizilay
and Okay, 2004; Saha et al., 2010). Swelling affected the spatial
heterogeneity in the case of the soft and softest hydrogels, as can
be derived from the fact that the CV value of AFMmeasurements
within the same specimen increased betweenDay 0 and 6 from 10
to 15% for soft gels and from 6 to 14% for softest gels, respectively.
This is in line with the findings of Kizilayet al. based on light
scattering measurements (Kizilay and Okay, 2004).

Earlier work on PAM hydrogels has either reported
swelling ratios as a function of PAM composition and solute
concentration (Aalaie and Vasheghani-Farahani, 2012; Li
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et al., 2012), or elastic moduli as a function of storage time
(Damljanović et al., 2005; Denisin and Pruitt, 2016). As the
latter two studies did not (Damljanović et al., 2005) or only
partially (single time point, Denisin and Pruitt, 2016) measure
any swelling ratios, it has not been possible so far to correlate
swelling ratios to changes in elastic properties in time. This is
particularly true for substrate-attached PAM hydrogels, which
is the configuration that is most relevant for cell mechanical
and mechanobiological studies that e.g., make use of TFM. In
the present study, we have measured the change in local elastic
properties (based on AFM) and swelling ratios over relatively
long (up to 6 days) time periods for four different PAM hydrogel
compositions. The stiff and stiffest gel compositions did not
show any change in elastic properties with time (Figure 3A),
which correlated with the fact that swelling ratios did not change
with time either (Figure 4). The soft and softest gel compositions
exhibited a decrease in elastic modulus between Day 0 and
Day 1 (Figures 3C,D), which was accompanied by an increase
in swelling ratio between the same time points (Figure 4A).
Additional short term experiments (up to 24 h) were done for the
soft and softest gel compositions in order to assess their swelling
kinetics in more detail. These experiments demonstrated that
soft gels reached equilibrium faster than softest gels for both
AFM and swelling measurements, although equilibrium times
were found to be different between AFM (6 and 9 h for soft
and softest gels, respectively), and swelling experiments (3
and 6 h for soft and softest gels, respectively). Possibly, these
differences have to do with the temporal resolution of these
measurements (3 h in between consecutive measurements) and
inter-specimen variability (as different specimens were used for
AFM and swelling experiments). The short term experiments
enabled us to estimate fluid diffusivity values to be 5.6 × 10−11

and 3.8 × 10−11 m²/s for soft and softest gels, respectively.
These values are in line with the values previously reported in
Lin and Hu (2006) and Yoon et al. (2010) for polyacrylamide
and poly(N-isopropylacrylamide) (PNIPAM) hydrogel systems,
which were of the order of 1–5× 10−11 m²/s.

The theoretical analysis based on models of equilibrium free
swelling (Li et al., 2012) and swelling kinetics (Yoon et al.,
2010) enables us to predict free swelling behavior for gels of the
same dimensions as the ones used for our constrained-swelling
experiments and compare predicted trends to literature data on
PAM swelling. The predictions made by the model based on
a network of Gaussian chains were found to agree excellently
with observations regarding unconstrained equilibrium swelling

ratio J(u)eq (Figure 5A) and shear modulus G(u)
eq (Figure 5B).

Interestingly, it was also found that the decrease in J(u)eq when
going from the softest to stiff gel was much higher than the
decrease when going from the stiff to stiffest gels. On the

other hand, the unconstrained equilibrium shear modulus G(u)
eq

increased steadily going from the softest to stiff to stiffest
gels. Note that going from softest to stiff to stiffest gels
corresponds to an increase in cross-linker concentrations while
acrylamide concentration remains fixed (Table 1). These changes
in equilibrium properties with cross-linker concentration found
in the present study are qualitatively similar to those reported

by Li et al. (2012) for PAM gels of 1–4 wt% of cross-linker-
to-monomer ratio [see Figures 4D, 5A, respectively in Li
et al. (2012)]. Although the previously stated match between
predictions and observations was highly satisfactory at each
cross-linker concentration, this match should not be construed
to indicate that the model explains the functional dependence
of swelling and elastic properties with cross-linker concentration
as well. Modeling such a functional dependence is outside
the scope of the present study. For any gel composition, the
differences in equilibrium shear moduli using predicted or
measured equilibrium swelling ratio values were of the same
order as the variation between gel samples. Finally, short-term
(up to 24 h) constrained-swelling experimental data of soft
and softest gels were compared to predicted free swelling data
(Figure 6). The measured values of transient shear modulus
values in constrained gels fall within the predicted bounds
of shear moduli in freely swollen gels for both compositions.
The lower bound of prediction characterizes the elasticity
at the start of swelling, while the upper bound is reached
at swelling equilibrium. Thus, our measurements and model
predictions suggest that, when swelling equilibrium is reached,
unconstrained gels of the soft and softest compositions will be,
respectively, 13.1 and 39.8% stiffer than substrate-attached gels
of the corresponding compositions.

Protocols for cell mechanics experiments (including TFM)
require that equilibrium is attained prior to commencing
experiments. The experimental results presented here underline
the importance of this requirement, noting that the soft and
softest gel in particular exhibited a decrease in the elastic
modulus of 33.7 and 33.3%, respectively between Day 0 and
Day 1. Attainment of equilibrium can be ensured by waiting
for a sufficiently long period such that the elastic modulus is
within the required level of tolerance of its equilibrium value.
Such a period may be inferred from Figure 3, although for
gels that possess composition, polymerization temperature, gel
attachment and solute concentrations conditions that are similar
to those considered in the present study.

CONCLUSION

In this study we reported, for the first time, simultaneous
measurements of elastic properties at both global (based on
shear rheology) and local (based on AFM) scales in PAM
hydrogels. Four different compositions, together spanning a
wide range of stiffness (storage shear modulus between 260
and 4,530 Pa), were assessed. Global and local elastic moduli,
measured during and after gel polymerization, were found to
be in good agreement for all compositions, with differences
between global and local post-polymerizationmoduli being of the
same order of magnitude as inter-specimen and intra-specimen
variability of AFMmeasurements. Over the course of the swelling
experiments the stiffest (G′ = 4,530 Pa) and stiff (G′ = 2,900 Pa)
gels exhibited negligible changes in elastic modulus over time,
whereas the soft (G′ = 538 Pa) and softest (G′ = 260 Pa)
gels exhibited decreasesing elastic moduli of 33.7 and 33.3%,
respectively, between Day 0 and Day 1 of swelling. These results
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demonstrate that swelling can have an important effect on PAM
elastic properties and must be taken into account when using
PAM as a substrate for cell culturing, particularly for PAM gels
with low monomer and cross-linker concentrations. In addition
to filling a gap in the literature of PAM hydrogel mechanics, this
study provides data with much higher temporal resolution than
before, which can be useful for validating combined elasticity and
swelling kinetics models (Table S1).

DATA AVAILABILITY STATEMENT

All datasets generated for this study are included in the
article/Supplementary Material.

AUTHOR CONTRIBUTIONS

Experiments were designed and conducted by RS, AI-A,
and PB. Theoretical analysis was performed by PB and
HV. The manuscript was written through contributions

of all authors. HV approved the final manuscript. All
authors contributed to the article and approved the
submitted version.

FUNDING

The research leading to these results has received funding
from the European Research Council under the European
Union’s Seventh Framework Programme (FP7/2007-
2013/ERC Grant Agreement No. 308223) and from the
KU Leuven Special Research Fund (BOF, IDO/13/016
and C14/17/111).

SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found
online at: https://www.frontiersin.org/articles/10.3389/fmats.
2020.00212/full#supplementary-material

REFERENCES

Aalaie, J., and Vasheghani-Farahani, E. (2012). Swelling behavior of sulfonated
polyacrylamide nanocomposite hydrogels in electrolyte solutions: comparison
of theoretical and experimental results. Iran. Polymer J. 21, 175–183.
doi: 10.1007/s13726-012-0016-3

Abidine, Y., Laurent, V. M., Michel, R., Duperray, A., Palade, L. I., and Verdier,
C. (2015). Physical properties of polyacrylamide gels probed by AFM and
rheology. Euro Phys. Lett. 109:38003. doi: 10.1209/0295-5075/109/38003

Brannon-Peppas, L., and Peppas, N. A. (1991). Equilibrium swelling
behavior of pH-sensitive hydrogels. Chem. Eng. Sci. 46, 715–722.
doi: 10.1016/0009-2509(91)80177-Z

Burton, K. (1998). Traction forces and subcellular structure imaged in
contracting and locomoting cells. Proc. SPIE Int. Soc. Opt. Eng. 63–70.
doi: 10.1117/12.307107

Butler, J. P., Toli-Nørrelykke, I. M., Fabry, B., and Fredberg, J. J. (2002). Traction
fields, moments, and strain energy that cells exert on their surroundings. Am. J.

Physiol. Cell Physiol. 282, C595–C605. doi: 10.1152/ajpcell.00270.2001
Cai, S., and Suo, Z. (2012). Equations of state for ideal elastomeric gels. Europhys.

Lett. 97:34009. doi: 10.1209/0295-5075/97/34009
Caliari, S. R., and Burdick, J. A. (2016). A practical guide to hydrogels for cell

culture. Nat. Methods 13, 405–414. doi: 10.1038/nmeth.3839
Calvet, D., Wong, J. Y., and Giasson, S. (2004). Rheological monitoring of

polyacrylamide gelation: importance of cross-link density and temperature.
Macromolecules 37, 7762–7771. doi: 10.1021/ma049072r
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For bone purposes, surface modifications are a common trend in biomaterials research
aiming to reduce the time necessary for osteointegration, culminating in faster recovery
of patients. In this scenario, analysis of intracellular signaling pathways have emerged
as an important and reliable strategy to predict biological responses from in vitro
approaches. We have combined global analysis of intracellular protein phosphorylation,
systems biology and bioinformatics into an early biomaterial analysis routine called
OsteoBLAST. We employed the routine as follows: the PamChip tyrosine kinase assay
was applied to mesenchymal stem cells grown on three distinct titanium surfaces:
machined, dual acid-etched and nanoHA. Then, OsteoBLAST was able to identify
the most reliable spots to further obtain the differential kinome profile and finally to
allow a comparison among the different surfaces. Thereafter, NetworKIN, STRING, and
Cytoscape were used to build and analyze a supramolecular protein-protein interaction
network, and DAVID tools identified biological signatures in the differential kinome for
each surface.

Keywords: biomaterials, bone healing, bioinformatics, alternative methods, analysis

INTRODUCTION

Osseous injuries are one of the most common problems in the dental and medical fields. Titanium
implants are widely used in bone regeneration as a bone substitute material (Henkel et al., 2013;
Ko et al., 2017); preliminarily based on their physical and chemical properties. Unquestionably, a
decisive factor for the success of these implants is their surface (Bertazzo et al., 2009, 2010; Ribeiro
et al., 2015; Fernandes et al., 2018; Feltran et al., 2019), which will be first in contact with the
host’s blood. It is known that physicochemical modifications in implant surfaces affect cellular
behavior and directly impact osteointegration (Gemini-Piperni et al., 2014a,b; Zambuzzi et al.,
2014; Bezerra et al., 2017; Fernandes et al., 2018; Machado et al., 2019). Despite the medical, social
and economic relevance of such biomaterials, there have been few advances in tools to classify and
rank them, which results in universities and companies using traditional testing, often with animal
experimentation as a model.
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Regardless, the 3Rs concept introduced by Russel and
Burch in 1959 has ethically guided research involving animal
experimentation over the world (Eder et al., 2006). In different
areas, researchers are urged to develop alternatives under
3Rs guidance and some methodologies deserve attention
such as 3D cultures, in vitro cell cultures, mimetic tissues,
computational tools among others (Cook et al., 2015; Gordon,
2015; Zhu, 2016). In bone tissue engineering some steps are
being taken in the direction of the 3Rs (Richards et al.,
2007; Henkel et al., 2013), but in regard to the production
of dental, and medical biomaterials, there is still a dearth
of procedures that minimize animal experimentation. In this
sense, the study of cellular adhesion on the implant surface
by alternative methods comes up as a promising possibility
(Zambuzzi et al., 2011a, 2014).

Adequate adhesion of osteoblasts on the surface of the implant
is within the first stage for osteointegration and is controlled
by signal transduction mechanisms responding to various
stimuli, such as the chemical properties of material surfaces
(Bertazzo et al., 2009, 2010; Zambuzzi et al., 2011b, 2014).
These mechanisms are finely regulated by cascades of protein
phosphorylation leading to a cell response. Phosphorylation is
a post-translational and covalent modification of proteins,
which concludes with significant regulations of various
cellular processes such as migration, adhesion, proliferation,
differentiation, among others (Milani et al., 2010; Marumoto
et al., 2017; da Costa Fernandes et al., 2018; Kang et al., 2018;
Baroncelli et al., 2019). In this context, it is important to note
that kinases catalyze phosphorylation in a specific site-dependent
manner, and are responsible, together with phosphatases, for
controlling signal transduction pathways. The human genome
contains 518 putative kinase-encoding genes, the set of which
is known as the kinome (Manning, 2002). Massive studies of
this set of enzymes have been performed over the last years and
recent advances in Bioinformatics and Molecular Biology have
allowed for a broader and more efficient analysis of cellular
metabolism and signaling pathways. However, biologically,
it is more important to focus on enzymatic activity rather
than metabolite concentration or gene expression, which
during the cell adhesion process on biomaterials appears as
a promising alternative to predict the success of an implant
(Zambuzzi et al., 2014).

A valuable tool in this type of analysis is a microarray
of peptides. Using a single chip it is possible to probe the
phosphorylation status of hundreds of enzymes. The Tyrosine
Kinase PamChip R© array is a 144 peptide chip, with each
representing sites of known phosphorylation (Dussaq and
Anderson, 2016; Baharani et al., 2017; Baroncelli et al., 2019),
Hence, it is a key in the search for the differential kinome activity
of cell-biomaterial interactions.

We were, therefore, prompted to develop an algorithm that,
based on a peptide microarray assay, was able to distinguish the
kinome activity of mesenchymal stem cells response to surfaces
with different topographies and to compare this response to
commonly used materials. Thus, this routine will serve as the
basis for a database capable of assisting in the production of
biomedical and medical devices.

MATERIALS AND METHODS

Materials and Characterization
Three different surfaces were used in this study: machined
(Maq), dual acid-etched (DAA) and nanoHA. The surface
microstructure of the samples was evaluated by secondary
electron micrographs collected in a JEOL JSM 6010LA
microscope. The micrographs were acquired with 3 kV
acceleration potential, Spot Size (SS) of 30 and 2500 X
amplification. To avoid surface charging during inspections,
a thin conductive layer was deposited on the surfaces by the
sputtering of an Au-Pd alloy. The micrographs were acquired
from the most representative region of each sample.

The elemental composition of the surfaces was determined
by Dispersive Energy Spectroscopy using an X-ray detector
(Dry SD Hyper EX-94410T1L11) coupled to a scanning electron
microscope with a resolution of 129 to 133 eV for the Mn Kα

line at 3000. For the analysis of elemental composition, beam
acceleration voltage of 5 kV, Spot Size of 70 and magnification of
500 X were used. Area spectra as well as maps of the distribution
of the elements on the surface of the samples were recorded.

Wettability of the samples was determined by the sessile drop
method on a Ramé-Hart 100-00 goniometer. Droplets with 2 µL
deionized water and diiodomethane were used as test liquids. The
contact angle between the drop and the surface was measured ten
times on each side of the drop. As three drops were deposited
on the surface of each sample, 60 values of contact angle per
sample were obtained. Surface energy was determined using the
measured contact angle values for water and diiodomethane with
the software provided by the equipment manufacturer.

Cell Culture
Human bone marrow-derived MSCs were used in this
study. Briefly, MSCs (5128 viable cells/cm1; PT-2501, Lonza,
Walkersville, MD, United States) from a single donor at passage
7 were cultured in growth medium for 2 days (alpha-Mem
phenol-red free (GIBCO, Paisley, United Kingdom), 10%
fetal bovine serum).

Tyrosine Kinase Activity Profiling Using
PamChip Peptide Microarray
The experiment was performed according to previously described
procedures in Sikkema et al. (2009). To check the effect of
the titanium surfaces on MSC behavior, MSCs (28300 viable
cells/cm2) were cultured on these surfaces in growth medium.
After 4 h, cells were scraped in M-PER Mammalian protein
extraction buffer (Thermo Scientific, Rockford, IL, United States)
containing Halt phosphatase and protease inhibitors (Thermo
Scientific), allowed to lyse at 4◦C for 10 min and lysates
were cleared by centrifugation at 14,000 g for 10 min.
Supernatants were stored at –80◦C until use. Cell lysates (5 µg
of protein for all samples) were loaded on a PamChip tyrosine
kinase microarray (PamGene International BV., Hertogenbosch,
Netherlands). PamChip R© is a high-throughput and cost-effective

1https://david.ncifcrf.gov/
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peptide array that allows the study of kinome profile changes
without a priori assumptions (Peppelenbosch, 2012). In the
PamChip platform, cell lysates are continuously pumped past
144 consensus peptide-sequences spotted on a 3D porous
microarray, and the phosphorylation of their specific target
substrates by kinases present in the whole cell lysate is
fluorescently detected, describing the entire tyrosine kinase
activity profile within a single experiment (Diks et al., 2004;
Lemeer et al., 2007; Sikkema et al., 2009). Phosphorylation
of the 144 kinase substrates on the array was detected using
FITC-labeled secondary antibody. After array washing, images
were taken every 5 min to create real-time kinetics data. Signal
intensities of the three technical replicates for each substrate
were quantified using Bionavigator software (version 6.1.42.1,
PamGene International BV). A complete list of phosphopeptides
on PamChip is depicted in Supplementary Table S5. The internal
positive control peptide ART_003_EAI(pY)AAPFAKKKXC was
not considered for further analysis. Kinase reactions start at
t = 640 s. Subsequently, kinase reactions for different peptides
show markedly different kinetics. Most peptides act according
to classical biochemical theory, with the derivative of the initial
reaction speed approximating maximal velocity (Vmax) for
phosphorylation of these peptides.

OsteoBLAST Platform Analysis
OsteoBLAST algorithm were built in the programming
environment R2. Spots with negative values were manually
set to zero. Reliable spots were selected using two parameters,
P1 = sd/A and P2 = A/M (sd = standard deviation; A = average;
M = median). These two parameters were defined with three
levels: High, Medium, and Low. The range of these two
parameters are defined as: P1 < 20% and 80% < P2 < 120% –
High. P1 < 50% and 70% < P2 < 140% – Medium. Values out of
those ranges were considered Low. In order to obtain the highest
possible number of spots with high reliability, parameters P1
and P2 have been combined in a new parameter here named SR,
with minimum 1 and maximum 6 (Table 1). Selected spots were
normalized using R package preprocessCore (Bolstad, 2018), and
then differential phosphorylation was evaluated with Student’s
t-test (p < 0.05). Finally, the different surfaces were compared
to find the degree of similarity between them using the equation

χ2
=

1
N

N∑
i=1

(
I0[i]−It[i]

1−|σ0[i]−σt[i]|

)2
, where χ is the degree of similarity,

N is the total of spots selected, I0 and σ0 are the mean of signal
intensity and standard deviation, respectively, of a group that
is being compared as a model, It and σt are the mean of signal
intensity and standard deviation of the test group, respectively.

Bioinformatics Analysis
The connection between phosphorylated spots selected with
OsteoBLAST algorithm and kinases was obtained using
NetworKIN version 3.0 (Linding et al., 2007; Horn et al., 2014).
The minimum score was set to 2.00, max. difference was set to
4.00 and the domains KIN, SH2, PTP and PTB were selected.
Then a protein-protein interaction network (PPIN) was obtained

2https://cran.r-project.org/

TABLE 1 | SR values for spots depending on the level of the parameters P1 and
P2.

P1 P2 SR

High High 6

High Medium 5

Medium High 5

High Low 4

Low High 4

Medium Medium 3

Medium Low 2

Low Medium 2

Low Low 1

using STRING (Szklarczyk et al., 2017) with active interaction
sources as Experiments and Databases, considering minimum
required interaction score as 0.400 (medium confidence). The
input was proteins detected with OsteoBLAST and NetworKIN.
The PPIN was analyzed using the Cytoscape (Shannon, 2003)
tool NetworkAnalyzer and MCODE (Bader and Hogue,
2003) was used to screen clusters contained in the PPIN with
degree cutoff = 2, node score cutoff = 0.2, k-core = 2, and
max. depth = 100. Clusters with score >10 were selected for
further analysis. The Database for Annotation, Visualization
and Integrated Discovery (DAVID2) was chosen to perform
Gene Ontology (Ashburner et al., 2000) and KEGG Pathways
(Kanehisa et al., 2017) functional analysis.

RESULTS

Surfaces Characterization
Firstly, the three different surfaces were physiochemically
characterized. Supplementary Figures S4–S6 show, respectively,
the secondary electron micrographs of the samples. For the Maq
group, there are irregularities in the form of concentric circles
related to the cutting process of the material (Supplementary
Figure S5). For the DAA group (Supplementary Figure S5),
the morphology is substantially altered with the appearance
of craters and pores revealing removal of material. Finally,
in the nanoHA group (Supplementary Figure S6) there are
agglomerates that resemble the structure of corals, indicating that
a coating was deposited on the surface. This structure is similar to
that obtained by Bezerra et al. (2017).

The elemental composition of the surfaces, derived from EDS
spectra, shows that the Maq group (Supplementary Figure S1)
presents essentially Ti with low proportions of C, N, O and Fe,
very possibly due to contaminations originating from the sample
preparation process. Oxygen can also be due to surface oxide,
spontaneously grown on metal surfaces. A very similar result
is observed for the DAA group (Supplementary Figure S2),
together with detection of Al (<1%). Finally, in the nanoHA
group (Supplementary Figure S3), Ca and P, characteristic of
hydroxyapatite, appear in addition to the already mentioned
elements. The ideal Ca/P ratio in hydroxyapatite is 1.67. In
the present result it was 1.71, indicating a stoichiometry very
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FIGURE 1 | OsteoBLAST results. (A) SR per group summary. (B) Venn diagram of SR6 proteins in different groups. (C,D) contain the volcano-plot of DAA and
nanoHA against Maq, respectively. Finally, the heat map representation of the χ parameter for pairwise comparison of all groups. The χ parameter was evaluated for
SR = 6 (E), SR = 4 (F) and SR = 2 (G).

close to the HA. Supplementary Tables S1–S3 contain the
concentration of elements presented in sample obtained by the
analysis of EDS maps.

The geometric and harmonic surface energies of the samples
are shown in Supplementary Figures S7, S8 as a function of
the considered sample. Supplementary Table S4 displays the
Wettablity results. Maq and DAA surfaces present practically the
same surface energy value, indicating that DAA activation did
not affect this property. On the other hand, the sample with
nanoHA coating shows greater receptivity to other compounds
and media. One interpretation for this result is proposed in terms
of the presence of very receptive/reactive polar groups (OH, CO,
CaCO3, CaO, etc.) in the HA structure.

OsteoBLAST Explores Differential
Kinome and Surface Similarity
OsteoBLAST was able to determine the kinome profile of
MSC during the adhesion process to different biomaterials for

up to 4 h. The OsteoBLAST routine begins with an analysis
of statistical parameters for the selection of reliable results.
Spots were classified using the SR system, which groups them
into six different levels (one is the worst and six the best).
Supplementary files contain a summary of the statistical
parameters of each spot for each group (Supplementary
Tables S6–S8). Maq group presents 32 spots with SR 6;
DAA presents 40 spots and nanoHA, 17 spots with the
best SR level. Figure 1A summarizes the distribution of
different SR levels in the groups. Then, spots with equal
SR levels were used to perform pairwise analysis between
treated and control surfaces. DAA and Maq have 25 SR 6
spots in common, while nanoHA and Maq have 15 shared
SR 6 spots (Figure 1B). After the data were normalized,
differential phosphorylation from the spots was evaluated using
Student’s t-test. The DAA surface presents two spots with
up-regulation of phosphorylation status and 23 with down-
regulation (Figure 1C), while the nanoHA surface presents
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TABLE 2 | Differential phosphorylation spots of the DAA group.

Spot Protein Symbol p Uniprot accession Sequence p-value FC

41_654_666 Protein 4.1 EPB41 [660] P11171 LDGENIYIRHSNL 0.019426 0.568151

CD79A_181_193 B-cell antigen receptor
complex-associated protein
alpha chain

CD79A [182, 188] P11912 EYEDENLYEGLNL 0.036615 0.618438

CDK2_8_20 Cyclin-dependent kinase 2 CDK2 [15, 19] P24941 EKIGEGTYGVVYK 0.002566 0.60936

EFS_246_258 Embryonal Fyn-associated
substrate

EFS [253] O43281 GGTDEGIYDVPLL 0.047373 0.560947

ENOG_37_49 Gamma-enolase ENO2 [44] P09104 SGASTGIYEALEL 0.031402 0.565473

EPHA2_765_777 Ephrin type-A receptor 2 EPHA2 [772] P29317 EDDPEATYTTSGG 0.027551 0.54944

EPHA7_607_619 Ephrin type-A receptor 7 EPHA7 [608, 614] Q15375 TYIDPETYEDPNR 0.023388 0.589247

FAK2_572_584 Protein-tyrosine kinase
2-beta

PTK2B [573, 579, 580] Q14289 RYIEDEDYYKASV 0.025998 0.551566

FES_706_718 Tyrosine-protein kinase
Fes/Fps

FES [713] P07332 REEADGVYAASGG 0.034676 0.561935

FRK_380_392 Tyrosine-protein kinase FRK FRK [387] P42685 KVDNEDIYESRHE 0.031269 0.621248

JAK1_1015_1027 Tyrosine-protein kinase
JAK1

JAK1 [1022, 1023] P23458 AIETDKEYYTVKD 0.015949 0.544719

LAT_249_261 Linker for activation of
T-cells family member 1

LAT [255] O43561 EEGAPDYENLQEL 0.018596 0.519961

MK10_216_228 Mitogen-activated protein
kinase 10

MAPK10 [223, 228] P53779 TSFMMTPYVVTRY 0.029102 1.819011

NCF1_313_325 Neutrophil cytosol factor 1 NCF1 [324] P14598 QRSRKRLSQDAYR 0.034867 1.565641

P85A_600_612 Phosphatidylinositol
3-kinase regulatory subunit
alpha

PIK3R1 [607] P27986 NENTEDQYSLVED 0.045912 0.526937

PAXI_24_36 Paxillin PXN [31, 33] P49023 FLSEETPYSYPTG 0.002413 0.633381

PDPK1_2_14 3-phosphoinositide-
dependent protein kinase
1

PDPK1 [9] O15530 ARTTSQLYDAVPI 0.042172 0.620032

PDPK1_369_381 3-phosphoinositide-
dependent protein kinase
1

PDPK1 [373, 376] O15530 DEDCYGNYDNLLS 0.040171 0.431449

PECA1_706_718 Platelet endothelial cell
adhesion molecule

PECAM1 [713] P16284 KKDTETVYSEVRK 0.002395 0.489083

PLCG1_764_776 1-phosphatidylinositol
4,5-bisphosphate
phosphodiesterase
gamma-1

PLCG1 [771, 775] P19174 IGTAEPDYGALYE 0.048389 0.661964

SRC8_CHICK_476_488 Src substrate protein p85 CTTN1 [477, 483] Q01406 EYEPETVYEVAGA 0.02371 0.599289

SRC8_CHICK_492_504 Src substrate protein p85 CTTN1 [492, 499, 502] Q01406 YQAEENTYDEYEN 0.039529 0.621993

VGFR2_989_1001 Vascular endothelial growth
factor receptor 2

KDR [996] P35968 EEAPEDLYKDFLT 0.001153 0.513102

ZAP70_485_497 Tyrosine-protein kinase
ZAP-70

ZAP70 [492, 493] P43403 ALGADDSYYTARS 0.01639 0.61186

12 spots with down-regulation of phosphorylation status
(Figure 1D). The Tables 2, 3 provide additional information
on the analyzed spots, such as protein, residue sequence,
and phosphorylation site (p) in addition to p-value and
fold change (FC).

The comparison provides a rate of similarity between two
groups, the χ parameter. For groups Maq and DAA, OsteoBLAST
computed χ = 56.3 and χ = 41.5 for Maq and nanoHA groups.
When comparing DAA and nanoHA, OsteoBLAST returned
χ = 7.6 (Figure 1E). The χ parameter was also computed
for SR = 4 and SR = 2 to exemplify the influence of the
quality of spots on this comparison test. For SR = 4, Maq

and DAA present χ = 36.9, Maq and nanoHA, χ = 279.0
and χ = 2.3 for DAA and nanoHA (Figure 1F). Finally,
for SR = 2, Maq and DAA present χ = 20.5, Maq and
nanoHA, χ = 40.3 and χ = 2.5 for DAA and nanoHA
(Figure 1G).

Network Analysis From Differential
Kinome
For a better understanding of the role of differentially
phosphorylated sites, a systems approach was adopted. First,
the obtained sites were analyzed with NetworKIN, searching
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TABLE 3 | Differential phosphorylation spots of the nanoHA group.

Spot Protein Symbol p Uniprot accession Sequence p-value FC

CD79A_181_193 B-cell antigen receptor
complex-associated protein
alpha chain

CD79A [182, 188] P11912 EYEDENLYEGLNL 0.0445 0.662215

CDK2_8_20 Cyclin-dependent kinase 2 CDK2 [15, 19] P24941 EKIGEGTYGVVYK 0.02145 0.686795

ENOG_37_49 Gamma-enolase ENO2 [44] P09104 SGASTGIYEALEL 0.029175 0.610258

FAK2_572_584 Protein-tyrosine kinase
2-beta

PTK2B [573, 579, 580] Q14289 RYIEDEDYYKASV 0.03564 0.544021

FER_707_719 Tyrosine-protein kinase Fer FER [714] P16591 RQEDGGVYSSSGL 0.005412 0.480022

FRK_380_392 Tyrosine-protein kinase FRK FRK [387] P42685 KVDNEDIYESRHE 0.045045 0.69016

LAT_249_261 Linker for activation of
T-cells family member 1

LAT [255] O43561 EEGAPDYENLQEL 0.009656 0.360841

PAXI_24_36 Paxillin PXN [31, 33] P49023 FLSEETPYSYPTG 0.015329 0.617219

PECA1_706_718 Platelet endothelial cell
adhesion molecule

PECAM1 [713] P16284 KKDTETVYSEVRK 0.019137 0.498563

SRC8_CHICK_476_488 Src substrate protein p85 CTTN1 [477, 483] Q01406 EYEPETVYEVAGA 0.02235 0.617239

SRC8_CHICK_492_504 Src substrate protein p85 CTTN1 [492, 499, 502] Q01406 YQAEENTYDEYEN 0.041423 0.667946

VGFR2_989_1001 Vascular endothelial growth
factor receptor 2

KDR [996] P35968 EEAPEDLYKDFLT 0.001543 0.440066

for different protein domains that interact with them. The
DAA group presented 158 different proteins totaling 1641
interactions with their residues. EPHA2, EPHA7, FES, FRK,
KDR, and ZAP70 were proteins that had residues with differential
phosphorylation that were found as capable of interacting
with other domains. The NanoHA group has 156 different
proteins totaling 742 interactions with their residues. FES, FRK,
and KDR were proteins that had residues with differential
phosphorylation that were found as capable of interacting with
other domains. Table 4 contains the interactions predicted
for the spots detected with OsteoBLAST for the DAA and
nanoHA groups. NetworKIN output files are in Supplementary
Material.

Proteins presenting differential phosphorylation and
their supramolecular interactors were used as input in
STRING to build PPINs for each group (Figures 2A,B).
The NetworkAnalyzer tool from Cytoscape analyzed both
PPINs considering then as undirected networks. The DAA
PPIN contains 148 proteins with 1566 interactions, while the
nanoHA PPIN contains 137 proteins with 1354 interactions.
NetworkAnalyzer also computed values for important network
metrics as Betweenness Centrality, Closeness Centrality
and Degree of Connectivity (for NetworkAnalyzer results,
see Supplementary Material “MAQDAA_node.csv” and
“MAQNANOHA_node.csv”). To compare the PPIN, Venn
diagrams were elaborated for all proteins in the network
(Figure 2C), for the upper 10th percentile of Betweenness
Centrality (Figure 2D), for the upper 10th percentile of
Closeness Centrality (Figure 2E) and for the upper 10th
percentile of Degree of Connectivity (Figure 2F). Both PPI
networks share 137 proteins, while 11 are unique for the
DAA group and none are unique for nanoHA. 12 proteins
are shared in the top 10% Betweenness Centrality, 3 are
unique for the DAA group and 2 are unique for the nanoHA
group. For top 10% Closeness Centrality, 13 proteins are

shared, 2 are unique for the DAA group and none are
unique for the nanoHA group. Finally, the top 10% of
Degree of Connectivity presents 13 proteins in common,
while 2 are unique for the DAA group and 1 is unique for
the nanoHA group.

To identify clusters on both PPI networks, MCODE analysis
was employed. For the DAA network, 3 clusters with a
score over ten were obtained. Cluster 1 with 27 proteins and
score = 13.538 is composed by SYK, EPHB3, CBL, KIT, PTPN11,
FYN, GRAP2, TXK, VAV3, FLT1, DAPP1, LYN, NCK1, LCK,
HCK, EPHA8, PIK3R1, CSK, EPHB4, CRKL, CBLB, ERBB2,
CRK, LAT, PXN, PTK2B, EPHB6 (Figure 3A). Cluster 2 has
20 proteins, score = 11.895 and is composed by PLCG1,
EPHA3, ZAP70, VAV2, BLNK, BTK, EPHA5, EPHA1, LCP2,
EPHA2, ABL1, EPHA6, EPHA4, ITK, FGR, VAV1, EPHB2,
EPHA7, EPHB1, BLK (Figure 3C). Cluster 3 has 22 proteins,
score = 10.762 and is composed by SHC3, TYK2, IGF1R,
PTPN13, MAP2K2, MAP2K1, CD79A, SRC, YES1, GRB2,
KDR, SHC1, EGFR, ERBB4, MET, JAK1, ERBB3, TEC, PTPN6,
SHC2, CBLC, JAK2 (Figure 3E). The nanoHA network has 2
clusters with a score over 10. Cluster 1 with 26 proteins and
score = 15.2 is composed by LCP2, GRAP2, CRKL, DAPP1,
VAV3, CBLB, EPHA8, CRK, HCK, BTK, VAV1, PXN, BLNK,
LCK, CBL, ZAP70, LAT, VAV2, SRC, ITK, EPHB3, FYN,
EPHB4, YES1, EPHB6, PTPN11 (Figure 4A), while cluster
2 contains 13 proteins, score = 11.333 and is composed by
EPHB2, ABL1, EPHA5, EPHA7, SYK, EPHA4, FGR, EPHA3,
EPHB1, EPHA1, EPHA2, EPHA6, BLK (Figure 4C). MCODE
output files are in Supplementary Material. For a better
understanding of the participation of the clusters in biological
processes, DAVID tools were used to perform enrichment
analysis of Gene Ontology (Biological Process and Molecular
Function) and KEGG Pathway analysis. The top 10 DAVID
IDs are represented in Figures 3B,D,F for DAA network
clusters and Figures 4B,D for nanoHA network clusters. Full
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TABLE 4 | Interactions predicted with NetworKIN for the spots detected
with OsteoBLAST.

DAA pred Interacts with nanoHA pred Interacts with

EPHA2 EPHA7 (614)
FRK (387)
PDPK1 (373)
PDPK1 (376)
ZAP70 (492)
LAT (255)
ENO2 (44)
KDR (996)
CD79A (182)
CD79A (188)

FES FRK (387)
LAT (255)
ENO2 (44)
CD79A (188)

EPHA7 EPHA7 (614)
FRK (387)
PDPK1 (373)
PDPK1 (376)
ZAP70 (492)
LAT (255)
ENO2 (44)
KDR (996)
CD79A (182)
CD79A (188)

FRK FRK (387)
PTK2B (573)
PTK2B (580)
CDK2 (15)
FER (714)
LAT (255)
ENO2 (44)
KDR (996)
CD79A (182)
CD79A (188)

FES EPHA7 (614)
FRK (387)
PLCG1 (775)
LAT (255)
ENO2 (44)
CD79A (188)

KDR FRK (387)
PTK2B (580)
CDK2 (19)
LAT (255)
KDR (996)
CD79A (188)

FRK EPHA7 (614)
EFS (253)
EPHA2 (772)
PTK2B (573)
PTK2B (580)
FRK (387)
PLCG1 (775)
PLCG1 (771)
PDPK1 (9)
PDPK1 (373)
PDPK1 (376)
PIK3R1 (607)
JAK1 (1034)
JAK1 (1035)
LAT (255)
FES (713)
ENO2 (44)
CDK2 (15)
KDR (996)
CD79A (182)
CD79A (188)

KDR EPHA7 (608)
EPHA2 (772)
PTK2B (580)
FRK (387)
PLCG1 (775)
PLCG1 (771)
PDPK1 (9)
PDPK1 (373)
PDPK1 (376)
MAPK10 (228)
PIK3R1 (607)
JAK1 (1034)

(Continued)

TABLE 4 | Continued

DAA pred Interacts with nanoHA pred Interacts with

LAT (255)
CDK2 (19)
KDR (996)
CD79A (188)

ZAP70 EPHA7 (614)
PLCG1 (771)
ZAP70 (492)
LAT (255)
CD79A (182)
CD79A (188)

DAVID results for each cluster are in Supplementary Material
(“DAVIDS_Clusters.xlsx”).

DISCUSSION

With increasing life expectancy and greater urban concentration,
bone lesions have been gaining greater attention in medical-
dental research. In this context, biomaterials are widely used
in bone regeneration, titanium being the gold standard for
bone (Zambuzzi et al., 2014; Frohbergh et al., 2015; Ebrahimi
et al., 2017). Many efforts have been made to modify
the titanium surface, positively impacting osteoinduction and
osteointegration (Nilen and Richter, 2008; Barkarmo et al., 2014;
Granato et al., 2019). In this paper, we demonstrate a routine
of analysis to compare different biomaterials (or any surfaces)
using the kinome profile of bone marrow mesenchymal stem
cells grown on three different biomaterials in order to reach
the 3 Rs concept and optimize the production of biomaterials.
Maq was used as a control due to its unmodified surface.
DAA, a widely used surface, and nanoHA, a new product
developed by SIN (Bezerra et al., 2017), were considered as
test surfaces. In the last 10 years, our group has been using
the analysis of intracellular signaling pathways to predict the
quality of biomaterials (Zambuzzi et al., 2006, 2011a, 2014).
Bezerra et al. (2017) demonstrated the biocompatibility of the
surfaces using mouse pre-osteoblasts (MC3T3-E1), including its
potential osteoinducer.

As a sequel to these efforts, our group presents in this work
the computational routine OsteoBLAST. Composed of four
steps, OsteoBLAST can provide the differential kinome between
two biomaterials in order to ascribe a comparative value to each
of them. In the first step, high-reliability spots were selected
based on simple statistical parameters. The combination of
these parameters produced a classification rate, called SR, which
ranges from one to six. OsteoBLAST will only perform further
analysis on groups with equal SR to avoid unbalanced data. The
ideal is always to use spots with SR equal to six, which have the
highest reliability, but it is possible to decrease the reliability
of the analysis using spots with lower SR, if necessary. In the
second step, selected spots were normalized using background
correction and quantile normalization, which are frequently
employed to normalize other arrays data, such as RNA-seq.
Afterwards, OsteoBLAST detected spots with differential
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FIGURE 2 | Network analysis of differential phosphorylation PPIN. (A,B) present the PPIN built with String for DAA and nanoHA, respectively. Venn diagrams were
built to compare proteins contained in both groups based in (C) Total proteins, (D) Betweenness centrality, (E) Closeness centrality and (F) Degree of centrality. Blue
represents the DAA group and red represents the nanoHA group.

phosphorylation with fold change and p-value as parameters.
We found 11 common spots between DAA and nanoHA:
CD79A_181_193,CDK2_8_20,ENOG_37_49, FAK2_572_584,
FRK_380_392, LAT_249_261, PAXI_24_36, PECA1_706_718,
SRC8_CHICK_476_488, SRC8_CHICK_492_504, and
VGFR2_989_1001. In a previous study, our group has
demonstrated that Focal adhesion kinase 2 (FAK2) and
Proto-oncogene tyrosine-protein kinase Src (SRC) are important
for cell recognition of surface modifications on the nanometer
scale (Zambuzzi et al., 2014). Finally, OsteoBLAST’s last step
computed a χ parameter regarding the similarity between two
biomaterials. If χ = 1.0, the two biomaterials have the same
biological response. For the highest reliability level, χ indicates
a higher similarity between the two modified surfaces (χ = 7.6)
than when each was compared to the control surface (DAA
χ = 56.3 and nanoHA χ = 41.5). It is also important to highlight
the role of SR for a better evaluation of the χ parameter: SR = 2
and SR = 4 produced more extreme χ values, e.g., the comparison
of DAA to Maq with SR = 4 resulted in χ = 279.0, while the
comparison of DAA to nanoHA resulted in χ = 2.3. With more
biomaterials submitted to OsteoBLAST analysis, the χ parameter
range will be better defined.

In order to better understand the biological roles of
the differential kinome, two questions are paramount: (1)
Which residue sites are phosphorylated? (2) Which kinase

phosphorylates a known phosphorylated site? PamChip and
OsteoBLAST solve the first question. For the second, we choose a
systemic approach. NetworKIN analysis predicts the interaction
of different domains on a phosphorylated site (Linding et al.,
2007; Horn et al., 2014). Some proteins used as input in
NeworKIN analysis were found as predicted output (Table 4),
which indicates that they promote autoregulation of the
differential kinome, in some cases through autophosphorylation.
A PPIN was used to define the differential kinome of a
biomaterial using the sites returned by OsteoBLAST and the
proteins predicted by NetworKIN. Gamma-enolase (ENO2)
was the only protein with differential phosphorylation that
is not part of the generated network. ENO2 is related to
the calcium-dependent metabolism, catalyzes the reaction 2-
phospho-D-glycerate = H2O + phosphoenolpyruvate, and
its phosphorylation at Y44 has been detected by mass
spectrometry (Goss et al., 2004). Platelet endothelial cell adhesion
molecule (PECAM1) has shown no NetworKIN predictions for
phosphorylation at the Y713 site. However, it is documented in
Uniprot3 that the Tyrosine-protein kinase Fer phosphorylates
PECAM1 at Y713 (Famiglietti et al., 1997; Paddock et al., 2011;
Dasgupta et al., 2019). Protein 4.1 (EPB41) also does not present
any predictions for phosphorylation at Y660 in NetworKIN

3www.uniprot.org
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FIGURE 3 | Clusters for the DAA PPIN. Letters (A,C,E) show the 3 clusters with MCODE score over 10. Figures (B,D,F) display the top DAVID IDs for each cluster.

results, although Uniprot reports Epidermal growth factor
receptor (EGFR) as the effector kinase (Subrahmanyam et al.,
1991). Some proteins predicted by NetworKIN did not present
network behavior using STRING with the selected parameters.

NetworkAnalyzer returns important metrics for both PPIN.
The first metric we analyzed was the Degree of Connectivity,
which represents the number of interactions any single protein
makes in the network. The higher the degree, the more
connections the protein performs and, consequently, the greater
its role in the network. Betweenness Centrality was the second
metric analyzed and represents how a protein acts as an
intermediate between two other proteins or, in a biological
context, how much of a regulation role a protein exhibits on the
network. The last metric we analyzed was Closeness Centrality,

which indicates the degree each protein is close to the others.
Using the top 10% quantile of these metrics as a classifier, we
observe that both PPIN have more proteins in common than
different ones. In fact, all 137 proteins of the nanoHA PPIN are
contained in the DAA PPIN, which results in high similarity
between the networks. This result corroborates the low χ value
computed by OsteoBLAST for DAA and nanoHA surfaces.

Finally, enrichment analysis revealed ontologies related to
phosphorylation at tyrosine residues (example: GO:0004713
∼protein tyrosine kinase activity, GO:0038083∼peptidyl-
tyrosine autophosphorylation, GO:0018108∼peptidyl-tyrosine
phosphorylation, GO:0007169∼transmembrane receptor
protein tyrosine kinase signaling pathway), autophosphorylation
(example: GO:0046777∼protein autophosphorylation, GO:0038
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FIGURE 4 | Clusters for the nanoHA PPIN. Figures (A,C) show the 2 clusters with MCODE score over 10. Figures (B,D) display the top DAVID IDs for each cluster.

083∼peptidyl-tyrosine autophosphorylation), domains SH2/SH3
(GO:0005070∼SH3/SH2 adaptor activity). These are expected
ontologies since this work is based on a tyrosine kinase chip. The
high amount of ontologies related to transmembrane receptors
(example: GO:0007169∼transmembrane receptor protein
tyrosine kinase signaling pathway, GO:0048010∼vascular
endothelial growth factor receptor signaling pathway,
GO:0007173∼epidermal growth factor receptor signaling
pathway, GO:0048013∼ephrin receptor signaling pathway)
indicates that cell metabolism during the adhesion process
could be more influenced by chemical activation than physical
factors, for example Integrin activation (GO:0007229∼integrin-
mediated signaling pathway was also present in the results).
These receptors usually undergo autophosphorylation at the
beginning of the signaling cascade. Ephrin signaling-related
ontologies (GO:0048013∼ephrin receptor signaling pathway,
GO:0046875∼ephrin receptor binding) reveal the importance
of this pathway for cell adhesion in biomaterials that has not
yet been demonstrated. Ephrin type-A receptor 2 (EPHA2) and
Ephrin type-A receptor 7 (EPHA7) are ephrin receptors with
differential phosphorylation detected on the DAA group which
were predicted by NetworKIN as potential interaction for the
other sites, including the detected sites themselves, indicating
autophosphorylation. Previous studies and databases confirm
this information (Fang et al., 2008).

Altogether, our results demonstrate a new biomaterial
analysis routine based on the differential kinome of the cell
adhesion mechanism.
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Mechanical stretch is widely experienced by cells of different tissues in the human
body and plays critical roles in regulating their behaviors. Numerous studies have been
devoted to investigating the responses of cells to mechanical stretch, providing us
with fruitful findings. However, these findings have been mostly observed from two-
dimensional studies and increasing evidence suggests that cells in three dimensions
may behave more closely to their in vivo behaviors. While significant efforts and
progresses have been made in the engineering of biomaterials and approaches
for mechanical stretching of cells in three dimensions, much work remains to be
done. Here, we briefly review the state-of-the-art researches in this area, with focus
on discussing biomaterial considerations and stretching approaches. We envision
that with the development of advanced biomaterials, actuators and microengineering
technologies, more versatile and predictive three-dimensional cell stretching models
would be available soon for extensive applications in such fields as mechanobiology,
tissue engineering, and drug screening.

Keywords: mechanobiology, stretch, tissue engineering, hydrogels, cell mechanotransduction

INTRODUCTION

Cells in the human body experience various mechanical forces such as tensile, shear, compressive,
torsional and hydrostatic forces, with mechanical features depending on specific tissue types,
development stages and body conditions (Polacheck et al., 2013; Giulitti et al., 2016; Huang G. et al.,
2019). Specially, cells in the lung and heart are cyclically subjected to mechanical stretch during
breathing and heart beating (Figure 1). Such stretching force plays important roles in regulating the
behaviors of lung and heart cells, and thus the development and performances of the lung and heart
(Sheehy et al., 2012; Liu Z. et al., 2016; Stoppel et al., 2016; Watson et al., 2019). Mechanical stretch
can be also commonly found in many other tissues or organs such as skeletal and smooth muscles,
tendon, vessel, intestine, bladder and cartilage, etc., prominently regulating the behaviors of cells in
these systems (Qi et al., 2016; Landau et al., 2018; Rinoldi et al., 2019). For instance, mechanical
stretch has been widely demonstrated to promote the maturation and growth of muscles
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FIGURE 1 | Mechanical stretch in the human body. Representative stretching forces in different human tissues and organs are indicated by white arrows. (A) Cells in
the alveoli undergo cyclic dilatational stretching during pulmonary respiration. (B) Cells in the myocardium experience cyclic circumferential and longitudinal
stretching during heart beating. (C) Cells in the vessel wall are continuously subjected to circumferential stretching due to the action of blood pressure. (D) Cells in
the skeletal muscle experience uniaxial stretching when moving the body. (E) Cells in the intestinal wall undergo circumferential stretching during intestinal peristalsis.
(F) Cells in the bladder wall experience circumferential and longitudinal stretching at the time of urination.

(Li et al., 2015; Weinberger et al., 2017). Intestinal stretch as
induced by food-intake was recently found to be able to stimulate
cells in the intestinal wall to generate satiety signals for feeding
regulation (Bai et al., 2019).

Mechanical stretch can be originally generated from external
loading or internal active contraction, and may specifically elicit
cell responses different from that induced by other mechanical
stimuli (Maul et al., 2011; Zhong Z. et al., 2011). Almost
all aspects of cell behaviors, including cell shape, orientation,
proliferation, secretion, gene and protein expression, lineage
differentiation and apoptosis, have been found to be regulated
by mechanical stretching, with actual effects depending on
cell types, stretch parameters, and culture conditions (Li Y.
et al., 2014; Xu et al., 2016; Chen et al., 2018; He et al.,
2018). By responding and adapting to mechanical stretching,
cells can maintain their mechanical integrity and modulate
their tensional state to sustain mechanical equilibrium, i.e.,
tensional homeostasis (Brown et al., 1998; Humphrey et al., 2014;
Cheng et al., 2017). The disruption of tensional homeostasis
usually leads to mechanical force-associated diseases, including
defective morphogenesis or pathological dysfunctions such as
fibrosis and cancer (Cambré et al., 2018; Bonnevie et al., 2019;
Boudou et al., 2019). For example, chronically elevated cyclic
stretch can induce abnormal proliferation and migration of

vascular smooth muscle cells to mediate pathological vascular
remodeling during hypertension (Qi et al., 2010). As a recent
excellent example, Sainz de Aja and Kim (2020) and Wu
et al. (2020) found that in idiopathic pulmonary fibrosis
(IPF, the most common type of lung fibrosis), loss of Cdc42
function in alveolar stem cells (AT2 cells) results in impaired
alveolar regeneration and consequently exposes AT2 cells to
sustained elevated mechanical tension. Such aberrant elevated
and likely spatial-specifically distributed mechanical tension
generates an activation loop of TGF-ß signaling in AT2 cells
in a spatially regulated manner, driving periphery-to-center
progression of IPF.

Various biomaterials and approaches have been developed
for mechanical stretching of cells, most of which have been
performed on two-dimensional (2D) substrates (Kurpinski
et al., 2006; Yung et al., 2009; Cui et al., 2015; Wang et al.,
2015; Kamble et al., 2016). In such studies, monolayer of
cells is usually cultured on the surface of elastic membranes
made of elastomer [typically polydimethylsiloxane (PDMS)] or
hydrogels. By inducing expanding or bending deformation of
the elastic membranes, mechanical stretch can be generated
and applied to the cells cultured on them (Huh et al., 2010;
Faust et al., 2011; Mann et al., 2012; Jiang et al., 2018). Various
approaches, commonly including motor-driven, indentation,
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FIGURE 2 | Many aspects of cell behaviors, including cell spreading,
migration, orientation or alignment, proliferation, apoptosis and lineage
differentiation, can be influenced by 3D mechanical stretching. The middle
illustration was reprinted with permission from (Huang et al., 2017).

pneumatic actuation, magnetic and electromagnetic actuation,
have been developed to induce mechanical deformation of
the elastic membranes. Thanks to the simple configuration
and easy manipulation of elastic membranes, the responses
of cells to mechanical stretch of diverse parameters varying
in stretch mode (uniaxial, biaxial, and equiaxial), stretch
waveform (static, sinusoidal, and ramp), insertion of rest
periods, strain magnitude, rate or frequency, have been
systematically investigated (Balestrini and Billiar, 2009; Zhong
Y. et al., 2011; Zhao G. et al., 2019). In addition, specific
dielectric (Poulin et al., 2016, 2018; Imboden et al., 2019)
and electrochemical (Svennersten et al., 2011; Guan et al.,
2018) actuators have been developed to achieve ultra-fast
dynamic cell stretching or high-throughput single cell stretching,
respectively. Moreover, local stretch of subcellular or even
molecular structures has been reported by employing specially
designed magnetic tweezers (Tajik et al., 2016; Sun et al.,
2020), optical tweezers (Han et al., 2018, 2020) or other
micromanipulators (Kim et al., 2009; Scheiwe et al., 2015).
These studies have dramatically benefited the understanding
of mechanical stretch-associated mechanobiology and cell
mechanotransduction.

Nevertheless, increasing evidence shows that the
dimensionality of the microenvironment where cells reside
in may greatly influence the responses of cells to mechanical
stimuli including stretch stimulation (Riehl et al., 2012; Caliari
et al., 2016). Since majority of cells in the human body are
embedded in complex three-dimensional (3D) extracellular
matrix (ECM), it is reasonable to expect that, as have been
already widely demonstrated, studying cell behaviors in a 3D
engineered microenvironment can better recapture native cell
responses than in two dimensions. Similar to but could be
different from the findings from 2D studies, stretch forces in
3D have been found to influence many aspects of cell behaviors,
including cell spreading, migration, orientation or alignment,
proliferation, apoptosis and lineage differentiation (Figure 2).
Therefore, engineering biomaterials and approaches for

mechanical stretching of cells in three dimensions have attracted
increasing interests, particularly in the engineering of 3D tissue
constructs for applications in basic research, tissue engineering,
regenerative medicine and drug screening (Zimmermann et al.,
2006; Eyckmans and Chen, 2017; Huang et al., 2017). To allow
3D cell culture, cells are usually encapsulated in hydrogels or 3D
scaffolds. Stretch forces are thus transmitted to the encapsulated
cells through deformed meshes of hydrogels. Unlike stretching
of cells on 2D elastic membranes, stretching of cells in 3D
hydrogels may encounter some practical issues such as difficult
to anchor and stretch hydrogels, limitation in controlling stretch
parameters, insufficient supply of nutrients and oxygen, and
challenges in 3D mechanical and biological characterizations
(Riehl et al., 2012). Despite all these, significant efforts and
progresses have been made to mechanically stretch cells and
study their responses in a 3D engineered microenvironment over
the past decade.

In this article, we briefly review the state-of-the-art advances
in the engineering of biomaterials and approaches for mechanical
stretching of cells in three dimensions. We first discuss
biomaterial considerations for mechanical stretching of cells in
three dimensions from mechanical, structural and biochemical
aspects, respectively. We then summarize research status of
hydrogel anchoring and actuation approaches for mechanical
stretching of cells in three dimensions. Finally, concluding
remarks and perspectives are given.

ENGINEERING BIOMATERIALS FOR
MECHANICAL STRETCHING OF CELLS
IN THREE DIMENSIONS

Most of the cells in vivo, if not all, inherently adhere to the
ECM or cells for survival and growth. The ECM provides
not only structural support but also various mechanical and
biochemical cues for directing cell behaviors. This has recently
been comprehensively reviewed in the literature (Huang et al.,
2017). To mimic the ECM, hydrogels have been widely used in 3D
cell culture. From the aspects of mechanical stretching, hydrogels
can not only transmit stretch forces to the resident cells, forcing
cells to stretch, but also respond to mechanical stretch itself via
structural remodeling and biochemical molecule regulation, all
of which can have profound effects on cell behaviors (Vader
et al., 2009; Gaul et al., 2018; Liu et al., 2020; Pei et al.,
2020). It is therefore reasonable to include mechanical, structural
and biochemical considerations when engineering hydrogels for
mechanical stretching of cells in three dimensions (Figure 3; Li
et al., 2017; Davidson et al., 2020).

Mechanical Considerations
Mechanical properties of the hydrogels used in 3D cell culture
determine the stress (the force over a given area) or strain (a
description of deformation in terms of relative displacement
of particles in the body) that can be generated in hydrogels
under defined loading forces. The most studied and the primary
considered mechanical property of the hydrogels is stiffness –
the extent to which an object resists deformation in response
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FIGURE 3 | Material considerations when engineering hydrogels for mechanical stretching of cells in three dimensions. Hydrogels can provide diverse mechanical,
structural and biochemical cues that may greatly affect cell responses to mechanical stretching in three dimensions. The middle illustration was reprinted with
permission from Huang et al. (2017).

to an applied force (Engler et al., 2006; Li et al., 2017; Wang
M. et al., 2019). In practice, stiffness is usually characterized by
elastic modulus or Young’s modulus (the slope of the stress-
strain curve in the linear elastic region). High stiffness may
shield cells from high strain by resisting deformation. However,
it should be noted that stiffness itself is widely found to play
critical roles in regulating cell behaviors. For example, as the most
widely distributed cells in the human body, fibroblasts orchestrate
ECM homeostasis by responding to diverse microenvironment
cues including matrix stiffness (van Putten et al., 2015). In
the heart, pathological development of cardiac fibrosis typically
leads to increased matrix stiffness and thus reduced local
mechanical strains under heart beating, which cooperatively
regulate fibroblast activation and fibrosis development (Yong
et al., 2015). Interestingly, a recent work reported that cell
mechanosensing is not only regulated by substrate stiffness,
but also by strain energy (Panzetta et al., 2019). This further
complicates the interpretation of cell mechanosensing and the

design of biomaterials for engineering the cell mechanical
microenvironment, since straining biomaterials usually leads
to corresponding changes in matrix stiffness, showing a non-
linear strain–stress relationship as will be discussed below. In
this case, it will be difficult to decouple the effects of strain
from stiffness. Fortunately, advanced hydrogels with a linear
strain–stress relationship in a wide strain range are available (Li
et al., 2016a,b).

When applied for mechanically stretching cells in three
dimensions, the stretchability of hydrogels should be taken into
account, especially when large strains are expected such as for
investigating tendons and muscles. Possibly the simplest ways
of enhancing hydrogel stretchability are by reducing polymer
concentration or by increasing characteristic network length.
However, they are usually accompanied by a significant decrease
of hydrogel stiffness, which is not expected in most cases.
Therefore, certain efforts that can be generally classified into
material composition- and structure-based approaches have been
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made to develop highly stretchable and/or tough (the ability to
resist fracture by absorbing and dissipating mechanical energy)
hydrogels (Li J. et al., 2014; Feng et al., 2016). In the material
composition-based approach, components with complementary
properties are combined to form hybrid hydrogels, in which
one component endows the hydrogels high stretchability and the
other component mainly works to absorb or dissipate mechanical
energy (Sun et al., 2012). While the fabrication of such hybrid
hydrogels often require toxic chemicals and/or harsh processing
conditions, recent studies did report some biocompatible hybrid
hydrogels [e.g., poly(ethylene glycol)/sodium alginate hydrogels
(Hong et al., 2015)] that can be used for cell encapsulation
and long-term 3D cell culture, maintaining high stretchability
and toughness. In the structure-based approach, hydrogels are
fabricated into special structural forms that can bear large
deformations. For example, when fabricated into microscales,
hydrogels of gelatin methacrylate (GelMA) can be stretched up
to three times of its initial length (Li et al., 2016b). Further
improvement can be achieved by fabricating hydrogels into
hierarchical helical structures (Li et al., 2019).

As mentioned above, one of the important mechanical features
of many native ECM and natural biomaterials (e.g., type I
collagen and fibrin) is the non-linear stress-strain relationship,
mostly exhibiting strain-stiffening behavior (i.e., the stiffness
is not constant but increases with increasing strain) when
subjected to large deformations (Storm et al., 2005; Licup et al.,
2015). As for type I collagen and fibrin, the non-linear strain-
stiffening behavior was found to be dependent on strain history
(Münster et al., 2013). The fibrous nature of these ECM proteins,
including recruitment and alignment, is central to their effects.
Moreover, the integration of other material components (e.g.,
polysaccharide matrix) with these fibrous proteins may have
profound effects on their non-linear strain-stiffening behavior
(Burla et al., 2019). Cells can actively use stiffening to strain their
microenvironment and generate positive mechanical feedback
from the ECM to modulate their functions (Jaspers et al.,
2014; Das et al., 2016; Hall et al., 2016; Han et al., 2018).
From mechanical stretching aspects, hydrogels with non-linear
strain-stiffening property enables long-range transmission of
mechanical forces and thus long-range cell-cell communications
(Wang H. et al., 2014; Sopher et al., 2018). Moreover, such
property is believed to be important in preventing overlarge tissue
deformation, maintaining tissue integrity and thus shielding
cells from overstretching (Wen and Janmey, 2013). Nevertheless,
cells of diverse types, including fibroblasts and epithelial cells,
may still subject to severe deformations even at physiological
conditions as they engage in migration, invasion and lumen
dilation (Trepat et al., 2007). Interestingly, these cells are not just
passively receiving mechanical forces from external loading. They
can respond to mechanical forces by dynamically adapting their
cytoskeleton networks to withstand substantial deformations
(Fletcher and Mullins, 2010). For instance, actin filaments
and microtubules can yield and disassemble under moderate
strains, while vimentin containing intermediate filaments forms
a stretchable, hyperelastic network that can maintain cell viability
at large deformations and increase the stretchability, strength
and toughness of the cytoplasm (Hu et al., 2019). Therefore,

epithelial cells can undergo extreme stretching and enter a state
of non-linear superelasticity (the deformation increases without
a corresponding increase in tension) (Latorre et al., 2018).

Many hydrogels exhibit not only solid- (elastic) but also
fluid-like (viscous) characteristics when undergoing deformation
(Pryse et al., 2003; Babaei et al., 2016; Nam et al., 2016a).
The viscosity of a hydrogel may arise from weak bond
dissolution, molecular slipping, polymer disentanglement or
protein unfolding, etc. Such viscoelastic property endows
hydrogels the ability to dissipate energy, allowing stress relaxation
(a time-dependent decrease in stress under a constant strain)
or creep (a time-dependent increase in deformation under
a constant stress). Under dynamic loading conditions, the
viscoelasticity of hydrogels can be significantly depending
on strain rate. Remarkable efforts and progress have been
made in recent years toward the development of advanced
viscoelastic hydrogels, with certain results showing that the
hydrogel viscoelasticity may greatly influence cell morphology,
proliferation and differentiation (Chaudhuri et al., 2015, 2016;
Bauer et al., 2017; Charrier et al., 2018; Gong et al., 2018;
Lou et al., 2018; Huang D. et al., 2019; Cantini et al.,
2020). In addition to viscoelasticity, some hydrogels (especially
reconstituted fibrous hydrogels such as type I collagen) may
undergo plastic deformation (a non-reversible permanent change
in shape) when subjected to mechanical loadings (Kim et al.,
2017; Ban et al., 2018; Ming et al., 2020). Such property can
be explored by contractile cells to remodel the ECM, inducing
local persistent alignment and densification of ECM fibers for
facilitating cell migration and fibrosis development (Nam et al.,
2016b; Wisdom et al., 2018).

Structural Considerations
In 3D cell culture, a great challenge is to maintain high cell
viability. Bulk hydrogels used for encapsulating cells usually
have a diffusion limit of several hundred micrometers, beyond
which the cells may suffer from significant exhaustion of
oxygen and nutrients (Huang et al., 2011). Dynamic mechanical
stretching has been found to be able to facilitate oxygen and
nutrient transport in hydrogels, however, usually it could not
be sufficient to guarantee cell survival (Vaughan et al., 2013).
Therefore, it is necessary to introduce additional macroscale
porous or even microfluidic structures into bulk hydrogels to
enable convective mass transport (Choi et al., 2007; Huang
et al., 2013). However, attention should be paid to avoid
structural collapses, maintaining hydrogel mechanical stability
under both perfusion culture and mechanical stretching (Huang
et al., 2012). Perhaps the most effective way to overcome
diffusion limitation is to reduce the size of cell-laden hydrogels.
As a result, various microengineering technologies have been
developed to fabricate microscale engineered tissues (i.e.,
microtissues), which not only overcome diffusion limitation,
but also bring benefits such as the save of materials and cells,
high throughput, as well as enhanced mechanical stretchability
as already mentioned in section “Mechanical Considerations”
(Wang L. et al., 2014; Guven et al., 2015; Zhu et al., 2017).
In practice, it may cause more difficulties in mechanically
stretching microtissues. Nevertheless, with the development of
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advanced microfabrication and actuation technologies, various
approaches have been explored for simultaneously stretching
multiple microtissues (more discussions can be found in section
“Approaches for Stretching Three-Dimensional Engineered
Tissue Constructs”).

A key feature of the native ECM is the fibrous structure
that is mainly determined by fibrous collagen, fibrin, fibronectin
and elastin networks. Such fibrous structures have been
found to dramatically contribute to control ECM mechanical
properties such as strain-stiffening and viscoelasticity (Prince
and Kumacheva, 2019; van Oosten et al., 2019). Cells can sense
fiber features (e.g., diameter, length, density and direction),
actively remodel the fibrous networks via cell contraction, and
respond by adjusting their contractility, migration, alignment and
growth (Holmes et al., 2018; Brauer et al., 2019; Wang W. Y.
et al., 2019). Moreover, recent studies have identified a particular
important role of the fibrous networks in long-distance cell-cell
communications and collective behaviors (Han et al., 2018; Sarker
et al., 2019; Liu et al., 2020). While some reconstituted protein-
based biopolymers (e.g., type I collagen) can spontaneously
self-assemble into fibrous structures under mild conditions,
many widely used biopolymers [e.g., gelatin, sodium alginate,
hyaluronic acid (HA)] and most synthetic hydrogels often lack
fibrous structural features. Therefore, various approaches, e.g.,
self-assembly, phase separation and electrospinning, have been
developed to generate synthetic fibrous constructs to mimic
the architecture of fibrous ECMs (Zhao et al., 2015; Prince
and Kumacheva, 2019). An excellent example is the electrospun
HA-based fibrous hydrogels, which have been applied to
study the roles of local fiber recruitment and fiber mechanics
on cell spreading, proliferation, focal adhesion signaling and
myofibroblast differentiation (Kim et al., 2013; Baker et al.,
2015; Cao et al., 2017; Davidson et al., 2019). Interestingly,
mechanical stretch cannot only direct the organization of single
fibrous network but also regulate the interactions between both
cell-matrix and different fibrous components (Vader et al.,
2009; Kubow et al., 2015). Particularly, mechanical stretch has
been found to modulate enzymatic degradation of collagen by
sequestrating cleavage sites on collagen fibers (Bhole et al., 2009;
Ghazanfari et al., 2016; Gaul et al., 2018). These further emphasize
the importance of using fibrous hydrogels when engineering the
stretching microenvironment of cells.

Biochemical Considerations
Biochemical cues have been extensively investigated in cell
biology and tissue engineering. Mechanical stimuli can
cooperatively or oppositely work with biochemical cues to
orchestrate cell behavior (Salameh et al., 2010; Wan et al., 2019).
From the perspective of biomaterial design, hydrogels may
provide some specific biochemical properties that can influence
the effect of mechanical stretch on cells. Specifically, hydrogels
with different cell adhesive properties (usually determined by
the presence of chemical functional groups or cell adhesion
ligands on hydrogel networks) can show different capacities in
transmitting mechanical forces or strains to cells encapsulated
in them. Generally, the higher affinity between hydrogels and
cells, the more efficiency of transmitting mechanical forces or

strains by the hydrogels. This could be a dominant role of ECM
sub-types and different biochemically modified hydrogels in
regulating the responses of cells to mechanical stretch (Atance
et al., 2004; Watson et al., 2014).

On the other hand, hydrogels can be engineered to sequester
or immobilize growth factors by mimicking the performance of
some ECM macromolecules, such as glycosaminoglycans (GAGs)
(Gama et al., 2006; Lienemann et al., 2012; Hettiaratchi et al.,
2016). These growth factors can be released and activated in
response to mechanical stretching of hydrogels induced by cell
contractile forces or external mechanical loadings, thus playing
important roles in regulating cell mechanobiological responses.
As a typical example, transforming growth factor-β1 (TGF-β1,
a polypeptide cytokine belonging to the TGF superfamily that
performs many functions in many cell types) is generally secreted
and stored in the matrix as part of a large latent complex bound
to the latent TGF-β binding protein (LTBP). When the applied
mechanical stretching is above a certain threshold, TGF-β1 can be
liberated and activated, establishing a mechanical checkpoint and
contributing to many biological processes such as the progression
of tissue repair and fibrosis (Maeda et al., 2011; Hinz, 2015; Froese
et al., 2016; Walker et al., 2020).

APPROACHES FOR STRETCHING
THREE-DIMENSIONAL ENGINEERED
TISSUE CONSTRUCTS

While widely used for engineering 3D tissue constructs, it is
still challenging to stretch cell-encapsulating hydrogels in a
controllable way. Nevertheless, significant efforts have been made
to anchor and actuate hydrogels for mechanically stretching
hydrogel-based 3D engineered tissue constructs (Figure 4).

Anchoring Approaches
To enable mechanical stretching, engineered tissue constructs
need to be anchored first to prevent unexpected slipping
movement. Since 3D engineered tissue constructs are usually
constructed by encapsulating cells into hydrogels, it is a big
challenge to anchor such hydrogels. Unlike elastomers and
rubbers that can be easily clamped for mechanical stretching
tests, hydrogels used for engineering 3D tissue constructs are
usually difficult to be anchored with conventional clamps. This
is mainly due to their highly hydrated and relatively soft
properties that make them susceptible to slippage, deformation or
breakage under clamping and stretching (Tomei et al., 2009; Galie
and Stegemann, 2011). To robustly anchor hydrogels, various
approaches have been explored that can be generally classified
into chemical anchoring and physical anchoring.

In chemical anchoring, hydrogels are usually covalently
bonded to modified or activated anchoring surfaces
during crosslinking. For example, GelMA provides reactive
methacrylic groups that can be photo-crosslinked to 3-
(trimethoxysilyl)propyl methacrylate-modified glass substrates
when exposed to ultraviolet light in the presence of
photoinitiators (Van den Bulcke et al., 2000; Nichol et al.,
2010; Hsieh et al., 2014). However, such approach is only
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FIGURE 4 | Representative approaches for stretching 3D engineered tissue constructs. (A) Hydrogel tissue constructs are fabricated into macroscale ring-like
shapes, physically anchored with two stiff rods, and actuated to undergo stretching by using motor-driven approach. (B) Hydrogel tissue constructs are chemically
bonded on stretchable membranes that are driven to stretch by using step motors. (C) Hydrogel tissue constructs are chemically bonded on stretchable membranes
that are driven to stretch by applying vacuum pressure. (D) Hydrogel microtissue constructs are constrained by elastic micropillars. The distance between the
micropillars changes when the underlying elastomeric membranes are stretched by either motor-driven or pneumatic actuation approaches, leading to deformation
of the constrained microtissues. (E) Pneumatic actuation of micropillar-anchored microtissues by applying vacuum pressure to the side chambers of microtissues.
(F) The microtissues are magnetically actuated by applying a non-uniform magnetic field to attract the magnetic microspheres fixed to the micropillars. (G) Enabling
magnetic actuation by fabricating magnetic responsive layer onto photopatterned microtissues that chemically anchored on glass substrates.

applicable to some specific types of hydrogels. Similar approach
has been applied for achieving tough bonding of hydrogels to
amino-silane functionalized substrates of diverse solids by using
EDC-Sulfo NHS chemistry (Yuk et al., 2016). However, it could
not be used in the presence of cells due to the involvement of toxic
chemicals and/or harsh conditions. While certain adhesives can
chemically bond hydrogels to anchoring surfaces, this strategy
involves the issues of weak bonding, low biocompatibility
and/or slow adhesion formation (Pang et al., 2010; Mihic et al.,
2014). Recently, Yuk et al. (2019) developed an interesting dry
double-sided tape (DST) for rapid and strong adhesion of wet
tissues and devices. Such DST could be employed for anchoring
hydrogels in the presence of cells.

In contrast to chemical anchoring, physical anchoring does
not apply chemical crosslinking but uses physical constraint to
anchor hydrogels. For macroscale tissue constructs, this can be
achieved by special designs (e.g., card slot and/or porous designs)

of the anchors (Roeder et al., 2002; Gould et al., 2012). In
the card slot design, the ends of the hydrogels are fabricated
into designed shapes that can be physically locked by card slot
anchors. This method, however, can be only used for stiff enough
hydrogels. In the porous design, hydrogel precursor solution
is firstly allowed to infiltrate into porous anchors and then
crosslinked to form hydrogels with the ends integrated with the
porous anchors. Both card slot and porous designs could involve
troublesome operations and are not suitable for small-scale
hydrogel tissue constructs. In addition, hydrogel tissue constructs
have also been fabricated into ring- or runway-like shapes, which
can then be simply hitched by two rods or pins for further
mechanical stretching (Wakatsuki et al., 2000; Zimmermann
et al., 2000, 2002; Berry et al., 2003; Asnes et al., 2006; Lee
et al., 2012; Rinoldi et al., 2019). Inspired by this, and through
tactfully exploiting the phenomenon of cell-induced collagen
remodeling, Legant et al. (2009) developed a micropillar-based
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geometrical confinement approach that enables high-throughput
fabrication of constrained microscale tissue constructs (i.e.,
engineered microtissues) of cell-encapsulating collagens. The
custom-designed elastic micropillars (termed as microfabricated
tissue gauges) are not only used to constrain the engineered
microtissues but also to report forces generated by them in
real time. Such approach has attracted great interests in the
past decade (Jason et al., 2014; Liu et al., 2014; Mills et al.,
2017; Ronaldson-Bouchard et al., 2018; Chen and Zhao, 2019).
Recently, a similar approach has been reported by using elastic
microwires instead of micropillars to constrain and monitor
microtissues, showing great promises in heteropolar microtissue
construction and disease modeling (Mastikhina et al., 2019;
Wang E. Y. et al., 2019; Zhao Y. et al., 2019).

Actuation Approaches
When anchored, hydrogels can be actuated to undergo
deformation, generating stretch stimulus to the encapsulated
cells. While various actuation approaches have been developed
to stretch single or monolayer cells, certain of them have
not been adopted for stretching hydrogel-based 3D tissue
constructs, mainly due to their limited driving force or
poor strain controllability. Currently, the main approaches for
driving hydrogel deformation can be generally classified into
three types: motor-driven approach, pneumatic actuation, and
magnetic actuation (Table 1).

Early studies that stretch macroscale tissue constructs
usually use custom-designed motor-driven systems. Specifically,
hydrogels encapsulating cells are anchored by clamps or stiff bars,
which are connected to driving motors. The movement of driving
motors thus leads to the deformation of cell-laden hydrogels
(Fink et al., 2000; Wakatsuki et al., 2000; Powell et al., 2002).
This approach is particularly suitable for uniaxial stretching.
Biaxial stretching can also be achieved by perpendicularly
equipping two driving motors, providing that the hydrogel
tissue constructs are appropriately anchored. Benefit from the
advantages of driving motors, such approach allows multiple
loading modes, and precise control over strain amplitude and
strain rate. Moreover, it is readily to incorporate mechanical
transducers for measuring tensile forces. However, the physical
contact between the driving system and the cell culture medium
may involve the potential of contamination. In addition, it

is suitable for engineering large tissue constructs but difficult
to meet miniaturization and high-throughput requirements for
drug screening applications.

Compared to directly stretching hydrogels, stretching
elastomeric membranes is easier to implement and may avoid
direct contact with cell culture medium. When chemically
anchored on an elastomeric membrane, hydrogel tissue
constructs can undergo deformation with the membrane,
which can be achieved by using either motor-driven or
pneumatic actuation approaches (Riehl et al., 2012; Doryab
et al., 2019). Due to the substantial advantage of simple setup,
pneumatic actuation has been commonly used (as represented
by pneumatic commercial Flexcell R© device), particularly in
generating biaxial (radial and circumferential) tensile strains.
Depending on how the systems are configured, both positive
and negative pressures can be employed. However, conventional
configurations with hydrogels bounding on an elastomeric
membrane could suffer from several limitations such as non-
uniform strain distribution (strain magnitude changes with
distance from the center of the membrane), limited oxygen and
nutrient diffusion as hampered by the bounding membrane,
and low throughput (Riehl et al., 2012). In addition, pneumatic
actuator may be limited in actuation rate due to the effect of air
compressibility.

With the development of microengineering technologies,
significant progress has been made by combing elastomeric
membranes and elastic micropillars. In this case, hydrogel
microtissue constructs are not directly stick to the elastomeric
membranes but constrained by the elastic micropillars. The
distance between the micropillars changes when the underlying
elastomeric membranes are stretched by either motor-driven
(Asmani et al., 2018; Chen et al., 2019) or pneumatic actuation
(Asmani et al., 2019; van Kelle et al., 2019), leading to
deformation of the constrained microtissues. Alternatively,
pneumatic actuation of micropillar-anchored microtissues can
be also realized by applying vacuum pressure to the side
chambers of microtissues (Walker et al., 2018, 2019), similar
to the actuation system developed for 2D cell culture (Huh
et al., 2010). These approaches allow simultaneous stretching
of multiple microtissues, and enable the measurement of
microtissue contraction forces at the same time by following
micropillar deflection.

TABLE 1 | A brief comparison and summary of the main actuation approaches.

Approaches Comments

Motor-driven approach Advantages: particularly suitable for uniaxial stretching and for engineering large tissue constructs, allow multiple
loading modes and precise control over strain amplitude and strain rate

Disadvantages: potential contamination, difficult to simultaneously meet miniaturization, compartmentalization and
high-throughput requirements

Pneumatic actuation Advantages: simple setup, readily to incorporate with microfluidic technologies

Disadvantages: limited in actuation rate, could suffer from non-uniform strain distribution

Magnetic actuation Advantages: enable actuation in a non-contact and remote way, with the ability to measure microtissue stiffness and to
change boundary stiffness in real time

Disadvantages: could be cumbersome to design and integrate the magnetic actuation system, potential unwanted
magnetic effect on cells
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What is more, when fixing magnetic microspheres to the
micropillars, the microtissues can be magnetically actuated in
a non-contact and remote way by applying a non-uniform
magnetic field to attract the microspheres (Zhao et al., 2013).
This eliminates the actuation and even the use of elastomeric
membranes. Similar approach has been developed by fabricating
magnetic responsive layer onto photopatterned microtissues
that are chemically anchored on glass substrates, which enables
magnetic actuation without the complicated fabrication of
micropillars (Li et al., 2016a,b). Custom magnetic tweezers
have been used to selectively actuate a single microtissue or
micropillar (Bose et al., 2018). To allow simultaneous actuation
of multiple microtissues, custom-assembled magnet arrays and
electrodeposited bar magnetics have been developed (Xu et al.,
2015; Li et al., 2016b). Compared to motor-driven approach
and pneumatic actuation, magnetic actuation brings some
additional important benefits such as the ability to measure
microtissue stiffness and to change boundary stiffness (i.e.,
the effective bending stiffness of the micropillars) in real
time (Zhao et al., 2014; Kural and Billiar, 2016; Rodriguez
et al., 2019). A potential limitation for magnetic actuation
is that it could be cumbersome to design and integrate the
magnetic actuation system. In addition, a strong magnetic
field could be required in certain conditions to achieve
high strain amplitude, which may impose unwanted magnetic
effect on cells.

CONCLUDING REMARKS AND
PERSPECTIVES

An increasing interest has been put on the engineering of 3D cell
microenvironment. As an essential cue for the survival, growth
and functional performance of many types of cells, mechanical
stretch is required but difficult to control in three dimensions.
While remarkable progresses have been made in recent years,
much work remains to be done.

First, hydrogels used for supporting cell stretching and
culture in 3D usually have too simplified composition and poor
controlled properties. The influences of hydrogel composition
and properties on cell responses to mechanical stretching have
been seldom investigated, despite the fact that hydrogels can
provide diverse important cues for regulating cell behaviors
(Atance et al., 2004; Watson et al., 2014). Second, most of
the current studies have used lab-specific stretching devices
without strict control and characterization of strain profiles in
hydrogels, making it difficult to precisely regulate cell behaviors
and compare the results of different studies. It is therefore

necessary to develop standardized stretching devices that can be
easily adopted by different labs for programmable mechanical
stretching of cells in three dimensions. Third, most of the
reported stretching devices are designed to induce a single stretch
parameter at a time, limiting simultaneous investigation of
multiple stretch parameters. Although several stretching devices
have been designed to simultaneously apply multiple stretch
parameters, media is usually pooled among samples in these
studies, complicating data analysis with paracrine signaling.
Finally, methods based on advanced optical imaging have been
widely used in characterizing cell responses to mechanical
stretching (Fu et al., 2018). However, other methods such as those
based on electrochemical (Liu Y. L. et al., 2016; Liu et al., 2017;
Liu et al., 2019; Huang and Liu, 2020), impedance (Lind et al.,
2017; Zhang et al., 2017; Liu et al., 2018), and current (Mannhardt
et al., 2019) sensing, once extended, may be particularly useful
in fast, real-time and high-content analysis of biological and
mechanical events.

Currently, mechanical stretching has greatly promoted
the engineering of 3D tissue constructs for regeneration,
however, mechanotransduction studies on cell stretching
have been mostly performed in two dimensions, thus
limiting in-depth understanding of stretch mechanobiology
in pathophysiological conditions. Moreover, mechanical
stretching has been seldom considered in engineered
microtissues that used for drug screening applications.
Future efforts should be directed toward the development of
more versatile and predictive 3D cell stretching models for
mechanobiology and drug screening studies. We anticipate
that it will be promising to integrate and take advantages
of advanced biomaterials, actuators and microengineering
technologies such as 3D printing, microfluidics, and
microelectromechanical systems.
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Bone is a mechanosensitive tissue for which mechanical stimuli are crucial in maintaining
its structure and function. Bone cells react to their biomechanical environment by
activating molecular signaling pathways, which regulate their proliferation, differentiation,
and matrix production. Bone implants influence the mechanical conditions in the
adjacent bone tissue. Optimizing their mechanical properties can support bone
regeneration. Furthermore, external biomechanical stimulation can be applied to
improve implant osseointegration and accelerate bone regeneration. One promising
anabolic therapy is vertical whole-body low-magnitude high-frequency vibration
(LMHFV). This form of vibration is currently extensively investigated to serve as an easy-
to-apply, cost-effective, and efficient treatment for bone disorders and regeneration.
This review aims to provide an overview of LMHFV effects on bone cells in vitro and
on implant integration and bone fracture healing in vivo. In particular, we review the
current knowledge on cellular signaling pathways which are influenced by LMHFV
within bone tissue. Most of the in vitro experiments showed that LMHFV is able
to enhance mesenchymal stem cell (MSC) and osteoblast proliferation. Furthermore,
osteogenic differentiation of MSCs and osteoblasts was shown to be accelerated by
LMHFV, whereas osteoclastogenic differentiation was inhibited. Furthermore, LMHFV
increased bone regeneration during osteoporotic fracture healing and osseointegration
of orthopedic implants. Important mechanosensitive pathways mediating the effects of
LMHFV might be the Wnt/beta-catenin signaling pathway, the estrogen receptor (ER)
signaling pathway, and cytoskeletal remodeling.

Keywords: bone, fracture healing, vibration, LMHFV, osseointegration, mechanostimulation, regeneration

Abbreviations: Akt, protein kinase B; ALP, alkaline phosphatase; BF, peri-implant bone formation; BIC, bone-to-
implant contact; BMP, bone morphogenetic protein; BMSCs, bone marrow-derived MSCs; Col-1, collagen type I; Cox2,
cyclooxygenase 2; ER, estrogen receptor; ERK1/2, extracellular signal-regulated kinase 1/2; g, gravitational acceleration; GJIC,
gap junctional intracellular communication; Hz, hertz; IL, interleukin; LMHFV, low-magnitude high-frequency vibration;
Lrp6, low-density lipoprotein receptor-related protein 5; MMP, matrix metallopeptidase; MSCs, mesenchymal stem cells;
OCN, osteocalcin; OPG, osteoprotegerin; OPN, osteopontin; OVX, ovariectomy; PTH, parathyroid hormone; RANKL,
receptor activator of nuclear factor-kappa B ligand; siRNA, small interfering RNA; SOST, sclerostin; TGF-β, transforming
growth factor beta; TNF-α, tumor necrosis factor alpha; TRAP, tartrate resistant acid phosphatase.
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INTRODUCTION

Bone is a mechanosensitive tissue which can react to changing
loads by adapting bone mass and structure. Osteocytes are
considered to be the main mechanosensor cell type in
bone (Lanyon, 1993). However, other bone cells, including
osteochondroprogenitor cells and osteoblasts, were also
shown to react to their biomechanical environment by
activating molecular signaling pathways, which regulate
their proliferation, differentiation, and matrix production.
Additionally, bone fracture healing critically depends on the
mechanical conditions in the fracture area. Rigid fixation
of long-bone fractures resulting in small interfragmentary
movements induce direct intramembranous bone healing,
whereas flexible fixation with higher interfragmentary
movements results in callus healing with endochondral
bone formation (Perren, 1979). Too flexible fixation
can cause non-unions with hypertrophic fibrous tissue
near the fracture gap. Similarly, too low biomechanical
stimulation could be negative for bone healing. Regarding the
underlying mechanism, it is proposed that mesenchymal
cells are likely to form fibrous tissue under high stress
conditions, whereas osseous tissue is generated under low
stress conditions. At intermediate stresses, mesenchymal
cells will differentiate into chondrocytes and initiate
cartilaginous callus formation, which initially bridges the
fracture gap (Claes et al., 2011). Therefore, the biomechanical
environment appears to crucially influence bone cells during
homeostasis, remodeling, and regeneration. Furthermore,
the biomechanical environment plays a critical role during
osseous implant integration. The implant material, its
surface characteristics, and its biomechanical properties
are major factors which should positively influence
recruitment and differentiation of osteogenic cells to the
implant surface to avoid implant loosening. Therefore,
the development of new orthopedic implant materials
and coatings is of great interest. Furthermore, because
of the mechanosensitivity of bone, the application of
external biophysical stimulation, including LMHFV, is
considered to promote bone formation. This approach
offers many benefits as a safe, easy-to-apply, and an
effective treatment option which might be useful not only
for preventing the risk of fractures but also for improving
bone regeneration and implant osseointegration. Preclinical
and clinical studies have already reported that vertical
whole-body LMHFV is a successful anabolic strategy
for healthy and osteoporotic patients to increase bone
mineral density (Dubosc-Marchenay et al., 1992; Rubin
et al., 2004; Ward et al., 2004; Xie et al., 2006; Wenger
et al., 2010; Tezval et al., 2011). However, the underlying
molecular pathways remain largely unknown. To shed
some light on mechanotransduction pathways of LMHFV
and the involved bone cells, in vitro studies with the
focus on osteoblasts, osteoclasts, or their progenitors are
reviewed. In addition, studies applying LMHFV during
fracture healing or implant integration are discussed in
this review article.

MATERIALS AND METHODS

The study was conducted in accordance with the PRISMA
guidelines for systematic reviews. The electronic databases
PubMed and Web of Science were reviewed regarding (1)
influence of LMHFV on bone cells in vitro and the involved
signaling pathways and (2) influence of LMHFV on bone
regeneration in vivo (implant integration and fracture healing).
The search strategies were focused on the PICOS criteria, which
establish the inclusion and exclusion criteria as well as the
combination of keywords for the studies to be analyzed. For
search strategy (1), any controlled in vitro study, written in the
English language was included. Studies including either mouse
cell lines of osteoblasts (MC3T3-E1), osteoclasts (RAW264.7), or
osteocytes (MLO-Y4) as well as MSCs or the respective primary
cells derived from humans or rodents were considered. Only
studies applying LMHFV (<1 g, g; 20–90 Hz) in a vertical manner
were selected; therefore, acoustical and ultrasound oscillations
were excluded. The primary outcome measures were proliferative
capacities of the respective investigated cell type as well as their
differentiation and changes in gene or protein expression. For
(2), any preclinical study involving any animal species written
in the English language was included. The primary outcome
measures were callus formation, vascularization, bone formation
and remodeling, mechanical stability of newly formed bone, and
immune cell responses during fracture healing. Full papers of the
final list of studies were reviewed and study data extracted and
summarized in tables for subsequent analysis and discussion. In
total, 51 articles were included in this paper. Vertical LMHFV
was applied by either custom-made or commercially available
vibration platforms in the studies reviewed in this article.

RESULTS

Influence of LMHFV on Bone Cells
in vitro and the Involved Signaling
Pathways
MSCs
Mesenchymal stem cells are multipotent stem cells with the
capacity to differentiate into different lineages, that is, osteogenic,
chondrogenic, adipogenic, and myogenic (Pittenger et al., 1999;
Kolf et al., 2007; Rastegar et al., 2010). The fate of MSCs
is profoundly influenced by biomechanical stimuli (Pauwels,
1960). It is of great interest for the development of regenerative
strategies to investigate whether LMHFV can favor MSC
differentiation toward one specific lineage and which molecular
mechanisms are involved.

Experimental in vitro studies used BMSCs or adipose-derived
MSCs isolated from human, rat, or mouse BMSCs as well
as the murine bone marrow stem cell line D1-ORL-UVA. To
elucidate the effects of vibration, the cells were subjected to a
specific vibration regime; however, loading parameters and time
schedules varied among the studies (Table 1), but were within
the range of 20–90 Hz and <1 g magnitude. It was demonstrated
by the majority of studies, that LMHFV induced the expression
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TABLE 1 | LMHFV effects on mesenchymal stem cells.

References Cells Environment Frequency
(Hz)

Magnitude
(*g)

Time schedule Main outcome

Baskan et al., 2017 D1-ORL-UVA TCP 90 0.15 15 min/day 7 days Adipogenic markers ↓

Chen et al., 2016 rBMSCs HA-coated titanium scaffolds (3D) 40 0.3 30 min/day 14 days Expression of osteogenic markers (Runx2, Osx, Col-1, OC) ↑

Demiray and Özçivici, 2015 D1-ORL-UVA TCP 90 0.15 15 min/day for
7 days

Cytoskeletal adaptations:
total actin content and actin fiber thickness ↑
Cell proliferation ↑

Lau E. et al., 2011 rMSCs TCP 60 0.3 1 h/day on days
1 + 2 and 4–6

Osteogenesis ↓

Li et al., 2019 rBMSCs TCP (not stated) 45 0.9 30 min/day 5 days Expression of osteogenic markers (Runx2, Osx, Col-1, OCN) ↑

Lu et al., 2018 BMSCs TCP (not stated) 40 0.3 15 min/day Cell proliferation and mineralization ↑
Expression of osteogenic markers (Runx2, Col-I, ALP, OPN, OC) ↑

Marycz et al., 2016 hASCs TCP 25, 35, 45 0.3 15 min/day 14 days Expression of osteogenic and chondrogenic markers (BMP-2, Col-II,
Sox9) ↑
Adipogenesis ↓

Mehta, 2015 hMSCs Synthetic 3D scaffold (PEGDA) 100 0.3
3
6

24 h Osteogenic differentiation (ALP) and mineralization ↑

Kim et al., 2012 hMSCs Collagen sponge (3D scaffold), TCP 30–40 0.3 10 min/day
5 days

Expression of osteogenic and vascularization-related markers (Col-I,
OPG, VEGF, VEGF) ↑

Pongkitwitoon et al., 2016 hBMCs TCP 30 or 100 0.15
1

2 × 20 min/day
(2 h rest period)

Cell proliferation ↑
Expression of osteogenic markers (Runx2, ALP) ↑

Uzer et al., 2013 hASCs TCP 30 or 100 0.15
1
2

30 min/day Cell proliferation and mineralization ↑
Cytoskeletal remodeling ↑

Uzer et al., 2015 mBMSCs TCP or collagen-I coated plates 90 0.7 2 × 20 min/day Cytoskeletal remodeling ↑

Zhou et al., 2011 BMSCs Human bone-derived scaffolds (3D) 40 0.3 30 min/12 h Expression of osteogenic markers (Col-I, OCN, ALP, Runx2) ↑
ERK1/2 pathway involved
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TABLE 2 | LMHFV effects on osteoblasts.

References Cells Frequency
(Hz)

Magnitude
(*g)

Time schedule Main outcome

García-López et al., 2020 Primary BALB/c mouse
calvarial osteoblasts

30 0.25 20 min/day IL-4, IL-13, IL-17, OPG, TGF-β1 ↑
RANKL ↓

Pravitharangul et al., 2018 Osteoblast−like cells from
iliac crest and mandibular bone
specimens

0, 30, 60 0.49 30 min/day IL−6 mRNA expression ↑
IL−1β, RANKL mRNA ↓
RANKL/OPG ratio ↓ in iliac osteoblasts

Haffner-Luntzer et al., 2018b MC3T3-E1 cells and primary
C57BL/6 mouse osteoblasts

45 0.3 20 min/day Cytoskeletal remodeling:
actin content, actin fiber thickness ↑
Cell metabolic activity, cell proliferation ↑
ERα signaling involved

Apa et al., 2018 Osteoblast like cells (SaOS-2) 30, 60, 90 0.3
1
3

1 h/day Proliferation ↓ (0.3 g, 30 Hz)

Gao et al., 2017 Primary osteoblasts 45 0.5 1 h/day, 3 days ALP, OCN, Runx2, BMP, OPG ↑
SOST ↓
Proliferation ↑ Matrix mineralization ↑
Cytoskeletal remodeling
Wnt signaling involved

Ota et al., 2016 MC3T3-E1 30, 60, 90 1.0–10 m/s2 Runx2, Osterix, Col-1, ALP ↑

Rosenberg et al., 2002 Samples of cancellous bone
collected from femoral necks

20, 30, 60 1.0–10 m/s2 ALP ↑ (30–60 Hz)

TABLE 3 | LMHFV effects on osteoclasts.

References Cells Frequency (Hz) Magnitude (*g) Time schedule Main outcome

Sakamoto et al., 2019 RAW264.7 48.3 0.5 1 min Proliferation ↑
No effect on osteoclast differentiation

Wu et al., 2012 RAW264.7 45 0.3 15 min/day Inhibited actin ring formation
MMP-9, cathepsin K, TRAP mRNA ↓
RANKL-induced osteoclast differentiation ↓

of osteoblastic genes and osteogenic differentiation. In agreement
with this finding, it was furthermore reported that LMHFV might
alter lineage commitment of MSCs by inhibiting adipogenesis
and promoting osteogenesis (Marycz et al., 2016; Baskan et al.,
2017). This finding appears to be consistent regardless of the MSC
origin or the vibration setting or duration. Because the culture
conditions [two dimensional (2D) vs. three dimensional (3D)]
are also known to influence MSC behavior and differentiation
(Cukierman et al., 2002), some studies used 3D models (Zhou
et al., 2011; Kim et al., 2012; Mehta, 2015; Chen et al.,
2016), confirming the positive effect of LMHFV on osteogenic
differentiation observed in 2D cultures. The study of Lau E.
et al. (2011) reported inhibitory effects on osteogenesis, but this
might be due to the relatively long vibration time of 1 h/day.
Accumulating evidence also shows that LMHFV is able to
increase MSC proliferation (Lau E. et al., 2011; Uzer et al., 2013;
Demiray and Özçivici, 2015; Pongkitwitoon et al., 2016).

Cytoskeletal remodeling might be crucial for
mechanotransduction (Helmke and Davies, 2002; Arnsdorf
et al., 2009; Dahl et al., 2010). It was demonstrated by
Uzer et al. (2013, 2015) that LMHFV upregulated actin-related
genes and that a coupling between the nucleus and cytoskeleton

is indispensable for amplifying the mechanoresponse and further
promote cell signaling (Uzer et al., 2013, 2015).

Osteoblasts and LMHFV
Bone formation is mediated by osteoblasts, which are derived
from MSCs through, among others, activation of the master
transcription factor Runx2 (Cbfa1) (Komori et al., 1997). During
osteoblast maturation, the cells undergo a differentiation process
which is accompanied by extracellular matrix production and
subsequent mineralization (Owen et al., 1990; Quarles et al.,
1992; Lian and Stein, 1995). The terminal state of osteoblasts
are osteocytes, which are long-living cells embedded into the
bone matrix. Mechanical stimuli are crucial for osteogenesis
and bone remodeling, while osteocytes (Lanyon, 1993) as well
as osteoblasts (Neidlinger-Wilke et al., 1994) are considered
to be mechanosensitive cells. Therefore, it appears likely that
osteoblasts may be affected by LMHFV.

To assess the direct impact of vibration on osteoblasts,
several studies were conducted using primary mouse osteoblasts
or osteoblast-like cell lines (MC3T3-E1, SaOS-2) (Table 2).
While applying vibration settings ranging over 30–60 Hz
at 0.25–0.5 g, cell proliferation, mineralization, cytoskeletal
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TABLE 4 | LMHFV effects on osteocytes.

References Cells Frequency (Hz) Magnitude (*g) Time schedule Main outcome

Thompson et al., 2015 Stem cell
derived-
osteocytes
(SCD-O)

90 0.7 2 × 20 min/day
(> 3 h in between)
for 3 days

SOST↓
No changes in osteocyte differentiation or
mineralization, as well as RANKL or OPG
expression

Uzer et al., 2014 MLO-Y4
cells

30,100 0.15
1

30 min/day Gap junctional intracellular communication
(GJIC) ↑
Akt-signaling involved

Sakamoto et al., 2019 MLO-Y4
cells

48.3 0.5 1 min RANKL mRNA ↑
NF-κB activation ↑

TABLE 5 | LMHFV effects on fracture healing using rat models.

References Strain Frequency
(Hz)

Magnitude (*g) Time schedule Groups Main outcome

Cheung et al., 2012 SD rats 35 0.3 20 min/day,
5 days/week
2/4/8 weeks

OVX Sham Bone formation
at 2/4 weeks ↑
Angiogenesis ↑

Chow et al., 2011 SD rats 35 0.3 20 min/day,
5 days/week
2/4/8 weeks

OVX Bridging rate ↑
Callus remodeling ↑
mineralization ↑
Reversed the effects of ibandronate

Chow et al., 2016 SD rats 35 0.3 20 min/day,
5 days/week
2/4/8 weeks

OVX Sham Bony callus formation ↑
ER expression ↑ in OVX

Chow et al., 2019 SD rats 35 0.3 20 min/day,
5 days/week
1/2/4/8 weeks

OVX Sham Mechanical stability ↑
Cox2-upregulation in callus augmented by
NSAID usage
Promoted switch of macrophage polarization
from M1 (pro-inflammatory) to M2
(anti-inflammatory)

Choy et al., 2020 SD rats 35 0.3 20 min/day,
5 days/week
1/2/6 weeks

OVX Sham Lacuna-canalicular network outgrowth ↑
Mineralization ↑
Both effects stronger in OVX

Chung et al., 2014 SD rats 35 0.3 20 min/day,
5 days/week
2/4/8 weeks

OVX Sham Chondrogenesis-, osteogenesis- and
remodeling-related genes ↑ (Col-2, Col-1,
RANKL/OPG)
Cartilaginous tissue area ↓ in OVX

Gao et al., 2016 Female rats
(strain not
stated)

35 0.25 (1) 15 min/day;
(2) 3 × 5 min (>4 h
apart);
(3) 7 days
15 min/day, then
7 days rest
(4) 7 days
3 × 5 min (>4 h
apart), then 7 days
rest
4 weeks

Non-OVX Bone formation and mechanical stability ↑

Leung et al., 2009 SD rats 35 0.3 20 min/day,
5 days/week
1/2/4 weeks

Non-OVX Bone formation and mechanical stability ↑

Shi et al., 2010 SD rats 35 0.3 20 min/day,
5 days/week
2/4/8 weeks

OVX Sham Bone formation and mechanical stability ↑
Callus formation ↑ mineralization ↑
Non-OVX bones were less sensitive to
mechanical stimulation

remodeling, and gene expression were evaluated. Gao et al.
and Haffner-Luntzer et al. reported a significantly increased
osteoblast proliferation in contrast to the study from Apa
et al. showing decreased proliferation. This inconsistency might

be due to the use of SasOS-2 cells (Apa et al., 2018) in
comparison to primary osteoblasts (Gao et al., 2017) or MC3T3-
E1 cells (Haffner-Luntzer et al., 2018b), because SaOS-2 cells
are already more differentiated. Quantitative Alizarin Red-S
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staining showed that also extracellular matrix mineralization was
increased by LMHFV (Gao et al., 2017). Furthermore, gene and
protein expression levels of osteogenesis-related mediators and
pathways were evaluated. It was demonstrated that mechanical
vibration significantly increased mRNA expression of ALP,
OCN, Runx2, BMP, Osterix, type I collagen, and OPG, whereas
SOST was downregulated (Ota et al., 2016; Gao et al., 2017).
All these markers are important for bone formation and
osteoblast differentiation, except SOST, which has the opposite
effect. Therefore, LMHFV appears to accelerate osteogenic
differentiation of osteoblasts. Moreover, the vibration treatment
significantly increased gene expression levels of the Wnt signaling
pathway members Wnt3a, Lrp6, and β−catenin (Gao et al., 2017),
which are important for osteoblastogenesis. Using human iliac
crest-derived mandible osteoblasts, Pravitharangul et al. reported
that the RANKL/OPG mRNA ratio was reduced by LMHFV,
suggesting an anti-resorptive cell response. Notably, another
study by García-López et al. demonstrated decreased RANKL and
increased IL-4, IL-13, IL-17, OPG, and TGF-β levels. Using the
conditioned medium from osteoblasts on osteoclasts, the authors
demonstrated that osteoclasts were inhibited. These results
confirm previous findings that LMHFV promotes osteogenesis-
associated gene expression and reduces osteoclastic mediators.

Considering that external biophysical stimulation has been
implicated in regulating actin cytoskeletal remodeling in MSCs,
this was also examined in osteoblasts by Haffner-Luntzer et al.
(2018b), showing that actin remodeling is increased by LMHFV
treatment. In addition, Gao et al. demonstrated an increased
number of microfilaments and thicker stress fibers in the
vibrated group, suggesting that the vibration-induced effects on
osteoblasts might be dependent on cytoskeletal rearrangement.
Moreover, mechanotransduction in bone tissue is considered
to be critically dependent on the presence of estrogen and its
receptors (ERs) (Frost, 1987). Therefore, it was hypothesized
that particularly ERα might be crucial for the effects of LMFHV
on osteoblasts. Haffner-Luntzer et al. investigated the effects of
45 Hz (0.3 g) vibrations on MC3T3-E1 cells in estrogen-free
medium and demonstrated higher metabolic cell activity and
increased Ptgs2 gene expression (Cox2) after LMHFV treatment,
whereas these findings were reversed in the presence of estrogen.
Cox2 is known to be upregulated by mechanical strain and
might be involved in osteoblast proliferation. To evaluate the
role of ERα in mechanotransduction, siRNA knockdown was
performed to block ERα signaling. In the absence of estrogen,
it was demonstrated that ERα is indeed required for the
increased Ptgs2 gene expression and proliferation of MC3T3-
E1 cells after LMHFV suggesting that ligand-independent
activity of ERα is responsible for the vibration-induced effects.
The same effect was observed by adding the selective ERα

antagonist MPP dihydrochloride. Therefore, estrogen and the ER
pathway appear to play an important role in LMHFV-mediated
mechanotransduction.

In conclusion, LMHFV regulates osteoblast proliferation,
differentiation, and matrix mineralization via upregulation of
Wnt-related gene expression, cytoskeletal remodeling, and ER
pathways. Furthermore, it appears to enhance the expression of
osteoclast-inhibiting factors.

Osteoclasts and LMHFV
In addition to its indirect effects on osteoclastogenesis via
upregulation of anti-osteoclastic factors in osteoblasts, LMHFV
might also directly act on osteoclasts (Table 3). These cells
derive from the monocyte/macrophage hematopoietic lineage
and are essential for bone resorption. Osteoclast differentiation
and activity are induced by RANKL binding; however, this
can be attenuated by OPG, a soluble RANKL-binding decoy
receptor (Simonet et al., 1997; Khosla, 2001). Therefore, RANKL
is frequently used as a cell culture supplement to induce osteoclast
differentiation in RAW246.7 cells in vitro (Hsu et al., 1999).

To determine whether LMHFV affects osteoclast functions,
preosteoclastic murine RAW246.7 cells were subjected to
LMHFV at 45 Hz (0.3 g) for 15 min/day (Wu et al., 2012)
and subsequently analyzed for TRAP-positive multinucleated
cells (MNCs) and osteoclast-specific gene expression. Notably,
LMHFV significantly reduced the formation of TRAP-positive
MNCs and the upregulation of the osteoclastic genes cathepsin
K, MMP-9, and TRAP. While TRAP and cathepsin K are essential
for bone resorption, MMP-9 mediates the migration of precursor
cells toward the bone. Furthermore, the number of formed
actin rings, which represents an important osteoclast adhesion
structure, was reduced by LMHFV (Wu et al., 2012). By contrast,
Sakamoto et al. (2019) reported a significant increase in pre-
osteoclastic RAW246.7 cell proliferation 48 h after vibration
for 1 min at 48.3 Hz (0.5 g). However, evaluation of TRAP-
positive MNCs showed that osteoclast differentiation was not
altered, which might be due to the fact that the cells only
received one very short vibration treatment for 1 min. In co-
culture experiments with RAW246.7 and previously vibrated
osteocyte-like MLO-Y4 cells, the authors showed that osteoclast
differentiation was significantly higher, which might be because
of a significantly increased RANKL/OPG ratio in the supernatant
of vibrated MLO-Y4 cells.

Although there are only three studies investigating the effects
of LMHFV on osteoclasts, it appears that osteoclasts are rather
inhibited in vitro. However, further studies investigating the
involved underlying mechanism are needed.

Osteocytes and LMHFV
Osteocytes are derived from osteoblasts and are embedded
into the mineralized bone matrix. They orchestrate bone
remodeling by regulating osteoblast and osteoclast activity.
Additionally, they secrete factors to stimulate or inhibit
bone formation or resorption and they communicate with
surrounding cells via dendritic processes through the lacuna-
canalicular system. Because osteocytes are considered as the main
physiological mechanosensor in bone tissue, they might also be
affected by LMHFV (Table 4).

To investigate the effects of LMHFV, Thompson et al.
applied LMHFV (90 Hz, 0.7 g) to stem cell-derived osteocytes
originating from BMSCs and found no changes in the osteocytic
marker genes Dmp1, Fgf23, or E11, suggesting that LMHFV
has no effect on osteocytic differentiation or mineralization.
However, exposure to LMHFV significantly reduced SOST
mRNA expression, but did not affect RANKL or OPG. Because
SOST is a well-known inhibitor of osteoblastic bone formation,
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this suggests that LMHFV led to reduced osteocytes SOSTt
expression and, therefore, increased osteoblastic bone formation.

By contrast, Sakamoto et al. reported enhanced RANKL
mRNA expression by vibration of MLO-Y4 cells, whereas OPG
levels were unaffected. This indicates an indirect positive effect
of LMHFV on osteoclast differentiation via osteocytes. On the
molecular level, GJIC through connexin 43 might be involved
in vibration-induced cell mechanotransduction (Ziambaras et al.,
1998; Cheng et al., 2001; Cherian et al., 2003; Batra et al.,
2012). While Uzer et al. (2014) demonstrated that LMHFV
(0.15 g, 30 Hz, 30 min/day) significantly increased GJIC between
MLO-Y4 cells by 25%, this effect was, however, dependent
on Akt activation.

In conclusion, LMHFV appears to activate RANKL
expression and to reduce SOST in osteocytes, whereas osteocytic
differentiation marker genes are not directly affected.

Influence of LMHFV on Bone
Regeneration
Bone regeneration after fracture requires a complex interplay
between a variety of different cell types and biological mediators.
In addition, an appropriate mechanical stimulation at the
fracture site is considered to be essential for the healing
process. Therefore, introducing external biomechanical stimuli
by LMHFV is a promising strategy that might provoke positive
effects on bone formation. In the following chapters, the influence
of LMHFV on the early, intermediate, and late phases of fracture
healing as well as on implant osseointegration is reviewed.

Influence of LMHFV During the Early Inflammatory
Phase After Fracture
Within the early inflammatory phase, a complex interaction
of several cell types and molecular mediators is essential
for subsequent callus development and successful fracture
repair. Danger- and pathogen-associated molecular patterns
derived from the hematoma recruit neutrophils to the fracture
site, which in turn release various mediators leading to the
migration of macrophages, lymphocytes, and other immune cells.
Macrophages together with neutrophils remove cell debris and
secrete cytokines and chemokines to recruit progenitor cells and
promote bone regeneration. The local inflammatory response
is among others regulated by the pro-inflammatory mediators
TNF-α, IL-1, and IL-6 and the anti-inflammatory IL-10 (Claes
et al., 2012; Kovtun et al., 2016).

Only a few studies have investigated the effects of LMHFV
on inflammation. Chow et al. investigated whether LMHFV
influences the early inflammatory response after fracture in
osteoporotic rats, because in estrogen-deficient, osteoporotic
animal models, the innate immune response after fracture
was shown to be altered (Chow et al., 2019). However, there
is no clear consensus on whether the inflammation is lower
(Chow et al., 2019) or rather increased (Haffner-Luntzer et al.,
2017; Fischer et al., 2018). Chow et al. (2019) found that
LMHFV induced a phenotype switch from pro-inflammatory
M1 to pro-regenerative M2 macrophages. M2 macrophages were
previously demonstrated to promote osteogenic differentiation
of progenitor cells (Zhang et al., 2017); therefore, this could

represent a mechanism by which LMHFV might influence the
fracture healing outcome. The effect of vibration on other
immune cell types and mediators that are involved in early
inflammation has to date not been investigated.

The formation of new blood vessels (neo-angiogenesis) in the
soft callus is important for bone repair. A decreased blood supply
at the fracture site is associated with a compromised healing
outcome in animal models and patients (Miclau et al., 2017;
Haffner-Luntzer et al., 2019). Cheung et al. (2012) examined the
effect of LMHFV on angiogenesis during fracture healing in rats
and could demonstrate by 3D high-frequency power Doppler
and microangiography that the vascular volume, blood flow, and
angiogenesis were significantly higher in the LMHFV-treated
rats compared to the sham-treated animals. In spite of the fact
that neo-angiogenesis in OVX rats is compromised, this was
attenuated by vibration in OVX rats. Because this is the only
report on vascularization and LMHFV during fracture healing,
more research is needed to verify the results and to gain further
knowledge about the molecular mechanisms.

Influence of LMHFV on Cartilaginous and Bony Callus
Formation
During endochondral fracture healing, a cartilaginous callus
is formed at the fracture site to initially bridge the gap and
provide some stability. During callus maturation, chondrocytes
become hypertrophic, the cartilaginous matrix starts to calcify,
and bone formation is initiated to replace the soft callus with
bone. Because callus formation and maturation after fracture
is highly relevant for successful healing and is significantly
influenced by the biomechanical environment at the fracture site,
applying mechanical stimulation by LMHFV could be beneficial
for promoting fracture healing. Furthermore, because it is well
known that OVX rodents and osteoporotic patients (Nikolaou
et al., 2009) exhibit a significantly impaired callus maturation
(Beil et al., 2010), many studies investigating the effects of
LMHFV on fracture healing were performed with both OVX and
sham-OVX rats or mice.

The majority of rat studies used a femur osteotomy model
with internal fixation combined with a 35 Hz and 0.3 g vibration
treatment (Table 5). Strikingly, all rat studies demonstrated that
LMHFV application accelerates physiological fracture healing
and it has been shown that LMHFV is further able to rescue OVX-
induced impaired healing (Shi et al., 2010; Chung et al., 2014).
LMHFV appears to promote callus formation by increasing both
callus width and area between 1 and 3 weeks after fracture
(Shi et al., 2010; Chow et al., 2011, 2016; Cheung et al., 2012).
Histomorphometric analyses suggested that callus mineralization
and maturation is also accelerated by LMHFV (Leung et al.,
2009; Chung et al., 2014) because the amount osseous tissue was
significantly higher while significantly less cartilage was formed
in the vibration groups independently of the estrogen status of
the animals (Chung et al., 2014). By contrast, a study by Shi et al.
(2010) reported no changes in cartilage formation in OVX or
sham-OVX rats on vibration treatment, which agrees with the
finding of Leung et al. (2009) that a larger cartilage formation was
only observed within the first week of vibration treatment, but
not at later time points (2 or 4 weeks) in estrogen-competent rats.
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TABLE 6 | LMHFV effects on fracture healing using mouse models.

References Strain Frequency (Hz) Magnitude (*g) Time schedule Groups Main outcome

Haffner-Luntzer et al., 2018a ERα-KO,
ERβ-KO
(C57BL/6)

45 0.3 20 min/day, 5 days/week
3 weeks

OVX Sham Flexural rigidity ↑
ERα required for beneficial
effect of LMHFV on healing
in OVX mice

Wehrle et al., 2014 C57BL/6
(12 weeks)

35, 45 0.3 20 min/day, 5 days/week
10 days or 3 weeks

Non-OVX 35 Hz:
no effect
45 Hz:
flexural rigidity ↓
bone formation in the
fracture callus ↓

Wehrle et al., 2015 C57BL/6
(49 weeks)

45 0.3 20 min/day, 5 days/week
10 days or 3 weeks

OVX Sham Flexural rigidity ↑ in OVX
Bone formation↑ in OVX

Zhang et al., 2020 SAMP8,
non-sarcopenic
SAMR1

35 0.3 20 min/day, 5 days/week
2/4/6 weeks

Non-OVX Callus formation ↑
Callus remodeling ↑
Mechanical properties ↑
in non-sarcopenic mice

TABLE 7 | LMHFV effects on fracture healing using sheep models.

References Species Frequency (Hz) Magnitude (*g) Time schedule Main outcome

Li et al., 2018 Small-tail Han sheep 35 0.25 15 min/day continuous or intermittent
at 1, 3, 5, 7, 14 days
Start: 14 days post-OP

Callus formation ↑ mechanical
properties ↑
Ca, P, Ca/P ratio ↑

Mu et al., 2019 Short-tailed Han sheep 35 0.25 15 min/day continuous or
intermittent at 1, 2, 3, 5, 7, 17 days
Start: 14 days post-OP

Callus formation ↑

Tan et al., 2016 Short-tailed Han sheep 35 0.25 15 min/day or intermittent at 7 days
Start: 14 days post-OP

Callus volume ↑
Bone elastic modulus ↑
Ca, P, Ca/P ratio ↑

Tan et al., 2017 Small-tail sheep 35 0.3 20 min/day
intermittent at 1, 3, 5 or 7 days
Start: 7 days post-OP

Callus width and area ↑
week 4:
ALP, BGP, TGFβ1 ↑
TRAP5b ↓
week 8:
TGFβ1 ↑
TRAP5b ↓

In mice, LMHFV improved fracture healing only in OVX
animals (Table 6), while in estrogen-competent mice, delayed
healing was observed (Wehrle et al., 2014). In detail, Wehrle
et al. demonstrated that the flexural rigidity and bone formation
in the fracture callus were significantly decreased in estrogen-
competent mice that received a vibration treatment of 45 Hz
at 0.3 g acceleration. Interestingly, the application of 35 Hz
had no effect on the fracture callus, highlighting that the
vibration frequency is a crucial parameter that should be
carefully considered. By contrast, LMHFV with 45 Hz and 0.3 g
significantly increased flexural rigidity and bone formation in
the fracture callus in estrogen-deficient, OVX mice (Wehrle
et al., 2015). Therefore, estrogen appears to play a crucial role in
mediating the effects of LMHFV on bone healing. On a molecular
level, the expression of ERs appears to play an important role in
the context of accelerated fracture healing induced by LMHFV. It
was shown that ERα expression was enhanced by LMHFV only
in the fracture callus of OVX mice (Wehrle et al., 2015) and
OVX rats (Chow et al., 2016), both, on the mRNA and protein
levels. This might explain the higher mechanical sensitivity of

osteoporotic bone toward LMHFV, because ERα is suggested to
have a mechanosensory function. By contrast, ERβ expression
was upregulated by LMHFV in sham-OVX mice. A study
performed by Haffner-Luntzer et al. (2018a) used both global
ERα and ERβ knockout mice with a femur diaphysis osteotomy
model and a vibration regime of 45 Hz and 0.3 g to evaluate the
role of ERs in vibration-induced effects on bone regeneration.
Biomechanical testing and micro-computed tomography analysis
revealed that ERα is required for the effects of LMHFV on
fracture healing both in sham-OVX and OVX mice, whereas ERβ

was shown to play a minor role.
In large animals like sheep, several studies confirmed that

LMHFV can improve fracture healing in a metatarsal osteotomy
model (Table 7). Li et al. (2018) and Mu et al. (2019)
compared the efficacy of intermittent and continuous vibration
and showed that LMHFV had the greatest effect in the 7-
day interval group (71.4% recovery with grade 3 healing
vs. 42.9% in the continuous treatment group and 14.3% in
the natural healing group without vibration. Callus volumes
were also significantly increased in the 7-day interval group
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TABLE 8 | LMHFV effects on osseointegration of implants.

References Strain Frequency (Hz) Magnitude (*g) Time schedule Implant Study outcome

Chen et al., 2012 SD rats 30–35 0.3 20 min/day, and 5 days/week
8 weeks

Hydroxyapatite
(HA)−coated titanium
implants (proximal tibia)

BIC, BF ↑
but effects are weaker than
alendronate
Max. push out force ↑

Jing et al., 2015 Female New Zealand
rabbits

30 0.5 1 h/day for 6 or 12 weeks Porous titanium alloy
(Ti6Al4V) (femoral condyle)

Bone ingrowth within pores of
the implant ↑
BV/TV ↑
Tb. N ↑ ALP, OCN, Runx2,
BMP2, OPG ↑
SOST, RANKL ↓

Liang et al., 2014 SD rats 45 0.2 30 min/day Titanium implant
(metaphyseal tibia)

BF, BIC ↑
thickness of the bone lamellae
(TBL) ↑
BMD ↑
removal torque ↑

Ogawa et al., 2011b Wistar rats 15 consecutive frequency
steps (12, 20, 30, . . ., 150
Hz)

0.3 11 min/day 5 days/week
3, 7, 14, 25 days

Custom−made titanium
implant (proximal
metaphysis)

BIC, BF ↑

Ogawa et al., 2011a Male Wistar rats 15 consecutive frequency
steps (12, 20, 30, . . ., 150
Hz)

0.3 1.25, 2.5, 5 and 2 × 1.25 min
(>4 h)

Custom-made titanium
implant (medio-proximal
site of tibia)

BIC ↑
2 × 1.25 min most pronounced
effect

Ogawa et al., 2014 Male Wistar rats 12–30/70–90/130–150 0.3/0.075/0.043 1/4 weeks Titanium implant
(metaphyseal tibia)

BIC ↑
BV/TV ↑

Ruppert et al., 2018 SD rats 55 0, 0.15, 0.3, 0.6, or
1.2

6 weeks Titanium implant (tibia) BF ↑

Shibamoto et al., 2018 Wistar rats 50 0.5 15 min/day
5 days/week

Titanium implant
(metaphyseal tibia)

BIC ↑
LMHF + PTH had additive
effects in OVX rats
removal torque ↑

Zhou et al., 2015 SD rats 40 0.3 30 min/12 h
5 days/week
for 12 weeks

Hydroxyapatite-coated
titanium implants
(medio-proximal site of
tibia)

BV/TV, Tb.N, Tb. Th ↑
Runx2, OPN, OC ↑
RANKL ↓
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TABLE 9 | LMHFV and involved molecular signaling pathways.

References Pathways

Chow et al., 2016, 2019 Estrogen receptor (ER)
Cox-2/prostaglandin signaling

Demiray and Özçivici, 2015 Cytoskeletal remodeling

Gao et al., 2017 Wnt signaling
Cytoskeletal remodeling

Haffner-Luntzer et al., 2018a,b ERα

Cytoskeletal remodeling

Li et al., 2019 ERα

Activation of the canonical Wnt pathway

Sakamoto et al., 2019 NF-κB

Uzer et al., 2013, 2014, 2015 Cytoskeletal remodeling
Akt signaling

Zhou et al., 2011 ERK1/2 signaling

(Li et al., 2018), confirming the results in rodents. By contrast,
Tan et al. (2017) found that the vibration treatment with 1-day
intermittence had the greatest positive effect on fracture healing.
This discrepancy could be explained by the 1-week earlier
vibration initiation in the study by Tan et al. and the slightly
different vibration settings which might lead to differences in the
healing outcome. On a molecular level, increased serum levels
of bone remodeling markers (BALP, BGP, TRAP) as well as of
endochondral ossification markers (TGF β1) were found in all
vibration groups.

In conclusion, the majority of studies both in small and
large animal models demonstrated that LMHFV is able to
accelerate fracture healing by increasing bone formation in the
fracture callus. In mice, the effects of LMHFV appear to be
highly dependent on the estrogen status of the animals. In this
model organism, LMHFV provoked negative effects on fracture
healing in estrogen-competent animals, whereas it improved
healing in estrogen-deficient, osteoporotic animals. Further
research is needed to investigate the underlying molecular
mechanisms.

Influence of LMHFV on Callus Remodeling
Following bony bridging of the fracture gap, the external callus
is continually remodeled by osteoclasts until the normal bone
structure and shape are restored. Because osteoclasts were
shown to be target cells of LMHFV in vitro (Wu et al., 2012;
Sakamoto et al., 2019), vibration treatment might influence callus
remodeling during fracture healing.

Shi et al. (2010) and Chung et al. (2014) showed that LMHFV
induced more rapid callus remodeling particularly in OVX rats
by upregulation of the RANKL/OPG ratio. The same authors
investigated whether LMHFV influences callus remodeling in
OVX rats by combining the vibration treatment with ibandronate
administration, a bisphosphonate which inhibits osteoclast
activity (Chow et al., 2011). As expected, bone remodeling
was reduced in the animals treated with ibandronate alone.
Notably, the combination of the anti-resorptive therapy with
LMHFV ameliorated the effects of the bisphosphonate on
callus remodeling. However, the authors did not evaluate
osteoclast numbers or activity directly; therefore, drawing a

valid conclusion about the effects of LMHFV on osteoclasts
in vivo was not possible. By contrast, Haffner-Luntzer et al. did
evaluate osteoclast numbers, but could not observe any effect
of LMHFV both under estrogen-deficient or estrogen-competent
conditions.

Influence of LMHFV on Osseointegration of Bone
Implants
Bone implant osseointegration is a critical step toward
preventing implant failure during bone regeneration. The
implant material and its surface characteristics are major factors
which might positively influence recruitment and differentiation
of osteogenic cells to the implant surface to avoid implant
loosening. Furthermore, the mechanical conditions at the
bone–implant interface crucially influence bone regeneration
and osseointegration (Albrektsson and Jacobsson, 1987; Hudieb
et al., 2011). External biophysical stimulation by LMHFV
might be an option to optimize osseointegration, because its
anabolic potential for bone has already been demonstrated in
numerous studies.

To examine the effect of LMHFV during implant
osseointegration, rat models with titanium implants and
a vibration regime of 0.2–0.5 g and 30–45 Hz have been
used (Table 8). In response to LMHFV, all studies observed
a significant increase in bone formation around the used
implants (Ogawa et al., 2011a,b, 2014; Jing et al., 2015, 2018;
Ruppert et al., 2018), even with the slightly different loading
protocols that were applied. Bone volume to tissue volume ratio
around the implant was analyzed by µCT scanning, whereas
histomorphometrical analysis analyzed bone formation directly
by fluorescence labeling of the newly build bone. Beyond that,
LMHFV application significantly increased the bone mineral
density in the bone-implant interface in the group that did
receive LMHFV treatment (Liang et al., 2014), as analyzed
by µCT scanning. These findings were further strengthened
by biomechanical testing, which demonstrated significantly
increased removal torque in the vibration group compared to the
control animals (Liang et al., 2014).

Further studies investigated whether LMHFV is also capable
of improving osseointegration in osteoporotic animals (Chen
et al., 2012; Liang et al., 2014; Shibamoto et al., 2018).
Indeed, LMHFV rescued OVX-induced compromised implant
osseointegration by increasing the bone contact to the implant,
the amount of newly formed bone and the shear strength at
the interface (Chen et al., 2012; Liang et al., 2014; Shibamoto
et al., 2018). This was demonstrated by histomorphometrical
analysis.

Chen et al. treated OVX rats with LMHFV or by
bisphosphonate alendronate administration and demonstrated
that both treatments significantly increased osseointegration;
however, the effects of LMHFV were less compared
to alendronate. Hypothesizing that LMHFV and anti-
osteoporosis medications might have additive effects on
implant osseointegration, Shibamoto et al. compared the effects
of PTH or alendronate treatment in OVX rats with or without
LMHFV vibration. Only PTH and LMHFV displayed positive
additive effects on implant integration (Chen et al., 2012).
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Jing et al. (2015) analyzed the expression of osteogenic
markers genes in rabbits which were subjected to LMHFV
for 6 or 12 weeks. The osteogenesis-related genes Alpl, Bglap,
Runx2, Bmp2, and Opg were upregulated, suggesting that
LMHFV promotes osteoblastogenesis and mineralization. The
osteoanabolic canonical Wnt pathway also appears to be
activated, because Wnt3a, Lrp6, and β-catenin were expressed
significantly higher in the LMHFV group, whereas anti-
osteogenic SOST expression was significantly reduced (Chen
et al., 2016). Moreover, the mRNA levels of osteoclastogenesis-
associated Rankl were significantly reduced. Furthermore,
ERK1/2 signaling, which is known to inhibit osteoclast activity,
was shown to be upregulated after LMHFV (Zhou et al., 2015).
In conclusion, LMHFV appears to activate osteogenic and to
inhibit osteoclastogenic pathways. Nonetheless, further studies
are needed to fully elucidate the mechanisms of vibration-
induced bone formation around implants.

In summary, LMHFV improved osseointegration of
titanium implants in estrogen-competent and deficient animal
models by promoting osteoblastogenesis and exhibiting anti-
resorptive effects.

CONCLUSION

Mechanical stimuli are considered to be essential regulators
in bone remodeling and regeneration. Therefore, external
biophysical stimulation with LMHFV could possibly be used
to enhance bone formation. It is supposed not to cause
any side effects and can be readily applied by whole-body
vibration.

Indeed, the first clinical studies demonstrated improved
bone mineral density and bone mass after LMHFV in both
healthy and osteoporotic patients. Underlying mechanisms
have been extensively studied in vitro and in vivo. Most of the
in vitro experiments showed that LMHFV is able to enhance
MSC and osteoblast proliferation. Furthermore, osteogenic
differentiation of MSCs and osteoblasts was shown to be
accelerated by LMHFV. One important mechanosensitive
pathway mediating the effects of LMHFV might be the
Wnt/beta-catenin signaling pathway. Furthermore, it was
demonstrated that ER signaling plays a crucial role particularly
on osteoblasts. Ligand-dependent ER signaling might rather
act negatively on osteogenic cell proliferation, whereas
ligand-independent ER signaling mediated positive LMHFV
effects. Additionally, cytoskeletal remodeling was induced
by LMHFV, which might influence MSCs cell fate decision,
proliferation, and differentiation. In addition to the effects
of LMHFV on osteogenic cells, vibration treatment appears
to inhibit osteoclast formation and activity directly and
indirectly by reduced osteoclastogenic mediator release
from osteoblasts.

During fracture healing, LMHFV may also exert diverse
effects on the involved cell types. Vibration was shown to
modulate macrophage polarization and enhance vascularization.
Furthermore, LMHFV increased bone formation in the fracture

callus. However, some studies demonstrated that this was only
the case in estrogen-deficient, osteoporotic animals and that
ER signaling was crucial for those effects. Therefore, attention
has to be paid when transferring LMHFV to the clinical
situation, because only specific fracture patient cohorts might
benefit from whole-body vibration. Further research is needed
to understand the involved molecular mechanisms, side effects,
and potential benefits for patients. Before vibration can be
recommended as a new treatment option for fractures, more
clinical studies are needed to examine the efficacy, regimes,
and safety for fracture healing. To date, there are no related
clinical studies published in PubMed; however, two studies on
that topic are registered at clinicaltrials.gov. In addition to
its effects on fracture healing, LMHFV demonstrated positive
effects on the osseointegration of orthopedic implants by
increasing BIC and BF. Moreover, in this context, osteoanabolic
Wnt/beta-catenin signaling was shown to mediate positive
effects of LMHFV on bone formation. Furthermore, diminished
osteoclastogenesis by reduced RANKL expression of osteoblasts
was demonstrated.

In conclusion, LMHFV might be a promising treatment
strategy to improve bone regeneration during fracture healing
and implant integration. However, more research is needed to
elucidate the involved molecular signaling pathways, since not
much is known how LMHFV transduce mechanical stimulation
into biochemical signals (Table 9). In particular, the ER signaling
pathway was demonstrated to play a double-faced role by
mediating negative effects of LMHFV on osteoblasts in the
presence of estrogen, but positive effects in its absence. This
might account for differences in fracture healing outcome
after LMHFV in estrogen-competent and estrogen-deficient
mice. Clinical trials are needed to investigate the translational
potential of LMHFV and to define fracture patient cohorts
which might benefit from this treatment. Indeed, some clinical
trials showed a beneficial outcome of LMHFV on bone
parameters (Rubin et al., 2004; Ward et al., 2004), whereas
others demonstrated no effect of the vibration (Slatkovska et al.,
2010; Lau R. et al., 2011). This might be due to different
patient cohorts, but also due to different vibration regimes
and ways to apply the biomechanical stimulation demonstrating
how important it is to apply LMHFV in a very precise and
controllable manner.
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Mechanical stimuli have profound effects on the cellular architecture and functions.
Over the past two decades, considerable progress has been made in unraveling the
molecular machineries that confer cells the ability to sense and transduce mechanical
input into biochemical signals. This has resulted in the identification of several force-
sensing proteins or mechanically activated ion channels distributed throughout most
cell types, whereby the plasma membrane, cytoskeleton, and the nucleus have
garnered much attention. Although organelles from the endomembrane system make
up significant portion of cell volume and play pivotal roles in the spatiotemporal
distribution of signaling molecules, they have received surprisingly little attention in
mechanobiology. In this mini-review, we summarize results that document participation
of the endomembrane system in sensing and responding to mechanical cues.
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INTRODUCTION

Cells in our body are continuously subjected to mechanical perturbations, to which they respond.
From a physical perspective, one can draw parallels between the cell and a tensegrity structure,
a term that refers to a system relying on pre-stressed (under tension) components balanced
by compressed elements (Ingber et al., 2014). In the cellular context, tensegrity is supported
mainly by the cytoskeleton, with actin filaments being the primary tense structures, balanced
by the compression-bearing microtubules (Ingber et al., 2014). More recently, a tensegral role
for the plasma membrane (PM) was also documented (Diz-Muñoz et al., 2013; Pontes et al.,
2017). Tensegral structures quickly balance external physical forces by reversibly rearranging their
shape. Accordingly, cells subjected to tensile, compressive, or shear stresses show cytoskeletal
rearrangements (Discher et al., 2005) and fluctuations in the PM tension (Le Roux et al., 2019).
Such changes in turn affect several behaviors of the cell, ranging from cell motility and endocytosis
(Keren et al., 2008; Houk et al., 2012; Thottacherry et al., 2018; Baschieri et al., 2020a) to cell fate
determination (McBeath et al., 2004; Przybyla et al., 2016; Belly et al., 2019).

The cellular response to physical forces proceeds in four phases: (i) force sensing, (ii) force
transduction, (iii) intracellular response, and (iv) cellular adaptation and restoration of tensional
homeostasis (Figure 1). The phases of this mechanobiology circuit involve molecules distributed
throughout the cell, which demand a coordinated action of multiple cellular structures. However,
mechanobiology research has focused largely on the cytoskeleton, the PM and the nucleus, but only
scant attention was directed to other cellular structures (Discher et al., 2005; Janota et al., 2020).
The endoplasmic reticulum, the Golgi, the endosomes and the autophagosomes are all directly
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FIGURE 1 | Schematic of a mechanobiology circuit.

linked to the cytoskeleton and could thus directly sense/transduce
forces. Additionally, several mechanosensitive proteins are
distributed along the membranes of these organelles.

Over the course of this review, we will highlight
the current knowledge on the mechanobiology of these
endomembrane compartments.

ENDOPLASMIC RETICULUM

In eukaryotic cells, the endoplasmic reticulum (ER) is one
continuous, complex membrane system characterized by
interconnected tubules and sheets, which extend throughout the
cytosol covering more than 20% of the cell volume (Bolender,
1974; Wiest et al., 1990; Voeltz et al., 2002). Even though the
ER is part of the nuclear envelope, we will not focus here on
the mechanobiology of the nucleus. We address interested
readers to other reviews (Aureille et al., 2017; Maurer and
Lammerding, 2019). The ER plays an instrumental role in
protein synthesis, folding and quality control, lipid synthesis,
and Ca2+ homeostasis. As the first station of the secretory
pathway, it provides budding platforms for COPII coated vesicles
that ensure delivery of proteins and lipids to other organelles
in the cell (McCaughey and Stephens, 2019). The ER is also a
target of signals emanating from extracellular and intracellular
stimuli, and of autoregulatory signals from the organelle itself
(Centonze and Farhan, 2019).

The highly dynamic nature of the ER-network reflects its
adaptability and responsiveness to intracellular and extracellular
changes. It undergoes constant rearrangements from tubule
branching to fusion (Lee and Chen, 1988), to expansion (Wiest
et al., 1990). Its widespread and dynamic morphology allows
the ER to establish physical contacts with almost all the
other cellular organelles (Wu et al., 2018) thereby making
this endomembrane compartment a putative platform for force
transmission inside the cell.

Despite these unique morphological features, only a few
studies have investigated the relationship between mechanical
cues and the ER. Nevertheless, recent evidence suggests that the
ER harbors mechanosensitive and mechanotranducing elements
(Nakayama et al., 2012; Kim et al., 2015; Lee et al., 2020;
Nava et al., 2020).

Mechanosensitive channels are present in the ER in fission
yeast (Nakayama et al., 2012) and in mammalian cells (Lee
et al., 2020). In fission yeast, hypo-osmotic shock-induced cell
swelling activated Msy1 and Msy2, two proteins that localize
to the perinuclear and the cortical ER, respectively. These
proteins played critical roles for cell survival by regulating cell
volume and intracellular Ca2+ levels (Nakayama et al., 2012).
In mammalian cells, the mechanosensitive Pannexin 1 (PANX1)
was previously shown to be localized in both the PM and the ER
(Vanden Abeele et al., 2006). At the PM, PANX1 organizes into
non-junctional hemichannels that are responsive to mechanical
input and permeable to ATP (Bao et al., 2004; Dahl, 2018).
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Recently, Lee et al. (2020) demonstrated that PANX1 at the ER
is also mechanosensory and functionally distinct from the PM
localized PANX1. The ER-localized PANX1 channel responded
to ultrasound stimulations in invasive cancer cells causing the
release of Ca2+ from the ER (Figure 2). This response involved
neither the cytoskeleton nor the PM PANX1 pool, thereby
pointing toward a direct response by the ER pool of PANX1 (Lee
et al., 2020). The Ca2+ channel Piezo1, localized both at the PM
and at the ER (McHugh et al., 2010; Gudipaty et al., 2017), was
also found to respond to cell stretching from both locations (Nava
et al., 2020). Skin epidermis stem cells soften their nucleus in
response to stretching in order to avoid DNA damage (Figure 2).
Intriguingly, such response is dependent on ER-localized Piezo1,
which is activated by an increase in ER membrane tension, hence
releasing Ca2+ (Nava et al., 2020).

Hinting for a broader role of the ER in mechanotransduction,
fragmentation of the ER network impaired meiotic cytoplasmic
streaming, a phenomenon wherein collective movement of
cytoplasm occurs even in the absence of preexisting polarity,
in C. elegans zygotes (Kimura et al., 2017). The study provided
conclusive evidence that the ER is instrumental in propagating
the force within the cytoplasm and dictating the alignment
of the microtubules to drive meiotic cytoplasmic streaming

(Kimura et al., 2017). This raises the intriguing question that
an intact ER is necessary to properly integrate a mechanical
response, which will need to be addressed in the future.

In other cases, de novo organelles derived from the ER may
alter mechanical properties or mechanosensing of cells. For
example, lipid droplets (LDs) are fat storage organelles that
originate from the ER (Walther et al., 2017). LDs are stiffer
than cell cytoplasm, and their expansion during adipogenesis
mechanically distorts the intracellular environment consequently
stiffening the cell (Figure 2; Shoham et al., 2014). Studies have
shown that constant mechanical strain arising from adipocytes
hypertrophy acts as a stimulus for preadipocyte differentiation
(Ben-Or Frank et al., 2015), Rho-kinase activation (Hara et al.,
2011), as well as cell spreading and cytoskeleton rearrangements
(Chin et al., 2020). Stiffness resulting from adipocyte expansion
also puts constant pressure on the extracellular matrix, and
possibly acts as a mechanical cue for extracellular matrix
remodeling. These findings highlight the fact that mechanical
stimuli can equally originate within the cells, triggering the
mechanical circuit (Figure 1) in an inside-out fashion. Whether
other processes happening at the ER, such as (mis-)folded protein
aggregation also acts as inside-out mechanical cue remains a
topic to be explored.

FIGURE 2 | Functions controlled by mechanical properties of the endomembranes. The figure highlights the cellular processes debated in this review that are
affected by mechanical changes occurring at endomembranes.
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GOLGI APPARATUS

Most secretory proteins leaving the ER reach the Golgi
Apparatus, where they undergo post-translational modifications.
The mammalian Golgi Apparatus is a compact, ribbon shaped
organelle usually found in proximity to the nucleus whose
primary functions concern protein modification, and lipids
and proteins trafficking (Rodriguez-Boulan and Müsch, 2005).
Structurally, it consists of flat cisternae piled on each other
organized into cis-, medial-, trans- stack, and ultimately, the
Trans-Golgi-Network (TGN), with each region hosting specific
enzymes to modify the secreted proteins (Potelle et al., 2015).
Cargos traffic between the ER and the Golgi in coatomer (COPI
or COPII) coated vesicles. Once at the TGN, cargos are packed
into AP1 coated vesicles and delivered to their final destination
(for more details see Lee et al., 2004; De Matteis and Luini, 2008;
Glick and Luini, 2011).

Actin and microtubules (MTs) are both instrumental
for vesicle trafficking and for the maintenance of the
Golgi architecture (Egea et al., 2013; Fourriere et al., 2020;
Ravichandran et al., 2020). Hence, the Golgi and its processes
are intimately linked to the cytoskeleton, and are sensitive to
cytoskeletal perturbations, suggesting a potential role of this
organelle in the mechanobiology circuit (Figure 1). A first
indirect evidence for such conjecture was provided 20 years ago,
when a hyperactive mutant of Cdc42 was shown to interact with
COPI and increase ER to Golgi transport, resulting in cellular
growth in the absence of adhesion (Figure 2; Wu et al., 2000).

Several lines of evidence couple adhesion and Golgi
Apparatus. Cell spreading upon adhesion triggers exocytosis of
Golgi-derived vesicles delivering lipids required to expand the
cell area (Gauthier et al., 2011). Cells in suspension display
a fragmented Golgi already few minutes after losing contact
with their substrate, a phenomenon that can be rescued by
restoring Arf1 activity, which normally occurs downstream of
activated integrins (Singh et al., 2018). Integrins are the main
adhesion receptors of cells, and this observation suggests that the
Golgi responds to a mechanotransduced signal downstream of
integrins (Singh et al., 2018). Intriguingly, Golgi fragmentation
in suspended cells was correlated with an increase in glycosylated
proteins at the PM which did not depend on newly synthesized
proteins, but rather on increased trafficking from the Golgi
or increased Golgi-glycosylation activity (Singh et al., 2018).
Hence, signaling originated from cellular adhesion could also
affect the glycosylation function of the Golgi, but experimental
evidence will be needed to confirm this speculation. These results
frame the Golgi amidst the actors of a mechanotransduction
pathway starting with cell adhesion, although it is still not clear
whether the role of the organelle in this process is a passive
or an active one.

Further strengthening the connection between Golgi and
cell adhesion, vesicle fission from the TGN as well as Golgi
architecture were shown to be regulated by RhoA (Zilberman
et al., 2011; Eisler et al., 2018), a small GTPase tightly linked to cell
contractility (Ridley and Hall, 1992; Burridge and Wennerberg,
2004). MT depolymerization by nocodazole causes the release
of GEF-H1, a RhoA activator, and activated RhoA in turn

leads to fission of TGN vesicles (Eisler et al., 2018). While
MTs depolymerization is an artificial situation, a physiological
pathway involving the focal adhesion localized protein KANK,
a MTs capturing protein, was described to trigger GEF-H1
release without the need to depolymerize MTs (Rafiq et al.,
2019). Considering that post-Golgi vesicles traveling on MTs are
secreted at hotspots near cellular adhesions (Figure 2; Fourriere
et al., 2019), it would be of interest to determine whether Golgi
and adhesion structures can influence each other and whether
this putative connection plays any role in mechanosensing
and mechanotransduction.

Intriguingly, evidence suggests that the Golgi is
mechanosensitive. Stiffness of the Golgi decreased upon actin
depolymerization. Conversely, high acto-myosin contractility
increased the organelle’s rigidity (Guet et al., 2014). Furthermore,
direct application of a force to the Golgi reduced the number
of vesicles leaving the TGN, indicating that forces alter physical
properties and functions of the Golgi (Guet et al., 2014). More
recently, the Golgi was found to induce changes in the lipid
metabolism in response to extracellular forces (Romani et al.,
2019). The sterol regulatory element-binding proteins (SREBPs)
are transcription factors responsible for the transcription of genes
involved in lipid synthesis (Shimano and Sato, 2017). SREBPs
are kept inactive at the ER and get activated by proteolytic
cleavage upon translocation to the Golgi. Such translocation is
blocked by the phosphatase Lipin-1 in an Arf1 dependent fashion
and Romani et al. (2019) showed that reducing acto-myosin
contractility inhibits Lipin-1 activity at the Golgi (Figure 2).
Importantly, the stiffness of the Golgi was found to be coupled to
the stiffness of the ECM, implying that a force transmitted to the
Golgi is at the basis of this regulation of lipid metabolism.

ENDO/LYSOSOMAL SYSTEM

The endo/lysosomal system is constituted of pleomorphic
membranous carriers that mediate exchange of material
between the cell and its extracellular environment. Progressive
invagination of the PM lipid bilayer generates an early endocytic
vesicle, which gets released in the cytoplasm (Doherty and
McMahon, 2009; Thottacherry et al., 2019). Virtually all
known endocytic mechanisms have proved to be affected
by physical parameters such as substrate stiffness (Baschieri
et al., 2018), cell stretching (Sinha et al., 2011; Thottacherry
et al., 2018), and compression (Ferguson et al., 2017; Baschieri
et al., 2020a). Since our focus here is on endomembranes, we
address interested readers to other reviews for a thorough
discussion on the mechanobiology of the early phases of
endocytosis at the PM (Nassoy and Lamaze, 2012; Lacy et al.,
2018; Baschieri et al., 2020b).

All early endocytic vesicles undergo a series of maturation
and transition to the late endosomes. The fission and fusion
events that are a part of the maturation process, lead to cargo
sorting into tubular extensions or intraluminar vesicles (ILVs)
(Gautreau et al., 2014), processes mediated respectively by the
ESCRT complex (Williams and Urbé, 2007) and Arp2/3 actin
nucleators (Derivery et al., 2009). Early endosomes are generally
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highly mobile and more peripherally localized, while late
endosomes/lysosomes are relatively immobile and cluster close
to the Golgi (Neefjes et al., 2017). This spatial organization of
endosomes is functional for their maturation and is instrumental
for the fine tuning of receptor tyrosine kinases (RTK) which
will be turned off by the phosphatases concentrated at the
cell center (Neefjes et al., 2017). Endosome-originated signaling
controls a plethora of cellular functions (Sadowski et al., 2009;
Scita and Di Fiore, 2010; Phuyal and Farhan, 2019) and
recently a putative mechanotransducing role for endosomes was
unveiled in collectively migrating epithelia (Malinverno et al.,
2017; Palamidessi et al., 2019). In epithelial tissues, groups of
closely associated cells flow in a fluid-like fashion. The flow
stops in a process called jamming, when the cells become too
dense and compressed. Reactivation of the endosomal protein
Rab5A was sufficient to restart the movement of the jammed
epithelia (Figure 2; Malinverno et al., 2017). Such jamming-to-
unjamming transition was due to an increased ERK signaling
from endosomes and was shown to promote breast cancer cell
invasion by increasing cell motility of densely packed cancer cells
(Palamidessi et al., 2019). These observations demonstrate that
endosomes are cell density sensors.

The spatial segregation of endosomes can also be influenced
by adhesive cues (Schauer et al., 2010). Micropatterned cells
show an asymmetry in transferrin and EGF endocytosis which
is not due to an unequal distribution of the transferrin and EGF
receptors at the PM, but rather to the actin cytoskeleton. In fact
a mild actin disruption results in complete loss of such spatial
segregation (Grossier et al., 2014). Intriguingly, this peculiar
distribution of endosomes translates into asymmetrical signaling
downstream of the EGF receptor (Grossier et al., 2014) which
could be instrumental for the cells to interpret their surroundings
(Schauer and Goud, 2014). Considering that endosomes respond
to adhesive cues, it would be interesting to test whether they
can also interpret changes in the mechanical properties of the
substrates. In fact, a recent work showed that culturing bladder
epithelial cells on soft surfaces resulted in increased endosomal
escape of intracellular bacteria, implying that substrate stiffness
could affect endosomal integrity via a yet unidentified mechanism
(Moorthy et al., 2020).

There appears to be a strong connection between the
endo/lysosomal system and membrane tension (King et al., 2020;
López-Hernández et al., 2020; Mercier et al., 2020). An increase in
the PM tension is balanced by the exocytosis of a subpopulation
of recycling endosomes (Gauthier et al., 2009) while a burst
of endocytosis occurs when the PM tension decreases (Shi and
Baumgart, 2015; Loh et al., 2019). Additionally, endosomes play
a fundamental role in the adaptation of the cell to osmotic stress,
situation where the cell confronts itself with ionic imbalance,
leading in turn to water influx or efflux and volume changes
(Figure 2). Both hypo-osmolarity and hyper-osmolarity are
well-known to affect membrane tension. Recycling endosomes
translocate the ion channel NHE7 from the TGN to the PM
in response to hyperosmotic stress. This translocation causes a
disequilibrium in the cytoplasmic ions, the net result being an
increase in the number of lysosomes (López-Hernández et al.,
2020). Such increase in lysosomes number is instrumental to

scavenge the protein aggregates that form as a consequence of
hyper-osmolarity (Willermain et al., 2014; Hock et al., 2018).

AUTOPHAGOSOMES

Several cellular stressors are known to induce autophagy,
a catabolic pathway that has its roots in the secretory
pathway (Farhan et al., 2017). Its function is to enclose
damaged intracellular components in autophagosomes for their
degradation by the lysosomal machinery. The various types
and importance of the autophagic processes in maintaining
proper cellular homeostasis have been thoroughly discussed
elsewhere (He and Klionsky, 2009; Kawabata and Yoshimori,
2020; Melia et al., 2020).

While the link between autophagy and various chemical
stressors has been well-documented, only a handful of
studies have explored the possible impact of mechanical
stress on autophagy.

King et al. (2011) noted an upregulation in the rate of
autophagosomes formation in Dictyostelium cells exposed to
compressive forces, a finding they corroborated in mammalian
cells. Induction of autophagy was observed with application of
continuous compressive forces (∼0.2 kPa) within physiological
range in both Dictyostelium and mammalian cells, a response
that gradually decreased and returned to basal level once cells
adapted to the compression by remodeling their cytoskeleton
(King et al., 2011). A similar finding was reported in human
trabecular meshwork (TM) primary cells (Porter et al., 2014).
An important function of the TM is to maintain intraocular
pressure, which is sensitive to pressure gradients and fluid
movement. Hence, the cells in TM must sense and rapidly
adapt to changes in mechanical forces in order to avoid
mechanical injury and maintain proper function. Porter et al.
(2014) found quick induction of autophagy in these cells when
exposed to biaxial static mechanical stretch, thereby potentially
linking autophagy to cellular adaptation to stretch. Finally,
BAG3, a member of chaperone-assisted autophagy (Arndt et al.,
2010), is presumably capable of tension sensing, coordinating
autophagosome formation, and transcription regulation during
mechanotransduction, hence contributing to the protection of
mechanically strained muscle tissue (Ulbricht et al., 2013).
These studies suggest that cells deploy autophagy to cope
with mechanical forces and preserve tissue structure and
cellular activity.

CONCLUDING REMARKS

In this review, we have highlighted the emerging role of
the endomembrane system in force sensing and transduction.
Although the concept of physical forces eliciting a biological
response is more than a century old (Wolff, 1892), the field
of mechanobiology has garnered attention only in the past two
decades, owing to the development of enabling technologies
(Roca-Cusachs et al., 2017; Goujon et al., 2019). Seminal works
describing the impact of mechanical forces on cell differentiation
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(Engler et al., 2006; Dupont et al., 2011), transformation (Paszek
et al., 2005) and on several other processes have highlighted the
important interplay between mechanical and biochemical signals.
Much of the current mechanobiology research investigates
mechanosensing and mechanotransducing pathways at the PM
and the cell cytoskeleton underneath (Bershadsky et al., 2006; Lim
et al., 2010). However, mechanical forces are not restricted to the
PM. On the contrary, they can penetrate much deeper into the
cells, thereby affecting all intracellular organelles (Kim et al., 2015;
Feng et al., 2019). With the exception of the nucleus (Aureille
et al., 2017; Maurer and Lammerding, 2019), the mechanical
properties of intracellular organelles and their participation in
the propagation of mechanical signals remain largely unknown.
Tools and sensors to probe and quantify forces within the
cell have recently experienced tremendous advancements, and
are likely to aid in the integration and the expansion of
mechanobiology to endomembranes (Mohammed et al., 2019;
Straková et al., 2020). As shown by the researches highlighted
in this short review, the organelles that constitute the secretory
pathway are more than a passive cargo delivery system. Their
intricate link to the cytoskeleton, the PM and the nucleus, and
their propensity to assemble into dynamic signaling platforms
suggests that they could play a paramount role in coordinating

cellular responses to mechanical perturbations (Figure 2). This
warrants careful characterization of the mechanical properties of
this pathway to gain further insight into cellular mechanobiology.
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Extensive studies have shown that cells can sense and modulate the biomechanical
properties of the ECM within their resident microenvironment. Thus, targeting
the mechanotransduction signaling pathways provides a promising way for
disease intervention. However, how cells perceive these mechanical cues of the
microenvironment and transduce them into biochemical signals remains to be
answered. Förster or fluorescence resonance energy transfer (FRET) based biosensors
are a powerful tool that can be used in live-cell mechanotransduction imaging and
mechanopharmacological drug screening. In this review, we will first introduce FRET
principle and FRET biosensors, and then, recent advances on the integration of FRET
biosensors and mechanobiology in normal and pathophysiological conditions will be
discussed. Furthermore, we will summarize the current applications and limitations
of FRET biosensors in high-throughput drug screening and the future improvement
of FRET biosensors. In summary, FRET biosensors have provided a powerful tool
for mechanobiology studies to advance our understanding of how cells and matrices
interact, and the mechanopharmacological screening for disease intervention.

Keywords: FRET, mechanotransduction, cell-ECM interaction, live-cell imaging, drug-screening

INTRODUCTION

During the past decades, it has been well-acknowledged that, the mechanical microenvironment
plays a crucial role in regulating cellular functions, together with biochemical signals (Wang
et al., 2009). The dysfunction of mechanical microenvironments such as shear stress (Zhou
et al., 2014), ECM properties (Bonnans et al., 2014) (e.g., stiffness, degradability, remodeling
capacity, porosity, topography, internal strain, and intracellular mechanotransduction) (Humphrey
et al., 2014) could contribute to the pathogenesis of multiple diseases, including but not
limited to atherosclerosis (Chiu and Chien, 2011), fibrosis (Liu et al., 2020), and cancer
(Branco da Cunha et al., 2016). As such, elucidating how the mechanical microenvironment
influences cell behavior in physiological and pathological conditions, and the successful
identification of mechanotransduction-modulating small molecules would pave the way for
next-generation disease-intervention strategies. However, conventional biochemical assays
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(e.g., western blot, immunostaining) are limited in
spatiotemporal resolutions in elucidating instant
(usually happens within several seconds) and dynamic
mechanotransduction processes (Wang and Wang, 2009;
Wang et al., 2009; Liu et al., 2020). Imaging techniques together
with genetically encoded FRET biosensors can be a powerful
approach for dynamically tracking signal transduction in live
cells or tissues with high spatiotemporal resolutions, thus
enabling the investigation of mechanotransduction during cell-
microenvironment and cell-cell interactions. Here in this review,
we will briefly introduce FRET technology, the application of
FRET biosensors in the studies of mechanobiology, and for
high-throughput drug screening. Finally, the future perspective
of FRET biosensors and their applications will be discussed.

FRET AND FRET BIOSENSORS

Förster or fluorescence resonance energy transfer biosensor
allows studying the dynamics of signaling molecule activities
in living cells. It has been increasingly applied in the
mechanobiological study due to its superiority in ratiometric
fluorescence readout, high signal-to-noise ratio, and high
spatiotemporal resolution compared to biochemical assays
(Wang and Wang, 2009). In this section, the FRET principle and
the classification of FRET biosensor will be introduced.

FRET
Förster or fluorescence resonance energy transfer is a
phenomenon of non-radiative energy transfer through dipole-
dipole coupling between two fluorophores, in which the
transferred emission energy from the donor triggers fluorescence
emission of the acceptor positioned typically within 1 to
10 nanometers (nm) (Forster, 1946; Clegg, 1995; Sekar and
Periasamy, 2003; Wang and Wang, 2009; Ray et al., 2014; Bajar
et al., 2016). The efficiency of FRET (E) depends on the spectral
overlap between the emission spectrum of the donor and the
excitation spectrum of the acceptor (J), the distance between
the two fluorophores (r), and the relative orientation between
the dipoles of the donor and the acceptor represented by the
orientation factor (κ2) (Miyawaki, 2003; Wang and Wang, 2009;
Figure 1A). According to Förster’s Theory, E is related to the
sixth power of r normalized by the Förster radius (R0) (see Eq. 1),
where R0 is defined as the separation at 50% energy transfer
(Förster, 1948). R0 is dependent upon κ2, J, the quantum yield
of the donor (QD), and the index of refraction of the transfer
medium (n) (see Eq. 2) (Stryer, 1978). Specifically, J is the
normalized integral of the product of donor intensity (FD),
molar absorbance of the acceptor (EA), and the fourth power of
wavelength (λ4) over the entire spectrum (see Eq. 3). κ2 is given
by the angle between transition moments of the FRET pair (α) as
well as the angles between the line connecting two fluorophores
and the donor and acceptor moments (β and γ), respectively,
(see Eq. 4). Assuming a complete and random orientation, κ2 of
the freely rotated fluorophores is simplified to 2/3, from which
the apparent distance between two fluorophores (r’) is calculated.
The actual distance r can be estimated from κ2 and r’ (see Eq. 5).

Simply, the larger the spectral overlap integral between donor
emission and acceptor excitation, the closer distance between the
donor and receptor, the higher the FRET efficiency (Stryer, 1978;
Hochreiter et al., 2015).

J =
∫

FD(λ)EA(λ)λ4dλ∫
FD(λ)dλ

=

∫
FD(λ)EA(λ)λ4dλ (1)

R6
0 =

(
8.79× 10−25cm6) n−4QDk2J (2)

E =
1

1+
(

r
Ro

)6 (3)

k2
= (cosα− 3 cosβ cosγ)2 (4)

r =
(
1.5 k2) 1

2r′ (5)

Due to its sensitivity to intermolecular distance and
orientation, FRET biosensors have been designed to precisely
measure those quantities between two sites of molecules through
the detection and quantification of emission signals of FRET pairs
(Hochreiter et al., 2015). Although different small organic dyes,
quantum dots (QDs), and fluorescent proteins (FPs) have been
used as FRET pairs in FRET biosensors, the genetically encoded
FPs were more wildly used in live-cell FRET imaging due to the
superiority in compatibility and stability in a stable cell line or
in vivo via genetic engineering (Bajar et al., 2016). Among the
FPs, cyan FP-yellow FP (CFP-YFP) pair is commonly used as
FRET pair due to the significant overlap between the emission
spectrum of CFP and the excitation spectrum of YFP (Shimozono
and Miyawaki, 2008; Wang and Wang, 2009). Derived from that
pair, ECFP and YPet were demonstrated to have significantly
improved sensitivity as a FRET pair in biosensors for single-
cell imaging (Ouyang et al., 2008b; Seong et al., 2009). Besides
that, green FPs (GFPs), red FPs (RFPs), far-red FPs (FFPs),
and infrared FPs (IFPs) could also be used as FRET pairs in
a biosensor as summarized previously (Bajar et al., 2016). In
addition to a FRET pair, a typical FRET biosensor also contains
a ligand and a sensor domain (Aoki et al., 2012), the binding
of which determines the conformation of the biosensor and the
proximity of the FRET pair (Wang and Wang, 2009). As such,
the binding between the ligand and the sensor domain in a
FRET biosensor can be designed to detect and measure a specific
cellular activity (Stryer, 1978; Wang and Wang, 2009).

The dynamic range, gain, and sensitivity are the interrelated
technical terms describing the performance of FRET biosensors
(Komatsu et al., 2011; Figure 1B). When cells with biosensor
excited at the optimal wavelength in the excitation spectrum of
the donor, the emission ratio of acceptor over donor fluorescence
intensity, called the FRET ratio, is used to represent the states
of FRET biosensors. FRET ratio and images were wildly used
to illustrate the dynamic signaling events in cells. For example,
when the substrate in the Src biosensor was phosphorylated
by endogenous Src kinase after either chemical or mechanical
stimulation, the FRET efficacy would change (Figures 1C–E),
thus leading to the change of FRET ratio. Through FRET
ratio (CFP/YFP in this case) calculation, we could quantify
(Figure 1D) or visualize (Figure 1E) the dynamic change of
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FIGURE 1 | FRET principles and FRET biosensors. (A) Excitation (Ex.) and Emission (Em.) wavelength of ECFP and YPet, as a FRET donor and receptor,
respectively. The emission wavelength of ECFP overlaps with the excitation wavelength of YPet, enables the energy transfer between donor and receptor when their
distance is less than 10 nm. (B) The terminology used to describe and quantify the performance of FRET biosensors. The figure was modified based on previous
publication (Komatsu et al., 2011). (C) The cartoon illustrates the FRET change of a Src kinase biosensor at the presence of Src kinase or phosphatase. (D) Time
course quantification of the Src FRET biosensor and its loss of function mutants in response to EGF stimulation in HeLa cells. Y662F and Y664F, single
loss-of-function mutations in the substrate of the biosensor; DM, double mutation (Y662F and Y664F); R175V, loss-of-function mutation in SH2 domain. (E) FRET
responses of a cell with clear directional wave propagation away from the site of mechanical stimulation. In these images, a pulling force was applied via laser
tweezers on a bead coated with fibronectin on the cell membrane. (C–E) were obtained from a previous publication (Wang et al., 2005).

Src kinase activity in cells. The range of the FRET ratio at
all states of the biosensor is defined as the dynamic range.
A high dynamic range level reflects a high efficiency and good
quality of the FRET biosensor (Kolossov et al., 2011). Gain is
the percentage change of the FRET ratio after cellular activity
change and was used to quantify the change of FRET ratio
before and after stimulation or inhibition. Sensitivity is defined
as the concentration of the stimulants that increase the FRET
ratio to 50% of the dynamic range (Komatsu et al., 2011). The
measurements of these parameters are utilized to evaluate FRET
biosensors and are used as the criteria in biosensor optimization
(Komatsu et al., 2011).

Classification of FRET Biosensors
Förster or fluorescence resonance energy transfer biosensors can
be classified as intramolecular (unimolecular) or intermolecular

(bimolecular) depending on whether the donor and the acceptor
are on the same molecule (Miyawaki, 2003; Bajar et al., 2016;
Figures 2A,B). Intramolecular FRET biosensors can be further
categorized into two main types on the basis of how the
FRET ratio is altered upon detection of a chemical signal:
distance change-based and fluorescence property change-based.
Furthermore, based on how the distances (and orientations)
between donors and acceptors are altered, distance change-
based FRET biosensors can be classified into three major types:
cleavage-based, conformational change-based, and mechanical
force-based (Figure 2A), which have been wildly applied in
mechanobiology studies and were summarized in an earlier
publication (Hochreiter et al., 2015). Fluorescence property
change-based FRET biosensors report FRET change based
on the altered fluorescent ability of fluorophores as a result
of the chemical environment, such as pH and oxidation.
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FIGURE 2 | Classification of FRET biosensors. Based on whether the donor and the acceptor are on the same molecule, FRET biosensors can be classified into
intramolecular (A) or intermolecular FRET biosensors (B). The intramolecular FRET biosensor could be further classified into distance change-based FRET biosensor
or FP property change-based FRET biosensors, based on the mechanism of FRET ratio change. (C) Multicolor FRET biosensors usually contain more than two FPs
and could be used for imaging of different cellular events in the same live cell.

Besides, while most of the FRET biosensors have two FPs as
FRET pair, multicolor FRET biosensors have been developed
recently for imaging of different cellular processes in the same
cell (Figure 2C).

Distance Change-Based FRET Biosensors
The FRET efficiency is highly sensitive to the distance change
between donor and receptor, which could be induced by (1)
cleavage of sensing domain and the consequent diffusion of
donor and receptor, (2) the conformational change of FRET pairs,
and (3) mechanical tension.

Cleavage-based FRET biosensors
Cleavage-based FRET biosensors consist of donors and acceptors
closely connected by short linkers, which can be cleaved by
specific enzymes (Hochreiter et al., 2015). In the uncleaved form,
the energy transfer from the donors in proximity results in
strong fluorescent signal emission by the acceptors, but once
the linkers are recognized and cleaved, the donors and acceptors
are separated by diffusion to cause FRET reduction. Currently,

cleavage-based biosensors have been applied to the detection
of apoptosis (Bozza et al., 2014), necroptosis (Sipieter et al.,
2014), autophagy (Li et al., 2012), and extracellular matrix
(ECM) remodeling (Chung et al., 2015). In mechanobiology, the
remodeling of ECM could be visualized by the cleavage-based
matrix metalloproteinases (MMPs) biosensors.

Conformational change-based FRET biosensors
In conformational change-based FRET biosensors, the alteration
of distances between donors and acceptors is triggered via the
conformational changes of proteins during biological processes
(Wang et al., 2005). Usually, this type of biosensors utilizes
binding domains that detect post-translational modification,
including but not limited to phosphorylation, acetylation, and
methylation and cellular reactions to environmental changes.
Hence, they are widely used in the investigations of signal
transduction, mechanotransduction, metabolite quantification,
drug efficacy, and T cell interaction, in which specific proteins
are integrated into FRET biosensors to track their activation
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and subcellular localization. In addition to the Src biosensor,
which has been applied to visualize the chemically (Figure 1D)
or mechanically (Figure 1E) induced Src kinase activation,
a Lck kinase FRET biosensor with a substrate peptide
(MDTSVFESPYSDPEE) derived from Zap70 kinase, namely
ZapLck, has been used to investigate the biophysical basis
underlying dynamic Lck activation in T cells (Wan et al., 2019).

Mechanical Force-based FRET biosensors
Mechanical forces applied to cells and proteins will alter the
conformation and output signal of FRET biosensors. Usually,
the donor and acceptor in the mechanical force-based FRET
biosensors were connected by a flexible linker, and the distance
between donor and receptor will increase after force application,
as a way to directly detect and quantify the force-induced effects.
Therefore, mechanical force-based FRET biosensors have been
used for mechanical testing of strain in the ECM, between
neighboring cells (Kim et al., 2015), intracellular tension, cell-
ECM adhesion, cell traction force, and fluid shear stress. We will
present a detailed discussion of the application of mechanical
force-based FRET biosensors in mechanobiology in the following
section “Mechanical Force FRET Biosensor.”

Fluorescence Property Change-Based FRET
Biosensors
The fluorescent ability of some fluorophores may change
under some specific conditions, such as pH change. For
example, utilizing pH-sensitive FP variants, FRET reporters
were developed for the detection of pH in different cellular
compartments and extracellular microenvironments (Awaji et al.,
2001; Urra et al., 2008). Ever since, several fluorescence property
change-based FRET sensors have been developed to monitor pH
changes of a broad range (Rupprecht et al., 2017).

Multicolor FRET Pairs
Compared with two-color FRET biosensors, three-color FRET
biosensors consist of three fluorophores, in which the first
fluorophore transfers its energy to the second fluorophore, which
could serve as a donor for energy transfer to the third one,
triggering the emission signal of the third fluorophore (Kienzler
et al., 2011). Another schematic of three-color FRET biosensor
is that both of the first two fluorophores transfer energy to the
third one, while the first fluorophore also transfers energy to
the second one (Lee et al., 2010; Sun et al., 2010; Uhm et al.,
2018). Three-color FRET biosensors are commonly applied to
advanced analysis of DNA and proteins, such as tracking the
conformational changes of proteins in live cells (Kienzler et al.,
2011; Wallrabe et al., 2015). Since there are more parameters
involved in the measurements, one challenge of using three-color
FRET biosensors is the relatively complicated interpretation and
analysis of data (Wallrabe et al., 2015).

FRET BIOSENSOR AND
MECHANOBIOLOGY

Cells are embedded in 3D ECM in vivo, and the mechanical
factors from the microenvironment can influence cellular

functions. FRET biosensors have been successfully applied
in studying mechanobiology, i.e., how these cells perceive
environmental mechanical cues. In this part, we will summarize
the current progress of FRET biosensors and their application
in visualizing and quantifying the dynamic cell-environment
interaction and intracellular mechanotransduction.

Application of FRET Biosensors in
Visualizing Cell-Environment Interaction
Abundant studies demonstrate that cells can sense and respond
to the environment’s mechanical properties, such as stiffness
(Engler et al., 2006), ECM degradability (Trappmann et al., 2017),
viscoelasticity (Chaudhuri et al., 2015), remodeling capacity
(Baker et al., 2015; Davidson et al., 2019), porosity (Jiang et al.,
2019), topography (Cutiongco et al., 2020), and so forth. As a
way of intercellular communication, cells can respond to the
paratensile signal exerted by neighboring cells (Liu et al., 2020). In
addition, the frictional force generated by blood flow (fluid shear
stress, FSS) in the endothelium, can modulate cellular functions
(Zhou et al., 2014). FRET biosensors have successfully been
applied in visualizing and quantifying extracellular, intercellular,
and intracellular mechanical forces (Figure 3A) and the relevant
biological events.

Mechanical Force FRET Biosensor
When external forces, either from the non-cell environment
components or neighboring cells, were applied to cells, these
forces were transmitted from the ECM to the cell, which have
been regarded as the “outside-in” signal. Fibronectin (FN) FRET
biosensors were developed and successfully applied to visualize
and quantify these extracellular force signals. FN is a major
class of ECM molecules and could be reversibly unfolded when
stretched. Upon unfolding, exposure of cryptic sites on FN
can not only increase the tensile strength of FN and mediate
fibrillogenesis, but also alter its binding preferences to different
integrin isotypes (Vogel, 2018). The application of FRET to
the detection of FN conformational states involved the labeling
of FN with multiple donor and acceptor fluorophores and
demonstrated an extended state of cell-bound FN prior to
fibrillogenesis in situ (Baneyx et al., 2001). A subsequent study
utilizing the fluorophore-labeled FRET-FN probe found that
the partial unfolding state of FN requires cytoskeletal tension
(Baneyx et al., 2002). A FRET ratio versus strain curve was
constructed through an in vitro assay to probe FN conformation
in cell cultures with a high spatial resolution (Little et al., 2008).

Förster or fluorescence resonance energy transfer-FN has
also been employed to visualize FN conformational changes
upon adsorption to the surface of materials with varying
hydrophobicity, which revealed more extended FN conformation
and better cell attachment on hydrophilic materials (Baugh
and Vogel, 2004). Applying this FRET-FN probe, more
recent research revealed the co-localization of collagen I and
relaxed FN (Kubow et al., 2015), transformation of FN-
coated collagen during force-mediated 3D tissue remodeling
(Legant et al., 2012), spatial variations of FN conformation
in a 3D in vitro model (Foolen et al., 2016), and the
upregulation of low-tension FN by Ficoll crowding that promotes
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FIGURE 3 | The mechanical microenvironment and mechanotransduction process of the cells. (A) The cells reside in the 3D microenvironment, the mechanical
stimulation from the microenvironment, such as the shear stress, change of ECM properties (e.g., stiffness, degradability) could influence the cell function. Besides,
the ECM fiber could be used as a media to transmit the mechanical strain from the neighboring cells, as a way of intercellular communications. (B) Cells could sense
and respond to mechanical stimuli from the environment by converting them to intracellular biochemical signals, which process is called mechanotransduction.
Several signaling pathways were identified to be involved in this process and could be visualized by using FRET biosensors, as listed above.

collagen fibrillogenesis (Graham et al., 2019). Additionally,
FRET-FN has been used to investigate FN conformation in
cancer malignancy, which revealed matrix stiffening and pro-
angiogenic effect of the early interaction between unfolded
FN and collagen near breast cancer cells (Wang et al., 2015,
2017). A domain-specific FP-based FRET probe was also
developed to elucidate the conformation of III1 and III2
domains of FN (Karuri et al., 2009). However, the usage of
FP-based FN FRET tension reporters has been cautioned, as
GFP has been shown to reduce its emission after stretching
(Saeger et al., 2012).

Cells also could generate cell traction force itself during
the migration, or as a response to tissue stiffness, and
consequently, deform the ECM or affect the neighboring cells
(Liu et al., 2017). This force has been referred to trigger the

“inside-out” signaling. FRET biosensors have been applied to
visualize these kinds of cell traction and force reactions. At
the cellular level, these mechanical forces were generated and
mediated by ECM receptors, cytoskeletal filaments, and their
related proteins (Wang, 2010). For example, vinculin plays a
crucial role in force transmission and focal adhesion formation,
and its activity is closely associated with talin. A vinculin
tension sensor (VTS) was developed by inserting a pair of
a monomeric teal fluorescent protein (mTFP1) and Venus
(A206K) connected by an elastic domain between vinculin
head and tail, in which the FRET ratio directly reports the
distance between two fluorophores and indirectly measures
the tension across vinculin (Grashoff et al., 2010). The VTS
demonstrated independent regulation of vinculin recruitment
and force transmission, with high tension across vinculin
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located in the protruding regions, low tension across vinculin
in the retracting regions during cell migration, albeit vinculin
is required for FA stabilization under force (Grashoff et al.,
2010). Talin is an adhesion plaque protein that connects actin-
based cytoskeleton to integrin-mediated ECM adhesion (Yao
et al., 2016) and cadherin-based cell-cell junctions (Leckband and
Rooij, 2014). Similar to vinculin, talin also contains an integrin-
binding head domain and an actin-binding rod domain (Kumar
et al., 2016). Hence, a talin tension sensor (talin TS) adopted
a similar structure to VTS and reported higher talin tension in
the peripheral of FA and vinculin-induced talin tension (Kumar
et al., 2016). Similarly, the insertion of mTFP-elastic linker-
mEYFP between the transmembrane domain and the β-catenin
binding domains of E-cadherin gave rise to an E-cadherin
tension FRET sensor, which demonstrated the constitutive
cytoskeleton-to-membrane mechanotransduction function of
E-cadherin throughout the epithelial cell surface (Borghi et al.,
2012). However, a more recent study using a similar construct
of the E-cadherin FRET tension sensor revealed several technical
issues in force measuring in Drosophila tissues (Eder et al.,
2017), highlighting the difficulties in application of FRET
biosensor in vivo and the urgent need in further optimization of
FRET biosensors.

ECM Degradation FRET Biosensor
Matrix metalloproteinases (MMPs) are membrane-bound or
secreted enzymes that degrade ECM (Page-McCaw et al., 2007).
In addition to ECM degradation, the functions of MMPs
include clearing paths and providing cues for cell migration,
cleaving intercellular junctions and basement membranes,
and regulating signaling molecules with diverse consequences
(Page-McCaw et al., 2007).

Detection of MMP catalytic activities requires cleavage-
based FRET biosensors with an MMP substrate sequence
sandwiched by two fluorophores. The most studied MMP
using FRET reporters is the membrane type 1 matrix
metalloproteinase (MT1-MMP or MMP-14). Constructed
with a substrate sensitive to MT1-MMP, the first MT1-MMP
FRET sensor observed epidermal growth factor (EGF)-induced,
cytoskeleton-dependent MT1-MMP activity at the leading
edge of migrating cancer cells, which can be abolished by
tissue inhibitor of metalloproteinase-2 (TIMP-2) (Ouyang
et al., 2008a). Subsequently, simultaneous imaging of MT1-
MMP and Src activities utilizing two membrane-anchored
FRET biosensors of different color schemes (orange/red and
cyan/yellow) revealed spatiotemporal differences between
MT1-MMP and Src activation upon EGF stimulation (Ouyang
et al., 2010). Due to the lack of specificity of the MT1-MMP
substrate sequence utilized in previous studies, directed
evolution revealed a consensus sequence that enhances
cleavage rates (Jabaiah and Daugherty, 2011). Furthermore,
a quantum dot-based FRET biosensor was developed to bypass
gene delivery and monitor membrane-bound MT1-MMP
activity (Chung et al., 2015). Recently, a FRET probe linked
with binding domains of MT1-MMP further enhanced the
specificity of MT1-MMP activity visualization in tumors
(Ji et al., 2020).

Similar cleavage-based FRET reporters have been constructed
for MMP-2 (Yang et al., 2007; Lee et al., 2020), MMP-9 (Stawarski
et al., 2014), MMP-11 (Meyer and Rademann, 2012), MMP-12
(Lim et al., 2014), and MMP-13 (Lim et al., 2014; Duro-Castano
et al., 2018). Interestingly, a dual-FRET biosensor was developed
for simultaneous imaging of MMP-2 and caspase-3 activities, in
which the sequential cleavage by MMP-2 and caspase-3 increased
the donor emission intensity in a stepwise fashion (Li et al., 2015).

In addition to cleavage-based FRET sensors, bimolecular
FRET biosensors have been employed to investigate the
dimerization of MT1-MMP and the interaction between CD44
and MT1-MMP during cell invasion (Marrero-Diaz et al., 2009;
Itoh et al., 2011), as well as the association of CD151 and MT1-
MMP in angiogenesis (Yañez-Mó et al., 2008).

Sheer Stress FRET Biosensor
Cadherins are a class of cell adhesion molecules (CAMs)
and distinguish themselves from integrins for their calcium
dependence. In particular, vascular endothelial cadherin (VE-
cadherin) and epithelial cadherin (E-cadherin) play crucial
roles in the mechanotransduction of shear stress. VE-cadherin,
along with platelet endothelial cell adhesion molecule 1
(PECAM-1) and vascular endothelial growth factor receptor 2
(VEGFR2), constitutes a mechanosensory complex and each
generates differential mechanical responses to FSS (Tzima et al.,
2005; Conway and Schwartz, 2015). Shear stress can also
induce an oscillatory movement in epithelial cells mediated
by the linkage of E-cadherin and actomyosin cytoskeleton
(Sadeghipour et al., 2018).

A FRET biosensor with the insertion of mTFP1-elastic linker-
Venus between the p120 catenin and the β-catenin binding
domains of VE-cadherin revealed that junctional VE-cadherin
tension decreased in response to FSS from blood flow, whereas
a PECAM-1 tension sensor with a similar design reported an
increase in PECAM-1 tension in cell-cell junctions through
vimentin association (Conway et al., 2013). A further study
applying this VE-cadherin tension sensor reported similar
results during the maturation of arterial junctions in zebrafish
(Lagendijk et al., 2017). Interestingly, this study found no change
in VE-cadherin tension after a complete loss of blood flow, which
may suggest a lack of regulation by flow after junction maturation
(Lagendijk et al., 2017).

Application of FRET Biosensors in
Investigating Intracellular
Mechanotransduction
After perceiving mechanical stimulations, cells will convert
biomechanical signals into biochemical signals and elicit
cellular responses via the mechanotransduction process. Several
intracellular signaling pathways were identified to be involved
in the mechanotransduction of cells, including but not limited
to GPCR signaling, kinase signaling, ECM receptor signaling,
and calcium signaling, as summarized in the following part.
The activities of these signaling pathways will finally lead
to gene expression and cell phenotype change, either by
influencing the mechanoresponsive transcription factors [e.g.,
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MRTF (Finch-Edmondson and Sudol, 2016) and YAP (Low et al.,
2014)] or exerting epigenetic modifications. Accordingly, several
FRET biosensors were developed and successfully applied in
intracellular mechanotransduction studies (Figure 3B).

Calcium FRET Biosensor
For two decades, FRET biosensors have significantly contributed
to the investigation of the role of Ca2+ in intracellular
mechanotransduction pathways. There are two major series of
Ca2+ FRET reporters, calmodulin (CaM)-based (Cameleons)
and troponin-based sensors (TN Ca2+ sensors). Miyawaki et al.
(1997) first applied FRET to a Ca2+ biosensor, named Cameleon,
comprised of an FP pair derived from GFP, calmodulin (CaM),
and a CaM-binding peptide M13. Upon binding of four Ca2+

cations, CaM wraps around M13, triggering the conformational
change of the biosensor and bringing two fluorophores in
proximity (Miyawaki et al., 1997). Ever since the development
of the first Cameleon, mutagenesis, rational design and circular
permutation have been applied to improve the dynamic range
(Truong et al., 2001), stability under the acidic cytosolic
environment (Miyawaki et al., 1999; Nagai et al., 2002, 2004),
fluorophore maturation time (Nagai et al., 2002, 2004), the
orientation between the two chromophores (Nagai et al., 2004),
the binding kinetics between CaM and the CaM-binding peptide
(Palmer et al., 2004), and the sensitivity to Ca2+ concentration
(Palmer et al., 2006; Horikawa et al., 2010). More recently,
Ding et al. developed a pair of Ca2+ (and caspase-3) FRET
biosensors for simultaneous imaging of Ca2+ dynamics in the
nucleus and the cytoplasm, when tagged with nuclear localization
signal (NLS) and nuclear export signal (NES), respectively (Ding
et al., 2011). Waldeck-Weiermair et al. (2012) developed a
red-shifted Calemeon, called D1GO-Cam, and utilized it in
conjunction with Fura-2, a ratiometric cytosolic Ca2+ dye
(Grynkiewicz et al., 1985), to simultaneously monitor Ca2+

in cytoplasm and mitochondria. Due to heavy regulation of
CaM in metabolic pathways, Cameleons suffer from apparent
shortcomings in sensitivity for in vivo applications (Heim and
Griesbeck, 2004). Therefore, TN-humTnC was developed for
improved sensitivity and subcellular localization (Heim and
Griesbeck, 2004). The sensitivity of this TN Ca2+ sensor has also
been optimized through circular permutation of FPs (Mank et al.,
2006), mutagenesis of TnC (Mank et al., 2008), the utilization
of Opsanus TnC (Thestrup et al., 2014), and the adoption of
yellow/orange (Su et al., 2012), and green/red color schemes
(Fujii et al., 2013).

Myosin Light Chain Kinase (MLCK) FRET Biosensor
Myosin Light Chain Kinase catalyzes the phosphorylation of
different sites on the regulatory light chain (RLC) of myosin II,
thus either inhibiting or promoting its contractility depending
on the phosphorylation of specific residues (Sellers et al., 1981;
Ikebe et al., 1986). This constitutes a key regulator of cell
contraction. MLCK activity itself is dependent on [Ca2+]4/CaM
(Chew et al., 2002) and has been shown to regulate adhesion
assembly (Webb et al., 2004). A FRET biosensor was developed,
in which [Ca2+]4/CaM activates MLCK and affects binding
between BFP and GFP to decrease FRET (Chew et al., 2002). The

authors reported that prior to contraction, MLCK was transiently
recruited to stress fibers and activated, suggesting a role of MLCK
activation upstream to myosin contractility (Chew et al., 2002).
MLCK activity was also observed in the protruding lamella
of migrating cells and the spindle equator during cytokinesis
(Chew et al., 2002). This MLCK FRET probe further allowed the
discovery of RLC diphosphorylation and myosin contraction as
the consequence of activation of endothelial MLCK during tumor
intravasation (Khuon et al., 2010).

Epidermal Growth Factor Receptor (EGFR) FRET
Biosensor
The EGFR family, a type of receptor tyrosine kinases (RTKs),
is an integral part of the intracellular mechanotransduction
pathways in response to external mechanical signals. E-cadherin-
dependent EGFR localization and activation results in cell
stiffening (Muhamed et al., 2016), regulation of tight junctions
(Rübsam et al., 2017), and enhanced cell motility (Mateus et al.,
2007). Upon activation, EGFR and its downstream signaling
molecules, such as phospholipase C (PLC) and kinases in
the inositol lipid pathway, are responsible for reorganizing
cytoskeletal actin filaments (Payrastre et al., 1991; Rijken et al.,
1991; van Bergen en Henegouwen et al., 1992; Yang et al., 1994)
and generating local myosin contractile forces, likely through
myosin light chain (MLC) phosphorylation by PLC-activated
protein kinase C (PKC) (Iwabu et al., 2004). In rigid but not soft
substrates, EGFR mediates ligand-independent rigidity sensing
through Src-dependent phosphorylation (Saxena et al., 2017). In
the osteogenic differentiation of human embryonic stem cells
(hESCs), EGFR signaling has been suggested as a transducer
from fibronectin fiber strain signals to biochemical cues (Li
et al., 2013). A FRET biosensor contains the SH2 domain of
Shc and EGFR phosphorylation peptide as sensing unit was
first developed to monitor EGFR activity upon EGF stimulation
(Ting et al., 2001). After that, (Offterdinger et al., 2004)
designed a structurally disparate EGFR FRET reporter, named
FLAME (fluorescent, linked autophosphorylation monitor for
EGFR), comprised of EGFR, enhanced CFP (ECFP), a PTB
domain, and citrine. Utilizing FLAME, the authors observed
irresponsiveness of EGFR to EGF in the perinuclear region
and accumulation of dephosphorylated EGFR in the perinuclear
region after prolonged EGF treatment (Offterdinger et al., 2004).
Another FRET reporter based on the SH2 domain of CrkII,
named Picchu, was attached to the C-terminus of EGFR through
amphipathic helixes to investigate the endocytosis of EGFR upon
epidermal growth factor (EGF) stimulation (Itoh et al., 2005).
Using this composite probe Picchu-Z, the authors observed
that EGFR activity was maintained after endocytosis, and EGFR
phosphorylation was lower at the perinuclear regions (Itoh et al.,
2005), consistent with the prior study (Offterdinger et al., 2004).

Src FRET Biosensor
Src kinase plays a pivotal role in mechanical signal transduction.
Src family kinases are coupled with T cell receptors (TCRs),
B cell receptors (BCRs), RTKs (e.g., EGFR), G protein-coupled
receptors (GPCRs), and CAMs (Thomas and Brugge, 1997). For
instance, integrin β3 has been shown to directly activate Src by
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interaction mediated by its Src homology 3 (SH3) domain and
Y418 phosphorylation, leading to Src substrate phosphorylation
and downstream signaling (Arias-Salgado et al., 2003). Substrates
of Src include but are not limited to focal adhesion kinase
(FAK), PLC, and Shc. As such, Src activation presents profound
effects on focal adhesion, migration, mitosis, and apoptosis
(Thomas and Brugge, 1997).

The first Src kinase FRET biosensor developed consists of a
CFP/citrine pair, an SH2 domain, and a Src substrate peptide
obtained through library screening (Ting et al., 2001). This
Src FRET reporter was not specific to Src, as considerable
emission ratio change was also detected upon Lck, AbI, or
EGFR phosphorylation (Ting et al., 2001). Therefore, by replacing
the original substrate with one derived from p130Cas, (Wang
et al., 2005) developed a Src-specific FRET sensor to visualize its
activation dynamics in response to local mechanical loading in
the human umbilical vein endothelial cells (HUVECs). A slow Src
activation signal wave propagated along the plasma membrane
of HUVECs after local bead loading, and disruption of actin
filaments or microtubules eliminated long-range propagation of
Src kinase activation signal (Wang et al., 2005). A subsequent
study using this Src FRET biosensor found that fast Src signaling
could be induced by stress but not EGF (Na et al., 2008). To date,
alternative FP variants and color schemes have been adopted to
improve FRET efficiency, including the use of EYFP variant YPet
(Ouyang et al., 2008b), the mVenus/mKOκ (yellow/orange) pair
(Su et al., 2012), the mTagBFP/sfGFP (blue/green) pair (Su et al.,
2013), and most recently, the T-sapphire/stagRFP (green/red)
pair (Mo et al., 2020).

G Protein-Coupled Receptors (GPCRs)
G protein-coupled receptors mediate signaling in hormonal and
neural control of physiological functions, but their roles have
also been implicated in mechanotransduction of cell volume
change (Erickson et al., 2001), fluid shear stress (Das et al.,
1997; Chachisvilis et al., 2006), traction forces (Marullo et al.,
2020), and ECM interactions through the extracellular domains
of GPCRs (Petersen et al., 2015; Scholz et al., 2015). A large
archive of FRET probes has been developed to visualize the
activities of Gαi, Gαs, and Gαq subtypes. Due to the non-
covalent nature of Gα/Gβγ interaction, all available GPCR FRET
reporters are intermolecular. Bünemann et al. (2003) designed
two bimolecular FRET reporters to monitor the dimerization
of YFP-Gαi with CFP-Gβ1 and CFP-Gγ2, respectively. GPCR
activation leads to a reduction in FRET as a result of reduced
affinity between Gαi and Gβγ (Bünemann et al., 2003). Gibson
and Gilman (2006) utilized a similar intermolecular FRET
construct with the combination of different Gαi and Gβ isoforms,
revealing isotype coupling preferences. The brighter variants
mTurquoise2 (mTq2) and cp173Venus were also utilized in Gαi
FRET probes for a higher dynamic range and photostability
over long-term imaging (van Unen et al., 2015). Furthermore,
FRET reporters were employed to characterize the kinetic
parameters of Gq-coupled M1 muscarinic receptor (M1R)
activation, Gq-mediated PLC activation, and PIP2 hydrolysis
(Jensen et al., 2009). A bimolecular design similar to FRET
probes for Gαi/ Gγ2 affinity was also developed to track Gαq

activation in living cells, with faster fluorophore maturation
and larger dynamic range compared to the reporter developed
by Adjobo-Hermans et al. (2011). The same intermolecular
FRET strategy has been applied to a Gαs/Gβγ interaction probe
(Hein et al., 2006).

RhoA (and Rho Family GTPases) FRET Biosensor
RhoA is a type of Rho-family small GTPases and has
been implicated in cellular mechanical functions, including
cytoskeleton remodeling, cell migration, focal adhesion, and
phagocytosis (Hall, 2012). The application of FRET technology
greatly advanced our understanding of Rho family GTPases
in the cell cycle, migration, and plasticity. Two “Ras and
interacting protein chimeric unit” (Raichu) FRET biosensors
were developed to report RhoA-related activities which consist
of a CFP/YFP FRET pair, the RhoA/GDP complex, and the
RhoA-binding domain (RBD) of the effector protein (Yoshizaki
et al., 2003). After phosphorylation by guanine nucleotide
exchange factors (GEFs), RhoA/GTP binds to the RBD and
leads to biosensor conformational change, thus increasing
FRET (Yoshizaki et al., 2003). Therefore, Raichu-RhoA can
be applied for the visualization of GEF activities in living
cells. As Rho-specific guanine nucleotide dissociation inhibitors
(RhoGDIs) prevent RhoA/GDP degradation and maintain its
inactive state, Rho/GDP can be activated by GEFs once the
interaction between RhoGDIs and RhoA/GDP changes due
to post-translational modifications (PTMs) (Garcia-Mata et al.,
2011). To visualize intracellular RhoA/GTP levels regulated
by RhoGDIs, the second biosensor, Raichu-RBD, is comprised
of an RBD from Rhotekin connected to one fluorophore
at each side (Yoshizaki et al., 2003). Once RhoA/GDP is
released from RhoGDI and becomes phosphorylated, the
association between RhoA/GTP and the Rhotekin RBD will
pull two fluorophores apart and decrease FRET (Yoshizaki
et al., 2003). Using these two reporters, the authors were
able to characterize the differential spatiotemporal dynamics
of RhoA, Rac1 and Cdc42 activities in HeLa cells throughout
mitosis (Yoshizaki et al., 2003). Another Cdc42/RhoGDI-based
FRET biosensor based on a selective binding antenna was
developed to monitor Cdc42-RhoGDI interaction, and similar
strategies were suggested for studying RhoA-RhoGDI interaction
(Hodgson et al., 2016). The standard CFP/YFP pair in the
Raichu-RhoA construct was replaced by the brighter Clover
and mRuby to enhance the photostability, independence of pH,
and sensitivity of RhoA activity detection (Lam et al., 2012).
The new Raichu-RhoA-CR was able to detect changes in RhoA
activity within neuronal growth cones during ephrin stimulation
(Lam et al., 2012).

Different biosensor structures have also been considered in
RhoA FRET probe designs. Pertz et al. (2006) chose to put
RhoA and RBD at the two terminals of the FRET reporter
to monitor RhoA activity in different subcellular locations
during cell migration and revealed the enrichment of RhoA
activity at the protruding edges of randomly migrating mouse
embryonic fibroblast (MEF) cells as well as polarized RhoA
activity toward distal membrane sheets of peripheral ruffles
upon both serum and platelet-derived growth factor (PDGF)
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induction. Interestingly, the authors demonstrated low RhoA
activity in PDGF-induced MEF cell migration, supporting the
antagonistic effect of PDGF-activated Rac on RhoA (Pertz et al.,
2006). Further research utilizing this RhoA FRET biosensor
revealed the spatiotemporal separation between Rac1 and
(Cdc42) and RhoA at the leading edges of protruding MEFs
(Machacek et al., 2009).

Due to the localization of RhoA kinase activity, several studies
employed two-photon fluorescence lifetime imaging microscopy
(2pFLIM) to increase the contrast of local fluorophore
concentrations (Enrico et al., 2003). Murakoshi et al. (2011)
constructed an intermolecular FRET biosensor by tagging RhoA
with monomeric enhanced GFP (mEGFP) and Rhotekin RBD
with one mCherry. In conjunction with a Cdc42 FRET reporter,
this RhoA biosensor revealed disparate spatiotemporal patterns
of RhoA and Cdc42 activation in dendritic spines of hippocampal
CA1 pyramidal neurons during long-term potentiation (LTP)
(Murakoshi et al., 2011). Subsequently, along with the Cdc42
reporter developed by Murakoshi et al. (2011) a red-shifted RhoA
sensor was developed to simultaneously monitor their activities
in dendritic spines undergoing synaptic plasticity (Laviv et al.,
2016). Together with the green G-GECO1.1 Ca2+ indicator, a
new intermolecular RhoA reporter based on RFPs uncovered
the Ca2+ dependence of ATP-triggered RhoA activation in
astrocytes (Nakahata et al., 2016).

Epigenetic FRET Biosensor
Traditionally regarded as storage for genetic information, the
nucleus has been increasingly considered as a mechanosensor in
recent years (Kirby and Lammerding, 2018). Force transmitted
to the nucleus can alter the shape of the nuclear envelope,
chromatin structure, and eventually transcriptional profile (Kirby
and Lammerding, 2018). The impact of mechanical signals on
epigenetics can be divided into two aspects: direct mechanical
effects on the chromatin and biochemical signals converted from
the force at the nuclear envelope. Force is transmitted across the
cytoplasm via cytoskeleton (Maniotis et al., 1997), whereas force
transmission through the nuclear envelope is mediated by the
linker of nucleoskeleton and cytoskeleton (LINC) complex (Crisp
and Burke, 2008; Chang et al., 2015). Chromatin may reorganize
or decouple from nuclear lamina due to nucleocytoskeletal
coupling. At the same time, possible mechanisms by which
mechanical forces are converted into biochemical signals at
the nuclear envelope include Ca2+ influx due to stretching-
induced Ca2+ channel opening, transcription factor (TF) [such
as MRTF, YAP (Dupont et al., 2011)] import and mRNA export
through partial opening of nuclear pore complex (NPC), protein
unfolding and phosphorylation in response to mechanical force,
and altered histone acetylation and methylation patterns (Wang
et al., 2009; Maurer and Lammerding, 2019). For example,
fluid shear stress can lead to enhanced histone deacetylase
(HDAC) activity, inducing H3K14ac, and H3K27ac (Illi et al.,
2003, 2008; Fish et al., 2005; Chen et al., 2010; He et al.,
2019). A recent study has shown that the rapid up-regulation of
mechanoresponsive genes depends on H3K9me3 demethylation
(Sun et al., 2020). However, whether chromatin reorganization
is downstream of cytoplasmic mechanotransduction or due to

direct force on the nucleus, as well as detailed mechanisms
regarding how force causes protein phosphorylation and how
chromatin stretching activates specific mechanosensitive genes
are currently unclear.

Currently, FRET has been applied to detect histone H3 and H4
PTMs. The earliest FRET H3K9me3 and H3K27me3 reporters
were each based on a partial H3 peptide and a methyllysine
binding domain (Lin et al., 2004). Subsequently, an H3S28p
FRET reporter with the same structure was developed with a
different H3 peptide and a phosphoserine-binding domain (Lin
and Ting, 2004). A more recent version of the H3K9me3 FRET
probe adopted a different structure and utilized the entire H3
protein so that this probe can be integrated into chromosomes
to directly quantify the histone modification (Peng et al., 2018).
Furthermore, a series of FRET biosensors based on the BRD4
domain were developed to monitor H3K9ac, H3K14ac (Nakaoka
et al., 2016), H4K5ac, H4K8ac (Sasaki et al., 2009), and H4K12ac
(Ito et al., 2011).

FRET-BASED HIGH-THROUGHPUT
DRUG SCREENING

Since there is more and more evidence showing that
mechanobiological factors play crucial roles in disease, drugs
targeting mechanobiological signaling pathways would be
promising. Unlike conventional biochemical assay-based drug-
screening platforms, FRET-based high-throughput screening
(HTS) platform has a high signal-noise ratio and spatio-temporal
resolution (Rothman et al., 2005; Marine et al., 2006), and enables
the measurement of molecular events that occur relatively fast
in single live cells. In the majority of FRET biosensor designs,
FRET can be altered, either induced or abolished, by catalytic
activities, conformational changes caused by protein-protein
interactions, or direct force. These FRET signals can be
applied for high-throughput screening (HTS) of enzymes
and small molecule drugs in a therapeutic setting. As such,
FRET-based screening platforms have shown great potential
in evaluating therapeutic-relevant drugs (Lu and Wang, 2010;
Mizutani et al., 2010).

Förster or fluorescence resonance energy transfer method
combined with subcellular imaging has been successfully applied
in versatile HTS assays for different targets and diseases over
the past decade. Time resolved (TR)-FRET-based HTS in which
FRET ratio change is triggered by protein-protein interactions
has been applied to the discovery of small-molecule inhibitors
for Httex1 aggregation in Huntington’s disease (Lo et al.,
2020), calcium release by endoplasmic reticulum due to familial
AD-linked presenilin 1 mutations (FAD-PS1) in Alzheimer’s
disease (Honarnejad et al., 2013), binding of anthrax protective
antigen and capillary morphogenesis gene 2 (CMG2) protein
in angiogenetic cancers and anthrax intoxication (Rogers et al.,
2012), I&κB kinase β (IKKβ) and non-canonical ubiquitin-
conjugating enzyme UBC13 in inflammatory diseases (Oh
et al., 2010; Madiraju et al., 2011), and histone methylation
activity of lysine demethylase 1 (LSD1) and Jumonji C domain-
containing oxygenase D2C (JMJD2C) (Yu et al., 2011). Recent
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studies employed TR-FRET-based HTS to screen and successfully
identify small molecule drugs that affect cardiac sarcoplasmic
reticulum Ca-ATPase (SERCA2a) structure (Gruber et al.,
2014; Schaaf et al., 2016) or increase the affinity between
SERCA2a and phospholamban (PLB), presenting a potential
therapeutic solution to cardiac contractile dysfunction due to
deficient Ca2+ transport (Stroik et al., 2018). Furthermore,
cleavage-based FRET HTS has been applied to the screening
of enzymatic activities or small molecules that can affect
the activity of particular enzymes with high consistency.
For example, the proteolysis activity of Atg4A and Atg4B
could be measured in a high-throughput setting with high
reproducibility (Li et al., 2012). A similar cleavage-based
FRET assay measuring ganglioside-processing enzymes was also
shown to provide consistent results among different samples
(Yang et al., 2015).

Förster or fluorescence resonance energy transfer-based HTS
can also be employed to optimize FRET biosensors, and
in combination with flow cytometry, to promote screening
efficiency. For example, the linker length of a caspase-3 FRET
biosensor SCAT3 was optimized through HTS (Nagai and
Miyawaki, 2004). Similarly, the FPs used in the biosensor were
optimized through directed evolution and HTS by fluorescence-
activated cell sorting (FACS) to achieve a higher dynamic range
so that the optimized caspase-3 FRET biosensor can directly
measure the activity of caspase-3 in flow cytometry, allowing
the identification of caspase-3-dependent apoptotic cells via
HTS (Nguyen and Daugherty, 2005). The combination of FRET
and FACS has also allowed HTS of the interactions between
HIV proteins and cellular proteins (Banning et al., 2010),
and between adaptor proteins and GTPases (Thyrock et al.,
2010). FRET-assisted FACS further enabled the HTS of a serine
protease OmpT variant library (Olsen et al., 2000). Thus, FRET
assays can be applied for drug screening in a high throughput
manner. Developing HTS platforms should significantly advance
mechanopharmacological studies.

LIMITATIONS, CHALLENGES OF FRET
BIOSENSORS AND FUTURE
PERSPECTIVES

Applications of FRET in live-cell imaging have significantly
advanced our understanding of how cells sense and respond to
the mechanical microenvironment. However, the majority of
the works were mainly performed in vitro. At the current stage,
several mouse models with FRET biosensors were successfully
generated, such as the mouse strains with Src (Nobis et al.,
2013), calcium (Atkin et al., 2009), MLCK (Isotani et al., 2004),
and RhoA (Nobis et al., 2017) biosensors. Visualization of
mechanotransduction using mouse models should further
expand the boundary of our understanding of mechanobiology
in a more biological and complicated microenvironment.
Furthermore, although several different signaling molecules were
identified to be involved in mechanotransduction, how these
different molecules or signaling pathways interplay with each
other during the expeditious and dynamic mechanotransduction

processes remains to be elucidated. The spatiotemporal
visualization of different signaling molecules by combining
multiple FRET biosensors with distinct colors should be helpful
to solve this problem.

Although FRET biosensors have revolutionized the imaging
of molecular signals in live cells with high spatiotemporal
resolutions, the limitations in sensitivity and specificity have
hindered their broader applications. Another limitation on the
application of FRET biosensors is the efficient delivery of
genetically-encoded constructs into cells, especially for hard-
transfect primary cells, and the subsequent establishment of
cell lines. The aforementioned QD FRET biosensor, which
bypasses the delivery of genetically encoded FP-based biosensors,
serves as a desirable alternative to overcome such challenge
(Chung et al., 2015). While handling adherent cells during
imaging is relatively simple, it is very challenging to analyze
suspension cells with imaging systems, since they float freely
in media and the focus or the observation field can easily be
lost over time, especially at high magnification. Thus, due to
practical considerations, the application of FRET biosensors is
mainly for adherent cell imaging. Thus, future optimizations
of FRET biosensors with high efficiency is highly needed. We
believe that the development of high throughput, high-efficiency
screening platform, together with automatic, high throughput
imaging analysis and quantification platform [e.g., Fluocell (Qin
et al., 2019)], should greatly benefit the FRET-based mechanistic
study and screening.

The impact of biomechanical factors on drug actions
is being highlighted lately as an emerging consideration.
Although the impact of mechanics on cellular responses is
well recognized and continuously raising attentions, there are
limited studies on how mechanobiological factors influence
pharmacological responsiveness (Krishnan et al., 2016).
Mechanopharmacological screening should provide novel
mechanistic insights into the drug response of cells under the
different microenvironment. In fact, studies on the liver tumor
in vitro models demonstrate that stiffness priming of stromal
cells could influence the chemo-resistance of tumor tissue,
highlighting the importance of mechanopharmacological
screening (Zhu et al., 2017). Due to the importance of
mechanobiological factors in disease progression, efforts
were made in developing HTS-mechanopharmacological assays.
For example, the contractile force screening (CFS) platform
was developed based upon straightforward measurement of
cellular contractile force and is suitable for scaling to medium
to high throughput (Park et al., 2015). Besides, fluorescently
labeled elastomeric contractible surfaces (FLECS) embedded
in elastomers enables the single-cell force measurements in a
high throughput manner (Pushkarsky et al., 2018). Using micro-
and nanotopography, a 96-well plate platform was developed
to screen topographies and drug-topography combinations
that have short- and long-term effects on T cell activation
and proliferation (Hu et al., 2016). At tissue level, high
throughput fibrotic microniches (FµNs) were developed for
measuring the contraction force in tissues and screening drugs
that target fibrosis expression, which demonstrated excellent
predictability of the drug efficiency in vivo (Liu et al., 2017).

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 11 November 2020 | Volume 8 | Article 59549776

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-595497 November 3, 2020 Time: 18:8 # 12

Liu et al. FRET Biosensor in Mechanobiology

However, current available mechanopharmacological assays
mainly quantify the cell phenotype, which may be influenced
by multiple different signaling pathways. To our knowledge,
the current FRET-HTS has not been developed for
mechanopharmacological screening of specific molecular events.
As such, the successful combination of FRET technology with
HTS-mechanopharmacological bioassays should provide a more
powerful screening platform with high specificity that enables
the screening of molecules with novel mechanism of action
during mechotransduction.
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Cells interact with their microenvironment by constantly sensing mechanical and
chemical cues converting them into biochemical signals. These processes allow cells
to respond and adapt to changes in their environment, and are crucial for most cellular
functions. Understanding the mechanism underlying this complex interplay at the cell-
matrix interface is of fundamental value to decipher key biochemical and mechanical
factors regulating cell fate. The combination of material science and surface chemistry
aided in the creation of controllable environments to study cell mechanosensing and
mechanotransduction. Biologically inspired materials tailored with specific bioactive
molecules, desired physical properties and tunable topography have emerged as
suitable tools to study cell behavior. Among these materials, synthetic cell interfaces
with built-in sensing capabilities are highly advantageous to measure biophysical and
biochemical interaction between cells and their environment. In this review, we discuss
the design of micro and nanostructured biomaterials engineered not only to mimic
the structure, properties, and function of the cellular microenvironment, but also to
obtain quantitative information on how cells sense and probe specific adhesive cues
from the extracellular domain. This type of responsive biointerfaces provides a readout
of mechanics, biochemistry, and electrical activity in real time allowing observation of
cellular processes with molecular specificity. Specifically designed sensors based on
advanced optical and electrochemical readout are discussed. We further provide an
insight into the emerging role of multifunctional micro and nanosensors to control and
monitor cell functions by means of material design.

Keywords: cell adhesion, electrochemistry, optical microscopy, mechanobiology, integrins, biomaterials, cell–cell
adhesion, extracellular matrix

INTRODUCTION

Cell adhesion is a critical aspect of the constitution of tissues and organs. The complex organization
of tissues relies on a precise control over the formation of adhesive contacts between cells and the
extracellular matrix (ECM) (Gumbiner, 1996). From regenerative medicine to development biology
there is a great interest in comprehending the mechanisms that control the assembly of cells into
tissues and organs (Keung et al., 2010; Gaharwar et al., 2020). Increasing evidence has shown that

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 1 November 2020 | Volume 8 | Article 59795083

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#editorial-board
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#editorial-board
https://doi.org/10.3389/fbioe.2020.597950
http://creativecommons.org/licenses/by/4.0/
https://doi.org/10.3389/fbioe.2020.597950
http://crossmark.crossref.org/dialog/?doi=10.3389/fbioe.2020.597950&domain=pdf&date_stamp=2020-11-11
https://www.frontiersin.org/articles/10.3389/fbioe.2020.597950/full
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-597950 November 5, 2020 Time: 14:15 # 2

Saffioti et al. Biosensors for Cell Adhesion Studies

these processes are regulated not only by biochemical signals but
also by biophysical cues from the environment. For example, it
has been found that cells are able to sense and respond to the
topography (Curtis and Riehle, 2001; Spatz and Geiger, 2007),
rigidity (Discher et al., 2005; Engler et al., 2006), and anisotropy
(Théry et al., 2006; Xia et al., 2008) of their environment.

To reveal the mechanosensory elements involved in cell-cell
and cell-ECM interactions, ECM-inspired materials have been
developed (Mager et al., 2011; Xi et al., 2019). Advancements
in material science and surface chemistry made it possible to
create materials that mimic both physical (e.g., stiffness and
topography) and chemical cues (adhesive and soluble) of the
extracellular environment. These materials are highly desired
because cell development and behavior can be studied under
conditions similar to those found in the cell microenvironment
in vivo. As materials incorporate biochemical and biophysical
cues from the natural ECM, the information they provide allows
a closer estimation of the in vivo situation. Among biomaterials,
those with built-in sensing properties are particularly attractive to
obtain quantitative information on how cells probe and respond
to relevant physicochemical cues of the ECM. The pioneering
work of Dembo and Wang (1999) on deformable elastic materials
with embedded fluorescent tracers was one the first material of
this class capable of deciphering cell contractile forces. Similarly,
in the field of electrochemical sensors, the work of Giaever and
Keese (1984, 1986, 1991) set the foundations for the development
of materials capable of probing the cell adhesion interface in real
time. Both approaches profited from their label-free capabilities.
Since then, a myriad of synthetic responsive biointerfaces with
unprecedented temporal and spatial resolution was engineered
to study cell signaling and behavior in real time and with
high sensitivity.

In this review, we will focus on the design of micro
and nanostructured biomaterials that resemble the complex
properties of the ECM, and that play an active role in measuring
cell-adhesion related processes. Materials developed to study the
impact of different properties of the ECM on cell behavior, but
only provide adhesion support for cells are covered elsewhere
(Mager et al., 2011; Rosales and Anseth, 2016). Emphasis will
be placed on label-free sensing schemes. These approaches have
advantages over those that require labeling. Label-free sensors
offer real-time measurements, less or no sample preparation,
and low non-specific response, reducing the risk of generating
artifacts and false positives in the measurements. Commonly
used labels like fluorescent or colorimetric dyes are often
cytotoxic and hamper further use of the cultured cells, which
is particularly desired for regenerative tissue applications. Thus,
biomaterials with sensing capabilities hold great potential to
bridge the gap between traditional cell binding assays and
in vivo studies.

We aim to offer readers an overview of the latest sensing
biomaterials and their main advantages and applications in order
to guide the selection of the most appropriate platforms for
specific purposes. We will describe the specific features that
have been provided to materials and how these characteristics
have contributed to reveal key aspects of the cellular adhesion
mechanism. Although most of the systems described in

this review are research-oriented, commercial applications are
possible especially in biomedical diagnosis (Suhito et al., 2018;
Tutar et al., 2019) and tissue engineering (Mitrousis et al., 2018;
Gaharwar et al., 2020).

CELLS ADHESION TO THE
MICROENVIRONMENT

The ECM is a complex and dynamic mixture of proteins and
polysaccharides that provides not only support for cells but
also is involved in regulating many important cellular processes
including proliferation, survival, differentiation, and apoptosis
(Frantz et al., 2010). Cells sense and respond to changes in
topological, physical, and chemical properties of the ECM
through a sophisticated system that allows them to adapt their
behavior by converting these cues into biochemical signals.
The interaction of cells with the ECM is mostly mediated by
a family of cell transmembrane receptors called integrins that
are responsible for cell attachment, and connect the cell-matrix
adhesions with the cell cytoskeleton (Geiger and Yamada, 2011)
(Figure 1A). Integrins undergo conformational changes upon
biochemical and mechanical interactions leading to outside-in
and inside-out mechanotransduction. Although it is well known
that integrins have a crucial role in regulating diverse adhesion-
related functions, the mechanism by which cells translate
extracellular stimuli into biological responses remains unclear.

Integrins are heterodimers constituted by two transmembrane
protein subunits α and β which bind to specific ligands located
in the ECM proteins or in membrane of other cells (I-CAM
and V-CAM receptors) (Sun et al., 2019). Integrins adopt closed
or open conformations characterized by low or high-affinity
states, respectively. The transition from the closed to the open
conformation is crucial for integrin activation and can be induced
from the extracellular medium or from the cytoplasm (Luo et al.,
2007). Upon activation, integrins form clusters and associate with
adaptor proteins like talin, kindling, and vinculin among others.
These proteins connect the integrins to F-actin fibers forming
a molecular “clutch” that mediates mechanical forces between
the membrane and the cytoskeleton (Figure 1B) (Sun et al.,
2019). The macromolecular complex of integrins and adaptor
proteins constitute the focal adhesions (FA). It has been shown
that FA act as mechanosensory machines, translating multiple
environmental cues to cellular responses (Geiger et al., 2009). The
integrin-mediated binding to the ECM, even though being one of
the most important adhesion mechanisms is not the only one.
Syndecans and lectins also participate in cell adhesion, although
their role in mechanosensing is not totally clear (Gumbiner, 1996;
Mager et al., 2011; Guilluy and Dolega, 2020).

Cell–cell contacts are mediated by different types of junctions:
adherent junctions, tight junctions, and desmosomes (Gumbiner,
1996). Adherent junctions are one of the most important
sites of intercellular mechanical coupling (Ladoux and Mège,
2017). Cadherins are integral membrane proteins that participate
in the formation of adherent junctions. Their extracellular
domains mediate the adhesion to neighbor cells, whereas their
intracellular regions are connected to the actin cytoskeleton
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FIGURE 1 | Molecular complexes involved in cell adhesion processes. Cells form bonds with the ECM and with other cells by protein receptors in the plasma
membrane (A). These receptors are linked to the cytoskeleton by adaptor proteins. In (B), a scheme of a FA where integrins (formed by α and β subunits) recognize
specific ligands in the ECM. In the cytoplasm, talin, kindling, and vinculin among other proteins (“adaptor proteins” in the image) associate with the integrins forming
a complex that acts as a molecular clutch. The adaptor proteins connect the integrins with the cytoskeleton and participate actively in mechanosensing. In (C), a
scheme of an adherent junction where cadherins in the extracellular medium establish bonds with cadherins in the other cell. The link between cadherins and the
actin cytoskeleton is mediated by adaptor proteins α and β catenins.

by adaptor proteins α and β-catenin (Figure 1C). Cadherins
associate between them and with adaptor proteins to form
clusters constituting the mature adherent junction (Mège and
Ishiyama, 2017). Cadherin complexes respond to tension load
by the actomyosin. When pulling forces are applied to the
adherent junction through the actin cytoskeleton, α catenin
unfolds and associates with vinculin, which strengthens the
adherent junction (Le Duc et al., 2010; Yonemura et al., 2010;
Buckley et al., 2014). Therefore, mechanosensing in cell-cell
bonds is mediated by the same structures that mediate cell–
cell adhesions. There is also evidence that tight junctions
mediate mechanosensing in epithelia by association with the
actin cytoskeleton (Tornavaca et al., 2015). Desmosomes are
tightly associated with intermediary filaments and participate
in mechanosensing (Weber et al., 2012), although their role
in mechanotransduction is complex as intermediary filament
proteins are diverse and their expression is tissue specific
(Ladoux and Mège, 2017). An excellent review on cell-to-cell
association and the dynamics of collective cell behaviors has been
published by Ladoux and Mège (2017).

Cell-to-cell adhesion is also important in cell communication
processes. During antigen presentation, antigen presenting
cells (APC) associate with T or B lymphocytes forming
the immunological synapse. Evidence has shown that this

process is mechanosensitive, although cell-to-cell bonds and
mechanosensing is mediated by the interaction of the peptide
major histocompatibility complex (pMHC) in the APC with the
specific T or B cell receptor in the lymphocyte (Bashoura et al.,
2014; Liu B. et al., 2014; Liu et al., 2016).

RELEVANCE OF BIOSENSORS IN CELL
ADHESION STUDIES

Much of the information we have so far on how cells adhere
to the ECM and other cells have come from a wide set of
bioanalytical tools. Genetic modification like gene knockout
(Elosegui-Artola et al., 2016; Strohmeyer et al., 2017), protein
expression modulation by siRNA (Plotnikov et al., 2012;
Bazellières et al., 2015) and the use of externally added inhibitors
(Bashoura et al., 2014; Collins et al., 2017) are important
methods to investigate the role of different proteins in the cell
sensing mechanism. Cell behavior as a consequence of these
modifications is often monitored by optical microscopy-based
techniques like immunofluorescence (Engler et al., 2006), in vivo
observation of recombinant fluorescence proteins (Reffay et al.,
2014; Oria et al., 2017), genetically incorporated molecular
probes (Grashoff et al., 2010), and more recently optochemical
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probes (Endo et al., 2019; Ollech et al., 2020). Even though
these methods have revealed important aspects of the molecular
mechanisms of cellular mechanotransduction, they could not
provide a complete description of the interaction between cells
and their environment. In this sense, biomaterials with built-
in sensing capabilities have contributed to our understanding
of cell mechanosensing by providing information not previously
available by other bioanalytical methods. For example, it was
not until the work of Harris et al. (1980) with soft silicon
substrates that traction forces generated by cells were quantified
during cell spreading and migration. Decades later, advances in
material science and polymer chemistry have enabled remarkable
improvements of this groundbreaking approach leading to a
better understanding of how cells mechanically interact with the
ECM (Roca-Cusachs et al., 2017).

Noteworthy, although optical microscopy-based techniques
have been fundamental for our understanding of the cell adhesion
process, they often involve endpoint measurements and time-
consuming sample preparation (e.g., immunostaining). This
greatly restricts the temporal resolution achievable with these
techniques. Genetically encoded fluorophores can overcome this
drawback but require modification of cell genome, and the
time span of the measurement is limited by photobleaching.
Transillumination microscopy imaging like phase contrast or
differential interference contrast does not have this limitation,
but provide only qualitative information. In this context, non-
invasive and non-destructive methods stand out as sensitive and
quantitative approaches to study cell-adhesion related processes
in real-time. These include electrochemistry, quartz crystal
microbalance (QCM), surface enhanced Raman spectroscopy
(SERS), and surface plasmon resonance (SPR) (Janshoff et al.,
2010; Méjard et al., 2014; Suhito et al., 2018) (More details of these
approaches can be found in sections “Cell-substrate adhesions”
and “Cell adhesion biomarkers”). Analytical approaches based
on these techniques provide unique information with high
time resolution about the cell-matrix and cell-cell interface. For
instance, electric cell-impedance sensing (ECIS) methods can
easily reveal the formation of cell–cell junctions and cell-substrate
contacts, and are extensively used to follow epithelial maturation
(Ngok et al., 2013; Gamal et al., 2017; Van Der Stoel et al.,
2020). Surface enhanced Raman spectroscopy (SERS) is ideal
to obtain information about biochemical changes inside cells in
the proximity of a nanostructured surface (El-Said et al., 2015;
Haldavnekar et al., 2018; Rusciano et al., 2019).

In cell culture, substrate materials provide the physical scaffold
that supports cells allowing their adhesion and proliferation.
Therefore, these materials have to be biocompatible, meaning
that they have to comply with determined characteristics in
terms of topology, stiffness, and chemical composition. However,
substrates are not necessarily relegated to being a physical
support, on the contrary, by incorporating a transducer element
these materials can reveal crucial aspects that regulate cell
behavior. This type of responsive biomaterials can be classified
as biosensors. Conventionally, biosensors are devices able to
provide selective quantitative analytical information using a
biological recognition element and a transducer component. In
the context of this review, the recognition element is often a

specific cell-binding molecule (e.g., the tripeptide motif Arg-Gly-
Asp (RGD) to bind αvβ3 integrin), while the transducer can
be optical (SERS, traction force microscopy), electrochemical
(ECIS), or piezoelectric (QCM). Because of its pivoting role, the
transducer element will define important aspects of the analytical
response as spatial and time resolution, signal to noise ratio,
and selectivity.

Despite all the progress made in the study on how cells sense
and react to physicochemical properties of their environment,
understanding the mechanisms by which cells can transduce
mechanical signals into biochemical events is still a challenge.
Moreover, the relationship between these events and cell
differentiation, physiological function, and pathology have not
been elucidated (Mohammed et al., 2019). In the field of
regenerative medicine, a scenario like this raises important
questions on how to ensure the efficiency of materials to
promote cell differentiation. In this regard, biomaterials with cell-
instructive characteristics and built-in sensing capabilities could
provide valuable information about cell-material interaction.
Devices capable of providing new sources of information will be
key to elucidate how different properties of the cell matrix affect
cell behavior. In order to discuss the relevance of the biosensors
in cell behavior studies, each section of the review nucleates
biosensors in terms of the biological variable about which they
provide information.

BIOLOGICAL APPLICATIONS OF
BIOSENSORS

Cell-Substrate Adhesions
After a cell in suspension makes the first contact with a substrate,
it carries out successive steps of attachment, adhesion, spreading,
and in some cases followed by migration and proliferation. To
allow cell adhesion, substrates require the presence of adhesion-
promoting proteins or ligands immobilized on the substrate
(Janshoff et al., 2010). There are two options to achieve substrate
modification to elicit cell adhesion: the adhesive molecules are
incorporated during the substrate synthesis or they are secreted
by the cells in the adhesion process. In the second case, the
material has to allow protein absorption. Surface wettability and
topography have a major influence on this process (Prime and
Whitesides, 1991; Janshoff et al., 2010).

Most cells have excellent insulating properties. When cells
adhere on an electrode surface, they modify the environment
at the solution-electrode interface affecting the charge transfer
events at the surface (Giaever and Keese, 1993; Ding et al.,
2008). This phenomenon was exploited by Giaever and Keese
(1984, 1991) when they created the first electrodes to study cell
adhesion using electric impedance. In their design, the substrate
incorporated working electrodes and a counter electrode. The
working and counter electrodes were connected to a lock-
in amplifier, and the culture medium completed the circuit.
The authors monitored cell adhesion events by applying an
alternating sinusoidal voltage and monitoring current. When
cells adhered and spread on the working electrode they generated
an impedance increase as a consequence of the formation of an

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 4 November 2020 | Volume 8 | Article 59795086

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-597950 November 5, 2020 Time: 14:15 # 5

Saffioti et al. Biosensors for Cell Adhesion Studies

insulating layer (Giaever and Keese, 1993). This technique was
called electric cell impedance sensing (ECIS) and due to its high
sensitivity, it has been used for monitoring cells attachment (Han
et al., 2011; Xue et al., 2011), spreading (Wegener et al., 2000;
Arias et al., 2010; Pradhan et al., 2014), locomotion (Giaever
and Keese, 1991; Wang et al., 2008), and apoptosis (Arndt et al.,
2004; Liu et al., 2009). Impedance measurements depend on
the number of cells seeded on the electrode, their morphology,
motility, and on the formation of cell–cell interactions (for
further details see section “Cell-Cell adhesion”). Analysis of
data is aided by mathematical models that allow calculating cell
morphological parameters (Giaever and Keese, 1991; Lo et al.,
1995). For more detailed reviews on ECIS please see Janshoff et al.
(2010) and Hong et al. (2011). The use of ECIS substrates for
monitoring cell behavior has advantages compared to traditional
optical microscopy methods. ECIS is a non-invasive and non-
destructive technique capable of providing information without
the needing for cell staining (Suhito et al., 2018). In microscopy,
quantification of the cell adhesion and spreading requires tedious
data processing compared to the straightforward information
provided by impedance measurements. Besides, impedance can
be registered on cells over days with a temporal resolution
of seconds (Hong et al., 2011). Moreover, transparent ECIS
substrates can be excellent complements to optical microscopy
as ECIS can provide information not easily accessible to
visualization like the formation of cell-cell junctions, or cell
micromotion (Giaever and Keese, 1991; Lo et al., 1995) (Table 1).

Coatings on substrate materials for ECIS can offer better
control of adhesive cell behavior without hampering the
sensing capabilities of the electrodes (Giaever and Keese,
1986). Different strategies, including adherent polymer coatings

(Choi et al., 2015), self-assembled monolayers (SAM) (Parviz
et al., 2017), metallic nanoparticles (Kim et al., 2013; Pallarola
et al., 2017a), carbon nanotubes (Srinivasaraghavan et al., 2014),
and silicon nanowires (Abiri et al., 2015) have been reported.
Susloparova et al. (2015) created new substrates for ECIS using
open gate field-effect transistors instead of gold electrodes,
which allowed to obtain single-cell resolution of the impedance
measurements. Decker et al. (2019) employed 3D nanostructured
multielectrode arrays to study cell adhesion. Using nanoimprint
lithography, the authors created an electrode with incorporated
nanostructures in different forms, dimensions, or pitch lengths
in a reproducible way. By changing the synthesis parameters,
especially the time during electroplating, the height and shape
of the nanostructures could be modulated (Figures 2A,B). The
authors created a multi-electrode array with half of the electrodes
with nanostructured patterns and half without them. The authors
tested different type of nanostructures with a pillar shape
modifying the distances between nanostructures and their shape.
Cells could attach to both the nanopatterned and unpatterned
electrodes, although the nanostructured ones displayed a lower
impedance (Figure 2C). However, upon cell adhesion some
nanostructures showed increased cell-nanostructure coupling
and increased impedance change as consequence of cell adhesion
(Figure 2D). This work showed how nanostructured topologies
on electrodes could improve ECIS biosensing capabilities.
Moreover, ECIS sensitivity could be enhanced using redox
probes. In this approach, the probe (for example [Fe(CN)6]3−)
is incorporated in the culture medium (Ding et al., 2008). Cell
adhesion and spreading on the electrode forms a barrier that
hinders the access of the probe to the electrode, decreasing
electron transfer. Thus, high sensitivity to the area covered by the

TABLE 1 | Comparison between label-free methods to measure cell-substrate adhesion.

Method Principle for
monitoring cell
adhesion

Advantages Disadvantages Resolution References

ECIS Changes in the
impedance at the
electrode-medium
interface

• Cell-surface or cell-cell
adhesion monitoring
depending on current
frequency

• Sensing surface can be
controlled with electrode
design

• Surface can be modified
with micro and
nanostructures

• Obtaining cell
morphological
parameters requires
mathematical modeling

• Classical ECIS senses
bulk cell population (no
spatial resolution)

• Single cell resolution
using MEA

• Spatial sub µmeter
resolution in combination
with SPR or optical
microscopy.

Giaever and Keese, 1993;
Lo et al., 1995; Ding et al.,
2008; Wang et al., 2011;
Susloparova et al., 2015

QCM Changes in resonance
frequency of the
piezoelectric substrate

• Changes in 1D/1f ratio
as a fingerprint for
cell-surface adhesion
process

• Versatile chemical
functionalization of the
substrate

• Non-rigid coatings
complicates
interpretation of data

• Lack of direct correlation
between signal and cell
morphology

• Bulk cell population (no
spatial resolution)

Fredriksson et al., 1998;
Janshoff et al., 2010; Xi and
Chen, 2013; Zhang et al.,
2018

SPR Changes in the
refractive index of the
substrate surface

• High sensitivity to events
within 200 nm of the
surface

• Sensitive to cell
morphology

• Low sensitivity to events
200 nm above the
surface

• Limited to thin coatings
• Relative more expensive

• Classical SPR senses
bulk cell population (no
spatial resolution)

• SPR microscopy allows
µmeter resolution

Rothenhäusler and Knoll,
1988; Willets and Van
Duyne, 2007; Chabot et al.,
2009
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FIGURE 2 | A nanostructured biosensor for the detection of cell-adhesion. In
(A), a SEM image of a nanostructured electrode with incorporated
nanostructures separated by 1 µm (inset: magnification of a tube-like
nanostructure, scale bar: 200 nm). In (B), the image shows, the possible cell
adhesion mechanisms of the cell to the surfaces. Compared to an
unstructured electrode (image at top left) the cell can bind to the top of the
nanostructures increasing cell–electrode distance and lowering impedance
(top right). Alternatively, they can promote cell adhesion resulting in a closer
cell–electrode distance and higher impedance signals after cell adhesion
(bottom left). Finally, it is possible that nanostructures have no effect on cell
adhesion (bottom right). In (C), a representative example of recordings
showing the magnitude of impedance (| Z|), before (control) and after cell
attachment on the nanostructured (no. 1–30), or unstructured electrodes (no.
31–60). In (D), the normalized ratio of the increase/decrease of the impedance
1Z for nanostructured electrodes compared to the unstructured ones.
P-value < 0.05 compared to unstructured electrodes. Figures were adapted
from Decker et al. (2019) with permission. Copyright 2019 John Wiley and
Sons.

cell can be achieved (Ding et al., 2007). A modification of this
strategy was used in a recent work from Du et al. (2020) where
they created a biosensor using nanocomposite materials to follow
the epithelial-mesenchymal transition of A459 lung cancer cells.

Piezoelectric materials can also be employed for monitoring
cell adhesion. Quartz microbalance experiments are performed
on sensor materials made of an α-quartz disk sandwiched
between two metal electrodes. Due to the piezoelectric nature
of α-quartz, any mechanical deformation of the crystal creates
an electrical potential at the quartz surface, and vice versa
(Janshoff et al., 2010; Chen et al., 2018). In most common
approaches, an alternating current is applied between the
electrodes allowing measuring the resonance frequency of the
crystal over time. Cells can adhere and grow on the resonator
surface, which produces changes in its resonance frequency
(1f). Moreover, other materials can be deposited on the
resonator surface to assess the cell adhesion to them. It has
been shown that 1f changes correlate with cell coverage on
the sensor surface (Redepenning et al., 1993; Wegener et al.,
1998; Tagaya et al., 2011). Hence, monitoring 1f as a function
of time was employed to follow cell adhesion, spreading,
and proliferation (Ishay et al., 2015). However, due to the
viscous nature of cells and culture mediums, the changes in
vibrational energy dissipation (1D) of the sensor can also

provide relevant information on cell behavior. Nonetheless, the
link between 1D and the physical characteristics of cells that
elicit these changes has not been understood (Xi and Chen,
2013). The ratio 1D/1f has been regarded as a fingerprint
of the cell adhesion process, as different cell lines display
different 1D and 1f behaviors during adhesion and proliferation
(Fredriksson et al., 1998). QCM sensors can be modified
with coatings to provide enhanced cell adhesion, although
the nature of the coating could influence the responses of
the sensor (Lord et al., 2006). Despite the needing for non-
common materials (α-quartz sensors), QCM is an inexpensive
and valuable technique to monitor cell adhesion dynamics.
Table 1 summarizes the advantages and disadvantages of QCM
in cell adhesion study.

Materials with surface plasmonic properties allow the
implementation of an evanescent wave-based optical technique,
surface plasmon resonance (SPR). SPR can be employed for
monitoring cell adhesion processes in the proximity of the
substrate surface (Chabot et al., 2009; Peterson et al., 2009;
Wang et al., 2012). SPR sensors consist of a glass substrate
(LaSFN9 or BK7) coated with a thin gold layer (∼50-
nm). These sensors allow monitoring cell-substrate interactions
occurring in the proximity of the first few hundreds nanometers
over the gold layer due to the evanescent decay of the
plasmon perpendicular to the surface interface (Willets and
Van Duyne, 2007). The molecules in the proximity of the
interface interact with the confined electromagnetic wave,
resulting in changes in the refractive index at the metal surface
(Homola, 2003; Willets and Van Duyne, 2007). Therefore, events
occurring on the substrate surface such as cell adhesion and
spreading modify the local refractive index of the surface,
which can be followed in real time (Yashunsky et al., 2010;
Borile et al., 2019). The changes in the refractive index
are measured by irradiating the gold surface through a
high refractive index prism in an angle that yields total
internal reflection. The reflected light is interrogated by
varying the angle of incidence at a fixed wavelength or
by changing the wavelength at a fixed angle (Willets and
Van Duyne, 2007). Also, spatial resolution of the cell-
substrate contacts can be obtained using SPR microscopy
(Rothenhäusler and Knoll, 1988). SPR has the advantage of
detecting changes in cell morphology, outperforming ECIS
and QCM in this aspect (Table 1). Noteworthy, SPR can
be combined with electrochemical measurements as the local
effective refractive index on a determined spot depends on
the local charge density of the surface. Changes in the
electrode interface by cell adhesion processes modify the local
impedance of the surface, which is translated into changes in
the local SPR signal. Using this phenomenon, Wang et al.
developed electrochemical impedance microscopy (EIM) using
a transparent conductive substrate with plasmonic properties
(Wang et al., 2011). Mapping the local impedance on the
surface allowed obtaining high-resolution images of the cell-
substrate contacts. This technology is an example of how
recent advances in the use of biosensor substrates allow
characterizing the cell-substrate interaction with increasing time
and spatial resolution.
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Cell–Cell Adhesion
Direct interactions between cells are often mediated by a set
of ligands and receptors expressed by both cells. When cells
have to build long-term bonds between them, they assemble
different types of junctions: adherent junctions, tight junctions,
and desmosomes (Ladoux and Mège, 2017). In other cases, cell–
cell adhesions have to be transient like those formed by the
natural killers lymphocytes and their target cells (Orange, 2008).

Recently, Pallarola et al. (2017a) developed a nanostructured
electrochemical sensor exhibiting high sensitivity to the
constitution of cell–cell adhesion interactions. The sensing
platform consisted of a 100-µm-diameter ITO microelectrode
patterned with an ordered array of AuNPs, and surrounded by
a SiO2-insulating layer (Figure 3A). The sensor was built by
a combination of diblock copolymer micelle nanolithography
(Pallarola et al., 2014) and photolithography. The use of a
gold nanopatterned surface allowed a precise control over
the distribution of cell adhesion ligands on a non-adhesive
PEG-passivated background (Pallarola et al., 2017b). Cell
behavior was monitored over several hours by simultaneous
electrochemical impedance spectroscopy and optical microscopy
(Figure 3B). The surface of the electrode exhibited high
sensitivity toward early events of cell interaction. Resistance
and capacitance recordings were used to study the behavior of
different cell types. It was observed that cell lines expressing
lower levels of E-cadherins registered lower resistance values at
low frequency (429 Hz) (Figures 3C,D). This was in agreement
with the fact that increased cell-to-cell adhesion results in a
lower paracellular current (Hong et al., 2011). This feature
allowed for distinguishing between different cell types based
on the density of adherent junctions, as observed for MCF-7
cells, in comparison with MCF-10A cells. This approach is
a powerful tool to study the dynamics of cell–cell contact
formation and remodeling of junctions under specifically
engineered environments in a highly sensitive, instantaneous,
and non-destructive manner.

The integrity of epithelia relies on the ability to form strong
junctions between cells. Another suitable approach to monitor
the formation of cell-cell contacts is to measure the electrical
impedance across an epithelium placed between two electrodes.
Measurements of trans-epithelial electrical resistance (TEER) is a
valuable method for evaluating in vitro barrier tissue integrity.
TEER measurements of cell cultures were widely utilized in
research (Ferruzza et al., 1999; Huh et al., 2010; Lippmann
et al., 2012) and for a more detailed review on this topic
see the article of Srinivasan et al. (2015). In particular, the
integration of immobilized TEER electrodes with microfluidics
holds great potential to study cell barrier functions and cell
behaviors in cell-mimetic environments. For example, Henry
et al. (2017) developed a robust approach to fabricate organ-
on-chip based on microfluidics with fully integrated electrodes
(Figures 3E,F). The assembly of tight junctions was monitored
by measuring the TEER and capacitance at low frequency. The
authors demonstrated that when cells established tight junctions
between them, capacitance reaches its maximum. A classical
experiment to prove the ability of electrochemical devices to
measure the formation of tight junctions is to add EGTA to

the culture medium (Lo et al., 1995). The authors also showed
that impedance decreased over time when Ca2+ is sequestered
due to of disassembly of the tight junction (D’Angelo Siliciano
and Goodenough, 1988). After EGTA is removed, tight junctions
are assembled again and impedance is recovered (Figure 3G).
Also, the authors could employ the chip to follow the behavior
of airway epithelial cells cultured in an air-liquid interface
(Figure 3H). The work established a standard and reproducible
protocol for the fabrication of organ-on-chip systems with
TEER-based sensing capabilities. This kind of platforms displays
promising applications as TEER measurements are frequently
used to follow epithelial integrity and differentiation in organs-
on-chips (van der Helm et al., 2019; De Gregorio et al., 2020).

Cell and Tissue Architecture
When cells constitute tissues, cell–ECM and cell–cell adhesions
are orchestrated to achieve proper collective structure and
organization. During tissue formation, cells selectively form
bonds between them, change shape, migrate, and synthesize ECM
(Gumbiner, 1996). In this context, materials with the ability
to control topological and geometrical properties of cells are
desired in order to induce the same cell architecture found in
normal tissues. Due to the frequent complex 3D topological
organization of cells in tissues, analyzing the response of single
cells in vivo is challenging (Ladoux and Mège, 2017). Therefore,
smart in vitro strategies are necessary to mimic as close as
possible the conditions of cells in multicellular organizations. The
incorporation of cell geometry aspects adds a layer of complexity
to the design of biosensors, particularly if the nanometric
topologies are also incorporated into the substrate material.

The ability to produce precisely engineered scaffolds can
provide a way to control cell architecture during culture.
Conventional cell cultures lack the ability to control cell
spatial organization, therefore micropatterning techniques have
been developed to create 2D patterns to control cell-substrate
interactions and cell behavior. Micropatterning can be done
by microcontact patterning (µCP), which consist in creating
micro-stamps to deposit an “ink” material on it and print the
material onto a substrate, resulting in a 2D pattern of the
“ink” material on the surface (Alom Ruiz and Chen, 2007).
The first micropatterning methods were developed in the late
60s (Carter, 1967; Harris, 1973). However, they became more
available with the increased accessibility to photolithography
techniques. The use of polydimethylsiloxane elastomer (PDMS)
to prepare molds made the process easier, allowing to print
patterns of proteins on substrates (López et al., 1993b), and
to employ them to study cell adhesion in different patterns
(Whitesides et al., 2001). There are other methods to create
micropatterns on surfaces like photolithography (Bélisle et al.,
2009; Kim et al., 2010), microwritting (López et al., 1993a), and
microfiltration (Kailas et al., 2009), although µCP remains as one
of the most common methods (Théry, 2010). Micropatterning
was also successfully combined with nanopatterning to create
substrate materials controlling topography aspects in the micro
and nanometer range (Ren et al., 2017). New strategies were
developed for orthogonally functionalized surfaces with two
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FIGURE 3 | Biosensors based on electrochemical readout for monitoring cell-cell junctions. In (A), the image on the left shows an optical microscopy image of a
cell-coated sensor. The magnification shows a cell on a nanopatterned surface, where the golden dots correspond to the AuNP in a quasi-hexagonal array. In (B),
phase-contrast microscopy images show cell adhesion dynamics on a nanopatterned electrode (53 nm spacing between AuNP). AuNP were coated with specific
αvβ3-ligands. Scale bar: 30 µm. In (C,D), the graphs show resistance and capacitance respectively, as a function of time for MCF7 and MCF10A cell lines. The
results indicate that MCF7 cells induce a higher change in the electrode resistance in comparison with MCF10A cells. This can be attributed to the differential
expression of E-cadherin. Figures (A–D) were adapted from Pallarola et al. (2017a) with permission. Copyright 2017 American Chemical Society. In (E), the image
shows a schematic representation of the device for measuring transepithelial electrical resistance. The IExcite electrodes apply a small current of 10 µA and the VMeas

electrodes measure the respective potential across the cell epithelium. In (F), the left panel shows a CAD model of the chip employed, while on the right panel a
photograph of the assembled chip is shown. Gold electrodes were patterned on polycarbonate substrates. The polyethylene membrane where the cells adhered
was placed between two PDMS layers that formed the microfluidic channels. The assembly was placed between two polycarbonate layers to assemble the chip.
The graph in (G) shows the relative impedance change as a function of time of intestinal epithelial cells in the absence or presence of 5 mM EGTA. The decrease in
impedance in the presence of EGTA was attributed to the disassembly of the cell to cell junctions. The graph in (H) shows the TEER and capacitance of a culture of
airway epithelial cells as a function of time. In this case, the cell line was cultivated submerged in liquid medium on both sides of the epithelium. Then, on day 6, the
liquid of the upper chamber was removed. Thus, an air-liquid interface was generated (ALI) emulating the natural environment of the cells. Figures (E–H) were
adapted from Henry et al. (2017) with permission. Copyright 2017 Royal Society of Chemistry.

different adhesion ligands, controlling each nanodistribution
independently (Polleux et al., 2011; Guasch et al., 2016; Yüz et al.,
2018). Surfaces could be tailored with Au or TiO2 nanoparticles
that act as anchor points of cell adhesive ligands. A similar
approach was used to functionalize orthogonally micropatterns
on a surface with two ligands with specificity for either α5β1 or
αVβ3 (Guasch et al., 2015). Using photolithography and metal
sputtering, a micropatterned surface consisting of stripes of Au
or TiO2 was synthesized. The different Au or TiO2 areas could be
functionalized selectively by using integrin ligands with a thiol
or phosphonic acid group respectively. These examples show
how adhesive ligand distribution of a substrate can be precisely
controlled to build micro and nanopatterned substrates.

The creation of micropatterns on different materials opens the
possibility to introduce topographical features on surfaces with
built-in sensing capabilities. Micropatterning can be applied to
sensing materials in order to study the role of cell architecture
on mechanobiology. Ribeiro et al. (2015) created Matrigel
microtopographies on polyacrylamide substrates with embedded
fluorescent beads to study the differentiation of cardiomyocytes
from human pluripotent stem cells (hPSC-CM). The material
design allowed to: (i) control the 2D cellular aspect ratio on
the substrate; (ii) modulate the stiffness of the substrate; (iii)
measure the contractile force of cardiomyocytes by traction

force microscopy (TFM). hPCS-CM were cultivated on isolated
rectangular micropatterns with different aspect ratios. The
authors showed that myofibril alignment and contractile forces
along the major axes of the cell were greatest in high aspect
ratios (7:1) and physiological stiffness (10 kPa). These conditions
indicated a more differentiated phenotype compared to cells
growing on micropatterns with different aspect ratios and/or
substrate stiffness. The results were also supported by the
characterization of Ca2+ signaling, mitochondrial organization,
and protein expression in the cells. The ability of this functional
material to modulate cell aspect ratio, substrate stiffness, and
force transduction constituted a powerful tool to control hPCS-
CM differentiation.

However, despite the versatility of micropatterning
techniques on 2D substrates, they fail to mimic in vivo-like
3D microenvironment and organization. Several strategies
have been developed to create biomimetic 3D scaffolds like
solid porous substrates (Lai et al., 2012), hydrogels matrixes
(McKinnon et al., 2013), microconduits (Anderson et al., 2016),
and microtracks (Kraning-Rush et al., 2013). The use of two
photon polymerization allowed to create very complex 3D
scaffolds for cell culture (Turunen et al., 2017). Nevertheless,
the incorporation of controlled nanopatterning and built-in
sensing capabilities is still a challenge in 3D culture matrixes.
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To create a 3D biosensor that could transduce cell behavior in
3D environments, Pitsalidis et al. (2018) designed an organic
biotransistor, in which the conductive polymer poly(3,4-
ethylenedioxythiophene) was doped with poly(styrene sulfonate)
(PEDOT:PSS) to create a suitable scaffold for cell growth.
The addition of collagen and single-walled carbon nanotubes
(SWCNTs) for improving biocompatibility and electrical
performance, respectively, was also studied. Then, the polymer
scaffold was fixed between two electrodes in a chamber filled
with aqueous solution containing a gate electrode. In these
conditions, the organic polymer scaffold was in direct contact
with two electrodes and indirectly with the gate through the
aqueous medium. The system behaved as a transistor, the two
electrodes induced a current that went through the scaffold,
which depended on the gate voltage. Due to the porous nature
of the scaffold, cells could attach and grow in it. Madin-Darby
canine kidney cells II (MDCKII) proliferation inside the porous
scaffold induced a decrease in transconductance, which allowed
monitoring cell growth in real-time. Also, after 3 days of culture
MDCKII cells exhibited less transconductance compared with
telomerase immortalized fibroblast (TIF). The authors explained
these results by the presence of a higher density of cell-cell
junctions in MDCKII compared to TIF. Although this device
is not yet fully biomimetic, it represents a step forward in
creating electrochemical sensing platforms for 3D cell culture
studies in real-time.

Cell Adhesion Biomarkers
Biochemical signals have a critical role in tissue formation.
They can be found free in the extracellular medium, embedded
in the ECM or at the surface of other cells like the Notch
signaling pathway (Chacón-Martínez et al., 2018). At the same
time, cell differentiation is followed by the release of biochemical
mediators like neurotransmitters in neurons (Kim et al., 2015;
Kruss et al., 2017), hormones in endocrine cells (Lund et al., 2016;
Hunckler and García, 2020), and ECM components (Mehlhorn
et al., 2006; Zhang et al., 2020). Moreover, differentiation induces
changes in cell metabolism that modifies the concentrations
of intermediates in metabolic pathways (Quinn et al., 2013;
Carey et al., 2015). The creation of active materials capable of
detecting molecules released by cells, although is highly valuable,
yet remains a challenge. This can be attributed to the fact that,
in many cases, the sensor material is passivated by the same
molecules released by cells (Spégel et al., 2007), and because
of the complex mixtures of biochemicals that can interfere in
the sensing process (Huang et al., 2011). Furthermore, high
sensitivity should be provided, since often the concentration of
the target molecule reaches low concentrations and for short
periods of time (Amatore et al., 2008).

Electrochemical biosensors provide a versatile and sensitive
means to probe the content of biological environments
(Ding et al., 2008). Wang et al. (2018) created stretchable
photocatalytically renewable electrodes for nitric oxide (NO)
sensing by functionalizing PDMS films with a nanonetwork
of Au nanotubes (NTs) and TiO2 nanowires (NWs). The Au
NTs rendered electrochemical sensing performance, while the
TiO2 NWs provided photocatalytic activity to recover the

performance of the sensor after UV irradiation. In addition,
electrochemical biosensors can measure neurotransmitters
released by neurons, measuring the redox reaction of a
neurotransmitter with the electrode. Kim et al. (2015) created
a nanopatterned electrochemical sensor to monitor the
dopaminergic differentiation of human neural stem cells
(hNSCs). The nanopatterned surface showed increased cell
adhesion and spreading of a dopaminergic cell line (PC12) and
enhanced sensitivity toward dopamine compared to a planar gold
or ITO electrode. Spatial resolution of neurotransmitter release
could be obtained by using microelectrode arrays (MEAs).
Wang et al. (2013) created subcellular MEAs ranging from 4 to
16 µm2 to record the release of dopamine across single cells and
PC12 cell clusters.

In addition to sensors based on electrochemical transduction,
sensors based on optical readout have been proposed to
monitoring molecule release by cells (Kim et al., 2018; Dinarvand
et al., 2019; Liu et al., 2020). Kruss et al. (2017) developed
single-walled carbon nanotubes wrapped with short DNA
sequences (DNA-wrapped SWCNT) to measure dopamine
release from PC12 cells. These DNA-wrapped SWCNT displayed
near-infrared fluorescence and changed their fluorescence
emission spectrum in presence of specific organic molecules
(Figure 4A). The authors optimized the DNA sequences
to improve the selectivity and sensitivity toward dopamine.
Then, sensors were immobilized on a glass surface and PC12
cells were seeded on it. PC12 cells dopamine release was
measured by fluorescence microscopy. Surface immobilized
DNA-wrapped SWCNT fluorescence emission depended on
the local dopamine concentration on the surface. The authors
recorded fluorescence images of the cells and divided the
image into discrete pixels. A fitting algorithm was developed
for the normalized fluorescence intensity traces of the pixel
groups. Using this method the authors could localize transient
peaks in fluorescence recordings due to dopamine exocytic
events (Figure 4B). Results showed that PC12 cells secreted
dopamine at determined exocytosis sites or “hot spots,” instead
of a release of neurotransmitters at random locations on the
membrane (Figures 4C,D). Notably, the authors demonstrated
that the substrate functionalized with DNA-wrapped SWCNTs
could render higher spatial resolution compared with MEAs
and similar time resolution to that of cyclic voltammetry-
based sensors.

Among existing materials for detecting the release of
molecules from cells, metal nanopatterned substrates have
a remarkable advantage. Metal nanostructured surfaces with
plasmonic properties can enhance the Raman scattering of
molecules, a phenomenon known as surface enhanced Raman
scattering (SERS). Raman scattering occurs because of the
inelastic scattering of photons by molecules. Due to their different
vibrational modes, molecules produce a spectrum of Raman
scattered light, which contains information about the chemical
identity of the molecule (Kneipp et al., 2010). The Raman
scattering is often weak, but when the molecules are very close to
the metal nanostructured surface, their Raman scattering can be
enhanced several orders of magnitude. The detailed mechanisms
by which molecules enhance their Raman scattering near metal

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 9 November 2020 | Volume 8 | Article 59795091

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-597950 November 5, 2020 Time: 14:15 # 10

Saffioti et al. Biosensors for Cell Adhesion Studies

FIGURE 4 | Detection of dopamine released by PC12 with nanosensor arrays. In (A), a scheme of the biosensor surface where DNA-wrapped SWCNTs were
immobilized on a glass surface. Surfaces were coated with collagen to facilitate cell adhesion. The DNA-wrapped SWCNTs modified their fluorescence spectrum as
a consequence of non-covalent dopamine binding. In (B), the scheme shows the analysis of experimental images. Each pixel of the images corresponded to a
region containing one or more DNA-wrapped SWCNT nanosensors. Each pixel of the fluorescence movies produces a trace that contains information about the
local dopamine concentration. A function was fitted to the data of each pixel to obtain the amplitude, width, and time of the signal. The fitted parameters can be
represented in false-color images. In (C), the image shows released dopamine profiles across the border of different cells. For this analysis, only pixels on the cell
border were considered. On the top of (C), 3D plots of fitted sensor signal responses at different times before or after stimulation (t0) are shown. Height and color of
the 3D plot surfaces indicate the relative fluorescence change in pixels in the cell border normalized to the maximum fluorescent change in the same cell (values
between 0 and 1). Results show that the maximum response is acquired at t0, then signal decreases. In (D), images 1, 2, and 3 indicate different cells and their
respective 3D plots. In this case, the height of 3D surface plots shows the maximum dopamine response obtained in each pixel, showing that dopamine is released
at particular locations or “hot spots” on the cell membrane. Figures were adapted from Kruss et al. (2017) with permission. Copyright 2017 National Academy of
Sciences.

nanostructures are beyond the scope of this review, but the reader
can refer to these excellent articles for more details (Haynes et al.,
2005; Kneipp et al., 2010; Schlücker, 2014).

SERS is a promising strategy to analyze the chemical
composition near a nanostructured surface in a non-invasive and
sensitive way. Cells can be seeded on SERS substrates, and once
they adhered and spread, their chemical composition near the
surface can be studied by irradiating the substrate and measuring
the Raman spectra. Over the years, a wide diversity of metal
nanostructured surfaces have been created for SERS, such as
nanoparticles attached to a surface (Freeman et al., 1995; Zhai
et al., 2009; Lussier et al., 2016), nanopillars (Kang et al., 2015;
Li et al., 2016), nanoholes (Abdelsalam et al., 2005; Luo et al.,
2019), and others (Yüksel et al., 2017; Yao et al., 2020). A detailed
review on the fabrication of SERS substrates can be found in Fan
et al. (2011). El-Said et al. (2015) built a nanopatterned surface
for in vitro monitoring of neural stem cell (NSC) differentiation.
The authors electrochemically deposited Au on an ITO surface to
obtain an array of Au nanostars. PC12 cells adhered and spread
on this substrate, and could be electrically stimulated due to the
conductive characteristics of the material. The Raman spectrum
was recorded at different stages of the cells differentiation process

and exhibited different peaks that could be attributed to the
presence of specific functional groups in biomolecules. Although
it is difficult to link the changes in Raman spectra with specific
changes in cell biochemistry composition, the Raman spectra can
be used as a fingerprint to follow the cell differentiation process
in a non-invasive manner.

Excitatory Cell Adhesion
Changes in membrane potential are a critical aspect of neurons
and myocytes function. Action potentials travel through the
membrane of these cells allowing communication of signals
between different parts of the cell, eliciting the release of signaling
molecules like neurotransmitters, and triggering contractile
activity of muscle cells. Thus, proper cell electrical activity is
an important characteristic of neural and cardiac differentiated
tissues (Gunhanlar et al., 2017; Karbassi et al., 2020). Nowadays,
neural and myocyte single-cell electrical activity can be measured
by patch clamp techniques, optical imaging using genetically
encoded or extrinsic fluorophores and substrate-integrated
MEAs (Spira and Hai, 2013).

In particular, MEAs provide non-invasive monitoring of
electrical activity and stimulation of multiple neurons in vitro
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and in vivo (Hutzler et al., 2006; Berdondini et al., 2009).
At the beginning, electrodes were only capable of registering
extracellular potential of cells (Thomas et al., 1972; Gross et al.,
1977; Pine, 1980; Csicsvari et al., 2003), however, modifications
of the material topology allowed to record the intracellular action
potential. This could be achieved by the generation of protrusions
of different shapes like mushrooms (Hai et al., 2010) and pillars
(Robinson et al., 2012) where electrodes are inserted into the cell.
Another configuration was created by Desbiolles et al. (2019).
These authors fabricated a surface containing nanovolcanoes
with an electrode in their interior. Cells fused spontaneously with
the nanovolcano allowing the electrodes to be in contact with the
intracellular medium (Desbiolles et al., 2019). Other approaches
include kinked nanowires (Tian et al., 2010) or nanotubes (Duan
et al., 2012). In these cases, the nanostructures allow a field-
effect transistor to gain access to the intracellular medium.
Protrusive nanostructures disrupt the membrane and insert
into the cytoplasm spontaneously (Desbiolles et al., 2019), by
electroporation (Xie et al., 2012), or by chemical functionalization
(Duan et al., 2012).

Planar patch clamp chips are other type of substrates used
to measure intracellular potential, constituting a protrusion-free
approach. Using this strategy, Martina et al. developed a planar
substrate with holes from 2 to 4 µm in diameter that connected
to a microfluidic channel under the surface (Martina et al.,
2011). Neurons adhered to the substrate and spread, covering
the holes. Then, negative pressure was applied in the channel,
which breaks the cell membrane and connects the cytoplasm
with the microfluidic channel, similarly to a whole-cell patch-
clamp configuration. Thus, the intracellular potential could be
registered through the microfluidic conduits.

Usually, electrodes in MEAs are made of metallic conductors
like gold, titanium nitride, platinum, and alloys like iridium
oxide (IrOx). Electrode surface can be modified with porous
materials from platinum, gold nanostructures, CNTs, and
conductive polymers like poly(3,4-ethylenedioxythiophene)
(PEDOT) (Obien et al., 2015) to increase the effective surface
area of electrodes. In the last years, the use of complementary
metal-oxide-semiconductor (CMOS) technology provided an
increase of electrode density in MEAs (Obien et al., 2015).
Despite the promising sensitive capabilities of protruding
conductive electrodes to measure intracellular action potential,
their effects on cells are not fully characterized. For example,
it has been reported that protrusions that insert into cells
could alter intracellular trafficking (Zhao et al., 2017).
In the case of non-protrusive strategies like planar patch
clamp chips, the measurement time could be limited by
the perfusion of microfluidic liquid into the cell. Because
of this, a different approach was employed by Dipalo et al.
(2018) consisting of MEAs made of platinum or gold porous
electrodes (Figures 5A,B). The electrodes acted as plasmonic
antennas, which under infrared light illumination generated
acoustic waves that transiently porate the cell membrane at the
illuminated spot, a process named “optoacoustic poration.” A
platinum porous electrode was placed on top of the aluminum
surface of the CMOS-MEA electrodes. Cardiomyocytes derived
from human-induced pluripotent stem cells (hiPSCs-derived

cardiomyocytes) were cultured on the MEA. After optoacoustic
poration of cardiomyocytes the intracellular action potentials
could be recorded (Figure 5C). Interestingly, membrane
potential recordings were not affected by repeated optoacoustic
porations on the same spot or different spots on the same
cell (Figures 5D,E). The material took advantage of the
nanostructured properties of the porous electrode to facilitate
the access to the intracellular medium and provided a robust and
reliable way to measure intracellular action potentials.

Measurements of Cell-Generated Forces
Upon adhesion, cells generate contractile forces to their
supporting material. On materials of soft composition, the forces
transmitted from the cells cause substrate deformation. This
phenomenon can be exploited to assess the link between the
mechanical properties of cells and the stiffness of the extracellular
environment. In the beginning, forces were estimated by
counting wrinkles as a consequence of material deformation
by the cell (Harris et al., 1980). Forces could be quantified by
a calibration curve created by correlation of forces of known
magnitude with the length of the wrinkles they produce (Burton
and Taylor, 1997). However, this methodology was limited in
terms of spatial and temporal resolution as wrinkles are usually
larger than cells, they develop slowly, and are intrinsically non-
linear (Dembo and Wang, 1999). A major improvement was
introduced in the work of Dembo and Wang (1999), where
fluorescent beads were embedded in the soft polymer layer
on which cells grow, establishing the basis of traction force
microscopy (TFM). In classic TFM, forces exerted by the cells
on the soft material are calculated by tracking the displacement
of the tracer particles by fluorescent microscopy. An image of
the substrate in a stress-free reference state is compared with the
image of the substrate in the presence of cells.

Over the last few years, TFM has been implemented on
diverse elastic materials like silicone, polyacrylamide, and
polyethylene, being polyacrylamide one of the most used due
to its transparency and elastic properties (Mohammed et al.,
2019). Regarding elasticity, substrate materials in TFM are
generally linearly elastic, i.e., stress is directly proportional to
strain, which facilitates force calculation. However, the ECM
is a fibrous network, and therefore elasticity is not linear.
For a more detailed description of the mechanical properties
of the ECM see the recent review from Polacheck and Chen
(2016). The first attempts to measure forces in non-linear elastic
biopolymers were implemented by Steinwachs et al. (2016).
Often, substrate materials are coated with ECM components
like collagen, fibronectin, laminin, or peptide mimetic ligands
of these proteins to provide cell-adhesion sites on the substrate.
A detailed protocol and guideline to perform TFM can be found
in a manuscript from Plotnikov et al. (2014).

In a recent work, Oria et al. (2017) fabricated polyacrylamide
hydrogels of different stiffness embedded with fluorescent
nanobeads and decorated with a quasi-hexagonal array of
gold nanoparticles on their surface (Figure 6A). Nanometer
scale distribution of integrin ligands (cyclic arginine-glycine-
aspartate, cRGD) was achieved by functionalization of the gold
nanoarray, while the tracking of the fluorescent beads allowed
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FIGURE 5 | In (A), a scheme of the porous platinum electrode on the CMOS
amplifier. Due to the structure of the platinum electrode, cell poration can be
done with light (opto-poration). In (B), the image shows a surface electron
microscopy image of the porous platinum surface of an electrode. In the inset,
an image of the CMOS-MEA employed by the authors is depicted. In (C), a
recording of the electrode signal where the instantaneous transition from the
extracellular to intracellular recording takes place. In (D), the image represents
the opto-poration of a cardiomyocyte in the same spot twice (1◦ and 2◦) or in
a different spot (3◦). Results of electrical activity are shown in (E). At the top,
action potential duration at 50% amplitude (APD50) as a function of time after
opto-poration. At the bottom, intracellular signals as a function of time. Signal
amplitude decreased as a function of time due to membrane re-sealing.
However, action potential duration (APD50) remained at the same value, no
matter if opto-poration was performed twice on the same spot or other places
of the cell. Figures were adapted from Dipalo et al. (2018) with permission
Copyright 2018 Springer Nature.

the measurement of cell forces. The created substrates offered
a versatile platform for studying how cells sense spatial and
physical information at the nanoscale. Interestingly, the authors
showed that ligand spacing and substrate stiffness had opposite
effects on cell behavior. Increased adhesion was produced at long
ligand spacing on less rigid surfaces (200 nm, 1.5 kPa) or at
short ligand spacing on more rigid surfaces (50 nm, 30 kPa).
The authors measured the length of FAs on cells that expressed

a paxillin labeled with a green fluorescent protein (GFP-paxillin),
which was an indicator of the maturation of the FA. Results
showed how adhesion depended on the ligand spacing and
surface stiffness (Figure 6B). At higher substrate stiffness, the
cell exerted higher tensile forces on the surface (Figure 6C).
Moreover, cell adhesion was dependent on whether ligand
distribution was ordered or not (homogenous ligand spacing or
random distribution). These results ruled out a molecular-rule
hypothesis in which there is an optimal ligand spacing for FA
assembly and growth. On the contrary, the authors explained
their results by a model that takes into account pulling forces
exerted by myosin on actin filaments, a force threshold that
triggers FA growing, and a maximum integrin recruitment in the
FA. On soft surfaces, ligand spacing has to be long, so that actin-
pulling forces are distributed on fewer integrins. Thus, the force
on each integrin is high enough to trigger FA growing. As more
rigid surfaces were employed, FA can grow until the maximum
number of integrins in the cluster is reached. If stiffness is too
high, the pulling force exerted by the cell overpass the FA binding
force to the substrate and adhesion collapse. This work is an
exquisite example of how materials can be engineered to mimic
different properties of the cellular environment, and at the same
time provide sensitive means for probing cell mechanics.

Recently, TFM substrates were improved by the generation
of precise arrays of fluorescent quantum dots inside a
silicone elastomer by electrohydrodynamic nanodrip-printing.
The creation of controlled arrays of fluorescent particles removes
the necessity of an image of the field after cell detachment
(Bergert et al., 2016). Moreover, the use of super resolution
fluorescence microscopy increased the resolution of the force
map on the substrate (Colin-York et al., 2016; Stubb et al., 2020).
However, calculation of the force maps from the microscopy
images is not a trivial process and requires complex algorithms.
For a more detailed review on this matter see Style et al. (2014),
Schermelleh et al. (2019).

TFM-optimized elastic materials have been created to study
mechanobiology in 3D. The deconvolution in 3D of forces
exerted by the cell on a surface (Maskarinec et al., 2009;
Legant et al., 2013) or inside 3D matrixes (Legant et al.,
2010) was developed. Although the deconvolution of the
force map in 3D environments is still challenging (Polacheck
and Chen, 2016), these approaches hold great promise for
measuring cell forces and mimic the ECM in geometries
that more closely resemble those found in normal tissues.
Vorselen et al. (2020) created a sophisticated version of 3D
TFM by using uniform hydrogel particles with tunable size and
stiffness. These particles were incubated in the cell medium
and suffer deformation as a consequence of the forces applied
to them. A computational method was developed by the
authors to infer the mechanical forces from the deformation
of the hydrogel particles. Thus, the pressure exerted by the
cell to the particle could be measured with high resolution.
This approach moves away from the classical TFM concept
as hydrogel particles are not fixed around the cells but free
to move and interact with them. For example, the authors
could measure the spatial distribution of forces applied by
a macrophage that phagocyted a hydrogel particle. Besides,
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FIGURE 6 | Substrate materials for measuring cell-exerted forces. In (A), the scheme represents the nanopatterned substrate employed by Oria et al. (2017).
Hydrogels with different stiffness and coated with AuNP at different distances were employed. AuNP were functionalized a cRGD-based ligand (integrin ligand). Due
to steric hindrance only one integrin could bind to each AuNP. The length of FA (adhesion length) was measured using cells that expressed GFP-paxillin. In (B),
results show that greater FA were assembled on soft substrates with high spacing between ligands (200 nm, blue dots). On stiffer substrates, longer FA were
detected at shorter ligand spacing (50 nm, red dots). In (C), the graph shows averaged cell tractions as a function of substrate stiffness. The continuous lines
represent the predictions of the model created by the authors to explain the results. Figures in (A–C) were adapted from Oria et al. (2017) with permission. Copyright
2017 Springer Nature. In (D), a scheme of a T cell on an array of elastomer pillars is presented. These pillars were coated with antibodies that activated the TCR and
the CD28 (red coating on the pillars). Forces exerted by cells were calculated by measuring the pillar displacement (δ). In this type of material, pillar displacement is
proportional to the force applied to them (for small displacements). In (E), the images show different phases of the T cell interaction with the substrate. White arrows
indicate the direction of forces and their magnitude. An arrow of the same length of the 5 µm scale bar represents a force of 250 pN. In (F), the graph shows the
force applied to individual pillars as a function of time. Red lines represent the forces exerted on pillars in contact with the cells whereas blue lines indicate forces on
pillars not in contact with the cell. The dotted cyan line represents the average pillar force within the same cell. Time points indicated with bars in the trajectory
correspond to the images in (E). Figures in (D–F) were adapted from Bashoura et al. (2014) with permission. Copyright 2014 National Academy of Sciences.

particles could be tailored with pMHC ligands for the T cell
receptor (TCR) of lymphocytes and I-CAM. These ligands
induced the adhesion of cytotoxic T lymphocytes to the particle,
simulating the interaction of T lymphocytes with their target
cells, thus allowing to monitor forces induced by the T
cell. Remarkably, the authors introduced hydrogel particles as
micrometer tension probes breaking the general concept of TFM
limited to 2D surfaces.

Other class of elastic materials have been developed to study
cell mechanical properties and behavior. The use of micropillars
to measure cell pulling forces was first introduced by Tan
and coworkers (Tan et al., 2003). In this strategy, an array
of cylindrical micrometer-scale cantilevers called micropillars is
fabricated on polyacrylamide or polydimethylsiloxane (PDMS)
substrates. The micropillars top is functionalized with ECM
molecules, allowing cells to adhere on them. Therefore, when
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cells spread and maturate, they exert forces on the micropillars
supporting them. The magnitude of these forces can be calculated
from the micropillar displacement from their undeflected
positions. This has the advantage that there is no need for cell
detachment processes as in classical TFM (Roca-Cusachs et al.,
2017; Banda et al., 2019). Besides, force calculation is simpler
than with TFM, because small deformations follow a linear
regime: micropillar deflection is directly proportional to the force
(Du Roure et al., 2005). A third advantage is that micropillar
stiffness can be modulated to some extent by modifying pillar
geometry (Saez et al., 2007). This feature was exploited to create
a wide range of stepped gradients by combining different pillar
geometries (Lee et al., 2015). However, a major limitation of pillar
arrays is that the substrate is not continuous. Cells can bind only
to discrete spots (the top of the pillars) which can affect the
morphology of cell-ECM adhesion.

Researchers have been exploring the use of micropillars with
magnetic properties to exert controlled forces on cells (Sniadecki
et al., 2007; Le Digabel et al., 2011) or the generation of
nanopatterns on top of the micropillar surface to control ligand
spacing and the selective binding of integrin types (Rahmouni
et al., 2013). Recently, Bashoura et al. (2014) assessed the role of
receptors involved in the interactions of T cell lymphocytes with
APC. A micropillar pattern was coated with antibodies that bind
to the TCR or the CD28 proteins to mimic the activation exerted
by the ligands of these proteins (Figure 6D). Thus, the micropillar
surface simulates the membrane activation by the APC. Pillars
were also coated with fluorescent molecules to facilitate the force
map generation. Using antibodies or ligands for the TCR or
CD28, the authors could demonstrate that T lymphocytes exert
pulling forces through the TCR (Figures 6E,F), whereas CD28
on its own does not mediate forces. Instead, CD28 is important
for signal transduction.

Other approaches have been developed where forces can
be measured without the need for soft deformable substrates.
In 2012, Salaita’s group developed a sensitive approach to
spatially and temporally map forces exerted by cells. Similar
to protein tension probes expressed by cells (Grashoff et al.,
2010), they implemented molecular probes as force transducer
sensors (Stabley et al., 2012). The sensor consisted of a flexible
polyethylene glycol (PEG) linker covalently bound to a ligand at
one terminus and anchored onto a surface. The ligand and the
surface were functionalized with a fluorophore and a quencher
molecule, respectively. In a resting state, the linker is in a
collapsed conformation, allowing the fluorophore to be quenched
due to proximity with the quencher. When a force is applied
to the probe, the linker stretches, separating the fluorophore
from the quencher and increasing the fluorescence yield of the
probe. Thus, knowing the quenching efficiency at a particular
spot on the surface, it is possible to determine the distribution
of collapsed/extended probes. As a proof of concept, the authors
used an epidermal growth factor (EGF) ligand to map forces
associated with initial uptake and trafficking of the EGF receptor
(EGFR) upon binding to its cognate ligand. This work was
motivated by the need for functional materials that can surpass
the limitations of TFM in terms of sensitivity, spatial, and
temporal resolution. Later on, the same group applied a similar
concept to quantify the innate forces involved in the binding

FIGURE 7 | Molecular fluorescence tension microscopy substrates. In (A), the
image shows a drawing of a cell adhered on the nanostructured biosensor
surface. In (B), the chemical structure of the tension probe synthesized by the
authors is shown. The probe is composed of three main components, a cyclic
RGDfK which constitutes the integrin ligand (represented by a blue triangle), a
Cy3B dye (represented by a red dot), and a PEG chain with a thiol group at
the end (represented by a gray line). The probe binds to the AuNP through the
thiol group and acquires a collapsed conformation in the absence of pulling
forces on the probe. Each AuNP has on average 2.5 probes. The image in (C)
shows the scheme of the molecular probe. In a rest position the probe
acquires a collapsed conformation where the Cy3B fluorescence is quenched
by the AuNP. Upon exertion of pulling forces by the cell, the linker stretches
and the fluorescent probe is no longer quenched. In (D), the graph shows the
mean tension per ligand across one entire cell on substrates coated with
AuNP at different interparticle distances. After 1 h only cells on surfaces with
high ligand density (50 nm spacing) could exert forces higher than 5 pN. The
graph in (E) shows the GFP-paxillin cluster size (which indicates FA size) as a
function of time. The increase in FA size was correlated with high tension as
observed in (D). Figures were adapted from Liu Y. et al. (2014) with
permission. Copyright 2014 American Chemical Society.

of TCR to the pMHC (Liu et al., 2013, 2016). The force sensor
consisted of a DNA hairpin labeled with a fluorophore-quencher
pair immobilized onto a gold nanoparticle (AuNP). Both the
molecular quencher and AuNP supported on glass quench the
fluorophore by FRET and plasmon effect, respectively. The dual
quenching mechanism provided increased sensitivity and lower
background signal.

The use of molecular tension probes was also implemented
on nanopatterned surfaces to study the molecular biophysics
of integrin ligand clustering (Liu Y. et al., 2014) (Figure 7A).
Nanopatterned surfaces were prepared to create an array of
AuNP, in which the distance between AuNP is precisely
controlled (between 30 and 300 nm). Molecular tension probes
were bound to AuNP on one extreme and had an integrin
ligand [cyclic Arg-Gly-Asp-dPhe-Lys, c-(RGDfK)] on the other.
A Cy3B fluorophore was located next to the integrin ligand
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(Figure 7B), so in the resting state, the fluorescence was quenched
by the plasmon of the AuNP via nanometal surface energy
transfer (NSET) (Figure 7C). The authors studied the adhesion of
NIH/3T3 fibroblasts that expressed a recombinant GFP-paxillin
(a protein expressed at the FA). A relationship between integrin
ligand density and the magnitude of forces exerted by NIH/3T3
fibroblast was found. At low ligand density (100 nm of ligand
spacing) cells showed less adhesion, smaller FA after 30 minutes,
and lower pulling forces compared to cells cultured at higher
ligand density (50 nm of ligand spacing) (Figure 7D). In the latter
case, forces exerted by cells increased until a maximum value (at
1 h) after which forces remained constant. This could indicate
that integrin ligand density has to be high enough to harness actin
and myosin driven tension, which is necessary for FA maturation.
Using cells expressing GFP-paxillin, the authors could measure
the size of FA (Figure 7E). Results showed a similar behavior of
the forces and FA size as a function of time. At higher ligand
densities, cells exerted higher forces and assembled bigger FAs.

SUMMARY AND FUTURE
PERSPECTIVES

In the last years, advances in material synthesis have allowed the
incorporation of sensing capabilities into cell substrate materials,
which expanded the experimental information obtained from
cell adhesion studies. This trend continued as novel synthetic
strategies to tailor specific properties to materials were in
constant development, leading to improvements in terms of
sensitivity, spatial, and time resolution. In addition, modulation
of topographical and chemical features allowed more control
over cell functions. Surface nanopatterning was crucial to
reproduce the physicochemical characteristics of the cellular
microenvironment, creating accurate synthetic ECM analogs.
Novel synthetic strategies together with sophisticated analysis
techniques contributed to address important aspects of the
mechanism by which cells interact with their microenvironment.
For instance, accurate localization of fluorescent nanotracer
inside soft elastic materials was crucial to spatially and
dynamically map cell forces by stimulated emission depletion
(STED) microscopy (Bergert et al., 2016; Stubb et al., 2020).
Adding multiple features to the functional material provides
more realistic physiological conditions and higher information
output as demonstrated using precisely distributed nanometer-
scale arrays of ECM ligands on TFM substrates of variable
rigidity (Oria et al., 2017). 3D soft architectures with programmed
physicochemical properties incorporating a transducer element
were also demonstrated (Pitsalidis et al., 2018; Vorselen et al.,
2020), which constitute a necessary step towards a new paradigm
for in vitro studies of cell processes.

3D synthetic microenvironments provide a platform for cell
culture and cell analysis ex vivo where cells behave more natively
(Weigelt et al., 2014). Advances in 3D culture platforms that
merge biosensing capabilities with sophisticated biochemical and
biophysical properties as those found in the native ECM allow
the real-time study of mammalian tissues (Shamir and Ewald,
2014). This type of stimuli-responsive functional materials would
be ideal toward understanding how cells change their phenotype

and acquire specific functions as a consequence of the cues from
the environment. This is an important aspect of tissue physiology,
and a critical step to understanding alterations that lead to tissue
pathophysiology (Bhatia et al., 2014; Pickup et al., 2014; Gaetani
et al., 2020). In this context, biomimetic 3D biosensors for cell
culture will increasingly contribute to physiology, histology, and
physiopathology studies.

3D matrices that combine essential biophysical and
biochemical aspects of the native cellular microenvironment
with biosensing features will also bring benefits to the field of
tissue regeneration and healing. A major goal in this field is to
improve the biointegration of orthopedic and dental implants
with the surrounding tissues. During decades, numerous
surface modification strategies based on chemical coatings
and nanotopographical features were developed (Mas-Moruno
et al., 2019). However, despite the research efforts, implants
still nowadays fail at an unacceptable rate (Raphel et al., 2016).
This, in part, is due to the lack of critical information about the
mechanisms governing the material biointegration process. In
this perspective, ECM mimetics able to monitor cell adhesion
dynamics quantitatively in real time hold great promise toward
a rational design of ‘smart’ implants that possess cell-instructive
characteristics.

A further challenge should be devoted to the development of
novel approaches that could provide information in real time
of the cell behavior in vivo. Mammalian tissues and organs
are particularly difficult to study by direct optical observation
(Shamir and Ewald, 2014). This is the case for a number
of diverse 3D culture formats including organoids (Simian
and Bissell, 2017). Electrochemistry could provide the means
to accomplish this goal. Conducting polymers, for instance,
are excellent building blocks for the creation of electrically
responsive hydrogels (Zhang et al., 2019; Yang et al., 2020),
although improvements in conductivity are desired to achieve
highly sensitive cell sensing. Alternatively, the integration of
hydrogels with conductive nanomaterials could overcome those
limitations (Li et al., 2018). A fundamental requirement is
to maintain not only the morphology of the hydrogel, but
also the electrostatic and biocompatible properties, which will
be essential for observing cells on a controllable nature-loyal
microenvironment.

The electronic industry had advanced in the creation of
complex circuits in very small dimensions. Adapting these
advances to the field of cell biology emerges as a promising
way to improve biosensor sensing capabilities. For example, the
incorporation of CMOS-based MEAs in biosensors increased the
density of electrodes on a surface (Obien et al., 2015), and with it
the spatial resolution. Moreover, electrochemical biosensors can
enhance biocompatibility by the creation of flexible electrodes
(Song et al., 2020).

Finally, substrates with built-in sensing capabilities are suited
for multiparametric cell monitoring. For example, transparent
electrodes allow simultaneous microscopy observation and ECIS
recordings (Pallarola et al., 2017a; Parviz et al., 2017), whereas
nanostructured conductive substrates allow the implementation
of ECIS and SERS (Zong et al., 2015). Often the result is more
than the sum of its parts; SPR conductive substrates allowed
the creation of electric impedance microscopy which added
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spatial resolution to ECIS measurements (Wang et al., 2011).
Multiparametric approaches increase the information output
from cell culture experiments. A further challenge will be the
creation of computational models and simulations that could
help to interpret and understand the multi-scale information
obtained by multiparametric biosensors.
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Accurate mechanical characterization of adherent cells and their substrates is important
for understanding the influence of mechanical properties on cells themselves. Recent
mechanobiology studies outline the importance of mechanical parameters, such as
stress relaxation and strain stiffening on the behavior of cells. Numerous techniques
exist for probing mechanical properties and it is vital to understand the benefits of
each technique and how they relate to each other. This mini review aims to guide the
reader through the toolbox of mechanical characterization techniques by presenting
well-established and emerging methods currently used to assess mechanical properties
of substrates and cells.

Keywords: biointerfaces, mechanical properties, mechanotransduction, cell-substrate interactions, atomic force
microscopy, traction force microscopy, Brillouin microscopy, magnetic tweezers

INTRODUCTION

When engineering mechanical cues to study cell mechanotransduction, it is important to take
into account how the cells sense the mechanical properties. Material mechanical properties ought
to be measured at timescales and frequencies relevant to the properties sensed by adhering cells
(Cameron et al., 2014; Charrier et al., 2018). When cells interact with a substrate, they can apply
forces parallel and perpendicular to the surface (Janmey et al., 2020). This implies that the method
used for assessing cellular forces may affect the results in mechanotransduction studies. One more
factor to consider is the depth into a material that cells can sense the mechanical properties.
Modeling, and studies on thin gels, suggest that cells sense mechanical properties in the range of
their radius (Sen et al., 2009; Buxboim et al., 2010; He et al., 2014). The range within which cells
can sense mechanical properties may be material-dependent though, and it has been shown that
strain stiffening fibrous networks enable long-range force sensing of up to hundreds of microns
(Leiphart et al., 2019). It is therefore relevant to consider the sensing depth of surface and bulk
mechanical characterization techniques, respectively. How cells sense their environment is also cell-
type dependent and, while many excellent model studies have been performed in 2D, cell sensing is
likely to be different in three-dimensional (3D) culture environments (Doyle and Yamada, 2016).

Many model substrates have been adopted to study cellular mechanotransduction. In 1980,
silicone rubber was first used as a deformable elastic substrate for cell culture, which revealed that
cells constantly exert forces on substrates (Harris et al., 1980). Building on this work, gels gained
interest as model substrates due to their tunable viscoelastic properties and close resemblance,
mechanically, to the extracellular matrix (ECM) (Tibbitt and Anseth, 2009; Chaudhuri, 2017).
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However, thin films and liquids have also been used as
substrates (Yang et al., 2014; Kong et al., 2018). To precisely
determine the mechanical cues that substrates display to cells
is crucial for biological studies. It is also important to assess
the changes in the mechanical properties of cells in response to
various biophysical and biochemical cues. Therefore, this review
describes and contrasts the most commonly used techniques
to determine the mechanical properties of materials and cells
(Figure 1 and Table 1).

ASSESSMENT OF THE GLOBAL
MECHANICAL PROPERTIES

The mechanical properties of substrates such as gels used in
mechanotransduction studies are usually characterized globally
by rheology, tensile, and compression testing.

Shear rheology can be used to monitor the gelation process,
or to measure the elastic and viscous properties of gels (denoted
by storage and loss modulus) by applying small amplitude
oscillatory shear forces (Zuidema et al., 2014). Time-dependent
aspects of viscoelasticity are quantified by relaxation time and
relaxation modulus (Fitzgerald et al., 2015; Chaudhuri et al.,
2016). Strain stiffening materials are characterized by monitoring
the elastic modulus as a function of increasing stress. It is
important to note the significance of the geometries used
for probing the sample. For instance, a recent study showed
that a crosshatched geometry revealed the strain stiffening
property of agarose, while a parallel plate geometry obscured
it due to the wall slippage effect (Bertula et al., 2019). The
main limitation of rheology to characterize gels is that the
spatial variation in moduli arising from sample heterogeneities
cannot be probed.

Compression and tensile testing are also techniques
commonly used to probe the global mechanical properties,
especially for biomaterials (Xiao et al., 2013; Vedadghavami
et al., 2017). The elastic, or Young’s modulus, of the sample is
generally obtained from the slope of the stress-strain curve, but
the viscoelastic properties can also be accessed through this kind
of characterization (Mirahmadi et al., 2013; Bosnjak et al., 2020).
Variations in the testing protocols can, however, influence the
results (Patel et al., 2019) and difficulties can also arise in tensile
testing from the breakage or slipping of the sample at the clamps
(Oyen, 2014).

Several of the aforementioned mechanical parameters can
be probed using different techniques, and it is important to
understand how the parameters are measured. For example,
tensile testing measures the elastic properties (Young’s modulus)
by applying tensile forces, while in rheology shear forces are
applied (storage modulus).

ASSESSMENT OF THE LOCAL
MECHANICAL PROPERTIES

The local mechanical properties are relevant for measuring what
properties cells sense at the surface of a material. The resolution of
the techniques described below enable the mechanical properties

of cells to be probed in real time due to their specificity and
sensitivity.

Probe-Based Techniques
The atomic force microscope (AFM) belongs to a family
of instruments known as scanning probe microscopes. These
instruments are commonly used for obtaining high resolution,
3D images of a sample surface using a tip which scans across
an area of interest whilst measuring the interactions with the
surface. Force-indentation is one major application of the AFM,
measuring the interaction forces between the probe tip (sharp
or colloidal) and a sample surface (Yablon, 2013). A force-
indentation curve is obtained by measuring the displacement
of the tip at the end of a cantilever, monitored by a laser and
photodiode while controlling the force of the indentation. AFM
has been extended for studying biological samples and their
processes (Alsteens et al., 2017; Krieg et al., 2019).

The main advantage AFM force-indentation has over
traditional nanoindentation is the ability to apply a lower
range of well-defined forces (pico-Newtons to nano-Newtons)
by changing the cantilever spring constant or tip, which is
particularly useful for hydrogel or soft biological samples. Sub-
pico-Newton forces have also been achievable by improving
tip stability (King et al., 2009; Churnside and Perkins, 2014).
Some challenges associated with AFM force-indentation are
that the indentation parameters and cantilever stiffness must
be appropriately selected and accurately calibrated to model
the data to mechanical information. A variety of methods
exist for accurate cantilever calibration, the most common
being the thermal noise calibration method (Hutter and
Bechhoefer, 1993). Laser Doppler vibrometry has also been
used to achieve more accurate calibrations (Ohler, 2007;
Gates and Pratt, 2012). Radmacher and colleagues have
developed a standardized nanomechanical procedure for AFM
on polyacrylamide hydrogels and MDCK-C11 cells showing
improvement in consistency and reproducibility across eleven
research groups in Europe (Schillers et al., 2017).

The tip and cantilever used for indentation are important for
modeling the force-indentation curves obtained from AFM. Tips
are usually made from stiff materials (silicon, silicon nitride or,
in the case of colloids, glass or polystyrene) to be suitable for
modeling, and to avoid deforming or damaging the tip when
performing indentations. AFM tips can generally be classified as
blunt or sharp tips. Blunt or rounded tips have a larger contact
area and can achieve higher forces for the same indentation depth
compared to a sharp tip (Qian and Zhao, 2018). Single cells have
also been used as probes to achieve pico-Newton forces (Helenius
et al., 2008; Li et al., 2019). Several different models are available
to model force-indentation curves, each associated with its own
assumptions and limitations (Lin and Horkay, 2008). Force-
indentation data is preferably fitted in the first few hundreds
of nanometers of the approach curve. The elastic modulus is
usually obtained by fitting Hertz model with a rounded tip;
although, sharp tips are commonly used for their availability
and simplicity (Sirghi et al., 2008; MacKay and Kumar, 2012).
It has also been demonstrated that the shear modulus can
be obtained from Hertz modeling of force-indentation curves
(Berry et al., 2020).
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FIGURE 1 | Schematic illustrations of the different methods to characterize the mechanical properties of substrates and/or cells.

AFM viscoelastic measurements such as stress relaxation and
creep (Yango et al., 2016; Efremov et al., 2017), strain stiffening
(Van Helvert and Friedl, 2016) and nano-rheology (Li et al., 2014)
are also possible. Oscillatory AFM has been used to determine
the complex shear modulus of cells (Alcaraz et al., 2003). The
storage stiffness, loss stiffness, and loss tangent of polyacrylamide
hydrogels have similarly been determined using a magnetically
driven cantilever (Nalam et al., 2015). Nano-rheology is still
a relatively new technique, but future improvements of nano-
rheological modeling in AFM software are expected to enhance
the field significantly.

Viscoelastic modeling can be performed using a variety of
models such as the Maxwell and the Voigt-Kelvin models (Cheng
et al., 2005; Fischer-Cripps, 2011) or Ting’s viscoelastic model
(Ting, 1964), which has been only recently applied to AFM force-
indentation curves (Brückner et al., 2017; Efremov et al., 2017,
2019b). For a recent review that highlights the various models and

properties obtainable from soft biological samples with AFM, the
reader is directed to Efremov et al. (2019a).

Nanomechanical Mapping
AFM modes to map mechanical properties on the nanoscale,
while imaging, have also been developed. Generally,
nanomechanical mapping modes are capable of mapping
the elastic and loss moduli in a range between 1 kPa and
100 GPa across an entire imaging area (100 nm2 to 100 µm2)
(Morales-Rivas et al., 2015; Viji Babu et al., 2019). This technique
offers high spatial resolution and can be operated in air, liquid
and vacuum. The main benefit of this method compared to
force-indentation is the imaging feature and the ability to overlay
mechanical data and topography. Different AFM manufacturers
provide integrated modes for nanomechanical mapping.

Generally, in nanomechanical mapping, individual force
curves are recorded as the tip is oscillating in tapping mode
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TABLE 1 | Considerations and relevant examples for the various characterization
techniques to assess mechanical properties at different length scales,
ranging from cm to nm.

Method Considerations Examples

Global scale
(cm-mm)

Shear rheology

– Sample’s contact ensured
by applying a normal force
(high normal
forces = higher values of
estimated modulus)

– Slippery gels: use of
crosshatched or
sandpaper geometry

– Normal force-controlled
rheology of polyethylene
glycol composite
hydrogels
(Randriantsilefisoa et al.,
2020)

– Geometry with sandpaper
to probe silk-alginate
hydrogel (Ziv et al., 2014)

Compression
testing

– Preload applied to the
samples to ensure contact
(not always relevant for
fragile materials)

– Difference between
confined and unconfined
testing

– Biphasic theory combined
with confined compression
tests to assess collagen
hydrogels mechanical
properties (Busby et al.,
2013)

Tensile testing – Use of dog-bone shape
samples to avoid breakage
and sandpaper to avoid
slipping at the clamps

– Use of digital image
correlation to assess
mechanical properties of
slippery samples (Subhash
et al., 2011)

Cavitation
rheology

– Complicated
measurements when
probing size scales similar
to sample defects

– Different types of cavitation
(needle or laser-based)
that operate at different
strain regimes

– Probing stiffness gradients
in supramolecular
hydrogels (Thomson et al.,
2020)

– Comparison of elastic
properties of gels using
bulk and cavitation
rheology (Bentz et al.,
2018)

Brillouin
microscopy

– Biophysical interpretation
of the measured signal still
causes debate

– Reply to “Water content,
not stiffness, dominates
Brillouin spectroscopy
measurements” (Scarcelli
and Yun, 2018)

Traction force
microscopy

– Use of a reference image
of cells and beads in a
stressed state first, and
then measurement of the
beads’ displacement after
removal of the cells in a
relaxed state

– Reference free TFM
methods (Balaban et al.,
2001; Bergert et al., 2016)

Probe-based
techniques

– Tip selection based on the
expected stiffness of the
material

– Nanoindentation vs. AFM
indentation with tip
selection considerations
(Qian and Zhao, 2018)

– Nanomechanical mapping
of soft substrates (Garcia,
2020)

Magnetic
tweezers

Local scale
(nm)

– Magnetic field orientation
can be used to produce
different types of forces
and torques

– Difficult to use
synergistically with other
techniques

– A guide to magnetic
tweezers (Sarkar and
Rybenkov, 2016)

– Detecting bound proteins
on DNA using hybrid
magnetic and optical
tweezers (van Loenhout
et al., 2013)

and scanning the surface. The maximum force exerted on the
sample is kept constant by the feedback loop, which ensures
the protection of the tip and the sample. The resulting force
curves are converted into force indentation curves, which can
subsequently be analyzed with regards to mechanical properties
such as modulus, adhesion, dissipation or deformation. The
spring constant of the cantilever and the tip radius have to be
calibrated prior to quantitative measurements. The operating
range of this technique ranges from very soft samples (low kPa)
to hard materials (100 GPa) and has been demonstrated on
amyloid nanofibrils (Sweers et al., 2011), proteoglycan mimetic
nanoparticles (Hedayati and Kipper, 2018), and microvilli on
living cells (Schillers et al., 2016). A protocol to analyze the
mechanical properties of very soft materials (cells) can be found
in reference (Hu et al., 2020).

We believe the use of fast, spatially resolved, mechanical,
and topographical analysis will be increasingly valuable for
mechanotransduction studies in the future.

Traction Force Microscopy
While the mechanical properties of substrates are important
to characterize, an understanding of the forces that cells can
exert on their surroundings is central for our understanding
of mechanotransduction. Traction force microscopy (TFM) is a
technique used to assess forces that cells apply to the ECM or
substrate they grow on/in, by monitoring the displacement of
fluorescent beads embedded in the substrate (Hur et al., 2020).
Some studies also measure these forces through the deflection of
elastic micropillar arrays onto which cells are adhering (Schoen
et al., 2010), or use the cell-induced alignment of collagen fibers
to deduce the applied traction forces (Shakiba et al., 2020).

Different kinds of TFM exist according to the number of
dimensions considered, and the accuracy of the method actually
increases with the number of dimensions involved in the
calculations. So far, most of the materials used as substrates are
hydrogels that exhibit linearly elastic and isotropic properties
such as silicon or polyacrylamide hydrogels (Polacheck and
Chen, 2016). However, these materials do not always reflect
the behavior of native tissues. Some studies develop TFM
methods that take into account the non-linear behaviors of
matrices, such as fibrillar networks like collagen, or strain-
stiffening materials (Steinwachs et al., 2016; Song et al., 2020).
Integrating these parameters often complicates the modeling, but
significantly improves the applicability of the results. TFM-based
methods are also developed to focus on cell-cell and intracellular
traction forces (Maruthamuthu et al., 2011), which is particularly
relevant for cells of tissues with cell junctions, such as the
endothelium. Recently, traction force microscopy was combined
with microarray-based techniques to enable high throughput
screening of cell generated forces (Kaylan et al., 2017).

EMERGING TECHNIQUES

Recent research has propagated the development of modern
characterization techniques, all with unique advantages and
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limitations. Some of the most promising emerging techniques for
mechanical characterization are summarized in this section.

Brillouin microscopy was originally demonstrated on cells
over a decade ago (Scarcelli and Yun, 2008) and has since
garnered attention within the biological and medical research
fields for its novel approach to non-destructive viscoelastic
measurements of biological samples. The method involves
interacting the intrinsic acoustic waves of a material with probe
laser pulses and interpreting how the light is scattered – which is
heavily linked to the material’s viscoelastic properties (Gusev and
Ruello, 2018). Recent works have demonstrated a submicrometric
spatial resolution (Caponi et al., 2020). Brillouin microscopy
is also largely non-destructive while still possessing resolution
capabilities for cellular characterization (µm scale) (Prevedel
et al., 2019). Since its pioneering application in 2005 (Koski
and Yarger, 2005), Brillouin microscopy has been utilized in
tissue-level sensing (Mathieu et al., 2011; Margueritat et al.,
2019) and subcellular-level characterization (Steelman et al.,
2015; Bevilacqua et al., 2019). However, interpretation of results
requires specific knowledge of the refractive index and material
density (Prevedel et al., 2019) which is difficult to experimentally
attain (Liu et al., 2016), and the weakness of the measured
signal causes extended scanning and data acquisition times
(Ballmann et al., 2019). Scrutinous evaluation of Brillouin
output is also required, especially in biological matter, due to
the spatiotemporal inhomogeneity causing differences in the
material’s intrinsic acoustic wave behavior (Wu et al., 2018;
Ballmann et al., 2019).

Microfluidic devices constitute an efficient and relatively high-
throughput method to characterize the mechanical properties of
cells. For instance, micropipette aspiration on microfluidic chips
using giant vesicles as cell models have been developed to access
cell membrane mechanics (Elias et al., 2020). Other techniques
use flow field analysis to study the deformations applied by
fluids to cells to deduce their viscoelastic properties (Guillou
et al., 2016). The influence of fluid flows on cells has also been
combined with computational models to determine the elastic
modulus of cells (Song et al., 2012) and such flows have also been
demonstrated to impact cell behavior and maturation (Song et al.,
2013; Shemesh et al., 2015).

Optical tweezers (OTs) is a single-molecule technique initially
designed in 1986 (Ashkin et al., 1986). OTs involve the
precise manipulation of beads (0.1–100 pN) with molecules
tethered to them by trapping them with strongly focused
light. In the context of mechanobiology, OTs have been
used to assess ligand-receptor bond properties using ligand-
functionalized trapped particles (Jiang et al., 2003), to explore
forces on the structures at the surface of the cell involved in
mechanotransduction (Choquet et al., 1997), to assess forces
on structures within the cell (Welte et al., 1998), and to
investigate the mechanical properties of the cell (Tan et al., 2012).
OTs are, however, accompanied by drawbacks such as photo-
entrapment of impurity particles, local heating and photodamage
(Peterman et al., 2003). Some of these challenges are solved
by magnetic tweezers (MTs). This single-molecule technique is
relevant for biological applications such as single-molecule force
measurements and cellular micromanipulation (Basoli et al.,

2018). It operates by utilizing superparamagnetic beads (0.1–
100 µm) as a force transducer for a tethered single large molecule
by applying a magnetic field (Xin et al., 2017). Advantages of
MT include its cost-effectiveness and ease of implementation,
superior to other single-molecule techniques (Kemmerich et al.,
2016). Furthermore, MTs can generate forces inside closed
opaque bodies, such as living cells, which is not the case
with other non-invasive methods (Timonen and Grzybowski,
2017). MTs have been used extensively to generate tension
on cell adhesion molecules, and then observing the cellular
response to reveal mechanotransduction pathways (Guilluy et al.,
2014; Marjoram et al., 2016). The main challenge in MT
development has been their subpar resolution that is limited
by relying on camera-based measurements of magnetic beads
(De Vlaminck and Dekker, 2012). However, high spatiotemporal
resolution magnetic tweezers (Å scale) are being implemented
with help from more sophisticated cameras and computer
hardware (Huhle et al., 2015; Ostrofet et al., 2020). There are
also difficulties working with particles susceptible to magnetic
fields. Furthermore, the requirement that bulky magnets must be
situated close to the sample complicates the combination of MTs
with other applications (Sarkar and Rybenkov, 2016).

Concerning substrates, a relatively new and inexpensive
technique to probe local mechanical properties is cavitation
rheology (Zimberlin et al., 2007). Cavitation rheology quantifies
the elastic properties by growing a bubble in a gel or fluid and
monitoring the pressure dynamics (Hashemnejad and Kundu,
2017). The resolution of cavitation rheology can go as low as 1 µm
and requires only small sample volumes (Barney et al., 2020). One
drawback of this method is that it is destructive to the sample.
Questions also remain around relating gel fracture to cavitation
and the influence of local network structures on cavitation bubble
growth (Barney et al., 2020).

CONCLUSION AND OUTLOOKS

One of the fundamental challenging aspects of characterizing
substrates is the relevance of a particular technique in capturing
the properties of substrates experienced by the cell. Each
technique probes the mechanical properties in a different way,
and it is necessary to compare the parameters obtained using
different techniques. Rheology or compression tests, for instance,
can provide the elastic and loss modulus of a material, but only
as a mean value for the whole material, whereas probe-based
techniques such as AFM assess the local mechanical properties at
the microscopic scale, which can differ from the macroscopic one.
A recent study showed that the bulk elastic modulus obtained for
stiffer gels using rheology and AFM correlate well but showed
marked differences for softer gels (Megone et al., 2018). There
has also been a recent trend in using simple and inexpensive
techniques for probing mechanical properties. For instance, using
fluorescent bead density as a readout for stiffness gradients in
gels instead of using expensive techniques like AFM (Barber-
Pérez et al., 2020). Recent technology also allows assessment
of mechanical properties of materials with extremely precise
force (resolution down to 10 nN claimed by the manufacturer)
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through micro-scale compression testing, particularly for soft
biomaterials (Kerscher et al., 2017).

Emerging techniques are now focusing on probing
these properties even more precisely and in-depth. Cell-
substrate interactions are also highly relevant to assess
mechanotransduction and techniques such as traction force
microscopy and magnetic tweezers can be applied to survey
such interactions. Forces in the order of pico-Newtons, applied
by integrins on ligands, have also been assessed by DNA
mechanotechnology (Brockman et al., 2018; Glazier et al., 2019;
Ma et al., 2019). However, significant challenges regarding the
integrity of the DNA probes in cell culture conditions and the
type of receptor-ligand interactions that can be probed remain
(Ma and Salaita, 2019; Yasunaga et al., 2019).

Many of the existing tools for measuring the mechanical
properties of cells are limited in terms of throughput. To
mitigate this issue, high throughput based methods have
been explored to separate large populations of cells based on
mechanical properties using microfluidics and shear stress (Otto
et al., 2015). A combination of smart design of microfluidic
geometries and powerful computational approaches such as
microparticle image velocimetry and machine learning promise
to further progress the field of mechanobiology (Song et al., 2010;
Guillou et al., 2016).

The influence of substrate mechanical properties on processes
such as nascent protein deposition has been explored in
recent studies by using metabolic labeling techniques (Loebel
et al., 2019, 2020). It would be interesting to combine

such labeling with 3D traction force microscopy in order to
directly visualize the effects of cell traction forces on nascent
protein deposition.

Going forward, standard mechanical characterization
techniques combined with newer, more accurate and more
local assessments of the mechanical properties, will enable
the development of more complex engineered matrices.
Such materials with spatiotemporally-controlled mechanical
properties will further the understanding of how cells interact
with their environment in vitro, and indirectly in vivo. This
is important to fully use the potential of stem cells in tissue
engineering and stem cell therapy.
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Society Te Apārangi, and support from the MacDiarmid Institute
for Advanced Materials and Nanotechnology, and from The
University of Auckland.

REFERENCES
Alcaraz, J., Buscemi, L., Grabulosa, M., Trepat, X., Fabry, B., Farré, R., et al.

(2003). Microrheology of human lung epithelial cells measured by atomic
force microscopy. Biophys. J. 84, 2071–2079. doi: 10.1016/S0006-3495(03)75
014-0

Alsteens, D., Gaub, H. E., Newton, R., Pfreundschuh, M., Gerber, C., and Müller,
D. J. (2017). Atomic force microscopy-based characterization and design of
biointerfaces. Nat. Rev. Mater. 2:17008. doi: 10.1038/natrevmats.2017.8

Ashkin, A., Dziedzic, J. M., Bjorkholm, J. E., and Chu, S. (1986). Observation of a
single-beam gradient force optical trap for dielectric particles. Opt. Lett. 11:288.
doi: 10.1364/ol.11.000288

Balaban, N. Q., Schwarz, U. S., Riveline, D., Goichberg, P., Tzur, G., Sabanay, I.,
et al. (2001). Force and focal adhesion assembly: a close relationship studied
using elastic micropatterned substrates. Nat. Cell Biol. 3, 466–472. doi: 10.1038/
35074532

Ballmann, C. W., Meng, Z., and Yakovlev, V. V. (2019). Nonlinear Brillouin
spectroscopy: what makes it a better tool for biological viscoelastic
measurements. Biomed. Opt. Express 10:1750. doi: 10.1364/boe.10.001750

Barber-Pérez, N., Georgiadou, M., Guzmán, C., Isomursu, A., Hamidi, H., and
Ivaska, J. (2020). Mechano-responsiveness of fibrillar adhesions on stiffness-
gradient gels. J. Cell Sci. 133:jcs242909. doi: 10.1242/jcs.242909

Barney, C. W., Dougan, C. E., McLeod, K. R., Kazemi-Moridani, A., Zheng, Y.,
Ye, Z., et al. (2020). Cavitation in soft matter. Proc. Natl. Acad. Sci. U.S.A. 117,
9157–9165. doi: 10.1073/pnas.1920168117

Basoli, F., Giannitelli, S. M., Gori, M., Mozetic, P., Bonfanti, A., Trombetta, M.,
et al. (2018). Biomechanical characterization at the cell scale: present and
prospects. Front. Physiol. 9:1449. doi: 10.3389/fphys.2018.01449

Bentz, K. C., Sultan, N., and Savin, D. A. (2018). Quantitative relationship
between cavitation and shear rheology. Soft Matter 14, 8395–8400. doi: 10.1039/
c8sm01560k

Bergert, M., Lendenmann, T., Zündel, M., Ehret, A. E., Panozzo, D., Richner, P.,
et al. (2016). Confocal reference free traction force microscopy. Nat. Commun.
7:12814. doi: 10.1038/ncomms12814

Berry, J. D., Biviano, M., and Dagastine, R. R. (2020). Poroelastic properties of
hydrogel microparticles. Soft Matter 16, 5314–5324. doi: 10.1039/d0sm00191k

Bertula, K., Martikainen, L., Munne, P., Hietala, S., Klefström, J., Ikkala, O., et al.
(2019). Strain-Stiffening of Agarose Gels. ACS Macro Lett. 8, 670–675. doi:
10.1021/acsmacrolett.9b00258

Bevilacqua, C., Sánchez-Iranzo, H., Richter, D., Diz-Muñoz, A., and Prevedel, R.
(2019). Imaging mechanical properties of sub-micron ECM in live zebrafish
using Brillouin microscopy. Biomed. Opt. Express 10:1420. doi: 10.1364/boe.10.
001420

Bosnjak, N., Nadimpalli, S., Okumura, D., and Chester, S. A. (2020). Experiments
and modeling of the viscoelastic behavior of polymeric gels. J. Mech. Phys. Solids
137:103829. doi: 10.1016/j.jmps.2019.103829

Brockman, J. M., Blanchard, A. T., Pui-Yan, V., Derricotte, W. D., Zhang, Y., Fay,
M. E., et al. (2018). Mapping the 3D orientation of piconewton integrin traction
forces. Nat. Methods 15, 115–118. doi: 10.1038/nmeth.4536

Brückner, B. R., Nöding, H., and Janshoff, A. (2017). Viscoelastic properties of
confluent MDCK II cells obtained from force cycle experiments. Biophys. J. 112,
724–735. doi: 10.1016/j.bpj.2016.12.032

Busby, G. A., Grant, M. H., MacKay, S. P., and Riches, P. E. (2013). Confined
compression of collagen hydrogels. J. Biomech. 46, 837–840. doi: 10.1016/j.
jbiomech.2012.11.048

Buxboim, A., Rajagopal, K., Brown, A. E. X., and Discher, D. E. (2010). How
deeply cells feel: methods for thin gels. J. Phys. Condens. Matter. 22:194116.
doi: 10.1088/0953-8984/22/19/194116

Cameron, A. R., Frith, J. E., Gomez, G. A., Yap, A. S., and Cooper-White, J. J.
(2014). The effect of time-dependent deformation of viscoelastic hydrogels on
myogenic induction and Rac1 activity in mesenchymal stem cells. Biomaterials
35, 1857–1868. doi: 10.1016/j.biomaterials.2013.11.023

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 6 November 2020 | Volume 8 | Article 595978109

https://doi.org/10.1016/S0006-3495(03)75014-0
https://doi.org/10.1016/S0006-3495(03)75014-0
https://doi.org/10.1038/natrevmats.2017.8
https://doi.org/10.1364/ol.11.000288
https://doi.org/10.1038/35074532
https://doi.org/10.1038/35074532
https://doi.org/10.1364/boe.10.001750
https://doi.org/10.1242/jcs.242909
https://doi.org/10.1073/pnas.1920168117
https://doi.org/10.3389/fphys.2018.01449
https://doi.org/10.1039/c8sm01560k
https://doi.org/10.1039/c8sm01560k
https://doi.org/10.1038/ncomms12814
https://doi.org/10.1039/d0sm00191k
https://doi.org/10.1021/acsmacrolett.9b00258
https://doi.org/10.1021/acsmacrolett.9b00258
https://doi.org/10.1364/boe.10.001420
https://doi.org/10.1364/boe.10.001420
https://doi.org/10.1016/j.jmps.2019.103829
https://doi.org/10.1038/nmeth.4536
https://doi.org/10.1016/j.bpj.2016.12.032
https://doi.org/10.1016/j.jbiomech.2012.11.048
https://doi.org/10.1016/j.jbiomech.2012.11.048
https://doi.org/10.1088/0953-8984/22/19/194116
https://doi.org/10.1016/j.biomaterials.2013.11.023
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-595978 November 7, 2020 Time: 19:28 # 7

Narasimhan et al. Mechanical Characterization for Mechanobiology

Caponi, S., Fioretto, D., and Mattarelli, M. (2020). On the actual spatial resolution
of Brillouin Imaging. Opt. Lett. 45:1063. doi: 10.1364/ol.385072

Charrier, E. E., Pogoda, K., Wells, R. G., and Janmey, P. A. (2018). Control of
cell morphology and differentiation by substrates with independently tunable
elasticity and viscous dissipation. Nat. Commun. 9:449. doi: 10.1038/s41467-
018-02906-9

Chaudhuri, O. (2017). Viscoelastic hydrogels for 3D cell culture. Biomater. Sci. 5,
1480–1490. doi: 10.1039/c7bm00261k

Chaudhuri, O., Gu, L., Klumpers, D., Darnell, M., Bencherif, S. A., Weaver, J. C.,
et al. (2016). Hydrogels with tunable stress relaxation regulate stem cell fate and
activity. Nat. Mater. 15, 326–334. doi: 10.1038/nmat4489

Cheng, L., Xia, X., Scriven, L. E., and Gerberich, W. W. (2005). Spherical-tip
indentation of viscoelastic material. Mech. Mater. 37, 213–226. doi: 10.1016/j.
mechmat.2004.03.002

Choquet, D., Felsenfeld, D. P., and Sheetz, M. P. (1997). Extracellular matrix
rigidity causes strengthening of integrin-cytoskeleton linkages. Cell 88, 39–48.
doi: 10.1016/S0092-8674(00)81856-5

Churnside, A. B., and Perkins, T. T. (2014). Ultrastable atomic force microscopy:
improved force and positional stability. FEBS Lett. 588, 3621–3630. doi: 10.
1016/j.febslet.2014.04.033

De Vlaminck, I., and Dekker, C. (2012). Recent advances in magnetic tweezers.
Annu. Rev. Biophys. 41, 453–472. doi: 10.1146/annurev-biophys-122311-
100544

Doyle, A. D., and Yamada, K. M. (2016). Mechanosensing via cell-matrix adhesions
in 3D microenvironments. Exp. Cell Res. 343, 60–66. doi: 10.1016/j.yexcr.2015.
10.033

Efremov, Y. M., Okajima, T., and Raman, A. (2019a). Measuring viscoelasticity of
soft biological samples using atomic force microscopy. Soft Matter 16, 64–81.
doi: 10.1039/c9sm01020c

Efremov, Y. M., Shpichka, A. I., Kotova, S. L., and Timashev, P. S. (2019b).
Viscoelastic mapping of cells based on fast force volume and PeakForce
Tapping. Soft Matter 15, 5455–5463. doi: 10.1039/c9sm00711c

Efremov, Y. M., Wang, W. H., Hardy, S. D., Geahlen, R. L., and Raman, A.
(2017). Measuring nanoscale viscoelastic parameters of cells directly from AFM
force-displacement curves. Sci. Rep. 7:1541. doi: 10.1038/s41598-017-01784-3

Elias, M., Dutoya, A., Laborde, A., Lecestre, A., Montis, C., Caselli, L., et al.
(2020). Microfluidic characterization of biomimetic membrane mechanics with
an on-chip micropipette. Micro Nano Eng. 8:100064. doi: 10.1016/j.mne.2020.
100064

Fischer-Cripps, A. C. (2011). Nanoindentation. New York, NY: Springer. doi: 10.
1007/978-1-4419-9872-9

Fitzgerald, M. M., Bootsma, K., Berberich, J. A., and Sparks, J. L. (2015). Tunable
stress relaxation behavior of an alginate-polyacrylamide hydrogel: comparison
with muscle tissue. Biomacromolecules 16, 1497–1505. doi: 10.1021/bm501845j

Garcia, R. (2020). Nanomechanical mapping of soft materials with the atomic force
microscope: methods, theory and applications. Chem. Soc. Rev. 49, 5850–5884.
doi: 10.1039/D0CS00318B

Gates, R. S., and Pratt, J. R. (2012). Accurate and precise calibration of AFM
cantilever spring constants using laser Doppler vibrometry. Nanotechnology
23:375702. doi: 10.1088/0957-4484/23/37/375702

Glazier, R., Brockman, J. M., Bartle, E., Mattheyses, A. L., Destaing, O., and Salaita,
K. (2019). DNA mechanotechnology reveals that integrin receptors apply pN
forces in podosomes on fluid substrates. Nat. Commun. 10:4507. doi: 10.1038/
s41467-019-12304-4

Guillou, L., Dahl, J. B., Lin, J. M. G., Barakat, A. I. I., Husson, J., Muller, S. J., et al.
(2016). Measuring cell viscoelastic properties using a microfluidic extensional
flow device. Biophys. J. 111, 2039–2050. doi: 10.1016/j.bpj.2016.09.034

Guilluy, C., Osborne, L. D., Van Landeghem, L., Sharek, L., Superfine, R.,
Garcia-Mata, R., et al. (2014). Isolated nuclei adapt to force and reveal a
mechanotransduction pathway in the nucleus. Nat. Cell Biol. 16, 376–381. doi:
10.1038/ncb2927

Gusev, V. E., and Ruello, P. (2018). Advances in applications of time-domain
Brillouin scattering for nanoscale imaging. Appl. Phys. Rev. 5, 1–55. doi: 10.
1063/1.5017241

Harris, A., Wild, P., and Stopak, D. (1980). Silicone rubber substrata: a new wrinkle
in the study of cell locomotion. Science 208, 177–179. doi: 10.1126/science.
6987736

Hashemnejad, S. M., and Kundu, S. (2017). Probing Gelation and Rheological
Behavior of a Self-Assembled Molecular Gel. Langmuir 33, 7769–7779. doi:
10.1021/acs.langmuir.7b01531

He, S., Su, Y., Ji, B., and Gao, H. (2014). Some basic questions on mechanosensing
in cell-substrate interaction. J. Mech. Phys. Solids 70, 116–135. doi: 10.1016/j.
jmps.2014.05.016

Hedayati, M., and Kipper, M. J. (2018). Atomic force microscopy of adsorbed
proteoglycan mimetic nanoparticles: toward new glycocalyx-mimetic model
surfaces. Carbohydr. Polym. 190, 346–355. doi: 10.1016/j.carbpol.2018.02.023

Helenius, J., Heisenberg, C. P., Gaub, H. E., and Muller, D. J. (2008). Single-cell
force spectroscopy. J. Cell Sci. 121, 1785–1791. doi: 10.1242/jcs.030999

Hu, J., Chen, S., Huang, D., Zhang, Y., Lü, S., and Long, M. (2020). Global mapping
of live cell mechanical features using PeakForce QNM AFM. Biophys. Rep. 6,
9–18. doi: 10.1007/s41048-019-00103-9

Huhle, A., Klaue, D., Brutzer, H., Daldrop, P., Joo, S., Otto, O., et al. (2015).
Camera-based three-dimensional real-time particle tracking at kHz rates and
Ångström accuracy. Nat. Commun. 6:5885. doi: 10.1038/ncomms6885

Hur, S. S., Jeong, J. H., Ban, M. J., Park, J. H., Yoon, J. K., and Hwang, Y. (2020).
Traction force microscopy for understanding cellular mechanotransduction.
BMB Rep. 53, 74–081. doi: 10.5483/BMBRep.2020.53.2.308

Hutter, J. L., and Bechhoefer, J. (1993). Calibration of atomic-force microscope tips.
Rev. Sci. Instrum. 64, 1868–1873. doi: 10.1063/1.1143970

Janmey, P. A., Fletcher, D. A., and Reinhart-King, C. A. (2020). Stiffness sensing by
cells. Physiol. Rev. 100, 695–724. doi: 10.1152/physrev.00013.2019

Jiang, G., Giannone, G., Critchley, D. R., Fukumoto, E., and Sheet, M. P. (2003).
Two-piconewton slip bond between fibronectin and the cytoskeleton depends
on talin. Nature 424, 334–337. doi: 10.1038/nature01805

Kaylan, K. B., Kourouklis, A. P., and Underhill, G. H. (2017). A high-throughput
cell microarray platform for correlative analysis of cell differentiation and
traction forces. J. Vis. Exp. 121:55362. doi: 10.3791/55362

Kemmerich, F. E., Kasaciunaite, K., and Seidel, R. (2016). Modular magnetic
tweezers for single-molecule characterizations of helicases. Methods 108, 4–13.
doi: 10.1016/j.ymeth.2016.07.004

Kerscher, P., Kaczmarek, J. A., Head, S. E., Ellis, M. E., Seeto, W. J., Kim, J., et al.
(2017). Direct production of human cardiac tissues by pluripotent stem cell
encapsulation in gelatin Methacryloyl. ACS Biomater. Sci. Eng. 3, 1499–1509.
doi: 10.1021/acsbiomaterials.6b00226

King, G. M., Carter, A. R., Churnside, A. B., Eberle, L. S., and Perkins, T. T. (2009).
Ultrastable atomic force microscopy: atomic-scale stability and registration in
ambient conditions. Nano Lett. 9, 1451–1456. doi: 10.1021/nl803298q

Kong, D., Peng, L., Di Cio, S., Novak, P., and Gautrot, J. E. (2018). Stem cell
expansion and fate decision on liquid substrates are regulated by self-assembled
nanosheets. ACS Nano 12, 9206–9213. doi: 10.1021/acsnano.8b03865

Koski, K. J., and Yarger, J. L. (2005). Brillouin imaging. Appl. Phys. Lett. 87:061903.
doi: 10.1063/1.1999857

Krieg, M., Fläschner, G., Alsteens, D., Gaub, B. M., Roos, W. H., Wuite, G. J. L.,
et al. (2019). Atomic force microscopy-based mechanobiology. Nat. Rev. Phys.
1, 41–57. doi: 10.1038/s42254-018-0001-7

Leiphart, R. J., Chen, D., Peredo, A. P., Loneker, A. E., and Janmey, P. A. (2019).
Mechanosensing at cellular interfaces. Langmuir 35, 7509–7519. doi: 10.1021/
acs.langmuir.8b02841

Li, M., Xi, N., Wang, Y., and Liu, L. (2019). Advances in atomic force microscopy
for single-cell analysis.Nano Res. 12, 703–718. doi: 10.1007/s12274-018-2260-0

Li, T. D., Chiu, H. C., Ortiz-Young, D., and Riedo, E. (2014). Nanorheology by
atomic force microscopy. Rev. Sci. Instrum. 85:123707. doi: 10.1063/1.4903353

Lin, D. C., and Horkay, F. (2008). Nanomechanics of polymer gels and biological
tissues: a critical review of analytical approaches in the Hertzian regime and
beyond. Soft Matter 4, 669–682. doi: 10.1039/b714637j

Liu, P. Y., Chin, L. K., Ser, W., Chen, H. F., Hsieh, C. M., Lee, C. H., et al. (2016).
Cell refractive index for cell biology and disease diagnosis: past, present and
future. Lab Chip 16, 634–644. doi: 10.1039/c5lc01445j

Loebel, C., Kwon, M. Y., Wang, C., Han, L., Mauck, R. L., and Burdick, J. A.
(2020). Metabolic labeling to probe the spatiotemporal accumulation of matrix
at the chondrocyte–hydrogel interface. Adv. Funct. Mater. 2020:1909802. doi:
10.1002/adfm.201909802

Loebel, C., Mauck, R. L., and Burdick, J. A. (2019). Local nascent protein deposition
and remodelling guide mesenchymal stromal cell mechanosensing and fate in

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 7 November 2020 | Volume 8 | Article 595978110

https://doi.org/10.1364/ol.385072
https://doi.org/10.1038/s41467-018-02906-9
https://doi.org/10.1038/s41467-018-02906-9
https://doi.org/10.1039/c7bm00261k
https://doi.org/10.1038/nmat4489
https://doi.org/10.1016/j.mechmat.2004.03.002
https://doi.org/10.1016/j.mechmat.2004.03.002
https://doi.org/10.1016/S0092-8674(00)81856-5
https://doi.org/10.1016/j.febslet.2014.04.033
https://doi.org/10.1016/j.febslet.2014.04.033
https://doi.org/10.1146/annurev-biophys-122311-100544
https://doi.org/10.1146/annurev-biophys-122311-100544
https://doi.org/10.1016/j.yexcr.2015.10.033
https://doi.org/10.1016/j.yexcr.2015.10.033
https://doi.org/10.1039/c9sm01020c
https://doi.org/10.1039/c9sm00711c
https://doi.org/10.1038/s41598-017-01784-3
https://doi.org/10.1016/j.mne.2020.100064
https://doi.org/10.1016/j.mne.2020.100064
https://doi.org/10.1007/978-1-4419-9872-9
https://doi.org/10.1007/978-1-4419-9872-9
https://doi.org/10.1021/bm501845j
https://doi.org/10.1039/D0CS00318B
https://doi.org/10.1088/0957-4484/23/37/375702
https://doi.org/10.1038/s41467-019-12304-4
https://doi.org/10.1038/s41467-019-12304-4
https://doi.org/10.1016/j.bpj.2016.09.034
https://doi.org/10.1038/ncb2927
https://doi.org/10.1038/ncb2927
https://doi.org/10.1063/1.5017241
https://doi.org/10.1063/1.5017241
https://doi.org/10.1126/science.6987736
https://doi.org/10.1126/science.6987736
https://doi.org/10.1021/acs.langmuir.7b01531
https://doi.org/10.1021/acs.langmuir.7b01531
https://doi.org/10.1016/j.jmps.2014.05.016
https://doi.org/10.1016/j.jmps.2014.05.016
https://doi.org/10.1016/j.carbpol.2018.02.023
https://doi.org/10.1242/jcs.030999
https://doi.org/10.1007/s41048-019-00103-9
https://doi.org/10.1038/ncomms6885
https://doi.org/10.5483/BMBRep.2020.53.2.308
https://doi.org/10.1063/1.1143970
https://doi.org/10.1152/physrev.00013.2019
https://doi.org/10.1038/nature01805
https://doi.org/10.3791/55362
https://doi.org/10.1016/j.ymeth.2016.07.004
https://doi.org/10.1021/acsbiomaterials.6b00226
https://doi.org/10.1021/nl803298q
https://doi.org/10.1021/acsnano.8b03865
https://doi.org/10.1063/1.1999857
https://doi.org/10.1038/s42254-018-0001-7
https://doi.org/10.1021/acs.langmuir.8b02841
https://doi.org/10.1021/acs.langmuir.8b02841
https://doi.org/10.1007/s12274-018-2260-0
https://doi.org/10.1063/1.4903353
https://doi.org/10.1039/b714637j
https://doi.org/10.1039/c5lc01445j
https://doi.org/10.1002/adfm.201909802
https://doi.org/10.1002/adfm.201909802
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-595978 November 7, 2020 Time: 19:28 # 8

Narasimhan et al. Mechanical Characterization for Mechanobiology

three-dimensional hydrogels. Nat. Mater. 18, 883–891. doi: 10.1038/s41563-
019-0307-6

Ma, R., Kellner, A. V., Ma, V. P. Y., Su, H., Deal, B. R., Brockman, J. M., et al. (2019).
DNA probes that store mechanical information reveal transient piconewton
forces applied by T cells. Proc. Natl. Acad. Sci. U.S.A. 116, 16949–16954. doi:
10.1073/pnas.1904034116

Ma, V. P. Y., and Salaita, K. (2019). DNA nanotechnology as an emerging tool to
study mechanotransduction in living systems. Small 15:e1900961. doi: 10.1002/
smll.201900961

MacKay, J. L., and Kumar, S. (2012). “Measuring the elastic properties of living cells
with atomic force microscopy indentation,” in Methods in Molecular Biology
Methods in Molecular Biology, eds D. J. Taatjes and J. Roth (Totowa, NJ:
Humana Press), 313–329. doi: 10.1007/978-1-62703-056-4_15

Margueritat, J., Virgone-Carlotta, A., Monnier, S., Delanoë-Ayari, H., Mertani,
H. C., Berthelot, A., et al. (2019). High-frequency mechanical properties of
tumors measured by brillouin light scattering. Phys. Rev. Lett. 122:018101.
doi: 10.1103/PhysRevLett.122.018101

Marjoram, R. J., Guilluy, C., and Burridge, K. (2016). Using magnets and magnetic
beads to dissect signaling pathways activated by mechanical tension applied to
cells. Methods 94, 19–26. doi: 10.1016/j.ymeth.2015.09.025

Maruthamuthu, V., Sabass, B., Schwarz, U. S., and Gardel, M. L. (2011). Cell-ECM
traction force modulates endogenous tension at cell-cell contacts. Proc. Natl.
Acad. Sci. U.S.A. 108, 4708–4713. doi: 10.1073/pnas.1011123108

Mathieu, V., Fukui, K., Matsukawa, M., Kawabe, M., Vayron, R., Soffer, E., et al.
(2011). Micro-brillouin scattering measurements in mature and newly formed
bone tissue surrounding an implant. J. Biomech. Eng. 133:021006. doi: 10.1115/
1.4003131

Megone, W., Roohpour, N., and Gautrot, J. E. (2018). Impact of surface adhesion
and sample heterogeneity on the multiscale mechanical characterisation of soft
biomaterials. Sci. Rep. 8:6780. doi: 10.1038/s41598-018-24671-x

Mirahmadi, F., Tafazzoli-Shadpour, M., Shokrgozar, M. A., and Bonakdar, S.
(2013). Enhanced mechanical properties of thermosensitive chitosan hydrogel
by silk fibers for cartilage tissue engineering. Mater. Sci. Eng. C 33, 4786–4794.
doi: 10.1016/j.msec.2013.07.043

Morales-Rivas, L., González-Orive, A., Garcia-Mateo, C., Hernández-Creus, A.,
Caballero, F. G., and Vázquez, L. (2015). Nanomechanical characterization of
nanostructured bainitic steel: peak Force Microscopy and Nanoindentation
with AFM. Sci. Rep. 5:17164. doi: 10.1038/srep17164

Nalam, P. C., Gosvami, N. N., Caporizzo, M. A., Composto, R. J., and Carpick,
R. W. (2015). Nano-rheology of hydrogels using direct drive force modulation
atomic force microscopy. Soft Matter 11, 8165–8178. doi: 10.1039/c5sm01
143d

Ohler, B. (2007). Cantilever spring constant calibration using laser Doppler
vibrometry. Rev. Sci. Instrum. 78:063701. doi: 10.1063/1.2743272

Ostrofet, E., Papini, F. S., and Dulin, D. (2020). High spatiotemporal resolution
data from a custom magnetic tweezers instrument. Data Br. 30:105397. doi:
10.1016/j.dib.2020.105397

Otto, O., Rosendahl, P., Mietke, A., Golfier, S., Herold, C., Klaue, D., et al. (2015).
Real-time deformability cytometry: on-the-fly cell mechanical phenotyping.
Nat. Methods 12, 199–202. doi: 10.1038/nmeth.3281

Oyen, M. L. (2014). Mechanical characterisation of hydrogel materials. Int. Mater.
Rev. 59, 44–59. doi: 10.1179/1743280413Y.0000000022

Patel, J. M., Wise, B. C., Bonnevie, E. D., and Mauck, R. L. (2019). A
systematic review and guide to mechanical testing for Articular cartilage tissue
engineering. Tissue Eng. Part C Methods 25, 593–608. doi: 10.1089/ten.tec.2019.
0116

Peterman, E. J. G., Gittes, F., and Schmidt, C. F. (2003). Laser-induced heating in
optical traps. Biophys. J. 84(2 Pt 1), 1308–1316. doi: 10.1016/S0006-3495(03)
74946-7

Polacheck, W. J., and Chen, C. S. (2016). Measuring cell-generated forces: a guide
to the available tools. Nat. Methods 13, 415–423. doi: 10.1038/nmeth.3834

Prevedel, R., Diz-Muñoz, A., Ruocco, G., and Antonacci, G. (2019). Brillouin
microscopy: an emerging tool for mechanobiology. Nat. Methods 16, 969–977.
doi: 10.1038/s41592-019-0543-3

Qian, L., and Zhao, H. (2018). Nanoindentation of soft biological materials.
Micromachines 9:654. doi: 10.3390/mi9120654

Randriantsilefisoa, R., Hou, Y., Pan, Y., Camacho, J. L. C., Kulka, M. W.,
Zhang, J., et al. (2020). Interaction of human mesenchymal stem cells with

soft nanocomposite hydrogels based on polyethylene glycol and dendritic
polyglycerol. Adv. Funct. Mater. 30:1905200. doi: 10.1002/adfm.201905
200

Sarkar, R., and Rybenkov, V. V. (2016). A guide to magnetic tweezers and their
applications. Front. Phys. 4:48. doi: 10.3389/fphy.2016.00048

Scarcelli, G., and Yun, S. H. (2008). Confocal Brillouin microscopy for three-
dimensional mechanical imaging. Nat. Photonics 2, 39–43. doi: 10.1038/
nphoton.2007.250

Scarcelli, G., and Yun, S. H. (2018). Reply to ‘Water content, not stiffness,
dominates Brillouin spectroscopy measurements in hydrated materials.’. Nat.
Methods 15, 562–563. doi: 10.1038/s41592-018-0075-2

Schillers, H., Medalsy, I., Hu, S., Slade, A. L., and Shaw, J. E. (2016). PeakForce
Tapping resolves individual microvilli on living cells. J. Mol. Recognit. 29,
95–101. doi: 10.1002/jmr.2510

Schillers, H., Rianna, C., Schäpe, J., Luque, T., Doschke, H., Wälte, M., et al. (2017).
Standardized nanomechanical atomic force microscopy procedure (snap) for
measuring soft and biological samples. Sci. Rep. 7:5117. doi: 10.1038/s41598-
017-05383-0

Schoen, I., Hu, W., Klotzsch, E., and Vogel, V. (2010). Probing cellular traction
forces by micropillar arrays: contribution of substrate warping to pillar
deflection. Nano Lett. 10, 1823–1830. doi: 10.1021/nl100533c

Sen, S., Engler, A. J., and Discher, D. E. (2009). Matrix strains induced by cells:
computing how far cells can feel. Cell. Mol. Bioeng. 2, 39–48. doi: 10.1007/
s12195-009-0052-z

Shakiba, D., Alisafaei, F., Savadipour, A., Rowe, R. A., Liu, Z., Pryse,
K. M., et al. (2020). The balance between actomyosin contractility and
microtubule polymerization regulates hierarchical protrusions that govern
efficient fibroblast–collagen interactions. ACS Nano 14, 7868–7879. doi: 10.
1021/acsnano.9b09941

Shemesh, J., Jalilian, I., Shi, A., Heng Yeoh, G., Knothe Tate, M. L., and Ebrahimi
Warkiani, M. (2015). Flow-induced stress on adherent cells in microfluidic
devices. Lab Chip 15, 4114–4127. doi: 10.1039/c5lc00633c

Sirghi, L., Ponti, J., Broggi, F., and Rossi, F. (2008). Probing elasticity and adhesion
of live cells by atomic force microscopy indentation. Eur. Biophys. J. 37,
935–945. doi: 10.1007/s00249-008-0311-2

Song, D., Dong, L., Gupta, M., Li, L., Klaas, O., Loghin, A., et al. (2020). Recovery
of tractions exerted by single cells in three-dimensional nonlinear matrices.
J. Biomech. Eng. 142:081012. doi: 10.1115/1.4046974

Song, M. J., Brady-Kalnay, S. M., McBride, S. H., Phillips-Mason, P., Dean, D., and
Tate, M. L. K. (2012). Mapping the mechanome of live stem cells using a novel
method to measure local strain fields in situ at the fluid-cell interface. PLoS One
7:e43601. doi: 10.1371/journal.pone.0043601

Song, M. J., Dean, D., and Knothe Tate, M. L. (2010). In situ spatiotemporal
mapping of flow fields around seeded stem cells at the subcellular length scale.
PLoS One 5:e12796. doi: 10.1371/journal.pone.0012796

Song, M. J., Dean, D., and Knothe Tate, M. L. (2013). Mechanical
modulation of nascent stem cell lineage commitment in tissue engineering
scaffolds. Biomaterials 34, 5766–5775. doi: 10.1016/j.biomaterials.2013.04.
023

Steelman, Z., Meng, Z., Traverso, A. J., and Yakovlev, V. V. (2015). Brillouin
spectroscopy as a new method of screening for increased CSF total protein
during bacterial meningitis. J. Biophotonics 8, 408–414. doi: 10.1002/jbio.
201400047

Steinwachs, J., Metzner, C., Skodzek, K., Lang, N., Thievessen, I., Mark, C., et al.
(2016). Three-dimensional force microscopy of cells in biopolymer networks.
Nat. Methods 13, 171–176. doi: 10.1038/nmeth.3685

Subhash, G., Liu, Q., Moore, D. F., Ifju, P. G., and Haile, M. A. (2011).
Concentration dependence of tensile behavior in agarose gel using digital
image correlation. Exp. Mech. 51, 255–262. doi: 10.1007/s11340-010-935
4-2

Sweers, K., van der Werf, K., Bennink, M., and Subramaniam, V. (2011).
Nanomechanical properties of α-synuclein amyloid fibrils: a comparative
study by nanoindentation, harmonic force microscopy, and Peakforce QNM.
Nanoscale Res. Lett. 6:270. doi: 10.1186/1556-276X-6-270

Tan, Y., Kong, C. W., Chen, S., Cheng, S. H., Li, R. A., and Sun, D. (2012).
Probing the mechanobiological properties of human embryonic stem cells in
cardiac differentiation by optical tweezers. J. Biomech. 45, 123–128. doi: 10.
1016/j.jbiomech.2011.09.007

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 8 November 2020 | Volume 8 | Article 595978111

https://doi.org/10.1038/s41563-019-0307-6
https://doi.org/10.1038/s41563-019-0307-6
https://doi.org/10.1073/pnas.1904034116
https://doi.org/10.1073/pnas.1904034116
https://doi.org/10.1002/smll.201900961
https://doi.org/10.1002/smll.201900961
https://doi.org/10.1007/978-1-62703-056-4_15
https://doi.org/10.1103/PhysRevLett.122.018101
https://doi.org/10.1016/j.ymeth.2015.09.025
https://doi.org/10.1073/pnas.1011123108
https://doi.org/10.1115/1.4003131
https://doi.org/10.1115/1.4003131
https://doi.org/10.1038/s41598-018-24671-x
https://doi.org/10.1016/j.msec.2013.07.043
https://doi.org/10.1038/srep17164
https://doi.org/10.1039/c5sm01143d
https://doi.org/10.1039/c5sm01143d
https://doi.org/10.1063/1.2743272
https://doi.org/10.1016/j.dib.2020.105397
https://doi.org/10.1016/j.dib.2020.105397
https://doi.org/10.1038/nmeth.3281
https://doi.org/10.1179/1743280413Y.0000000022
https://doi.org/10.1089/ten.tec.2019.0116
https://doi.org/10.1089/ten.tec.2019.0116
https://doi.org/10.1016/S0006-3495(03)74946-7
https://doi.org/10.1016/S0006-3495(03)74946-7
https://doi.org/10.1038/nmeth.3834
https://doi.org/10.1038/s41592-019-0543-3
https://doi.org/10.3390/mi9120654
https://doi.10.1002/adfm.201905200
https://doi.10.1002/adfm.201905200
https://doi.org/10.3389/fphy.2016.00048
https://doi.org/10.1038/nphoton.2007.250
https://doi.org/10.1038/nphoton.2007.250
https://doi.org/10.1038/s41592-018-0075-2
https://doi.org/10.1002/jmr.2510
https://doi.org/10.1038/s41598-017-05383-0
https://doi.org/10.1038/s41598-017-05383-0
https://doi.org/10.1021/nl100533c
https://doi.org/10.1007/s12195-009-0052-z
https://doi.org/10.1007/s12195-009-0052-z
https://doi.org/10.1021/acsnano.9b09941
https://doi.org/10.1021/acsnano.9b09941
https://doi.org/10.1039/c5lc00633c
https://doi.org/10.1007/s00249-008-0311-2
https://doi.org/10.1115/1.4046974
https://doi.org/10.1371/journal.pone.0043601
https://doi.org/10.1371/journal.pone.0012796
https://doi.org/10.1016/j.biomaterials.2013.04.023
https://doi.org/10.1016/j.biomaterials.2013.04.023
https://doi.org/10.1002/jbio.201400047
https://doi.org/10.1002/jbio.201400047
https://doi.org/10.1038/nmeth.3685
https://doi.10.1007/s11340-010-9354-2
https://doi.10.1007/s11340-010-9354-2
https://doi.org/10.1186/1556-276X-6-270
https://doi.org/10.1016/j.jbiomech.2011.09.007
https://doi.org/10.1016/j.jbiomech.2011.09.007
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-595978 November 7, 2020 Time: 19:28 # 9

Narasimhan et al. Mechanical Characterization for Mechanobiology

Thomson, L., Schweins, R., Draper, E. R., and Adams, D. J. (2020). Creating
transient gradients in supramolecular hydrogels. Macromol. Rapid Commun.
41:2000093. doi: 10.1002/marc.202000093

Tibbitt, M. W., and Anseth, K. S. (2009). Hydrogels as extracellular matrix mimics
for 3D cell culture. Biotechnol. Bioeng. 103, 655–663. doi: 10.1002/bit.22361

Timonen, J. V. I., and Grzybowski, B. A. (2017). Tweezing of magnetic and non-
magnetic objects with magnetic fields. Adv. Mater. 29:1603516. doi: 10.1002/
adma.201603516

Ting, T. C. T. (1964). The contact stresses between a rigid indenter and a
viscoelastic half-space. J. Appl. Mech. 33, 845–854. doi: 10.1115/1.3625192

Van Helvert, S., and Friedl, P. (2016). Strain stiffening of fibrillar collagen during
individual and collective cell migration identified by AFM Nanoindentation.
ACS Appl. Mater. Interfaces 8, 21946–21955. doi: 10.1021/acsami.6b01755

van Loenhout, M. T. J., De Vlaminck, I., Flebus, B., den Blanken, J. F., Zweifel,
L. P., Hooning, K. M., et al. (2013). Scanning a DNA molecule for bound
proteins using hybrid magnetic and optical tweezers. PLoS One 8:e65329. doi:
10.1371/journal.pone.0065329

Vedadghavami, A., Minooei, F., Mohammadi, M. H., Khetani, S., Rezaei Kolahchi,
A., Mashayekhan, S., et al. (2017). Manufacturing of hydrogel biomaterials
with controlled mechanical properties for tissue engineering applications. Acta
Biomater. 62, 42–63. doi: 10.1016/j.actbio.2017.07.028

Viji Babu, P. K., Rianna, C., Mirastschijski, U., and Radmacher, M. (2019). Nano-
mechanical mapping of interdependent cell and ECM mechanics by AFM force
spectroscopy. Sci. Rep. 9:12317. doi: 10.1038/s41598-019-48566-7

Welte, M. A., Gross, S. P., Postner, M., Block, S. M., and Wieschaus, E. F. (1998).
Developmental regulation of vesicle transport in Drosophila embryos: forces
and kinetics. Cell 92, 547–557. doi: 10.1016/S0092-8674(00)80947-2

Wu, P. J., Kabakova, I. V., Ruberti, J. W., Sherwood, J. M., Dunlop, I. E., Paterson,
C., et al. (2018). Water content, not stiffness, dominates Brillouin spectroscopy
measurements in hydrated materials. Nat. Methods 15, 561–562. doi: 10.1038/
s41592-018-0076-1

Xiao, Y., Friis, E. A., Gehrke, S. H., and Detamore, M. S. (2013). Mechanical testing
of hydrogels in cartilage tissue engineering: beyond the compressive modulus.
Tissue Eng. Part B Rev. 19, 403–412. doi: 10.1089/ten.teb.2012.0461

Xin, Q., Li, P., He, Y., Shi, C., Qiao, Y., Bian, X., et al. (2017). Magnetic tweezers for
the mechanical research of DNA at the single molecule level. Anal. Methods 9,
5720–5730. doi: 10.1039/c7ay01495c

Yablon, D. G. (ed.) (2013). Scanning Probe Microscopy for Industrial Applications:
Nanomechanical Characterization. (Hoboken, NJ: John Wiley & Sons, Inc).
doi: 10.1002/9781118723111

Yang, K., Jung, H., Lee, H. R., Lee, J. S., Kim, S. R., Song, K. Y., et al. (2014).
Multiscale, hierarchically patterned topography for directing human neural
stem cells into functional neurons. ACS Nano 8, 7809–7822. doi: 10.1021/
nn501182f

Yango, A., Schäpe, J., Rianna, C., Doschke, H., and Radmacher, M.
(2016). Measuring the viscoelastic creep of soft samples by step
response AFM. Soft Matter 12, 8297–8306. doi: 10.1039/c6sm0
0801a

Yasunaga, A., Murad, Y., and Li, I. T. S. (2019). Quantifying molecular tension—
classifications, interpretations and limitations of force sensors. Phys. Biol.
17:011001. doi: 10.1088/1478-3975/ab38ff

Zimberlin, J. A., Sanabria-DeLong, N., Tew, G. N., and Crosby, A. J. (2007).
Cavitation rheology for soft materials. Soft Matter 3, 763–767. doi: 10.1039/
b617050a

Ziv, K., Nuhn, H., Ben-Haim, Y., Sasportas, L. S., Kempen, P. J., Niedringhaus, T. P.,
et al. (2014). A tunable silk-alginate hydrogel scaffold for stem cell culture and
transplantation. Biomaterials 35, 3736–3743. doi: 10.1016/j.biomaterials.2014.
01.029

Zuidema, J. M., Rivet, C. J., Gilbert, R. J., and Morrison, F. A. (2014). A protocol
for rheological characterization of hydrogels for tissue engineering strategies.
J. Biomed. Mater. Res. Part B Appl. Biomater. 102, 1063–1073. doi: 10.1002/jbm.
b.33088

Conflict of Interest: The authors declare that the research was conducted in the
absence of any commercial or financial relationships that could be construed as a
potential conflict of interest.

Copyright © 2020 Narasimhan, Ting, Kollmetz, Horrocks, Chalard and Malmström.
This is an open-access article distributed under the terms of the Creative Commons
Attribution License (CC BY). The use, distribution or reproduction in other forums
is permitted, provided the original author(s) and the copyright owner(s) are credited
and that the original publication in this journal is cited, in accordance with accepted
academic practice. No use, distribution or reproduction is permitted which does not
comply with these terms.

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 9 November 2020 | Volume 8 | Article 595978112

https://doi.org/10.1002/marc.202000093
https://doi.org/10.1002/bit.22361
https://doi.org/10.1002/adma.201603516
https://doi.org/10.1002/adma.201603516
https://doi.org/10.1115/1.3625192
https://doi.org/10.1021/acsami.6b01755
https://doi.org/10.1371/journal.pone.0065329
https://doi.org/10.1371/journal.pone.0065329
https://doi.org/10.1016/j.actbio.2017.07.028
https://doi.org/10.1038/s41598-019-48566-7
https://doi.org/10.1016/S0092-8674(00)80947-2
https://doi.org/10.1038/s41592-018-0076-1
https://doi.org/10.1038/s41592-018-0076-1
https://doi.org/10.1089/ten.teb.2012.0461
https://doi.org/10.1039/c7ay01495c
https://doi.org/10.1002/9781118723111
https://doi.org/10.1021/nn501182f
https://doi.org/10.1021/nn501182f
https://doi.org/10.1039/c6sm00801a
https://doi.org/10.1039/c6sm00801a
https://doi.org/10.1088/1478-3975/ab38ff
https://doi.org/10.1039/b617050a
https://doi.org/10.1039/b617050a
https://doi.org/10.1016/j.biomaterials.2014.01.029
https://doi.org/10.1016/j.biomaterials.2014.01.029
https://doi.org/10.1002/jbm.b.33088
https://doi.org/10.1002/jbm.b.33088
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
http://creativecommons.org/licenses/by/4.0/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-596599 November 17, 2020 Time: 14:35 # 1

REVIEW
published: 20 November 2020

doi: 10.3389/fbioe.2020.596599

Edited by:
Qiang Wei,

Sichuan University, China

Reviewed by:
Tamal Das,

Tata Institute of Fundamental
Research, India

Leixiao Yu,
Freie Universität Berlin, Germany

*Correspondence:
Jacopo Di Russo

jdirusso@ukaachen.de

Specialty section:
This article was submitted to

Biomaterials,
a section of the journal

Frontiers in Bioengineering and
Biotechnology

Received: 19 August 2020
Accepted: 06 October 2020

Published: 20 November 2020

Citation:
Kozyrina AN, Piskova T and

Di Russo J (2020) Mechanobiology
of Epithelia From the Perspective

of Extracellular Matrix Heterogeneity.
Front. Bioeng. Biotechnol. 8:596599.

doi: 10.3389/fbioe.2020.596599

Mechanobiology of Epithelia From
the Perspective of Extracellular
Matrix Heterogeneity
Aleksandra N. Kozyrina1,2, Teodora Piskova1,2 and Jacopo Di Russo1,2,3*

1 Interdisciplinary Centre for Clinical Research, RWTH Aachen University, Aachen, Germany, 2 Institute of Molecular
and Cellular Anatomy, RWTH Aachen University, Aachen, Germany, 3 DWI – Leibniz-Institute for Interactive Materials,
Aachen, Germany

Understanding the complexity of the extracellular matrix (ECM) and its variability is
a necessary step on the way to engineering functional (bio)materials that serve their
respective purposes while relying on cell adhesion. Upon adhesion, cells receive
messages which contain both biochemical and mechanical information. The main
focus of mechanobiology lies in investigating the role of this mechanical coordination
in regulating cellular behavior. In recent years, this focus has been additionally shifted
toward cell collectives and the understanding of their behavior as a whole mechanical
continuum. Collective cell phenomena very much apply to epithelia which are
either simple cell-sheets or more complex three-dimensional structures. Researchers
have been mostly using the organization of monolayers to observe their collective
behavior in well-defined experimental setups in vitro. Nevertheless, recent studies have
also reported the impact of ECM remodeling on epithelial morphogenesis in vivo.
These new concepts, combined with the knowledge of ECM biochemical complexity
are of key importance for engineering new interactive materials to support both
epithelial remodeling and homeostasis. In this review, we summarize the structure and
heterogeneity of the ECM before discussing its impact on the epithelial mechanobiology.

Keywords: extracellular matrix, epithelial mechanobiology, basement membrane, interstitial matrix, matrix
heterogeneity

THE EXTRACELLULAR MATRIX OF EPITHELIA

ECM plays a pivotal role in controlling cell behavior, supporting cell collectives with both
biochemical information, and providing a correct mechanical environment (Mouw et al., 2014).
Each epithelium is anchored down by the BM which creates a boundary to the cells, separating
them from the underlying looser matrix network, called interstitial matrix (IM) or connective tissue
(Figures 1, 2). The structural and biochemical distinction of the BM and IM leads to the different
levels of contribution in regulating epithelial functions.

The BM is a 60–120 nm thick matrix network composed of collagen type IV, laminins,
nidogens, heparan sulfate proteoglycans, and other minor components. Collagen type IV and
laminins self-assemble to form two independent networks that interconnect via proteoglycans
and nidogens (Hohenester and Yurchenco, 2013). Collagen type IV is a triple-helical molecule
that can be assembled from six different chains (α1–α6) forming three distinct isoforms
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(Bächinger et al., 2010). The most commonly distributed isoform
is the [(α1)2(α2)], made of two α1 chains and a single α2 chain,
but also two other isoforms are present, namely [(α3)(α4)(α5)]
and [(α5)2(α6)]. The [(α3)(α4)(α5)] subtype is localized in the
BM of kidney glomerulus and the alveoli of the lung, whereas
[(α5)2(α6)] has been found in the epidermis, mammary glands,
and epithelium of the alimentary tract (Bächinger et al., 2010).

The laminin network has a much more heterogeneous
composition in comparison to collagen type IV. Laminins are
cross-shaped heterotrimeric glycoproteins composed of an alpha,
a beta and a gamma chain. Five alpha, three beta and three gamma
subunits can assemble to form 11 distinct laminin isoforms
(Aumailley, 2012). In contrast to collagen type IV, laminin
isoform expression varies depending on the tissue. In particular,
while the beta and gamma chains are engaged in the formation
of the protein network, the C-terminal domain of the alpha chain
is kept free for the interaction with the cellular receptors, thus
defining the tissue-specific distribution (Aumailley, 2012).

As suggested by the number of different isoforms, the BM
represents the most heterogeneous matrix in the epithelia. Tissue-
specific localization of laminin isoforms suggests the important
role of laminin in controlling specific epithelial functions.
Laminin 111 is the most abundant isoform during development
and is pivotal in controlling cell polarization and, therefore,
tissue shaping (Yurchenco, 2011; Lee and Streuli, 2014). Upon
maturation, further isoforms are also expressed instead of
laminin 111 in order to maintain the specific epithelium
homeostasis (Yurchenco, 2011). One of the most representative
examples is laminin 332, well-studied in the epidermal BM. Due
to the interaction with specific cellular receptors, it sustains the
formation of hemidesmosomes, thus ensuring tissue cohesion
upon external mechanical stress (Kiritsi et al., 2013; Rousselle
and Beck, 2013). Interestingly, the same protein in cleaved
variances or in different splicing versions is also important in
sustaining cell-adhesion in the reepithelization of wounds (Wen
et al., 2010). Other examples are laminins, containing the α5
chain, such as laminin 511 and 521. The laminin α5 chain
is characterized by the peculiarity to carry exposed arginine-
glycine-aspartate (RGD) sequences in addition to the cell-binding
domains at the C-terminal end (Sasaki and Timpl, 2001). The
RGD sequence is known to permit the binding of specific
integrin receptors (discussed below) that control cell mechanics,
including intercellular adhesion during the endothelial shear-
stress response (Di Russo et al., 2017).

As a result of structural distinction, collagen type IV and
laminin have different functions in the BM. Collagen monomers
are covalently linked to each other, conferring structural stability
to the BM and allowing it to withstand tensile strengths
(Poschl et al., 2004). In contrast, laminins are considered
biologically active components, controlling cell adhesion through
the interaction with cellular receptors (Figure 1). Furthermore,
it is worth noting that laminins do not self-assemble with
covalent bonds, but rather via ionic interactions (Hohenester and
Yurchenco, 2013). This supports the idea of the lower force-
bearing role of the network and its higher flexibility necessary,
for instance, to allow cell crossing during leukocyte migration

(Sorokin, 2010). Additionally, it has been shown that the genetic
removal of the heparan sulfate proteoglycan perlecan strongly
reduces the mechanical impact of BM on epithelial behavior.
This suggests that the uncoupling of the cell-interactive laminin
network from the mechanical bearing collagen network disrupts
the mechanotransduction effect of the matrix (Crest et al., 2017;
Chen et al., 2019).

The IM is a distinct ECM layer located underneath the BM.
In the homeostatic state, epithelial cells are not in direct contact
with the IM, however, the arrangement of its components confers
the structure to the epithelium as shown in the skin (Silver
et al., 2003). Similar to other connective tissues, epithelial IM
is characterized by a fibrillar protein network loosely connected
to each other. It is composed of fibrillar collagens (type I,
II, III, and V), non-fibrillar collagens (e.g., XII and XIV),
glycoproteins including fibronectin, vitronectin and tenascin-
C, and proteoglycans such as decorin or biglycan (Mouw
et al., 2014; Figure 1). Elastin is also very abundant in the
IM and forms an extensive crosslinked network of fibers and
sheets. The elastin can be also organized separately from the
collagen fibers forming a distinct layer. This is the case in
tissues characterized by physiological pressure oscillations that
define the mechanical resilience of the matrix. One example of
this is found in the Bruch’s membrane of the retinal pigment
epithelium where the elasticity of the elastin counteracts the
toughness provided by the collagen network (Booij et al., 2010;
Figure 2).

Besides the biochemical contribution of the BM to epithelial
cell adhesion, some mechanobiological considerations can be
deduced only from the ultrastructure of the two matrix layers.
Due to the sheet-like organization, the BM is not thought to
be flexible, therefore possessing higher mechanical resistance
to cellular adhesion. Nevertheless, due to the anatomy of
the BM, it is particularly challenging to perform accurate
measurement ex vivo with the methods currently available.
Some attempts of measurements on different BMs have been
done using techniques such as atomic force microscopy or
micropipette aspiration which provided substantially different
results (from 10 kPa to 5 MPa) (Figure 1; Grantham et al.,
1987; Welling et al., 1995; Candiello et al., 2007; Endlich
and Endlich, 2012). This suggests the high dependency of the
measurements on the tissue preparation or the method employed
(Grantham et al., 1987; Candiello et al., 2007). In conclusion, new
experimental data using less invasive techniques will be necessary
to characterize BM properties.

The mechanics of IM on the other hand has been characterized
more thoroughly (Guimarães et al., 2020). Its compliance is
highly dependent on the relative amount of collagen, elastin,
and the level of network crosslinking, which varies according to
tissue and age (Birch, 2019). According to several independent
measurements, IM Young’s modulus can range between 1 and
100 kPa (Pailler-Mattei et al., 2008; Booth et al., 2012; Peñuela
et al., 2018; Figure 1). Additionally, the differing content of
polysaccharides such as hyaluronic acid ensures different water
retention of the matrix layer, varying its resistance to compressive
forces (Lodish et al., 2003).
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FIGURE 1 | Schematic representation of epithelial ECM, its composition, and mechanical properties. The table summarizes the integrin receptors for the main
epithelial laminins together with the fibronectin and vitronectin as aberrant basement membrane components during remodeling. *Grantham et al. (1987), Welling
et al. (1995), Candiello et al. (2007), Endlich and Endlich (2012), **Pailler-Mattei et al. (2008), Booth et al. (2012), Peñuela et al. (2018).

BASEMENT MEMBRANE RECEPTORS

To engineer functional biomaterials supporting epithelial tissue,
it is crucial to understand the nature of cell-ECM adhesion with
its biochemical composition and structures. Epithelial cells are
tightly bound to their BM via specific receptors. For the aim of
this review, we will mainly focus on integrin receptors due to their
major role in regulating cell adhesion and function, while keeping
in mind that the importance of non-integrin receptors, including
syndecans and the non-muscle dystroglycan complex, should not
be underestimated either.

Integrins are a family of transmembrane heterodimeric
receptors containing an alpha and a beta chain. As indicated
by the name, they integrate the extracellular space with the
intracellular cytoskeleton system. In the BM, the alpha chain of
laminins defines the specificity for integrin adhesion, commonly
with one of the following isoforms: α6β1, α3β1, α6β4 and
α7β1 (Pozzi et al., 2017; Figure 1). Integrin α6β1 represents
the most promiscuous receptors for laminin isoforms, whereas
integrins α3β1 and α6β4 mainly bind to laminin α3 and α5
chains. Finally, α7β1 preferentially interacts with α2 and α5
laminin chains (Belkin and Stepp, 2000). Additionally to the
mentioned classical laminin-binding integrins, laminin α5 chain
has been shown to promote cell adhesion also via integrins αvβ3,

αvβ1 and α5β1 thanks to the RGD sequences present at the
N-terminal end (Sasaki and Timpl, 2001; Di Russo et al., 2017;
Figure 1).

Integrin receptors contribute to the formation of two main
adhesion structures: focal adhesions and hemidesmosomes. Focal
adhesions are mechanosensitive multiprotein complexes that
connect the integrins to the intracellular actin cytoskeleton.
There are no published reports on mature focal adhesion in the
homeostatic state of epithelial cells, however, it is known that
they appear as soon as remodeling events occur (Underwood
et al., 2008; Tarau et al., 2019). This often happens together with
the deposition of aberrant ECM proteins such as fibronectin
which together with laminins forms a provisional BM (Koivisto
et al., 2011; Figure 1). During these processes, epithelial cells lose
their polarization and increase adhesion strength to the ECM,
thanks to the formation of focal adhesions and actin stress fibers.
This allows basal keratinocytes, for instance, to start the process
of reepithelization in skin wound healing (Carter et al., 1990;
Underwood et al., 2008). Among the laminin-binding integrins,
only α3β1 has been suggested to form focal adhesions in epithelia
(Carter et al., 1990; Dogic et al., 1998). Furthermore, most
epithelial cells also express α5β1 and αvβ3 integrins which play
pivotal roles during cell migration (Schiller and Fässler, 2013).
In some pathological situations, similar phenotypical changes
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FIGURE 2 | Retinal pigment epithelium as an example of epithelial tissue.
(A) Whole mount staining of retinal pigment epithelium monolayer for actin,
nuclear marker and laminin α5. The 2D visualization of the monolayer surface
nicely shows the honeycomb-like structure arrangement of the cells during
homeostasis. The optical section reveals the underlining basement
membranes of the retinal pigment epithelium and choroidal endothelium
stained for laminin α5. Scale bar is 20 µm. (B) Electron micrograph showing
the ultrastructural organization of the ECM in the retina which separates the
epithelium (highlighted in green) from the choroidal endothelium (highlighted in
blue). The collagen and elastin rich interstitial matrix is located underneath the
basement membrane (BM) of the pigment epithelium. Scale bar is 500 nm.

can also be observed without the presence of a wound but
with associated ECM remodeling events. This is the case for
the retinal pigment epithelial cells during the progression of
age-related macular degeneration (Rickman et al., 2016). Before
the disease manifests, aberrant accumulations of ECM can be
observed underneath the epithelium. This remodeling suggests
the induction of cell phenotypical changes characterized by loss
of polarity and the formation of stress fibers (Tarau et al., 2019).

Differently from focal adhesions, hemidesmosomes are
epithelial-specific cell-laminin adhesion structures that
anchor the cells to the ECM via the keratin intermediate
filament cytoskeleton (Walko et al., 2015). Integrin α6β4
heterodimers participate in the formation of hemidesmosomes
and together with plakins are connected to the cytokeratin
network (Chaudhari and Vaidya, 2014). Hemidesmosomes are
crucial for both controlling epithelial tissue homeostasis and
mechanical properties including stiffness, stretchability, strength,
resilience, and toughness (Nievers et al., 1999; Russell et al., 2004;
Ramms et al., 2013; Seltmann et al., 2013). This is demonstrated
by the fact that mutations and defects of either hemidesmosome
components or one of the binding laminins result in epithelial
malfunction and lack of tissue integrity (Kiritsi et al., 2013;
Walko et al., 2015). Examples for that are the debilitating disease
of the epidermolysis bullosa, characterized by the formation
of blisters on the surface of the skin (Kiritsi et al., 2013), or
inflammatory lesions caused by hemidesmosomes disruption
that can lead to the development of epithelial-derived cancers
(Arcangelis et al., 2017).

Aiming to promote specific cell adhesion on engineered
biomaterials, scientists have been using ECM-derived synthetic
peptides rather than full-length proteins. The first identified
sequence which strongly promotes cell adhesion was RGD,
initially derived from the fibronectin protein (Mas-Moruno et al.,
2016). Currently, different forms of RGD peptides are broadly
used to functionalize biomaterials, even though they will only
engage a small proportion of integrin isoforms present on
epithelial cells (Humphries et al., 2006). Furthermore, the RGD
sequence largely supports a remodeling status within the tissue,
which might not be the aim of a specific biomaterial. To mimic
the ECM while sustaining epithelial homeostasis, BM-derived
peptides would be more advantageous. This can be achieved
by testing and optimizing a combination of some of the many
available laminin-derived peptides (Kikkawa et al., 2013) and,
ultimately, by developing a hemidesmosome-supporting material
to provide integrity and mechanical resilience to the epithelia.

EPITHELIAL MECHANICS

From Single Cell to Collective
Additionally to the cell-ECM adhesion heterogeneity, the impact
of cellular mechanotransduction and the length scale to which
forces are sensed has to be taken into consideration. Due to
their position between body compartments, epithelia need to
withstand external forces and respond accordingly (Califano and
Reinhart-King, 2009; Tschumperlin et al., 2009; Heisenberg and
Bellaïche, 2013). This is achieved through their high number of
intercellular adhesion structures mainly organized in adherents
and tight junctions (Bazellières et al., 2015). In the last few
years, it became clear that in addition to ensuring tissue barrier,
these intercellular interactions make epithelia a biochemical and
mechanical continuum (Trepat and Sahai, 2018; Shellard and
Mayor, 2019). In particular, mechanical properties and behavior
are difficult to explain, looking at a single cell forming the tissue
and without considering epithelia as a functional cell collective.
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From the biomechanical point of view, several models
have been proposed to explain single-cell mechanical behavior
(Rajagopal et al., 2017). Cells can be depicted as systems
with elastic borders (membrane) and homogeneous internal
components made of viscous, viscoelastic, or elastic matter
(cytoplasm) (Karcher et al., 2003). However, these models are not
useful in explaining the mechanical properties of cells because
they neglect the internal microstructures and the interaction with
the cellular environment. One of the most fitting ideas describing
the dynamic mechanical equilibrium of cells is the tensegrity
model, introduced by Donald Ingber (Ingber, 2003). The model
considers cellular architecture under tensional integrity or
“tensegrity” which defines cell shape in each cell condition.
Tensional forces created by cytoskeletal microfilaments (actin)
are balanced by compression borne by interconnected structural
filaments, including internal microtubule struts and intermediate
filaments that are connected to cell-ECM adhesion structures
(Ingber et al., 2014). The cell shape represents the total
equilibrium of inner and outer forces as an effective work of
the cytoskeleton network. Therefore, this model offers a good
explanation as to why cells have a round shape when floating, or
exhibit greater spread on hard substrata compared to soft.

This dynamic equilibrium of forces is not only important
for a single cell during the division and migration but also
plays a crucial role at the multicellular level (Vishwakarma and
Di Russo, 2019). In epithelia, individual cells balance cell-ECM
traction forces with the adhesion to neighboring cells, therefore
creating cell-cell stresses spread throughout the whole tissue. In
this respect, the above-described model might be extended to
a “collective tensegrity.” Thus, from the physiological point of
view, this is of high relevance to understanding the mechanical
stimuli affecting the epithelia at a multicellular level or mesoscale
(Trepat and Sahai, 2018). Intriguingly, if the ECM is carefully
removed without interfering with cell-cell interaction, epithelia
are not rounding up as might be expected but instead changing
the specialized tissue morphology and function. This supports
the importance of ECM in controlling epithelial mechanobiology
(Banerjee et al., 1977). Moreover, a recent study on drosophila
leg development has demonstrated that ECM plays a key role in
regulating epithelial tensegrity. It was shown that the peripodial
epithelium which defines the imaginal leg disc, builds up a
multicellular tension through the mechanical constrain of the
BM. Nevertheless, later in development, the monolayer has to
detach from its BM to overcome the matrix constrain and lose
its tensegrity, thus allowing the epithelial rupture and retraction
crucial for leg elongation (Proag et al., 2019). In conclusion,
the mechanical properties of epithelia as a complex system
cannot be considered without the connection to the specific
ECM environment.

To dissect the relationship between cell-ECM traction forces
and cell-cell stress, experiments using a minimal model of
epithelial tissue were conducted (Maruthamuthu et al., 2011).
The analyses of pairs of interacting epithelial cells revealed not
just a force misbalance from the single-cell point of view, but
rather equilibrium within the whole system. As a consequence of
the formation of adherens junctions, epithelial cells interconnect
to each other with an endogenous force of about 100 nN

(Maruthamuthu et al., 2011). With the increasing number of cells
in the system, clusters and sheets of cells show the same behavior.
Therefore, with increasing cell numbers the traction forces raise
only at the colony peripheries and the stresses redistribute or
dissipate within the whole cell collective (Maruthamuthu et al.,
2011; Sunyer et al., 2016; Shellard and Mayor, 2019). Altering
cell-ECM adhesion also impacts the intercellular stresses as a
result of the new force balance with the substrate, supporting the
tensegrity model. To be noted, not only the mechanical properties
(e.g., stiffness) of the ECM but also its biochemical composition
alone affects force redistribution in the collective, indicating
the significance of ECM complexity in epithelial mechanics
(Maruthamuthu et al., 2011; Vishwakarma and Di Russo, 2019).
With regards to this ability of epithelia to balance forces, an
interesting phenomenon has been observed in keratinocytes:
in the process of reepithelization in wound healing, basal
keratinocytes might encounter a region of low adhesiveness while
migrating on a heterogeneous matrix. It has been described that
in order to maintain tissue integrity, keratinocytes monolayers
can bridge non-adhesive ECM regions, increasing intercellular
stresses through cooperative traction forces at the monolayer
edges (Vedula et al., 2014).

ECM, Epithelial Dynamics, and
Morphogenesis
Epithelia are highly dynamic tissues with active cell division,
cell mingling, and replacement of damaged or dead
cells (Vishwakarma and Di Russo, 2019). These natural
rearrangements lead to a redistribution of forces and, thus, a
mechanical heterogeneity of the whole epithelia (Vishwakarma
and Di Russo, 2019). This is also a consequence of the
organization in coordinated cell-packs within the tissue, thus
creating only a local order within otherwise heterogeneous
tissue (Garrahan, 2011). Experimental evidence of epithelial
monolayer traction force microscopy and its 3D plotting have
shown that monolayer stress distribution is a rugged landscape
where peaks (high-stress regions) or valleys (low-stress regions)
are equivalent to the region of cellular coordination where forces
are redistributed within cell-packs (Tambe et al., 2011). These
packs can be characterized by correlating the force vectors or
velocities vectors, in the presence of cell movements. In specific
environmental conditions, these packs possess a critical size
below which cells can coordinate stress. The size of coordination
largely depends on ECM mechanical features as similarly shown
by Maruthamuthu V. and colleagues for smaller cell clusters
(Maruthamuthu et al., 2011; Vishwakarma et al., 2018). The
universality of this phenomenon was shown with MDCK cells
(tubular kidney epithelium) and HaCaT cells (keratinocytes)
which are phenotypically and functionally different but both are
able to cooperate on a scale of 10–15 cell diameters (Tambe et al.,
2011; Vishwakarma et al., 2018). This stress heterogeneity of the
monolayer has been shown to exist both in vitro and in vivo
(Garrahan, 2011; Mongera et al., 2018) and a growing amount
of data supports its important role in controlling epithelial
functions (Vishwakarma and Di Russo, 2019; Vishwakarma
et al., 2020). For example, it has been proposed that the ability
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of epithelial cells to coordinate in packs may play a role in
regulating the extrusion of apoptotic cells from monolayers
(Saw et al., 2017).

Recent data in vivo also strongly support the idea of the
connection between local ECM heterogeneity and this epithelial
mechanical anisotropy (Crest et al., 2017; Sui et al., 2018;
Fiore et al., 2020). It has been shown that during carcinoma
development, mutated cells more efficiently cooperate with
each other, thus creating a local increase of tissue stiffness.
Here, the mechanical contribution of the epidermal BM in
the tumor region plays a more important role compared to
the actual epithelial stiffness in regulating tumor morphology
(Fiore et al., 2020). Additionally, in vitro experiments using
3D epithelial spheroids and artificial matrices have shown the
connection between integrin receptors clustering and ECM
stiffness (Chaudhuri et al., 2014). The alteration of the epithelial
phenotype is supported only when the ECM stiffness increases
without an increase of ligand density. In particular, the failure
of integrin α6β4 clustering and hemidesmosomes formation
induces epithelial malignancy pathways. Altogether, these data
highlight the underestimated complex relation between the ECM
mechanics and specific biochemical heterogeneity in controlling
epithelial phenotype.

Growing body of observation from developmental processes
involving epithelial morphogenesis has shown that ECM
patterning plays a key role in controlling local tissue mechanics
(Crest et al., 2017; Sui et al., 2018). Similar to what has been
shown during carcinoma expansion (Fiore et al., 2020), in
drosophila egg chamber elongation and wing imaginal disc
formation, the epithelial folding is mainly regulated by ECM
resilience. Surprisingly, polarized cellular actomyosin contraction
plays a minor role in epithelial morphogenesis, but rather the
local reduction of BM density drives the monolayer mechanical
anisotropy (Sui et al., 2018).

During dynamic cell rearrangements such as in development
(Mongera et al., 2018), cells possess a certain persistence of
motion related to migration and preferred cell shape as a result of
the balance between the specific adhesion and tension forces (Bi
et al., 2015). A shift of these parameters can define a monolayer
as solid-like or fluid-like and leads to transitions that have been
compared to glass transition occurring in a supercooled fluid
or dense particulate matter (Garrahan, 2011). The solid-like
state of the epithelia is characterized by nearly homogeneous
shapes and constant position of cells with little fluctuations, as
in homeostatic tissue. However, certain conditions might lead
to unjamming and reshuffling of the monolayer (Malinverno
et al., 2017), leading to shape and coordination heterogeneity
of the whole tissue. Shape heterogeneity appears as a result of
dynamic monolayer reconfiguration and produces high inner
energy that provides the epithelium with specific mechanical
properties. This could predetermine the phase transition between
the jammed and unjammed states of cell sheets (Park et al., 2016).
ECM remodeling has been shown to regulate the conversion
of cell shape in epithelia during development (Sui et al., 2018).
In the elongation of drosophila wings and legs, epithelial cells
undergo columnar to cuboidal shape transformation to allow
enlargement of cells area and thus a collective expansion of the

FIGURE 3 | Graphical overview of possible effects of ECM biochemical
(yellow to green) and mechanical (blue to red) remodeling on epithelial tissue.
Different adhesion conditions may affect epithelia in various aspects such as
barrier function (A), remodeling (B) and mechanical anisotropy (C). Here we
schematize an increase of permeability, a jamming-unjamming transition and a
stiffening of the monolayer upon new ECM.
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tissue. This process is driven by the fine regulation of specific
proteinase expression which locally changes the ECM leading to
alteration of actomyosin contraction in the cells (Sui et al., 2018).
Matrix mechanical gradient commands not only the shape of
the cells but also its eccentricity and the orientation of division,
suggesting a link between ECM anisotropy and epithelial local
unjamming crucial for tissue morphogenesis (Mongera et al.,
2018; Chen et al., 2019).

In the homeostatic state of the adult epithelia, within
overcrowded regions, external forces tend to redistribute in order
to be balanced for each particular cell. As a result, most of the cells
possess a hexagonal shape and arrange themselves in honeycomb-
like structures as a representation of an energetically beneficial
state (Figure 2A; Bi et al., 2015). Using computer simulations of
the vortex model, it has been shown that the transition between
jammed and unjammed status can be modeled and predicted
using an adimensional shape factor obtained combining cell
area and perimeter (q = P/

√
A) (Bi et al., 2015). The different

predictions were used to obtain a jamming phase diagram,
suggesting the presence of a threshold of intercellular stresses
and traction forces up to which epithelia stay in a jammed
status (Park et al., 2016). As discussed above, the emerging
role of cell jamming-unjamming transition was highlighted in
development but also appears in the context of asthma and
cancer (Park et al., 2015; Mongera et al., 2018; Palamidessi et al.,
2019). It has been shown that the epithelial monolayer develops a
different level of traction forces and stresses in asthmatic vs. non-
asthmatic patients. Cells from asthmatic patients showed a lower
threshold to undergo phase transition, making the epithelium
hypersensitive to stresses (Park et al., 2015). Differences in
traction forces can also increase due to ECM mechanical and
biochemical remodeling. Therefore, it is reasonable to think that
local ECM heterogeneity has a central role in controlling the
threshold of phase transition also in diseases (Tambe et al., 2011;
Ladoux and Mege, 2017; Vishwakarma and Di Russo, 2019;
Figure 3). Tissue morphogenesis and cancer development are
also characterized by the collective migration of epithelial cells
(Rørth, 2012). This inherent ability of all epithelia is possible
due to the intercellular transmission of forces which allows for
the efficient coordination of their movement during migration.
Upon cell movement, the increased tension at tight junctions
with the neighbor cell leads to the formation of an intracellular
Rac1 gradient (Das et al., 2015), which makes each individual
cell align and migrate toward the net force, thus minimizing
intercellular shear stresses in a process called plithotaxis (Trepat
and Fredberg, 2011). As a consequence of plithotaxis, epithelia
are able to respond to environmental changes on a larger scale
and more efficient scale compared to single cells. This has
been nicely demonstrated in the ability of monolayers to move
toward stiffness gradients of ECM substrata (collective durotaxis)
(Sunyer et al., 2016) underlining the functional importance of
supracellular force transmission for epithelial function (Shellard
and Mayor, 2019). During the onset of collective monolayer
migration, the length scale of force propagation is directly
correlated to the amount of stress present in the epithelia. It
has been shown that stiffer substrata and thus larger distances
of force correlation, induce a lower number of leader cells
to guide monolayer migration (Vishwakarma et al., 2018).

Long-range force transmission also has the role of dissipating
mechanical stress as shown by monolayer deformations that
emerge right after wound closure and propagate across the
whole epithelium as decaying waves (Rodríguez-Franco et al.,
2017). In conclusion, also in collective migration, the complex
relation of ECM mechanical and biochemical signals has a
direct effect in defining the intercellular stress distribution and
its length scale.

FINAL REMARKS

Understanding ECM composition in different biological
processes and its implication for epithelial mechanobiology
is fundamental to suitably engineer biomaterials to support
epithelial tissues. For example, distinct laminin isoforms in
the BM or the presence of aberrant matrix proteins such as
fibronectin, dramatically differ in controlling cell adhesion,
traction forces, and thus functions. The same is valid for variable
stiffnesses provided by the IMs. Nevertheless, it is still unclear
how the nature of ECM ligands and their density in relation
to the stiffness may affect mechanotransduction processes.
Till now mechanobiological studies have been conducted in
developmental contexts or using in vitro systems. Many open
questions still need answers for the mechanobiological impact
resulting in the dramatic changes occurring during epithelial
aging and disease.

Altogether different ECM biochemical and mechanical cues
strongly influence epithelial functions. New ECM composition
may lead to an alteration of the epithelial barrier, monolayer
remodeling and the formation of local mechanical anisotropy
(Figure 3). Finally, it is important to look at epithelial behavior at
the multicellular mesoscale level, due to their collective behavior
and their ability to respond and “sense” the environment at mm
rather than µm scale.
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The microenvironment in which cells reside in vivo dictates their biological and
mechanical functioning is associated with morphogenetic and regenerative processes
and may find implications in regenerative medicine and tissue engineering. The
development of nano- and micro-fabricated technologies, three-dimensional (3D)
printing technique, and biomimetic medical materials have enabled researchers to
prepare novel advanced substrates mimicking the in vivo microenvironment. Most of the
novel morphologies and behaviors of cells, including contact guidance and cell bridges
which are observed in vivo but are not perceived in the traditional two-dimensional (2D)
culture system, emerged on those novel substrates. Using cell bridges, cell can span
over the surface of substrates to maintain mechanical stability and integrity of tissue,
as observed in physiological processes, such as wound healing, regeneration and
development. Compared to contact guidance, which has received increased attention
and is investigated extensively, studies on cell bridges remain scarce. Therefore, in this
mini-review, we have comprehensively summarized and classified different kinds of cell
bridges formed on various substrates and highlighted possible biophysical mechanisms
underlying cell bridge formation for their possible implication in the fields of tissue
engineering and regenerative medicine.

Keywords: regeneration medicine, chemical pattern, cell bridges, topography, tissue engineering

INTRODUCTION

Cell–cell contact (Ilkka et al., 2018), bioactive factors (Jiali et al., 2019) and extra-cellular matrix
(ECM) (Ramirez-San et al., 2017) provide biomechanical and biochemical cues that are crucial
for cell phenotype and function. The interaction of extracellular matrix (ECM) with cells is
predominantly mediated through focal adhesion (Ray et al., 2017; Yu et al., 2020). However, cells
suspend easily in the absence of attachment to ECM due to the discontinuity of adhesion sites
and the complexity and heterogeneity of ECM geometrical cues, which varies with the cell type
and the Rac activation (Guillou et al., 2008). Particularly, cells have the capacity to sense and
transduce the chemical and physical properties of ECM to their cytoskeletal structures to bridge
across the non-adhesion areas and maintain the mechanical stability and integrity of tissue (Thery,
2010), as observed in wound healing (Vedula et al., 2015), regeneration (Goldshmit et al., 2012) and
development (Whong, 1931).

Decades of research have indicates that the microenvironment of cells plays a crucial role
in regulating its behaviors and function both in vivo and in vitro (Carrel and Burrows, 1911).
Since the 1980s, the introduction of photolithographical techniques, initially developed for the

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 1 November 2020 | Volume 8 | Article 609317122

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#editorial-board
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#editorial-board
https://doi.org/10.3389/fbioe.2020.609317
http://creativecommons.org/licenses/by/4.0/
https://doi.org/10.3389/fbioe.2020.609317
http://crossmark.crossref.org/dialog/?doi=10.3389/fbioe.2020.609317&domain=pdf&date_stamp=2020-11-24
https://www.frontiersin.org/articles/10.3389/fbioe.2020.609317/full
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-609317 November 20, 2020 Time: 12:52 # 2

Zhang The Research Advance of Cell Bridges

microelectronic industry, into the cell culturing field has led
the development of patterned substrates for cell analysis and
culture (Curtis and Varde, 1964). The majority of cell types
can adapt their adhesion, morphology, migration, cytoskeleton
and/or genome according to the chemical and topographic
patterns on artificial substrates mimicking the native ECM
microenvironment (Ahmed and Ffrench-Constant, 2016; Ma
et al., 2018). Notably, some novel cell morphologies which in
part dictates the cell such as contact guidance (Nguyen et al.,
2016; Ray et al., 2017) and cell bridges (Goldner et al., 2006;
Zhang et al., 2015b), have been observed on the patterned
substrates at micro and nano scale. While contact guidance has
been extensively investigated in regeneration medicine and tissue
engineering (Kamyar et al., 2018; Tonazzini et al., 2019), studies
on cell bridges observed on chemical pattern substrates and some
nano/micro topographical substrates remain scarce.

Although the traditional two-dimension (2D) culture system
is extensively used as a valuable tool for cell-based studies,
it exhibits several limitations (Liu et al., 2018), such as
abnormal structural characteristics, mechanical constraints, not
being able to accurately mimic the natural microenvironment
where cells reside in tissues and interactions between cells.
Thus, as an alternative to the technical limitations of the 2D
culture system, a 3D culture system with the advantage of
mimicking the microenvironment of natural ECM is preferred
for regenerative medicine and tissue engineering research (Joyce
et al., 2018; Lin et al., 2019). Besides, 3D scaffolds can provide a
better representation of the natural tissue architecture, chemical
composition, and mimic cell communication between the cell
and microenvironment (Hassani et al., 2020; Hou et al., 2020).
More recently, scaffold-based 3D assembly of cells has been
applied and used as a supporting structure to guide cell adhesion,
growth, differentiation, and arrangement in a manner analogous
to developmental processes or tissue repair (Liu et al., 2018).
Thus, 3D culture systems overcoming the obstacles arising from
traditional 2D culture systems have emerged as pioneering
methodology and extensively utilized for stem cell research,
regenerative medicine studies, and tissue engineering (Yuan
et al., 2018). On different types of 3D substrates, such as
microspheres, porous scaffolds or 3D printing scaffolds (Jamal
et al., 2010), various cell types span across different surfaces of
scaffold and form cell bridges with single-cell or collective cells
(Alvim Valente et al., 2018).

With the recent advancement of tissue engineering, cell
biology, and biomaterials science, various substrates or scaffolds
with more defined topographic (Zhao et al., 2018) and chemical
(Na et al., 2017) pattern are prepared to mimic the natural cell
niche in tissue in order to guide the cells behavior. Contact
guidance (Zhang et al., 2015a; Tonazzini et al., 2019), cell
adhesion (Vasiliki and Triantafyllos, 2018), differentiation (Yao
et al., 2016; Zhang et al., 2019) and gene expression (Qiongfang
et al., 2018) have been paid much attention and investigated
extensively; however, cell bridges, a phenomenon as consistent
as contact guidance remain to be completely elucidated. As an
essential behavior of cells, cell bridges may play crucial role
in organization of cells, migration and development. Therefore,
particular attention should be paid to these cell bridges in cell

biology, regenerative medicine and embryonic development. In
this mini-review, we comprehensively summarized and classified
different kinds of cell bridges formed on various substrates;
besides, the process of formation, possible mechanism and cues
of cell bridges will be outlined and highlighted. The effects
of the formation of cell bridges on cell proliferation and/or
differentiation will be reviewed. We will also discuss the need
for investigations of cell bridges. This article will provide
critical overview of cell bridges for their possible implications
in the fields of tissue engineering, biology and regenerative
medicine and will be helpful in expanding our understanding
of cell behaviors.

APPROACHES OF CELL BRIDGING

Cells can span across non-adhesion areas or concave and suspend
their body in air irrespective of chemical pattern or topography
both in vivo and in vitro. In this section, the approaches of cell
bridging in vitro will be summarized, discussed, and classified.

Topography, as a critical factor of microenvironment, impose
specific mechanical boundary conditions to cells, has engrossed
increasing attentions over a few decades due to its influence on
cell mechanics, function, polarity, and architecture (Abagnale
et al., 2017). Various topographies with different morphology
and size (from nanometer, sub-micrometer to micrometers) have
been prepared to investigate the phenomenon and mechanism of
cell behavior and function (Nguyen et al., 2016; Ribeiro et al.,
2019). Several kinds of cells spreading and morphology have
been reported on diverse topographic substrates and can be
roughly classified into three patterns: (1) growing along the
topography, as represented by Xenopus tissue on micropost
arrays (Song et al., 2015) and neurons on ring-shaped nanopillar
arrays (Xie et al., 2010); (2) engulfing the topography, as shown
by neurons on gold-spine electrode (Hai et al., 2010); (3)
spanning across topography, as depicted by primary hippocampal
neurons on pillar arrays (Park et al., 2016a,b). Furthermore,
cell bridges containing a single cell or multiple cells on groove
substrates have been summarized and described by five strategies
(Figures 1AI–V,B–V) depending on the interaction between
cell/cell and topographic substrates, as illustrated in Figure 1A
(sketch maps) and Figure 1B (scanning electron microscope
photos) (Zhang et al., 2015b). In the first strategy as shown
in Figures 1AI,BI, cells located at the bottom of grooves with
other parts of their body adhering the two side walls. In the
second strategy as shown in Figures 1AII,BII, cells suspended
in air with their body adhering the bottom of grooves and one
side wall. In other strategies, cells bridged across grooves with
their body grasping the two side walls (Figures 1AIII,BIII),
one side wall and the other side plateau (Figures 1AIV,BIV) or
two side plateau (Figures 1AV,BV). Sometimes, cells combined
together to bridge grooves as shown in Figure 1BVI. In this
section, cell bridges constituting different kinds of cells, i.e.,
mesenchymal stem cells (MSCs), neurons, on a variety of
topographic surfaces with different structure and biochemical
compositions, will be classified according to the strategies shown
in Figures 1A,B, and will be summarized as presented in Table 1.
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FIGURE 1 | Various morphologies of cell bridges resulting from topographic
cues. The sketch maps (A) and SEM photos (B) of various types of human
mesenchymal stem cells (hMSCs) bridges observed on micro-grooved
substrates. In panels (AI,BI), cells contacted with substrates at bottom and
two side walls. In panels (AII,BII), cells adhered bottom and one side wall. In
panels (AIII–V,BIII–V), cells suspended above grooves by climbing two side
walls, one side wall and the other side plateau or two side plateau,
respectively. Collective cells bridges crossing grooves as shown in panel (BVI).
From Zhang et al. (2015b). Copyright 2015 RSC. (C) mouse mesenchymal
stem cells (mMSCs) bridges spanning over two microspheres. From Cheng
et al. (2014). Copyright 2014 RSC. (D) Fibroblasts bridges stretching inside
the etched features. From Nikkhah et al. (2010). Copyright 2010 Elsevier.
(E) Fibroblasts bridges across the gap between two neighboring rigid panels.
From Jamal et al. (2010). Copyright 2010 Elsevier. Scale bars represent
50 µm in panel (B), 20 µm in panel (D), and 30 µm in panel (E).

Typical cell bridges between two neighboring microspheres,
two surfaces of a scaffold, and a cavity structure are shown in
Figures 1C–E, individually (Jamal et al., 2010; Nikkhah et al.,
2010; Cheng et al., 2014).

The adhesion sites, mediating the attachment of cells to
ECM, are not continuous in the microenvironment of cells,
and its spatial distribution is predominantly dependent on the
biochemical composition pattern of the microenvironment
(chemical microenvironment), which is dictated by the
location and orientation of ECM fibers and the positions of
adjacent cells (Thery, 2010). Consistent with the topographic
microenvironment, chemical cues also play a crucial role in
the regulation of cellular differentiation, gene expression, and
functions (Xing et al., 2019). Chemical micro-patterns are
prepared to mimic the chemical microenvironment in vivo to
accurately investigate the cell behavior and mechanism based
on cell adhesions (Tu et al., 2017). On these artificial chemical
micro-patterns, in addition to being confined to adhesion
micro-areas, cells can also span across the non-adhesion area and
grow into cell bridges identical to axon (Sorkin et al., 2006) and
epithelium bridges (Vedula et al., 2014b) emerged during wound
healing in vivo. Three key patterns have been identified for the

formation of cell bridgs on chemical micropattern (Figure 2):
(1) single-cell spreading on specific chemical micropattern with
parts of cell body suspended on non-adhesion areas (Théry
et al., 2010; Figure 2A); (2) multiple-cells spanning over a
non-adhesion area while communicating each other (Vedula
et al., 2014b; Figure 2C); (3) axon and dendrite spanning over
non-adhesion areas without suspending cell bodies (Sorkin et al.,
2006; Figure 2B). Cell bridges arising on chemical micropattern
have been summarized in Table 2.

THE KEY CUES FOR INITIATION OF
CELL BRIDGES FORMATION AND THE
EXTREMITIES OF CELL BRIDGES

Cellular morphology and organization are crucial for migration
and differentiation of cells and tissue microarchitecture.
Therefore, it becomes imperative to identify cues that initiate
the formation of some typical morphology and organization
of cells within the tissue for implication in tissue regeneration,
morphogenesis, and engineering. In this section, some key cues
for initiation of cell bridges formation and the extremities of
cell bridges will be summarized and discussed. All content will
be presented in two parts according to cell bridges directed by
topography or chemical patterns.

According to the papers published until now, three primary
cues have been identified to affect the formation of cell bridges on
topographic substrates: (1) the characteristics of cells, including
size, source, age of donor; (2) the features of topographic
substrates, including size, porous structure, roughness, and
pattern; (3) the wettability of substrates. Noticeably, cells
naturally suspend parts of their body and adhere to substrates
with the other parts of their body when they are cultured on
topographic substrates with spacing between pillars or ridges
of smaller (such as nano or sub-micro meter) than cell size,
because cells prevent bending themselves to adapt to the uneven
of topography (Ohara and Buck, 1979). Of note, the mechanical
stress exerted on cells increases with increasing pattern size
(Sunami et al., 2014). In contrast, the persistence length of cell
filopodia bridging perpendicular to the grooves decreases with
the increasing age of donors (Sales et al., 2019). If the space
between pillars or ridges is comparable to the size of cells,
then cells may span between neighboring pillars or ridges or be
confined to the bottom of pillars, or a single ridge or groove.
Nevertheless, on the deeper and narrower groove, it is easier
for cells to bridge neighboring ridges (Braber et al., 1996, 2010;
Curtis and Wilkinson, 1997). Furthermore, the ratio of groove
width to depth remains crucial for forming cell bridges, and
hMSCs only bridge across neighboring ridges when encountering
grooves with a ratio of width to depth of less than two within
the range of testing (Zhang et al., 2015b). The largest distance
for cells to bridge can vary with the cell type and substrate size
[ranging from 50 µm (Stevenson and Donald, 2009) to 200 µm
(Zhang et al., 2015b)]. Cell bridges spanning across large distance
areas are usually composed of multi cells or cell collective.
Furthermore, the formation of multicellular epithelial bridges
across negative curvature grooves with dozens of micrometers
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TABLE 1 | Cell bridges formation on various topographic substrates.

Cells Single-cell (S)
or multi-cells

(M)

Approaches
of cell

bridging

Substrate composition Morphology of topography References

NIH-3T3 (a mouse embryonic
fibroblast line)

S V Silicon Triangular pores with 3∼20 µm
long sides

Sunami et al.,
2014

3T3 S II,V Polydimethylsiloxane (PDMS) Micropillars Ghibaudo et al.,
2009

hMSC S, M II,V Alumina ceramic Micropillars Lauria et al.,
2016

Mouse embryonic fibroblasts
(MEFs)

S V PDMS Pillars with 0.5 and 2 µm
distance

Ghassemi
et al., 2012

Cardiomyocytes S V Coated with poly-L-Lysine Three-dimensional
microstructure scaffolds

Klein et al.,
2010

Human endothelial cell S V PDMS Microgroove with 2 and 10 µm
width

Sales et al.,
2019

Epithelial cell M II,V PDMS Large-scale curvature Broaders et al.,
2015

Epithelial cell S V 70 nm × 400 nm × 600 nm
(width × pitch × depth) and
1900 nm × 4000 nm × 600 nm
grating

Teixeira et al.,
2006

Neuron S II,V Pillar with 6 µm distance Park et al.,
2016

C2C12 (a mouse myoblast cell line) S, M I, II, V PDMS, PLLA (Poly L-lactic
acid), PEOT/PBT (poly(ethylene
oxide)/poly(butyleneterephtalate))

Pillar with 4.5 and 10 µm height
and 2 and 5 µm space

Papenburg
et al., 2010

Human fibroblast cell (HS68) and
cancer cell

S II, V Silicon Microchamber Nikkhah et al.,
2010

MSCs S V Polyimide 650 nm grooves Abagnale et al.,
2015

MSCs S II, V Chitosan (CS) Micro-hills: 10.1–13.0 µm
diameter with 4.2 ± 3.29 µm
space and 4.86–22.9 µm
diameter with 13.9 ± 10.87 µm
space

Yang et al.,
2011

hiPSK3 cell (Human iPSK3 cells,
derived from human foreskin
fibroblasts transfected with plasmid
DNA encoding reprogramming
factors OCT4, NANOG, SOX2 and
LIN28)

S V PDMS 560 nm height grating with
500 nm space

Song et al.,
2016

oligodendrocyte-type 2 astrocyte
(O-2A) progenitors

S V quartz 4 µm grooves Webb et al.,
1995

PC12 (an adult rat adrenal medulla
pheochromocytoma Cell lines)

S V Conductive polypyrrole (wPPy) Aufan et al.,
2015

Hippocampal murine neural
progenitor cell

S V PDMS 2 µm × 2 µm × 2 µm and
2 µm × 2 µm × 4 µm grooves

Jie et al., 2014

mMSC S II PLGA/PCL
(poly(lactic-co-glycolic
acid)/polycaprolactone)

Between two microspheres Cheng et al.,
2014

Fibroblast S II Au-photoresist Between the two adjacent rigid
panels in a 3D scaffold

Jamal et al.,
2010

Epithelial Madin-Darby canine
kidney cells (MDCK-)

M II Silicon nitride 0.8 µm pores scaffolds Rother et al.,
2015

Neuron S II Nano-line with 75 nm height
and 3 µm width

Baranes et al.,
2019

NIH-3T3 S V PUA(polyurethane Acrylate) Nanopillars Kim et al., 2017

Gingival fibroblast-like cells M V PCL, PCL70/PLGA30, PLGA 15 and 20 µm grooves Alvim Valente
et al., 2018
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FIGURE 2 | Various morphologies of cell bridges spanning non-adhesive
areas on chemical micropatterns. (A) Single cell bridges were directed by
various adhesive shapes (triangle, “V,” “T,” “Y,” and “

⊔
”) coated by

homogeneous fibronectin for cell adhesion. The edge length of the triangle is
46 µm. From Théry et al. (2010). Copyright 2006 Wiley-Liss. (B) Axons and
dendrites bridges connecting 100 µm adhesive islands on which neurons
clusters adhered. From Sorkin et al. (2006). Copyright 2006 Institute of
Physics Publishing. (C) Epithelial collective cells bridges suspending over
non-adhesive areas with a part of cells adhesion on fibronectin strips. From
Vedula et al. (2014b). Copyright 2013 Nature Publish Group.

width has been found to be associated with the ratio of the
cosine and sine of cell–cell and cell-substrate contact angle
and cell type (Broaders et al., 2015). Noticeably, cancer cells
prevent bridging and tend to adapt to the curved surfaces of
the chamber due to their easy distortion caused by impaired
cytoskeleton compared to fibroblast cells (Nikkhah et al., 2010).
Moreover, the wettability of the material surface may trigger the
transformation from spreading on top of the pillars to spreading
on the bottom. Cell bridges forms over pillars with 4.5 µm height
and 5 µm spacing on the PDMS surface; however, spread on
the bottom of the surface with the same pillars on poly(ethylene
oxide)/poly(butyleneterephtalate; PEOT/PBT) and poly L-lactic
acid (PLLA) surfaces (Papenburg et al., 2010).

Similar to the formation of cell bridges on topography
substrates, there are major three factors that affect the formation
of cell bridges on chemical micropattern: (1) the characteristics
of chemical micropattern, including size, shape, and distance; (2)
the characteristics of cells, such as cell type, the contact force
between each other; (3) the initial sites of cell localization. In
general, a single cell is able to bridge across the non-adhesion
areas on various chemical micropatterns, which usually enable

the cell to adhere to specific areas on substrates. In this condition,
cells usually suspend parts of their body and adhere to substrates
with the other parts of their body when they are cultured on “T”-
or “V”-shaped adhesion micropatterns; however, they adhere
to round or square adhesion micropatterns with their whole
body and turn to be round or square shape accordingly. In
addition, cells can form a multicellular bridge to span across a
non-adhesion area with a considerable distance. The adhesion
force between cells, the distance between adhesion strips, and
the width of adhesion strips remains crucial for the building
of these multicellular bridges (Vedula et al., 2014b). Moreover,
the increasing adhesion strip width and the decreasing spacing
between adhesion strips are both beneficial to the formation
of multicellular bridges. The critical distance between adhesion
strips at which multicellular bridges form is limited to 200 µm
(Vedula et al., 2014b). According to a study of artificial neural
networks reported by Hanein et al., cell density influences the
formation of the bridges composed of dendrites and axons
(Sorkin et al., 2006). In this system, the maximal spanning
distance of a bridge was reported to be as long as 400 µm (Sorkin
et al., 2006). In contrast, Lehnert et al. (2003) reported that
cells could span 3∼4 adhesive sites on adhesive square islands
substrates if they are initially located non-adherent areas between
adhesive squares, but not bridge across non-adhesive gaps if they
initially centered on adhesive squares (Dirk, 2004).

THE PROGRESS AND MECHANISM OF
CELL BRIDGES FORMATION

The characteristics of cells, such as cell membrane elasticity
(Ohara and Buck, 1979), tensile forces from pulling cells (Vedula
et al., 2014b), substantially affect the formation of cell bridges.
Possible processes involved in the formation of cell bridges have
been speculated by various investigators based on their results.
These processes will be discussed separately, depending on the
substrates (topography or chemical micropattern) on which cell
bridges formed.

As the radical bending of the cell body is prevented by cell
membrane elasticity or rigidity, so cells prefer bridging over the
top of nanofeatures, neighboring ridges, or neighboring faces of
a scaffold to adapt to the morphology of topographic substrates
(Jie et al., 2014). Three different processes have been described
to reveal the process of cell bridges formations (Figure 3).
Jie et al. (2014) prepared a string of gratings to investigate
the effect of the depth of micro-grating on the spreading of
murine neural progenitor cells. Furthermore, to identify the
relationship of neuronal elongation and alignment with grating
depth, a quantitative model was established to explain the depth-
sensing mechanism of the cells and predict bridging over the
neighboring gratings (Figure 3A). Based on their hypothesis,
when cells encounter a grating edge they first initiate filopodia
to randomly probe the potential adhesion sites, then cells extend
along with the gratings, adhere to the bottom of the groove, or
bridge across the gap between neighboring gratings depending
on the features of topography. Their results suggested that if the
cytoskeleton contractility caused by the adhesion of filopodia to
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a substrate is strong enough to balance the microtubule bending
resistance, cells will adhere to the bottom of the groove; if not
strong enough, cells will favor extending along with gratings or
bridging over grooves when they form long and sufficient number
of horizontal filopodia. Different from this hypothesis, other
researchers suggested the formation of cell bridges was driven by
the higher site of cell which climbed along the groove walls to
the adjacent plateaus (Goldner et al., 2006; Zhang et al., 2015b).
Cells initially located at the bottom suspended themselves by the
contractile force during their climbing along the wall to a higher
site, as represented in Figure 3B(a). Previously, Gartner et al.
reported that in epithelial Madin-Darby canine kidney (MDCK)
cells, the majority of detachments occurred in the areas most
significant concavity (center of channels and the convex ridges)
(Broaders et al., 2015). According to their hypothesis (Figure 3C),
the lateral contractile force generated by the surrounding tissue
exhibited the potential to resist the adhesive forces centered at
areas of greatest concavity areas raised the cells up.

Consistent with topographic substrates, the formation of
cell bridges on chemical micropatterns was resulted from
the migration and interaction of cells. Sorkin et al. (2006)
demonstrated a patterned neural network consisting of cell
clusters and non-adherent bundles between them. Cells after
being seeded on adhesion micropattern substrates formed cell
clusters; subsequently, the cell clusters migrated and anchored
at specific positions, which triggered the formation of dendrites
and axons bridges spanning non-adherent areas and an artificial
neural network, as shown in Figure 4B. Furthermore, epithelial
bridges were easily formed when cell ensemble migrated
on heterogeneous substrates (Albert and Schwarz, 2016a).
More recently, Ladoux et al. reported multicellular bridges
to span across non-adherent areas when human keratinocytes
were allowed to migrate along surfaces micropatterned with
alternating strips of non-adherent polymer and fibronection, as
shown in Figure 4A (Vedula et al., 2014b). They hypothesized
that the tensile forces transferred from the traction of cells on
the fibronectin strips drove the formation of epithelial bridges.
For a single cell bridging on “V” or “T” shapes, the geometry
of adhesive substrates forces cells to reorganize their internal
cytoskeleton and bridge non-adhesion site, which is characterized
by reinforcement of peripheral actin bundles and formation of
RhoA-dependent stress fibers (James et al., 2010; Théry et al.,
2010; Rossier et al., 2014).

As mentioned earlier, some ambiguous hypotheses were
raised to explain the process and mechanism of cell bridges
formation, few of which consider and explain the underlying
molecular and mechanotransduction mechanisms. In contrast,
common theories, including polarization of F-actin due to
mechanical restriction (Dunn and Heath, 1976), maximization
of focal adhesion areas (Ohara and Buck, 1979), and actin
polymerization resulting from discontinuities of substrates
(Curtis and Clark, 1990), have also been proposed justify
contact guidance. Recently, Deshpande and Bouten et al.
presented further two theories of entropic forces (Buskermolen
et al., 2019) and gap avoidance (Buskermolen et al., 2020) to
explain the contact guidance. In the “gap avoidance” theory,
they considered the contact guidance as the result of “the

energetic penalty of cell adhesions on non-adhesive gaps”
(Buskermolen et al., 2020). Conceivably, contact guidance and
cell bridges emerged simultaneously in the same culture system
comprising of topographic and micropattern substrates. The
molecular and biophysical mechanisms underlying these theories
of cell bridges may complement the hypotheses about contact
guidance; and hence, can be referred for a molecular and
mechanistic understanding.

THE CRUCIAL FACTORS INVOLVED IN
THE MAINTENANCE OF CELL BRIDGES

Actin edge-bundles are utilized in the cells’ maintenance and
morphology (Zand and Albrecht-Buehler, 1989). Concave actin
edge-bundles are constantly observed in suspended cell bridges.
Various tissue- and cell-level variables are tightly coupled during
the stabilization of cell bridges, such as geometry of ECM,
inherent mechanical characteristics of cell monolayer, cross-talk
between cell–cell and cell-ECM adhesions, and transmission
and generation of force. For the stabilization of cell bridges
on chemical micropatterns, Rossier et al. (2014) suggested that:
(1) at the concave edges of single-cell bridges, the myosin-
IIA triggers the assembly of actin filament at adhesion and
(2) in the body of these bridges, myosin cross-links actin
filaments and promote the healing of acto-myosin network
when breaks occur. Furthermore, the actomyosin contractile
force required in the bridged regions of cells spreading over
non-adhesion areas involves the activation of the Rho-ROCK
(Rho: a member of the Ras super family of low molecular
weight GTPases; ROCK: Rho associated coiled coil forming
protein kinase) pathway (Suffoletto et al., 2015). Conversely,
myosin contractility is not necessary for the multicellular bridges,
and the intermediate pool of E-cadherins is responsible for
the stabilization of epithelial bridges on fibronectin micro-
trips (Vedula et al., 2014b). Mitosis can also induce the
destruction of epithelial bridges integrity in part (Vedula et al.,
2014b). For multicellular bridges on topographic substrates with
negative curvature, tissue contractility plays a crucial role in the
detachment and formation of epithelial bridges, which involves
ROCK, Rho GEFs (guanine nucleotide-exchange factors), the Ras
(any of a family of genes that undergo mutation to oncogenes
and especially to some commonly linked to human cancers)–
Raf (a member of mitogen-activated protein kinase kinase
kinase)–MEK (ERK kinase)–ERK (extracellular signal-regulated
kinase) and Ras–PI3K (phosphatidylinositol-3- kinase) pathways
(Broaders et al., 2015).

THE INFLUENCE OF DETACHMENT ON
CELLS

An adhesive substrate must be approved for the anchorage-
dependent cell to support its growth. Cells have to span
over non-adhesive gaps due to the heterogeneity of ECM
and microenvironment. Various cell bridges on chemical
micropattern and topographic substrates have been observed
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TABLE 2 | Cell bridges on various chemical micropattern substrates.

Cells Single-cell (S), multi-cells (M) or
axon and dendrite (A&D)

Features of chemical micropattern References

HeLa cell (a human cervical carcinoma
cell line)

S and M A honeycomb network of adhesion Albert and Schwarz, 2016c

HaCaT cell (a spontaneously
transformed aneuploid immortal
keratinocyte cell line from adult human
skin) and MDCK cell

M 100 and 200 µm diameter
non-adhesion gaps

Vedula et al., 2015

HaCaT cell and MDCK cell M 10-µm-wide fibronectin strips
separated by either 120 or 400 µm

Vedula et al., 2014a

Neuron A&D PDL and CNT island with 150–400 µm
separation

Sorkin et al., 2006

HEK293 cells (a human embryonic
kidney cell line)

S Parallel stripes, T-shape and hexagon Suffoletto et al., 2015

Epithelial cell M Converging, parallel, and diverging
adherent paths

Hu et al., 2017

hTERT-RPE1 (a human retinal pigment
epithelial cell line)

S Frame, “V,” “T” and tripod
micropatterns

Théry et al., 2010

Keratinocytes M Non-adhesive patch Vedula et al., 2015

MDCK cell M Non-adhesive patch Nier et al., 2015

FIGURE 3 | Various processes for the formation of cell bridges caused by topographic cues. (A) A schematic diagram of neurite bridges formation process with
depth sensing, during which cells stretched themselves across the groove when depth ≥ width. From Jie et al. (2014). Copyright 2014 Elsevier. (B) Cells initially at
the bottom, extended to the groove walls and bridged across two adjacent plateaus. Panel B(a) is a diagrammatic drawing of this process and panel B(b) is SEM
photos about this strategy. Panel B(a) from Goldner et al. (2006). Copyright 2006 Elsevier. Panel B(b) from Zhang et al. (2015b). Copyright 2015 RSC. (C) Tissues
raised from negative curvature regions by the contractility force of neighboring cells. Lifted tissue at channels and bridges were shown in panel C(a,b) individually.
From Broaders et al. (2015). Copyright 2015 Oxford University Press.
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FIGURE 4 | Two processes for the formation of cell bridges on chemical micropatterns. (A) The formation of multicellular bridges driven by the traction of cell
migration along adhesive strips separated by non-adhesive regions. From Vedula et al. (2014b). Copyright 2013 Nature Publish Group. (B) Bridges composed of
axons and dendrites resulting from the self-assembly of cells into clusters on separated adhesive islands. From Sorkin et al. (2006). Copyright 2006 Institute of
Physics Publishing.

and investigated. The impact of detachment and suspended
status on the behavior and fate of cells is crucial for embryonic
development, tissue healing, and scaffold preparation. A single
cell or multicellular bridges are held by adhesive forces and
are subjected to enormous tensions, and the force have been
measured by researchers through various approaches. In 2010,
using a PDMS pillar device, Rossier et al. (2014) measured the
force generated by single-cell bridges and reported the largest
traction forces of 5∼20 nN/pillar located in the vicinity of
the concave edges. Hua et al. also revealed higher tension in
bridging portions of cells using fluorescence resonance energy
transfer (FRET) (Suffoletto et al., 2015). Vedula et al. (2014b)
demonstrated the homogeneous landscapes of both velocity and

vorticity in keratinocytes sheets with pluricellular bridges and
heterogeneous landscapes in MDCK cells sheet with multicellular
bridges by using particle image velocimetry. The results reflected
the differences in traction force fields of both cell sheets and
suggested that the keratinocytes exhibited elastic-like behavior,
and MDCK indicated fluid-like behavior. Simultaneously, the
stiffness of hMSCs bridges was roughly measured and compared
by atomic force microscopy (AFM), and there was no difference
among cell bridges across grooves with different width and
normal spreading cells (Zhang et al., 2015b). In contrast, the
lateral direction of epithelial bridges showed higher modulus
in a diverging channel (Hu et al., 2017). Furthermore, cells
exhibit decreased spreading and proliferation when they span
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over nanogratings with a height of 560 nm or partially attached
on the bottom compared with cells cultured on 150 nm height
pillars; however, the influence of height can be alleviated by the
increasing nanogratings space (Song et al., 2016). Furthermore,
the bridging behavior did not trigger the expression of desmin,
osteocalcin, alkaline phosphatase (ALP), and alizarin in hMSCs
(Zhang et al., 2015b). Notably, the cell bridges are tightly coupled
with cell migration (Albert and Schwarz, 2016b) and wound
repair (Hu et al., 2017). Although chemical micropattern and
topographic cues on substrates can regulate cell fate (Anselme
et al., 2010; Jing et al., 2016) through stressing effect on
focal adhesion (Abagnale et al., 2015), cell shape, cytoskeletal
tension, and RhoA signaling (McBeath et al., 2004), there
is a paucity of studies on the mechanism and effect of cell
bridges phenomenon on properties of cells, such as stiffness,
proliferation, and differentiation.

CONCLUSION AND OUTLOOK

Recent advances in the development of microtechnologies
led to an increased understanding of cell bridges; however,
similar to contact guidance, cell bridging as an optimum
alignment of the cell should be investigated thoroughly. In our
view, further aspects to consider includes the following: (1)
a comprehensive investigation of cell bridges on topographic
or chemical surface patterning should be performed to probe
the effect of variable factors on cell bridges formations; (2)
cell bridges and contact guidance usually co-exist, therefore,
their interaction and synergies should be investigated carefully;

(3) most of work on cell bridges are based on epithelial cells
or keratinocytes, thus, cell bridges constitution in other cell
types should be paid more attention, particularly stem cell on
scaffolds, which is crucial for the regeneration medicine; (4)
mechanistic studies of cell bridges at molecular-, subcellular-,
cellular- and tissue-level should be performed using advanced
techniques, such as traction force microscopy, particle image
velocimtry (Vedula et al., 2014b), FRET (Suffoletto et al., 2015),
complementary microscopic techniques (Fritzsche et al., 2017),
second harmonic generation, and vibrational microscopy (Liu
et al., 2017); (5) theoretical models should be adopted to describe
and predict cell bridges, which will be helpful in understanding
the role of cell bridges in cell–cell arrangement and organization,
tissue regeneration, and shape problems in biological systems.
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Diverse essential cellular behaviors are determined by extracellular physical cues

that are detected by highly orchestrated subcellular interactions with the extracellular

microenvironment. To maintain the reciprocity of cellular responses and mechanical

properties of the extracellular matrix, cells utilize a variety of signaling pathways

that transduce biophysical stimuli to biochemical reactions. Recent advances in the

micromanipulation of individual cells have shown that cellular responses to distinct

physical and chemical features of the material are fundamental determinants of cellular

mechanosensation and mechanotransduction. In the process of outside-in signal

transduction, transmembrane protein integrins facilitate the formation of focal adhesion

protein clusters that are connected to the cytoskeletal architecture and anchor the cell

to the substrate. The linkers of nucleoskeleton and cytoskeleton molecular complexes,

collectively termed LINC, are critical signal transducers that relay biophysical signals

between the extranuclear cytoplasmic region and intranuclear nucleoplasmic region.

Mechanical signals that involve cytoskeletal remodeling ultimately propagate into the

nuclear envelope comprising the nuclear lamina in assistance with various nuclear

membrane proteins, where nuclear mechanics play a key role in the subsequent alteration

of gene expression and epigenetic modification. These intracellular mechanical signaling

cues adjust cellular behaviors directly associated with mechanohomeostasis. Diverse

strategies to modulate cell-material interfaces, including alteration of surface rigidity,

confinement of cell adhesive region, and changes in surface topology, have been

proposed to identify cellular signal transduction at the cellular and subcellular levels. In

this review, we will discuss how a diversity of alterations in the physical properties of

materials induce distinct cellular responses such as adhesion, migration, proliferation,

differentiation, and chromosomal organization. Furthermore, the pathological relevance

of misregulated cellular mechanosensation and mechanotransduction in the progression

of devastating human diseases, including cardiovascular diseases, cancer, and aging, will

be extensively reviewed. Understanding cellular responses to various extracellular forces

is expected to provide new insights into how cellular mechanoadaptation is modulated by

manipulating the mechanics of extracellular matrix and the application of these materials

in clinical aspects.

Keywords: cellular mechanobiology, mechanoadaptation, mechanotransduction, cell-materials interaction,

disease associated mechanoresponses
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INTRODUCTION

Cells are surrounded by a complex microenvironment, and
their essential functions are controlled by multiple interactions
between cell-cell and cell-extracellular matrix (ECM) (Leiphart
et al., 2019). Cell-cell interaction refers to direct communication
between neighboring cell surfaces that occur in three well-
defined architectures, such as gap junctions, tight junctions, and
desmosomes, which are involved in the mechanical coupling
between cells as well as signal transmission (Maitre and
Heisenberg, 2013; Dhowre et al., 2015). The ECM is a three-
dimensional network surrounding cells, comprising various
proteins, such as collagens, fibronectin, vitronectin, and laminin
(Dhowre et al., 2015; Jansen et al., 2017). Through these proteins,
cells respond to changes in the mechanical properties of the
extracellular environment and consequently alter cell behaviors,
including adhesion, migration, proliferation, and differentiation
(Jansen et al., 2015).

Cells recognize and respond to mechanical cues, which
govern the mechanical homeostasis of the cell (Humphrey et al.,
2014). Sensing the mechanical cues of the environment, termed
cellular mechanosensing, is a process in which mechanosensitive
proteins including integrins, as transmembrane receptors,
perceive the mechanical signals from the micro-environment.
These signals are transmitted through multi-protein complexes
termed focal adhesions, which convey signals into the cell via
cytoskeletal remodeling. Biophysical signals propagating along
the cytoskeletal architecture transmit into the nuclear interior
through the linker of nucleoskeleton and cytoskeleton (LINC)
complexes, leading to the structural modification of chromatin
(Martino et al., 2018).

Mechanosensation is critical to enable cells to adapt to changes
in the microenvironment (McNamara et al., 2012; Cai and
Heilshorn, 2014). Recent studies have shown how extracellular
mechanical cues directly alter the physical properties of the
nucleus, how the nucleus protects genetic material, and what
happens if this system malfunctions (Leiphart et al., 2019). These
studies recapitulate the critical role of the nucleus and its ability
to adapt to mechanical force that ultimately regulates cellular
mechano-regulation (Leiphart et al., 2019). The hallmark of
transition between biophysical stimuli and biochemical signaling
cascades is generally termed cellular mechanotransduction; it
comprises signaling pathways, such as the Rho/Rho-associated
protein kinase (Rho/ROCK) pathway, that result in cell
contractility, cytoskeletal and ECM remodeling, or activation of
yes-associated protein and transcriptional coactivator with the
PDZ-binding motif (YAP/TAZ) that triggers the initiation of a
cascade of transcription factors (Dupont et al., 2011; Mo et al.,
2012; Martino et al., 2018).

Advances in microfabrication technology have enabled
the microscopic manipulation of individual cells by directly

controlling their micro-environments, such as matrix rigidity
and topography, and direct confinement of cells (Thery, 2010;
Mendes, 2013). These external mechanical conditions induce
the reorganization of cellular architecture that is closely related
to gene expression via the modification of the chromatin state
(Miroshnikova et al., 2017). Chromatin remodeling, determined

by the extent to which the DNA is packaged by the histone,
switches between heterochromatin and euchromatin, is largely
involved in the epigenetic regulation of cell fate (Klemm et al.,
2019). Cell-material interactions facilitate the critical role of
the nucleus in recognizing extracellular microenvironments
and transmitting physical stress into biochemical signaling that
ultimately regulates cellular mechano-regulation (Leiphart et al.,
2019).

Accumulating evidences suggest that an adequate cellular
response system to extracellular mechanical signals is essential
to maintain normal physiology of organisms. In this review,
we focus on how cell organelles sense and process extracellular
mechanical cues when cells are subjected to various physical
alterations in their microenvironment. Furthermore, we
recapitulated the pathological relevance of various cell-material
interfaces to discuss how material engineering provides
therapeutic insights into human diseases.

CELL-EXTRACELLULAR MATRIX
INTERACTIONS

Integrin Mediated Signal Transduction
Cells form integrin-based focal adhesions to establish structural
and functional interactions with the extracellular matrix (ECM).
Diverse fibrous proteins comprising the ECM interact with
cells via cell surface integrin family receptors, which mediate
bi-directional signal transduction between cells and their
extracellular microenvironment (Sun et al., 2016b). In addition
to chemical stimuli, various mechanical properties of the
extracellular matrix (ECM) are involved in changes in cell
behavior, including cell adhesion, migration, and differentiation
through epigenetic modification (Jansen et al., 2015). Recent
studies have shown that the ability of cells to interpret mechanical
cues plays an important role in the modification of cellular
behaviors. In particular, molecular interaction between cells and
their microenvironment is critical for regulating development,
tissue homeostasis, and disease progression (Changede et al.,
2019).

The ECM is a three-dimensional network comprising two
types of macromolecules: proteoglycans and fibrous proteins
(Dhowre et al., 2015; Humphries et al., 2019), and cell-ECM
adhesion and signal transmission are mainly facilitated by
heterodimeric transmembrane receptor integrins (Jansen et al.,
2017). Integrins linking the ECM to the intracellular cytoskeletal
organizations comprise 18 types of α-subunits and 8 types
of β-subunits as type I transmembrane proteins in mammals.
They interact with the ECM through 24 distinct types of non-
covalently linked heterodimeric combinations, which enables α

and β subunits of the integrin to bind to an arginine-glycine-
aspartate (RGD) motif in diverse ECM proteins such as collagen,
fibronectin, and vitronectin (Kechagia et al., 2019). Integrin
α- and β-subunits include an ectodomain, a transmembrane
domain, and a short cytoplasmic tail. Binding of the extracellular
ligands to the ectodomain or binding of the N-terminal FERM
(4.1 protein, ezrin, radixin, moesin) domain of talin (talin-
FERM) to motifs of β-integrin cytoplasmic tail can convert
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folded inactive integrins into their active form with a high
affinity to bind to extracellular ligands (Bauer et al., 2019),
which is consistent with the conversion of the compact bent-over
conformation of integrins into an extended conformation upon
talin head binding (Ye et al., 2010). Moreover, the co-activator
kindlin also binds to the cytoplasmic tail of β-integrin, which
results in the activation of integrins (Ma et al., 2008). In essence,
talin and kindlin do not directly interact with one another, but the
binding of kindlin to integrin enhances talin-mediated integrin
activation (Ye et al., 2010; Calderwood et al., 2013).

Moreover, integrin activation is involved in the assembly of
fibrous protein components such as fibronectin and collagen.
For instance, the integrin adapter protein tensin 1, which
promotes the synthesis of fibronectin fibrils by translocating
the fibronectin receptor α5β1 integrin (Pankov et al., 2000), is
targeted by intracellular metabolic pathways through the major
metabolic sensor 5’ AMP-activated protein kinase (AMPK) that
negatively regulates the tensin 1 expression level. Therefore, loss
of AMPK promotes tensin-mediated activation of integrins after
initial activation by talin and leads to fibronectin remodeling
by enhancing fibrillar adhesion formation. In addition, Kank2
protein decreases mechanical signaling through integrin to actin
filaments by modulating talin-actin binding by reducing the talin
rod domain affinity for actin filaments (Bachmann et al., 2019).

Integrins are directly coupled with motifs of the ECM,
engaging in mechanosensation in which mechanical forces are
perceived by cells. While integrins bind to ECM ligands on
adjacent cell surfaces in the extracellular side, integrins coupled
to a ligand, such as cyclic RGDfK peptide, cause conformational
changes in the cytoplasmic side, resulting in an intracellular
signaling cascade termed outside-in signaling. As such, integrins
are bi-directional signaling receptors that communicate with
both intracellular organelles and the microenvironment (Arnold
et al., 2004). Hence, integrins as physical links between
cells and the ECM mediate cell adhesion. Mechanosensing
through integrin would be the first step in sensing extracellular
mechanical cues and transmitting these signals into the cell by
the formation of molecular clusters such as focal adhesions.

Focal Adhesion-Dependent Cell Adhesion
Focal adhesions are fundamental force sensors of the cell and
transmit mechanical signals from the extracellular matrix into
the cell to regulate cell-matrix adhesion and cell migration that
are directly in contact with ECM components. Thus, changes in
the chemical or mechanical properties of the ECMmolecules can
alter cellular behaviors by remodeling the molecular composition
of the focal adhesions (Martino et al., 2018).

Focal adhesions, which form adhesive contact between cells
and ECM via molecular clustering of intracellular cytoskeletal
protein assemblies, transmembrane protein integrins, and
ligands in ECM molecules, comprise a variety of proteins
including talin, vinculin, paxillin, zyxin, Ena/VASP, p130Cas, and
actinins (Martino et al., 2018). The recruitment of talin to the
cell membrane is critical for integrin activation, and cells that
lack lipid-binding residues of talin exhibit reduced activation of
integrins and disassembled focal adhesions (Chinthalapudi et al.,

2018), indicating the role of talin binding to the membrane-
proximal sites of integrin in regulating the activation of integrins
and focal adhesions (Chinthalapudi et al., 2018).

Vinculin plays an important role in sensing extracellular
mechanical stimuli. For instance, conducting an equibiaxial
stretching on epithelial mammary cells enhanced molecular
tension across vinculin to maintain assembled focal adhesions,
which revealed that vinculin could transduce external stimuli that
trigger molecular reorganization in the focal adhesions (Sigaut
et al., 2018). Furthermore, actin stress fibers are subjected to a
spontaneous and random cycle of thinning and recovery, where
the recruitment of paxillin and zyxin, subfamilies of LIM (Lin11,
Isl-1, and Mec-3) domain proteins to stress fibers assists the
recovery and stabilization of actin stress fibers at the strain
sites (Smith et al., 2013). These studies demonstrate that focal
adhesion proteins act as molecular sensors of physical forces
as well as signal transducers between the extracellular matrix
and cells.

Focal adhesions recruit focal adhesion kinase (FAK) in
response to mechanical stimuli (Parsons, 2003). FAK is a protein
tyrosine kinase with multiple binding domains, including a C-
terminal focal adhesion binding FAT domain and an N-terminal
FERM homology domain flanking its tyrosine kinase domain
(Zhou et al., 2015). Tensional forces developed between the FAT
domain that binds to paxillin and talin and the FERM domain of
FAK that binds to the cell membrane via phosphatidylinositol 4,
5-bisphosphate (PIP2), lead to phosphorylation of Tyr397, which
activates FAK (Zhou et al., 2015; Bauer et al., 2019). Upon FAK
activation, these molecular tensional signals are transmitted to
the actin cytoskeleton, which demonstrates that FAK is a key
molecular player in outside-in physical signal transduction.

Formation of focal adhesion is essential for cell adhesion
and migration, which is regulated by physical factors such as
the level of traction force ruled by modulating actomyosin
contractility. For instance, treatment with either Rho kinase
inhibitor Y-27632 or myosin II inhibitor blebbistatin in the
presence of FAK, reduces phosphorylation of myosin light
chain (MLC), which results in inhibited Rho-induced assembly
of focal adhesion. Moreover, the inhibition of Rho kinase
suppresses the recruitment of vinculin to focal adhesions and
weakens cell adhesion (Dumbauld et al., 2010), indicating
the role of FAK in the regulation of contractility-mediated
cell adhesion.

Focal adhesions have the ability to adopt different extracellular
cues by regulating their compositional changes that largely
depend on actomyosin contractility, where inhibition of
Rho-associated protein kinase ROCK alters the molecular
combination of focal adhesion proteins including zyxin,
vinculin, paxillin, and FAK (Malik-Sheriff et al., 2018). Among
the focal adhesion molecular components, zyxin was most
responsive to perturbation of actomyosin contractility, whereas
vinculin, paxillin, and FAK remained less affected. These
results indicate that individual molecular components of focal
adhesion differentially respond to varying levels of mechanical
tension (Malik-Sheriff et al., 2018). Hence, these studies further
demonstrate that each component of focal adhesions is regulated
independently to modulate their composition and assembly to
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perform adequately in response to different mechanical signals
from the microenvironment.

Mechanotransduction Through
Cytoskeletal Remodeling
Mechanical stimuli-induced cytoskeletal remodeling such as
conformational changes and/or alterations in the molecular
assembly of cytoskeletons is critical to facilitate cellular
mechanotransduction that regulates mechanical homeostasis of
the cell. The cytoskeleton is a complex network of three main
interconnecting filamentous proteins: actin filaments (F-actin),
microtubules (MTs), and intermediate filaments (IFs) (Huber
et al., 2015). Physical interactions are mediated within and
between these three cytoskeletal networks, such as IFs and MTs
in the cell interior, MTs and F-actin in the cell periphery, and
IFs and F-actin mainly at the periphery of the IF network (Huber
et al., 2015).

Cytoskeletal interactions are necessary for structural integrity
in the process of cellular mechanoresponses mainly in sensing
of substrate stiffness (Mendez et al., 2014) and transmitting
applied mechanical stimuli (Pritchard et al., 2014). In particular,
F-actin and IFs are generally considered the determinants of cell
stiffness sensing and mechanical forces that alter their relative
contributions to cytoskeletal networks. F-actin, a polymeric
filament, is composed of linear polymers of G-actin monomers,
which are organized into various structures, including stress
fibers, cortical actin networks, surface protrusions, and the
contractile ring formed during cell division (Pollard et al., 2000).
In addition, MTs are polymers comprising tubulin subunits,
which are heterodimers formed from two closely related globular
proteins called α-tubulin and β-tubulin, tightly linked together
by non-covalent bonds. F-actin and MTs are both composed
of globular protein chains, and IFs are composed of strong
bindings between α-helical coiled coils, which elongate long
fibrous subunits. In contrast to single IFs that tend to be softer
than MTs and F-actin at low strain, they can endure much larger
deformations in the networked organization (Bertaud et al.,
2010), which demonstrate that distinct physical properties are
necessary to determine cellular dynamic features such as cell
polarization and migration.

Force generation in the cell mainly depends on actin
cytoskeletons that enable cell-matrix adhesion and migration.
Cytoskeletal tension is transmitted to the adhesion sites by actin
polymerization in assistance with motor proteins, where diverse
molecular mechanisms are involved. For instance, actin filaments
under tension have higher affinity for actin-based motors, e.g.,
myosins, further increasing the probability of binding between
actin and myosin II. Cytoskeletal tension in the actin network
can be induced either by active actin polymerization on the
membrane via the Arp2/3 complex or by myosin II filament
pulling activity (Yang et al., 2012).

To identify the potential role of mechanical forces as
regulators of actin filament organization, it is essential to
consider the actin filament organizations sensing the mechanical
loads. A variety of F-actin-based cytoskeletal architectures are
required to control cell functions. For instance, in migrating cells,

lamellipodia, filopodia, and lamella are formed in the protrusion
of the leading edge of the cell to generate adhesive forces at the
adhesion site (Ponti et al., 2004). The lamellipodia at the leading
edge of migrating cells are protrusive actin structures that are
nucleated in proximity to the plasma membrane by the Arp2/3
complex (Wu et al., 2012). Filopodia contain bundles of parallel-
aligned actin filaments that are nucleated by various formins,
such as Daam1, and cross-linked by the actin-binding protein
fascin (Aramaki et al., 2016). Lamella comprise a network of
contractile transverse arcs, i.e., curved actin filament bundles,
which convey contractile force to the surrounding environment
through their connections with dorsal stress fibers (Hotulainen
and Lappalainen, 2006). Depending on the distinct organization
of F-actin based architecture, mechanical forces are transferred
inside the cell, where these three key pathways for F-actin
dependent mechanotransduction have been reported.

In particular, F-actin and actin-binding proteins (ABPs) lead
to conformational changes under mechanical forces because the
change in polymerization kinetics of ABPs can be determined
by these force (Harris et al., 2018). ABPs play an important
role in regulating the dynamics of the actin cytoskeleton as
well as the assembly of actin filaments. For instance, they
redistribute actin filaments via changes in the conformational
state undermechanical load (Prochniewicz et al., 2005). They also
expose the binding sites for other accessory proteins in response
to mechanical load or regulate mechanical load-dependent
polymerization kinetics, which ultimately alters F-actin network
density and growth rates (Mueller et al., 2017).

In addition to the plus-end-tracking proteins (+TIPs)
of microtubules and the minus-end-tracking proteins (–
TIPs), microtubules display distinct structural and functional
characteristics. +TIPs including end-binding protein 1 (EB1),
kinesins, and dynein promote microtubule polymerization,
and these +TIPs networks are responsible for various cellular
functions such as microtubule guidance along other cytoskeletal
elements, microtubule arrangement, and signal transmission. In
contrast, –TIPs, including calmodulin-regulated-spectrin-
associated proteins (CAMSAPs), bind to microtubules
via the carboxy-terminal CKK (CAMSAP, KIAA1078, and
KIAA1543) domain to control microtubule network architecture
by stabilizing non-centrosomal microtubules. Therefore,
CAMSAPs can be described as –TIPs that regulate the stability of
microtubule minus ends in a manner dependent on minus-end
polymerization (Akhmanova and Steinmetz, 2015).

The binding of MTs to actin filaments via the growing end
guides the polymerization and remodeling of microtubule
network; therefore, post-translational modifications of
the microtubule polymerization subunit, α-tubulin, can
stiffen the cytoskeletal organization that regulates cellular
mechanotransduction, which ultimately alters the physical
properties of the tissues in response to mechanical cues
(Lyons et al., 2017). Thus highly dynamic MT networks
whose density and stability are regulated by post-translational
modifications (PTMs) of MTs (e.g., detyrosination, acetylation,
and phosphorylation) and microtubule associated proteins
(MAPs) can determine cellular mechanotransduction by
controlling dynamic equilibrium in MT filament growth,
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assembly, and association with other cytoskeletal filaments
(Song and Brady, 2015). For example, the detyrosinated α-
tubulin subunit of MTs defines the mechanosensitivity of
substrate compliance by stiffening the cytoskeleton. Moreover,
microtubule remodeling is accelerated by dynamic stretching of
the adherent cells, similar to the F-actins (Walker et al., 2020),
which further demonstrates that structural interactions between
F-actin and microtubules are critical in cellular mechano-
regulation. Taken together, remodeling of the cytoskeleton in
response to mechanical cues through diverse conformational
changes is essential for mechanical homeostasis in tissues.

Intranuclear Signal Transduction via
Nucleus-Cytoskeletal Connection
The nuclear envelope (NE) separates the intranuclear
organelles from the cytoplasmic environment and conveys
biophysical signals between these two distinct intracellular
microenvironments. The nuclear envelope comprises two lipid
bilayers, the internal nuclear membrane (INM) and outer nuclear
membrane (ONM), which are separated by the perinuclear space
(PNS) and maintain structural or functional integrity. The
molecular components of NE are physically connected to the
nuclear lamina and cytoskeletons (Hieda, 2019), where LINC
(Linker of Nucleoskeleton and Cytoskeleton)-mediated nucleus
and cytoskeletal connection is critical for mechanotransduction,
which alters mechanical force into biochemical factors to regulate
outside-in signaling (Schwartz et al., 2017).

Nuclear pore complexes (NPCs) embedded in the nuclear
membrane are one of the most complex protein structures
that mediate bidirectional nuclear-cytoplasmic transport. NPCs
comprises ∼30 different types of nucleoporins (Nups), among
which phenylalanine–glycine repeats containing nucleoporins
(FG-Nups) contribute to overall NPC architecture (Frey and
Gorlich, 2007). Nuclear mechanotransduction via NPCs is
regulated by transcription factors such as yes-associated protein
(YAP), which is a major downstream effector of the Hippo
pathway. YAP phosphorylation is regulated by the Hippo
signaling pathway with key signaling proteins, which comprise
the protein kinase Hippo (Hpo) and a highly conserved group
of serine/threonine kinases (Rausch and Hansen, 2020). Hippo-
mediated YAP/TAZ signaling regulates various central cellular
processes in tissue homeostasis, including cell proliferation,
apoptosis, and stress responses (Boopathy and Hong, 2019).

Contractile actomyosin complexes comprising actin filaments
and myosin motors act as central mediators between mechanical
cues and Hippo-YAP signaling in various mechanotransduction
environments. For instance, treatment of NIH3T3 cells placed
on micropatterned substrates that control cell adhesive area,
with cytochalasin D or latrunculin B, which inhibits actin
polymerization, or blebbistatin and ML-7, which inhibit myosin
II ATPase and myosin light-chain kinase, indicated that the
nucleo-cytoplasmic localization of YAP/TAZwas regulated by the
adhesive area (Wada et al., 2011). Accordingly, cells with larger
spreading area exhibited enhanced formation of actin stress fibers
and in turn inhibits Hippo pathway, resulting in YAP nuclear
sequestration, which inhibiting either the actin polymerization or

actomyosin contractility reduced the nuclear localization of YAP
through disrupting the formation of actin stress fibers (Wada
et al., 2011). Therefore, mechanical stimuli-induced nuclear
translocation of YAP is determined by actomyosin-dependent
cytoskeletal interaction (Meng et al., 2016).

Megakaryoblastic leukemia 1 (MKL1) directly binding to
the serum response factor (SRF) is another member of
MRTF-A family of transcription factors that regulates NPC-
mediated nuclear mechanotransduction, where physical stress-
induced gene expression is mediated by SRF-MKL1 co-activator
complexes and regulated by inner nuclear membrane protein
emerin that modulates actin dynamics (Willer and Carroll, 2017).

Nuclear transport of mechanosensitive transcription factors
via NPCs largely depends on a LINC-mediated manner as
observed in cells grown on a rigid matrix that requires intact
LINC complexes to translocate YAP into the nucleus (Elosegui-
Artola et al., 2017). The LINC complex is the molecular bridge
of nuclear-cytoplasmic structural connection and comprises SUN
(Sad1, UNC-84) proteins in the INM and KASH (Klarsicht,
Syne-1 homology, and ANC-1) domain containing nesprins,
which are spectrin-repeat proteins that localize to the ONM
(Wilhelmsen et al., 2006). Molecular anchorage of the KASH
domain to the intranuclear lamin proteins enables direct transfer
of mechanical forces from the extracellular matrix to the nucleus
via LINC complexes that are conserved nuclear envelope-
spanning molecular bridges (Hodzic et al., 2004; Crisp et al.,
2006).

Mammals encode five SUN proteins i.e., SUN1-5, and six
KASH proteins i.e., nesprins-1-4, KASH5, and lymphocyte-
restricted membrane protein (Crisp et al., 2006). SUN proteins
interact with the C-terminal KASH domain of nesprins, while
the N-terminal SUN domain interacts with NPCs as well as
nuclear lamina (Janin et al., 2017). A meshwork of intermediate
filaments (IFs) consisting of A-type and B-type lamins have
been implicated in diverse cellular responses to mechanical
stresses, including alteration of nuclear and cellular stiffness
and morphology as well as chromatin reorganization and
gene expression (Dechat et al., 2010). Therefore, silencing
the expression of lamin A/C abolishes the signal pathways
of mechanotransduction (Poh et al., 2012). In addition,
lamins interact with inner nuclear membrane proteins such
as lamin B receptor (LBR), lamina-associated polypeptides
(LAPs), and emerin (Schirmer and Foisner, 2007). Emerin has
signaling functions by interacting with β-catenin, which is a
dual function protein involved in the regulation of cell-cell
adhesion and gene transcription (Markiewicz et al., 2006).
Nesprins are characterized by various N-terminal regions
involved in interaction with cytoskeleton components, including
actin filaments, microtubules, and intermediate filaments
(Haque et al., 2006). For instance, nesprin-1/2 interacts with
INM protein emerin and lamin A through a C-terminal
spectrin repeats (Mellad et al., 2011), whereas nesprin-3
interacts with cytoplasmic intermediated filaments through
a plectin-binding motif and nesprin-4 interacts indirectly
with microtubules (Ketema et al., 2007; Roux et al., 2009).
Through signaling processes within these multifunctional
molecular connectors, external forces transmitted to the
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cytoskeleton are transferred into the nucleus to adjust
cellular responses.

Mechanoadaptation Through
Chromosomal Reorganization
External physical signals via cytoskeletal remodeling propagate
to intranuclear chromosomal organization, a fundamental
determinant of gene expression. Therefore, extracellular cues
can alter the genomic content of the cell via lamina-associated
chromatin domains (LADs) in the nuclear lamina (Briand and
Collas, 2020). LADs are detected at different densities on all
chromosomes, enriched in the vicinity of the repressive histones
H3K9me2 and H3K9me3 (Pascual-Reguant et al., 2018). In
addition, the nuclear envelope and chromatin are connected
at the nuclear periphery, generally considered as a repressive
region with limited gene activity while NPCs are in contact with
euchromatin (Briand and Collas, 2020), where NPC-associated
protein Tpr regulates the establishment of heterochromatin
exclusion zones (HEZs) of NPCs (Krull et al., 2010).

NPCs are involved in gene activation and repression
and nucleoporins as building blocks of NPCs regulate
intranuclear gene expression and post-transcriptional gene
regulation (Buchwalter et al., 2019). In mammals, NPCs bind
to nucleoporin-associated super-enhancers at the nuclear
periphery, which results in gene transcription that ultimately
determines cell functions (Ibarra et al., 2016). Nuclear basket
proteins featuring stretchable gateway structures control
the protein transport flux to the extent to which they open
(Donnaloja et al., 2019). Accordingly, pore opening followed by
association with active genes can regulate gene transcription.
Moreover, chromatin compaction is altered by NUP-153
stretching and its binding to lamina through SUN1 elevates the
transcription level (Donnaloja et al., 2019), which demonstrates
that nucleoporin-mediated chromosomal organization is
involved in the regulation of gene expression.

Nuclear lamina-associated proteins are important in
connecting the nuclear lamina and chromatin by acting as
chromatin readers. For example, lamin B1 receptor (LBR) binds
not only to lamin B1 but also to the chromatin, which is modified
by H3K9me2 and H3K9me3 via heterochromatin protein 1
(HP1) (Buchwalter et al., 2019). Force transmission through
the cytoskeleton to chromatin translocates the heterochromatin
from the nuclear periphery to the intranuclear spaces; therefore,
changing the heterochromatin state to euchromatin is a key
process in regulating gene transcription (Haque et al., 2006),
highlighting the importance of cytoskeletal organization in
gene expression.

Chromatin condensation is also determined by nuclear
morphology and cytoskeletal organization (Keeling et al., 2017;
Uhler and Shivashankar, 2018). Intracellular tension determines
the shape of the nucleus and cell spreading area by modulating
cytoskeletal proteins, where actin and vimentin regulate cell
expansion and nuclear volume. In addition, polymerization
of cytoskeletal proteins such as actin, myosin, tubulin, and
vimentin is directly correlated with the size of the cell
spreading area. Cell spreading enhances the assembly of

actin and vimentin filaments, and the higher level of actin
and vimentin assemblies reversely feature higher and lower
condensation levels of chromatin, respectively (Keeling et al.,
2017). In essence, actin depolymerization-induced reduction
of actomyosin contractility translocates histone deacetylase 3
(HDAC3) and NF-κB transcription factor p65 into the nucleus,
leading to chromatin condensation (Uhler and Shivashankar,
2017). Consistently, HDAC inhibitors have been reported to
increase the expression of vimentin which inhibits the nuclear
translocation of HDAC and results in chromatin decondensation
(Wang et al., 2018). Furthermore, less condensed chromatin
has been typically observed in cells displaying enlarged nuclei
(Keeling et al., 2017).

Recent studies have shown that serine/threonine-protein
kinase ATR, known as ataxia telangiectasia and Rad3-
related protein, mediates chromatin dynamics in response
to mechanical forces (Kumar et al., 2014). The simultaneous
exertion of stretching-induced mechanical stimuli on the plasma
membrane or a compressive-load application on HeLa cells
regulates the activation and recovery of ATR and chromatin
compaction (Kumar et al., 2014). Quantitative analysis of
nuclear deformations and chromatin dynamics resulting from
cytoskeletal forces has further indicated that actomyosin
contractility is involved in the mechanoadaption of chromatin
epigenetic state in response to changes in ECM properties to
maintain telomere positioning and dynamics (Makhija et al.,
2016). Therefore, reduced cell-ECM physical contact partially
disconnects chromatin from the nuclear membrane, resulting
in elevated heterochromatin mobility (Makhija et al., 2016).
Taken together, external mechanical stimuli modulate nuclear
dynamics and the cytoskeleton organization, which in turn,
regulate chromosomal organization by transducing the external
mechanical signals through subcellular mechanoresponsive
components (Figure 1), leading to alterations in gene expression
by regulating the translocation of transcription factors and
post-translational modifications.

ALTERATION OF CELL BEHAVIORS IN
RESPONSE TO VARIATION OF
CELL-MATERIAL INTERFACES

Principle of Cellular Functional Change:
Gene Expression
Mechanical signals transduced to the nuclear membrane in
assistance with actomyosin contractility induce the activation
of transcription factors that promote the expression of specific
genes. For instance, in response to actin polymerization as a
consequence of enhanced cell polarization, myocardin-related
transcription factor MRTF translocates into the nucleus in a
crosstalk manner with NF-κB and binds to serum response
factor (SRF) (Uhler and Shivashankar, 2017), indicating that gene
expression is altered by the mechanical load. In addition, physical
stimuli transmitted to chromatin via nuclear deformation
determine epigenetic states (Gupta et al., 2012), which in turn
results in alteration of the mechanical properties of the nucleus
as well as cellular functions. In particular, higher condensation
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FIGURE 1 | Schematic illustration of the signal transduction from the extracellular matrix (ECM) to the nucleus. (Left) Subcellular molecular machinery at the

cell-materials interface. Extracellular forces applied to the cell are perceived by transmembrane protein integrins that activate the assembly of focal adhesion

molecules e.g., vinculin, paxillin, and talin and recruit focal adhesion kinase (FAK) to transmit the biophysical signals into the cytoskeletons. (Right) Molecular

connection between extranuclear cytoskeletons and intranuclear chromosomal organization. Transmission of biophysical signals between nucleus and cytoskeletons

is mediated by linkers of nucleoskeleton and cytoskeletons (LINC) molecular complexes that are composed of outer nuclear membrane associated KASH domain

proteins, e.g., nesprin isoforms that are connected to cytoskeletons in the cytoplasmic space and inner nuclear membrane associated SUN proteins that bind to

lamins and chromatin in the nucleoplasmic space.

levels of chromatin decrease nuclear deformability (Kirby and
Lammerding, 2018); therefore, mechanical control of chromatin
condensation can be a determinant of nuclear mechanics.

Cells cultured on surfaces with different topography,
geometry, and rigidity differ in cell migration, proliferation,
and differentiation (Engler et al., 2006; Kilian et al., 2010) as a
consequence of altered gene expression. For example, the analysis
of gene expression via DNA microarrays of mesenchymal stem
cells (MSCs) on diverse shapes has shown a distinct elevation of
transcripts, i.e., cells on shapes with concave edges resembling
star shapes displayed higher osteogenic transcripts, while
adipogenic transcripts were dominant in cells on shapes without
sharp edges and corners (Kilian et al., 2010). In essence,
confinement of cells on star shapes increased cytoskeletal
contractility (James et al., 2008); therefore, these cells exhibited
elevated gene expression specifically involved in the regulation
of cell tensional state, including p38, extracellular related
kinase ERK1/2, c-Jun N-terminal kinase JNK, canonical, and
non-canonical Wnt transcripts, and Wnt downstream regulator
Rho/ROCK, which promote osteogenesis in cells. Compared

to the osteogenesis of cells cultured in higher contractility-
promoting shapes, cells cultured in contractility reducing shapes
or unpatterned surfaces were triggered to adipogenesis (Arnsdorf
et al., 2009; Kilian et al., 2010), which together indicates how
geometric cues of the substrate direct cellular differentiation via
altering gene expression.

Matrix stiffness-dependent phenotypic change is also
determined by chromatin accessibility of transcription
factors. Breast epithelial cell line, MCF10A, encapsulated in
interpenetrating networks (IPNs) comprising reconstituted
basement membrane and alginate, mimicking in vivo 3D
tissue conditions, altered chromatin accessibility throughout
the genome, and promoted tumorigenic phenotype (Stowers
et al., 2019). It has also been reported that emerin regulates
heterochromatin compaction in an HDAC3-mediated manner,
by binding to HDAC3 in response to mechanical strain (Le
et al., 2016; Qi et al., 2016; Stowers et al., 2019). Accordingly,
the rigid matrix enhances accessible sites in Sp1-binding motifs
containing chromatin through the Sp1–HDAC3/8 pathway and
elevates the activity of the Sp1 transcription factor, which results
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in the upregulation of tumorigenic genes associated with the
breast malignant neoplasm in rigid tissues (Stowers et al., 2019).
In addition, mechanoresponsive gene expression can further
determine cell proliferation; therefore, cyclic stretch of vascular
smooth muscle cells could enhance proliferation accompanied
by reduced expression of emerin and lamin A/C, which binds to
DNA segments involved in the regulation of cell proliferation
(Qi et al., 2016). These results suggest that matrix rigidity
mechanically alters the expression of nuclear proteins including
emerin and lamin A/C, which in turn regulates tumorigenesis
through epigenetic modification.

Topographic characteristics of the substrate are another
physical setting that regulate gene expression. Compared to
unpatterned mesenchymal stem cells, cells placed on parallel
grooves suppress the activity of histone deacetylase (HDAC) due
to the alteration of nucleocytoplasmic transfer of HDAC as a
consequence of nuclear elongation (Li et al., 2011). Microgrooved
surfaces have also been utilized for cell reprogramming because
they can increase di- and tri-methylation of histone H3 at
lysine 4, i.e., H3K4me2 and H3K4me3 in non-transduced mouse
fibroblasts and fibroblasts infected with OSKM, co-expressed
transient transcription factors comprising Oct4, Sox2, Klf4, and
c-Myc, which are involved in cell reprogramming (Downing
et al., 2013). These results demonstrate that topographical
alteration activates genetic reprogramming genes through
histone modification. Treatment with blebbistatin, a non-
muscle myosin-II inhibitor, disrupts actin-myosin contractility
that diminishes surface topography dependence; therefore,
it is highly suggested that the mechanical modulation of
histone modifications is tightly regulated by cytoskeletal tension
(Downing et al., 2013).

Hence, chromatin structure undergoes an epigenetic
modification in response to the extracellular signals in the
microenvironment to enable cells to exhibit an optimal cellular
function in response to signals. These signals include matrix
rigidity, topographical alteration, and extracellular forces such
as strain and shear stress, which direct epigenetic responses of
the cell.

Environmental Sensing and Cell Adhesion
To interact with extracellular microenvironments, focal
adhesions (FAs) are in contact with extracellular matrices
through the transmembrane protein integrins, which enables the
remodeling of the cytoskeleton and the transmission of various
signals in response to varying features of extracellular settings.
As the biochemical signaling hub of the cell-ECM interactions,
the molecular composition of focal adhesions responds to the
properties of the ECM recognized by integrin coupling (Starr
and Fridolfsson, 2010). Mechanosensing of the extracellular
microenvironment enables cells to respond to variations of
cell-material interfaces such as rigidity and microstructures
that alter intracellular signaling pathways through cell adhesion
receptors and cytoskeletal reorganization. Hence, the physical
features that the cells can sense modify biological processes such
as cell migration and proliferation via cell-material interaction.

Substrate stiffness is an important mediator of cell functions
such as migration, proliferation, and differentiation. Alteration

of matrix stiffness has an impact on the activation of
integrins and focal adhesion assembly as mechanosensors and
mechanotransducers. The formation of integrin-mediated cell-
matrix adhesions leads to the assembly of integrin adhesome
at the adhesion site (Kanchanawong et al., 2010). The adhesion
force-bearing proteins such as talin are stretched by cellular
adhesion to a rigid substrate, which directly activates its binding
protein, vinculin (Del Rio et al., 2009; Stutchbury et al., 2017).
For instance, stretch-induced unfolding of talin can activate
vinculin recruitment on stiff matrices (Margadant et al., 2011).
In contrast, soft matrix can reduce the expression of β1 integrin
and Caveolin-1 (Cav1), integral membrane proteins involved
in integrin-dependent signaling through FAK and Src, which
deregulates matrix stiffness-dependent integrin activation (Goetz
et al., 2008; Yeh et al., 2017).

Geometrical and mechanical constraints on the extracellular
microenvironment also alter cellular mechanosensing signaling
pathways. ECM-micropatterned surfaces that primarily restrict
cell adhesion and spreading have been utilized to alter cellular
mechanosensation in in vitro conditions (Thery, 2010). To
adapt to the geometry of their micropatterned environment,
cells alter their attachment to confined space by readjusting
cytoskeletal tension and focal adhesion organization that further
changes cell adhesion and spreading (Ermis et al., 2018). For
example, adhesion area-controlled human mesenchymal stem
cells were differently differentiated by controlling focal adhesion
assembly, where cells micropatterned on large fibronectin islands
treated with transforming growth factor-beta (TGF-β) induced
expression of SMC contractile markers such as alpha-smooth
muscle actin (α-SMA), whereas cells on small fibronectin islands
induced chondrogenesis (Wang et al., 2016).

Myosin motor protein interacts with F-actin to determine cell
contractility. Cells with large adhesion areas have filament-like
myosin structures, while those placed on varying micropatterns
with small adhesion area show punctate myosin formation in
cells due to the lack of myosin binding to F-actin, which regulates
cell contractility (Albert and Schwarz, 2014). To identify cell
mechanical state that primarily relies on traction force that
myosin can generate along with actin filaments, atomic force
microscopy (AFM) was applied to measure cytoskeletal tension
(Rape et al., 2011). The MSCs adhered to the micro-patterned
fibronectin-coated tissue culture polystyrene (TCPS) showed
filament-like myosin aggregation in association with the ventral
stress fibers and transverse arcs in cells with large adhesion
area, where myosin movement along the F-actin could generate
traction force (Wang et al., 2016).

By confirming the increased Young’s modulus of MSCs
according to the increased adhesion area, the generation of
traction force based on myosin bound to F-actin can determine
mechanoresponsive cellular behaviors such as cell migration
and division (Vicente-Manzanares et al., 2009; Wang et al.,
2016). The formation of focal adhesion clusters depends
on the molecular phosphorylation, which largely relies on
the adhesion size. For instance, differentiated rat embryonic
fibroblasts cultured on fabricated islets by printing poly(L-lysine),
grafted with poly(ethylene glycol) (PLL-g-PEG) to confine the
organization of focal adhesions in a limited size has shown
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reduced phosphorylation of paxillin and FAK (Goffin et al.,
2006). Moreover, in myofibroblasts cultured on 10- and 20-
µm-long islets, β1 integrin, tensin and paxillin in supermature
focal adhesions were localized at the cell periphery (Goffin
et al., 2006). In contrast, in cells cultured on 2–6-µm-long
islets, redistribution of the tensin and β1 integrin from the
cell periphery to the cell center is induced, which also occurs
when substrate stiffness is decreased (Goffin et al., 2006), where
the classical focal adhesion markers β3 integrin and vinculin
remained specifically in the cell periphery and paxillin was
partly redistributed to the cell center, and also remained in
peripheral focal adhesions. Similarly, this redistribution of matrix
adhesion components occurred after switching to a culture
substrate with a lower rigidity. In addition, the level of protein
tyrosine phosphorylation in super mature focal adhesion was
significantly higher than that in classical focal adhesion islets, and
the phosphorylation of paxillin and FAK decreased significantly
from the total extracts of myofibroblasts cultured on small islets
(Goffin et al., 2006). These results demonstrate that adhesion size
controls the phosphorylation andmolecular composition of focal
adhesions in a molecular tension-dependent manner.

Taken together, the molecular basis of focal adhesion-
mediated mechanosensing is involved in recognizing and
transferring mechanical signals generated in the extracellular
environment. Clustering of integrin receptors with other related
proteins leads to the formation of focal adhesions, which
can perceive extracellular stimuli through molecular cascades
involving the cytoskeletal reorganization that triggers outside-
in signaling. Therefore, the manipulation of substrate physical
conditions has fundamental roles in regulating cell behaviors by
controlling these mechanoresponsive molecules and cytoskeletal
remodeling, which ultimately alters cellular adhesion.

Modulation of Cell Migration in Response
to Mechanical Forces
Cell migration is critical to a variety of biological processes
such as development (Fujimori et al., 2019), immune response
(Luster et al., 2005), wound healing (Leoni et al., 2015),
tissue regeneration (Qu et al., 2019), and cancer metastasis
(Yamada and Sixt, 2019). Cell migration consists of continuous
mechanosensation of extracellular microenvironments;
therefore, altering the physical properties of the substrate, for
example, rigidity, ligand distribution, topology, and geometry,
directly regulates cell migration, which is a critical process in
mechanoadaptation (Charras and Sahai, 2014; van Helvert et al.,
2018).

Among the diverse in vitro culture methods that have
been developed to control cell migration, in a fracture model
that mimics fracture healing, osteoblast-like cells MG-63 and
human mesenchymal stem cells (hMSCs) were also cultured
on microgrooved polycaprolactone substrates to investigate the
effect of surface topography on migration capacity via a wound
healing assay. This study depicted the effect of microgrooves on
wound gap healing, where parallel grooves with varied depth on
the substrate promoted the migration of hMSCs and collective
migration of MG-63 cells, and cell migration was accelerated in

shallow grooves compared to deep grooves. These results reveal
that controlling the physical setting of the cells could promote
adequate wound healing process (Zhang et al., 2015).

The recognition of substrate geometry is particularly
important to determine cancer cell malignancy; therefore, an
in vitro model of microgrooved polydimethylsiloxane has been
developed (Kushiro et al., 2017). In this model, by comparing
cell motility between cancerous and non-cancerous epithelial
cells originating from diverse tissues, it has been shown that
cancerous cells are more motile but less sensitive to topographic
variations due to insufficient formation of stable and oriented
actin fibers on the grooved surface. Consequently, attenuated
recognition of surface topology enhanced the metastatic
potential of cancer cells, which further demonstrates the ability
of cancer cells to migrate less affected by geometric hindrance
in their microenvironment (Kushiro et al., 2017). These results
further suggest that different sensitivity of cancer cells to
such mechanical properties of the surface and exhibition of
distinct cell motility must be taken into account to develop
cancer therapy.

In a combined approach to modulate the stiffness of the
substrate through topographical changes, a set of micropillars
with oval cross-sections was designed to obtain an anisotropic
stiffness that guided epithelial cells to translocate toward rigid
micropillars, which was a consequence of the alignment of
focal adhesions and F-actins in the same direction (Saez
et al., 2007). Considering these data, molecular regulators of
cellular mechanoadaptation including focal adhesions along with
cytoskeletal components modulate cell motility in response to
microenvironmental changes.

In addition to the topography of the substrate, ligand
distribution on various surfaces is critical to regulate cell
migration. For instance, mimicking the distribution of ligands
via a stretchable hydrogel substrate, patterned by nanoarrays
in a quasi-hexagonally arrangement, exhibited increased cell
migration when the ligand spacing was enlarged and inhibited
the formation of focal adhesions (Deng et al., 2017). Consistent
with these results, substrate ligand presentation of ECM
proteins including fibronectin, laminin, and collagen as adhesive
ligands in combination with stiffness of the substrate, so
called stiffness-by-ligand regulation, induced different cellular
responses to stiffness such as differential focal adhesion assembly
and cytoskeletal remodeling to substrate stiffness, which are
dependent on the ECM ligands (Sazonova et al., 2015). To further
investigate the influence of stiffness and ECM composition
on cell migration, a 2D in vitro model was applied to
mimic the blood vessel wall by culturing vascular smooth
muscle cells on an elastic polyacrylamide hydrogel with tunable
stiffness coated with fibronectin and collagen I (Rickel et al.,
2020). Measuring the mean squared displacement of these
cells exhibited increased migration distance and speed as a
consequence of decreased alignment of cortical stress fibers and
actin cytoskeleton disorganization in stiffer fibronectin-coated
substrates in contrast to cells on collagen I-coated substrates with
diminished migration distance in response to stiffness (Rickel
et al., 2020). In addition, adult neural stem cells were cultured
on an adhesive poly D-lysine-coated surface with laminin, a
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major ECM proteins in a microenvironment for neural stem
cells, stripe-printed on this surface to investigate the role of ECM
protein micropatterning on themigration of these cells (Joo et al.,
2015). This study indicated that despite the random distribution
of cells on the substrate, cells exhibited a higher affinity tomigrate
on poly D-lysine surfaces to move toward laminin-patterned
lines (Joo et al., 2015). Hence, ECM composition in combination
with physical properties of the substrate governs cell migration
speed and direction by switching between distinct pathways and
molecular regulators.

In addition, directed cell migration requires asymmetric
protrusions enriched with RNA, where localized RNAs within
the protrusions are controlled by the adenomatous polyposis coli
(APC) protein that is involved in cell adhesion and migration
through the regulation of β-catenin and its interaction with E-
cadherin (Preitner et al., 2014). Moreover, increased migration
was a result of enhanced localization of these RNAs at protrusive
regions that are modulated by tuning the stiffness of the ECM
as a result of increased contractility of actomyosin and Rho
GTPase signaling on stiff substrates, leading to the formation
of a network of microtubules that are post-translationally
detyrosinated (Wang et al., 2017).

Together, these studies propose mechanical force-mediated
approaches to regulate cell migration, which is a hallmark
of a variety of cellular functions by modulating the physical
properties of the substrate. Cell migration is an essential step
in a wide range of diseases, particularly in cancer, where
the regulation of cell motility by engineering the surface
materials would be a promising therapeutic approach to treat
these diseases.

Mechanical Control of Cell Proliferation
The extracellular microenvironment guides cellular behaviors
by a combination of signaling pathways. Changes in geometric
and mechanical constraints have been shown to interfere
with not only the cell structure, but also the fundamental
cell fates, such as cell differentiation and proliferation.
Recently, diverse approaches to manipulate cell fate have
been developed by modulating the mechanical properties of the
extracellular environment.

For example, the spreading area of the epidermal cells was
controlled by varying the substrate stiffness, where the cells
grown on soft silicone substrate displayed reduced spreading
area-dependent growth i.e., growth arrest, compared to cells
placed on rigid substrates (Wang et al., 2012), and various cellular
features, such as focal adhesion assembly and phosphorylation
of myosin light chain, were also diminished on soft substrates
(Aratyn-Schaus and Gardel, 2010). These cells also showed a
reduction in proliferation and migratory potential, as well as
the formation of focal adhesions; therefore, these observations
recapitulate the effect of reduced actomyosin contractility
on the suppression of cell proliferation in the compliant
microenvironment (Mih et al., 2012). Furthermore, analysis
of the proliferative potency assessed by the fractional change
in the synthesis phase of a cell cycle, indicated that cell
proliferation increased along with the increase in substrate
stiffness only in some specific cancer cell lines (Tilghman et al.,

2010). For instance, among these rigidity-dependent cell lines,
lung carcinoma cell line A549 cultured on a soft collagen-
coated polyacrylamide hydrogel showed increased E-cadherin
expression level and defect in the G1/S checkpoint of cell
cycle as a consequence of lack of adhesion signaling. This
accumulation of cells in G1 phase on soft gels could be a
consequence of induced apoptosis that inhibits cell growth
(Tilghman et al., 2010). In addition, A549 cell line showed
significant increase in cell spreading on rigid substrate, indicating
that the extent of cell proliferation correlates with ability of cells
to spread on substrates with different rigidity. Together, on rigid
substrates, increased FAK activation controls adhesion signaling
and increases spreading of these cells which in turn regulates
proliferation rate. Interestingly, A549 cells seeded into the lungs
of nude mice did not form detectable micro colonies, which is
consistent with the results of the lower growth rate of these cells
on soft gels that represented the rigidity level similar to lung
tissue (Tilghman et al., 2010). Hence, these results recapitulate
the correlation of cell’s ability to grow on these rigidity-tunable
substrates to the in vivo physical properties of tissues.

In addition, as fibroblasts cultured on flat surface prefer
rigid matrix, cyclic stretching of soft substrates filled with
PDMS nanopillars could mimic stiff substrates and thus
induced elevated cell proliferation and spreading compared
to unstretched condition, where nuclear translocation and
accumulation of MRTF-A and YAP were detected. Accordingly,
depletion of MRTF-A on soft nanopillar substrates suppressed
the translocation of YAP into the nucleus, and blocked stretch-
dependent cell spreading and growth. Similarly, YAP-depleted
cells on soft nanopillars did not exhibited nuclear translocation of
MRTF-A, and failed to proliferate. These results further indicate
that cyclic stretch-induced translocation of MRTF-A and YAP
to the nucleus is required to stimulate the cell spreading and
proliferation on compliant matrix (Cui et al., 2015).

Micropatterning techniques have also been used to confine
the cell geometry that regulates cell proliferation (Thery, 2010)
because engineered micropatterns could provide an effective
way to investigate the sensitivity of cell responses to diverse
extracellular microenvironments. Primary rat mesenchymal stem
cells confined onto circular micro-islands of arginine-glycine-
aspartate (RGD) on poly(ethylene glycol) (PEG) substrates (Peng
et al., 2011), as the cell-confining adhesive area increased,
the fraction of proliferating cells increased (Yao et al., 2019).
Conversely, cells cultured on small micro-islands inhibited cell
spreading and induced chromatin condensation that reduced
DNA synthesis, which is attributed to restricted cell proliferation
(Versaevel et al., 2012).

Furthermore, micro-grooved surfaces can be applied to
control cell proliferation (Watt and Huck, 2013). MSCs
cultured on micro-scaled grooved surfaces showed a higher
proliferation rate with a higher percentage of cells in the S/G2-
M-phase than standard culture flask-grown cells (Chaudhary
and Rath, 2017). In the case of the application of fibronectin
(FN)-immobilized micro-grooved titanium surface that enables
the unique combination of nanoscale, sub-microscale, and
microscale topography and the cell adhesive ECM molecules,
proliferation of human gingival fibroblasts was enhanced, where
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focal adhesion proteins c-Src, FAK, integrin-linked kinase (ILK),
and downstream signaling molecules such as c-Fos, c-Fyn, c-
Jun, and c-Myc were significantly upregulated (Kim et al., 2018).
Therefore, the alteration of substrate rigidity and topography
or cell shape confinement can promote cell proliferation by
modifying cell adhesion through modulating a diversity of
mechanoresponsive components including focal adhesions and
transmembrane protein integrins.

Mechanoresponsive Cell Differentiation
To maintain mechanical homeostasis, stem cells adjust their
lineage commitment to various external mechanical cues such
as substrate physical properties or external forces including
stretching, compression, and tensional forces (Steward and Kelly,
2015; He et al., 2018). A variety of studies have confirmed
that mesenchymal stem cells incubated on soft (0.1–1 kPa),
moderately stiff (11 kPa), and stiff (34 kPa) matrices exhibited
an enhancement in the expression of neurogenic, myogenic,
and osteogenic transcripts, respectively (Engler et al., 2006).
Disruption of actomyosin contractility of these cells inhibited
the expression of lineage markers; therefore, alternative stem cell
differentiation on varying substrate rigidity depends on non-
muscle myosin II (NMM II)-based cytoskeletal tension (Engler
et al., 2006), which is determined by nuclear mechanosensation
of substrate stiffness (Swift et al., 2013).

In agreement with these studies, a single-well platform
consisting of polyacrylamide hydrogels with gradients of linear
stiffness was applied to observe cellular behavior over a wide
range of stiffness changes (Hadden et al., 2017). In this model,
human mesenchymal stem cells expressed more MRTF-A,
a transcription factor involved in myogenic differentiation,
myogenic transcription factor MyoD, and osteogenic marker
CBFA1 on gels with a stiffness of ∼20, 12, and 36 kPa,
respectively, which mimics various tissue stiffness levels
including muscle and bone (Hadden et al., 2017). In addition, to
investigate the effect of stiffness on the differentiation of tendon-
derived stem cells, the expression of a wide range of tenogenic,
adipogenic, chondrogenic, and osteogenic transcription markers
was observed in gelatin hydrogels with varying matrix stiffness
(Liu et al., 2018). Quantitative analysis based on real time
PCR has shown that cells cultured on compliant substrates
preferred tenogenesis, chondrogenesis, and osteogenesis rather
than myogenesis, which is primarily regulated via the FAK-
ERK1/2 pathway (Liu et al., 2018). Consistent with these results,
performing qRT-PCR revealed that on stiff substrates of ∼62–68
kPa, osteogenic differentiation is promoted as a consequence of
upregulated integrin α5 and its downstream signaling pathways
including FAK, p-ERK, and p-Akt (Hamidouche et al., 2009;
Sun et al., 2018). Moreover, the expression of β-catenin and
phosphorylated GSK-3β were reported to be elevated on stiff
substrates, and as the FAK/Akt pathway is known to regulate
the expression of GSK-3β, suggesting a mediating role of this
pathway in regulating differentiation in response to substrate
rigidity (Fang et al., 2000; Sun et al., 2018).

Alteration of cell morphology has been a challenge to control
stem cell differentiation. Rho GTPases are known to be critical
for the differential fate of cells, whose activation is mediated
by insulin-like growth factor 1 (IGF-1) and Rac1 through

phosphorylation and subcellular localization of Rho regulator,
Rho GTPase activating protein (RhoGAP) (Taya et al., 2001;
Sordella et al., 2003; Bustos et al., 2008). Human mesenchymal
stem cells cultured on fibronectin-coated islands controlling
the cell shape regulate differentiation via the activation of
Rho/ROCK signaling (McBeath et al., 2004). In addition, cell
shape modulates the spreading area and in turn regulates
the cytoskeleton tension; therefore, higher and lower levels
of RhoA activation were reported to promote osteogenic and
adipogenic differentiation, respectively (McBeath et al., 2004).
This is consistent with cell shape-dependent adipo/osteogenesis
via the MAPK signaling pathway (Kilian et al., 2010). The human
osteosarcoma cell lineMG-63 was also cultured onmicrogrooved
polystyrene substrates with diverse width and distance between
individual grooves (Sun et al., 2016a). As shown in mRNA
transcript analysis, in this model, cells on substrates with narrow
grooves and ridges resulting in cells with a larger spreading
area expressed enhanced osteogenic markers (Sun et al., 2016a).
Hence, topographical changes in the cell-contacting materials
modulate cell differentiation by alteringmolecular pathways such
as Rho/ROCK and MAPK, resulting in distinct expression of
differentiation markers.

It has also been reported that the activity of YAP/TAZ
transcription factor regulates the shifting between the
differentiation of mammary epithelial multipotent progenitors
to either myoepithelial cells (MEP) or luminal epithelial cells
(LEP) (Pelissier et al., 2014). In addition, to observe the role of
substrate stiffness and geometry on the activity and localization
of transcription factor YAP/TAZ, mammary epithelial cells
and MSCs were cultured on fibronectin-coated polyacrylamide
hydrogels with diverse rigidity and micropatterned islands
of varying size, where soft substrates and small islands
promoted cytoplasmic localization of YAP/TAZ, whereas
its nuclear localization was dominant on stiff substrates and
enlarged islands due to elevated stress fiber formation and Rho
activation because cytoskeletal tension is known to regulate
YAP/TAZ in parallel to the Hippo pathway (Dupont et al.,
2011; Dobrokhotov et al., 2018; Dasgupta and McCollum,
2019). Thus, rigid substrates promote YAP/TAZ activity and
consequently promote differentiation to MEP relative to LEP
(Pelissier et al., 2014), which indicates that the MEP/LEP
specification is regulated by the mechanical properties of
the substrate.

Integrin-mediated mechanotransduction is also modulated
by magnetically triggered dynamic ligand-presenting hydrogels,
where bioactive ligands of ECM proteins, for example,
fibronectin, were differentially presented on soft matrices (Wong
et al., 2020). In this platform, hyaluronic acid hydrogel was
conjugated with Arg-Gly-Asp-bearing magnetic nanoparticle
(RGD-MNP), and the concealing or promotion of the RGD-
MNP presentation was controlled by the directional magnetic
attraction, which could inhibit or induce differentiation potential
of hMSCs (Wong et al., 2020). For instance, exposing the RGD
ligands through upward magnetic attraction promotes the
adhesion of cells to the surface via increasing focal adhesion
formation, and in turn, regulating the differentiation by
increasing the mechanical load sensed by cells (Wong et al.,
2020).
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These models suggest a new approach to in vivo tissue
regeneration by the application of stem cells through
modulating the interaction of cells with ECM to define cell
differentiation. These approaches mainly rely on alteration
of the actomyosin contractility and molecular regulators
of cellular mechanoadaptation, which in turn, regulating
mechanoresponsive pathways such as FAK-ERK1/2, Rho/ROCK,
and YAP/TAZ.

Since cell differentiation is largely altered by cell adhesion
and spreading, therefore, recent advances in manipulation of
cell-material interfaces (Figure 2) recapitulate the underlying
mechanism of cellular mechanoadaptation to the extracellular
microenvironment (Figure 3).

DISEASE RELEVANCE OF CELLULAR
MECHANORESPONSE AT
CELL-MATERIAL INTERFACES

Cardiovascular Disease
Since mechanical stimuli sensed by cells are transmitted through
intracellular signaling transduction pathways, defect in these
signaling pathways result in altered physiological responses
or pathological progression (Figure 1). Cardiovascular cells
are typically exposed to a variety of mechanical stimuli,
including blood pressure and wall shear stress, and abnormal
responses to these stimuli cause lethal heart diseases such as
hypertension, aortic reflux, and myocardial infarction (Dostal
et al., 2014) (Figure 4). While the role of mechanical stimuli
has been recognized for the developmental biological processes
and morphogenesis of the cardiovascular system, the cellular
response to mechanical cues is now emerging as a major
pathophysiological determinant in the diagnosis of heart failure
(Garoffolo and Pesce, 2019).

The mechanical interaction between ECM and cells play a
critical role in cardiac differentiation and maturation during
heart morphogenesis (Garoffolo and Pesce, 2019). For example,
an increase in matrix rigidity of the heart primordium is
associated with the initial beating of embryonic cardiomyocytes
because matrix stiffness regulates the coordinated opening of
the mechanosensitive Ca2+ channels before electromechanical
coupling begins (Chiou et al., 2016). Cardiomyocytes that acts as
a contractile unit of the heart muscle tissue generate contractile
wave through their contractions by mechanical strain, where
high strains propagate the Ca2+ wave, leading to cardiomyocyte
contraction. This indicates that the first signaling pathways
for the induction of coordinated myocyte beating in the early
embryonic heart tube is based on mechanical stimuli and these
mechanical forces are associated with the strengthening of the
heart matrix (Chiou et al., 2016). Furthermore, differentiation
of cardiomyocytes followed by adaptation to extracellular
environment involves considerable rearrangement of contractile
structures (Bildyug, 2019). The stiffness of ECM can determine
the rearrangement of the contractile apparatus of cardiomyocytes
because the cells placed on the rigid polyacrylamide hydrogels
coated with the type I collagen formed unaligned sarcomeres
and stress fiber-like structures in myofibril organization, in

contrast to cardiomyocytes cultured on a compliant matrix
similar to the stiffness of the myocardium (Bildyug, 2019).
In addition, cells cultured on soft substrates exhibit reduced
contraction force, while cells cease to contract on stiff substrates
(Bhana et al., 2010). Therefore, the reduction in tissue
stiffness by pharmacological inhibitors of ECM remodeling
(e.g., β-aminopropionitrile, BAPN) or increase with exogenous
crosslinkers (e.g., ribose) can stimulate heart regeneration and
cardiomyocyte proliferation (Wang et al., 2020). The BAPN,
an ECM remodeling inhibitor, can reduce tissue stiffness by
irreversible inhibition of lysyl oxidase, an enzyme that combines
collagen and elastin with the ECM. Ribose has also been used to
enhance the stiffness of collagen hydrogel in vitro as a crosslinker
through glycan (Levental et al., 2009). Based on these results,
reverse-differentiated mammalian cardiomyocytes can reactivate
cell cycles by reducing matrix rigidity, and cardiac regeneration
accompanied by temporary softening of the extracellular matrix
has been achieved (Yahalom-Ronen et al., 2015; Yu et al., 2018).

Cardiovascular cells are accompanied by subtle changes in
pro-inflammatory/pro-fibrotic phenotypes depending on the
biophysical characteristics of the surrounding matrix(Garoffolo
and Pesce, 2019). Pro-fibrotic activity on cardiac fibroblasts
in the failing heart, for instance, is highly associated with
metabolic insults, inflammatory stimuli, and epigenetic changes,
which has been reported by previous studies showing that
mesenchymal stem cells have “mechanical memory” effects(Yang
et al., 2014). In particular, mesenchymal stem cells cultured
on soft poly (ethylene glycol) (PEG) hydrogels showed
deactivation of YAP/TAZ as well as the expression of pre-
osteogenic transcription factor RUNX2, which was determined
by pre-incubation time on a rigid polystyrene culture plate.
Furthermore, mesenchymal stem cells cultured on TCPS
(mechanical dosing) for a short period of time led to reversible
YAP activation (Yang et al., 2014). However, constitutive
activation of YAP occurs through the threshold dose even
after the removal of the mechanical dose, which is termed
as the mechanical memory effect (Yang et al., 2014). In
addition, without mechanical dosing, mesenchymal stem cells
are differentiated toward adipogenic and osteogenic lineages but
mechanical dose prior to culturing on soft hydrogel induces
differentiation toward osteogenesis with increased RUNX2
expression. Thus, similar to epigenetic memory associated
with the exposure of cells to changed metabolic conditions,
tissue mechanics can also alter the expression of pathology-
associated genes even after returningmatrixmechanics to normal
conditions (Vinci et al., 2013).

The importance of mechanical stimuli such as shear stress
and cyclic strain has also been recapitulated by in vitro cardiac
differentiation. Mouse embryonic stem cells cultured on collagen
type IV-coated glass slides with steady laminar shear stress
applied by a fluid flow bioreactor promoted differentiation
toward ectodermal (< 0.5 N/m2) or mesodermal (0.5 or 1.5
N/m2) lineage depending on the magnitude and duration of
shear stress (Wolfe et al., 2012). Moreover, embryonic stem
cell-derived cardiomyocytes cultured on elastic poly (lactide-
co-caprolactone) (PLCL) scaffolds subjected to cyclic strain
sowed elevated cardiac-specific gene expression compared to
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FIGURE 2 | Scheme of representative materials engineering to modulate mechanoadaptation. Manipulation of matrix rigidity, morphological confinement, and

topographical guidance have been applied to regulate mechanoresponse at cell-material interface. To study the effect of rigidity on cellular behaviors, various ECM

stiffness levels relevant to in vivo tissue stiffness are applied. By controlling the cell morphology cell spreading dynamics and the reorganization of intracellular

organelles are explored. Topographical manipulation of the cell-materials interface guides cell alignment, adhesion, and migration. These approaches induce distinct

cellular behaviors including cell adhesion, migration, proliferation and differentiation.

FIGURE 3 | Representative signaling pathways involved in cellular mechano-regulation at the cell-material interface. Various surface modifications adjust critical cell

behaviors e.g., migration, proliferation, and differentiation in the field of tissue engineering because cellular interaction with extracellular microenvironment at the

cell-materials interface facilitates complex signaling cascades. Mechano-regulated signaling pathways facilitates the reorganization of focal adhesions, cytoskeletal

remodeling, and/or cell contractility via the expression of distinct genes.
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FIGURE 4 | Diseases relevance of cellular mechanoresponses. Cellular mechano-regulation is essential to maintain mechanical homeostasis in response to various

mechanical stimuli including shear stress, cyclic stretch, environmental stiffening, and tensile force. Defects in mechanical signaling pathways due to continuously

generated physical stimuli inside the organ are attributed to the onset of diverse human diseases such as aging, cancer, and cardiovascular diseases.

non-stretched cells (Gwak et al., 2008). Therefore, application of
shear stress and cyclic stretch during cardiac differentiation can
be a complementary approach for tissue engineering to combat
cardiovascular cell-associated dysfunctions.

In summary, cardiovascular cells are typically exposed to
a variety of mechanical stimuli ranging from shear stress to
compression. Furthermore, these cells recognize the mechanical
properties of the surrounding matrix including the stiffness,
shear stress, and cyclic strain to modify intracellular signaling,
which results in the pathogenesis of the cardiovascular
system. Accordingly, mechanical regulation of cell responses
is essential during cardiac development, and an understanding

of these mechano-regulation mechanisms has the potential
to reverse the developmental deficiency. Ultimately, these
mechanisms will establish a new route to treat cardiovascular
disorders by controlling cell mechanics-dependent intracellular
signal pathways.

Cancer
As shown in a variety of biological processes and disease
progression, mechanical signals transmitted from the
microenvironment play a key role in tumorigenesis and cancer
metastasis (Figure 4). Expansion and growth of the tumor
mass, enhanced interstitial pressure, and altered intracellular
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contractility are attributed to intracellular forces in cancer;
therefore, the manipulation of extracellular mechanical stimuli
can be a promising therapeutic approach to inhibit cancer
progression (Yu et al., 2011).

Tumor stiffness depends on the intratumoral amount of
ECM proteins such as hyaluronan and collagen (Gkretsi and
Stylianopoulos, 2018). Mathematical modeling revealed that
the displacement and growth of solid tumors such as breast
cancer and colon adenocarcinoma tumors from their host tissues
require higher stiffness levels than their surrounding tissues
(Voutouri et al., 2014), indicating the role of tumor stiffness
in cancer progression. Recent studies have further shown that
ECM stiffness is a critical determinant of cancer metastasis
that directly promotes invasion and migration capacities by
controlling the actomyosin contractility, which promotes the
assembly of invadosomes and lamellae (Kai et al., 2016). In
essence, ECM stiffness triggers an enhancement in integrin
clustering and the formation of focal adhesions, which in
turn activates Rac and Cdc42 GTPase activity required for the
assembly of invadosomes and lamella via assembly of the FAK
and steroid receptor coactivator (FAK-Src) complex (Kai et al.,
2016).

Colorectal cancer biophysical model of CCD18 stromal cells,
induced to express cancer associated fibroblast (CAF) phenotype
via TGF-β treatment, have shown elevated secretion of activin A
in case that they were cultured on rigid fibronectin matrix, which
in turn, led to enhancedmigration and epithelial to mesenchymal
transition (EMT) (Staudacher et al., 2017; Bauer et al., 2020). In
addition, this model proposed that stiffness levels elevated up to
40 kPa, representing colorectal cancer tumor stiffness, results in
the highest secretion level of activin A (Bauer et al., 2020).

Clinically, it is known that rigid and dense breast tissues
manifest an enhanced risk of metastasis and cancer progression
(Yu et al., 2011). The activation of yes-associated protein (YAP)
in response to enhanced substrate rigidity accelerates the motility
of diverse cancer cells, where activated YAP accumulates in the
nucleus and acts as a critical upstream regulatory protein of
MMP-7 that induces an elevated level of integrin β1, integrin
α2, and epidermal growth factor receptor (EGFR). Therefore,
enhanced cell proliferation on stiff substrates can accelerate
the viability of cells (Nukuda et al., 2015). In addition, the
possibility of increased proliferation and migratory potential in
non-transformed mammary epithelial cells in the absence of
stromal cells was reported to be dependent on the activation
of the MAPK signaling pathway via elevated Rho expression
in response to enhanced stiffness (Provenzano et al., 2009). In
addition, stiffer matrices were reported to induce migration and
invasion capacity of the human salivary adenoid cystic carcinoma
cell line ACC2, which was a consequence of enhanced actin
filament organization paralleled with up- and down-regulation of
matrix metalloproteinases (MMPs) and tissue inhibitor of matrix
metalloproteinases (TIMPs) activity, respectively, in response
to the increased activation of the RhoA/ROCK pathway (Zhao
et al., 2018). Moreover, stiff matrices trigger the expression of
Sp1 through the Sp1–HDAC3/8 pathway, which results in tumor
progression (Stowers et al., 2019). In a recent study comparing
a variety of cancer cell lines placed on rigid or compliant

fibronectin-coated pillars, cancer cells were less contractile on
the rigid matrix, indicating the disruption of rigidity-sensing
cytoskeletal proteins in cancer cells (Yang et al., 2020). In
addition, using a 3D matrigel platform with varying stiffness
revealed that EMT was promoted on stiffer matrices as a
consequence of nuclear translocation of the EMT transcription
factor TWIST1, which is released from its cytoplasmic anchoring
protein partner Ras GTPase-activating protein-binding protein
2 (G3BP2), which they bind via the conserved G3BP2-motif in
TWIST1 proteins of vertebrates (Wei et al., 2015). These results
confirm that mechanosensing of matrix compliance by cancer
cells is critical for determining cancer progression.

Viscoelasticity of the extracellular microenvironment has
been recently introduced as another critical determinant in
tumor progression. Viscosity of tumor assessed by magnetic
resonance elastography (MRE) showed that malignant tumors
are more dependent on the power law than benign tumors,
which indicated that malignant lesions display a viscous and
fluid-like property compared to benign tumors (Sinkus et al.,
2007). Viscosity and stiffness of the ECM has similar effects on
alteration of signaling pathways involved in mechanoadaptation.
For instance, enhanced viscosity of ECM by changing its
composition triggers YAP/TAZ signaling (Bennett et al., 2018;
Papalazarou et al., 2018). This behavior can be explained based
on the molecular clutch model, where higher viscosity promotes
higher force loading rate and thus inducing nuclear translocation
of YAP that activates its downstream pathways (Bennett et al.,
2018). These induce cell proliferation and results in increased
tumorigenic phenotype.

EMT is a hallmark of cancer metastasis that can be modulated
by not only the stiffness of the surrounding tissues but also
the geometric features that cancer cells can sense. In mouse
mammary epithelial cells cultured on 2D epithelial sheets of
defined size and shape, including square, rectangular, and
sinusoidal shapes, treatment with TGF-β exhibited that EMT
was spatially expressed higher on the corners and edges of the
square-shaped fibronectin-coated island regions due to nuclear
localization of SRF cofactor MRTF-A (Gomez et al., 2010).
In essence, the localization of MRTF-A is regulated by the
dynamics of the actin cytoskeleton, which itself is modulated
in a Rho-dependent manner and in response to the isometric
tension within a tissue, in which higher tension enhances
MRTF-A nuclear localization, interpreting the high expression
of EMT at edges and corners, perceiving higher loads of
mechanical stress (Nelson et al., 2005; Fan et al., 2007; Zhao
et al., 2007; Gomez et al., 2010). In addition, changing the
square shapes to rectangular and sinusoidal shapes to modulate
the gradient of mechanical stress showed higher expression
of the mesenchymal marker α-smooth muscle actin (αSMA)
and reduced the expression of epithelial marker cytokeratin at
the short edges and convex regions of sinusoidal monolayers,
respectively (Gomez et al., 2010). This implies that substrate
geometry regulates the load of mechanical forces perceived by
cells and thus can modulate critical behavior of cancer cells such
as EMT.

Manipulation of the materials property to simulate tumor
characteristics in vitro provides an insight into future therapeutic
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approaches of cancer. For instance, biomaterials engineering
to control tissue stiffness, geometry, and ligand distribution
can be a novel approach to enhance anti-cancer drug delivery
efficacy (Lin et al., 2019) and develop a drug screening
platform for the efficient treatment of cancers (Grolman et al.,
2015). Moreover, a photo-activated biomaterial-conjugated cell
penetrating peptide (CPPs) was introduced to temporally and
spatially control cellular attachment and cellular growth upon
photo activation (Lin et al., 2019). This photo switchable cell–
biomaterial interface exhibited an enhanced potential of cellular
uptake of biomolecules and nanomaterials upon light activation,
which can control the delivery of drugs to decrease the side effects
of toxic drugs and increase the efficiency of therapies, proposing
an applicable model for in vivo studies.

The emergence of tissue engineering in cancer therapy is to
modulate the malignancy potential of tumors and/or the delivery
of chemotherapeutic reagents into tumors, which can find a novel
therapeutic approaches into cancers.

Aging
Aging is a multifaceted chronological process accompanied
by biochemical and biophysical modification of individual
cells and their surrounding microenvironment (Phillip et al.,
2015), which induces epigenetic modification and alteration of
overall cell mechanics that will ultimately adjust biophysical
interactions between intracellular organelles and the extracellular
microenvironment (Park et al., 2020). Biological aging of an
organism typically involves failure of cellular functions. In
particular, cellular senescence resulting from the deterioration
of cell division and uncontrolled proliferation, generally termed
cancer, has been identified as a lethal consequence of the aging
process (Campisi, 2013), where modified ECM composition and
matrix stiffening is attributed to the loss of mechanical integrity
between cells and their microenvironment (Phillip et al., 2015).
ECM remodeling is an important feature in the development,
morphogenesis, and tissue regeneration; therefore, cellular aging
should be considered within the context of cell-ECM interaction
(Figure 4).

Since changes in the mechanical properties of cells and
their interaction with changing microenvironment are
typical characteristics of the aging process (Starodubtseva,
2011), diverse approaches have been challenged to identify
statistical relationships between biological age and cell
mechanics. For instance, atomic force microscopy analysis
of cytoplasmic deformability of adherent human epithelial cells
and cardiomyocytes showed differential mechanosensation of
substrate rigidity in response to biological aging (Berdyyeva
et al., 2004; Lieber et al., 2004). Experiments conducted
using a hydrogel that mimics the stiffness of myofibers
have further demonstrated that the aging-induced elevated
stiffness of myofibers suppressed the activation/proliferation of
myogenic progenitor cells (Lacraz et al., 2015). Moreover, the
regenerative capacity of oligodendrocyte progenitor cells adult
CNS progenitor cells declined in an age-dependent manner
(Sim et al., 2002), which was attributed to the loss of cellular
differentiation resulting from microenvironmental stiffening.
These cells regained their regenerative capacity by inhibiting

PIEZO1, the mechanoresponsive ion channel, by placing them
onto a soft environment (Segel et al., 2019), hence, biological
aging can be a critical determinant of cell-matrix interaction.

To determine how aging alters cellular response to
extracellular mechanical cues, mechanical stimulation was
applied to differentially aged cells. In response to uniaxial cyclic
strain, for instance, human foreskin fibroblasts from older
donors reoriented faster than the fibroblasts from younger
donors due to age-dependent changes in the actin cytoskeleton
(Zahn et al., 2011). This stress-responsive cellular realignment
is associated with the reorientation of the actin stress fibers
that are largely aligned predominantly perpendicular to the
stretching direction (Greiner et al., 2013). Based on these results,
cellular aging can lead to altered cell mechanical properties
through cytoskeletal remodeling, which defines fundamental
cell physiology.

Recent studies have identified that aging is attributed to
dysregulated immune/inflammatory reactions that determine
pro-inflammatory states (Accardi and Caruso, 2018), where
the endoplasmic retina (ER) stress is considered as a potential
regulator of age-related inflammation (Salminen et al., 2010).
Since ER is a complex membrane network that is located
adjacent to the nuclear envelope and extends throughout the
cytoplasm, it can detect and transmit biochemical signals
from diverse subcellular compartments (Naidoo, 2009). Altered
ER homeostasis, such as disruption of adequate protein
folding and/or accumulation of unfolded proteins, results in
apoptosis and inflammation that are implicated as hallmarks
of various aging-associated pathological progressions (Naidoo,
2009). Biological aging increases ER stress that mediates pro-
inflammatory responses and mechanical stimuli induce ER stress
(Valentine et al., 2018; Salminen et al., 2020); therefore, age-
dependency once to the mechanical stretch has been studied
in the context of inflammatory responses. Specifically, alveolar
type II cells obtained from young and old C57BL6/J mice
were exposed to cyclic stretch to mechanically stimulated cells
(Phillip et al., 2015), where ER stress-induced inflammation
and monocyte recruitment were more dominant in aged cells
(Valentine et al., 2018).

Material engineering approaches such as micropatterning
can alter age-dependent phenotype of cells through modifying
cytoskeletal organization and its linkage to the nucleus. For
instance, Hutchinson-Gilford Progeria Syndrome (HGPS) results
in rapid and premature aging caused by mutation in Lmna
gene, encoding nuclear major structural proteins lamin A and C.
Mutation in this gene leads to the expression of truncated pre-
lamin A, referred to as progerin (Dechat et al., 2007). Smooth
muscle cells derived from HGPS induced pluripotent stem
cells (HGPS-iPSC-SMCs) were compared on micropatterned
PDMS with grooves and ridges with flat substrates (Pitrez
et al., 2018). These results exhibited an increased expression of
various aging-relatedmarkers including progerin inHGPS-iPSC-
SMCs on micropatterned surfaces compared to flat substrates.
In addition, these cells showed higher alignment of their
nuclei on micropatterned substrates along the major axis of
micropatterned surfaces, leading to higher disruption of LINC
complex and in turn promotes the accumulation of progerin
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through DNA damage. Thus, investigating the biophysical
interaction in cell-engineered materials interfaces will provide
a novel insight into the development of implantable devices
incorporating human tissues, which are in a long-term contact
with tissues to avoid accelerated cellular aging.

Altogether, age-dependent phenotypic alteration and
progression of chronic diseases can be characterized by
biophysical features of individual cells that vary with aging, and
inversely, cellular mechanoresponses to extracellular physical
conditions could help to predict the progression of aging
processes. Thus, understanding the connections between these
biophysical cellular mechanisms and the evolution of chronic
diseases will be a breakthrough with regard to strategies aimed at
rejuvenating organs subjected to aging-induced damage.

DISCUSSION

The mechanism by which cells recognize and transmit
extracellular mechanical forces is a highly sophisticated
process involving a variety of proteins in diverse subcellular
compartments. Modulating tissue geometry, stiffness, and
biophysical properties results in the perception of different
loads of mechanical signals from the microenvironment.
It is important that modulation must be based on a good
understanding of different parameters in compliance with in
vivo conditions and their effect on cellular behavior. In addition,
the combined effect of multiple biophysical and biochemical
stimuli must be considered to analyze the results of a specific
model system. For instance, a piezoelectric fibrous scaffold,
which enabled tunable topography frommicropatterns to fibrous
bundle structures, can be an approach to the modulation of
assembly of neuron-specific cytoskeletal proteins, which in turn
can regulate YAP translocation into the nucleus (Kim et al., 2020).
These results can provide a new approach for neural-related
tissue engineering and neural implantation by modulating
the differentiation of neural cells through topographical cues
and alteration of mechanoresponsive pathways. Furthermore,
it has been proposed that in contrast to 2D studies of YAP
translocation as one the main mechanotransducing factors in
cells, in 3D models mimicking in vivo conditions, stiffness-
mediated progression of breast cancer is not YAP-dependent
(Lee et al., 2019). These results emphasize the need to utilize
an appropriate model to study the mechanical properties
of tissues and moreover, while the overall complexity of

mechanotransduction in 3D microenvironments has been less
identified, in order to facilitate our understanding of cellular
behaviors in in vivo condition, we should not be restrained from
accepting additional dimensions.

For the practical application in the field of bone tissue
regeneration, physical properties of the extracellular
microenvironment are crucial to design a load-bearing implant
that is ideal for the regeneration of large bone defects. Recently
proposed scaffold model is to mimic the in vivo bone ingrowth in
response to mechanical loads (Entezari et al., 2020). This device
was introduced as a model to support a wide range of hydrogel-
and ceramic-based scaffolds with a capability of responding to
various mechanical stimuli by controlling the level of mechanical
strain and stress. These studies highlight the necessity of
comprehensive models in the field of mechanobiology to
better study the interaction of cells with their surrounding
materials. Herein, we recapitulate the importance of such
emerging approaches in tissue regeneration and disease therapy.
Thus, establishment of a proper in vivo mimicking models
considering diverse physical and chemical factors is critical
to introduce reliable models for practically efficient clinical
application. We expect our review could provide noble insights
into the cellular mechanoadaptation and its relevance to
human diseases.
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Endogenous regeneration aims to rebuild and reinstate tissue function through enlisting

natural self-repairing processes. Promoting endogenous regeneration by reducing

tissue-damaging inflammatory responses while reinforcing self-resolving inflammatory

processes is gaining popularity. In this approach, the immune system is recruited as

the principal player to deposit a pro-reparative matrix and secrete pro-regenerative

cytokines and growth factors. The natural wound healing cascade involves many immune

system players (neutrophils, macrophages, T cells, B cells, etc.) that are likely to play

important and indispensable roles in endogenous regeneration. These cells support

both the innate and adaptive arms of the immune system and collectively orchestrate

host responses to tissue damage. As the early responders during the innate immune

response, macrophages have been studied for decades in the context of inflammatory

and foreign body responses and were often considered a cell type to be avoided.

The view on macrophages has evolved and it is now understood that macrophages

should be directly engaged, and their phenotype modulated, to guide the timely

transition of the immune response and reparative environment. One way to achieve

this is to design immunomodulating biomaterials that can be placed where endogenous

regeneration is desired and actively direct macrophage polarization. Upon encountering

these biomaterials, macrophages are trained to perform more pro-regenerative roles

and generate the appropriate environment for later stages of regeneration since they

bridge the innate immune response and the adaptive immune response. This new

design paradigm necessitates the understanding of howmaterial design elicits differential

macrophage phenotype activation. This review is focused on the macrophage-material

interaction and how to engineer biomaterials to steer macrophage phenotypes for better

tissue regeneration.

Keywords: macrophage, biomaterial, immunomodulation, regeneration, wound healing, phenotype, macrophage

polarization, mechanotransduction

INTRODUCTION

Our knowledge of macrophages has a long-standing history (Figure 1). When macrophages were
first discovered by Élie Metchnikoff, a Russian zoologist, in 1882, they were described as phagocytes
that could accumulate at the point of inflammation and clear out invading pathogens (Metchnikoff,
1883). Metchnikoff identified a close connection between the mononuclear phagocytic cells in
the spleen, lymph nodes, bone marrow and connective tissue, and he grouped them under the
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FIGURE 1 | (A) Macrophage origin: from the time Metchnikoff discovered macrophages (Metchnikoff, 1883), to the establishment of the reticuloendothelial system

(Aschoff, 1924) and mononuclear phagocyte system (Langevoort, 1970; van Furth et al., 1972a), to the current consensus of macrophage heterogeneity (Lichanska

and Hume, 2000; Gordon and Taylor, 2005; Chorro et al., 2009; Wynn et al., 2013; Epelman et al., 2014). (B) Macrophage-biomaterial response: a PubMed search

with key words “macrophage” and “biomaterial” reveals the increasing popularity of this topic over time and our constantly evolving knowledge (Homsy, 1970;

Anderson and Miller, 1984; Badylak et al., 2008; Madden et al., 2010; Sadtler et al., 2016).

term “macrophage system” (van Furth et al., 1972b). This
observation and the later founded phagocytosis theory laid a
foundation for innate immunity (Metchnikoff, 1907; Tauber,
2003; Gordon, 2008; Underhill et al., 2016), which earned
Metchnikoff aNobel Prize in 1908. Since then, our understanding
of macrophage origin, classification and function continues
to evolve. In 1924, Acshoff developed the concept of the
reticuloendothelial system (RES) to describe macrophages and
other phagocytic cells (Aschoff, 1924). This concept was
criticized for only considering cell function rather than their
origins, and it was later replaced by the ontogeny-based term
“mononuclear phagocyte system (MPS)” in 1969 (Langevoort,
1970; van Furth et al., 1972b; Van Furth, 1980). This widely
accepted MPS model proposed that tissue macrophages were
terminally differentiated from bone marrow progenitors and
blood monocytes (Langevoort, 1970; van Furth et al., 1972b;
Van Furth, 1980). However, toward the end of the 20th century,

mounting evidence suggested that certain tissue macrophages
could proliferate locally (Sawyer et al., 1982; Czernielewski and
Demarchez, 1987; Ajami et al., 2007; Chorro et al., 2009).
Instead of originating only from bone marrow, researchers found
that most tissue macrophages’ existence can be traced back
to the embryonic stage (Chorro et al., 2009; Epelman et al.,
2014). Therefore, macrophage heterogeneity was established and
explored further over the last two decades, and hypotheses of
macrophages’ divergent origins started to prevail (Lichanska and
Hume, 2000; Gordon and Taylor, 2005; Wynn et al., 2013). Still,
many questions aboutmacrophages have yet to be answered, such
as the contribution of recruited monocyte-derived macrophages
in the replenishment of tissue-resident macrophages and the
functional differences between these two populations during an
inflammatory response (Gordon and Taylor, 2005).

Macrophages play a pivotal role in tissue regeneration during
injuries and diseases (Wynn et al., 2013). They coordinate with
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the rest of the immune system to create a pro-regenerative
niche at the diseased site, and they recruit progenitor cells
to support and promote healing (Martin and Leibovich,
2005; Eming et al., 2014). For instance, during the early
stage of acute wound healing, macrophages work side by
side with the other innate immune cells (e.g., neutrophils)
to debride the wound and construct a provisional matrix
(Eming et al., 2014). Together, these effector cells produce
chemokines and growth factors to mobilize mesenchymal stem
cells, fibroblasts as well as keratinocytes to restore the tissue
(Mantovani et al., 2004). However, this endogenous regenerative
ability diminishes with age and can also be disrupted in
pathological conditions (Wells and Watt, 2018). In the case
of diabetes, patients develop non-healing wounds because of
the dysregulation in macrophage function, which leads to a
perpetuating inflammatory environment and prevents reparative
cell infiltration (Eming et al., 2014). These wounds have
malfunctioning local milieus that deviate from those of healthy
individuals’ in both biochemical components (e.g., accumulation
of inflammatory cytokines) and mechanical properties (e.g.,
degraded extracellular matrix) (Schultz and Wysocki, 2009;
Christman, 2019). To repair damaged tissue by salvaging the
body’s natural healing ability, one emerging approach uses
immunomodulatory biomaterials to promote immune-mediated
tissue regeneration (Rice et al., 2013; Yu et al., 2016b). These
materials are designed to actively engage the immune system
and manipulate the infiltrating cells, especially macrophages,
to perform regenerative functions. This immunomodulatory
method thereby reconstructs a local pro-reparative niche and lays
down a foundation for endogenous regeneration.

In recent years, more and more research points to
macrophages’ parts in bridging innate immunity with adaptive
immunity and how this bridging role can be leveraged by
immunomodulating biomaterials for promoting endogenous
repair (Sadtler et al., 2016; Wolf et al., 2019). To this end,
a comprehensive understanding of macrophage-biomaterial
response is essential. Many excellent reviews cover macrophage
mechanotransduction (McWhorter et al., 2015; Mennens
et al., 2017; Adams et al., 2019; Jain et al., 2019; Meli et al.,
2019; Gruber and Leifer, 2020) and its biomedical applications
(Brown et al., 2014; Springer and Fischbach, 2016; Andorko
and Jewell, 2017; Spiller and Koh, 2017; Li J. et al., 2018)
from various angles. However, no existing review articles
provide a current view of macrophage-material interaction
from a practical bioengineering perspective. In this review,
we synthesize the up-to-date understanding of macrophage
biology and macrophage-material response. We also present
a pragmatic guidebook for researchers to design biomaterials
that can guide context-dependent macrophage polarization for
optimal endogenous tissue regeneration.

MACROPHAGE HETEROGENEITY AND
PLASTICITY

Macrophages are highly heterogeneous immune cells with great
diversity in lineages, anatomical distribution, and functional

subsets (Wynn et al., 2013). The idea that maintenance of
tissue-resident macrophages in mice relies on the recruitment
and differentiation of blood monocytes was once mainstream
(van Furth et al., 1972b; Wynn et al., 2013; Ginhoux and
Jung, 2014). However, recent fate-mapping studies challenged
this idea by comprehensively demonstrating that most tissue-
resident macrophages are derived from yolk sacs and fetal
livers in the embryonic stage, and they can self-renew to
persist into adulthood independent of monocytes (Ginhoux
et al., 2010; Schulz et al., 2012; Hashimoto et al., 2013; Wynn
et al., 2013; Yona et al., 2013). Only some highly specialized
macrophage populations, such as those in the skin, intestine, and
splenic marginal zone, require continuous repopulation by bone-
marrow-derived precursors (Schulz et al., 2012; Tamoutounour
et al., 2013; Yona et al., 2013; Bain et al., 2014). This dual origin
theory of tissue macrophages also holds true in humans (Bajpai
et al., 2018).

Macrophage plasticity is another hallmark that supports
multifaceted roles for macrophages in different tissues, organs
and disease states (Mosser and Edwards, 2008). Besides the
control of intrinsic differentiation pathways, macrophages are
also subject to the influence of the local microenvironment
and perform context-based functions (Gosselin et al., 2014;
Lavin et al., 2014; Wills et al., 2017). For example, when
peritoneal macrophages were engrafted into donor lungs,
these macrophages upregulated lung macrophage-specific genes,
demonstrating that differentiated tissue-resident macrophages
retain their plasticity and that local tissue cues can alter
macrophage function (Lavin et al., 2014). However, while
macrophage plasticity can dictate its function, it is also possible
to have functionally and developmentally distinct macrophage
populations coexisting in the same tissue, such as large and small
peritoneal macrophages (Ghosn et al., 2010). Therefore, when
designing biomaterials to engage macrophages, it is essential
to characterize macrophages with a comprehensive paradigm
that takes into account their origin, plasticity, and overall
heterogeneity within tissues.

Macrophage phenotype is difficult to define because of
inherent heterogeneity in this cell population and their plasticity
in response to environmental changes (Figure 2). When
researchers first tried to understand macrophage phenotype, a
modular approach mirroring T helper type 1 and T helper type 2
polarization was used to divide macrophage phenotypes into M1
and M2 (classical activation and alternative activation) (Nathan
et al., 1983; Stein et al., 1992; Mills et al., 2000; Mills, 2012,
2015). This paradigm was useful for early in vitro study as it
clearly defined the activation cytokines and expected functional
changes (e.g., surface receptors, ligands, produced cytokines) for
each phenotype. As more evidence accumulated, a few disparate
macrophage phenotypes emerged that could not simply be
grouped into “M2” (Edwards et al., 2006). Therefore, the M1/M2
dichotomy was further expanded to include subcategories like
M2a,M2b, andM2c (Mantovani et al., 2004; Martinez et al., 2008;
Biswas and Mantovani, 2010). This categorical view still ran the
risk of oversimplifying the intricate population of macrophages
by force-fitting them into defined categories. Over the past
decade, scientists conducting epigenetics, gene expression, and
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FIGURE 2 | (A) Evolution of macrophage phenotype models: from the historical M1/M2 (Classical vs. Alternative) dichotomy (Nathan et al., 1983; Stein et al., 1992;

Mills et al., 2000; Mills, 2012), to an M1/M2 spectrum with multiple M2 sub-categories (Mantovani et al., 2004; Stout and Suttles, 2004; Martinez et al., 2008; Biswas

and Mantovani, 2010; Martinez and Gordon, 2014), to the macrophage color wheel model (Mosser and Edwards, 2008), there is an increasing appreciation for the

complexity of macrophage phenotype. (B) Rapid improvement in tools to characterize macrophage phenotype enables researchers to better understand macrophage

biology in the context of tissue or materials. IHC, immunohistochemistry; RT-PCR, Real time polymerase chain reaction; ELISA, enzyme-linked immunosorbent assay;

ChIP, chromatin immunoprecipitation; AFM, atomic force microscopy.

functional studies discovered new macrophage phenotypes that
the traditional M1/M2 model failed to characterize (e.g., tumor-
associated macrophages) (Mosser and Edwards, 2008; Xue et al.,
2014; Malyshev and Malyshev, 2015). Thus, a color wheel model
with different “shades” of activation was proposed to account
for both fundamental functions and the context-specific roles
macrophages perform (Mosser and Edwards, 2008; Ginhoux
et al., 2016). In other words, macrophage phenotype should be
seen as a dynamic and not a static process (Mosser and Edwards,
2008; Wills et al., 2017).

Given the fluidity of macrophage phenotype and the plasticity
of the cells, it’s very hard to both accurately define them and
comprehensively characterize them. As with many biological

assays, common tools used to study macrophage phenotype
only capture a snapshot at the moment of sampling. In
reality, macrophages are constantly adapting to the changing
environment and their phenotypes should not be viewed as an
end-point definition (Mosser and Edwards, 2008). A universal
language on how to define macrophages has yet to be widely
accepted and adopted (Murray et al., 2014), especially in in
vivo settings because of the many factors at play. For example,
macrophages in wounds exhibit a complicated phenotype with
features found in both M1 and M2 macrophages (Daley et al.,
2010; Novak and Koh, 2013). Thus, the term “macrophage
phenotype” and the phenotype definitions should be considered
with careful deliberation. When researchers refer to phenotype
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results from different studies or report their findings, a multi-
aspect description needs to be provided to capture the full
picture of activated macrophages, such as the origin of the cells,
the systemic and local milieu, the combination of markers and
functions they share, and the timing of activation.

A DOUBLE EDGE SWORD IN VIVO

Macrophages are central to many disease stages and serve
multifaceted roles during physiological and pathological
processes (Gordon, 1995). Because of their plasticity,
macrophages are highly susceptive to environmental stimuli
and they act as a double edge sword in vivo (Wynn et al., 2013).
In a normal, healthy adult, macrophages play integral roles in
maintaining tissue homeostasis, inflammation and repair. On
one hand, they are the diligent “janitors,” clearing out dead cells
and extraneous cellular debris as part of the regular metabolic
process (Mosser and Edwards, 2008). Distinct tissue-resident
macrophages perform tissue-specific homeostatic functions,
such as the clearance of apoptotic neutrophils and erythrocytes
in the spleen and liver. If a timely removal of these cells by
macrophages fails, severe results ensue, such as neutropenia,
splenomegaly, and reduced body weight (Gordy et al., 2011).
On the other hand, macrophages act as the primary sensor of
danger signals and the first responders in the innate immune
system for host defense (Gordon, 1995). In the case of acute
wound healing, macrophages govern the inflammation stage
and orchestrate regeneration (Leibovich and Ross, 1975). Within
minutes of injury, tissue-resident macrophages recognize danger
signals, like damage-associated molecular patterns, and help
initiate the local inflammatory response (Minutti et al., 2016).
Monocyte-derived macrophages are then recruited to the
wound by the local presence of inflammatory chemokines and
cytokines, such as monocyte chemoattractant protein-1 (MCP-
1), tumor necrosis factor-alpha (TNF-α), and interferon-gamma
(IFN-γ), and they further amplify the inflammatory response
(Krzyszczyk et al., 2018). These new-comers actively attempt
to phagocytose foreign materials and produce proteases (e.g.,
matrix metalloproteinases/MMPs) to break down the damaged
matrix (Ginhoux and Jung, 2014). They also secrete various
factors (e.g., chemokines, cytokines) to coordinate support
cells and assist tissue reconstruction. Selective depletion of
macrophages in mice during the inflammatory phase impairs
wound vascularization and contraction (Mirza et al., 2009; Lucas
et al., 2010). Conversely, removing macrophages during the
tissue formation phase leads to severe hemorrhage in wound
tissues (Mirza et al., 2009; Lucas et al., 2010). Both cases further
demonstrate that macrophages are central players in wound
healing. When pathological conditions occur, macrophages’
homeostatic and reparative functions can be overridden,
which has led to a causal association of macrophages with
many diseases.

Disturbances in macrophage function contribute to a broad
spectrum of pathologies, such as cancer and inflammatory
disorders (Wynn et al., 2013). For diabetes patients, the
underlying pathologies, like elevated glucose, are believed to

promote a pro-inflammatory macrophage phenotype (Wen et al.,
2006; Mirza and Koh, 2011; Bannon et al., 2013). These cells
accumulate in the wound bed and contribute to the uncontrolled
production of pro-inflammatory cytokines, chemokines and
proteases, as well as growth factors (Eming et al., 2010). An
overabundance of MMPs, as an example, can break down critical
extracellular matrix (ECM) proteins and prevent new tissue
formation (Wysocki et al., 1993). Overall, the imbalance of these
key molecules, like pro-inflammatory cytokines, forms a vicious
cycle by maintaining amacrophage pro-inflammatory phenotype
and preventing regenerative cell infiltration. A predominance of
pro-inflammatory macrophages is considered a major hallmark
for non-healing wounds, and restoring the properly-regulated
transition in macrophage phenotypes remains key to the
development of a potential solution (Willenborg and Eming,
2014).

Macrophage-directed therapies are promising for the
treatment of a range of diseases (Springer and Fischbach,
2016; Spiller and Koh, 2017; Li R. et al., 2018). Generally,
the treatments can be categorized into 4 types: (1) exogenous
macrophage supplementation; (2) delivery of molecules to
modulate endogenous macrophage phenotypes or alter their
numbers; (3) delivery of biomaterials to modulate endogenous
macrophage phenotypes; (4) a selective combination of 1-3. The
second approach has been most studied. Researchers using this
approach delivered key molecules (e.g., recombinant interleukin-
4/IL-4, TNF-α neutralizing antibody) to recruit endogenous
macrophages and induce their pro-regenerative function or block
pro-inflammatory signaling pathways or products (Salmon-Ehr
et al., 2000; Goren et al., 2007). However, several disadvantages
have arisen with these methods. Given that the details regarding
timing and specific roles of each macrophage phenotype are still
yet to be fully elucidated, an optimal dosage to elicit desired
phenotypes in a timely manner is hard to achieve. Additionally,
the delivery of molecules or cells directly to the wound bed
also ignores the importance of the microenvironmental context
in shaping macrophage responses (Gosselin et al., 2014; Lavin
et al., 2014). In a pro-inflammatory milieu, excessive amounts
of proteases might expedite the degradation of active molecules,
and exogenous activated M2 macrophages could be skewed to
perform M1 function. To achieve long-lasting healing outcomes,
it is crucial to first address the aberrant microenvironment.
A combined method, with immunomodulatory biomaterials
to reconstruct the local environment, will be better suited to
fine-tune macrophage response and achieve better regeneration.

MACROPHAGE-MATERIAL RESPONSE:
WHAT DO WE KNOW AND WHAT SHOULD
WE DO?

The design of biomaterial scaffolds that are capable ofmodulating
the local microenvironment requires a closer look at the
macrophage-material interaction and the resulting changes
in macrophage phenotype. This interaction has been studied
extensively in the context of foreign body response since the
early 1970s (Coleman et al., 1974). A foreign body response
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(FBR) is characterized by the persisting existence of immune
cells, particularly macrophages, and the encapsulation of the
implanted material by fibrotic tissues (Anderson et al., 2008).
Macrophages oversee the inflammation process of the host
reaction to implants (Figure 3). They function to clear out debris
and foreign materials via phagocytosis, produce enzymes to
remodel the provisional matrix, and secrete signaling molecules
to recruit support cells, such as fibroblasts. In an attempt
to minimize the impact of a foreign implant on the body,
macrophages fuse into foreign body giant cells (FBGC), and
actively seek to degrade the implant. If this process fails, FBGCs
work with fibroblasts to deposit collagen layers and wall off the
implant by forming a dense fibrotic capsule around it (Anderson
et al., 2008). FBR can render implanted biomaterials or medical
devices non-functional by preventing drug release, reducing
blood supply, and causing contraction and pain. Surprisingly,
even now it is still unclear which macrophage phenotype plays a
major role in initiating FBR. M1 macrophages are closely related
to inflammation and reduced M1 presence has been observed
to attenuate FBR (Goreish et al., 2004). In addition, multiple
studies proved that a higher M2 to M1 ratio was associated
with more constructive remodeling and implant vascularization
(Badylak et al., 2008; Brown et al., 2012; Spiller et al., 2014).
Conversely, immunoregulatory cytokines (e.g., platelet-derived
growth factor/PDGF, transforming growth factor-beta/TGF-β),
inflammatory cytokines (e.g., TNF-α), and chemokines (e.g.,
MCP-1) are implicated in the formation of FBR, connecting
both M1 and M2 macrophages to this process (Kao et al., 1995;
Hernandez-Pando et al., 2000; Gretzer et al., 2006; Rodriguez
et al., 2009). Taken together, these results suggest that either both
M1 and M2 macrophages contribute to FBR collaboratively, or
a hybrid M1-M2 phenotype exists throughout FBR. The latter
hypothesis is further proof that the M1/M2 dichotomy falls short
in accurately categorizing macrophage phenotypes.

Given the impact of FBR on implants, traditional strategies
for biomaterial design focus on evading or suppressing
inflammation, especially macrophage response, in order to
mitigate FBR. For example, surface hydrophilicity can be
used to overcome non-specific protein absorption and reduce
FBGC formation (Quinn et al., 1997; Jenney and Anderson,
1999; Voskerician et al., 2003; Collier et al., 2004). However,
growing evidence has shown that macrophage engagement
during implantation can be harnessed to improve implant success
rates (Spiller et al., 2014; Yu et al., 2016a) and that a timely
transition from M1 to M2 phenotype benefits tissue remodeling
(Badylak et al., 2008; Brown et al., 2012; Spiller et al., 2014;
Yu et al., 2016a; Witherel et al., 2020). Many approaches
to promote this M1-M2 shift, like a sequential delivery of
immunomodulatory cytokines IFN-γ and IL-4, have achieved
some positive outcomes (Mokarram et al., 2012; Spiller et al.,
2015). This evolving knowledge base of macrophage-material
interaction has contributed to a new era of immune-modulating
materials where material design is centered around desired
immune responses.

During macrophage-material interaction in vivo, the
material itself acts as a temporary niche for macrophages
to reside in, and the properties of the material weigh in on

macrophage phenotypes. As discussed in the previous section,
macrophages are known to adapt to microenvironmental
features, such as biochemical and physical signals. The molecular
mechanisms behind common soluble factors, like IL-4 and
lipopolysaccharides (LPS), have been extensively studied,
while new information continues to emerge with the advance
of biotechnologies (Martinez and Gordon, 2014; Ramirez
et al., 2017). Remarkably, emerging evidence suggests that
long-ignored physical cues play an important modulating role
in macrophage activation, but the signaling pathways have
yet to be fully elucidated (McWhorter et al., 2015; Jain et al.,
2019) (Table 1, refer to Supplementary Table 1 for more detail
information). A broad range of material properties, such as pore
size (Madden et al., 2010; Garg et al., 2013; Sussman et al., 2014;
Wang et al., 2014), shape and geometry (Matlaga et al., 1976;
Veiseh et al., 2015), stiffness (Blakney et al., 2012; Sadtler et al.,
2019), topography (Chen et al., 2010; Wang et al., 2016; Shayan
et al., 2018) and surface modification (e.g., hydrophilicity,
integrin engagement) (Brodbeck et al., 2002; Antonov et al.,
2011; Blakney et al., 2012; Swartzlander et al., 2015; Cha et al.,
2017), have been proven to modulate macrophage behavior and
tune implantation outcomes. However, a lot of these studies
simply observed correlations between material designs and
macrophage phenotypes without exploring further the molecular
mechanism behind them. For instance, poly (2-hydroxyethyl
methacrylate-co-methacrylic acid) hydrogel scaffolds with pore
diameters of 30–40µm showed maximum vascularization and
minimal fibrotic response following implantation (Madden et al.,
2010). This outcome was coupled with an increased number
of macrophages in the implants expressing both nitric oxide
synthase 2 (NOS2, M1 marker) and macrophage mannose
receptor (MMR, M2 marker) at the same time (Madden et al.,
2010). A similar study using the same scaffold system revealed
that the pro-angiogenic 34µm porous implants had more
macrophages accumulating in the pores with a primarily M1
marker expression (NOS2 and IL-1R1) (Sussman et al., 2014).
Another work using expanded polytetrafluoroethylene scaffolds
demonstrated that larger intranodal distance (4.4µm) induced
a significantly thinner capsule in vivo but promoted early
proinflammatory cytokine production and gene transcription
by monocytes/macrophages in vitro (Bota et al., 2010). These
studies highlight the potential of using scaffolds with tunable
pore sizes to guide macrophage phenotypes, but the results
did not consistently point to one particular optimal pore size
inducing a preferable macrophage phenotype to achieve desired
outcomes. This is partly due to the complex in vivo environment
and varying experimental settings, such as the different materials
and animal models used, and the limited biomarkers selected for
macrophage characterization. Ultimately, material design needs
to target a clear mechanotransduction pathway of macrophages
so that it can be translatable between material systems and
disease applications.

In the past two decades, well-defined in vitro systems
have been employed to more specifically understand the
mechanotransduction mechanisms that lead to phenotypic
macrophage changes to common mechanical signals (Figure 4).
For example, preventing bone marrow-derived macrophages
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FIGURE 3 | Macrophages are central players during the host response to biomaterials. They closely interact with other cells and persist at the material-body interface

throughout the inflammation and regeneration stages. TGF-β, transforming growth factor-beta; PDGF, platelet-derived growth factor; CXCL4, chemokine (C-X-C motif)

ligand 4; LTB4, leukotriene B4; IL, interleukins; PMNs, polymorphonuclear leukocytes; TNF-α, tumor necrosis factor-alpha; M-CSF, macrophage-colony stimulating

factor; GM-CSF, granulocyte macrophage colony stimulating factor; MCP-1, monocyte chemoattractant protein-1; VEGF, vascular endothelial growth factor; FGF,

fibroblast growth factor. The list of molecules is not comprehensive.

TABLE 1 | Modulating macrophage phenotype by physical cues.

Physical cues Rationale

Stiffness Stiffness-dependent changes generally include enhanced adhesion and spreading, increased actin and cytoskeletal stiffness,

increase in proliferation and migration as well as increased phagocytosis. But the connection between stiffness and macrophage

phenotype remains complicated

Surface topography Surface topography, such as roughness and micropatterns, can guide macrophage behavior by modifying their adhesion, spreading,

elongation, and motility on the surface. Specifically, using topography design to force macrophages into elongated cell shape is

shown to promote a pro-regenerative M2 phenotype

Surface modification Surface modification like coating or modifying surface chemistry directly alters how macrophages engage with the material. There is a

clear role for integrin-mediated regulation of macrophage migration, phagocytosis, and activation, but the precise mechanisms still

remain relatively unknown

Geometry Scaffold geometry affects macrophage phenotype by spatially confining macrophages and limiting their spreading, thereby leads to

an alteration in actin polymerization, chromatin compaction, and epigenetic alterations

Hemodynamic loads Macrophages reside within mechanically active tissues and are constantly exposed to dynamic external forces, such as stretch and

cyclic strain. These forces can cause macrophages to elongate along the direction of force, therefore affecting their phenotypes.

However, there is still no consensus on the mechanism of mechanical forces in influencing macrophage function

or RAW264.7 cells from spreading by spatial confinement,
such as using micropatterned surface, microporous substrates
or cell crowding, reduced LPS-stimulated transcriptional
programs and cytokine expression (Jain and Vogel, 2018).
The study elegantly illustrated that confining macrophages in
a small pore limited actin polymerization and thus lowered
the nuclear translocation of the actin-dependent transcription
co-factor, myocardin-related transcription factor-A, which
downregulated the inflammatory response (e.g., less pro-
inflammatory cytokine secretion, lower phagocytic potential
of macrophages). Spatial constraints also led to the chromatin

compaction and epigenetic alterations (e.g., lower histone
deacetylase 3 levels, increased H3K36-dimethylation). Although
the results of these studies shed light on some potential
pathways that guide macrophage response to mechanical
stimuli, macrophages cultured on a two-dimensional surface
still cannot fully recapitulate macrophages’ structures and
function in 3D culture or in vivo (Van Goethem et al., 2011).
Therefore, future studies on mechanotransduction mechanisms
of macrophages should turn to 3D systems with a range of
independently controlled properties in order to achieve a
far-reaching physiological significance.
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FIGURE 4 | The fate of macrophages can be greatly affected by material properties, both those inherent to the selected materials and the additional engineered

functionality. Potential macrophage mechanotransduction pathways have been probed for a few properties, such as surface patterning (McWhorter et al., 2013),

substrate stiffness (Patel et al., 2012; Scheraga et al., 2016; Gruber et al., 2018), spatial confinement (Jain and Vogel, 2018), and interstitial fluid (Li R. et al., 2018),

while others remain to be elucidated. TRPV4, transient receptor potential cation channel subfamily V member 4; RhoA, ras homolog family member A; Cdc 42, cell

division cycle 42; MLCK, myosin light-chain kinase; HDAC, histone deacetylase 3; MRTF-A, myocardin-related transcription factor-A.

MACROPHAGE-CENTERED
IMMUNOMODULATORY BIOMATERIALS
FOR FUNCTIONAL REPAIR

The ultimate purpose of regenerative materials is to restore
normal tissue function. This goal cannot be achieved solely
by engaging one or two key cell types. To obtain functional
recovery, the material must synergize with the systemic and
local immune responses, as well as coordinate with the
microenvironment and supporting cells. Because macrophages
bridge innate immunity and adaptive immunity, a new
paradigm was established to harness macrophage responses
by immunomodulating biomaterials for endogenous repair
(Sadtler et al., 2016; Wolf et al., 2019). A recent study
demonstrated that synthetic porous scaffolds eliciting a Th2
adaptive immune response can achieve regenerative healing
through a macrophage/IL-33 mechanism (Griffin et al., 2020).
It’s worth noting that although the specific peptide that this
study used was a poor activator of macrophage innate immune
signaling in vitro, when the peptide was presented in porous

scaffolds in vivo, an IL-33-related type 2 myeloid cell recruitment
and an antigen-specific immunity were induced to support tissue
remodeling and skin regeneration. This further illustrated that
material design should target the immune system as a whole,
rather than one cell type, to deliver an optimal outcome.

Macrophages, as key facilitators of functional tissue repair,
remain in the center of design for immunomodulatory
biomaterials. In order to ensure that material designs achieve
the designated goals of promoting the desired macrophage
phenotype, material composition (e.g., natural vs. synthetic),
scaffold physical properties (e.g., microstructure and viscous
vs. elastic mechanical properties), and additional cues (e.g.,
chemokines, nanoparticles) must be carefully considered
(Figure 5). The backbone material sets the cornerstone for
the general immune response and the following design
options. Naturally derived materials, like ECM components or
decellularized tissues, have inherent cell-binding motifs (e.g.,
integrins, CD44) and can selectively promote a range of immune
responses based on their composition (Badylak et al., 2008;
Boddupalli et al., 2016; Sadtler et al., 2019). As an example,
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FIGURE 5 | Design principles for macrophage-centered immunomodulatory biomaterials:(1) select material composition that best suits the application; (2) design

scaffold properties to elicit desired macrophage-governed inflammatory response; (3) combine with additional cues to maximize therapeutic effect, such as stem cells

or nanoparticles.

heparin and other sulfated polysaccharides have the ability to
bind growth factors and some cytokines, many of which directly
activate macrophages and, thus, dictate their phenotype (Capila
and Linhardt, 2002). This ability has been exploited in one
study to sequester heparin-binding factors in diabetic wounds
to reduce inflammation and promote wound healing (Lohmann
et al., 2017). Synthetic materials, such as polyethylene glycol
(PEG), have high plasticity for chemical modification and are less
immunogenetic. These substrates can serve as “clean slates” to
release molecules or present factors spatially and/or temporally
(Cha et al., 2017). Functional handles can also be incorporated
into the scaffolds to further direct macrophage responses. For
instance, different adhesion receptor engagement, like αVβ3
integrin, can be leveraged to alter macrophage phenotype (Kao
et al., 2001; Antonov et al., 2011). In terms of scaffold properties,
a few parameters impacting macrophage phenotype should be
considered, including substrate stiffness, surface hydrophobicity,
surface modification, and scaffold microstructure (McWhorter
et al., 2015; Jain et al., 2019). While some features can be
combined in one scaffold, it is often difficult to separately
control mechanical and biochemical properties. For example,
in chemically crosslinked hydrogels, the substrate stiffness is
tied up with material degradation, ligand density and mesh size.
Increasing stiffness by additional cross-linkages also leads to
a slower degradation rate, a smaller mesh size/diffusion rate,
and an increased local ligand density. Therefore, modulating
macrophage response with scaffold stiffness in these systems
cannot be easily decoupled with the other confounding factors.
Also, when manipulating matrix properties, care should be
taken to consider not only macrophage response, but also
macrophages’ coordination with other cell types to achieve

synergistic responses. In the case of scaffold porosity, a smaller
pore size may be in favor of M2 macrophage response, but
larger pore size could be beneficial for the growth of blood
vessels, which in the long run supports the implant success
rate (Madden et al., 2010; Feng et al., 2011). Additionally, to
avoid any unwanted pro-inflammatory macrophage activation,
biomaterials should also be verified that they are substantially
free of known toxic or harmful materials, such as endotoxins or
residual cellular debris (Lieder et al., 2013).

In our lab, a new class of injectable biomaterials using
hydrogel building blocks was designed to improve cellular
infiltration and modulate host response (Griffin et al., 2015).
A microporous annealed particle (MAP) scaffold is formed
by interlinking the particles together, which contains an
interconnected network of void space with channels that are
on the length-scale of cells. Such a scaffold offers enormous
tunability by virtue of its granular nature, where a bottom-
up approach to design starts at the individual particle. These
building blocks have been fabricated using a variety of synthetic
and natural backbone materials (e.g., PEG, hyaluronic acid)
with a range of chemical modifications to allow for particle
crosslinking, cargo delivery (e.g., growth factor, stem cells,
DNA), and to influence cellular behavior (e.g., RGD). For
example, particles are frequently engineered with RGD peptides
to promote cellular infiltration and migration throughout the
scaffold, while the inclusion of growth factors offers additional
cues to traversing cells (Truong et al., 2019). The shape, size,
and stiffness of the particles composing a MAP scaffold not only
dictate bulk mechanical properties of the scaffold, but also set
the internal landscape of the void space that is sensed by the
cells. By ranging size, stiffness, and RGD concentration, one
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study was able to develop particles with an optimal combination
that, when used as a MAP scaffold, demonstrated superior
gene transfection capabilities (Truong et al., 2019). Yet the
power of granular biomaterials extends beyond the design of
individual particles. Including multiple particle species into a
single scaffold can offer a higher level of material tunability.
By incorporating particle heterogeneity, a scaffold may serve
more than one primary function, such as promoting stem cell
growth while simultaneously inhibiting bacterial growth (Cai
et al., 2018). MAP scaffolds can also be designed with spatial
heterogeneity, where physical or chemical gradients can be
maintained during injection due to the jamming properties
of granular materials (Darling et al., 2018; Riley et al., 2019).
Remarkably,MAP gels have already demonstrated great promises
in promoting functional tissue repair in wound healing and
stroke with a reduced inflammatory response (e.g., reduced
CD11b+ immune cell infiltration) (Griffin et al., 2015, 2020;
Sideris et al., 2016; Nih et al., 2017; Darling et al., 2020).
Specifically, in stroke infarct areas filled with MAP gels, there
is a much higher ratio of infiltrating pro-reparative arginase
1+ (Arg-1+) macrophage comparing to no treatment control
(Sideris et al., 2019). Taken together, these results supported that
MAP scaffold is not only appealing as a tool for elucidating
the mechanotransduction pathways of macrophages, but also
as a potent immunomodulatory platform for macrophage-
targeting therapies.

A LOOK INTO THE FUTURE

Modern biomaterials continue to emerge and evolve, unlocking
infinite potentials for tailoring macrophage-centered therapies.
These materials are promising because they can offer a controlled
and tunable microenvironment, incorporating mechanical, and
biochemical properties, as well as their temporal and spatial
presentation. Although research on new biomaterials and
material designs for immunomodulation are burgeoning in
recent years, a refocus on directing macrophage behavior to
achieve suitable immune responses needs to be emphasized.
An optimal biomaterial design should act synergistically with
additional mechanical cues, molecules, or cells (that are
delivered or found endogenously) to coax macrophages into
pro-regenerative phenotypes. These macrophages, together with
tissue-resident cells and recruited immune cells, can collectively
orchestrate the regenerative process.

There is still much to be learned about macrophages
and their roles in endogenous repair, such as the different
contribution of tissue-resident macrophages and their bone
marrow-derived counterparts during healing and host responses.
A common nomenclature of dynamic macrophage phenotype,
taking into account both macrophages’ heterogeneity and
plasticity, should also be unified to benefit both in vitro and
in vivo studies. Currently, the investigation of macrophage
mechanotransduction pathways remains an important area
of research, as it can direct new material design strategies to
harness macrophage activity for endogenous tissue regeneration
and disease treatment. Armed with the booming knowledge
of macrophage and macrophage-material response, the next
generation of macrophage-centered immunomodulatory
biomaterials should be able to conquer broader land and achieve
more and more successful translation into clinical settings.
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The directional alignment and outgrowth of neurons is a critical step of nerve
regeneration and functional recovery of nerve systems, where neurons are exposed to
a complex mechanical environment with subcellular structures such as stress fibers
and focal adhesions acting as the key mechanical transducer. In this paper, we
investigate the effects of cyclic stretch on neuron reorientation and axon outgrowth
with a feasible stretching device that controls stretching amplitude and frequency.
Statistical results indicate an evident frequency and amplitude dependence of neuron
reorientation, that is, neurons tend to align away from stretch direction when stretching
amplitude and frequency are large enough. On the other hand, axon elongation under
cyclic stretch is very close to the reference case where neurons are not stretched.
A mechanochemical framework is proposed by connecting the evolution of cellular
configuration to the microscopic dynamics of subcellular structures, including stress
fiber, focal adhesion, and microtubule, yielding theoretical predictions that are consistent
with the experimental observations. The theoretical work provides an explanation of
the neuron’s mechanical response to cyclic stretch, suggesting that the contraction
force generated by stress fiber plays an essential role in both neuron reorientation
and axon elongation. This combined experimental and theoretical study on stretch-
induced neuron reorientation may have potential applications in neurodevelopment and
neuron regeneration.

Keywords: cyclic stretch, neuron reorientation, axon elongation, stress fiber, focal adhesion, microtubule

INTRODUCTION

Neurons are highly specialized cells with quasi-one-dimensional processes from the cell body
(named soma) on both sides that generate and transmit bioelectric impulses in nervous systems.
The output end called axon is a slender neurite reaching a length over 100 µm, and the input end
is comprised of highly branched and much shorter dendrites. It is of paramount importance in
perception and motion for axons to be correctly extending to establish long-distance connections
and further form a complex nervous network. Disrupted neurites in injured spinal cord and
peripheral nerves can potentially lead to profound and irreversible paresis of the lower body (Silver
and Miller, 2004; Case and Tessier-Lavigne, 2005; Deumens et al., 2010). There have been mounting
experimental studies including mechanical (Wu et al., 2019), electromagnetic, and biochemical
stimulations to improve the directional axonal outgrowth during nerve regeneration and repair
(Pfister et al., 2006; Sedaghati and Seifalian, 2015).
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Neurons in vivo are always subjected to mechanical
deformation and stress in a complex manner, in association
with various biological functions of their host tissue and organ.
In turn, mechanical cues play an important role throughout
all scales in nervous system development, from the molecular
assembly in a single neuron to the final configuration of the
whole system (O’Toole and Miller, 2011; Suter and Miller, 2011;
Franze, 2013; Franze et al., 2013; Liu et al., 2020), indicating
that neurons are sensitive to the mechanical stimulations which
regulate neurite outgrowth and neurotransmitter releasing.
Among them, the grooved micro-patterns employed in the
substrate provide an effective approach to control the shape of
neurites and the directional outgrowth of neurons (Yin et al.,
2012, 2017). Recently, attention has been paid to the influence
of physical forces on axon elongation that is prominent in nerve
regeneration. For instance, by uniaxial drawing in vitro, axon
tracts could be stretched to 5 cm, which is a sufficient length
for the core component of a nervous tissue construct (Pfister
et al., 2006). O’Toole and coworkers (O’Toole et al., 2008a;
O’Toole and Miller, 2011) incorporated the effects of stretch
in a model of slow axonal transport, quantifying the impact of
stretching on axon elongation. Ishibashi et al. (2016) studied the
enhancement of cyclic stretch on dorsal root ganglion (DRG)
neuron outgrowth, demonstrating that the stretching duration
rather than the frequency is an influential factor. This can be
understood in such a way that the influence of cyclic stretch on
axon elongation corresponds to that of continuous stretch with
an equivalent stretching level and time. Interestingly, Higgins
and coworkers (Higgins et al., 2013) found that equi-biaxial
dynamic stretch with an average value of zero (sinusoidal stretch
at 10% strain and 0.25 Hz) effectively enhanced axon elongation.
Furthermore, the effect of cyclic stretching on neuron/axon
elongation could be amplified with the aid of electromagnetic
stimulation (Nakamachi et al., 2018) or micro-textured substrates
(Chang et al., 2013). Besides this, cyclic tensile stress was also
reported to impact on the expression of genes associated with
neuronal cell death (Uchida et al., 2008, 2010).

Compared to the elaborate works on stretching-stimulated
neurite outgrowth, the alignment or orientation of neuron
was less studied but was indispensable in nerve regeneration.
Neurons were reported to orientate along the direction of the
applied strain when they are cultured on the substrate subjected
to continuous stretching (Chang et al., 2013). The neurite
orientation of rat pheochromocytoma cells has been studied,
with the ambiguous conclusion that cells can orientate in either
parallel direction or perpendicular direction under different
combinations of stretching level and frequency (Haq et al., 2006).
On the other hand, intensive studies showed that different types
of cells, such as fibroblasts (Eastwood et al., 1998; Jungbauer et al.,
2008; Goldyn et al., 2010), osteoblasts (Neidlinger-Wilke et al.,
1994; Wang et al., 2000), melanocytes (Wang et al., 1995), muscle
cells (Stavenow, 1986; Collinsworth et al., 2000), and endothelial
cells (Moretti et al., 2004), tend to align nearly perpendicular to
the stretch direction when cultured on a substrate with oscillating
uniaxial strain at relatively high frequency (>1 Hz) and stretching
magnitude (>5% strain). The consistent behavior of various cell
types under cyclic stretching suggests that cell reorientation may

be governed by a common physical mechanism. There have been
several theoretical models that work on cell reorientation (Wang,
2000; De et al., 2007, 2008; Qian et al., 2013; Livne et al., 2014;
Chen et al., 2015; Xu et al., 2016). However, whether or not
neurons have an analogical response to cyclic stretching remains
an elusive issue.

In this paper, we perform a comprehensive study through
experimental observation and theoretical modeling to investigate
the role of cyclic stretch on the process of neurite elongation and
neuron reorientation. We firstly design and assemble a stretching
system where neurons adhere to the polydimethylsiloxane
(PDMS) substrate subjected to controllable clamps. We evaluate
the effect of cyclic stretching stimulation on cell reorientation and
axon elongation by adopting relatively low values of stretching
amplitudes (2–10%) and frequencies (0.05–0.25 Hz) that will not
cause neuron death (Tanoue et al., 1996). The number of neurons
and neurite length are found to increase with culture time,
and the statistical results of cell alignment and axon length are
extracted from experimental images. Based on the experimental
results, we propose a theoretical framework that accounts for
the dynamic evolution of subcellular structures such as focal
adhesions (FAs) and stress fibers, explaining the cell alignment
and further relating the axon elongation to the assembly of
microtubules and tubulin transportation driven by intracellular
traction that is generated by stress fibers. Our systematic study
on the response of neurons to cyclic stretching demonstrates
that cyclic stretch rearranges neurons but hardly affects axon
elongation. These combined experimental and theoretical results
may provide a guideline for nerve repair and neurology.

MATERIALS AND METHODS

Stretching Device
The substrate was manufactured by PDMS that is widely used
as a biomaterial due to its biocompatibility, sterilizability, as
well as mechanical, thermal, and chemical properties (Moretti
et al., 2004). In detail, PDMS (Sylgard 184; Macklin, China;
elastomer/cross-linker = 10:1) was spun onto a glass plate to form
a film with a thickness of 1 mm; then, the film was cured in an
oven at 80◦C for 2 h. The PDMS film was peeled off from the
glass plate and cut into 20 × 60-mm strips. After sterilization,
these strips were soaked in poly-L-lysine (Beyotime) for 30 min
and then dried to improve the biocompatibility.

The stretching device (CellScale MechanoCulture T6) was
used to stretch the PDMS substrates, which mainly contained a
chamber of cultured cells, including a fixed clamp, and a mobile
clamp that is connected to the motor by a stainless steel bridge.
The motor was controlled by a circuit board (controller) that
can be programmed to separate the clamps with a prescribed
amplitude and frequency. As soon as the motor was started, the
substrate was uniaxially stretched (in the direction marked with a
red arrow in Figure 1A) in a pre-set mode.

PC12 cells (Cell Bank of the Chinese Academy of Sciences,
Shanghai, China) with a density of 8× 104 cells per milliliter were
placed onto the surface of PDMS strips for 4 h. Then, the PDMS
strips were transferred into the chamber with 100 ml Dulbecco’s
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FIGURE 1 | (A) Schematic drawing of the experimental setup. An elastic polydimethylsiloxane film is clamped and cyclically elongated in the direction of the red
arrow. (B) Snapshot of a PC12 cell adhered to a substrate that is subjected to cyclic stretch εapp. L is the length of the axon, and θ is the orientation of the neurite
outgrowth, which is defined as the angle between axon alignment and stretch direction. (C) Morphology images of PC12 cells after 24, 72, and 120 h under no
stretch (upper row) and cyclic stretch (lower row) with 10% amplitude and 0.25 Hz frequency. Scale bar: 100 µm.

modified Eagle’s medium (DMEM) and connected to clamps for
a cyclic stretch in the periodic form:

εapp(t) =
{

2ε (ωt-n) , n
ω
≤ t < n

ω
+

1
2ω

2ε (n+ 1− ωt) , n
ω
+

1
2ω
≤ t ≤ n+1

ω

, (1)

where ε is the stretching amplitude determining the maximum
magnitude of stretch (Figure 1B), ω is the frequency, and
n denotes a natural number. In Table 1, we show different
combinations of stretching frequency and amplitude in the
experiments, with the frequency ranging from 0.05 to 0.25 Hz
and amplitude from 2 to 10%. The clamped substrate was slightly
pre-stretched to avoid possible wrinkles on the substrate surface.

PC12 Cell Culture
PC12 cell has been widely used as a suitable model for
investigating the biomedical and functional properties of

TABLE 1 | Values of stretching frequency and amplitude used in the experiments.

1 2 3 4 5 6

Frequency (Hz) No stretch 0.05 0.15 0.25 0.25 0.25

Amplitude (%) 10 10 10 2 5

neuronal cells in vitro (Suo et al., 2018) due to the similarity
of well-differentiated PC12 cells to nerve cells in terms of
morphology, physiology, and biochemistry. The PC12 cells were
cultured in DMEM (Hyclone, China) supplemented with 10%
fetal bovine serum (Gibco, United States) in an incubator
(Thermo Scientific, United States) at 37◦C with 5% CO2. The
PC12 cells, with a concentration of 8 × 104 cells/ml, were
harvested from cell culture dishes and transferred onto the PDMS
substrates for 4 h. Then, the PDMS substrates were transferred to
the stretching device and stretched for 120 h.
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Cell Stain and Morphology Observation
The cultured PC12 cells were stained by Calcein-AM (Aladdin,
China) for morphology observation, where the PDMS substrates
were rinsed with PBS (Aladdin, China) and incubated with
1 µg/ml Calcein-AM for 30 min to stain PC12 cells after
stretching for 24, 72, and 120 h, respectively. The cells on
PDMS substrates were observed and imaged using a fluorescence
microscope (Ti-S, Nikon, Japan). The morphology of neurons
was quantified in terms of the length (L) and the overall
orientation (θ) of neurite outgrowth, as shown in Figure 1B. L is
defined as the end-to-end distance from soma to axon tip, and θ

is defined as the angle between the axon and the stretch direction.
In the statistical analysis, the distribution of orientation θ was

further divided into 12 uniform intervals with a span of 30◦.
Statistical analysis was implemented using unpaired Student’s
t-test, and P-value < 0.05 (∗) was adopted as the significant
difference. Each data of axon length and cell orientation was
obtained based on the measurements of more than 100 PC12 cells
via the image processing software ImageJ (National Institutes of
Health, United States).

EXPERIMENTAL RESULTS

To investigate the influence of cyclic stretch on cell response,
we adopted amplitude ε = 10% and frequency ω = 0.25 Hz in
Eq. (1), and cells are also cultured on the substrate without
stretch for comparison (no-stretch group). Two rows of images
in Figure 1C show snapshots of PC12 cells at different times
under no stretch and cyclic stretch, respectively. We can see
that PC12 cells orient randomly in the no-stretch group and
gradually reorient to the perpendicular direction of stretch under
cyclic stretch. These findings agree with many previous reports
(Stavenow, 1986; Neidlinger-Wilke et al., 1994; Wang et al., 1995;
Eastwood et al., 1998; Collinsworth et al., 2000; Wang et al.,
2000; Moretti et al., 2004; Jungbauer et al., 2008; Goldyn et al.,
2010) that various cell types tend to reorient themselves away
from the stretch direction. At the same time, we find that the
neurite outgrowth (axon length) of neurons increases with time,
regardless of cyclic stretch.

Cell Reorientation Depending on Cyclic
Stretch
We have further studied the frequency dependence of PC12
cells by cyclically stretching the substrate with three different
frequencies: ω = 0.05 Hz, ω = 0.15 Hz, and ω = 0.25 Hz.
Corresponding to the snapshots in Figure 1C, we collect
the orientation of each neuron for the no-stretch case in
Figure 2A, finding that the percentage of cells located in each
interval is around 9% throughout the whole process (24, 72,
and 120 h). In contrast, with cyclic stretch, cells dramatically
polarize, and most of the cells are oriented in the ranges of
60◦ ≤ θ ≤ 120◦ and 240◦ ≤ θ ≤ 300◦ (Figures 2B–D). The
percentage of perpendicularly polarized cells increases with
elapsed time, especially when ω = 0.25 Hz (Figure 2D).
The percentage of cells that orientate away from the stretch
direction is 62.63% at 24 h and increases to 75.58 and 83.81%

at 72 and 120 h, respectively. At every moment, we can
find more cells in the orientations of 60◦ ≤ θ ≤ 120◦ and
240◦ ≤ θ ≤ 300◦ when the frequency is higher, comparing the
statistical results in Figures 2B–D.

The effect of stretch amplitude on neuron reorientation is
also examined by choosing three different amplitudes of ε =

2% , ε = 5% , and ε = 10% , while the frequency is fixed at
ω = 0.25 Hz. For the two cases of zero stretch (Figure 3A) and
ε = 2% (Figure 3B), the cells are nearly uniformly distributed
in all the orientation intervals. When the amplitude exceeds 5%
(Figure 3C), the neurons prefer to stay in the perpendicular
direction of the applied stretch, and this tendency is more
remarkable when ε = 10% (Figure 3D). The exact percentages
of cell in the angle intervals (60◦ ≤ θ ≤ 120◦ and 240◦ ≤ θ ≤

300◦) of 10% amplitude and 5% amplitude are 62.63 and 52.51%
after 24 h, 75.58 and 53.61% after 72 h, and 83.81 and 64.21%
after 120 h, respectively. The results also indicate that PC12 cells
reorient to the perpendicular direction of stretch faster with a
higher polarization level at a higher stretch amplitude (when
stretch amplitude is higher than 5%).

Neurite Outgrowth Insensitive to Cyclic
Stretch
Contrary to the stretch-induced reorientation of PC12 cells, the
imposed stretch does not influence the outgrowth of neurite of
PC12 cells. We summarize the mean axon length of PC12 cells at
time of 24, 72, and 120 h (Figure 4), where all the different stretch
conditions nearly lead to the same axon elongation. The variation
of the axon length is always below 5% when the frequency of
cyclic stretch changes from 0.05 to 0.25 Hz, and the amplitude
changes from 2 to 20%. The observation here is different from
that of the previous studies showing that the dynamic stretch
can effectively enhance axon elongation (Higgins et al., 2013;
Ishibashi et al., 2016). The difference is originated from the mean
value of imposed cyclic stretch: in the present work, the applied
stretch is a wavy function with an average strain of zero, while in
the previous studies (Higgins et al., 2013; Ishibashi et al., 2016),
the applied strain varies from 0 to 10%, with an average value of
5%. Therefore, our study indicates that cyclic stretch with zero
mean has negligible effects on axon elongation.

MODEL FORMULATION

Structural Modeling of Stress Fiber
To capture the experimental scenario where a neuron cell adheres
to an elastomeric substrate subjected to a cyclic tensile strain εapp
(Figure 1A), we first approximate the imposed cyclic strain with
a sinusoidal form, namely,

εapp (t) =
ε

2
(1+ sin (ωt + ϕ)) . (2)

Same as those in Eq. (1), ε represents the amplitude of stretch,
and ω stands for the frequency. ϕ = −π

2 is a phase angle that
ensures the initial condition that zero strain is applied to substrate
at t = 0. Neuron cells arrayed on the surface of the substrate
are mediated by FAs, which connect bundles of actin filaments
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FIGURE 2 | Statistical results of PC12 cell reorientation at different frequencies after 24, 72, and 120 h. (A) No stretch, (B) ω = 0.05 Hz, (C) ω = 0.15 Hz, and (D)
ω = 0.25 Hz. The stretching amplitude is fixed at 10%.

(also called stress fibers) to the extracellular matrix along the
alignment of the axon (Liu et al., 2020). Through FAs, the traction
and deformation acting on the substrate are transformed to
the neuron cells, as described in Figure 5A. According to the
transformation law of deformation tensor, when the neuron cell
is oriented at an angle θ with respect to the stretch direction, the
effective stretching strain acting on the stress fiber is related to the
applied strain to the substrate through

εsf = εappcos2θ. (3)

It should be noted that the orientation angle of the axon (θ, the
angle between the axon and the stretch direction) is quantified for

the alignment behavior of neurons, consistent with the preceding
experiments; the soma part of neurons is assumed invariant in the
present modeling, and it is the axon part (combining stress fiber
and microtubule) that determines the reorientation dynamics of
neurons in the following; the growth cone is assumed to have the
same alignment as the axon under cyclic stretch.

The mechanical responses of SF to external stretch can be
commonly represented by a Maxwell viscoelastic model (Deguchi
et al., 2006; Kumar et al., 2006), where an elastic spring with
stiffness kf is linked to a viscous damper with viscous coefficient
ηf in series. Under this circumstance, the strain εsf applied on the
stress fiber enters into the spring and dashpot, denoted as ε1 (t)
and ε2 (t), with a conservation law of strain and force balance
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FIGURE 3 | Statistical results of PC12 cell reorientation at different amplitudes after 24, 72, and 120 h. (A) No stretch, (B) ε = 2%, (C) ε = 5%, and (D) ε = 10% .
The frequency is fixed at ω = 0.25 Hz.

between the two parts as the following:

ε1 (t)+ ε2 (t) =
ε

2
(1+ sin (ωt + ϕ)) cos2θ, (4)

kfε1 (t) = ηf
dε2 (t)

dt
. (5)

Solving these coupled governing equations [Eqs (2–5)], we obtain
the passive force generated in the stress fiber in response to the
imposed stretch:

fs = kfε1 (t) =
kfε

2

((
1−

α

1+ α2

)
e−α(ωt+ϕ)

+
α

1+ α2 cos (ωt + ϕ)+
1

1+ α2 sin (ωt + ϕ)

)
,

(6)

where α = kf/ (ωηf) is a dimensionless ratio. In addition, due to
the activity of associated motor proteins, SF can generate active
force which can be regarded as a constant value of f0. Therefore,
the total force in the stress fiber is the summation of f0 and fs, as
depicted in Figure 5B:

f = f0 + fs. (7)

This description immediately reduces to the well-known Hill’s
model for the filament contraction in muscles (Hill, 1938; Wei
et al., 2008) if we neglect the elastic spring in the model.

Kinetics of FA and SF Assemblies
The waveform force generated within the stress fiber [Eqs (6,
7)] is present throughout the dynamics of neuron cells and
governs the formation or disassembly of subcellular structures.
We describe the evolution of focal adhesion and stress fiber by
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FIGURE 4 | Axon length of PC12 cells with no stretch and cyclic stretch after
24, 72, and 120 h. Error bar stands for standard deviation (n = 100).

FIGURE 5 | (A) Subcellular structures of neurons under cyclic stretch: a stress
fiber in PC12 cell adhered to the substrate via a focal adhesion of
receptor–ligand bonds. The evolution of the bond cluster is governed by the
association and dissociation of receptor–ligand bonds. The stress fiber is
assembled by monomers and can retrograde into monomers. (B) The
viscoelastic model of contracting stress fiber described by a linear spring of
stiffness kf, a dashpot of viscous coefficient ηf in series, and a parallel module
of active contraction force f0.

monitoring the time-varying behaviors of bond density ρb in the
focal adhesion, as well as the density of contracting filament ρf in
the stress fiber, which obey the first-order kinetic equations (Qian
et al., 2013) as

dρb

dt
= kon (ρ0 − ρb)− koffρb, (8)

dρf

dt
= kf

onρb − kf
offρf. (9)

Here ρ0 is the theoretical maximum value of bond density that
can be achieved in FA. kon and koff stand for the association

and dissociation rates of molecular bonds in FA, while kf
on and

kf
off represent the on- and off-rate of contracting filaments in

SF, respectively. Note that the forward rate of filament growth is
assumed to be proportional to the receptor–ligand bond density
ρb [referring to Eq. (9)], which is consistent with the observed
correlation between the formation of FAs and SFs in experiments
(Balaban et al., 2001; Novak et al., 2004).

The rates kon, kf
on, and kf

off are regarded as constants
throughout this work, and the bond dissociation rate koff is
assumed to be related to the energy reduction, G, in forming a
single receptor–ligand bond through the form:

koff = koff_0exp
(
−

G
kBT

)
, (10)

with koff_0 being the dissociation rate of receptor–ligand bonds
under membrane fluctuations and steric repulsion of glycocalyx,
in the absence of SF. Considering the fact that no stable focal
adhesion can be formed in the absence of SF, koff_0 should adopt
a much larger value than kon. The energy reduction G is scaled
by the unit of thermal energy kBT, with kB being the Boltzmann
constant and T being the ambient temperature in degrees Kelvin,
and we adopt a plausible expression of such energy reduction as

G = akBT
ρf

ρb
−

f 2

2K

(
ρf

ρb

)2
, (11)

where the first term on the right-hand side corresponds to the
interaction energy between the receptor–ligand bonds and the
reinforcing proteins in FA/SF complex, with a positive coefficient
a representing single-pair interaction energy in units of kBT
and an efficient ratio ρf/ρb representing the interaction between
receptor–ligand bonds and contracting filaments. The second
term accounts for the elastic energy stored in the system of
receptor–ligand bonds and extracellular matrix, in the presence
of contracting force from SF. f is defined as the contracting
force generated by each filament in SF, as shown in Eq.
(7). Therefore, f · ρf/ρb stands for the average load supported
by individual receptor–ligand bonds. K is an effective spring
constant representing the combined stiffness of a bond–substrate
system and is related to the combined effective modulus of
the substrate and the bond in the form of K = Eδ, with δ

being a length scale characterizing the lateral size of a receptor–
ligand bond (with a typical value of 10 nm; Hynes, 1992;
Arnold et al., 2004).

Dynamics of Cell Reorientation and
Involved Time Scales
To maintain a stable configuration, cells are required to develop
long-term stability in both focal adhesion and stress fiber. The
maintenance and development of focal adhesion have been found
to be profoundly influenced by the elastic modulus (Qian et al.,
2008, 2009), anisotropy (Zhang et al., 2013), morphology (Yu
et al., 2017), and chirality (Dong et al., 2019) of the substrate.
Under cyclic stretch, the force generated within cells can increase
to beyond a threshold value, giving rise to elastic energy in
the bond–substrate system, thereby increasing the dissociation
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rate of receptor–ligand bonds. In this way, neurons in some
orientations may fail to develop stable SFs and FAs and must
undergo rotational diffusion at random to explore other possible
orientations for nucleation and formation of new FAs and
polymerization of new stress fibers. In this study, the dynamics
of cell reorientation is thus described as a loop of orientation
search, focal complex nucleation, and FA/SF development, which
repeats until a neuron finds a certain alignment, allowing itself
to maintain stable FA and SF structures. The random rotational
diffusion of the whole neuron can be described by the classical
model of Brownian motion, i.e., dθ2

= 2Drt∗. Here θ is the
orientation angle, Dr is the rotational diffusion coefficient in units
of rad2/s, and t∗ is the time interval between losing adhesion at
old orientation and nucleating adhesion at new orientation. In an
alternative description of equivalence, a neuron cell will hop by
an angle dθ = N (0, 1)

√
2Drt∗ in each orientation search, with

N (0, 1) being a random number following normal distribution
with zero mean and unit variance.

Elongation Process of Neuron Axon
Neurons germinate the axon during their reorientation process
under cyclic stretch via the assembly of microtubules, which
can be modeled by coupling the transportation of monomers
(known as tubulin dimers) and assembly/disassembly kinetics of
microtubules. The tubulins are generated in the cell body (also
named soma) and subsequently conveyed to the tip of the axon
(named growth cone), where microtubule elongation resulting
from tubulin assembly facilitates the progress of the growth cone.
To simplify the model that captures the primary biophysical
features of axon elongation, the elongation of the axon is assumed
to be the same as the increase of the microtubule length, which
is governed by the assembly/disassembly of microtubules in the
growth cone (Diehl et al., 2014; Purohit and Smith, 2016):

d
(
AMTl

)
dt

= r̃gVccc − s̃gAMTl0, (12)

where AMTl is the volume of microtubules, with AMT being
the effective cross-sectional area and l being the length of
the microtubules. The first term on the right-hand side
corresponds to the assembly of microtubules in the growth
cone, which is proportional to the amount of free tubulin
Vccc (Vc is the volume of the growth cone, and cc is
the concentration of tubulin) in the growth cone, with a
rate of r̃g . The second term stands for the disassembly
with reducing rate, s̃g , being proportional to the assembled
microtubules AMTl0, where l0 is the length of the assembled
microtubules in the growth cone. Assuming that the cross-
sectional area of microtubules (AMT) is a constant, we
can obtain the governing equation of axon length: dl/dt =
r̃gVcc/AMT − s̃gl0, which can be rewritten as l̇ (t) = rgcc −

sg. The denotation rg = r̃gVcc/AMT can be regarded as an
effective rate coefficient for polymerization and sg = s̃gl0 can
be interpreted as the maximum speed of shrinkage, and it
is reasonable to define rg and sg as constant parameters for
exploring the essential dynamics. The axon stops elongating
when the concentration of the tubulins is below a threshold value

c∞ = sg/rg, so we get the rate of axon elongation in the following
form:

dl
dt
= rg (cc − c∞) . (13)

The concentration of free tubulins in the growth cone (cc)
is affected by the assembly and disassembly of microtubules,
degradation of tubulins, and compensation of the newly
generated tubulins in soma. The conservation of the amount of
free tubulins requires that

d (Vccc)

dt
= AJc − A

dl
dt
cc − gVccc − r̃gVccc + s̃gAMTl0. (14)

Here AJc is the influx of tubulins that are generated in the soma,
with A standing for the cross-sectional area of the axon and Jc
being the flux term. The second term arises from the moving
boundary of the growth cone, which is assumed to be identical to
the elongation speed of the axon. The free tubulins also degrade
at a rate of g, decreasing the amount of tubulins in the growth
cone, as captured by the third term on the right side of Eq.
(14). The last two terms describe the assembly/disassembly of
microtubules, which have been explained above, referring to Eq.
(12). We assume that the axon area A and the growth cone
volume Vc are constant during the whole process, and an effective
length of growth cone, lc = Vc/A, can be defined. Therefore, the
conservation condition in Eq. (14) leads to the following ordinary
differential equation in tubulin concentration:

lc
dcc

dt
= Jc − rgcc (cc − c∞)− glccc − r̃glc (cc − c∞) . (15)

In general, the flux term Jc should be related to the tubulin
concentration cc and the landscape of potential energy U (x)
through

Jc = −D
(

∂cc

∂x
+

cc

kBT
∂U (x)

∂x

)
, (16)

where D is the diffusion coefficient. We take an approximation
∂cc
∂x =

cc−cs
l for the concentration gradient as we only care

about the influx of tubulin at the growth cone rather than the
distribution of concentration along the axon. The gradient of
potential energy is assumed to be a constant, which means that
tubulins are transported to the growth cone at a constant rate.
Furthermore, previous studies have revealed that the transporting
rate of tubulins is proportional to the force applied to the axon
(O’Toole et al., 2008a,b). Thus, an equivalent description of flux is

Jc = v0F̄cc − D
cc − cs

l
, (17)

with v0 being the intrinsic transporting rate when the neuron is
under no stretch and F̄ = f ρf/f0ρf0 being the normalized force of
stress fiber, referring to Eq. (7). Here ρf0 stands for the density of
the stress fiber when the neuron is under no stretch.

Substituting the flux term in the ordinary differential
equation of concentration [Eq. (15)], we obtain two coupled
governing equations for axon elongation with two unknowns,
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l and cc: 
dl
dt = rg (cc − c∞)

lc dcc
dt = v0

f ρf
f0ρf0

cc − D cc−cs
l − rgcc (cc − c∞)

−glccc − r̃glc (cc − c∞)

. (18)

MODEL PARAMETERS

In the preceding sections, we have proposed a theoretical
framework that unifies the kinetics of focal adhesion and
stress fiber, dynamics of cell reorientation, and elongation of
axon/microtubules. We proceed by normalizing the physical
variables/parameters in the previous part to obtain dimensionless
governing equations that are responsible for cell reorientation
and neurite outgrowth. With a normalization scheme

ξ =
ρb

ρ0
, η =

ρf

ρ0
, τ1 = kont, m =

koff_0

kon
, c =

kf
on
kon

,

d =
kf

off
kon

, v =
ω

kon
, (19)

Eqs (8) and (9) can be written as

dξ

dτ1
= 1− ξ− ξ ·mexp

(
−a

η

ξ
+ b

(
η

ξ

)2
)

, (20)

dη

dτ1
= cξ− dη. (21)

Here b = f 2

2kBT·K
, with f = f0 + kfε

2 ((1− α
1+α2 )e−α(vτ1+ϕ)

+
α

1+α2 cos(vτ1 + ϕ) + 1
1+α2 sin(vτ1 + ϕ)) being the contraction

force of stress fiber. The dimensionless parameters and their
physical meanings are summarized in Table 2, and these
parameters are explored within reasonable ranges to match the
experimental observation. For example, the typical value for
the on-rate of receptor–ligand bonds is 1–100 s−1 (Lawrence
and Springer, 1991; Rinko et al., 2004), which is chosen as
kon = 2π s−1 and serves as a reference rate in the model; the
off-rate of bonds is usually higher than on-rate by several
orders of magnitude, so we choose m = koff_0/kon = 150; the
single-pair interaction energy between a bond and a reinforcing
protein is expected to be a few kBT (Feng et al., 2017), thus
a = 3.6. The rates of kinetics (association and dissociation)
in stress fiber should be lower than those of bonds, as the SF
kinetics often involves more complicated processes including
actin polymerization and assembly of associated myosin
molecules (Hotulainen and Lappalainen, 2006; Endlich et al.,
2007). Therefore, the dimensionless parameters c and d are
estimated to be 0.1 and 0.2. The other values for SF parameters,
such as f0 = 1 pN, kf = 20 pN, and ηf = 50 pN · s, are also
carefully determined according to previous studies (Balaban
et al., 2001; Deguchi et al., 2006; Kumar et al., 2006). We choose
the dimensionless parameter f 2

0 /2KkBT = 0.9, which can be
interpreted into a spring constant of K = 0.135 pN/ nm.

The normalized governing equations for axon elongation and
tubulin concentration are

{
dL
dτ2
= Rg (Cc − 1)

dCc
dτ2
= V0F̄Cc − D̄Cc−Cs

L − RgCc (Cc − 1)− Cc − R̃g (Cc − 1)
,

(22)
with the following normalization scheme:

L =
l
lc

, τ2 = gt, Rg =
rgc∞
lcg

, V0 =
v0

lcg
, Cc =

cc

c∞
,

Cs =
cs

c∞
, R̃g =

r̃g

g
, D̄ =

D
l2cg

. (23)

We also summarize these parameters in Table 3 and collect the
reported values for these parameters from the literature. The
effective length lc should be comparable to the dimension of
the growth cone, which is several micrometers (Diehl et al.,
2014). The magnitude of tubulin degradation rate in the axon
ranges from 10−7 s−1 to 10−4 s−1 (Miller and Samuels, 1997;
Caplow and Fee, 2002), and we estimate a larger value of
g = 0.004 s−1 because tubulin degradation occurs only in
the growth cone in our framework. The disassembly and
assembly rates of microtubules are not yet experimentally
measured, so we take the values of Rg and R̃g according to
a previous theoretical work (Diehl et al., 2014). The tubulin
transport speed for different kinds of animals is 0.5–2 mm/day
(Miller and Samuels, 1997; Galbraith and Gallant, 2000), which
can be interpreted into the normalized transport velocity of
tubulins V0 ranging from 0.3 to 1.2. For the concentration
of tubulins in the soma, we set Cs = 2. The normalized
diffusion coefficient of tubulin D̄ = 30 corresponds to D =
2× 10−12m2/s, which matches the experimental measurement
(Galbraith et al., 1999).

TABLE 2 | Physical meanings and adopted values of the involved parameters
describing the kinetics of focal adhesion and stress fiber.

Parameter Meaning Value

kon On-rate of receptor–ligand bonds in focal
adhesion

2π s−1

m Normalized off-rate of receptor–ligand bonds in
focal adhesion

150

c Normalized on-rate of filaments in stress fibers 0.2

d Normalized off-rate of filaments in stress fibers 0.1

a Normalized single-pair interaction energy
between a bond and a reinforcing protein

3.6

f2
0 /2KkBT Dimensionless parameter representing the

substrate compliance
0.9

f0 Intrinsic force generated by stress fiber 1 pN

kf Spring constant of the filament 20 pN

ηf Viscous coefficients of the filament 50 pN · s
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RESULTS AND DISCUSSION

Stretch Frequency- and
Amplitude-Dependent Reorientation of
Neuron Cells
We carry out the simulations for neuron reorientation by the
following procedure:

(1) First, 100 neuron cells with a uniformly distributed random
orientation are generated at time t = 0. The initial value
of bond density in focal adhesion and filaments in stress
fiber for all these cells is selected as ξ = 0.01 and η =

0, respectively.
(2) We monitor the long-term evolution of FA and SF

through the time-varying behaviors of ξ and η, when
the substrate is under cyclic stretch with specified stretch
amplitude and frequency.

(3) Determine which is the case for FA/SF evolution at the
present orientation angle: case I—the long-term values of ξ

and η cannot maintain a stable level but drop to negligible
levels (Figure 6A) and case II—ξ and η increase from the
initial value to a plateau level, indicating that these neuron
cells can maintain a stable configuration (Figure 6B).

(4) For case II from step (3), the present orientation angle
is the final alignment of the corresponding neurons; for
case I from step (3), each cell updates its orientation angle
by adding an angle hop dθ = N (0, 1)

√
2Drt∗ before new

focal adhesion is nucleated, where N (0, 1) is a generated
random number following normal distribution with zero
mean and unit variance, and the amplitude of this angle
hop is set as

√
2Drt∗ = 0.5◦ in the simulation.

(5) For those neuron cells with a new orientation angle, loop
from step (2) to step (4) until they find a final orientation
at which long-term stability can be achieved in terms of FA
and SF (i.e., ξ and η).

Following the numerical procedure, we simulate the
reorientation process of neuron cells for different cyclic stretch
conditions that are used in the experiments (Table 1). Figure 7
plots the histograms of model-predicted cell orientation after 24,
72, and 120 h, when the substrate is subjected to cyclic stretch
with different combinations of amplitude and frequency. The
simulation results show the same dependence of polarization
level on stretch frequency, as observed in experiments (Figure 2).
The effect of stretch amplitude on cell reorientation (Figure 3)

TABLE 3 | Physical parameters and their values that characterize axon elongation.

Parameter Meaning Value

lc Effective length of growth cone 4 µm

g Degradation rate of free tubulins in growth cone 0.004 s−1

Rg Normalized disassembly velocity of microtubules 0.16

V0 Normalized transport velocity of tubulins 0.78

Cs Normalized concentration of tubulins in soma 2

R̃g Normalized assembly rate of microtubules 12.5

D̄ Normalized diffusion coefficient of free tubulins 30

is also captured here: more neurons align away from the stretch
direction (0◦ in the figure) when stretch amplitude is increased
to above 5% . In the simulation, neuron cells do not show a
preferable orientation when stretch amplitude is 2% (Figure 7A)
because stable FA and SF can be achieved in all orientations
when stretch is low enough, without inducing a large force in the
stress fiber that hinders the formation of FA and SF. In contrast,
when stretch amplitude is 5% or larger, long-term stability
in FA and SF is possible only within the angle region close
to the direction perpendicular to the stretch (Figures 7B,D).
This is because the strain level transmitted to SF/FA depends
on the angle between cyclic stretch and neuron orientation,
through εsf = εappcos2θ in Eq. (3). When the neuron alignment
is close to the stretch direction (i.e., θ is close to zero), the large
magnitude of the resultant force on stress fibers tends to hinder
the formation of FA and SF. Therefore, FA/SF can only maintain
a stable configuration close to the direction perpendicular to the
imposed stretch.

We adopt the order parameter 〈cos2θ (t)〉 that quantifies the
instantaneous neuron alignment for these sampled cells. Here
θ (t) is the orientation angle of each cell at time t, which can
be obtained from the morphology images in experiments or
numerical trajectory in simulation. Taking the simulation with
10% amplitude and 0.25 Hz frequency as an example, neuron cells
are randomly orientated at the beginning and rotate themselves
to directions nearly perpendicularly to the cyclic stretch as time
elapses. After 120 h, 90% of the cells align away from the
stretch direction, as highlighted by those neurons with a red
boundary in Figure 8A. For the case of no stretch, the order
parameter is always near zero; the case of ε = 2% shows a
similar result, such that stretch amplitude ε = 2% (or lower) can
hardly cause cell reorientation. Figures 8B,C plot the relation
of order parameter 〈cos2θ (t)〉 versus time when the substrate
is subjected to various frequencies and amplitudes. The order
parameter changes from an initial value near zero to a steady-
state level: −0.75 for ω = 0.25 Hz, −0.55 for ω = 0.15 Hz,
−0.45 for ω = 0.05 Hz in Figure 8B; −0.75 for ε = 10% , −0.5
for ε = 5% , −0.05 for ε = 2% in Figure 8C. The asymptotic
behavior of these cases demonstrates that cell reorientation
occurs faster when the substrate is subjected to stretch with higher
amplitude and frequency.

Axon Elongation Independent of Cyclic
Stretch
When neuron cells adhere to the substrate that is not stretched,
stable focal adhesion and stress fiber can be formed in all
directions, accompanied by a steady–stable value of contraction
force in stress fiber. Substituting the parameters in Table 3
and F̄ = 1 into the governing equation [Eq. (22)], we can
numerically solve the relation between axon length and elapsed
time, which is consistent with the experimental results (open
circles in Figure 9A). For the case that the substrate is subjected
to cyclic stretch, axon elongation and cell reorientation occur
simultaneously. It is conceivable that the disassembly of focal
adhesion and stress fiber in cell reorientation does not influence
axon elongation much, referring to the towing experiments
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FIGURE 6 | Evolutions of bond and filament densities (ξ and η) when a neuron is aligned at the orientation of (A) 0◦ and (B) 80◦, respectively. Stretch amplitude:
ε = 10% ; stretch frequency: ω = 0.25 Hz.

FIGURE 7 | Histograms of model-predicted neuron orientation under cyclic stretch with different combinations of amplitude and frequency. (A) ε = 2%,
ω = 0.25 Hz; (B) ε = 5%, ω = 0.25 Hz; (C) ε = 10%, ω = 0.05 Hz; and (D) ε = 10%, ω = 0.25 Hz.

where neurites unattached to the substrate can grow well with
the application of stretch (O’Toole et al., 2008a; O’Toole and
Miller, 2011). Figure 9B summarizes axon elongation from
our simulation for cases with different stretch amplitudes and

frequencies, reproducing the experimental results that axon
elongation is independent of cyclic stretch. The contraction
force effectively enhances the flux term of tubulins, which is
a contributing factor to the evolution and final length of the
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FIGURE 8 | (A) Orientation snapshots of 100 individual neuron cells (stretch amplitude: 10%; stretch frequency: 0.25 Hz). Evolution of order parameter, cos2θ (t), of
the generated neuron cells on substrates subjected to cyclic stretch with different values of (B) frequency and (C) amplitude. The symbols are experimental data with
error bar representing the standard deviation, and the solid curves are simulation results.

FIGURE 9 | (A) Comparison between theoretical predictions and experimental data of axon length when a neuron adheres to the substrate that is not stretched.
(B) Theoretical results of axon length under cyclic stretch at time 24, 72, and 120 h. Normalized traction force generated in stress fiber: (C) when a neuron is aligned
along different directions (ε = 10% and ω = 0.25 Hz) and (D) when the stretch amplitude and frequency adopt different values (orientation angle: θ = 80◦).
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microtubule/axon through Eq. (18). It is also observed that the
level of contraction force in cells along different orientations
(Figure 9C) or in different stretching conditions (Figure 9D)
is close to that under no stretch because the effective strain
transmitted to stress fibers is εsf = εappcos2θ. When θ is close
to 90◦, as most of the cases in Figures 9C,D (except for θ =

70◦), the effective strain on stress fibers is so small and becomes
close to the case under no stretch. When θ is reduced to
surpass a threshold value between 75◦ and 70◦, the effects of εsf
become significant, and a stable SF/FA configuration cannot be
maintained, as reflected by the curve for θ = 70◦ (Figure 9C)
wherein the contraction force drops to zero rapidly.

CONCLUSION

By combining in vitro cell culture and theoretical modeling
of neuron reorientation and axon elongation, this work
systematically investigates the effects of cyclic stretch on the
morphology of individual neurons. We have developed a
feasible device to apply cyclic stretch to neurons through
substrate stretching, and it was observed that neurons tend
to align away from the stretch direction when stretching
amplitude and frequency are sufficiently large. To understand
the governing role of stress fiber and receptor–ligand bond
cluster in neuron reorientation, we propose a mechanochemical
framework that unifies filament assembly/disassembly in stress
fiber, bond association/dissociation in focal adhesion, and whole-
cell hopping in exploring new orientations. Our model suggests
that, when stretching amplitude and frequency are sufficiently
large, bond cluster and stress fiber fail to maintain long-
term stability for orientations parallel to the direction of cyclic
stretch, and neurons tend to rotate to directions that are
nearly perpendicular to the stretch direction, consistent with the
experimental results.

Our experiments also show that axon elongation in neurons
is hardly affected by cyclic stretch. We extend the theoretical
framework by including the dynamic evolution of contraction
force generated by the stress fiber and the contraction-induced

tubulin transportation. It was found that, under cyclic stretch,
the average traction level is about the same as the case of no
stretch. In other words, axon elongation involves a time scale
that is much larger than that in subcellular kinetics, and cyclic
stretch with a mean value of zero neither increases nor decreases
the effective stress level in neurons. Consequently, the traction-
driven transportation of tubulins, serving as a critical step in
microtubule assembly in the growth cone and axon elongation,
is not affected by cyclic stretch. The present model may serve
as a theoretical framework to motivate future studies on neuron
orientation, axon outgrowth, and more intriguing processes in
neurons under mechanical stimuli.
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Mechanobiology has underpinned many scientific advances in understanding
how biophysical and biomechanical cues regulate cell behavior by identifying
mechanosensitive proteins and specific signaling pathways within the cell that govern
the production of proteins necessary for cell-based tissue regeneration. It is now
evident that biophysical and biomechanical stimuli are as crucial for regulating stem
cell behavior as biochemical stimuli. Despite this, the influence of the biophysical and
biomechanical environment presented by biomaterials is less widely accounted for in
stem cell-based tissue regeneration studies. This Review focuses on key studies in
the field of stem cell mechanobiology, which have uncovered how matrix properties
of biomaterial substrates and 3D scaffolds regulate stem cell migration, self-renewal,
proliferation and differentiation, and activation of specific biological responses. First, we
provide a primer of stem cell biology and mechanobiology in isolation. This is followed
by a critical review of key experimental and computational studies, which have unveiled
critical information regarding the importance of the biophysical and biomechanical
cues for stem cell biology. This review aims to provide an informed understanding of
the intrinsic role that physical and mechanical stimulation play in regulating stem cell
behavior so that researchers may design strategies that recapitulate the critical cues
and develop effective regenerative medicine approaches.

Keywords: biophysical stimuli, 2D substrate stiffness, 3D biomaterial stiffness, biomechanical stimuli, tissue
engineering, regenerative medicine, computational modeling

INTRODUCTION

While growth factors and the composition and surface chemistry of biomaterials have been widely
adopted to control cell attachment, viability, protein adsorption, and differentiation of stem cells,
the fate of stem cells is also intricately and intrinsically regulated by biophysical cues, which
regulate proliferation, differentiation, gene expression, protein synthesis, matrix production, but
also apoptosis and necrosis of the cells (Ingber, 2003). The field of mechanobiology is rapidly
developing as appreciation of the importance of biophysical and biomechanical factors is growing
and being adopted in the design of tissue regeneration studies. The focus of this specific review is
to provide an informed perspective of how biomaterials govern differentiation of stem cells, with a
particular focus on the role of mechanobiological factors presented by biomaterial substrates and
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3D scaffolds in directing migration, self-renewal, proliferation
and differentiation of stem cells. The initial focus is to present
an introductory section providing important background into
stem cell biology and mechanobiology, specifically focusing on
the biological mechanisms by which stem cells can sense and
interact with their surrounding mechanical environment. Next,
the state of the art with respect to the current understanding
that physical and mechanical cues play in controlling stem
cell behavior is discussed. In this respect key experimental
and computational studies are considered, which have unveiled
critical information regarding how the physical and mechanical
properties of biomaterials govern stem cell behavior. This review
concludes by presenting a perspective on important unanswered
questions and points to fundamental research that is still required
to understand the intrinsic role of physical and mechanical
stimulation in regulating stem cell behavior, and to design
strategies that recapitulate these critical cues to develop effective
tissue engineering and regenerative medicine approaches.

STEM CELLS

Stem cells play a critical role in tissue development and growth
and repair throughout life. They are unspecialized cells and
as such they do not have any tissue specific structures that
allow them to perform specialized functions. However, they
possess unique cellular characteristics defined by their capacity
to either (1) undergo numerous cycles of cell division without
differentiating (self-renewal) or (2) differentiate into specialized
cell types (potency) in response to biochemical, biophysical and
biomechanical cues. Stem cells undergo cell division either by
means of Obligatory Asymmetric Replication, where one father
stem cell divides into another father stem cell and one daughter
cell or Stochastic Differentiation, where one father stem cell
divides into two father stem cells and another father stem cell
divides into two daughter stem cells (Lander, 2009).

Stem cells are present in both embryonic and adult tissues
but these exhibit different capacities for specialization. Stem cells
that form the basis of the morula, the early-stage embryo that
develops from the fertilized egg, are totipotent and have the
capability to differentiate into all cell types including supportive
extra-embryonic tissues such as the placenta. Totipotent cells
give rise to pluripotent cells (i.e., embryonic stem cells (ESCs)
from the blastocyst, late-stage embryo) which have the potential
to differentiate into almost any cell type and thus have the
potential to form all tissues in the body and ultimately construct
a complete, viable organism (Figure 1; He et al., 2009). As
the embryo grows, these stem cells continuously divide and
become more specialized (Mitalipov and Wolf, 2009), losing
their potency until they have the capacity to transform only
into multiple cells from closely related tissues (multipotent cells).
For example, hematopoietic stem cells (HSCs) can give rise to
numerous types of blood cells, however, they cannot give rise
to bone cells. Adult stem cells exhibit this limited potency.
They are undifferentiated cells, found among specialized cells
in specific areas of adult tissues (called a “stem cell niche”).
There are several locations of adult stem cell niches, including

brain, bone marrow, skeletal muscle, skin, heart, liver and fat
(Figure 1). Adult stem cells can undergo self-renewal and can
give rise to several specialized cell types surrounding their stem
cell niche. In this way, adult stem cells maintain and repair their
surrounding tissue. Adult stem cells are generally termed based
on the tissue type they can regenerate; e.g., bone marrow stromal
cells (BMSCs), HSCs and neural stem cells (NSCs). Adult stem
cells may remain inactive (non-dividing) until they are required
to maintain tissues or repair diseased or injured tissues, at which
point they are activated.

Induced pluripotent stem cells (iPSCs) are used by many
researchers in place of ESCs or adult stem cells due to limitations
associated with their use. For example, ESCs, despite their
pluripotency, display ethical concerns and adult stem cells
exhibit a limited potency. Specialized adult cells are genetically
reprogrammed to a pluripotent stem cell–like state (Figure 1;
Singh et al., 2015). The defining properties of iPSCs, such as the
potential to differentiate into almost any cell type, is maintained
by way of forced expression of genes and proteins that are
important for same.

Stem cells and progenitors are commonly cultured on (2D) or
encapsulated within (3D) biomaterials for the purposes of large
scale expansion, tissue regeneration or to enable fundamental
studies of stem cell response to extracellular biochemical,
biophysical and mechanical stimulation (Simmons et al., 2003;
Luu et al., 2007; Mani et al., 2008; Wang et al., 2010; Fujita et al.,
2014).

Importance of Biophysical and
Biomechanical Stimuli for Stem Cells
in vivo
Biophysical stimuli are ever present within the human body and
play a critical role in tissue formation from the earliest stages
of embryogenesis and throughout life (Mammoto and Ingber,
2010). Physical and mechanical cues are important in embryonic
tissue where ESCs self-renew and differentiate in response to
these cues. In fact, it is established that mechanical forces are
involved in patterning and organogenesis during embryonic
development. The physical and mechanical environment of adult
stem cells is also of great importance. Adult stem cells require
cell-cell and cell-matrix interactions to maintain their potency.

While development of the embryo progresses, intrinsic
forces exerted by cells transition from largely cell-cell in
early-stage embryogenesis to more cell-matrix transmission as
matrix content in tissues increases (Vining and Mooney, 2017).
Concerted biochemical, biophysical and biomechanical cues
work together to generate proper organ form. Mechanical forces
in the early embryo (e.g., osmotic pressure, cell contractions,
early muscle twitches) dictate cell viability, expression of genes
important for development and organized cell movements,
and atypical loading can lead to asymmetric development
of embryonic rudiments (Beloussov and Grabovsky, 2006;
Mammoto and Ingber, 2010). In limb development, early fetal
muscle contractions are of great importance since biophysical
stimuli precede local ossification and subsequent bone collar
formation (Nowlan et al., 2008). Moreover, movements and
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FIGURE 1 | Eggs that have been fertilized in vitro give rise to embryos which give rise to embryonic stem cells (ESCs). Induced pluripotent stem cells (iPSCs) are
adult cells that are genetically reprogrammed to a pluripotent stem cell–like state. Adult stem cells are undifferentiated cells, found among specialized cells in specific
areas of adult tissues (called a “stem cell niche”). Pluripotent (ESCs and iPSCs) cells give rise to all cell types of the body and multipotent (adult stem cells) cells give
rise to all cell types of a particular tissue or organ.

muscular activity of the mother provide mechanical cues that are
extremely important for normal development of the skeleton of
a developing embryo (Carter, 1987; Carter et al., 1987). In the
rudimentary heart of an embryo, cardiac cell contraction leads to
tissue deformation and blood flow, which is critical to the normal
development of a functioning heart with its chambers and valves
(Goenezen et al., 2012).

The extracellular matrix (ECM) surrounding all cells in
the body also exerts a mechanical influence that dictates
cell phenotype, motility, biochemistry and matrix production.
Throughout life maintenance of normal adult tissues relies on
biophysical cues, and changes in the extracellular mechanical
environment, or in the cellular mechanisms to sense such
stimuli, have been associated with pathological conditions, such
as hearing loss, muscular dystrophy, osteoporosis, osteoarthritis,
cardiac myopathy, arteriosclerosis and age related degeneration
(Jaalouk and Lammerding, 2009).

Stem Cell Manipulation and Tissue
Regeneration Strategies
Due to their capacity to self-renew and differentiate into
specialized tissues, stem cells have been extensively studied to
understand and take advantage of their ability to regenerate
tissues for treatment of various human pathologies (Simmons
et al., 2003; Luu et al., 2007; Mani et al., 2008; Wang et al.,
2010; Fujita et al., 2014). Stem cells; isolated from embryonic
and adult tissues, can be identified by the expression of various
markers, such as CD13, CD29, CD44, CD54, CD73, CD90,
CD105, CD146, CD166, and STRO-1 and by the absence of

the markers CD10, CD11b, CD14, CD31, CD45, CD49d, and
HLA-DR (Mafi et al., 2011). Stem cells can be either expanded
or stimulated to differentiate into specific tissues (Schofield,
1978; Caplan, 1990, 1991; Jiang et al., 2002; Barry and Murphy,
2004; Caplan, 2005; Morrison and Spradling, 2008; Kuhn and
Tuan, 2010; Morrison and Scadden, 2014) in the presence
of biochemical cues, including growth factors, growth factor
derivatives and peptide sequences, small bioactive molecules
such as oxygen and nitric oxide and genetic regulators such as
complimentary DNA, small interfering RNA and microRNA.
These biochemical cues interact with stem cells through their
receptors and, depending on the cue, they activate specific
processes within the cell. The influence of growth factors and
the composition and surface chemistry of biomaterials on stem
cell biology has been extensively investigated, and it has been
possible to control cell attachment, viability, protein adsorption
and differentiation by these means. However, the fate of stem
cells is also intricately and intrinsically regulated by biophysical
cues, as is the activity of many biological cells, and these cues
regulate proliferation, differentiation, gene expression, protein
synthesis, matrix production, but also apoptosis and necrosis of
the cells (Ingber, 2003). Biophysical environments include matrix
architecture, topographical guidance, negative pressure, electrical
stimulation, mechanical strength, electromagnetic therapy and
surface morphology.

Various techniques have been developed to modify, control
and assess the physical and mechanical properties of biomaterials
for fundamental studies of stem cell biology and tissue
engineering applications. Using such approaches, in vitro studies
have sought to understand how biomaterial substrate (2D)
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stiffness regulates migration, proliferation and differentiation of
stem cells. Tissue engineered scaffolds also provide distinct 3D
physical and mechanical cues that regulate stem cell biology,
but these differ from the bulk material behavior, due to the
porosity, microarchitecture and nanoarchitecture of the scaffold.
This is covered in further detail in section “Mechanobiological
Responses of Stem Cells to Biophysical and Biomechanical
Cues” of this review. Furthermore, computational models have
been developed to provide a mechanistic understanding of the
interaction between stem cells and the underlying biomaterial
substrate or surrounding 3D scaffold. Such models can provide
further insight into specific biological responses. This is covered
in further detail in section “Computational Modeling of Cell-
Biomaterial Interactions’ of this review. There is a distinct need
to further understand mechanoregulatory cues that enhance
stem cell differentiation to provide functional tissues for
clinical applications.

MECHANOBIOLOGY:
MECHANOSENSATION AND
MECHANOTRANSDUCTION

Mechanobiology is an interdisciplinary field that integrates
materials science and engineering mechanics with cell
and molecular biology to investigate the mechanisms by
which stem cells can sense (mechanosensation) and respond
(mechanotransduction) to changes in their local mechanical
environment. Stem cells are capable of monitoring their physical

and mechanical environment by way of macromolecular
complexes (Figure 2), known as mechanosensors, and initiate
an adaptive response when the mechanical environment is not
favorable. A comprehensive review published recently describes
how stem cells sense mechanical stimuli in great depth and
discusses how these cues are transduced into biochemical signals
(Argentati et al., 2019). In this section, we briefly describe the
mechanosensors identified to date and how stem cells respond to
mechanical stimuli via these macromolecular complexes.

Mechanosensation
A variety of macromolecular complexes have been identified
and these include cytoskeletal related polymers and proteins
(microtubules, f-actin microfilaments, intermediate filaments
and actin-linking proteins), nucleoskeletal related proteins
(SUN1, SUN2, lamins), adherens junctions (cadherins, α-catenin,
β-catenin), focal adhesion proteins (vinculin), integrins, primary
cilia, and ECM related proteins (fibronectin) (Bodle and Loboa,
2016; Argentati et al., 2019).

Cytoskeleton, Nucleoskeleton and Related Polymers
and Proteins
The cytoskeleton links the nucleus to the ECM (Ingber, 1997)
and thus can transmit mechanical stimuli from the extracellular
environment. It is a dynamic structure that provides 3D
support to cells and is responsible for, many if not, all cell
functions (Harris et al., 2018). The geometry and polarity
of its components (microfilaments, intermediate filaments
and microtubules) influence cytoskeletal mechanical properties

FIGURE 2 | Cellular mechanosensory proteins: The internal cytoskeleton transmits mechanical stimuli from the extracellular environment to the cell nucleus. This
stimulus is mediated by transmembrane proteins located at focal adhesions, which bind to ECM ligands but also intracellular proteins. Cadherins connect the
cytoskeleton of adjacent cells and thus enable cells to transmit force from one to another, and also allow movement of components within the plasma membrane.
Primary cilia sense fluid flow, pressure and strain and activate ion flux through channels on the ciliary axoneme, which govern intracellular signaling. Other membrane
proteins can also be regulated through mechanical shear and strain.
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(Sun et al., 2010; Harris et al., 2018). Stem cells alter their internal
cytoskeleton in response to external forces to reinforce and
reorganize the cell, by actin polymerization or microtubule
assembly, or alternatively to disassemble the cytoskeletal
components and their transmembrane attachments to the ECM.
Mechanical stimulation can activate the rearrangement of its
components and lead to changes in cell morphology. This
reorganization activates various intracellular signaling pathways
(Wang et al., 2001), which are known to govern cell migration,
proliferation and gene expression for tissue growth and function
(McBeath et al., 2004; Engler et al., 2006; Wozniak and Chen,
2009). The interaction between the cytoskeleton and actin-
linking protein myosin II (Sun et al., 2010) generates energy by
means of ATP hydrolysis that move along the actin filaments
and microtubules of the cytoskeleton to generate contractile
forces on the ECM (Wang et al., 2001; Kollmannsberger et al.,
2011; Crow et al., 2012). The regulation of cytoskeleton tension
guarantees force propagation within cells (Wang et al., 2001;
Kollmannsberger et al., 2011; Crow et al., 2012; Harris et al., 2018;
Hamant et al., 2019).

Mechanical cues are transmitted through the cytoskeleton
to the nucleus via the nucleoskeleton which is composed of
the LINC (link the nucleoskeleton and cytoskeleton) complex
(Hieda, 2019), Lamins A, B and C and other proteins such as
lamina-associated polypeptides 2 (LAP2) and BAF. SUN domains
and KASH domains make up the LINC complex (Luxton and
Starr, 2014; Hao and Starr, 2019). The SUN domains associate
with the nuclear lamina and the KASH domain bind to various
cytoskeletal constituents. In this way, the LINC complex is a
bridge that connects the lamina to the cytoskeleton (Wang et al.,
2018; Hieda, 2019). Mechanical signals propagating through the
LINC complex induce changes in gene and nuclear protein
expression (Wang et al., 2018; Hieda, 2019). Another way
mechanical cues are transmitted through the cytoskeleton to the
nucleus is by structural modification of cytoplasmic proteins
and their shuttling to the nucleus where they have a key
role in regulating gene expression (Isermann and Lammerding,
2013; Cho et al., 2018). Among these proteins, YAP and TAZ
(transcriptional coactivators) shuttle from the cytoplasm to the
nucleus in response to increased stiffness (Aragona et al., 2013;
Zanconato et al., 2016). In the nucleus, they bind transcription
factors (e.g., RUNX, p73) and thereby control cell proliferation,
apoptosis, and differentiation (Mo et al., 2014). Another protein,
NKX-2.5 transcription factor shuttles from the cytoplasm to
the nucleus in response to low tension. In the nucleus, it
downregulates genes associated with maintaining a high-tension
state (Cho et al., 2017).

Adherens Junctions and Gap Junctions
Cell-cell interactions allow mechanical forces to propagate across
tissue cells. These interactions are coordinated by specific
protein complexes such as Adherent Junctions (AJs). AJs play a
significant role in remodeling of tissue, morphogenesis, wound
healing, and tissue elongation (Takeichi, 2014; Khalil and de
Rooij, 2019). The primary transmembrane cell-cell adhesion
proteins forming AJs belong to the cadherin family. Nectins are
another important membrane protein involved in the formation

of AJs (Hirata et al., 2014; Takeichi, 2014; Griffin et al., 2017;
Ishiyama et al., 2018).

Connexins are membrane proteins that can also be regulated
through the mechanical environment (Thompson et al., 2012).
Gap junctions are formed from two cellular hemi-channels
composed of connexin proteins, which protrude through the
cell membrane and connect the cytoplasm of adjacent biological
cells. These channels are known to be sensitive to mechanical
loading and permit movement of small molecules between
adjacent cells and thereby initiate an intracellular signaling
cascade in response to mechanical loading (Salameh and Dhein,
2013). Mechanical forces can varyingly modulate the expression
and function of certain connections, such as Cx43. Gap
junctional intercellular communication regulates proliferation,
differentiation and apoptosis of stem cells (Wong et al., 2008).

Integrins and Associated Focal Adhesions
Bidirectional cell-matrix signaling between the inside and
outside of the cells are mediated via the integrin family (De
Arcangelis and Georges-Labouesse, 2000; Seetharaman and
Etienne-Manneville, 2018; Mohammed et al., 2019). They are
heterodimeric cell-surface transmembrane proteins that bind
ECM proteins (ligands) to the cytoskeleton, but also facilitate
interactions with other cells and act as signaling receptors (Hynes,
1992; Sawada et al., 2006; Arnaout et al., 2007; Ramsay et al.,
2007). Integrins work in concert with the cytoskeleton to (1)
perceive external mechanical stimuli, (2) facilitate movement
by cells, (3) enable them generate tension on their extracellular
environment, and (4) activate intracellular signaling pathways
and elicit biochemical responses (Cary et al., 1999; Paszek and
Weaver, 2004; Sawada et al., 2006; Arnaout et al., 2007; Puklin-
Faucher and Sheetz, 2009).

Extracellular matrix proteins bind with integrins and activate
intracellular proteins, such as those of the focal adhesion
(FA) complex which transduces mechanical cues through this
cell-matrix interaction and thus modulates cell functions (De
Arcangelis and Georges-Labouesse, 2000). FA complexes are
composed of a family of proteins, namely vinculin, paxillin, talin
and focal adhesion kinase (FAK), which bind to the cytoplasmic
domains of integrins via actin binding proteins (Ciobanasu et al.,
2014; Martino et al., 2018). Depending on the mechanical cue
the positioning and conformation of specific FA proteins can be
altered (Kuo, 2013).

Primary Cilia
The primary cilium is a cellular organelle known to facilitate
various physiological functions including development,
photoreception, endocrine and exocrine function, renal function
and chemical sensory processes (Davenport and Yoder, 2005).
Primary cilia are important macromolecular complexes found in
stem cells (Hoey et al., 2012b). Studies have discovered a primary
cilium incidence of 60 – 85% in BMSCs (Tummala et al., 2010;
Hoey et al., 2012b; Brown et al., 2014; Labour et al., 2016; Yuan
et al., 2016; Corrigan et al., 2018; Johnson et al., 2018). Primary
cilia are comprised of microtubule-based axoneme and encased
in a plasma membrane that is continuous but distinct from the
cell’s plasma membrane (Sorokin, 1962; Wheatley et al., 1996).
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Primary cilia extend into the pericellular fluid space and can also
interact with the matrix. When the cilia is bent a Ca2+ influx
occurs and spreads to neighboring cells (Schwartz et al., 1997;
Praetorius and Spring, 2001; Praetorius et al., 2003). Of relevance
here is the fact that the primary cilia play a role in sensing fluid
shear stress in mesenchymal stem cells (MSCs). The presence of
primary cilia affects biochemical responses to fluid flow applied
to MSCs cultured in 2D (Hoey et al., 2012b) by upregulating
osteogenic factors (Hoey et al., 2012a). It has been shown that
the primary cilia mediates fluid flow mechanotransduction and
ensuing osteogenic differentiation by hMSCs (Hoey et al., 2012b).
In another study, the disruption of primary cilia in transplanted
BMSCs (Kif3a knockout, a gene that is essential for primary cilia
formation) demonstrated decreased bone formation in response
to mechanical stimulation (Chen et al., 2016).

Extracellular Matrix (ECM)
The ECM is a structural macromolecular network that provides
support for cells (Murphy-Ullrich and Sage, 2014; Theocharis
et al., 2016; Stanton et al., 2019). It is composed of solid
components (collagen, elastin, laminin, fibronectin, hyaluronic
acid, chondroitin sulfate and syndecans) and soluble components
(cytokines, growth factors, and matrix metalloproteinases and
proteases), all of which serve as mediators between the cells
and the ECM (Hynes, 2009; Murphy-Ullrich and Sage, 2014;
Theocharis et al., 2016; Mohammed et al., 2019; Stanton et al.,
2019). There are two main types of ECM that differ with
regard to their structural organization and composition: the
connective tissue provides a 3D scaffold and the basement
membrane provides 2D support (Hynes, 2009; Frantz et al.,
2010; Janson and Putnam, 2015; Mohammed et al., 2019).
The ECM is composed of fibers, proteoglycans (PGs), and
glycoproteins. Topography, viscosity, and mechanical properties
of the ECM are determined primarily by the amount, type,
and arrangement of these macromolecules. As such, the ECM
may have characteristics of a soft material or a stiff material
(Jansen et al., 2015). Stem cells may secrete ECM structural
components and matrix metalloproteinases, or exert mechanical
forces through the cytoskeleton fibers and in these ways may
change the ECM composition and remodel the architecture.

Mechanotransduction
Using various techniques, mechanical forces have been applied to
ESCs (Yamamoto et al., 2005) and adult stem cells harvested from
bone marrow (Grellier et al., 2009), fat (Hanson et al., 2009), and
tendon (Zhang and Wang, 2010) and results show that stem cells
are sensitive to their mechanical environment. Stiffness can be
modified by several means. Crosslinking during polymerisation
is widely used to alter biomaterial physical and mechanical
properties and refers to the degree of bonds between molecules
which can be modulated through the use of biochemical
crosslinkers, exposure to ultraviolet light, photopolymerization,
enzymatic reactions or by altering pH, temperature or the ionic
environment (Drury and Mooney, 2003; Chau et al., 2005;
Tierney et al., 2009; Keogh et al., 2010; Haugh et al., 2011). ECM
stiffness can also be altered by coating cytotoxic polymers with
cell adhesive ligands such as collagen (Evans et al., 2009), laminin

(Rowlands et al., 2008), and fibronectin (Rowlands et al., 2008;
Altmann et al., 2011). Substrate stiffness experienced by the cell
may be controlled by varying the substrate thickness (Sen et al.,
2009; Leong et al., 2010). Micropost arrays (MAs) can also be
used to present various mechanical rigidities for the purposes
of studying mechanobiology (Tan et al., 2003). The role that
substrate stiffness plays in stem cell biology is covered in further
detail in section “Mechanobiological Responses of Stem Cells to
Biophysical and Biomechanical Cues” of this review. The changes
in gene and protein expression in mechanically stimulated
cells involve the production of biochemical signals, which is
known as mechanotransduction. The forces experienced by
stem cells and their mechanosensory macromolecular complexes
activate specific signaling pathways, which transduce mechanical
messages into actions within the cells, such as production of
growth factors and synthesis of ECM proteins. There are various
mechanotransduction signaling pathways, and these rely on the
interaction of intracellular ions and molecules, which undergo
concentration changes due to the mechanical stimulus. There
are numerous downstream signaling events that are activated,
namely YAP/TAZ signaling, Rho/ROCK signaling, FAK, mitogen
activated protein kinase (MAPK) and G protein related and
calcium signaling (Castillo and Jacobs, 2010).

YAP/TAZ Signaling
YAP /TAZ is a mechanosensitive intracellular signaling pathway
that mediates stem cell biology through upstream signaling
pathways including Hippo, Smad, Wnt, G-proteins, and MAPK,
which is comprehensively reviewed in Shao et al. (2015). YAP
and TAZ transduce signals important for driving stem cell
fate. YAP/TAZ has been shown to localize to the nucleus in
MSCs cultured on stiff substrates (40 kPa) or allowed to spread,
and these cells underwent osteogenic differentiation, whereas
YAP/TAZ remained in the cytoplasm for those cells cultured
on a soft substrate (0.7 kPa) or an environment that induces
cell rounding, and these were shown to undergo adipogenesis
(Dupont et al., 2011). Their abnormal activity is involved in
in several diseases such as atherosclerosis, fibrosis, pulmonary
hypertension, inflammation, muscular dystrophy, and cancer
(Panciera et al., 2017).

Rho/ROCK Signaling
Rho/ROCK signaling and cytoskeleton tension have been
shown to be important for mechanotransduction in stem cells
(Tenney and Discher, 2009). Activated Rho (Paszek et al.,
2005) promotes actomyosin stress fiber assembly in response
to increased stiffness (Chrzanowska-Wodnicka and Burridge,
1996), significantly changing the mechanical properties of the cell
(Hall, 1998). Stem cells exhibit dissociation-induced apoptosis
(Thomson et al., 1998; Zhang et al., 2011) which is caused by
actomyosin hyperactivation through the Rho/ROCK pathway
(Chen et al., 2010; Ohgushi et al., 2010). In the presence
of a ROCK inhibitor; the survival and cloning efficiency is
increased in stem cells (Watanabe et al., 2007; Zhang et al.,
2011). In addition to actomyosin stress fiber assembly, activated
Rho in response to increasing stiffness leads to increased cell
contractility and/or the activation of pERK, which enhances
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osteogenic differentiation (Arnsdorf et al., 2009). Inhibition
of Rho/ROCK signaling enhances adipogenic or chondrogenic
differentiation. Rho/Rock signaling is also required for MSC
tenogenic differentiation. Disruption of the cytoskeleton and the
Rho/ROCK pathway of MSCs on rope-like silk scaffolds diminish
the expression of tendon differentiation markers and lead to a
loss of spindle morphology (Maharam et al., 2015). Furthermore,
downregulation of osteogenic marker RUNX2, mediated via the
Rho/ROCK signaling pathway promotes the differentiation of
dental pulp stem cells into odontoblasts (Huang et al., 2018). Rho
and the actin cytoskeleton have also been shown to be necessary
to maintain nuclear YAP/TAZ in MSCs (Dupont et al., 2011).

Focal Adhesion Kinase (FAK)
Focal Adhesion Kinase regulates human adipose stem cell
(hASCs) differentiation via ROCK signaling (Hyväri et al.,
2018). Active FAK and ROCK resulted in upregulation of
osteogenic marker RUNX2A, increased ALP activity and matrix
mineralization implicating osteogenesis. Inhibition of FAK
and ROCK activity resulted in upregulation of adipogenic
markers AP2 and LEP and lipid accumulation implicating
adipogenesis. Another study demonstrated that compressive
stimulation (2 g/cm2) upregulated COX-2 expression and
increased phosphorylated FAK and prostaglandin E(2) (PGE2)
in human periodontal ligament cells (hPDL). In this way, FAK
regulates hPDL cells via COX-2 expression and the associated
production of PGE2 under compression (Kang et al., 2010).

MAPK
MAPKs are a family of enzymes (ERK1/2 and ERK5, JNK1/2/3
and p38α, p38β, p38γ, and p38δ) that are implicated in a series
of mechanotransduction pathways (Cargnello and Roux, 2011).
ERK has been implicated as a regulator of differentiation in
stem cells. In addition to biochemical stimuli, mechanical forces
also activate ERK through integrin focal adhesion complexes
and the MAPK-ERK signaling cascade (MacQueen et al., 2013).
Mechanical stimulation increases matrix mineralization with
MSCs in osteogenic differentiation media via the ERK pathway
(Simmons et al., 2003). In addition to ERK, p38 is also
implicated as a regulator of differentiation in stem cells. The p38-
MAPK signaling cascade has demonstrated to be essential for
skeletogenesis and osteoblast differentiation (Greenblatt et al.,
2010; Thouverey and Caverzasio, 2012; Rodríguez-Carballo et al.,
2014). Furthermore; mechanical loading (stretching, compressive
force and fluid shear) has been shown to induce osteogenic
differentiation via p38-MAPK activation (Kreke et al., 2008;
Kim et al., 2010).

G-Protein Related and Calcium Signaling
G-protein-coupled receptors (GPCRs) at the cell membrane
level are also involved in mechanotransduction (Sarasa-Renedo
and Chiquet, 2005; Vogel and Sheetz, 2006; White and
Frangos, 2007). One study, performed in rats, demonstrated that
G-protein Neuropetide Y (NPY), through GPCR Y1 activation,
is a proliferative regulator of rat NSCs (Thiriet et al., 2011).
A comprehensive review discusses the role of GPCRs in the
regulation of stem cells in more detail (Doze and Perez, 2013).

Another consequence of applying mechanical force to the cell
surface is a change in calcium (Ca2+) influx through stretch-
activated channels (Wu et al., 1999). This alteration in the Ca2+

influx may lead to the activation of MAPK signaling pathway
(Rosen and Greenberg, 1996; Sadoshima and Izumo, 1997; Iqbal
and Zaidi, 2005).

MECHANOBIOLOGICAL RESPONSES OF
STEM CELLS TO BIOPHYSICAL AND
BIOMECHANICAL CUES

Biomaterial matrices can maintain pluripotency and suppress
differentiation, or can be used to encourage differentiation
(Engler et al., 2006; Khatiwala et al., 2006). Biomaterials can
be produced from natural polymers (collagen, hydroxyapatite,
alginate, chitosan or cellulose derivatives) or synthetic polymers
(polyvinyl alcohol, polyethylene glycols (PEG), poly(lactide-
coglycolide)) (Vinatier et al., 2009). The choice of biomaterial
is critical to the cellular behavior, and a vast array of studies
have sought to identify specific features of the biomaterial,
including composition, surface topography, ligand availability,
and mechanical properties, which influence cell migration,
proliferation, differentiation and viability (Table 1) (Engler et al.,
2006; Huebsch et al., 2010; Abdeen et al., 2016). Mechanical
stimulation also plays an important role in directing responses
of stem cells in vitro (Rubin et al., 2007; Sen et al., 2008; Arnsdorf
et al., 2009; Potier et al., 2010; Case et al., 2011; Gurkan et al.,
2011).

Biomaterial mechanical properties have been characterized by
several means such as atomic force microscopy (AFM). AFM
has been widely used to characterize the mechanical properties
of soft biological substrates, tissues and cells (Engler et al.,
2006; Evans et al., 2009; Huang et al., 2013; Mullen et al.,
2013, 2014, 2015; Pietuch and Janshoff, 2013; Wen et al., 2014;
Mc Garrigle et al., 2016).

2D Substrates
The biophysical properties of biomaterial substrates have been
investigated using numerous methods to derive an understanding
of specific properties that could control stem cell behavior. Many
researchers have demonstrated that differentiation, morphology
and motility in stem cell types is dictated by the stiffness of
substrates onto which cells are seeded. For example, aorta-
derived smooth muscle cells increased spreading with increased
stiffness (Engler et al., 2004). In another study, patterned human
cardiomyocytes differentiated from pluripotent stem cells (hPSC-
CMs) exhibited improved contractile activity when cultured on
substrates of physiological stiffness (Ribeiro et al., 2015).

Substrate Stiffness
Crosslinking during polymerisation
Biochemical crosslinking using EDAC forms isopeptide
bonds between carboxyl and amino groups from different
residues in direct contact. Several studies have crosslinked
type I rat tail collagen with EDAC to produce substrates of
different mechanical stiffness but identical ligand density
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TABLE 1 | Key Studies of the effect of 2D substrate stiffness, substrate thickness, substrate rigidity gradients, and 3D biomaterial stiffness on stem cell behavior.

Experimental approach Key findings References

2D biomaterial substrates

Substrate stiffness

Crosslinking during polymerisation

PA substrates and Collagen
I gels with varying thickness
(>10 µm – 500 µm)

For PA substrates, MSCs on stiff (15 kPa) exhibit higher expression of SMC markers and on soft (1 kPa)
exhibit increased chondrogenic (collagen-II) and adipogenic (LPL) marker expression. For collagen I
gels, hMSCs on thick gels (soft) had lower expression levels of SMC markers than on a thin (stiff)
substrate and chondrogenic marker (collagen II) increased in hMSCs grown on thick gels (soft).

Park et al., 2011

PA hydrogels with
controlled presentation of
peptides

Stiff (10 kPa) substrate activated YAP/TAZ nuclear localisation in hESCs. Soft (0.7 kPa) substrate
exhibited low levels and diffuse cytoplasmic staining of YAP/TAZ.

Musah et al., 2012

Fibronectin coated
acrylamide hydrogel

Osteogenic differentiation of BMSCs on stiff (15–40 kPa) substrate was inhibited by (1) depletion of YAP
and TAZ, (2) culturing cells on soft ECM (0.7–1 kPa) or (3) incubating with a Rho inhibitor (C3). YAP and
TAZ knockdown allowed adipogenic differentiation on stiff substrates by mimicking a soft environment.

Dupont et al., 2011

Collagen coated HA
hydrogels and PA hydrogels

Increased expression of mature cardiac markers and muscle fibers when pre-cardiac cells seeded on
stiff hydrogels (collagen coated HA) (1.9 – 8.2 kPa) compared to compliant PA hydrogels.

Young and Engler,
2011

Collagen I coated PDMS
substrate (0.041 – 2.7 MPa)

Osteogenic differentiation (OPN and RUNX2) and mineralisation by ESCs was enhanced on stiff
substrates (>2.3 MPa) when compared to soft substrates (0.04 – 1.9 MPa). Genes expressed in early
mesendoderm differentiation were also upregulated on stiff substrates. Cell spreading and growth
increased as a function of substrate stiffness, whereas cell attachment was unaffected.

Evans et al., 2009

Tropoelastin substrates
(stiffness not reported)

Mouse HSCs and hHSCs cultured on tropoelastin enhanced expansion and maintenance of
undifferentiated cells. Substrates cross-linked with >0.1% glutaraldehyde to alter the elasticity, the
biological effects of tropoelastin were lost. Mechanotransduction inhibition also abrogated these effects.

Holst et al., 2010

Photopolymerisation

Photopolymerisable
methacrylamide chitosan
substrates

Neural stem/progenitor cells were most proliferative on soft substrates (3.5 kPa). Neuronal differentiation
was favored on the softest surfaces (< 1 kPa). Oligodendrocyte differentiation occurred on stiffer
surfaces (>7 kPa). Astrocyte differentiation was only observed in small percentage on < 1kPa and 3.5
kPa surfaces.

Leipzig and Shoichet,
2009

Ligand availability

PA substrates with different
ligand coatings

Osteogenic differentiation of MSCs (RUNX2) increased with substrate stiffness (0.7 kPa to 80 kPa), and
occurred significantly only on high stiffness collagen I coated gels (80 kPa). Collagen IV, fibronectin or
laminin I coated substrates stimulated osteogenic differentiation when the stiffness was ∼25 kPa.
Myogenic differentiation occurred on all gel-protein combinations that had stiffness >9 kPa, but peaked
for fibronectin coated gels with a modulus of 25 kPa.

Rowlands et al., 2008

Matrigel coated PA
hydrogels

Increasing ECM stiffness increased hPSCs and colony spread area but did not alter self-renewal, in
contrast to mESCs. Soft matrices (100 – 700 Pa) promoted expression of early neural ectoderm
markers, and downstream increases in total neurons and dopaminergic neurons.

Keung et al., 2012

Ligand (fibronectin,
collagen I, collagen IV and
laminin) coated PA
hydrogels

YAP nuclear translocation occurred at low density (5 µg/mL) for fibronectin, collagen I and collagen IV
and at a higher density (20 µg/mL) for laminin, when cultured on stiff hydrogels. Low ligand densities
(cytoplasmic YAP localization for all ECM types) results in low osteogenic commitment (RUNX2 and
ALP), for cells on hydrogels coated with collagen I or fibronectin. High ligand densities, (nuclear YAP
localization for all ECM types) results in high osteogenic commitment for cells on all ECM types except
collagen IV.

Stanton et al., 2019

Laminin coated PEG
hydrogel (2 – 42 kPa)

Muscle stem cells cultured on soft PEG hydrogels (12 kPa), with stiffness close to native muscle
elasticity, promoted self-renewal in vitro and enhanced muscle regeneration when transplanted into
mice. This was not observed on stiff tissue culture plastic (∼106 kPa). The migration velocity of the stem
cells increased (120 µm/h) when they were cultured on the stiff PEG hydrogels when compared to
softer matrices (99 µm/h).

Gilbert et al., 2010

PEG hydrogels with varying
concentrations of RGD
(0.05–2.5 mM)

Human MSCs seeded on soft hydrogels (7.4–11.2 kPa) clustered with reduced cell attachment and
spreading area, irrespective of RGD concentration and isoform. Human MSCs seeded on stiff hydrogels
(27.3–36.8 kPa) spread with high spatial coverage for RGD concentrations of ≥ 0.5 mM.

Chahal et al., 2018

Collagen coated PDMS
(soft, 0.07–0.10 kPa, stiff,
2.15–2.40 MPa)

Diminished hMSC contractility on soft substrates of hydrophobic PDMS and hydrophilic
polyethylene-oxide-PDMS (PEO-PDMS). Cell spreading and osteogenic differentiation occurred only on
soft hydrophobic PDMS and not on soft hydrophilic PEO-PDMS (elastic modulus < 1 kPa)

Razafiarison et al.,
2018

Carbon nanotubes

Glass surface densely
coated with carbon
nanotubes

BMSCs exhibit high ALP activity, upregulation of osteogenic markers (BMP2, RUNX2, ALP and OCN)
and increased calcium content.

Mori et al., 2020

(Continued)

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 8 December 2020 | Volume 8 | Article 597661191

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-08-597661 December 8, 2020 Time: 18:37 # 9

Naqvi and McNamara Stem Cell Mechanobiology – Biomaterials

TABLE 1 | Continued

Experimental
approach

Key findings References

Substrate thickness

PA substrates (0.1 – 40
kPa)

MSCs on the softest substrates (0.1 – 1 kPa) demonstrated a branched morphology and expressed neurogenic
markers. MSCs on the intermediate stiffness substrates (8 – 15 kPa) displayed a spindle like morphology and
expressed myogenic markers. MSCs on substrates stiffest substrates (15 – 40 kPa) adopted a spread morphology
and expressed osteogenic markers.

Engler et al., 2006

Collagen coated PA
gels

MSCs on 0.5 mm thick gels exhibited the same spread morphology as those cultured on collagen substrates of 34
kPa. MSCs on thicker substrates (2 mm) of identical composition behaved similarly to MSCs cultured on 1 kPa
collagen gels.

Amnon et al., 2010

Wedge shaped gels The focal adhesion area decreases as substrate thickness increases (up to 5 µm thickness) and cell induced forces
travel only a limited distance (micrometers) through linear, homogenous substrates such as PA.

Maloney et al., 2008

Substrate rigidity gradients

Human ASCs on PA
substrates with
stiffness gradients (0.5,
1.7, 2.9, 4.5, 6.8, and
8.2 kPa/mm) at the
cell–matrix interface

Stiffness gradients of 2.9 kPa/mm were found to be nondurotactic. Durotaxis was observed on matrices with
gradients of 8.2 kPa/mm. Lamin A expression scaled in a dose-dependent manner in response to stiffness, and
Lamin A/Lamin B ratios increased exponentially with stiffness. The MRTF-A was affected by stiffness and peaked at
∼20 kPa. Adipogenic marker PPARγ was upregulated at 3 kPa, myogenic transcription factor MyoD was
upregulated at 12 kPa, whereas the osteogenic marker CBFA1 was highest at 36 kPa.

Hadden et al., 2017

Microelastically
patterned gels

The threshold stiffness gradient (TG) (0.14 to 1.4 kPa/µm) for hMSCs markedly increased with an increase in the
absolute stiffness (2.5 to 10 kPa) of the soft region, attributed to more stabilized focal adhesions in the stiffer soft
region. The intrinsic stiffness gradient (IG) of the material should exceed position-dependent TG to induce durotaxis.

Moriyama and Kidoaki,
2019

Substrate stiffness and porosity

PA substrate (4 – 33
kPa)

Varying porosity did not significantly change matrix tethering, substrate deformations or stem cell differentiation
potential. Osteogenic and adipogenic differentiation were unaffected by varying the protein–substrate linker density
or in the absence of protein tethering

Wen et al., 2014

PA hydrogel surfaces
(0.5 740 kPa) and
Collagen coated PDMS
surfaces
(0.1 kPa–2.3 MPa)

For the PA surfaces, pore size was inversely correlated with stiffness (15 nm in 2 kPa gels, but >2 nm for gels
>115 Pa). Epidermal stem cells remained rounded and underwent terminal differentiation on high porosity
substrates (soft), whereas cells spread and remained undifferentiated on low porosity substrates (stiff). For collagen
coated PDMS surfaces of low nanoparticle density (190 nm spacing), keratinocytes differentiated and did not
spread, but on collagen coated PDMS with closely anchored nanoparticles (60 nm) cells spread and did not
differentiate.

Trappmann et al., 2012

Switching Stiffness – mechanical memory

Fibronectin coated PA
hydrogels

MSCs cultured on soft hydrogels (∼0.5 kPa) expressed markers for neurogenesis whereas those cultured on stiff
hydrogels (∼40 kPa) expressed increased markers of osteogenesis. Transfer of MSCs to hydrogels of the opposite
stiffness resulted in a switch in lineage specification. MSCs originally cultured on stiff hydrogels maintained
increased markers of osteogenesis.

(Lee et al., 2014)

PA substrate ASCs behaved similarly to BMSCs by committing to becoming neurogenic, myogenic, and osteogenic on 1, 10,
and 34 kPa. ASCs fused into multi-nucleated myotubes, expressed mature muscle proteins and remained fused
when switched to a stiff niche.

Choi et al., 2012

Photodegradable PEG
hydrogels

Activation of YAP/TAZ and RUNX2 in hMSCs cultured on soft substrates (2 kPa) depended on previous culture time
on stiff substrates (3 GPa). Human MSCs cultured initially for short durations (>7 days) on stiff hydrogels (∼10 kPa),
followed by culture on soft hydrogels (∼2 kPa) demonstrated reversible activation of YAP/TAZ and RUNX2. This
activation was irreversible in cells cultured for 10 days on stiff hydrogels before further culture on soft substrates.
Increased durations of culture for MSCs on stiff tissue culture polystyrene enhanced osteogenic differentiation.

Yang et al., 2014

Methacrylated HA
substrates

Human MSCs switched from adipogenic to osteogenic differentiation upon in situ substrate stiffening (soft (3 kPa) to
stiff (30 kPa)). These changes were accompanied by increases in cell area, traction forces and motility, which
equilibrated within 2–4 h. Early switching (minutes-to-hours) favoured osteogenic differentiation of the hMSCs and
later switching (days-weeks) tended towards adipogenesis.

Guvendiren and
Burdick, 2012

Polyelectrolyte
multilayer coated shape
memory polymer

Human iPSC-derived cardiomyocytes (CM) had no preferential directionality within 0 to 12 h, and slowly reoriented
to the wrinkle direction starting at h 16. The cell aspect ratio slightly increased from h 16. The sarcomere index
reduced at h 4-8, thin filament length increased within h 8-24, the sarcomere length increased within h 16-24
compared to h 0 and vinculin length decreased at h 4 and 8 but returned to the original length at h 12.

Sun et al., 2020

Micropost arrays

PMAs Osteogenic differentiation was favoured on rigid PMAs (K = 1,556 nN µm−1) whereas adipogenic differentiation was
enhanced on softer PMAs (K = 1.90 nN µm−1). Human MSCs that underwent osteogenic differentiation
demonstrated higher traction forces than non-differentiating cells. Human MSCs that did not differentiate into
adipocytes were more contractile than differentiating adipocytes. Osteogenesis of hMSCs was decreased following
Rho-ROCK inhibition.

Fu et al., 2010

(Continued)
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TABLE 1 | Continued

Experimental
approach

Key findings References

Vitronectin coated
PMAs (1.92 kPa –
1,218.4 kPa)

>20% of hESCs cultured on rigid PMAs remained undifferentiated compared to cells on soft PMAs. Human ESCs
were shown to increase cytoskeletal contractility with increased matrix rigidity.

Sun et al., 2012

PMAs (5 kPa – 1,200
kPa)

Soft substrate (5 kPa) promoted hESC neuroepithelial conversion. Purity and yield of functional motor neurons
derived from neural progenitors was enhanced on soft PMAs.

Sun et al., 2014

3D biomaterial scaffolds

Cross-linked HA and
PA substrates (0-40
kPa)

Stiffer matrices promote MSC spreading. MSCs embedded in HA matrices were constrained to spherically
symmetric shapes and the assembly of cortical cytoskeleton. Inhibition of myosin-II contractility (using Blebbistatin)
prevented spreading of MSCs.

Rehfeldt et al., 2012

Fibronectin-hyaluronic
acid (FN-HA) 2D
substrates and 3D
hydrogels

Human MSCs experience an increase in nuclear translocation of YAP when cultured on 2D substrate with
increasing amounts of FN hydrogel while the stiffness (7 kPa) remained constant. This is not observed for MSCs
encapsulated in 3D hydrogels.

Trujillo et al., 2020

PEGDM polymers Osteogenic differentiation occurred predominantly when MSCs were encapsulated within moderate stiffness 3D
hydrogels (11–30 kPa), whereas adipogenesis was favored for hydrogels within the 2.5–5 kPa stiffness range.

Huebsch et al., 2010

Covalently crosslinked
HA matrices (4.4 – 91
kPa)

MSCs undergo adipogenic differentiation when they are encapsulated within non-degradable matrices, whereas
osteogenic differentiation was observed in HA matrices that were modified to be degradable. Within hydrogels of
the same modulus, osteogenesis was favored when cells were able to contract the surrounding matrix, whereas
adipogenesis was favored when cells were restricted to be rounded by secondary physical crosslinking.

Khetan et al., 2013

Collagen scaffolds (1,
2, 7 and 29.7 kPa)

Osteocalcin and perilipin were both found intracellularly. Osteocalcin signal intensity per hBMSC was greater in the
medium-stiffness compared to the low and high stiffness scaffolds. Perilipin signal intensity decreased with
increasing stiffness.

Herrera et al., 2019

Void forming
nano-porous hydrogel

Cell proliferation and osteogenic differentiation (ALP) were shown to peak in void-forming hydrogels with
intermediate bulk stiffness (60 kPa), but drop off for those at higher stiffness (110 kPa). Collagen I expression and
mineralization by MSCs within void-forming hydrogels were also shown to be enhanced in hydrogels with a bulk
elasticity > 60 kPa.

Huebsch et al., 2015

Macro-porous
substrates

MSCs upregulated markers for both osteogenesis (ALP) and adipogenesis (triglyceride) when cultured in stiff 3D
porous substrates (16, 50 kPa), when compared to soft counterparts (0.5 kPa)

Haugh et al., 2018

3D ECM-like fibrous
structures

Smallest pore size (100 µm) was optimal with the greatest stiffness, greatest seeding efficiency, maintenance of
spread cell morphology and significantly greater collagen and calcium deposition.

Brennan et al., 2019

Viscoelastic alginate
hydrogel

Viscoelastic alginate hydrogels that exhibited fast stress relaxation were shown to enhance cell spreading,
proliferation, osteogenic differentiation by MSCs and formation of a mineralized matrix.

Chaudhuri et al., 2016.

Viscoelastic alginate
hydrogels

A reduced rated of stress relaxation or an increased osmotic pressure restricts volume expansion and reduces
osteogenesis, regardless of cell morphology. A reduced osmotic pressure induces volume expansion and
accelerates osteogenesis.

Lee et al., 2019

GelMA hydrogels Elevated elasticity surrounding hASCs embedded in soft hydrogels. Greater elasticity (>10 kPa) in GelMA containing
TAZ-activated-hASCs.

Hepburn et al., 2020

Microphotopatterning
(µPP) substrates

Spontaneous Ca2+ oscillations in hMSCs during collagen matrix assembly. Inhibition of TRPV4 reduced Ca2+

signaling, reduced aligned collagen fibril assembly and decreased tensile force across vinculin. Activating TRPV4
accelerated aligned collagen formation and caused a dynamic unloading and reloading of vinculin.
TRPV4-dependent Ca2+ oscillations were found to be independent of pattern shape or subpattern cell location.

Gilchrist et al., 2019

(Tierney et al., 2009; Keogh et al., 2010; Haugh et al., 2011;
Mullen et al., 2013, 2015; Mc Garrigle et al., 2016). One study
demonstrated osteoblast differentiation on substrates of
1 kPa and osteoblast differentiation followed by early osteocyte
differentiation on softer substrates of 300 Pa (Mullen et al., 2013).

Altered stiffness of polyacrylamide (PA) can be achieved by
varying the percentage of acrylamide and bis-acrylamide in the
polymerisation process (Wang and Pelham, 1998; Tse and Engler,
2001; Engler et al., 2006; Lee et al., 2013, 2014). MSCs cultured
on stiff PA substrates (15 kPa) have been shown to exhibit
higher expression of smooth muscle cell (SMC) markers (α-actin,
calponin-1), whereas MSCs cultured on soft PA substrates (1 kPa)
exhibit increased chondrogenic (collagen-II) and adipogenic
(LPL) marker expression (Park et al., 2011). The same study
sought to understand the effect of matrix stiffness on MSC

differentiation in response to transforming growth factor beta
(TGF-β). TGF-β increased expression of SMC marker on stiff
substrates and increased chondrogenic marker expression on
soft substrates but suppressed expression of adipogenic markers
on soft substrates. Another study tailored both the peptide
displayed to cells and the substrate mechanical properties and in
this way generated PA hydrogels that bind human ESC (hESC)
surface GAGs (Musah et al., 2012). They showed that hESCs
can respond to mechanical information transmitted via GAG
engagement, and that stiff matrices (10 kPa) activated YAP/TAZ
nuclear localisation, whereas this was not observed on softer
(0.7 kPa) substrates. It was proposed that stiff substrates are
more effective for long-term self-renewal of hESCs. In another
study, osteogenic differentiation of BMSCs on stiff substrate (15–
40 kPa) was inhibited by depletion of YAP and TAZ, culturing
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cells on soft substrate (0.7–1 kPa) or incubating with a Rho
inhibitor (C3) (Dupont et al., 2011). Interestingly, YAP and TAZ
knockdown allowed adipogenic differentiation on stiff substrates
by mimicking a soft environment.

Polyethylene glycols crosslinking is compatible with cell
encapsulation and maintenance of cell viability, which facilitates
tuning mechanical properties in the presence of living cells
(Liang et al., 2011). The approach involves combining varying
amounts of PEG−diacrylate (PEGDA) with non−acrylated PEG,
and the substrates must be modified or coated to enable cell
attachment. Dynamic substrate stiffening has been implemented
to mimic in vivo changes in temporal stiffness, by means
of thiolated-hyaluronic acid (HA) hydrogels crosslinked with
PEGDA, whereby their stiffness was modulated by varying
crosslinker molecular weight (Young and Engler, 2011). Pre-
cardiac cell seeded collagen-coated HA hydrogels increased
expression of mature cardiac markers and formed more mature
muscle fibers than when grown on compliant PA hydrogels.

Embryonic stem cells were grown on collagen I coated
PDMS substrates of varying stiffness (0.041–2.7 MPa) achieved
by varying crosslinker concentrations (1–23% (w/w)). It was
reported that osteogenic differentiation (OPN and RUNX2
expression) and mineralisation by ESCs was enhanced on
stiff substrates (>2.3 MPa) when compared to soft substrates
(0.04–1.9 MPa) (Evans et al., 2009), and genes expressed in
early mesendoderm differentiation were also upregulated. Cell
spreading and growth increased as a function of substrate
stiffness, whereas cell attachment was unaffected.

Human HSCs cultured on tropoelastin substrates (stiffness
not reported) enhanced expansion and maintenance of
undifferentiated cells (Holst et al., 2010). When the substrates
were cross-linked with glutaraldehyde at concentrations greater
than 0.1% to alter the elasticity (not reported) the biological
effects of tropoelastin were lost and mechanotransduction
inhibition also abrogated these effects.

Other polymers including poly(propylene fumarate) (PPF)
(Payne et al., 2002) and polymethylmethacrylate (PMMA)
(Dalby et al., 2007) have also been used, both of which can
have their stiffness controlled through crosslinking during the
polymerisation process.

Photopolymerisation
Neural stem/progenitor cells cultured on photopolymerizable
methacrylamide chitosan substrates were found to be
most proliferative on soft substrates (<10 kPa). Neuronal
differentiation was favored on soft surfaces (<1 kPa) whereas
oligodendrocyte differentiation occurred on stiffer surfaces
(>7 kPa) (Leipzig and Shoichet, 2009). Astrocyte differentiation
was only observed in a small percentage on substrates less
than 1 and 3.5 kPa.

Ligand availability
Extracellular matrix stiffness can also be altered by coating
cytotoxic polymers with cell adhesive ligands such as collagen
(Evans et al., 2009), laminin (Rowlands et al., 2008) and
fibronectin (Rowlands et al., 2008; Altmann et al., 2011). The
differentiation of MSCs cultured on collagen I substrates with

different ligand coatings was examined (Rowlands et al., 2008).
Osteogenic differentiation (RUNX2 expression) increased with
substrate stiffness (from 0.7 kPa to 80 kPa), and was found to
occur significantly only on high stiffness collagen I-coated PA
gels (80 kPa), whereas substrates with collagen IV, fibronectin or
laminin I stimulated osteogenic differentiation when the stiffness
was of the order of 25 kPa. Myogenic differentiation occurred on
all gel-protein combinations that had stiffness greater than 9 kPa,
but peaked for fibronectin coated gels with a modulus of 25 kPa.
Another study reported that increasing ECM stiffness of Matrigel
coated PA hydrogels in vitro increases hPSC and colony spread
area but did not alter self-renewal (Keung et al., 2012), which
is in contrast to the findings with mESCs. Soft matrices (100 –
700 Pa) promoted expression of early neural ectoderm markers,
and downstream increases in total neurons and dopaminergic
neurons. A recent study explored the effects of varying stiffness
(3 and 38 kPa), ECM type and ligand density on YAP nuclear
translocation in hMSCs using ligand (fibronectin, collagen I,
collagen IV and laminin) coated PA substrates (Stanton et al.,
2019). On stiff hydrogels (38 kPa), low ligand density (5 µg/mL)
resulted in YAP nuclear translocation for fibronectin, collagen
I and collagen IV coated PA substrates whereas high ligand
density (20 µg/mL) was necessary for YAP nuclear translocation
on laminin coated PA substrates. Moreover, cytoplasmic YAP
localization, observed for low ligand densities of collagen I or
fibronectin coated stiff hydrogels, resulted in low osteogenic
commitment (cytoplasmic RUNX2 and low ALP expression). In
contrast, nuclear YAP localization resulted in nuclear RUNX2
localization and higher levels of ALP expression for all high
ligand density ECM coated stiff hydrogels except collagen IV.

A tunable PEG hydrogel platform, with a range of rigidities
(2–42 kPa), was developed by altering the percentage of PEG
polymer (∼2.8–7.5% w/v) in precursor solution (Gilbert et al.,
2010), and then laminin was used as an adhesion ligand
covalently crosslinked to the hydrogel network. Skeletal muscle
stem cells (SMSCs) cultured on soft PEG hydrogels (12 kPa), with
stiffness close to native muscle elasticity, promoted self-renewal
in vitro and enhanced muscle regeneration when transplanted
into mice. This was not observed on stiff tissue culture plastic
(∼106 kPa). In this way, substrate elasticity was shown to be
a potent regulator of SMSCs fate in culture. Moreover, the
migration velocity of the stem cells increased (120 µm/h) when
they were cultured on the stiff PEG hydrogels when compared
to softer matrices (99 µm/h) (Figure 3). One study reported
that colony formation by hESCs is modulated more strongly
by the wettability than by variation in the elastic moduli (Mei
et al., 2010). The spatial organization of hMSCs was investigated
on PEG hydrogels of varying substrate stiffness (soft (7.4–11.2
kPa) and stiff (27.3–36.8 kPa)) and ligand presentation (varying
RGD concentrations (0.05–2.5 mM)) (Chahal et al., 2018).
Regardless of RGD concentration and isoform, hMSCs seeded
on soft PEG hydrogels clustered with reduced cell attachment
and spreading area. For RGD concentrations of greater than
0.5 mM, hMSCs seeded on stiff hydrogels spread with high spatial
coverage. Thus, it was proposed that both hydrogel stiffness
and ligand presentation are important factors in regulating
hMSC organization.
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FIGURE 3 | (A) The mechanical properties of PEG hydrogels were altered by varying precursor polymer concentration. (B) Velocity of skeletal muscle stem cells
cultured on soft PEG hydrogel (12 kPa) or rigid cell culture plastic (106 kPa). (C) Number of skeletal muscle stems (normalized) cultured on soft (12 kPa) or rigid
substrate (106 kPa) over the course of 70 h. Adapted with permission from Gilbert et al. (2010). ***p < 0.0001.

In another study hMSC seeded collagen-coated PDMS of
a range of stiffness (soft, 0.07–0.10 kPa, stiff, 2.15–2.40 MPa)
demonstrated diminished cell contractility on soft substrates of
both hydrophobic PDMS and hydrophilic polyethylene-oxide-
PDMS (PEO-PDMS). However, cell spreading and osteogenic
differentiation occurred only on soft hydrophobic PDMS and
not on soft hydrophilic PEO-PDMS (elastic modulus < 1 kPa)
(Razafiarison et al., 2018).

Carbon nanotubes
Carbon nanotubes (CNTs) have high stiffness with a Young’s
modulus of approximately 1 TPa (Treacy et al., 1996; Wong
et al., 1997). CNTs have desirable mechanical properties for use
as biomaterials in orthopedics for bone regeneration (Harrison
and Atala, 2007; Tran et al., 2009) due to their good strength,
elasticity and fatigue resistance, their 3D porous structure, their
interlinked nano-network structure and appropriate porosity,
their controllable electrical conductivity and their cylindrical
shape and nanoscale dimensionality. One study demonstrated
that rat BMSCs incubated on a glass surface densely coated
with carbon nanotubes exhibit high ALP activity, upregulation
of osteogenic markers (BMP2, RUNX2, ALPl and OCN) and
increased calcium content (Mori et al., 2020). The recent
application of CNT for tissue engineering through stem cell
differentiation is discussed in great detail in a review paper
(Lee et al., 2015).

Substrate Thickness
Substrate thickness has been used as a method of varying
the local stiffness experienced by the cell (Sen et al., 2009;
Leong et al., 2010). The mechanical influence of substrate
thickness is related to cell contractility, whereby on thin
substrates (<5 µm) contractile forces produced by the cells can
propagate throughout the entire substrate and in these cases
the underlying material govern the mechanical environment
presented to the cells and thus cell behavior. On thicker substrates
the forces cannot propagate throughout the substrate and thus
the cell behavior is governed by the substrate material properties.
This approach allows for investigation into the role of substrate

stiffness without altering substrate composition. The effect of
substrate stiffness was demonstrated in one such study, which
investigated the differentiation of MSCs into various phenotypes
when cultured on PA substrates of varied stiffness (0.1 – 40 kPa),
achieved by varying the substrate thickness (Engler et al., 2006).
Cells on the softest substrates (0.1 – 1 kPa) were found to mimic
brain neurite cells, demonstrating a branched morphology. Those
cultured on the intermediate stiffness substrates (8 – 15 kPa),
similar to muscle tissue, displayed a spindle like morphology,
whereas when MSCs were cultured on substrates similar to
non-mineralised osteoid (15 – 40 kPa) they developed a spread
morphology similar to osteoblasts. The differentiation profiles
were confirmed by upregulation of neurogenic, myogenic and
osteogenic specific markers, respectively. In another study that
investigated the effect of substrate stiffness, by varying substrate
thickness, it was shown that MSCs cultured on collagen coated
PA gels of 0.5 mm exhibited the same spread morphology as
those cultured on collagen substrates of 34 kPa. Those cultured
on thicker substrates (2 mm) of identical composition were
shown to behave similarly to MSCs cultured on 1 kPa collagen
gels (Amnon et al., 2010). Substrate stiffness has also been
shown to effect differentiation of MSCs seeded on collagen I gels
with varying thickness (>10 µm – 500 µm). It was shown that
MSCs on soft (thick) substrates had a lower expression levels of
SMC markers (α-actin and calponin-1) than MSCs grown on a
thin (stiff) substrate (Park et al., 2011). Chondrogenic marker
(collagen II) increased in human MSCs grown on thick gels (soft).

Wedge shaped gels have also been used to vary substrate
thickness (Merkel et al., 2007; Rudnicki et al., 2013), and
have shown that cell area and traction were influenced
by substrate stiffness. However, substrate microstructure also
governs the effect of substrate thickness. Specifically, it has been
demonstrated that the focal adhesion area decreases as substrate
thickness increases (up to 5 µm thickness) and cell induced
forces travel only a limited distance (micrometers) through linear,
homogenous substrates such as PA (Maloney et al., 2008). Cells
on fibrous substrates can be influenced by structures that are
up to 130 µm away (Leong et al., 2010; Feng et al., 2013).
The fibrous nature of biological substrates enables cell-induced
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forces to propagate through individual fibers to interact with the
underlying coverslip (Rudnicki et al., 2013).

Substrate Rigidity Gradients
Cells are found to migrate toward areas of higher stiffness, a
process known as “durotaxis,” and focal adhesion traction is
critical to this process (Plotnikov et al., 2012). Durotaxis is
the term used to describe cell migration governed by rigidity
gradients arising from the microstructural properties of the
substrate, and typically involves cell migration preferentially
towards stiffer substrates (Lo et al., 2000; Cukierman et al., 2001;
Zamir and Geiger, 2001; Saez et al., 2005; Schwarz and Bischofs,
2005). By altering the differential diffusion distance of cross-
linker and monomer into a PA hydrogel it was possible to produce
substrates with stiffness gradients (0.5, 1.7, 2.9, 4.5, 6.8, and 8.2
kPa/mm) at the cell–matrix interface. Stiffness-dependent human
adipose-derived stem cell (hASC) morphology, migration, and
differentiation were studied (Hadden et al., 2017). Stiffness
gradients of 2.9 kPa/mm were found to be nondurotactic, whereas
durotaxis was observed on matrices with gradients of 8.2 kPa/mm
(Figure 4). The mechanosensitive proteins Lamin A/C, Lamin
B, YAP and myocardin-related transcription factor (MRTF-A)
were analyzed. Lamin A expression scaled in a dose-dependent
manner in response to stiffness, and Lamin A/Lamin B ratios
increased exponentially with stiffness. Nuclear translocation of
YAP was confirmed to be sensitive to stiffness for certain ranges.
The MRTF-A was affected by stiffness and peaked at ∼20 kPa.
Adipogenic marker PPARγ was upregulated at 3 kPa, myogenic
transcription factor MyoD was upregulated at 12 kPa; whereas
the osteogenic marker CBFA1 was highest at 36 kPa.

Human MSCs have been investigated on hydrogels of varying
stiffness gradients (0.04–1.6 kPa/µm) and different absolute
stiffness (2.5–10 kPa) prepared using photo-crosslinkable gelatins
(Moriyama and Kidoaki, 2019). For every increase in the absolute
stiffness (2.5, 5, and 10 kPa), the threshold stiffness gradient (TG)
also increased (0.14, 1.0, and 1.4 kPa/µm, respectively). This was
because the cells formed more stable focal adhesions in the stiffer
region, as confirmed by vinculin staining. They concluded that
the intrinsic stiffness gradient of the material must be greater than
position-dependent stiffness to induce cellular durotaxis.

Substrate Stiffness and Porosity
To uncouple the role of matrix tethering, matrix porosity
and matrix stiffness for governing stem cell differentiation, a
study modulated substrate porosity in PA gels without altering
modulus (Wen et al., 2014). It was shown that increasing the
concentration of the bis-acrylamide crosslinker could achieve
substrates with stiffness in the range of 4–33 kPa, and also
that specific formulations of crosslinker decreases the relative
pore size without markedly altering hydrogel modulus. This
study reported that varying substrate porosity, by altering the
ratio of acrylamide monomer and bis-acrylamide crosslinker, did
not significantly change matrix tethering, substrate deformations
or stem cell differentiation potential. Moreover, osteogenic
and adipogenic differentiation were unaffected by varying the
protein–substrate linker density or in the absence of protein
tethering. Thus, it was proposed that matrix stiffness regulates

stem cell differentiation independently of protein tethering and
porosity (Wen et al., 2014).

Another study sought to understand the combined influence
of matrix stiffness and porosity on the fate of human epidermal
stem cells and MSCs by culturing them on collagen coated
PDMS surfaces that had been crosslinked to achieve a range
of substrate stiffness (0.1 kPa – 2.3 MPa) and PA hydrogel
surfaces of varying stiffness (0.5–740 kPa) (Trappmann et al.,
2012). For the PA surfaces, pore size was inversely correlated with
stiffness, resulting in substantial differences in effective porosity
for the varying stiffness substrates (15 nm in 2 kPa gels, but
>2 nm for the stiff gels above the 115 Pa). Most interestingly,
epidermal stem cells plated on the most porous substrates were
rounded and underwent terminal differentiation, whereas on
low porosity substrates (stiffest gels) cells spread and remained
undifferentiated. It was proposed that porosity influences cell
attachment because the collagen anchoring points would be
further apart in softer gels. These findings support the concept
that matrix stiffness does not govern cell shape in 3D hydrogels,
and that stem-cell differentiation is regulated by the ability of
cells to remodel the ECM. Moreover, it was shown that stem-
cell fate can indeed be determined by the collagen anchoring
density whereby keratinocytes differentiated and did not spread
when grown on collagen with a low nanoparticle density (190 nm
spacing), but cells spread and did not differentiate when cultured
on collagen with closely anchored nanoparticles (60 nm). It was
concluded that epidermal stem cells and MSCs exert a mechanical
force on collagen coated substrates and consequently respond to
the mechanical feedback provided by the collagen. This feedback
is altered in hydrogels of different stiffness due to variations
in anchoring densities, and ultimately governs stem cell-fate
decisions (Trappmann et al., 2012).

Switching Stiffness – Mechanical Memory
The culture of MSCs on soft (∼0.5 kPa) or stiff (∼40 kPa)
hydrogels followed by transfer to hydrogels of the opposite
stiffness have been investigated (Lee et al., 2014). PA hydrogels
of varying stiffness were developed and PDMS stamps (fabricated
using photolithography based approaches) were used to pattern
the PA surfaces with fibronectin. It was reported that MSCs
cultured on soft gels expressed markers for neurogenesis whereas
those cultured on stiff hydrogels expressed increased markers
of osteogenesis. Transfer of MSCs to hydrogels of the opposite
stiffness resulted in a switch in lineage specification. Of note,
MSCs originally cultured on stiff hydrogels maintained increased
markers of osteogenesis, suggesting a degree of irreversible
activation. On this basis it was proposed that MSCs remain
susceptible to matrix stiffness for several weeks and can redirect
lineage specification in response to altered cues. ASCs have
been shown to behave similarly to BMSCs by committing to
becoming neurogenic, myogenic, and osteogenic on 1, 10, and
34 kPa PA substrates, respectively. Moreover, lineage-specific
mRNA expression was higher in ASCs than BMSCs. Interestingly
ASCs fused into multi-nucleated myotubes and expressed mature
muscle proteins and remained fused even when switched to a
stiff niche, which had not been previously reported for BMSCs
(Choi et al., 2012).
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FIGURE 4 | (A) Human ASC migration and (B) speed/velocity on 2.9 kPa/mm and 8.2-kPa/mm stiffness gradient fibronectin-coated PA gels over 72 h. (C) Average
speed (xy) and x and y velocity over 72 h of hASCs on low (0.5 kPa/mm), middle (1.7 kPa/mm), and high (2.9 kPa/mm) stiffness gradient hydrogels. Adapted with
permission from Hadden et al. (2017). *P < 0.05, ***P < 0.001.

Photodegradable PEG hydrogels (∼10 kPa) were altered to
become soft (∼2 kPa) by irradiating with UV light (Yang
et al., 2014). It was reported that activation of YAP/TAZ and
RUNX2 in human MSCs cultured on soft substrates (2 kPa)
depended on previous culture time on stiff substrates (3 GPa).
Moreover, a threshold duration for mechanical priming was
uncovered, whereby MSCs cultured initially for short durations
(>7 days) on stiff PEG hydrogels, followed by culture on soft
phototunable PEG hydrogels, demonstrated reversible activation
of YAP/TAZ and RUNX2. This activation was irreversible in
cells cultured for 10 days on stiff phototunable PEG hydrogels
before further culture on soft substrates. It was also reported
that increased durations of culture for MSCs on stiff tissue
culture polystyrene enhanced osteogenic differentiation. On
the basis of these findings it was proposed that stem cells
possess mechanical memory of past physical environments,
mediated by YAP/TAZ signaling, which influences stem cells
fate. Using methacrylated HA substrates fabricated using addition
polymerisation and crosslinked using Dithiothreitol (DTT), UV
light was used to switch substrates from soft (3 kPa) to stiff
(30 kPa) (Guvendiren and Burdick, 2012). The immediate and
long-term response of human MSCs to this in situ substrate
stiffening reported that hMSCs switched from adipogenic to
osteogenic differentiation upon such stiffening. These changes
were accompanied by increases in cell area, traction forces
and motility, which equilibrated within 2–4 hours. Notably, the
timing of the change in the mechanical environment was critical,

whereby early switching (minutes-to-hours) favored osteogenic
differentiation of the hMSCs whereas later switching (days-
weeks) tended towards adipogenesis.

Micropost Arrays
Micropost arrays (MAs) can be used to obtain various mechanical
rigidities for the purposes of studying mechanobiology. The
arrays are composed of deformable elastomeric materials, onto
which contractile cells are seeded. The cells exert traction forces
to deflect the posts and, by Beam Theory, the elasticity (E),
height (L) and diameter (d) of these posts determines the
degree to which they bend in response to these forces. For
such studies, master molds are made of materials such as
silicon. MAs are developed by forming copies of this master
mold, using silicon or thermoplastic material such as PDMS
(Tan et al., 2003). By varying the height of the posts in the
manufacturing process, this approach allows for investigation of
substrate rigidity independent of surface properties.

Micromolded PDMS hexagonal microarrays (PMAs) were
constructed using microfabricated silicon masters (Fu et al., 2010)
and the length of PDMS microposts was varied to alter substrate
rigidity (high rigidity: L = 0.97 µm, K = 1,556 nN/µm, medium
rigidity: L = 6.1 µm, K = 18.16 nN/µm, low rigidity: L = 12.9 µm,
K = 1.90 nN/µm), while maintaining the same surface geometry.
Using these PMAs hMSC differentiation was investigated in
relation to substrate stiffness. Through histological staining and
PCR gene expression analyses it was reported that osteogenic
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differentiation was favored on rigid PMAs (K = 1,556 nN/µm)
whereas adipogenic differentiation was enhanced on softer arrays
(K = 1.90 nN/µm). There was a strong correlation between
traction forces and the differentiation of hMSCs, whereby cells
that underwent osteogenic differentiation demonstrated higher
traction forces than non-differentiating cells and hMSCs that
did not differentiate into adipocytes were more contractile
than differentiating adipocytes. This study also reported that
osteogenesis of hMSCs was decreased following treatment
with Y-27632 to inhibit Rho-ROCK signaling, which provided
evidence that osteogenic differentiation on stiff substrates
is mediated by the actin cytoskeleton. In another study,
microposts were constructed using silicon MA masters and
deep reactive ion etching of the silicon masters was conducted
for varying durations to achieve different micropost heights
(Sun et al., 2012). PDMS was poured over the master and
cured to obtain a mold from which the PDMS micropost
array was fabricated and this was then coated with vitronectin
to promote cell adhesion. This approach achieved a range
of effective stiffness (1.92 kPa – 1,218.4 kPa). Using this
PMA system it was reported that substrate rigidity plays an
important role in regulating stem cell pluripotency, where
greater than 20% of hESCs cultured on rigid PMAs (1218.4
kPa) remained undifferentiated compared to cells on soft
PMAs (1.92 kPa). Moreover, hESCs were shown to increase
cytoskeletal contractility with increased matrix rigidity. It
was proposed that cytoskeleton contractility in response to
changes in matrix properties might be associated with gap
junctions. In another micropost array study, it was reported
that neural induction of hESCs can be accelerated by altering
the micropost stiffness, whereby a soft substrate (5 kPa)
promoted hESC neuroepithelial conversion (Sun et al., 2014).
Moreover, the purity and yield of functional motor neurons
derived from these neural progenitors was enhanced on soft
(5 kPa) compared to rigid (1,200 kPa) PMAs. Through
immunofluorescent staining and Western Blot assays, it was
shown that this process involved Smad phosphorylation and
nucleocytoplasmic shuttling, regulated by Hippo-YAP signaling
and cytoskeletal contractility.

3D Biomaterial Scaffolds
3D culture systems mimicking in vivo architecture and biological
roles of the ECM surrounding encapsulated cells recapitulate
the in vivo environment to a degree of complexity not
achievable in a 2D culture system. Human MSCs were seeded
on fibronectin-hyaluronic acid (FN–HA) hydrogels containing
different amounts of FN (Trujillo et al., 2020). In the absence
of FN, YAP mainly localized in the cytoplasm, whereas in
the presence of FN (50 µg/mL to 500 µg/mL), YAP mainly
localized in the nucleus. This was observed even though the
elastic modulus was similar across all formulations (7 kPa). In
contrast YAP translocation to the nucleus did not increase with
increasing amounts of FN in 3D. Thus it was proposed that YAP
nuclear translocation is affected by dimensionality and by cell
spreading in 3D compared to 2D, as cell spreading was similar
across all experimental groups. There are a vast number of papers
investigating 3D biomaterial systems for stem cell culture and

here we limit our discussions to crosslinked, degradable, porous
and viscoelastic biomaterials in order to further understand
how mechanical properties of the biomaterial matrices effect
stem cells. For detailed discussions about biomaterial properties
and their effects on stem cells the readers are referred to
read reviews (Dawson et al., 2008; Kraehenbuehl et al., 2011;
Zhao et al., 2019). Tissue engineering scaffolds provide the
cells with a 3D platform for cell attachment and proliferation,
whilst also providing the mechanical stability needed to deal
with the physiological and biological challenges in the in vivo
environment. To achieve access and space for the cells to
proliferate and make a matrix, but also to allow for nutrient
supply, most 3D biomaterial scaffolds are developed to be porous.
This porosity and 3D architecture can be incorporated by various
approaches, including freeze drying, electrospinning, extracting
porogen templates using solvents, degradation of soft materials,
or 3D printing. It should be noted that these provide biomaterials
with complex 3D mechanical environments, which are dictated
by the stiffness of the bulk material from which the scaffold is
comprised, as well as the topographical features of the material
and the specific characteristics of the porous architecture (e.g.,
porosity, pore size, strut thickness).

The extent to which ECM rigidity affects stem cell phenotype
has been investigated in a 3D culture system where MSCs
were encapsulated in PEGDM polymers at varying weight
percent, which were photo-crosslinked in the presence of
acryloyl-PEG-GRGDS2 (Huebsch et al., 2010). Osteogenic
differentiation occurred predominantly when MSCs were
encapsulated within moderate stiffness 3D hydrogels (11–
30 kPa), whereas adipogenesis was favored for hydrogels within
the 2.5–5 kPa stiffness range. Contrary to 2D in vitro culture
studies, it was reported that stem cell and nuclear morphology
were not strongly correlated to the mechanical properties of
the 3D hydrogels for the specific ranges investigated. However,
matrix stiffness regulated integrin binding and reorganization of
adhesion ligands through cell contractility and blocking RGD
binding to integrins inhibited osteogenesis. Adhesion, shape,
and cytoskeletal organization of MSCs were shown to depend
on the stiffness (0-40 kPa) of 3D cross-linked hyaluronic acid
(HA) and 2D PA substrates, with stiffer matrices promoting
cell spreading (Rehfeldt et al., 2012). Stem cells embedded in
HA matrices were constrained to spherically symmetric shapes
and the assembly of a predominantly cortical cytoskeleton.
Inhibition of myosin-II contractility (using Blebbistatin)
prevented spreading of MSCs treatment. Human BMSCs were
encapsulated in collagen scaffolds of different stiffness (1, 2, 7
and 29.7 kPa) and cultured in the presence of 1:1 pro-osteogenic
(50 µ/mL ascorbic acid, 10 mM β-glycerophosphate and 100
nM dexamethasone) and pro-adipogenic (1 µM dexamethasone,
200 µM indomethacin and 0.5 mM 3-Isobutyl-1-methyl-
xanthine) media to investigate the adipogenic and osteogenic
differentiation potential of hBMSCs (Herrera et al., 2019).
Both osteocalcin and perilipin were found intracellularly for all
stiffness using immunohistochemical methods. These images
were evaluated using custom-made macros developed for ImageJ.
Medium-stiffness scaffolds (2 kPa and 7 kPa) resulted in higher
osteocalcin signal intensity compared to the low (1 kPa) and high
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(29.7 kPa) stiffness scaffolds. With increasing stiffness (1 to 29.7
kPa), perilipin signal intensity decreased.

Interestingly it has been shown that MSCs undergo adipogenic
differentiation when they are encapsulated within covalently
crosslinked non-degradable HA matrices of varying stiffness
(4.4–91 kPa), whereas osteogenic differentiation was observed
in HA matrices that were modified to be degradable (Khetan
et al., 2013). It was proposed that that hydrogel structural cues
provided by covalent crosslinking mediate MSC differentiation.
Within hydrogels of the same modulus, osteogenesis was favored
when cells were able to contract the surrounding matrix, whereas
adipogenesis was favored when cells were restricted to be
rounded by secondary physical crosslinking. This secondary
crosslinking reduced hydrogel degradation, suppressed traction,
and resulted in a change from osteogenesis to adipogenesis.
In another study, MSCs were encapsulated into a nano-porous
hydrogel that formed pores after injection into host tissues
(via hydrolytic degradation), with the objective of decoupling
pore formation from elasticity (Huebsch et al., 2015). Cell
proliferation and osteogenic differentiation (ALP) were shown to
peak in void-forming hydrogels with intermediate bulk stiffness
(60 kPa), but drop off for those at higher stiffness (110 kPa).
Collagen I expression and mineralization by MSCs within void-
forming hydrogels were also shown to be enhanced in hydrogels
with a bulk elasticity greater than 60 kPa. A recent study
used macro-porous substrates (recombinant elastin-like protein
(ELP)) that could control mechanical properties and ligand
chemistry independent of each other (Haugh et al., 2018).
Interestingly, MSCs upregulated markers for both osteogenesis
(ALP) and adipogenesis (triglyceride) when cultured in stiff
3D porous substrates (16 and 50 kPa), when compared to
soft counterparts (0.5 kPa), which diverges from previously
observed responses to substrate stiffness. It was proposed
that this was due to the importance of topography as a
determinant of cellular behavior. One study aimed to investigate
the precise effect of pore size (100, 200, and 300 µm)
within 3D fibrous ECM-like scaffolds, fabricated using melt
electrowriting (MEW), on the osteogenic potential of hBMSCs
(Brennan et al., 2019). Human BMSCs were seeded onto
MEW scaffolds and assessed to determine an optimum pore
size. They found a pore size of 100 µm to be optimal
demonstrating the greatest stiffness (∼0.6 N/mm), greatest
seeding efficiency (55.7%) and maintenance of spread cell
morphology. Interestingly, the benefits of 100 µm square pores, a
pore size traditionally reported as a lower limit for osteogenesis,
illustrated enhanced osteogenic effects with significantly greater
collagen and calcium deposition.

The viscoelastic behavior of natural extracellular matrices
was recapitulated by developing a method to alter the
rate of stress relaxation of 3D hydrogels, independent of
stiffness, degradation and ligand density (Chaudhuri et al.,
2016). The nanoscale architecture of alginate hydrogels was
modified to develop constructs with a wide range of stress
relaxation rates, but a similar initial elastic modulus. Different
molecular weight polymers and crosslinking densities of
calcium, which ionically crosslinks alginate, were used to
alter the stress relaxation properties of the hydrogels. The

rate of stress relaxation was increased by (1) lowering the
molecular weight of the alginate from 280 kDa to 35 kDa
and (2) coupling 5 kDa PEG spacers to the 35 kDa alginate.
This increased rate of stress relaxation mimics the stress
relaxation rates known to be exhibited by various tissues and
relevant to cell behavior. Viscoelastic alginate hydrogels that
exhibited fast stress relaxation were shown to enhance cell
spreading, proliferation, osteogenic differentiation by MSCs
and formation of a mineralized matrix. Moreover, it was
shown that these effects were mediated by integrins, local
clustering of RGD ligands, actomyosin contractility, and nuclear
localization of YAP. Another study investigated the role that
cell volume plays in regulating stem cell fate in 3D culture.
MSCs cultured in viscoelastic hydrogels demonstrated volume
expansion through cell spreading which increased osteogenesis.
A reduced rated of stress relaxation or an increased osmotic
pressure restricts volume expansion and reduces osteogenesis,
regardless of cell morphology. On the contrary, a reduced
osmotic pressure induces volume expansion and accelerates
osteogenesis. TRPV4 was identified as a mechanosensor of
matrix viscoelasticity that regulates osteogenesis (Lee et al.,
2019). It was found that TRPV4 ion channel activation and
volume expansion controls nuclear localization of RUNX2
to promote osteogenic differentiation. Quantitative micro-
elastography (QME) of hASCs encapsulated in 3D GelMA
hydrogels demonstrated elevated cell and extracellular elasticity
in 3D. Interestingly, there was an observed increase in
elasticity (>10 kPa) in GelMA containing TAZ-activated hASCs
(Hepburn et al., 2020).

Using microphotopatterning (µPP) substrates with aligned
cell-adhesive cues, TRPV4-mediated Ca2+ signaling in hMSCs
has been shown to be critical to the formation of aligned collagen
matrix assembly (Gilchrist et al., 2019). This process can be
manipulated by altering TRPV4 activity such that inhibition of
TRPV4 reduced Ca2+ signaling and inhibited aligned collagen
fibril assembly and activation of TRPV4 accelerated aligned
collagen formation. TRPV4-dependent Ca2+ oscillations were
found to be independent of pattern shape or subpattern cell
location (Gilchrist et al., 2019). A FRET-based intracellular
tension sensor was used to examine the effects of TRPV4
activity on tension across the protein vinculin within focal
adhesions and inhibition of TRPV4 decreased tensile force across
vinculin, whereas activation of TRPV4 resulted in a dynamic
unloading and reloading of vinculin. Thus it was proposed that,
in combination with substrate-mediated control of cell shape and
position, TRPV4-dependent Ca2+ signaling in MSCs regulates
aligned collagen fibril assembly.

Mechanical Loading
It is widely understood that other forms of mechanical
stimulation, such as fluid shear stress, hydrostatic pressure
and tensile strain also influence the fate of MSCs in vitro
(Koike et al., 2005; Sen et al., 2008; Arnsdorf et al., 2009;
Kearney et al., 2010; Case et al., 2011). For example, intermittent
and oscillatory fluid flow can induce osteogenic expression
(calcium signaling, osteopontin and osteocalcin expression) of
bone osteoprogenitors (Kreke and Goldstein, 2004; Li et al.,
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2004). Cyclical mechanical strain (8%) increases markers of
osteogenesis (ALP, OC, Col I, Col III, Cbfa1) in human BMSCs
(hBMSCs) (Jagodzinski et al., 2004). In another study, 10%
cyclic mechanical strain has shown to stimulate higher amounts
of ALP and calcium deposition by dental MSCs via RANKL
activation. It also showed dramatic changes in mRNA and
protein expression of osteogenesis-specific biomarkers, such
as OPG, BSP and DSP (Zhang et al., 2019). Application of
hydrostatic pressure, within ranges similar to that seen in vivo
(0.1 MPa – 10 MPa), can enhance chondrogenic differentiation
of stem cells in aggregates or seeded on collagen or agarose
scaffolds, and thus promote the production of the cartilage
template (Angele et al., 2003; Miyanishi et al., 2006; Finger et al.,
2007; Luo and Seedhom, 2007; Wagner et al., 2008; Ogawa
et al., 2009; Meyer et al., 2011; Vinardell et al., 2012; Carroll
et al., 2014; Freeman et al., 2017). Furthermore, mechanical
stimulation results in increased mineralized matrix production
by hBMSCs cultured in 3D, short bouts of dynamic compression
(5%) induce bone matrix production (Sittichokechaiwut et al.,
2010). In another study, hBMSCs were encapsulated in alginate
(Alg)/HA or Alg/hydroxyapatite (Hap) hydrogels (Schiavi et al.,
2018). Hydrogels were cultured for 28 days and stimulated
daily. Mechanical loading increased chondrogenesis in Alg/HA
hydrogels, with presence of GAG and collagen II. In the Alg/Hap
hydrogels increased collagen X was detected. It was proposed
that Hap induces stem cells to differentiate into a hypertrophic
chondrocytic phenotype and increased mechanical strength
of the hydrogel. The mechanical behavior of the stratified
hydrogels were investigated by plane–strain compression tests.
Interestingly, it has been reported that increasing hydrogel
stiffness from 5 kPa to 29 kPa restricted hMSC spreading in
3D GelMA hydrogels, whereas cyclic compressive strain (0.15
to 0.63 mm) increased cell spreading. Furthermore, the highest
strain (42%) group showed a significant increase in osteogenic
differentiation (RUNX2 expression and calcium deposition) of
hMSCs in 5 kPa GelMA hydrogel compared to other groups
(Seo et al., 2018).

Substrate stiffness can be altered by the application of extrinsic
mechanical loading to the material. A four point bending
device enabled the tuning of substrate stiffness by applying
microstrain tensions to cell-seeded substrates (Qi et al., 2008).
However, such approaches also change the shape of the substrate,
which may affect cell behavior independent of substrate bulk
material properties (Marcello Pilia et al., 2013). One study found
that application of low intensity vibration (LIV) restored MSC
proliferation and nuclear proteins LaminA/C and Sun-2 when
subjected to simulated microgravity (sMG) (Touchstone et al.,
2019). Disabling LINC functionality via co-depletion of Sun-1,
and Sun-2 prevented restoration of cell proliferation by LIV.
Another study found that application of high magnitude high
frequency (HMHF, 2.5 Gpeak, 100 Hz) vibration to hASCs on
a tissue culture plastic in basal and osteogenic culture media
resulted in decreased osteogenic media induced changes in
nuclear size and elongation (Halonen et al., 2020).

A dynamic topographic substrate was developed using a
polyelectrolyte multilayer (PEM) coated shape memory polymer
(SMP), which upon change in incubation temperature transitions

from a flat-to-wrinkle configuration inducing a change in
morphology but no change in stiffness (Sun et al., 2020). The
specific objective was to investigate the progressive remodeling
of human iPSC-CMs seeded onto SMP-PEM substrates within
a 24-hour period. Initial wrinkle formation occured (Hour 0)
in response to a change in incubation temperature from 30◦C
to 37◦C. The alignment of hiPSC-CMcells remained unchanged
early in the culture period (0–12 hours), but slowly reoriented to
the wrinkle direction after hour 16. With regards to intracellular
myofibril reorganization, the sarcomere index decreased early in
the culture period and vinculin length decreased at early time
points (hour 4 and 8) but returned to the original length at
hour 12. Thin filament length and the sarcomere length increased
late in the culture period (16–24 h) (Sun et al., 2020). Thus
it was proposed that hiPSC-CM processes respond to dynamic
structural cues from cell microenvironment.

CHARACTERIZING CELL
CONTRACTILITY AS A FUNCTION OF
BIOMATERIAL STIFFNESS

To understand the intracellular mechanisms by which cells
interact with surrounding matrices, it is necessary to quantify
the mechanical forces exerted by cells on their underlying matrix.
Microposts can be used as microscopic force sensors. Cells seeded
onto these dense arrays of micro pillars (diameter 1–10 mm,
and length 10–100 mm) exert traction forces, causing the pillars
to bend. Each pillar acts as a cantilever beam, and thus Beam
theory can be applied to estimate the contractile force from the
displacement. Various PMAs (0.97–12.9 µm) were fabricated to
modulate and investigate substrate rigidity (Fu et al., 2010). Finite
element (FE) methods were used to predict deflections of the
PMAs in response to varied horizontal traction forces. Based on
these deflections, the nominal spring constant, K, was calculated
using FEM analysis and from Euler-Bernoulli beam theory. Using
this approach it was shown that hMSCs morphology, focal
adhesions, cytoskeletal contractility and differentiation towards
adipogenic or osteogenic lineages is governed by micropost
rigidity (Fu et al., 2010).

Contractile forces exerted by cells on biomaterial substrates
can also be quantified using Traction Force microscopy (TFM).
The TFM technique calculates traction forces generated by
cells on an underlying substrate as a function of deformations
of embedded beads, which are imaged using phase-contrast
or fluorescent microscopy, within the substrate under relaxed
and contracted conditions (Guvendiren and Burdick, 2012).
Contractile forces exerted by hMSCs on soft and stiff substrates
was quantified using TFM and it was shown that hMSCs
immediately respond to stiffness with increased in cell area,
traction forces and motility, which equilibrate within 2–4 h.

In another important study, traction forces of ASCs cultured
on PA hydrogels (4 and 30 kPa) were calculated based on
displacement maps of embedded fluorescent particles resulting
using traction force microscopy (Wen et al., 2014). It was
shown that hydrogel deformations due to cell contractions
were dependent on substrate stiffness, but not porosity. In that
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study AFM tip retraction velocity was matched to the pulling
velocity and size of focal adhesions (Wen et al., 2014), and it
was shown that cell-generated substrate displacements and cell
differentiation were similar for PA–PEG–RGD hydrogels and
collagen-coated hydrogels. It was proposed that this provided
evidence in support of matrix-induced differentiation occurring
through myosin-based cell contraction.

One study demonstrated that decreased myosin contractility
governs hPSC survival and proliferation on microcarriers. (Chen
et al., 2014). Human PSCs proliferated on non-coated positively
charged cellulose microcarriers containing either the ROCK
inhibitor (Y27632) or the myosin inhibitor Blebbistatin. Myosin
phosphatase 1 and myosin light chain 2 are dephosphorylated
in the presence of these two inhibitors, suggesting decreased
myosin contractility.

In another study, on-chip high-throughput experiments
allowed rapid assessment of the suitability of 15 methacrylated
gellan-gum (GG-MA)/media combinations for the osteogenic
differentiation of hASCs. Regardless of basal or growth
media conditions, all hydrogel formulations resulted in the
osteodifferentiation of hASCs. Moreover, the inhibition of
the actin-myosin contractility pathway impaired hASCs’
osteogenic differentiation and thus it was suggested that hASC
differentiation depended on the actin-myosin contractility
pathway (Oliveira et al., 2016).

COMPUTATIONAL MODELING OF
CELL-BIOMATERIAL INTERACTIONS

Computational modeling techniques can be applied to investigate
the interactions between stem cells and biomaterials, which
are challenging to characterize using experimental or analytical
approaches due to the complex material properties and structure
of the stem cells themselves, but also the biomaterial.

Finite element modeling techniques to represent and study cell
mechanics were first developed by implementing the simplifying
assumption that the cell could be approximated as a passive
material, either by the assumption that the cell was linear elastic
(McCreadie and Hollister, 1997; Charras and Horton, 2002),
hyperelastic (Caille et al., 2002), viscoelastic (Karcher et al., 2003;
Trickey et al., 2006) or biphasic (Guilak and Mow, 2000). Such
models were applied to investigate the effect of various extrinsic
mechanical stimuli, such as fluid flow (McGarry et al., 2005;
Vaughan et al., 2013), externally applied strain (Stops et al., 2008;
Stern et al., 2012) or strain applied directly to individual cells
(Rudd et al., 2001; Mijailovich et al., 2002), on the intracellular
loading state. However, biological cells are not passive but rather
contract their substrate through the action of the cytoskeleton
(Peterson et al., 2004; Wang et al., 2007; Guolla et al., 2012),
and the resistance of a biomaterial to such contraction generates
isometric tension within the cell (Goeckeler and Wysolmerski,
1995; Bodmer et al., 1997). To account for such tension, an FE
model of a hyperelastic cell incorporated a compressive pre-stress
throughout the cell cytoplasm for the purposes of studying the
displacement and strain fields induced within the cell monolayer
(Sen et al., 2009). Matrix elasticity and thickness were varied

to compare deformations within the matrix. It was reported
that stem cells were more sensitive to matrix stiffness than
myoblasts and osteoblasts, and that cells sense their surroundings
at the scale of adhesions rather than on the cellular scale
(Sen et al., 2009).

Thermal contraction can simulate cell contraction and predict
intracellular tension. In an unrestricted volume element, the
coefficient is in effect a strain, without the associated normal or
shear stresses. Under an applied boundary condition tension is
generated (in the opposite direction to the strain induced by the
thermal load), which is manifested by the maximum principal
stress induced in the system.

Cytoskeletal contractility and remodeling are critical
intracellular processes that enable cell-matrix interaction and
stress-generation by the actin cytoskeleton throughout the
cell and its matrix. An active model of cell contractility and
remodeling was developed to incorporate stress fiber formation,
dissociation, and contractility (Deshpande et al., 2007). This
model has been used to predict the contractile responses of
smooth muscle cells on a bed of microposts, and was shown
to predict force exerted by cells with the number of posts and
actin distributions within the cell (McGarry et al., 2009). This
framework was applied to investigate stress fiber and focal
adhesion formation on elastic substrates of varying stiffness
(Ronan et al., 2014). It was predicted that stress fiber contractility
plays an important role in the substrate-dependent response of
cells, whereby compliant substrates result in dissociation of stress
fibers and lower focal adhesion formation and stiffer substrates
result in the presence of stress fibers and FAs (Figure 5). On
compliant substrates (<2 kPa) the cell height was 6.7 µm,
whereas on stiffer substrates (>100 kPa) cell height was reduced
(5.3 µm). The average stress in the nucleus increased from 70 Pa
on compliant substrates to 600 Pa on stiffer substrates. However,
beyond a specific range of substrate stiffness (1-100 kPa) substrate
stiffness did not significantly alter the stress. Cellular contractility
(representative of different cell phenotypes) was predicted to
alter this stiffness range. The active contractility model has also
been used to examine the effects of extracellular mechanics on
stress fiber formation (Ronan et al., 2012; Weafer et al., 2013)
as well as the force generated by individual focal adhesions in
MSCs (Ronan et al., 2013) and to simulate cell remodeling under
static and dynamic loading of single cells (Dowling et al., 2012;
Reynolds et al., 2014; Reynolds and McGarry, 2015).

Computational approaches have been used to investigate the
precise effect of fibers on fibrous gel mechanical properties.
To study the effects of fibrosity on the properties of bulk
collagen gel, a microscale discrete fiber representative element
was linked to a Galerkin macroscale model (Stylianopoulos and
Barocas, 2007), demonstrating the non-uniform deformation of
a fibrous gel. This method was further developed to investigate
the response of cells to gel fibrosity (Rudnicki et al., 2013). The
formation of crosslinks is dependent on the position and density
of fibers in the collagen. In order for the effect of crosslinking
on cell behavior to be analyzed, particular attention must be
paid to the heterogeneity present in the substrate material. FE
simulations were used to investigate the effects of crosslinking
density and substrate thickness on the resistance of the gel
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FIGURE 5 | (A) Computational model of 3D cell with 240 fiber orientations in 3D space within a representative volume element (RVE). (B,C) High affinity and low
affinity integrins involved in the formation of focal adhesions between a cell containing stress fibers and a ligand-coated substrate (Ronan et al., 2014).

to cellular forces, corresponding to the equivalent stiffness of
collagen gels (Mullen et al., 2015). The models predicted that
cells cultured on a soft fibrous substrate spread similar to
those cultured on a stiff non-fibrous substrate. It was predicted
that as crosslinking density is increased and substrate thickness
decreased, an increase in equivalent stiffness of fibrous collagen
gels occurs (Mullen et al., 2015).

Using, a 3D numerical model of individual cell migration, it
was predicted that substrate stiffness, boundary conditions and
external forces regulate cell migration (Borau et al., 2011). The
model incorporated the mechanosensing process of the cell as the
primary mechanism regulating its movement.

Computational modeling was implemented to probe the
impact of pore topography on the mechanical stimulus that stem
cells experience within 3D matrices (Haugh et al., 2018). The
computational framework accounted for cellular contractility,
by applying micron-displacements to cell-attachments to the
matrix. The model investigated cell orientations and topography
within porous substrates, which were varied to predict how
these material parameters influence the local mechanical stimulus
sensed by cells. It was predicted that within porous substrates
cells experience heterogeneous mechanical stimuli due to the
wide range of possible cellular orientations within the pores.
Specifically, cells experience equivalent moduli ranging from 0.92
to 1.8 times the material modulus and that mechanical stimuli are
associated with cellular orientation (Haugh et al., 2018).

Another computational model was established to investigate
if substrate stiffness and oxygen tension regulate differentiation
of stem cells during fracture healing (Burke and Kelly, 2012).
It was hypothesized that mechanical signals act indirectly to
regulate angiogenesis, that chondrogenesis of MSCs occurs in low

oxygen regions, that high oxygen regions facilitate adipogenesis
and that a stiff substrate facilitates osteogenesis. The model
predicted all the major events of fracture repair, including
cartilaginous bridging, endosteal and periosteal bony bridging
and bone remodeling.

Overall, computational models have shown that different
environmental stimuli are potentially integrated by stem cells
in vivo to induce differentiation. The permissive in vivo
environment, comprising of several growth factors and cytokines,
induces differentiation of stem cells. Computational studies
support the hypothesis that substrate stiffness plays an important
role in determining stem cell fate in such a permissive
environment. The influence of these factors alone, or in
combination with extrinsic biophysical and biomechanical
stimuli in regulating differentiation of stem cells requires further
investigation. Understanding the key role these stimuli play
is challenging using computational models alone, however by
integrating computational models with appropriately designed
in vitro and ex vivo studies of stem cell differentiation, their role
may be elucidated.

DISCUSSION – PERSPECTIVE AND
CHALLENGES

Tissue engineering and regenerative medicine is a promising
scientific field that has significant potential for treating diseases
by manipulating the proliferation and differentiation of stem
cells using various biochemical, biophysical and biomechanical
approaches. These have provided an understanding of the
biochemical environment and the desired properties of
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biomaterial scaffolds that are required to encourage tissue
regeneration. However, the precise mechanical stimuli
experienced by stem cells within these environments, and the
regulatory role of such stimuli with respect to the differentiation
and regeneration potential of stem cells, are still obscure.

A particular challenge is that much of the current
understanding of stem cell mechanobiology has been derived
from experiments on 2D monolayer cultures. While these
experiments have provided an understanding of stem cell
mechanotransduction, ultimately they cannot provide a
complete picture of the in vivo situation due to limitations
in the reproduction of the complex 3D cellular mechanical
environment, which is dictated by the substrate stiffness, as
well as the topographical features of the substrate/tissue and
in many cases the addition of extrinsic loading (e.g. fluid
shear stress for nutrient supply or physiological mechanical
stimulation). Further fundamental studies are required to
characterize the mechanical stimuli stem cells experience in
their native environment, particularly the stimuli arising during
regenerative processes, as this will likely govern behavior such as
dormancy, potency and lineage commitment. Such studies will
provide an advanced understanding of the specific biophysical
cues required to regulate stem cell behavior in vitro. Existing
stem cell-based tissue engineering approaches do not strive to
mimic the in vivo mechanical environment surrounding these
cells in vivo during cell renewal and specialization, primarily
because these stimuli are unknown. The development of effective
regenerative medicine approaches requires significant progress
in understanding the precise role of mechanical stimulation
in regulating stem cell renewal and differentiation in vivo.
Such fundamental research can inform in vitro approaches to
enhance cell-matrix interactions and tissue regeneration and
ultimately enhance the development of tissue constructs for
clinical applications.

The role of matrix mechanics in 3D environments has been
investigated in a limited number of studies, and it has been shown
that MSCs encapsulated within 3D matrices respond differently
to changes in the material stiffness that those cultured on 2D
substrates (Huebsch et al., 2010, 2015; Parekh et al., 2011; Khetan
et al., 2013). Specifically, encapsulated cells are restricted from
spreading, as cells would across a 2D substrate to enable the
generation of intracellular tension. Thus in 3D environments
encapsulated cells generate tension by remodeling their matrix
by active degradation or by means of cellular reorganization of
ligands to generate traction, and it has thus been shown that cells
are thereby sensitive to changes in 3D matrix stiffness (Huebsch
et al., 2010; Khetan et al., 2013; Chaudhuri et al., 2016). Cell
spreading in 3D is associated with a reduction in the alignment
of fibrous architectures, and is correlated with enhanced
osteogenesis (Eichholz and Hoey, 2018). It has been shown
that topographical features of biomaterial substrates also dictate
the local mechanical environment and govern differentiation
of stem cells. Specifically, highly ordered nanotopographies are
not conducive to cell adhesion or osteoblastic differentiation by
MSCs, whereas random and nanodisplaced nanotopographies
induce osteogenic differentiation (Dalby et al., 2007). It was thus
proposed that disorder may be an effective strategy for MSC

differentiation. Moreover, substrates with highly aligned PCL
nanofibers enhanced neuronal differentiation of ESCs (Xie et al.,
2009). However, many details of the biological process whereby
stem cells are governed by the 3D mechanical environment are
still unclear, and further 3D in vitro studies are required to
provide an advanced understanding of how biomaterials based
approaches can be applied to govern stem cell differentiation and
tissue regeneration.

Future 3D in vitro studies are necessary to concurrently
study the interplay between mechanical cues provided by
biomaterial matrices and the mechanical stimuli arising
from extrinsic loading (fluid shear, compression, vibration),
which will be experimentally and computationally challenging.
Nonetheless, future development of effective regenerative
medicine approaches requires a paradigm shift to account for the
intrinsic role of all forms of mechanical stimulation for regulating
stem cell renewal and differentiation in vivo.

While the role of surface chemistry and biochemical factors
for regulating stem cell biology and tissue regeneration have
been widely studied, the influence of the biophysical and
biomechanical environment is less widely understood. The
field of mechanobiology has developed techniques to modify
and quantify mechanical properties of biomaterials, and also
quantify how cells interact with such matrices. Using these
techniques the role of the mechanical environment presented
by biomaterial substrates and 3D scaffolds for regulating stem
cell differentiation, renewal and migration have been uncovered.
Computational models provide a mechanistic understanding of
how biomaterial stiffness governs intracellular stimulation of the
actin cytoskeleton. Future development of effective regenerative
medicine approaches requires a paradigm shift to characterize
and account for the crucial role of mechanical stimulation in
regulating stem cell renewal and differentiation in vivo.
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Fibroblasts are cells present throughout the human body that are primarily responsible

for the production and maintenance of the extracellular matrix (ECM) within the tissues.

They have the capability to modify the mechanical properties of the ECMwithin the tissue

and transition into myofibroblasts, a cell type that is associated with the development

of fibrotic tissue through an acute increase of cell density and protein deposition.

This transition from fibroblast to myofibroblast—a well-known cellular hallmark of the

pathological state of tissues—and the environmental stimuli that can induce this transition

have received a lot of attention, for example in the contexts of asthma and cardiac

fibrosis. Recent efforts in understanding how cells sense their physical environment at

the micro- and nano-scales have ushered in a new appreciation that the substrates on

which the cells adhere provide not only passive influence, but also active stimulus that

can affect fibroblast activation. These studies suggest that mechanical interactions at the

cell–substrate interface play a key role in regulating this phenotype transition by changing

the mechanical and morphological properties of the cells. Here, we briefly summarize

the reported chemical and physical cues regulating fibroblast phenotype. We then

argue that a better understanding of how cells mechanically interact with the substrate

(mechanosensing) and how this influences cell behaviors (mechanotransduction) using

well-defined platforms that decouple the physical stimuli from the chemical ones can

provide a powerful tool to control the balance between physiological tissue regeneration

and pathological fibrotic response.

Keywords: fibroblast, myofibroblast, fibroblast-myofibroblast transition, mechanoresponse, fibrosis, homeostasis

INTRODUCTION

Fibroblasts are cells belonging to the mesenchyme that are capable of producing and modifying
extracellular matrix (ECM) components such as fibronectin and collagen (Kanekar et al.,
1998). They are present in various tissues. For example, in neonatal and adult heart tissues,
fibroblasts arise from endogenous cell populations via epithelial to mesenchymal transition (EMT)
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and from bone marrow derived cells (Visconti et al., 2006).
Cardiac fibroblasts play a crucial role during fetal development
and neonatal growth by contributing ECM to several specific
structures of the heart (Figure 1) (Manso et al., 2009; Souders
et al., 2009). In general, fibroblasts are flat and spindle shaped
and can be easily distinguished from other cell types residing in
the tissues, as fibroblasts lack tissue-specific functional hallmarks.
Returning to the example of the heart tissue, the cardiac
fibroblasts lack the basement membrane typical of the other
cardiac resident cells (Kanekar et al., 1998).

Despite this, fibroblasts perform various critical functions in
tissues and organs, such as generating ECM, actively migrating,
and producing or degrading growth factors and cytokines that are
fundamental for inflammatory cell response. Fibroblasts are also
key players in several tissue-specific functions, such as ensuring
normal heartbeat, where they form and maintain networks of
junctions with several cell types, without which the tissue enters
a pathological state (Camelliti et al., 2004, 2005; Baudino et al.,
2006). As such, understanding their behavior within the tissue is
a matter of high relevance, especially given that fibroblasts are a
very common cell type throughout the human body. Fibroblasts
have been extensively studied in vitro over several decades, partly
because they can be easily derived from different tissues and aided
by the simplicity of their in-vitro culture. There is evidence that
fibroblast have to be activated to proliferate and migrate during
specific pathophysiological conditions such as wound healing
and fibrosis, and thus play an important role for development
and repair of tissues (Gabbiani, 1996; Hinz et al., 2007). How
the activation, phenotype transition, and migration of fibroblast
take place in the contexts of injury response, tissue regeneration,
wound healing, and fibrosis remains a key outstanding question.

One of the first responses after a stress in the tissue, such as
in acute injures, is physical changes at the cellular and tissue
level, such as tissue stiffening associated with changes in the ECM
composition (Georges et al., 2007). These changes inevitably
disrupt the mechanical homeostasis that underlies normal tissue

FIGURE 1 | Fibroblast-to-myofibroblast transition (FMT). The scheme summarizes the FMT process, the corresponding changes in fibroblast behavior, and the

downstream effects at the tissue level. The transition start from the fibroblast activation due to the different kinds of stimuli. The activation can sometimes be reversed

or can proceed to the apoptosis of the myofibroblasts. When they escape these routes, due either to the persistent stimuli or to intracellular misregulations, FMT will

lead to changes in the extracellular matrix (ECM) deposition and its architecture, driving the tissue to a pathological state. At the cellular level, FMT results in

appreciable in the intracellular stress fibers and α-SMA expression.

architecture and function (Humphrey et al., 2014). Inflammatory
signals such as transforming growth factor beta (TGF-β) and
tumor necrosis factor alpha (TNF-α) are released after injury,
which can lead to cytoskeletal remodeling that, in turn, alters
cell-generated forces and cellular mechanical properties (Wang
et al., 2001; Leung et al., 2007; Yang et al., 2011). When the
injuries cannot be resolved and repaired, the response switches
from wound healing to fibrosis.

Fibroblast-mediated fibrosis can affect every tissue of the body
and is a frequent pathological feature of chronic inflammatory
diseases. During this pathological process, homeostasis is
disrupted and a variety of biochemical factors are released
by inflammatory cells, which trigger fibroblasts to undergo a
phenotypical change to become myofibroblasts, which in turn
leads to a notable change in the tissue microenvironment.
One critical pathway is the TGF-β pathway (Wynn and
Ramalingam, 2012; Rockey et al., 2015). This pathway can
strongly impact the transition of fibroblasts to a myofibroblast
phenotype, which involves alpha smooth muscle actin (α-SMA)
production with stress-fiber-like appearance, further leading to
migration, proliferation, and production of ECM components
such as collagen type 1 that changes the mechanical and
physical properties of the environment. It was shown that
increasing matrix stiffness, a phenomenon observed in aging
tissue, leads to myofibroblast activation (Wang et al., 2006;
van Putten et al., 2016). During dermal wound healing, the
stresses within the tissues are reduced especially inside the
wound bed, causing myofibroblasts to enter a quiescent state
or initiate the apoptosis pathway (Desmoulière et al., 1997;
Hinz et al., 2001b). On the other hand, splitting the wound
or exposing the tissue to chronic mechanical stress keeps
the myofibroblasts activated, leading to the opposite response,
i.e., preventing healing and promoting scar formation (Aarabi
et al., 2007; Gurtner et al., 2011). Similarly, during wound
healing, myofibroblast can be either inactivated, going toward a
more quiescent state, or continue with its normal functioning,
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leading the tissue in which it resides along the fibrotic pathway.
This risk associated with myofibroblasts escaping inactivation
and overcoming the apoptosis control is always present; an
example of controlled escaping is in the CCl4 rodent liver tissue
model, where hepatic stellate cells can turn into myofibroblasts
(Kisseleva et al., 2012).

As we shall discuss, the evidence indicates a complex, dynamic
interplay between fibroblasts and the extracellular matrix in
the tissue, where cells alter the properties of the environment
and, at the same time, changes in the substrate mechanical
and physical cues lead to changes in cellular organization and
behavior (Jaalouk and Lammerding, 2009; Kurniawan et al.,
2016). Sensing of physical extracellular cues and the subsequent
dynamics of the interaction between cells and the ECM
regulate the downstream mechanotransductive events, causing
a variety of nano- and micro-topography-sensitive cellular
behaviors, including cell adhesion, morphology, proliferation,
gene expression, self-renewal, and differentiation (Lemischka
and Moore, 2003; Kingham and Oreffo, 2013). In light of
these, in this review we highlight how a better knowledge of
how physical/mechanical stimuli can influence the phenotype
transition of fibroblasts can provide us with a better control on
this process and allow us to revert in more efficient way the
fibrotic tissue response, thereby presenting an important step
forward to treat fibrotic pathologies.

FIBROBLAST-TO-MYOFIBROBLAST
TRANSITION

A key step in wound healing, but also in fibrotic pathological
diseases, is the activation of the fibroblast to become
myofibroblast, where they escape the entrance to a quiescent
state or the apoptosis pathway (Gabbiani et al., 1971). This
phenotype transition is defined as Fibroblast-to-Myofibroblast
Transition (FMT). The influence of FMT has received significant
attention in the context of diseases such as bronchial asthma
(Michalik et al., 2018). Some tissue-specific FMT events
have been identified, such as increased collagen deposition
within the subepithelial basement membrane in asthma,
although these events do not fully explain the variations in
the severity of asthma (Chu et al., 1998). Here, therefore, we
will focus on the shared features of FMT and factors that
promote FMT, drawing examples from different tissues and
tissue pathologies.

Broadly, FMT can be subdivided into 2 stages. The fibroblast
first become activated to a proto-myofibroblast phenotype,
followed by a second stage completing the cell phenotype
transition (Tomasek et al., 2002; Hinz and Gabbiani, 2003).
During the initial transition stage, distinguishing the normal
fibroblasts from proto-myofibroblasts is very difficult, but if
the elevated mechanical, physical, and biochemical stresses
due to the injuries continue to be present in the tissue,
they start the polymerization of α-SMA-containing stress
fibers (Figures 2A,B). The hallmarks of the full transition
into myofibroblast are the expression of β-cadherins, the
formation of mature focal adhesions (FAs), and reduction in

migration and proliferation, with increased contractility (Hinz
and Gabbiani, 2003; Hinz et al., 2004; Ward et al., 2008).
The mechanical tension of the wound and the presence of
growth factors further push toward the phenotype transition
from fibroblast to myofibroblast (Balza et al., 1988). Interestingly,
the formation of stress fibers that promote cell motility
can also be induced by the presence of growth factors
(Malmström et al., 2003), suggesting the role of environmental
humoral stimuli in FMT.

Environmental Stimuli Affecting FMT
Humoral stimuli (Figure 2C) have been generally believed to
be fundamental to drive the phenotype transition of fibroblast,
especially the role of TGF-β growth factor. TGF-β is present
in 3 different isoforms (TGF-β1, TGF-β2, and TGF-β3) that are
secreted by cells into the extracellular space (Minshall et al.,
1997; Batra et al., 2004; Howell and McAnulty, 2006; Rahimi
and Leof, 2007). TGF-β may have pro- or anti-apoptotic effects
on epithelial cells (Al-Alawi et al., 2014) and can induce EMT
in airway epithelial cells from asthmatic subjects (Hackett et al.,
2009). It is well-documented that TGF-β can trigger FMT in
asthmatic subjects (Sagara et al., 2002; Le et al., 2007; Luo
et al., 2014) and in in-vitro cultures (Minshall et al., 1997;
Batra et al., 2004; Howell and McAnulty, 2006; Boero et al.,
2007; Milara et al., 2012). It was furthermore shown that other
growth factors have a well-coordinated activity with TGF-β to
promote FMT, such as CTGF (also known as CCN2) (Kular
et al., 2011), PDGF, which increases the number of migrating
cells and encourages phenotypical shifts of lung fibroblast toward
myofibroblasts (Malmström et al., 2003), as well as NGF (Bonini
et al., 1996) and IGF-1 (Yamashita et al., 2005; Boero et al., 2007)
in different tissues.

Another kind of FMT-inducing stimuli is related to an
elevated influx of immune cells associated with increased
vascular permeability, and the subsequent release of cytokines
and chemokines. Especially the role of interleukins during
inflammatory response and how they are correlated to FMT
is well-understood. For example, when stimulated by IL-4 and
IL-3, the expressions of α-SMA in human lung fibroblasts are
increased depending on the interleukins concentration and in
a time-dependent manner (Hashimoto et al., 2001; Saito et al.,
2003).

More recently, mechanical stimuli have also been
demonstrated to have a key role in FMT (Tomasek et al.,
2002; Balestrini et al., 2012; Hinz et al., 2012; Darby et al., 2016).
Several in-vitro studies have shown that mechanical stress within
the cellular environment, induced for instance by different
mechanical and physical properties of collagen gels, is one of the
factors that controls the shift in the fibroblast phenotype and cell
fate (Arora et al., 1999; Hinz et al., 2001b;Wang et al., 2003; Choe
et al., 2006; Balestrini et al., 2012). However, at the moment,
there are still very few results on the direct impact of mechanical
factors and their influence in FMT. There is evidence that
mechanical stress leads to an increase of the ECM proteins and
proteoglycan content (Breen, 2000; Ludwig et al., 2004; Le Bellego
et al., 2009; Manuyakorn, 2014; Manuyakorn et al., 2016) and in
recent studies it was demonstrated that mechanical properties
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FIGURE 2 | Key signatures of FMT. (A) Influence on cytoskeletal arrangement and cardiomyogenic differentiation of the substrate that presents pattern at different

time points. Along the first row the cells reside on flat surface while the following two present same kind of grooves but with different dimensions. Image was adapted

with permission from Gu et al. (2017). (B) Schematic illustration of the mechanostimulation that lead to myofibroblast differentiation. The upper part shows that

endothelial cells lose their endothelial markers. The lower part shows that mechanical factors, such as the degradation or production of ECM that alter tissue

stiffening, can induce the differentiation, for example in cardiac fibroblasts. Image was adapted with permission from Schroer and Merryman (2015). (C) Different

fibroblast activation pathways through biochemical and mechanical factors in asthmatic (AS) and not asthmatic (NA) patients. Image was adapted with permission

from Michalik et al. (2018).

of the microenvironment in which the cells reside, such as lung,
bronchial, neuronal and cardiac tissues, have an active role on cell
fate and their development (Tschumperlin, 2013; Michalik et al.,
2018; Park et al., 2018). These studies suggest that biochemical,
mechanical and physical factors in the microenvironment take
part in a regulatory network that leads to different cell fate by
specifically inducing intracellular changes also at a mechanical
level, inducing the completion of the phenotypic transition from
proto-myofibroblast to myofibroblast.

Role of Physical Stimuli in FTM
Cell Phenotype Is Driven by Physical and Mechanical

Properties of the Environment
In vivo, cells are embedded in a complex ECM during both
development and normal homeostatic maintenance, where ECM
fibers present chemically and structurally intricate contact
interfaces. Within this intricate ECM network, fibroblasts
and other cell types drive ECM remodeling by deforming,
reorienting, and degrading the ECM fibers, as well as depositing
new ECM (Zamir et al., 2000; Shieh et al., 2011). These events
are critical for tissue morphogenesis and maintenance. To
study these contact interfaces systematically, minimal in-vitro
model systems using eithermicrofabricated substrates, controlled
deposition of ECM fibers, or structured protein patterns have
been developed (Kurniawan and Bouten, 2018).

Experiments performed using adipose stromal cells (ASCs)
cultured in collagen matrices of different architectures show
that matrices with thicker fibers promote ASC phenotype
transition into myofibroblast through regulation of VEGF and
IL-8 secretion (Seo et al., 2020). Intriguingly, nanoscale changes
in the ligand spacing of model ECM fibers were shown to
influence the collective cell behavior and overall characteristics,
such as action-potential propagation in cardiac myocytes, on the
scale of centimeters, suggesting effects on the ECM organization

over six orders of magnitude of length scale (Kim et al.,
2010). Recent works from our group using patterning of ECM
proteins have furthermore shown that various morphological
features of myofibroblasts that are relevant for FMT, such as cell
area, shape, elongation, and alignment, are sensitively governed
by the ECM patterns in a length-scale-dependent manner
(Buskermolen et al., 2019, 2020).Moreover, the ECMarchitecture
at the microscale induces different cellular events that activate a
mechanical feedback loop whereby cell-generated forces lead to
matrix remodeling, which in turn induces mechanotransductive
processes and thus influencing the cell-generated forces again,
by modulating the cell’s capability to form and mature FAs as a
result of changes in the stiffness of the substrate (Hall et al., 2016;
Sapudom et al., 2019). Taken together, these findings clearly show
that physical cues from the environment can strongly influence
the phenotype of tissue-resident fibroblasts, which in turn can
shape tissue homeostasis.

Another way that microenvironmental cues can affect tissue
homeostasis is through changes in cell composition due to
cellular movements. A relatively well-recognized consequence
of the abovementioned mechanical feedback loop is the family
of cellular “taxis” responses triggered by the ability of cells
to sense chemical, mechanical, electrical stimuli gradients in
the environment. These taxis responses include chemotaxis
(sensing to spatial gradients of chemical factors) (Devreotes and
Janetopoulos, 2003), haptotaxis (sensing of the surface-bound
ECM proteins densities) (McCarthy and Furcht, 1984; Isenberg
et al., 2009), durotaxis (sensing of substratum rigidity) (Lo et al.,
2000), galvanotaxis (sensing of electric fields) (Mycielska and
Djamgoz, 2004), and curvotaxis (sensing of cell-scale curvature
variations) (Pieuchot et al., 2018). These sensing machineries
can be locally activated within the tissue microenvironment,
triggering specific mechanotransductive pathways that not only
can instigate FMT directly, but also can promote active migration
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of fibroblasts and myofibroblasts into and out of the tissue.
Using artificial engineered substrates that mimic the chemical,
mechanical, and physical properties of highly organized ECM
fibers, and so controlling their spatial density, it was shown in
a recent study that the fiber density variation can be sensed
by fibroblasts, and interestingly different cell types exhibit
different sensitivities along a density gradient depending on
their cortical stiffness (Kim et al., 2012). Interestingly, skin
fibroblasts have bidirectional guidance from the highest and the
lowest density areas toward an optimal one. This suggests that
a topotactical guidance depending on ECM density is present.
Indeed, cells tend to move toward the direction that allows
them to make the largest contact area with the substrate (Park
et al., 2018). Of note, fibroblast sensitivity to the taxis guidance
cues can vary with its activation state; indeed, myofibroblast
migrate differently depending on the mechanical and physical
properties of the ECM (Berk et al., 2007). During wound healing,
fibroblasts are directed chemotactically by the presence of TGF-
β1 in the microenvironment where the homeostasis is disrupted
(Chen et al., 2020) and can afterward shift their phenotype
to myofibroblasts, leading further to cell migration toward the
wound site, thereby increasing the local myofibroblast subcellular
population (van Caam et al., 2018).

Through these cellular response to the physical cues in the
environment, pathological features can emerge and progress. A
high density of myofibroblasts and a different ratio between ECM
components can be found in the bronchial and transbronchial
biopsies of advanced asthma patients, compared to those of the
patients with controlled and treated asthma symptoms (Weitoft
et al., 2014). These are caused by activation of myofibroblasts
within the tissue, which start a positive loop to retain their
activated state instead of entering a quiescent state, as well as
the associated regulation of metalloproteases MMPs and their
regulators tissue inhibitors (TIMPs) secretion, thereby allowing
the progression of the pathological state.

Interestingly, specific mechanical requirements have been
found using a 2D in-vitro platform that the substrate must
satisfy in order to initiate FMT. In particular, the substrates
have to present a Young’s modulus of at least 3 kPa, which
allows the cells to produce large, mature integrin clusters that
enable the full phenotype transition (Balestrini et al., 2012).
Moreover, depending on the cell type studied, it can happen that
stiffer culture substrates with a Young’s modulus higher than 20
kPa are needed to continue the mechanotransductive machinery
required to drive the phenotype transition of fibroblasts.
Similarly, during in vitro wound healing assays, FMT requires a
stiffness threshold in range of 25–50 kPa (Balestrini et al., 2012).
These studies further emphasize the importance of physical and
mechanical interactions with the ECM during FMT.

The Contact Events Start the Signal Transduction
Contact events with ECM andmaturation of adhesion complexes
are the first key steps in cell–ECM interactions that allow
the regulation of cell functions such as growth, differentiation,
and disease (Hynes, 2002; Geiger et al., 2009). The adhesion
complexes arise as nascent adhesions (Alexandrova et al., 2008;
Choi et al., 2008) that reach the dimensions of ∼110 nm (Bachir

et al., 2014; Changede et al., 2015; Changede and Sheetz,
2017). Their maturation is then promoted through outside-in
mechanotransduction mechanism from the matrix (Wolfenson
et al., 2016; Saxena et al., 2017a,b).

When cell membrane receptors bind a ligand in the ECM
substrate, the intracellular tail of the B subunits of integrins
binds talin, a mechanoprotein in closed conformation. Talin links
the B subunits with F-actin and, due to the force exerted by
myosin II through F-actin, switches to an open conformation,
consequently exposing binding site for vinculin, another protein
that confers stability to this complex, the so-called “molecular
clutch” (Sheetz, 1974; Geiger et al., 2001; Swaminathan and
Waterman, 2016). First, vinculin binds to the binding site along
talin, which is in open confomation, nearby the link between
integrin β-tail and talin. Subsequently, vinculin binds in the
same way along talin, but in proximity of the link between
talin and F-actin. If this clutch can support the loading force
exerted by the myosin II on the cell membrane receptors, the
maturation of FAs lead to mechanotransduction depending on
properties of the environment where the cell reside in Sheetz
(1974), Geiger et al. (2001), and Swaminathan and Waterman
(2016). The maturation of the FAs has been directly linked to
ligand spacing (Dalby et al., 2014) as well as substrate stiffness
(Oria et al., 2017), showing that depending on the Young’s
modulus of the substrate, the minimum ligand spacing necessary
to lead at maturation of adhesion complexes can change.
The molecular clutch mechanism can therefore instigate FMT
through these mechanosensitive responses at the cell–substrate
contact interface.

ECM Composition Regulates Fibroblast

Mechanosensing
The ECM composition is also a hallmark of the pathological state
of the tissues. Depending on the abundance of its components,
the ECM can present different microarchitectures, leading
to different mechanical and physical properties. Importantly,
interactions between the cells and the different ECM components
can directly regulate cell behavior such as migration and
development (Park et al., 2018; Changede et al., 2019; Nastały
et al., 2020).

One of the main components of the ECM that has been
shown to play an important role in promoting FMT is fibronectin
splice variant ectodomain A (ED-A-FN), which is upregulated
in pulmonary disorders such as asthma (Larsen et al., 2006; Ge
et al., 2015). Fibroblast from lung ovalbumin treated mice that
lack the ED-A-FN present a reduced tendency to proliferate and
migrate, and very interestingly display a lower α-SMA expression
as well as less collagen deposition with impaired TGF-β1 and
IL-13 release, which are all hallmarks of a phenotype transition
(Kohan et al., 2011). This suggests that the composition of the
ECM can influence the mechanical stress in the tissue and thus
affecting cellular phenotype transition. Another evidence is the
role of the fibulin-1, a glycoprotein related to the stabilization of
other protein group in ECM that is also known to be a marker for
bronchial asthma (Lau et al., 2010; Giziry et al., 2017), indicating
that the enhanced stability of ECM increases the propensity of
fibroblasts to FMT.
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It was demonstrated that enhancing actomyosin-mediated cell
contractility can induce stromal cell mechanoactivation, leading
to adipose stromal cells turn into myofibroblasts (Seo et al.,
2015). This transition, in turn, leads to changes in the cellular
environment through deposition of more fibronectin as well as
deformation of the fibronectin network, partially unfolding the
fibronectin molecules (Wan et al., 2013; Wang et al., 2017).

Mechanotransduction Leads to Distinct Internal

Cellular Rearrangements
Following the mechanosensing events described above, the
mechanical signals are transduced to elicit a variety of cellular
responses that are also reflected in the alterations of internal
cell organizations relevant for the progression of FMT. Here we
highlight a few notable findings that exemplify this concept.

It has been recently demonstrated that cell behaviors that are
implicated in FMT, such as migration, can be influenced by the
curvature of the substrate (Pieuchot et al., 2018; Werner et al.,
2019). This is especially interesting as curvature is a common
geometrical feature of in-vivo tissues and organs (Callens et al.,
2020; Werner et al., 2020). Convex spherical surfaces have been
shown to cause a compression of the cytoskeleton on the nucleus,
increasing the contact area between cell and substrate (Werner
et al., 2017). Thus, cell nuclei were flattened and stretched
over the convex surface, even resulting in a bean-like nuclear
morphology. This effect on nuclear morphology can further
translate to changes at transcription level. In a recent study, it was
observed that, depending on the adhesion area, fibroblasts alters
their cytoskeletal tension to the nuclear envelope; small substrates
areas leads to an increased histone acetylation levels with a
decreased nuclear volume (Alisafaei et al., 2019). Moreover,
the motility of cells is regulated by the organization of stress
fibers (SFs), but in curved environment the fibroblasts present
a different SF organization with respect to those on planar
substrates. A negative curvature polarize the cells and direct
cell migration (Bade et al., 2018). Therefore, rearrangement of
the cytoskeleton through mechanotransductive machinery leads
to changes in the nucleus polarity and positioning within the
cell, influencing cell migration (Vassaux et al., 2019; Moure
and Gomez, 2020). Indeed, both F-actin and focal adhesion
distributions were strongly influenced by this repositioning of
nuclear compartment (Nastały et al., 2020). These findings
provide intriguing insights that physical reorganization of the
intracellular structural components and mechanotransductive
players, which can be induced by changes in the tissue
morphology, can directly affect FMT.

Further evidence of the importance of the mechanosensing
in governing intracellular organizations and cellular response
can be observed by direct perturbations to the mechanosensing
apparatus.When ASCs that are undergoing FMT are treated with
Y27632, which inhibits ROCK and reduces α-SMA levels (Seo
et al., 2015), as well as diminishing the capability of the cells to
sense the environment by inhibiting the receptors to TGF-β, the
cells exhibit a decrease in myofibroblast transition and moreover
reduced VEGF and IL-8 secretion. On the contrary, treating these
cells with blebbistatin influences their morphology, confining
the adhesions to the extreme cell periphery, causing actin stress

fiber formation and enhancing contractility, thereby stimulating
ASC myofibroblast transition (Seo et al., 2020). Consistent
with this link between cell mechanosensing, force generation,
mechanical properties, and organization, it is also increasingly
recognized that ECM viscoelasticity, non-linear elasticity, and
fiber rearrangement play a central role for cell behavior such
as proliferation and multilineage differentiation (Baker et al.,
2015; Chaudhuri et al., 2016; Das et al., 2016; Xie et al., 2017;
Matera et al., 2019; Vining et al., 2019). Tuning the structural
and mechanical properties of hydrogels has been shown to lead
to different types of cellular organization and responses (Goh and
Holmes, 2017; Herum et al., 2017).

With regard to active mechanical cues such as stretching,
in recent study it was shown that exerting stretching on
myofibroblasts lead to the maintenance of the shifted phenotype
through the activation of the release of endogenous latent TGF-
β1 (Walker et al., 2020). On the other hand, when treated
to block the release of TGF-β1, stretched cells maintain their
phenotype, exhibiting comparable contractility and stiffness as
in static cultures. This suggest that cyclic stretching can be
responsible to maintain the myofibroblastic phenotype, leading
to chronic fibrosis (Walker et al., 2020). Furthermore, under
stretch, TGF-β1-treated cells showed further alignment to static
conditions, as well as increased gel compaction (Walker et al.,
2020). This demonstrates the capability of mechanical stretch of
the substrate to change the sensitivity of the cells to biochemical
stimuli present within the environment. The stretching causes a
downregulation of the ECM proteases, leading to an increase of
collagen-I associated peptides secretion. This is consistent with
the concomitant increases of inflammatory and fibrotic response
of the tissue (Sun et al., 2016; Rogers et al., 2020).

Taken together, these studies highlight the importance of
better characterization and quantification of the involvement
of mechanical and physical properties of the environment
in which the cells reside, giving attentions not only on the
mechanotransductive machinery involved, but also achieving a
better control on this machinery through the passive function of
the substrates and the active adaptation of the cells.

DISSECTING THE CELL–SUBSTRATE
INTERACTION EVENTS IN FMT

The previous sections have unequivocally established the
importance of changes at the mechanical level of the cell in FMT,
from the first contact event with the substrate to the influence
on cellular behavior. During this phenotype transition, a variety
of humoral and mechanical cues from the substrate drive the
fibroblast to myofibroblast transition via a proto-myofibroblast
state. When the transition completes, the myofibroblasts present
α-SMA containing stress fibers and an enhanced contractility. To
complete such transition, the mechanical and physical properties
of the environment play an active role in inducing intracellular
changes. These cellular and intracellular events are overall
interconnected through the mechanotransductive machinery,
starting from the mechanosensing exerted by the fibroblasts.
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Thus, the dynamic interplay between the ECM and the cell seems
to play a central role in cytogenesis, especially during FMT.

Efforts to understand the cellular mechanosensing and
mechanotransduction mechanisms have gained significant
attention since it became known that these are involved in cell
differentiation processes (Yim and Sheetz, 2012; Dalby et al.,
2014; Iskratsch et al., 2014; Murphy et al., 2014). Importantly,
differentiation and FMT share many regulatory pathways that
direct the expression or the release of factors involved in cell
metabolism or cell fate, such as α-SMA production and the
release of TGF-β. In the initial contact events with the substrate,
mechanosensing and mechanotransduction of the physical
signals in the environment leads to the maturation of the FAs
only if the environment properties (ligands spacing and stiffness)
satisfy the requirements to drive the changes. In addition,
cellular sensing of extracellular topographical cues through
nanoscale architecture causes a multitude of nanotopography-
sensitive cellular behaviors, including cell adhesion, morphology,
proliferation, gene expression, self-renewal, and differentiation
(Lemischka and Moore, 2003; Kingham and Oreffo, 2013). This
is possible though integrin-mediated sensing of mechanical and
physical features of the microenvironment (Geiger et al., 2009;
Dalby et al., 2014; Chen et al., 2015; Humphries et al., 2015) and
will lead to intracellular rearrangements of the cytoskeleton and
alteration in the mechanical proprieties of the cell, a key step in
FMT. At the same time, the cell contractility is enhanced, causing
the cell to release latent TGF-β and pushing toward FMT. Thus,
dynamic interplay between the cells and the ECM induces
cytoskeletal rearrangements that will simultaneously cause
changes in the force transmission, cytoskeletal organization, and
mechanical properties of the cell and its nucleus, as well as of
the ECM in tissues (Jaalouk and Lammerding, 2009; Kurniawan
et al., 2016; Nastały et al., 2020).

The importance of considering the cell–substrate interaction
events in FMT should also be considered in light of the
fibroblast heterogeneity in different tissue microenvironments.
Indeed, fibroblasts exhibit differing functional identities,
including the composition and expression profile of the
intracellular macromolecules, depending on the tissue where
they reside (Lynch and Watt, 2018; LeBleu and Neilson,
2020). In-vitro culture entails loss of most of mechanical
and physical stimuli normally present in the tissue-specific
microenvironments (Lynch and Watt, 2018), which affect not
only the mechanical properties of the cells, but also cellular
functions such as polarization (Nastały et al., 2020). This
suggests a possible involvement of mechanotransduction
in the regulation of gene expressions. As will be addressed
in section Coupling of Mechanical and Physical Cues of
the Substrates, combinations of different local physical and
mechanical stimuli that are sensed by cells in a physiological
environment, such as roughness, topography, stiffness,
and stretching, could influence the functional identities
of the fibroblasts, further leading to heterogeneity in the
cell population.

Taken together, studying the mechanical interactions between
cells and the substrate at the cell and tissue levels is critical,
not only to start recognizing how much the environment is

involved in physiological processes, but also to better understand
how environmental features can be manipulated to speed up or
slowdown pathological processes. To do so, in-vitro biomimetic
substrates have become an invaluable toolset as a way to simplify
the complexity of the in-vivo cell–substrate interactions.

PRODUCTION OF SUBSTRATES WITH
WELL-DEFINED PHYSICAL AND
MECHANICAL CHARACTERISTICS

To better understand the role of physical and mechanical
cues in the environment in FMT, a multitude of versatile
substrate fabrication techniques have been developed and applied
in the attempt to produce substrates that accurately mimic
aspects of the ECM properties. In this section, we summarize
commonly used methodologies for creating substrates with well-
defined physical and mechanical features of ECM. Here we
pay particular attention to the accessible length-scale target
and characteristics (Figure 3), while referring readers who are
interested in the detailed working principles and practical
aspects to the original articles describing the individual methods.
Moreover, we highlight the emerging efforts to use a combination
of these cues to better mimic the physiological condition of
the tissues.

Mimicking ECM Topography
The aim of the approaches that focus on topography is
to understand the impact of substrate micro- or nano-
topography on mechanotransductive processes, and to exploit
these substrates to control cell behavior. Various fabrication
technologies have been adapted to the needs of cell biology
(Dalby et al., 2014; Chen et al., 2015; Crowder et al.,
2016; Chighizola et al., 2019). One of the most commonly
applied group of techniques for structuring the surface is
based on lithography. In this group, there are three main
methodologies: photolithography, electron beam lithography
(EBL), and colloidal lithography.

The optical lithography works by transferring the pattern
that is required onto a photosensitive emulsion (photoresist)
on a substrate. This approach can be very useful for creating
adhesion patterns and controlling cells organization (Dalby et al.,
2007; Bettinger et al., 2009). The main limitation with optical
lithography is the requirement that the starting layer on which
the features will be built must be a stiff flat surface, which
precludes fabrication of 3D structures. Prefabricated structured
rigid molds can be used in pattern transfer methods to print
the mold features to other materials with high efficiency and
fidelity (Guo, 2004; Pandey et al., 2019). The most common
techniques are nanoimprinting and replica molding (Chen et al.,
2015). These methodologies can be exploited to transfer patterns
with resolution of a few hundred nanometers. In practice, the
procedure for replica molding require baking time, while one of
the bottlenecks of nanoimprinting is to control the demolding
after the heating up to transfer the pattern. Normally these
approaches are used in combination with microfluidic devices.
Another methodology that does not necessitate templates is
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FIGURE 3 | Representative images of different substrates (ordered and disordered) created using various techniques for studying the role of environmental effects on

FMT. (A) Lithographic techniques: (a) nanogrooved silicon substrates with 70 nm wide ridge and 400 nm pitch; (b) arrays of 120 nm-diameter, 100 nm-deep nanopits

on silicon substrates; (c) self-assembly of 110 nm-diameter nanoparticles. The substrates present a ordered shape. (B) Pattern transfer techniques: (d)

Nanostructured polyurethane acrylate (PUA) surface with a patterned array of nanopillars fabricated; (e) PDMS nanograting; (f) PCL surface with nanopits with various

scales. (C) Surface roughening, obtaining disordered topographies: (g) Nanostructured PCL with feature dimensions of 50–100 nm; (h) surface roughness Ra = 0.87

± 0.03µm; (i) surface roughness of 100 nm. (D) Disordered topographies: (j) Aligned nanofibrous hydroxybutyl chitosan (HBC) scaffolds; (k) Nanofibrous PLLA matrix

with an average fiber diameter of 148 ± 21 nm and a porosity of 92.9%; (l) self-aligned TiO2 nanotubes with a diameter of 100 nm; (m) nanostructured alumina

substrates with 24 nm grain-like structures produced with different physical and chemical synthesis. Image adapted with permission from Chen et al. (2015).

surface roughening that can be achieved, for example, by physical
or chemical etching (Boyan et al., 1998; Thapa et al., 2003). Both
methods can be applied to large surface areas, but an accurate
control of the feature size is challenging (Chen et al., 2015).
Surface roughening is a very useful technique that allows study
of cell sensing of substrates with well-defined surface roughness.

In general, the mold must present precisely defined
topographies that are transferred to the substrate. For example, to
exploit the nanoimprinting lithography, the molds are produced
using PDMS (Odom et al., 2002), polyurethane acrylate (Kim
et al., 2003), and “hard-PDMS” (Schmid and Michel, 2000). In
addition, there are some efforts directed toward the production
of soft molds with an improved modulus and solvent resistance,

although this has the drawback of reduced durability due to the
temperature during the pattern transferring (Ro et al., 2011).
Moreover, these kind of molds are produced starting frommaster
inorganic templates, normally metals or ceramics (Albrecht et al.,
2015). The bottleneck in their production is the complexity of
the procedures.

The optical lithography approach can be applied at large scale
and high throughput due to the very quick transfer of topography
from the mold to the substrate. A modern lithography tool is able
to produce till 300 mm/h patterned wafers with roughly 50 nm
2D pattern resolution, achieving a pixel throughput of 1.8T
pixels/s. The achievable resolution of this method is determined
by the UV light wavelength, as well as by the capability to
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reduce diffraction at the mask apertures by reduction lenses that
capture higher order diffraction light. However, going beyond
sub-100 nm resolution is very challenging (Chen et al., 2015).

In EBL, electrons are used instead of photons in order
to improve the spatial resolution of the lithography, enabling
a resolution of <10 nm (e.g., for periodical line patterns)
(Michishita et al., 2014). This allows a very precise mimicry
of nanotopographical ECM features (such as collagen fibers
with lengths on the order of 10µm; Buehler, 2006), but at the
same time limiting the scale of surface area and throughput
that can be fabricated with reasonable time/cost efforts (Chen
et al., 2015). The above methodology is a top-down approach,
meaning that the topographies are transferred to the substrate of
interest through the usage of a mold. In practice, this approach
is relatively time consuming. An alternative method is a bottom-
up approach, which can produce ordered structures over large
area in a cost-effective manner (Yamada et al., 2017). Another
bottom-up approach is colloidal lithography, in which colloidal
nanoparticle with crystal structures self-assemble on planar
surfaces (Yang et al., 2006). These colloidal nanoparticles can
then by reduced by etching. With this technique, one can achieve
high throughput of nanometric features, but without an accurate
control of the spatial pattern (Chen et al., 2015).

Furthermore, several material synthesis methods can be
exploited for tissue engineering, such as electrospinning,
phase separation, anodisation, and sintering, which have been
described in detail in dedicated review articles (Zhang and Ma,
1999; Li and Xia, 2004; Park et al., 2007; Smith et al., 2008;
Dulgar-Tulloch et al., 2009; Bhardwaj and Kundu, 2010).

Coupling of Mechanical and Physical Cues
of the Substrates
More recently, the importance of examining the effects of
multiple mechanical and physical cues simultaneously presented
to the cells has been increasingly recognized, as efforts are
made to bridge the minimalistic model systems and complex
in vivo situations. For example, in the study of Oria et al.,
the authors studied the ligands spacing coupled to the stiffness
of the substrate, in this case a simple 2D protein patterning
hydrogels allowing to control the Young modulus and the
disposition of the ligands (Oria et al., 2017). The results indicate
that finding the right combination can lead to the activation
of mechanotransductive pathway, allowing the force loading on
molecular clutches.

Fibroblasts have also been shown to sense the mechanical
stiffness of the substrate. In fact, it is well-documented that,
between the physiological and pathological states of the tissue,
there is a significant difference in stiffness. This is caused
by changes in the microenvironment composition, which in
the pathological state is higher in collagen I and reduced in
collagen III (Herum et al., 2017). Culturing fibroblasts on
polyacrylamide gels with stiffness mimicking the pathological
state of breast tissue (20 kPa) resulted in larger cell spreading
area compared to on stiffness mimicking the physiological ECM
(1 kPa) (Schwager et al., 2019). Moreover, α-SMA content
increased on the stiffer substrate, suggesting that the fibroblast

activation can be promoted by matrix stiffness (Schwager et al.,
2019). When cardiac fibroblasts were cultured on hyaluronic
acid gels with different stiffnesses ranging from the healthy
myocardium (8 kPa) to the infarcted state (20–100 kPa), where
the in vivo presence of myofibroblast is known to be higher,
significantly reduced formation of α-SMA was observed on the
softer substrates (corresponding to the healthy myocardium
stiffness). In addition, the FAs on these substrates were small and
peripheral, whereas on the stiffer substrates the FAs were bigger
and distributed throughout the cell membrane (Herum et al.,
2017). The mechanical properties of the ECM therefore seems
to play an important role in the maintenance of the quiescent
fibroblast phenotype and the FMT, highlighting the relevance
of coming up with methods to fabricate substrates with tunable
stiffness in the range relevant for physiological tissues.

Another kind of physiologically relevant mechanical stimulus
that can be recapitulated in vitro is stretching. Tensile testing
has been used to stretch silicon substrates on which cells have
been allowed to adhere. This technique comprises an electronic
control console and a loading frame with a load capacity of
2.5N in tension or in compression (Boccafoschi et al., 2007).
This stretchingmethod can be combined with topographical cues
to obtain different cell responses such as different intracellular
rearrangements and adhesion patterns. For example, in the
study by Gu et al., the authors analyzed the effects due to the
simultaneous presence of protein patterns and cyclic stretching
on the cardiomyogenic differentiation of hMSCs (Gu et al.,
2017). In our group, we have examined the effect of stretch
in combination with shear flow in a vascular construct that
mimics the mechanical environment in cardiovascular tissues
(van Haaften et al., 2018). This approach has revealed the distinct
roles of stretch and shear in governing myofibroblast activity and
neotissue production, both directly (van Haaften et al., 2018)
and indirectly through crosstalk with immune cells (van Haaften
et al., 2020; Wissing et al., 2020). Furthermore, a combination of
substrate protein patterning, substrate stiffness, and mechanical
stretching has been studied to push toward the complete FMT by
stimulating the release of latent TGF-β (Walker et al., 2020).

This kind of coupling between mechanical and physical
features of the environment seems to be the key to reach in amore
controlled way different cell fates, by only exploiting the physical
and mechanical characteristics of the substrates.

3D Environments for Studying Fibroblast
Activation
Mimicking of physiological environment to better understand
cellular responses and gain fundamental insights to prevent
pathological outcome is getting increasing traction, especially
with new methodologies and protocols to mimic the 3D
properties of environment. Recent studies have demonstrated
that different geometrical states of the cell, such as its shape and
spatial constraints, lead to significantly different transcriptional
cellular responses, even when the cells are stimulated by the
same biochemical factors (Mitra et al., 2017; Damodaran et al.,
2018). In particular, recent efforts have focused in producing
3D in vitro environments that capture factors that normally are
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neglected or overlooked in 2D studies. Some studies use co-
culturing in order to reproduce the interplay between different
cell types, while simultaneously tuning the 3D culture setup to
resemble the desired cues of the tissue microenvironment; an
example is using spheroids of collagen matrix to mimic the
interplay between fibroblast and cancer cells (Venkatachalapathy
et al., 2020). Interestingly, fibroblasts were shown to sense the
biochemical stimuli released by cancer cells, indicating a complex
interplay between both cell types that affects the capability of
fibroblasts to remodel the ECM and the capability of cancer
cells to invade the surrounding tissue (Kalluri, 2016; Erdogan
et al., 2017; Richards et al., 2017). A more physiological 3D
environment can also be reproduced using gels, such as collagen
I hydrogels to model pulmonary fibrotic tissues coupled to a
fibrosis-on-chip model (Sundarakrishnan et al., 2018, 2019). It
is also noteworthy that such 3D in-vitro microenvironments
are also generally amenable to long-term culturing, enabling
dynamic alteration of their properties to mimic the properties of
tissue pathologies to study the fibroblast activation, which is still
missing in 2D approaches. Thus, the development of tunable 3D
physiological environment open new avenues for more in-depth
studies into the coordination between different stimuli toward a
better understanding and prevention of pathological progression.

FROM UNDERSTANDING TO
CONTROLLING FMT

In conclusion, examining the role of mechanical and physical
stimuli on cell behavior and fate is critical for understanding
the pathophysiological state of the tissue. Specifically, the normal
functioning of fibroblast throughout the organism can sensitively
determine the difference between tissue healing or regeneration
and progression to diseases, such as fibrotic diseases. Injuries,
which result in mechanical and physical stresses to the tissue, can
induce fibroblasts to switch their phenotype to a myofibroblastic
state, characterized by elongated shape with the production
of stress fibers. This phenotype transition cause reduced
proliferation andmigration, with an increased contractility (Hinz
and Gabbiani, 2003; Hinz et al., 2004; Ward et al., 2008). As
such, these myofibroblasts, which are normally is switched off in
a more quiescent state, are responsible for the tissue stiffening as
response to injuries such as in cardiac, lung, and liver diseases.

Physical and mechanical stimuli in the cellular
microenvironment, such as topography, ligands spacing,
and stiffness, have been identified as passive stimuli that allow

the cells to complete the FMT by affecting the formation of FAs
through the mechanotransductive pathway. This, in turn, causes
cytoskeleton rearrangements, leading to α-SMA production,

one of the hallmarks of myofibroblast (van Putten et al., 2016).
Moreover, there are also active stimuli such as mechanical
stretching that push the myofibroblasts to maintain their
activated state, even when the biochemical part of the network
causing the phenotype transition is switched off (Walker et al.,
2020). This evidence unambiguously demonstrate that the
environment where the cells reside has a very active role in
regulating internal cell processes that induce different cell fate;
mismatches lead to pathological states.

To study these processes systematically, in-vitro investigations
involving production of substrates that allow researchers to
control various combination of mechanical and physical cues
has proven to be invaluable. At the same time, these efforts
also highlight the possibility of using cellular environmental
properties not only to gain in-depth understanding of the FMT
process, but also to control and manipulate it. In particular,
the formation and maturation of the FA complexes as well as
the cytoskeletal rearrangements can be sensitively tuned using
environmental cues and thus can present a unique toolset
for tweaking the FMT process. We expect that the current
rapid advances in the technologies to produce substrates with
unprecedented control of the topographical and mechanical
characteristics will further fuel the emergence of new methods
and therapies to control cytoskeletal rearrangements, potentially
allowing to reverse phenotype transition in fibrotic tissue and the
progression of the disease.
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Although it is known that stronger cell-extracellular matrix interactions will be developed

as neurons mature, how such change influences their response against traumatic injury

remains largely unknown. In this report, by transecting axons with a sharp atomic force

microscope tip, we showed that the injury-induced retracting motion of axon can be

temporarily arrested by tight NCAM (neural cell adhesion molecule) mediated adhesion

patches, leading to a retraction curve decorated with sudden bursts. Interestingly,

although the size of adhesion clusters (∼0.5–1µm) was found to be more or less the

same in mature and immature neurons (after 7- and 3-days of culturing, respectively),

the areal density of such clusters is three times higher in mature axons resulting in a

much reduced retraction in response to injury. A physical model was also adopted to

explain the observed retraction trajectories which suggested that apparent adhesion

energy between axon and the substrate increases from ∼0.12 to 0.39 mJ/m2 as neural

cell matures, in good agreement with our experiments.

Keywords: neuron adhesion, axon retraction, traumatic injury, neuron mechanics, cell adhesion

INTRODUCTION

Strong attachment to the extracellular matrix (ECM) is critical for neural cells to execute biological
duties such as information transmission (Fields and Stevens-Graham, 2002; Togashi et al., 2009),
memory consolidation (Sandi, 2004; Washbourne et al., 2004), and nerve regeneration (Yu et al.,
2008; Togashi et al., 2009; Eva and Fawcett, 2014; Nieuwenhuis et al., 2018). Microscopically, the
binding of transmembrane proteins like neural cell adhesion molecule (NCAM) and N-cadherin
to their counterparts from the ECM or another cell is believed to bring two surfaces together (Yu
et al., 2008; Liu et al., 2020). Interestingly, as a neuron matures, its axon undergoes significant
cytoskeletal changes which also lead to an altered adhesion capability to the outside (Doherty et al.,
1992; Kamiguchi, 2007). For example, periodic membrane skeleton (Zhong et al., 2014) will be
developed in mature axons while such organized structure is often missing in immature ones. In
addition, adhesion proteins such as integrin were found to be widely distributed in the membrane
of immature neural cells whereas their expression become relative low after neuron maturation
(Eva and Fawcett, 2014; Nieuwenhuis et al., 2018).
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It is conceivable that these maturation-induced changes could
profoundly affect neurons in performing biological functions or
responding to stimuli from outside. Indeed, it has been reported
that a growth cone can often be reformed at the transected end of
an immature axon whereas no such phenomenon was observed
on mature neural cells (Nieuwenhuis et al., 2018; Shao et al.,
2019; Wang et al., 2020). Our previous studies also revealed that
physical injury of axons can trigger their retraction, a motion
that is believed to be driven by internal tension inside axon and
resisted by cell-substrate adhesion (Shao et al., 2019). However,
whether and how (in indeed) mature and immature neurons
respond differently to injury, as well as the reasons behind,
remain unclear. This issue is of great importance clinically
because neurogenesis from neural stem cells (Christian et al.,
2014) has been increasingly realized as a promising treatment
strategy for traumatic brain injury (TBI) to compensate for the
loss of neurons and disruption of the neural network (formed by
interconnecting axons) in patients suffered during, for example,
falls or car crashes (Scheid et al., 2006; Johnson et al., 2013;
Sharp et al., 2014). Interestingly, recent evidence showed that TBI
can actually promote neurogenesis of newly developed neurons
but not on well-developed ones (Braun et al., 2002), indicating
a precise knowledge on the injury response of mature and
immature neural cells could be one of the keys for treating this
disease in the future.

Here, we reported a combined experimental and modeling
investigation to address this question. Specifically, the spatial
distributions of NCAM-mediated adhesion clusters formed
between nascent and mature axons and the substrate were
quantified by TIRFM (total internal reflection fluorescence
microscopy) imaging. In addition, the retraction response of
mature and immature axons, induced by axotomy with a sharp
AFM tip, was closely monitored and compared. Finally, a
physical model was adopted to explain the observed retraction
trajectories as well as connect them with the observed adhesion
patterns at the axon-substrate interface.

EXPERIMENT METHODS

Cell Preparation
Primary cortical neurons were obtained by dissecting the brain
of embryonic 17-day-old Sprague-Dawley Rats, provided by
Laboratory of Neurodegenerative Diseases (The University of
Hong Kong). Five milligram of poly-L-lysine (PLL) powder was
dissolved in sterile PBS and 2mL of such PLL solution was added
on a glass bottom culture dish (MatTek Corporation, 35mm
Dish, 10mm Glass Diameter) overnight. The PLL solution was
then removed and the dish was rinsed with autoclaved milli-
Q water once. Neurons were then seeded on the resulting
PLL-coated dish, at 37◦C and with 5% CO2 supply, until
a density of 3.5 × 105 cells/dish was reached (i.e., after 7-
days of culturing). The culture fluid was composed of (with
a 2:1 ratio) Neurobasal (NB) medium (Gibco), supplemented
with B-27, 2mM L-glutamine, 10µg/ml penicillin/streptomycin
and 25µM β-mercaptoethanol, and Minimal Essential medium
(MEM). All materials were purchased from Thermo Fischer (Life
Technologies). Note that, 5’-deoxy-5-fluorouridine (5’-DFUR)

FIGURE 1 | (A)—Schematic diagram of the combined AFM—TIRFM system

for monitoring the adhesion and injury response of neural cells. (B)—Typical

NCAM fluorescent image of 3-days and 7-days culturing neurons taken by the

TIRFM. Interestingly, NCAMs tend to aggregate into small clusters (bright

spots) at the axon-substrate interface in both figures. However, denser cluster

is observed in 7-day neurons compared to 3-day ones. (C)—Areal density of

NCAM clusters (calculated by dividing the total number of NCAM clusters

observed in the TIRFM image by the apparent axon-substrate contact area) in

3-day neurons is significantly lower (α = 0.01, n = 10) lower than that in

7-day ones.

was also added to the medium 24 h after cell seeding to kill
unwanted proliferating cells (such as fibroblasts and glial cells)
while normal neurons remained largely unaffected.

Indirect Immunofluorescence of NCAM
Cultured neurons were first rinsed with balanced salt solution
(BSS) and incubated at room temperature and pH 7.4 for
7min with 4% paraformaldehyde in BSS. After that, cells were
loaded with monoclonal anti-NCAM antibody (Sigma) (for
1 h) and then incubated for another 1 h at room temperature
with secondary anti-mouse IgG Alexa Fluor 488 (Invitrogen).
The adhesion patterns formed at the axon-substrate interface
were monitored by a TIRFM placed underneath the coverslip
(Figure 1A).
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AFM-Based Transection of Axons
Axon transection was achieved by a sharp AFM (JPK
Instruments, NanoWizard II) probe fabricated by focused ion
beam milling (refer to the inset of Figure 1A). Specifically, after
approaching the tip to the cell gradually, a compressive force (60
nN) was applied onto the axon. At the same time, a quick lateral
slice (by the tip) was conducted through manual manipulation
to complete the transection. The triggered response of axon
was then recorded for 30min and analyzed. In particular, the
retraction distance of axon was quantified from time lapse images
with NeuronGrowth, an ImageJ plugin software developed by
Fanti et al. (2008), while subsequent statistical analysis was
performed with the software OriginPro.

RESULTS

Maturation of Neurons Increases the
Density of Adhesion Clusters at the
Axon-Substrate Interface
We first examined how the maturation process of neural
cells affects their adhesion with the outside. Typical TIRFM
images of the stained NCAMs at the axon-substrate interface
of 3-day and 7-day cultured neurons are given in Figure 1B

which clearly indicates that these molecules tend to aggregate
into small clusters. Given that NCAM is a unique carrier of
the polyanionic carbohydrate, polysialic acid (PSA) (Kiselyov
et al., 2005; Dityatev and El-Husseini, 2006), allowing them to
physically bind to the positively charged PLL on the coverslip, it
is likely that strong adhesions are formed in these locations (Liu
et al., 2020). Interestingly, although the size of NCAM clusters
(∼0.5–1µm) was found to be more or less the same in mature
(7-day) and immature (3-day) neurons, the areal density of such
clusters was three times higher in mature axons (Figure 1C)
indicating that a much stronger adhesion with outside will be
established as neuron matures.

Immature Neurons Exhibit Larger
Retraction Response to Injury
Next, we used a sharp AFM probe to transect axons on 3- and
7-day neurons and then monitored their retraction response.
Representative time lapse images of such test are shown in
Figures 2A,B with the corresponding retraction trajectories of
the transected end of axon given in Figure 2C. Since previous
studies have shown that the injury-induced retraction distance of
an axon is influenced by its so-called floating length (where axon-
substrate adhesion was totally disrupted during the transection
process, refer to Shao et al. (2019) and the distance between
the transection site to soma, we have intentionally transected
axons ∼50µm away from the main cell body as well as only
analyzed cases where the floating length was around/<15µm.
Interestingly, as shown in Figures 2C,D, the retraction distance
of immature (3-day) axons was found to be more than twice of
that for mature (7-day) ones. In addition, the retraction curves of
3-day axons were decorated with sudden bursts, presumably due
to the disruption of individual adhesion clusters.

FIGURE 2 | (A) Time lapse images showing the transection-induced retraction

of a 3-day axon. Here, position of the transected end of axon is indicated by

the red arrow. (B) Time lapse images showing the transection-induced

retraction of a 7-day axon. (C) Representative retraction trajectories of a

mature (7-days of culturing) and immature (3-days of culturing) neuron. (D)

Comparison between the average retraction distance of 3- and 7-day axons

(α = 0.01, n = 15).

A Physical Model for Explaining the
Maturation-Dependent Retraction
Response of Neurons
It is conceivable that the reduced retraction response of mature
neurons to injury is caused by the enhanced adhesion formed
between the axon and outside. Following this line of reasoning,
we tried to explain our experimental observations with a physical
developed recently (Shao et al., 2019). Specifically, we assumed
that the observed retraction is driven by axonal tension and
resisted by cell-substrate adhesion (see Figure 3A). Since the
whole retraction process occurs relatively slowly (i.e., taking
minutes to complete), the axon can be assumed to be in quasi-
static equilibrium, that is the axonal tension must be balanced
by cell-substrate adhesion at any given moment. In this case, a
small segment of axon (with length dx) will be subject to internal
forces acting on the two ends, along with the adhesion force at the
axon-substrate interface (Figure 3B). Balance of forces requires

A
∂σ (x, t)

∂x
+ w · f (x, t) = 0, (1)
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FIGURE 3 | (A) Representative spatial distributions of NACM clusters (in 3- and 7-day axons) captured by TIRFM. (B) Schematics of the axon structure and cohesive

law used in the model. (C) Comparison between the recorded and simulated retraction trajectories of axons. Parameters adopted in the simulation are summarized in

Table 1.

where σ, A and w are the internal stress, cross-section area
and width of the axon, respectively. f represents the adhesion
force density exerted on the cell. For simplicity, the axon was
treated as a viscoelastic Kelvin–Voigt solid (taking into account
both its elastic and viscous responses) with the internal stress
given by

σ = E
∂u

∂x
+ η

∂2u

∂x∂t
(2)

with u, E and η representing the displacement, apparent
elastic modulus and viscosity of axon. Next, a cohesive law was
introduced to connect adhesion force with the spatial distribution
of NCAMmolecules as well as the behavior of NCAM-PLL bonds
responsible for bringing two surfaces together. Specifically, here
f was assumed to take the following form

f (x, t) = ρ(x) · kδ (1− Dn) , (3)
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TABLE 1 | List of parameters in the model.

Parameter meaning Adopted values References

E Elastic modulus of axon 5 kPa 4.6 ± 1.5 kPa (Grevesse et al., 2015)

τ Characteristic relaxation time of axon 80 s 50–2,000 s (Bernal et al., 2007)

w Width of the axon 1µm Directly measured

εEw2 Pre-existed tension inside axon 2.5 nN ∼2 nN (Mutalik et al., 2018)

k Stiffness of the adhesion bond 0.4 pN/nm ∼1 pN/nm (Fisher et al., 1999; Wieland et al., 2005)

kδc Maximal force an adhesion bond can sustain for 3-days 104 pN Tens to hundreds of pico-newton (Wieland et al., 2005)

d NCAM-PLL bond spacing 38 nm ∼28–73 nm (Arnold et al., 2004; Jiang et al., 2015)

ρ0 Areal density of adhesion clusters for 3-day neurons 0.17 µm−2 Directly measured

Areal density of adhesion clusters for 7-day neurons 0.55 µm−2 Directly measured

γ Apparent adhesion energy density for 3-day neurons 0.12 mJ/m2 0.1–0.4 mJ/m2 (Liu et al., 2020)

Apparent adhesion energy density for 7-day neurons 0.39 mJ/m2

where ρ(x) represents the areal density distribution of NCAMs
along the axon (which can be estimated from the TIRFM images
obtained), δ and k stand for the stretching (due to the relative
sliding between the axon and substrate) and stiffness of the
NCAM-PLL bond. The enforced disruption of adhesion was
captured by Dn defined as

Dn =







0 δ ≤ δc
2(δ−δc)

δ
δc < δ < 2

1 δ ≥ 2δc

δc. (4)

Essentially,δ = u (x, 0) − u(x, t) is the magnitude of the relative
sliding between the cell and the substrate, and δc represents
the critical distance where deformed NCAM-PLL bonds start to
break. Consistent with adhesions in biological systems, Equation
(4) means that the bond force increases linearly with δ initially
until it reaches the threshold value δc, beyond which the force
begins to decrease with δ before rupture of the bond taking place
at δ = 2δc (where total debonding occurs, i.e., f = 0 beyond this
critical sliding distance). It should be noted thatρ(x) comes from
the fluorescent (NCAM staining) figures captured by TIRFM, for
example Figure 3A. The length of the cluster was assumed to be 1
um and NCAM-PLL bond was assumed to be equally distributed
in each cluster with a spacing 38 nm for simplicity.

By choosing realistic parameters E = 5 kPa, τ = E/η

= 80s, w = 1µm, εEw2 = 2.5 nN (pre-existed tension
within the axon), k = 0.4 pN/nm, kδc = 104 pN (refer to
Table 1), the retraction curves of 3- and 7-day neurons were
simulated (Figure 3C). Note that, the observed TIRFM images
of NCAM clusters (Figure 3A) were used as input for the
adhesion distribution function ρ(x). Essentially, the length of
each cluster was taken to be 1µm while a constant spacing d
of 38 nm between NCAM-PLL bonds was assumed within the
cluster (i.e., ρ(x) equals to 1/d within the spatially distributed
1µm long clusters and 0 everywhere else). Interestingly, the
recorded retraction curves (decorated with sudden bursts) for
both 3- and 5-day neurons were well-explained by the model
(Figure 3C), indicating the essential features involved in the
inhomogeneous adhesion-regulated retraction of axon have been
captured by this description. Finally, given that the average

densities of adhesion clusters for 3- and 7-day neurons were
measured as 0.17 and0.55µm−2, the apparent adhesion energy
γ for immature or mature neural cells was estimated to be ∼0.12
and 0.39 mJ/m2, respectively.

DISCUSSION

In this brief report, we showed how maturation of neural cells
affects their adhesion with outside as well as their response
against traumatic injury. Specifically, it was found that ∼3 times
more NCAM-mediated adhesion clusters were formed at the
interface of matured axons (7-day of culturing) and substrate,
compared to immature (3-day of culturing) ones, although
their size (∼1µm) remained more or less the same in both
cases. Interestingly, the weaker adhesion in immature axons led
to a stronger retracting response against injury, along with a
retraction curve decorated with sudden bursts. A physical model
was also adopted to explain the observed retraction trajectories
which suggested that the observed displacement excursions are
due to the disruption of individual adhesion clusters and the
apparent axon-substrate adhesion energy increases from ∼0.12
to 0.39 mJ/m2 as neural cell matures, in agreement with recent
experiments (Liu et al., 2020). Given the critical role of axon
adhesion/retraction in the formation/disintegration of the neural
network, findings here can enhance our basic understanding of
brain injury. In addition, the fact that the injury-response of
neurons was regulated by their interactions with outside could
provide clues for the development of neural engineering.

One thing must be pointed out is that maturation was
assumed to only influence neuron-substrate adhesion in the
present model. In reality, it has been reported that a much more
organized actin skeleton (Zhong et al., 2014) will be developed
in the mature axons, compared to immature ones, indicating
that the bulk mechanical response (Lin, 2009) of axon could
change considerably as neuron matures. In addition, evidence
also indicated that NCAM clusters can be connected to the
cell cortex through spectrin binding (Leshchyns’ka et al., 2003),
suggesting that cortical actomyosin contraction may play a role
in the formation/disruption of mature adhesions and how they
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respond to external stimuli as well. Evidently, carefully designed
studies are needed in the future to address these important issues.
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Substrate surface characteristics such as roughness, wettability and particle density

are well-known contributors of a substrate’s overall osteogenic potential. These

characteristics are known to regulate cell mechanics as well as induce changes in

cell stiffness, cell adhesions, and cytoskeletal structure. Pro-osteogenic particles, such

as hydroxyapatite, are often incorporated into a substrate to enhance the substrates

osteogenic potential. However, it is unknown which substrate characteristic is the key

regulator of osteogenesis. This is partly due to the lack of understanding of how

these substrate surface characteristics are transduced by cells. In this study substrates

composed of polycaprolactone (PCL) and carbonated hydroxyapatite particles (HAp)

were synthesized. HAp concentration was varied, and a range of surface characteristics

created. The effect of each substrate characteristic on osteoblastic differentiation was

then examined. We found that, of the characteristics examined, only HAp density,

and indeed a specific density (85 particles/cm2), significantly increased osteoblastic

differentiation. Further, an increase in focal adhesion maturation and turnover was

observed in cells cultured on this substrate. Moreover, β-catenin translocation from

the membrane bound cell fraction to the nucleus was more rapid in cells on the 85

particle/cm2 substrate compared to cells on tissue culture polystyrene. Together, these

data suggest that particle density is one pivotal factor in determining a substrates overall

osteogenic potential. Additionally, the observed increase in osteoblastic differentiation

is a at least partly the result of β-catenin translocation and transcriptional activity

suggesting a β-catenin mediated mechanism by which substrate surface characteristics

are transduced.

Keywords: mechanotransduction, focal adhesion, surface topography, translocation, beta catenin

INTRODUCTION

Studies evaluating the effect of substrate surface characteristics on osteogenesis have
determined that there is a significant interplay between surface characteristics and bone
cell response (Lim et al., 2011; Abagnale et al., 2015). For instance, recent studies have
demonstrated that micro and nano-scale topographies, by affecting surface characteristics such
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as roughness, wettability, and height, effect changes in the
cell’s cytoskeletal structure (Lossdörfer et al., 2004; Lim et al.,
2005c; Yim et al., 2010). These topographies also promote
osteogenesis and direct mesenchymal stem cells toward the
osteoblastic lineage (Deligianni et al., 2000; Mendonça et al.,
2009). Frequently, the substrate surface characteristics are
created by incorporating a pro-osteogenic material, such as
hydroxyapatite particles (HAp), directly into the substrate.

Hydroxyapatite is the main mineral component of bone and
is highly osteoconductive. HAp are synthesized in a variety of
sizes, from the nanometer tomicron scale, and a variety of shapes,
from spheres to needle-like rods (Roohani-Esfahani et al., 2010;
Tautzenberger et al., 2012). The effect of various HAp sizes and
shapes on their osteogenic potential has been summarized in
numerous reviews that suggest spherical HAp <1 micron in
size facilitate osteogenesis to the greatest degree (Legeros et al.,
1967; Roohani-Esfahani et al., 2010; Tautzenberger et al., 2012).
Unfortunately, hydroxyapatite is not a viable material for all load
bearing applications because of its extreme brittleness during
shear (Roohani-Esfahani et al., 2010; Gordeladze et al., 2017). To
overcome this, HAp are typically combined with other materials,
including polymers such as polycaprolactone (PCL), which is
biocompatible, bioresorbable, and exhibits mechanical properties
more similar to that of bone (Gordeladze et al., 2017).

Combining HAp and PCL has resulted in materials that
have unique and tunable surface characteristics. By increasing
or decreasing the ratio of HAp to PCL, variations in substrate
surface characteristics such as roughness, particle density,
wettability, and height can be achieved (Thomas et al., 2006;
Wu et al., 2015; Bovand et al., 2019). Studies investigating
these substrate properties have yielded conflicting results because
the substrates examined have numerous properties that differ.
This has made identifying a singular property that is causing
osteogenesis challenging. To overcome this, previous studies have
cultured cells on nanoposts, limiting the differences in substrate
characteristics and instead varying only post-size, post-height,
and post-density. These studies determined that the presentation
of denser nanoposts to human mesenchymal stem cells resulted
in more adipogenic differentiation, while less dense substrates
resulted in a more osteogenic differentiation (Ahn et al., 2014).
Moreover, nanoposts that were between 200 and 700 nm in
diameter were the most osteogenic, but this was also dependent
on post-height and stiffness (Wen Kuo et al., 2014). These studies
suggest that the ability of the cell to form the correct cell-substrate
adhesion, known as a focal adhesion, is a significant contributor
to inducing osteogenesis. However, translation of these results to
materials that can be utilized in vivo such as PCL and HAp have
yielded conflicting results.

One reason it is still challenging to create novel substrates
with increased osteogenic potential is because it is still unknown
how substrate surface characteristics are transduced and how this
signal then regulates osteogenesis (Pavalko et al., 2003; Kashte
et al., 2017). Numerous attempts have been made to determine
the mechanism by which substrate surface characteristics are
transduced into intracellular signals. This has given rise to
the concept that surface characteristics induce cytoskeletal
changes that then alter nuclear morphology and gene expression

(Schaffler and Kennedy, 2012). Previous data also suggest β-
catenin, a protein found at cell adhesions and a key contributor
in the Wnt signaling pathway, transduces substrate surface
characteristics, but this concept has yet to be validated (Alenghat
and Ingber, 2002; Perez-Moreno et al., 2003).

The canonical Wnt signaling pathway relies on β-catenin
translocation to the nucleus to regulate transcription factors,
which in the case of osteoblastic cells, regulate pro-osteogenic
genes (Cadigan and Waterman, 2012). Another role of β-catenin
is its contribution to the formation and stabilization of cell
adhesions such as focal adhesions and cadherins (Mbalaviele
et al., 2006; Thompson et al., 2012). At E-cadherins, β-catenin
binds the cadherin directly at the N-terminus, where it is then
stabilized by α-catenin. α-catenin then either binds directly to
actin or indirectly to vinculin that then binds actin (Jamora
and Fuchs, 2002). More recent studies have also suggested that
vinculin may directly bind β-catenin after activation and that the
β-catenin/vinculin complex is capable of supporting mechanical
tension (Peng et al., 2010; Bertocchi et al., 2019). Interestingly,
vinculin is also a component of another adhesion complex,
focal adhesions, although the role of β-catenin, if any, at focal
adhesions is still unknown (Kanchanawong et al., 2010).

Focal adhesion complexes are composed of >50 proteins
and are known to contribute to mechanosensing within the
cell (Zamir and Geiger, 2001). The transmembrane portion is
comprised of integrins that bind to the extracellular matrix.
Previous studies suggest that integrins respond differentially to
various surface characteristics, with different forms of integrins
adhering preferentially to pro-osteogenic substrates compared
to sub-optimal substrates (Hyzy et al., 2017). Focal adhesions,
well-known mechanosensors, also increase in size in response
to increased actin fiber tension. This phenomena, known as
the growth model of force-induced focal adhesion, is driven by
actomyosin-mediated tension (Besser and Safran, 2006; Geiger
et al., 2009; Kim and Wirtz, 2013; Kuo, 2014). Previous studies
examining human mesenchymal stem cell differentiation have
observed a correlation between nanopost density, focal adhesion
formation and maturation, and the differentiation state of the
cell (Di Cio and Gautrot, 2016). These studies found the median
densities often elicit the greatest increase in focal adhesion
maturation and differentiation. In addition, evidence presented
by Dubrovskyi et al. suggests that β-catenin may localize to
focal adhesions as well, binding paxillin during Rac activation
(Dubrovskyi et al., 2013). However, the contribution β-catenin
may have facilitating focal adhesion formation and binding of
actin stress fibers has not been fully explored. The relationship
between focal adhesion maturation, osteoblastic differentiation,
and β-catenin localization has led to the examination of whether
focal adhesions transduce substrate surface characteristics to
mediate osteogenesis and, if so, the mechanism by which this
occurs (Perez-Moreno et al., 2003; Nelson andNusse, 2004;Marie
et al., 2014).

To better understand the mechanism by which substrate
surface characteristics affect osteogenesis we varied the
concentration of HAp independent of PCL to create substrates
with a range of surface characteristics. We hypothesized that
substrates with a concentration of 30% HAp to PCL would
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increase osteoblastic differentiation compared to lower (5%)
or higher (50%) concentrations of HAp to PCL, similar to that
which has been observed in previous studies using various
densities of nanoposts (Di Cio and Gautrot, 2016). Furthermore,
the mechanism by which this occurs may involve the regulation
of β-catenin by, or liberation from, proteins at adhesion
complexes, located at the cell membrane. This would result in
increased β-catenin translocation form these adhesion complexes
to the nucleus on the more osteogenic substrate.

To evaluate this hypothesis, we examined osteoblastic
differentiation, as assessed by osteoblastic gene expression and
alkaline phosphatase (AP) activity, on 5, 30, and 50% HAp to
PCL substrates. We also evaluated focal adhesion morphology
and number over time, β-catenin localization over time, and
nuclear β-catenin activity. We observed that cells on substrates
with a concentration of 30% HAp to PCL displayed increased
expression of genes associated with osteoblastic differentiation
and osteoblastic activity, relative to cells on other substrates
examined. However, the substrates examined did not exhibit
significant changes in surface roughness, wettability, or height.
Moreover, focal adhesion turnover and maturation of cells on the
substrate with a concentration of 30% HAp to PCL occurs more
rapidly compared to cells on tissue culture polystyrene (TCPS).
Thismore rapid turnover andmaturation also corresponded with
a more rapid release of β-catenin from the membrane bound
fraction, where β-catenin is retained at adherens junctions and
focal adhesions, to the nucleus.

MATERIALS AND METHODS

Substrate Synthesis and Characterization
Polycaprolactone and Hydroxyapatite Substrate

Synthesis
To create a pro-osteogenic substrate to test our hypothesis,
various formulations of HAp and PCL substrates were fabricated.
Five thousand molecular weight PCL was suspended at a 2.5%
wt./vol. ratio in chloroform. The mixture was then homogenized
until all PCL was dissolved into solution. After homogenization,
500 nm HAp was added into the solution at a ratio of 5, 30,
or 50% wt./wt. with the PCL. Using a dip-coating technique,
22mm coverslips were coated with one of the following; PCL
solution only (PCL), 5% HAp to PCL solutions, 30% HAp to PCL
solutions, or 50%HAp to PCL solution. After coating, the various
substrates were allowed to dry at room temperature for 24 h.

Substrate Surface Roughness and Height

Characterization
Substrate surfaces were characterized for roughness and height
(z-range) using a Dimension ICON atomic force microscopy
platform (Veeco, Plainview, NY). Briefly, each substrate was
rinsed with 70% ethanol to remove debris left on the surface after
synthesis and the ethanol allowed to evaporate. The substrates
where them imaged by atomic force microscopy using a TESP-
SS antimony doped silicon cantilever (Bruker, Billerica, MA).
The cantilever used a single tip with a resonance frequency
in the range of 230–410KHz. The probe radius was 5 nm,
with a tip height of 10–15µm, spring constant of 42 N/m,

and a cone angle of <10◦ over the first 200 nm of tip length.
All evaluations were performed in air. The set point voltage
was kept between 0.1 and 0.3V with the cantilever force kept
constant. The frequency employed was manipulated based on the
substrate in order to accurately quantify the surface roughness
and height. The scan resolution was 256 × 256 pixels with a
scan frequency of 0.85Hz over a 5µm × 5µm area scanned.
The average height and roughness of three random areas per
substrate was determined and used to estimate each substrate’s
overall roughness and height.

Substrate Surface Energy Characterization
Surface energy, also referred to as wettability, was characterized
using contact angle measurements with a 590 Advanced
Automated Goniometer/Tensiometer (Ramé-Hart, Succasunna,
NJ). Briefly, each substrate was rinsed with 70% ethanol to
remove any debris left on the surface after synthesis and the
ethanol allowed to evaporate. The substrates then underwent
contact angle measurement using doubly distilled water. Three
random areas were evaluated on each substrate and the
average of the three measurements was taken as the substrate’s
overall wettability. Image analysis was performed by using the
DROPimage version 2.4 software (Ramé-Hart, Succasunna, NJ).

Substrate Particle Density Characterization
Particle density for the various substrates was quantified using
an EVOS light microscope. Images of the substrate were taken
at three random locations. Using Fiji image software (Schindelin
et al., 2012), HAp was isolated by increasing the contrast between
the HAp, which auto-fluoresces, and the background image using
a 0.3% increase in saturated pixel contrast. The images were then
converted to an 8-bit file format and then the background image
subtracted using a 5-pixel rolling ball radius leaving only HAp
visible. The particles were then outlined before being quantified
using the Analyze Particles tool package in Fiji (Schindelin
et al., 2012). The average particle number of the three random
locations was then determined and divided by the field of view to
determine the substrates areal particle density (particles/cm2).

Mechanistic Evaluation of Substrates
Osteoblast Cell Culture
To assess osteogenesis, the differentiation capacity of human
fetal osteoblasts (hFOB 1.19 cells), a preosteoblastic cell line,
was assessed as previously described (Lim and Donahue, 2007).
Briefly, for proliferation of hFOB 1.19 cells, cells were cultured at
33.5◦C with 5% CO2 to 80% confluence in standard DMEM:F12
media supplemented with 10% fetal bovine serum (Gibco,
Gaithersburg, MD) and 1% Penicillin/Streptomycin mixture
(Sigma, St. Louis, MO). To induce differentiation of the hFOB
1.19 cells, the standard media was supplemented with 100µg/mL
ascorbic acid, 10−8 M menadione, and 10−8 M dihydroxy-
vitamin D3 (Sigma, St. Louis, MO), and the cells were cultured
at 39.5◦C with 5% CO2 until the desired timepoint. Media was
changed every 3 days unless otherwise stated for all experimental
methods. All substrates used were sterilized by completely
submerging the substrates in 70% ethanol for 5min before
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TABLE 1 | Reference numbers associated with each osteoblastic gene evaluated

using primers purchased from.

Gene of interest Gene

abbreviation

Primer reference

number

Alkaline Phosphatase Alpl qHsaCID0010031

Osteocalcin Bglap qHsaCED0038437

Collagen1-a1 Col1-a1 qHsaCEP0050510

RUNX Family Transcription Factor 2 Runx2 qHsaCID0006726

Sp7 Transcription Factor Sp7 qHsaCEP0025867

Glyceraldehyde-3-Phosphate

Dehydrogenase

Gapdh qHsaCEP0041396

the ethanol was aspirated and remaining ethanol allowed to
evaporate for 1 h under UV light.

Osteoblastic Gene Expression
hFOB 1.19 cells were cultured on tissue culture polystyrene
(TCPS), PCL, 5% HA/PCL substrate, 30% HA/PCL substrate,
or 50% HA/PCL substrate and cultured under differentiation
conditions for 1 and 7 days. At each time point RNA was
isolated using an RNeasy Mini Kit (Qiagen, Hilden, Germany).
Quantitative real time PCR (RT-qPCR) was performed using a
C1000 Touch Thermal Cycler with CFX96 Real-Time System
(Bio-Rad Laboratories, Hercules, CA). PowerUp Sybr Green
Master Mix was used to quantify gene expression (Thermo
Fisher Scientific). The genes we evaluated are associated with the
various stages of osteoblastic differentiation and are as follows;
alkaline phosphatase (Alpl), Osteocalcin (Bglap), Collagen 1a1
(Col1-a1), RUNX Family Transcription Factor 2 (Runx2), and
Sp7 Transcription Factor (Sp7). Glyceraldehyde-3-Phosphate
Dehydrogenase (Gapdh) was used as a reference gene for all
samples. All primers used in this study were PrimePCR Sybr
Green Assay Primers (Bio-Rad Laboratories, Hercules, CA) and
the unique assay ID numbers are provided in Table 1. The
11Ct method used to quantify fold-change in gene expression
relative to the housekeeping gene Gapdh, as previously described
(Tarkkonen et al., 2017).

Alkaline Phosphatase (AP) Activity
hFOB 1.19 cells were cultured on either tissue culture
polystyrene (TCPS), PCL substrate, 5% HA/PCL substrate,
30% HA/PCL substrate, or 50% HA/PCL substrate at 15,000
cells/cm and cultured under differentiation conditions for 7 days.
Differentiation was evaluated using a colorimetric AP enzymatic
activity assay as previously described (Donahue et al., 2000).
Briefly, cells were freeze thawed in 400 µL of 0.05% Trition-
X100 in phosphate buffered saline twice and then the cell lysate
collected. Ten microliter of each sample lysate was removed and
used to quantify total protein concentration using Pierce BCA
protein assay kit (Thermo Fisher, Waltham, MA). AP enzymatic
activity was then determined by conversion of p-nitrophenyl
phosphate to p-nitrophenol. Two hundred microliter of AP
reaction buffer was then added to each sample and incubated
at room temperature for 30min. After incubation 50 µL of each

sample was moved to 200 µL of 0.1 NaOH in a 96 well-plate to
quench the reaction. All samples were then measured at 410 nm
and SIGMA units calculated based on the standard curve. All
readings were then normalized to total protein concentration to
control for variations in cell number between samples.

Focal Adhesion Staining
hFOB 1.19 cells were cultured on either glass, PCL, 5% HA/PCL
substrate, 30% HA/PCL substrate, or 50% HA/PCL substrate at
15,000 cells/cm and cultured under differentiation conditions for
1, 2, 4, 12, 24, or 48 h. At the selected time point, cells were
stained using a FAK 100 Actin Cytoskeleton and Focal Adhesion
Staining Kit (Sigma, St. Louis, MO). Briefly, cell culture medium
was removed, and cells were fixed in 4% paraformaldehyde for
15min at room temperature. After fixation, cells were washed
twice with wash buffer consisting of 0.01% Tween-20 in PBS.
Cells were then permeabilized with 0.1% Trition-X100 in PBS
for 3min. After permeabilization cells were washed twice with
wash buffer and then blocked for 30min at room temperature
in Odyssey Blocking Buffer (Thermo Fisher Scientific, Waltham,
MA). After blocking anti-vinculin antibody was diluted to 1:250
in blocking buffer and incubated for 1 h at room temperature.
Cells were then washed three times in wash buffer. After
washing ReadyProbes AlexaFluor 488 (Thermo Fisher Scientific,
Waltham,MA) was diluted in PBS according to themanufactures
protocol. Samples were then incubated in the PBS solution for 1 h
at room temperature and protected from light. After incubation
samples were washed three times in wash buffer and then DAPI
stain, diluted at 1:1,000 in PBS, was added and incubated at
room temperature for 5min. After incubation samples were
mounted on glass slides using ProGold Antifade Mounting
Solution (Thermo Fisher Scientific, Waltham, MA).

Focal Adhesion Characterization
Confocal images of the various samples were gathered using an
LSM 710 Confocal Microscope (Zeiss, Jena, Germany). Briefly,
a 30µm z-stack of each sample was taken with 10 slices per
stack. The image that provided the greatest resolution of vinculin
(GFP+) was then used for further analysis and quantification.
Using custom MATLAB-based software, images were analyzed
for focal adhesion size and morphology, and number normalized
to cell number. A contrast threshold of 0.450 was selected
and applied to all images allowing segmentation of the
individual focal adhesions. If the segmentation did not accurately
represent the original image, a different threshold value was
chosen manually until segmentation of the focal adhesions was
representative of the original images. Thresholding analysis was
then performed and focal adhesion number, length and width
dimensions (um), and area (um2) were output and recorded.

β-Catenin Cellular Dynamics
The 30% HA/PCL substrate, which elicited the greatest increase
in focal adhesionmaturation and osteoblast differentiation, along
with TCPS (control), were further evaluated to asses β-catenin
cellular dynamics. hFOB 1.19 cells were seeded onto either
TCPS or pro-osteogenic (30% HA/PCL) substrates at 100,000
cells/cm2 and cultured under differentiation conditions for 4,
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12, 24, 48, 72, or 96 h. After culture, cells underwent protein
fractionation using the Subcellular Protein Fractionation kit for
Cultured Cells (Thermo Fisher Scientific, Waltham, MA). After
fractionation, 10µL of cell lysate from each fraction was removed
and used to quantify total protein concentration using a Pierce
BCA protein assay kit (Thermo Fisher, Waltham, MA). Twenty-
five microgram of total protein from each cell fraction at the
various time points was then used to quantify total β-catenin
protein concentration in the various cell fractions over time using
a Human Total β-catenin DuoSet IC ELISA (R&D Biosystems,
Minneapolis, MN). All cell fractions were then normalized to
total β-catenin concentration at the respective timepoints.

Luciferase Based β-Catenin Translocation Reporter

Assay
To validate nuclear β-catenin translocation and activity from
cell fractionation experiments, hFOB 1.19 cells were examined
using a luciferase based reporter assay (Promega Corporation,
Madison, WI) as previously described (Gupta et al., 2019).
Briefly, hFOB1.19 cells were transiently transfected with either a
TOPFLASH reporter construct, which contains a firefly luciferase
reporter that is activated by TCF/LEF binding or a FOPFLASH
reporter construct, which has a mutated TCF/LEF protein that
prevents β-catenin activation of the firefly reporter. After 24 h,
100,000/cm2 cells were seeded onto either TCPS or the pro-
osteogenic substrate (30%) and cultured for 48 and 72 h. After
culture, the cells were lysed and a TOPFLASH/FOPFLASH
quantified. β-catenin translocation and activity in cells on TCPS
or the pro-osteogenic substrate was then calculated.

Inhibition of β-Catenin Binding to TCF/LEF
To determine if observed changes in differentiation were, in
part, a result of β-catenin activity, we inhibited β-catenin
bind to TCF/LEF using a small molecule inhibitor PNU-74564
(Yan et al., 2017). Under normal physiological conditions β-
catenin binds TCF/LEF upon translocation to the nucleus, which
then activates transcription of various genes associated with
osteoblastic differentiation and other genes such as Axin2 (Leung
et al., 2002; Li et al., 2018). Upon introduction of PNU-74564,
the binding of β-catenin is inhibited, thus inhibiting downstream
effector gene expression. hFOB 1.19 cells were seeded onto either
TCPS or pro-osteogenic (30%HA/PCL) at 100,000/cm2. The cells
were then exposed to either differentiation media supplemented
with 0.1% dimethyl sulfoxide (DMSO) or differentiation media
supplemented with 0.1% DMSO and 25µM PNU-74564. Cells
were then cultured under differentiation conditions for 2, 3, or 7
days with media changed every 2 days. At each time point cells
were evaluated for AP activity as described previously in section
Alkaline Phosphatase (AP) Activity, or for Axin2 gene expression
using methods described previously in section Osteoblastic
Gene Expression. Glyceraldehyde-3-Phosphate Dehydrogenase
(Gapdh) was used as a reference gene for all samples. All
primers used were PrimePCR Sybr Green Assay Primers (Bio-
Rad Laboratories, Hercules, CA). The 11Ct methodology was
used as described previously to compared changes in gene
expression relative to Axin2 gene expression in the control cells
cultured on TCPS at day 2 (Rao et al., 2013).

Statistical Evaluation
Changes in substrate surface properties were assessed with 3
or more samples with each sample being the average of three
replicates. Gene expression was assessed with 3–4 samples with
each sample being the average of three replicates. Focal adhesion
quantification and characterization was assessed with 3 samples
with each sample consisting of ∼5–75 cells or ∼500–5,000
focal adhesions per sample. β-catenin localization was assessed
with 4–6 samples with each sample consisting of two replicates.
Osteoblastic gene expression and differentiation in response to β-
catenin inhibitor PNU-74564 was assessed with 5–6 samples with
each sample being the average of 3 replicates or 2 replicates for
gene expression and AP activity, respectively. Changes in surface
properties and osteoblastic AP activity were assessed using two-
way ANOVA followed by Tukey’s post-hoc analysis and are
reported as mean ± SD. Changes in osteoblastic gene expression
and focal adhesion size and eccentricity were assessed using
two-way ANOVA followed by Tukey’s post-hoc analysis and are
reported as mean ± SD. Changes in β-catenin localization were
assessed using two-way ANOVA followed by Tukey’s post-hoc
analysis and are reported as mean ± SD. Changes in β-catenin
translocation and activity, determined using a luciferase-based
reporter assay, was assessed using an unpaired t-test followed by
Bonferroni post-hoc analysis and are reported as mean ± SD.
The effect of β-catenin inhibitor, PNU-74564, on Axin2 gene
expression and AP activity were assessed using two-way ANOVA
followed by Tukey’s post-hoc analysis and are reported as mean
± SD. All analysis was performed using GraphPad Prism version
8.1.1 forWindows (GraphPad Software, La Jolla California USA).
P < 0.05 were considered statistically significant.

RESULTS

Substrate Surface Roughness and Particle
Density Varied Based on HA Concentration
Characterization of the roughness, substrate height, particle
density, and wettability for the glass substrate, PCL substrate,
5% HA/PCL, 30% HA/PCL, and 50% HA/PCL substrates is
summarized in Table 2. The substrate height of glass and PCL
only substrates did not vary significantly from each other with
observed values of 543 ± 8 nm and 598 ± 82 nm, respectively.
However, these values were significantly different than all other
substrates evaluated. No significant variation in substrate height
was observed between the 5 and 30% substrates with observed
heights of 1,063 ± 229 nm and 969 ± 361 nm, respectively,
while the 50% substrate with an average height of 2,165 ± 121
was significantly different than all other substrates evaluated.
Substrate wettability did not vary significantly between any of the
evaluated substrates, but surface roughness of the 50% HA/PCL
substrate was greater than all other substrates. Particle density did
vary significantly between the Glass, TCPS, and 5% substrates
with particles densities of 0 ± 0, 3 ± 1, and 16 ± 2 p/cm,
respectively, compared to the 30 and 50% substrates with particle
densities of 86 ± 2 and 165 ± 8 p/cm, respectively. The 30
and 50% substrates were significantly different than all other
substrates and significantly different from each other.
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TABLE 2 | Substrate characteristic characterization and evaluation of osteoblastic differentiation.

Substrate Height (nm) Roughness (Ra) Surface energy (◦) Particle density (particles/cm) AP activity (U/µg)

TCPS – – – – 13 ± 4.9

Glass 543 ± 8a 2 ± 2.19 84.32 ± 1.11 0 ± 0a 13 ± 5.4

PCL 598 ± 82a 8 ± 19.16 85.88 ± 1.11 3 ± 1a 13 ± 6.4

5% 1063 ± 229b 21 ± 9.58 88.24 ± 0.73 16 ± 2a 17 ± 9.8

30% 969 ± 361b 25 ± 7.97 87.42 ± 0.98 86 ± 2b 32 ± 9.2a

50% 2165 ± 121 94 ± 3.53a 92.03 ± 0.36 165 ± 8c 15 ± 9.9

n ≥ 3 with each sample being the average of 3 replicates. Groups sharing the same letter are not significantly different (p < 0.05) within the same column.

FIGURE 1 | Osteoblastic gene expression on the various PCL/HA substrates. Evaluation of osteoblastic gene expression of (A) alkaline phosphatase (Alpl), (B)

osteocalcin (Bglap), (C) collagen1-a1 (Col1-a1), (D) Runx2, and (E) Osterix (Sp7) at 1 and 7 days on the various substrates evaluated in this study. Substrates sharing

the same letter denotes a lack of significance at the same time point, *significantly different compared to all other groups at the same time point. n = 3–4 samples with

each sample being the average of three replicates.

Osteoblastic Differentiation Is Increased
On 30% HA/PCL Substrate
In order to assess osteogenic potential of the various substrates,
expression of key osteoblastic differentiation markers were
assessed at days 1 and 7 (Figure 1). At day 1, Bglap expression
was significantly upregulated in cells on the 30% substrates vs.
all other substrates. Sp7 expression was significantly upregulate
in cells on the 5% substrate compared to all other substrates,
however these results varied based on HA/PCL composition.
Trends were more apparent after 7 days of culture. Runx2
gene expression, a marker of commitment to the osteoblast
lineage, was significantly increased in cells on substrates that
contained HA (5, 30, and 50%) compared to cells that were
seeded on substrates that did not contain HA (TCPS, PCL).

This suggests HA has a significant impact on osteoblastic
differentiation, regardless of the substrate characteristics. Cells
on the 30% HA/PCL substrate had significantly greater gene
expression in genes related to bone matrix deposition (Alpl,
Col1a1, and Bglap) and Sp7 than all other groups. This
indicated that the 30% HA/PCL substrate promotes greater
osteoblastic differentiation compared to other substrates. To
confirm the results observed at day 7 on the various substrates,
AP activity was quantified for cells on each substrate. After
7 days of culture cells on the 30% substrate exhibited a
significant 1-fold increase in AP activity compared to cells
on any of the other substrates (Table 2). Significant variations
in AP activity was not observed in cells on any of the
other substrates.
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FIGURE 2 | Focal adhesion number, size, and morphology over time on each of the evaluated substrates. Temporal quantification of focal adhesion (A) number, (B)

area, and (C) eccentricity over time on either glass, PCL, 5, 30, or 50% substrates. *p < 0.05 compared to all other groups at the same time point. n = 3 samples

with each sample consisting of ∼5–75 cells or ∼500–5,000 focal adhesions per sample.

Osteoblast Focal Adhesion Maturation
Was Increased by 30% HA/PCL Substrate
The number of focal adhesions per cell was evaluated for
all substrates (Figure 2A). Over the first 12 h all substrates
demonstrated a dramatic increase in focal adhesion number.
After 24 h the number of adhesions per cell begins to decrease
on all substrates aside from the PCL substrate. From 12 to 24 h,
the 30% substrate had the greatest decrease in adhesion number,
decreasing by roughly 100 adhesions per cell. Conversely, the
total number of adhesions per cell on glass, 5% HA/PCL and
50% HA/PCL substrates decreased by roughly 50 adhesions per
cell. The decrease in adhesion number continued at 48 h when
the evaluation concluded. Again the 30% HA/PCL substrate had
the greatest decrease in adhesion number per cell compared
to the glass, 5 and 50% HA/PCL substrates. The number of
adhesions per cell in cells on the PCL substrate did decrease
drastically between 24 and 48 h but remained higher than all
other substrates.

To further evaluate focal adhesion maturation, both adhesion
size and eccentricity were quantified. The average area of focal
adhesions in cells on the 30%HA/PCL substrate was significantly
increased 24 and 48 h after cell seeding compared to all other
substrates (Figure 2B). Furthermore, compared to cells on all
other substrates, a 1- and 3-fold increase in adhesion eccentricity

(value closer to 1) was observed in cells on the 30% HA/PCL
substrate 24 and 48 h, respectively, after cell seeding. We also
observed differences in focal adhesion morphology in cells
cultured on other substrates 2 h after cell seeding (Figure 2C).
These variations in adhesion morphology were not as much as
those observed 24 and 48 h after cell seeding on the 30% substrate
and therefore are not discussed in detail. The increase in focal
adhesion area and decrease in overall number are typical markers
of focal adhesion maturation (Biggs and Dalby, 2010). These
results indicate that the 30% HA/PCL substrate caused more
rapid focal adhesion turnover and maturation compared to all
other substrates evaluated.

More Rapid β-Catenin Protein
Translocation From Cell Membrane to
Nucleus on Pro-Osteogenic Substrate
(30% PCL/HA)
To further examine our hypothesis, we examined sub-cellular
β-catenin localization with protein fractionation and ELISA
to quantify β-catenin localization within the cell. We also
evaluated transcriptional activity using a TOPFLASH reporter
assay (Figure 3). Because we sought to evaluate the mechanism
by which substrate surface characteristics induce osteoblastic
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FIGURE 3 | β-catenin localization and total β-catenin concentration over 96 h and transcriptional activity at 48 and 72 h in hFOB 1.19 cells cultured on either TCPS or

pro-osteogenic substrate. Quantification of normalized β-catenin concentration in either the (A) membrane bound cell fraction, (B) nuclear cell fraction, or (D) total

β-catenin concentration. (C) Nuclear β-catenin activity quantified by TOPFLASH activity on either TCPS or pro-osteogenic substrate after 48 h and 72 h. n = 4–6

samples with each sample consisting of two replicates. *p < 0.05.

differentiation, and because the 30% HA/PCL substrate was
the only substrate that induced osteoblastic differentiation
(Table 2 and Figure 1), it was the only substrate that was
evaluated in further detail. We will refer to the 30% substrate
as the “pro-osteogenic substrate” henceforth because it enhanced
pro-osteogenic capacity and induced greater focal adhesion
maturation. Data from cells cultured on TCPS is presented as
a reference to more clearly illustrate the observed variations
of β-catenin localization and activity in cells cultured on the
30% substrate which have undergone significant differentiation
compared to cells cultured on a substrate that did not induce
differentiation. At all time points, cytoplasmic, membrane,
nuclear, and cytoskeletal fractions were isolated and normalized
to total β-catenin concentration at the respective timepoint.
β-catenin concentration in the cytoplasmic and cytoskeletal
fraction was not significantly different at any time point and
is therefore not shown. At 4, 12, and 96 h after seeding cells
onto either TCPS or pro-osteogenic substrate, no cell fraction
exhibited significant differences in β-catenin concentration.
Twenty-four hours after cell seeding, no significant variations
in total β-catenin concentration in the nuclear fraction was
observed between cells cultured on TCPS or pro-osteogenic
substrate. However, in the membrane bound fraction, where

β-catenin is localized at adherens junctions or focal adhesions,
we observed a significant increase in β-catenin concentration
in cells on pro-osteogenic substrates compared to cells on
TCPS (Figure 3A). At 48 h, in the membrane bound fraction
we observed a significant increase in β-catenin concentration
in cells on TCPS compared to cells on the pro-osteogenic
substrate (Figure 3A). Cells on pro-osteogenic substrates also
displayed a significant increase in β-catenin concentration within
the nuclear fraction compared to cells cultured on TCPS
(Figure 3B). At 72 h, no significant variations in normalized
β-catenin concentration within the membrane bound fraction
was observed between cells on TCPS and cells on the pro-
osteogenic substrate. However, there was a significant increase
in normalized β-catenin concentration in the nuclear fraction of
cells on TCPS compared to cells on pro-osteogenic substrate. To
confirm these findings we used a luciferase-based TOPFLASH
reporter assay that indicates increased transcriptional activity
of TCF/LEF caused by β-catenin binding within the nucleus
(Figure 3C). We observed a significant increase in TOPFLASH
activity in cells on the pro-osteogenic substrate compared to
cells on TCPS at 48 h. At 72 h we observed a significant increase
in TOPFLASH activity in cells on TCPS compared to cells on
pro-osteogenic substrate. Both of these results corroborate our
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finding as regards the translocation of β-catenin observed when
using protein fractionation coupled with ELISA. Total cellular β-
catenin was also quantified and no significant difference in cells
on TCPS compared to cells on pro-osteogenic substrate at any of
the examined time points (Figure 3D). Interestingly, at 4 and 12 h
the total, concentration of β-catenin, i.e., combining membrane
and nuclear fractions, was roughly 4,500 pg/mL. At 24 h the
total concentration of β-catenin within the cells decreased almost
1.5-fold, to ∼1,500 pg/mL, in cells cultured on both the TCPS
and pro-osteogenic substrate. The total β-catenin concentration
within the cells cultured on TCPS and pro-osteogenic substrate
then remained at the lower concentration for the remainder of
the study.

Inhibition of β-Catenin Binding to TCF/LEF
Prevents Substrate-Induced Increases in
Osteoblastic Differentiation
To examine whether the observed changes in osteoblastic
differentiation were, in part, a result of the observed increase
in β-catenin translocation to the nucleus we then inhibited β-
catenin’s ability to bind to TCF/LEF using PNU-74564 (Yan
et al., 2017). We examined the inhibitor’s efficacy by evaluating
Axin2, a downstream effector gene of TCF/LEF (Leung et al.,
2002). After 2 days in culture, in the absence of PNU-74564,
Axin2 gene expression increased significantly in cells cultured
on pro-osteogenic substrates compared to cells cultured on TCPS
(Figure 4A). However, the observed increase in Axin2 expression
in cells on pro-osteogenic substrates was inhibited in the presence
of PNU-74564. After 3 days in culture, cells cultured on either
TCPS or pro-osteogenic substrate, in the absence of PNU-
74564, displayed a significant increase in Axin2 gene expression
compared to cells cultured on the same substrate in the presence
of PNU-74564. Moreover, in the absence of PNU-74564, Axin2
gene expression in cells cultured on TCPS was significantly
increased compared to cells cultured in the absences of PNU-
74564 on pro-osteogenic substrate. After 7 days in culture, no
significant changes in Axin2 gene expression was observed in any
of the groups evaluated. AP activity was significantly increased
after 7 days in cells cultured on pro-osteogenic substrate not in
the presence of PNU-74564. This increase was inhibited in cells
exposed to PNU-74564 (Figure 4B).

DISCUSSION

Development of substrate surface characteristics to promote
osteointegration has been an area of intense interest for
decades. However, the specific mechanism by which substrate
surface characteristics are transduced, as well as what substrate
characteristic may regulate this mechanism, are still largely
unknown. We hypothesized that the 30% HAp particle density
may be a key regulator of osteogenesis. Further, liberation of β-
catenin from focal adhesions as they undergo maturation and
the subsequent translocation of β-catenin to the nucleus is a
possible mechanism by which substrate surface characteristics
are transduced. We observed that only one of the evaluated
substrates, the 30% PCL/HA substrate, induced an increase

in osteogenic gene expression, AP activity and focal adhesion
maturation (Figure 1). We also determined that the cells on the
30% PCL/HA substrate had more rapid β-catenin translocation
from the cell membrane to the nucleus than cells on TCPS.
These results suggest that focal adhesion turnover, by releasing
β-catenin, increases cellular osteogenic activity by increasing
nuclear β-catenin transcriptional activation.

Upon evaluation of the 30% HAp substrate surface
characteristics, only particle density differed significantly
between all other substrates examined in this study. Substrate
height, roughness, and wettability were not significantly different
between the substrates examined (Table 2). However, literature
suggests that the determination of which substrate surface
characteristics regulate osteogenesis is highly complex.

Investigation by Dalby et al. and Khang et al. determined that
substratum roughness and height directly affected osteoblastic
response (Dalby et al., 2002; Khang et al., 2012), a finding
not corroborated by our study. Specifically, they determined
that micron scale topographies with a substrate height between
100–300 nm and nanoscale roughness between 12 and 14 nm
elicited increased osteoblastic differentiation. Lim et al. proposed
that substratum surface height was responsible for inducing
osteoblastic differentiation (Lim et al., 2012). They determined
that isotropic topography with a height of 11 nm induced
greater osteoblastic differentiation, proliferation, focal adhesion
formation and cell spreading compared to 35 and 85 nm high
topographies in vitro (Lim et al., 2012). A study by Loiselle et al.
evaluated substratum topography in vitro and in vivo (Loiselle
et al., 2013), with findings contradictory to those observed by
Lim et al. Loiselle et al. observed that 50–60 nm substratum
height induced the greatest osteoblastic differentiation in vitro
as well as greater in vivo mineralization compared to 10–15 nm
and 45 nm substratum height (Loiselle et al., 2013). In the
study presented here we found no significant differences in
surface roughness between the 5, 30, and 50% substrates, with
roughness averages of 21, 25, and 94, respectively. Although this
study evaluated significantly larger substratum surface heights
(0.5–2µm), variations in substratum surface height also varied
independently of osteoblastic differentiation. These conflicting
results suggests more investigation is needed to determine
conclusively if substrate roughness and height significantly
contribute and regulate osteogenesis.

Similar to substrate roughness and height, studies examining
substrate wettability have yielded conflicting results. Although
a correlation between substrate wettability and osteoblastic
differentiation has been reported, the osteoblastic response
observed has been inconsistent and varied depending on surface
topography, chemistry, and the specific cell line being evaluated
(Lim et al., 2005b; Lim and Donahue, 2007; Park et al., 2012). In
the study presented here, surface wettability was not significantly
altered between any of the substrates examined suggesting
substrate wettability may not have as significant a role in
regulating osteoblastic differentiation as previous studies have
suggested (Lim et al., 2005b; Park et al., 2012).

Particle density, unlike the other characteristics examined
in this study, was significantly different on the 30% substrate
compared to the other substrates examined. The 30% substrate
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FIGURE 4 | Inhibition of β-catenin binding to TCF/LEF in hFOB 1.19 cells on TCPS or Pro-Osteogenic Substrates. Evaluation of effect of β-catenin inhibitor,

PNU-74564, on (A) Axin2 gene expression and (B) AP Activity in cells cultured in media with inhibitor (+) or without inhibitor (–) on either TCPS or Pro-Osteogenic

substrates. *p < 0.05, #p < 0.05 compared to all other groups at same time point. n = 5–6 samples with each sample being the average of 3 replicates or 2

replicates for gene expression and AP activity, respectively.

had a particle density of 86 particles per centimeter, roughly
70 particles per centimeter greater than the 5% substrate
and 80 less particles per centimeter than the 50% substrates,
which had particle densities of 16 and 165 particles per
centimeter, respectively. A study by Ahn et al. examined how
nanopost density influenced osteogenic commitment of human
mesenchymal stem cells (hMSCs) and observed a parabolic
correlation between post-density and osteogenic differentiation
(Ahn et al., 2014), similar to the response observed in this study.
It was determined that lower and higher nanopost densities did
not induce a sufficient amount of cell spreading to increase cell
stiffness and induce osteogenic differentiation. Another study by
Kuo et al. corroborated these findings. They determined that
500–700 nm nanopillars reduced apoptosis and increased focal
adhesion formation to the greatest extent. They also determined
that roughly 900 nm between pillars was the ideal spacing to
induce cell spreading (Wen Kuo et al., 2014). Our findings,
coupled with the previously mentioned studies, suggest that there
is an optimal density, when using roughly 500 nm topographic
features that induces an increase in osteogenesis. However,
the results observed in this study and others suggest that the
relationship between substrate characteristics and osteogenesis
is highly complex. It depends heavily on the specific materials,
surface characteristics, cell type, and culture conditions being
used and further study is required before definitive assertions can
be made as to which substrate characteristic is responsible for
inducing osteogenesis.

Interestingly, in the previously mentioned studies that
examined substrate characteristics there was a commonality,
despite the conflicting results as to which substrate characteristic
induces osteogenesis. The substrate that resulted in the greatest
increase in osteoblastic differentiation also induced an increase
in focal adhesion formation and maturation (Lim et al., 2007;
Loiselle et al., 2013). In a proliferative state, cells exhibit

numerous, small, oblong focal adhesions. These adhesions probe
the surrounding environment to evaluate the substrate. As the
focal adhesions mature, they become larger and decrease in
overall number. Upon investigation of the 30% HAp substrate,
we observed similar changes that suggest a maturation of
focal adhesions (Figure 2). This maturation was observed on
the 30% substrate in conjunction with upregulation of key
osteoblastic differentiation genes as well as increased AP activity,
suggesting a relationship between focal adhesion maturation and
osteoblastic differentiation. This suggests that while substrate
surface characteristics may be variable, the substrates ability
to induce focal adhesion formation and maturation may be a
key factor in regulating osteoblastic differentiation. Evidence
of this interaction has been observed in previous studies
examining cell adhesion complexes and osteogenesis. However,
these studies have failed to identify a mechanism by which
focal adhesion maturation may contribute to the regulation of
osteoblastic differentiation (Alenghat and Ingber, 2002; Galli
et al., 2012; Abagnale et al., 2015). This unknown question has
been succinctly summarized in a review by Jamora and Fuchs
(2002). The question is as follows: it is known that disassociation
of adhesion complexes occurs in response to various stimuli, but
what happens to the proteins, such as β-catenin, that make up
the adhesion complexes after disassociation? Do they participate
in other facets of cell mechanotransduction, or are they broken
down and recycled within the cell?

To probe the question posed by Jamora and Funches,
we examined β-catenin sub-cellular localization over time.
Interestingly on the pro-osteogenic substrate, β-catenin
concentration remained high in the membrane after 24 h before
decreasing at 48 h then returning to a concentration similar to
that observed over the first 12 h. At 48 h, β-catenin concentration
in cells on the pro-osteogenic substrate exhibited an increase
in nuclear translocation of β-catenin, which coincided with
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the decrease in β-catenin at the membrane. After 48 h nuclear
β-catenin concentration returned to levels observed over the first
24 h. Cells on TCPS exhibited the same shift of β-catenin from
the membrane to the nucleus and then back to basal levels over
a 24-h period, similar to that observed on the pro-osteogenic
substrate. However, unlike cells on the pro-osteogenic substrate,
in cells on TCPS the shift of β-catenin from the membrane to
the nucleus did not begin until 48 h after seeding, 24 h later
than the pro-osteogenic substrate (Figure 3). This more rapid
translocation of β-catenin in cells on pro-osteogenic substrate is
likely due to one of the three mechanism discussed previously.
The increase in nuclear localization of β-catenin at 48 h on
the pro-osteogenic substrate also coincided with an increase
in TOPFLASH activity indicating an increase in TCF/LEF
transcriptional activity, which is pivotal in the regulation of
osteogenesis (Figure 3D). It is also worth noting that Axin2
gene expression closely mirrors the transcriptional activity of
β-catenin as measured by the TOPFLASH reporter assay, further
corroborating the observed changes (Figure 4A).

We further confirmed that the observed increase in AP
activity on the pro-osteogenic substrate is, in part, a result
of the more rapid translocation of β-catenin to the nucleus
as well as the observed increase in transcriptional activity.
Inhibiting β-catenin binding to TCF/LEF inhibits upregulation of
downstream effector genes, many of which regulate osteoblastic
differentiation (Li et al., 2018). Upon inhibition using PNU-
74564, a significant decrease in Axin2 gene expression was
observed in cells cultured on pro-osteogenic substrates and TCPS
after 2 and 3 days, respectively (Figure 4A). Importantly, the
significant increase in AP activity that is typically associated with
the pro-osteogenic substrate was inhibited in cells cultured in
the presence of PNU-74564 (Figure 4B). This suggests that the
observed increase in AP activity is a consequence of the more
rapid β-catenin translocation and increase in transcriptional
activity. Taken together these results support our hypothesis that
the osteogenic substrate we identified in this study induces the
liberation of β-catenin from adhesion complexes allowing β-
catenin to translocate to the nucleus and activate osteoblastic
differentiation. This also provides further evidence that β-
catenin bound at adhesion complexes and β-catenin that actively
participates in intracellular signaling come from the same pool, a
concept suggested by results from previous studies (Nelson and
Nusse, 2004; Bienz, 2005; Mbalaviele et al., 2006).

We hypothesized that β-catenin, a protein bound at the cell
adhesion complexes, is liberated and is then free to translocate to
the nucleus where it can bind TCF/LEF and regulate osteogenic
gene expression. Evidence from the study presented here, as
well as previous studies, suggests one of three mechanism by
which focal adhesions may mediate the observed change in β-
catenin localization and activity. The first is that as maturation of
focal adhesions occurs, greater intracellular tension is generated.
Increasing tensile force within the cells then causes disassociation
of cadherin complexes therefore liberating β-catenin. This
concept is supported by previous studies that have observed
increased breakdown and turnover of E-cadherins in response
to increased contractile activity (Kale et al., 2018). The second is
that β-catenin may participate in the binding of vinculin to actin

filaments at focal adhesions similar to that observed at adherens
junctions. As focal adhesion turnover occurs, β-catenin can then
be liberated from the focal adhesion complexes. Recent studies
suggest β-catenin interacts with paxillin during increased Rac
activation, which occurs during focal adhesion turnover (Mackay
et al., 1997; Birukova et al., 2007; Spiering and Hodgson, 2011;
Dubrovskyi et al., 2013). In addition, it is reasonable to suggest
that β-catenin binds vinculin at focal adhesions in a manner
similar to what is observed at adherens junctions, and then as
turnover occurs it is liberated from the adhesion complex (Peng
et al., 2010). The third possibility is that while β-catenin may
assist in focal adhesion formation and stabilization, and therefore
localize at these locations, focal adhesions may mediate β-catenin
translocation through a secondary messenger. One proposed
mechanism is that focal adhesion phosphorylation, which occurs
during adhesion turnover, causes Akt phosphorylation which
then inhibits GSK-3β, a protein that phosphorylates β-catenin.
The decreased β-catenin phosphorylation leads to an increase
in cytosolic β-catenin and, in turn increased β-catenin nuclear
translocation and activity (Case et al., 2011; Thompson et al.,
2012). However, this mechanism has only been examined
in mesenchymal stem cells with respect to adipogenesis. It
has not been evaluated in osteoblastic cells or with respect
to osteogenesis.

Further examination of the interplay between focal adhesion
maturation, β-catenin shuttling, and osteoblastic differentiation
is required to evaluate our hypothesized mechanism. Wnt
signaling is known to be regulated by various stimuli and
the study presented here does not encompass or evaluate the
wide array of upstream and downstream Wnt targets such
as Akt phosphorylation (Hill et al., 2005; Case et al., 2011;
Baron and Kneissel, 2013; Thompson et al., 2013). The studies
discussed previously have observed noticeable changes in focal
adhesion size and shape on pro-osteogenic substrates (Lim
et al., 2005a, 2007). Unfortunately, the focal adhesions were not
characterized fully for maturation and therefore do not allow for
a determination to be made on the relationship between focal
adhesion maturation and osteogenesis. Lastly, inhibition of this
pathway further upstream, ideally at the focal adhesion complex,
would provide greater insight into the mechanism by which β-
catenin is liberated from focal adhesions. However, inhibitors
that more directly interfere with β-catenin signaling or the focal
adhesions cause significant phenotypic changes regardless of
the substrate they are being cultured on, making experimental
results difficult to interpret (Hill et al., 2005; Prowse et al., 2013;
Rutkovskiy et al., 2016).

CONCLUSION

This study examined the role of substrate surface characteristics
to determine if a singular characteristic was regulating
osteoblastic differentiation. Additionally, this study examined the
correlation between osteoblastic differentiation, focal adhesion
formation and maturation, and suggested and evaluated a novel
mechanism to explain this correlation. We found that one
substrate, the pro-osteogenic 30% HA/PCL substrate, increased
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AP activity and expression of genes associated with osteoblastic
differentiation as a result of a more rapid translocation and
increase in β-catenin transcriptional activity. We concluded that
in this study only particle density, and therefore the distance
between topographic features, was significantly different. Thus
our findings, in addition to information from previous studies
(Wen Kuo et al., 2014; Di Cio and Gautrot, 2016), suggest
that particle density is possibly one substrate characteristic
which regulates osteogenic potential. However, more study is
needed as the relationship between substrates and osteogenesis
is complex and depends on various factors such as cell type and
substrate materials.

Cells on the 30% substrate also exhibited variations in
focal adhesion formation and morphology, becoming larger
and more eccentric compared to cells on all other substrates.
These observations are indicative of focal adhesion turnover and
maturation and similar to those seen on other pro-osteogenic
substrates. Additionally, we found that there is a translocation
of β-catenin from the membrane fraction at 24 h to the nuclear
fraction at 48 h on pro-osteogenic substrate, 24 h earlier than that
which was observed in cells on TCPS. Furthermore, β-catenin
was not only more localized to the nucleus on 30% HA/PCL, it
was also bound TCF/LEF more frequently, indicating increased
β-catenin transcriptional activity. It was further determined that
by inhibiting β-catenin binding of TCF/LEF, the increase in
osteoblastic differentiation typically observed in cells cultured
on the pro-osteogenic substrate was inhibited. Taken together
these results suggest that as focal adhesions mature, reducing
in number in response to topography, the liberated β-catenin
is then translocated to the nucleus and actively binds TCF/LEF.
This would indicate that a focal adhesion initiated β-catenin
mediated mechanism contributes to the transduction of substrate
surface characteristics. More study is required to determine

which of the three possible mechanisms described previously
of β-catenin and focal adhesion interaction are occurring and
causing the observed β-catenin translocation and enhanced
osteogenic response.
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Cells sense a variety of different mechanochemical stimuli and promptly react to
such signals by reshaping their morphology and adapting their structural organization
and tensional state. Cell reactions to mechanical stimuli arising from the local
microenvironment, mechanotransduction, play a crucial role in many cellular functions
in both physiological and pathological conditions. To decipher this complex process,
several studies have been undertaken to develop engineered materials and devices as
tools to properly control cell mechanical state and evaluate cellular responses. Recent
reports highlight how the nucleus serves as an important mechanosensor organelle and
governs cell mechanoresponse. In this review, we will introduce the basic mechanisms
linking cytoskeleton organization to the nucleus and how this reacts to mechanical
properties of the cell microenvironment. We will also discuss how perturbations of
nucleus–cytoskeleton connections, affecting mechanotransduction, influence health
and disease. Moreover, we will present some of the main technological tools used to
characterize and perturb the nuclear mechanical state.

Keywords: mechanosensing, nuclear envelope, LINC complex, cell nucleus, mechanotransduction

INTRODUCTION

In living systems, cells are continuously exposed to a complex pattern of chemical and physical
stimuli coming from the functional features of the surrounding microenvironment. Cells sense
and integrate such inputs thanks to a wide range of receptors that, by initiating specific
signaling cascades and/or inducing a morphological cellular reshaping, then trigger a variety of
intracellular events.

Mechanically, cells could be modeled as a hypothetical pre-stressed dynamic system, where
the cytoskeleton organization balances forces between opposite structural elements (Wang et al.,
2009). As a consequence, forces applied to cells are propagated, through cytoskeletal components,

Abbreviations: AFM, atomic force microscopy; CH, Calponin Homology; cPLA2, cytosolic phospholipases A2; ECM,
extracellular matrix; EDMD, Emery-Dreifuss muscular dystrophy; ER, endoplasmic reticulum; FLIM, fluorescence lifetime
changes; FRET, Förster resonance energy transfer; INM, inner nuclear membrane; KASH, Klarsicht/ANC-1/Syne Homology;
LEM, LAP2-Emerin-MAN1; LINC, LInker of Nucleoskeleton and Cytoskeleton; LMNA, Lamin; 5-LOX, 5-lopoxygenase;
MAT, mesenchymal–ameboid transition; MSCs, mesenchymal stem cells; MSD, medium square displacement; NE, nuclear
envelope; Nesprins, Nuclear Envelope SPectrin-Repeat proteins; NFAT, nuclear factor of activated T cells; NPCs, nuclear pore
complexes; ONM, outer nuclear membrane; PL, phospholipids; PNS, perinuclear space.
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from the extracellular environment to the different cellular
organelles. Among them, the nucleus is the stiffest one
(Kirby and Lammerding, 2018) and can undergo significant
shape deformations when mechanically perturbed, triggering
multiple gene-expression patterns (Humphrey et al., 2014;
Alisafaei et al., 2019). The ability of cells to convert
microenvironment mechanical stimuli into biochemical
cascades, mechanotransduction, is critical in several biological
processes, such as migration, proliferation, differentiation,
embryogenesis, and tissue homeostasis and repair (Humphrey
et al., 2014). Interestingly, the nucleus is emerging as a
fundamental player for cellular mechanosensing, and its
capability to deform and properly react to external mechanical
cues is probably strictly related to the functionality of its load-
bearing elements (Navarro et al., 2016). Recent publications
pointed out that the nucleus tensional state is a sensor of both
cellular compression and stretching (Jiménez-delgado et al., 2020;
Lomakin et al., 2020). In fact, when a cell is spatially constrained,
the extent of nuclear deformation and the consequent stretching
of the NE trigger remodeling of actomyosin cortex finally
leading to increased cellular contractility (Lomakin et al.,
2020). This, in turn, by inducing the opening of nuclear pores,
controls the access to the nucleus of YAP (Elosegui-Artola
et al., 2017), a well-characterized transcription factor regulating
mechanotransduction (Dupont et al., 2011). The central role
of the nucleus is also highlighted by the finding that nuclear
structural defects, leading to impaired mechanotransduction, are
associated with several pathologies. For example, laminopathies
are rare genetic diseases caused by mutations of genes encoding
the NE proteins such as Lamin A/C (Lamin), Emerin (EMD), and
Nesprins (SYNE1/2). These pathologies, which include muscular
dystrophies like EDMD, lipodystrophy syndromes, and progeroid
syndromes, often present impaired nucleus–cytoskeleton force
transmission, which affects the capacity of cells to correctly
respond to mechanical stimuli (Lammerding et al., 2004).
Moreover, altered nuclear shape and size have been used for
many years as a hallmark of cancer (Uhler and Shivashankar,
2018). Cancer cell nuclei often present lower nuclear stiffness
and higher deformability, which have been hypothesized to
directly contribute to the cellular invasion capability and then to
metastasis dissemination (Denais and Lammerding, 2014).

The growing evidence supporting the crucial role of the
nucleus in mechanosensing has promoted the development of
experimental tools to detect cell responses to controlled and
finely tuned nuclear stresses and allow functional dissection
of the mechanotransduction processes (Ingber, 2018). This
represents a multidisciplinary field, which combines cutting-
edge technologies in complementary research areas, such as
materials science, cell and molecular biology, and advanced
imaging. The use of engineered materials and platforms
provides unparalleled opportunities of mechanical stimulation
by modulating cellular tensional state (Song et al., 2020).
Here, micro- and nano-fabrication techniques, chemical
patterning, and material chemistry allow in fact the fine-
tuning of cell/substrate interaction. The induced cell responses
can be then analyzed at the molecular, morphological, or
ultrastructural level to unravel the molecular and genetical

processes underpinning mechano-mediated function regulation
(Uhler and Shivashankar, 2017).

In this review, we provide an overview about how the
nucleus contributes to cell mechanotransduction in both
normal and pathological conditions, highlighting state-of-the-art
methodologies developed to alter and analyze nuclear mechanics.

NUCLEAR STRUCTURE COMPONENTS
AND THEIR ROLE IN
MECHANOSENSING

The nucleus can be structurally and functionally divided into
two compartments: the nuclear interior (nucleoplasm) and the
NE (Wilson and Berk, 2010) (Figure 1). The nuclear interior is
mostly aqueous, and it is composed of functional substructures
that can be affected by mechanical stress including nucleoli
(Shim et al., 2019) and Cajal bodies (Poh et al., 2012). The
nucleoplasm is enclosed by the NE, which is composed of two
lipid bilayers, the INM and ONM that is contiguous with the
ER (Schwarz and Blower, 2016; Ungricht and Kutay, 2017).
These two leaflets are separated by a luminal space of 30–50 nm
called PNS or lumen. The principal function of the NE is to
act as a barrier for genetic material protection, allowing faithful
replication and regulated transcription. On the NE, the NPCs
are responsible for the bidirectional transport of proteins and
ions inside and outside the nucleus (Knockenhauer and Schwartz,
2016). Despite its structural role in separating and organizing
the genome, the NE forms a dynamic and adaptable membrane
that anchors proteins involved in transmission of mechanical
signals. Indeed, the NE is connected with both the inner and
outer sides of the nucleus. In fact, the INM is interconnected to
chromatin through a meshwork of filaments, type A and type B
lamins (Bergo et al., 2004). These proteins have pivotal roles in
gene expression and chromatin organization and are involved in
the maintenance of proper nuclear architecture, acting together
with the LINC complex in order to regulate nuclear stiffness,
viscoelastic behavior, and response to mechanical stimuli (Alam
et al., 2016; Janin et al., 2017).

LINC Complex
Cells interact with the ECM through integrins (Kechagia and
Ivaska, 2019). Cell/substrate interaction is then stabilized thanks
to the formation of focal adhesions, multi-protein clusters
generated around the original site of integrin–ECM engagement,
which include Talin, Vinculin, and/or Paxillin, and other
signaling molecules such as focal adhesion kinases (Parsons et al.,
2010). Upon maturation, focal adhesions can transmit external
mechanical stimuli to the cytoskeleton, which hereafter transfer it
to the LINC complex (Figure 1). This, connecting the nucleus to
the cytoskeleton, finally accomplishes the physical link between
the microenvironment and the nucleus, enabling the entire cell
to act as a mechanically coupled system (Lombardi et al., 2011;
Chang et al., 2015). At the inner site of the LINC complex,
there are the SUN domain-containing proteins (named after
homologous sequences shared by Schizosaccharomyces pombe
proteins: Sad1p, UNC-84). They span the INM and provide an
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FIGURE 1 | Cartoon representing the nucleus–cytoskeleton–extracellular matrix connections in cells in a low contractility state (i.e., weak adhesions) (A) or in high
contractility one (i.e., strong adhesions) (B). On (A), cells poorly adhere to the substrate and develop few and small focal adhesions and thin stress fibers (red lines).
Cells in this state are characterized by cytoplasmic localization of YAP and often present nuclear envelope (NE) invaginations. In (B), cells well adhere and spread on
the substrate and form more and bigger focal adhesions as well as thick stress fibers. This induces a higher internal tension then transmitted to the NE, leading to
nuclear invagination disappearance and nuclear translocation of YAP. NE is here represented as a double bilayer, supported by the Lamin meshwork in the
nucleoplasm, and connected to the cytoskeleton by the LINC complex made up of SUN (SUN1/2) and KASH (Nesprins) domain containing enzymes, and Emerin.

anchorage between the inner NE and the lamin meshwork in the
nucleoplasm (Lombardi et al., 2011). SUN domain-containing
proteins (SUN 1 and 2) have been shown to play critical but
redundant functions during development (Lei et al., 2009; Yu
et al., 2011); however, recent studies suggest that they play
separate roles (Stewart et al., 2015 Zhu et al., 2017). SUN proteins
interact with other elements of the LINC complex, the Nesprins.
Nesprins contain a conserved C-terminal KASH domain, present
at the ONM (Zhang et al., 2001; Lombardi et al., 2011). SUN
and KASH domain proteins interact at the PNS. Numerous
Nesprins isozymes exist in mammalian cells, with redundant
and non-redundant functions. For example, both Nesprin-1
and -2 are present in different isoforms due to alternative
initiation/termination of transcription and/or alternative splicing
of SYNE1 and SYNE2 genes. These isoforms have a highly
tissue-dependent expression and exhibit different subcellular
locations (Rajgor et al., 2012; Duong et al., 2014) that could
possibly tailor the mechanical response upon different stimuli
in various environments. For example, Nesprin-1α isoform is
required for the recruitment of several centrosomal proteins
to the NE during skeletal muscle formation (Gimpel et al.,
2017), whereas Nesprin-2 accumulates at the front of the nucleus
during confined cell migration (Davidson et al., 2020). Giant
isoforms of Nesprin-1 and -2 possess an N-terminus CH domain,
through which they bind F-Actin (Rajgor and Shanahan, 2013).
Despite the absence of a CH domain, Nesprin-3 and -4 can

connect with cytoskeleton, too. In particular, Nesprin-3 links
intermediate filaments through a Plectin-binding domain and is
essential in fluid shear-induced polarization of the centrosome
and directional migration of human aortic endothelial cells
(Wilhelmsen et al., 2005; Morgan et al., 2011). Finally, Nesprin-4
can indirectly bind microtubules and is involved in kinesin-
mediated cell polarization (Roux et al., 2009).

LEM-Domain Containing Proteins
LEM domain-containing proteins bind Lamins and are known
to be involved in the tethering of repressive chromatin at
the nuclear periphery (Berk et al., 2013; Barton et al., 2015).
Recent evidence suggests that they can form hubs within the
nuclear lamina that integrate external signals. Emerin was
shown to interact with both nuclear and cytoplasmic actin
(Lattanzi et al., 2003), and it is known for its actin-capping
properties (Holaska et al., 2004) (Figure 1). It was reported
to be enriched at the ONM under cyclic strain stress (Le
et al., 2016), whereas Emerin-deficient cells showed impaired
expression of mechanosensitive genes in response to strain
(Lammerding et al., 2005). Emerin has also been recently shown
to be associated with nuclear stiffening and to be involved in
maintaining nuclear front–rear polarity (Nastały et al., 2020).
Mutations in Emerin-encoding gene (EMD) cause X-linked
EDMD that is associated with progressive muscle wasting and
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weakness followed by cardiac disease with conduction defects and
arrhythmias (Helbling-Leclerc et al., 2002).

Lamins
The nucleoskeleton is mainly composed of intermediate type
V filaments that can be separated into A-type and B-type
lamins (Figure 1). Lamins B1 and B2 are ubiquitously
expressed products of independent genes (LMNB1 and LMNB2,
respectively), essentials for early development (Bergo et al.,
2004; Coffinier et al., 2010). In contrast, the A-type lamins
including Lamins A and C (alternatively spliced isoforms of
the Lamin gene) are expressed mainly in differentiated cells,
and generally later in development (Rober et al., 1989; Sullivan
et al., 1999). They are located in the INM and contribute
to nuclear stiffness, integrity, and are involved in nuclear
mechanotransduction processes. Lamin A plays a critical role in
localizing other NE components including Lamin C (Vaughan
et al., 2001), Nesprin-2 (Libotte et al., 2005), or Emerin (Vaughan
et al., 2001). Lamin A/C deficiency causes defective nuclear
mechanics and mechanotransduction (Lammerding et al., 2004).
Moreover, defects of the nuclear lamina are mechanistically
associated with the accumulation of DNA damage, DNA repair
machinery activation, and cell death, features identified in all
the laminopathies (Earle et al., 2020). Here, Lamin-deficient
cells have been found to be more sensitive to cytoskeletal
forces developed during skeletal muscle cell migration and
maturation, which caused the rupture of the NE and the
exposure of the genetic content to the cytoplasmic DNA
nucleases (Earle et al., 2020). Mutations in the Lamin gene
are the main cause of disorders named laminopathies, which
are characterized by the presence of cells with irregular shaped
nuclei. Although at least 15 different types of laminopathies
exist, which makes them the highest number of diseases related
to a single gene mutation (Schreiber and Kennedy, 2013), it is
still unclear how various Lamin mutations cause different, often
system-specific, disease phenotypes leading to various muscular
dystrophies, lipodystrophies, progeroid syndromes, and many
more (Worman and Bonne, 2007; Worman, 2012).

Nuclear Pore Complex
The NPC is a complex of more than 70 different proteins that
spans over the NE and enables protein and RNA trafficking
between the nucleus and the cytoplasm (Knockenhauer and
Schwartz, 2016) (Figure 1). Recently, it has been shown
that mechanical forces may significantly affect the basket
conformation of NPC via the Nup153–SUN1 interaction (Li
and Noegel, 2015). Moreover, exposure to stiff substrates can
also influence nuclear pore stretching, reducing their mechanical
resistance to molecular transport and, in consequence, leading to
increased YAP nuclear import (Elosegui-Artola et al., 2017).

IMPAIRED MECHANOSENSING IN
CANCER

A perturbed nuclear structure corresponds to an altered spatial
organization of the genome, a key regulator of gene expression,

whose alteration has already been shown to drive tumor
transformation in human cellular models of glioma and leukemia
(Flavahan et al., 2016; Hnisz et al., 2016). In addition, imposition
to cells’ specific geometries affects both nuclear shape (Versaevel
et al., 2012) and gene expression (Jain et al., 2013), supporting
the idea that unexpected changes of cell shape might trigger
a reorganization of the three-dimensional conformation of the
genome. This could subsequently induce variations in gene
expression patterns, potentially leading to the activation of
proto-oncogenes or the silencing of tumor suppressor genes. As
previously mentioned, nuclear morphology analysis is a well-
established marker for cancer diagnosis since cancer cell nuclei
are often characterized by abnormal size, irregular shapes (i.e.,
invaginations), and different mechanical properties compared
to their normal counterpart. Moreover, alteration of nuclear
stiffness, NE composition, and chromatin distribution have been
reported in several tumors (Zink et al., 2004; Saarinen et al., 2015;
Irianto et al., 2016; Reis-Sobreiro et al., 2018). Several studies
have highlighted how mechanical interactions between cells and
ECM affect tumor onset and evolution. A crucial milestone
in the field was the discovery that cell stiffness, reflecting
the stiffness of the surrounding microenvironment (Discher
et al., 2005), could regulate both tumorigenesis and cancer
cell proliferation through the activation of the transcription
factor YAP (Dupont et al., 2011). Moreover, tissue mechanical
properties have been linked to tumor progression (Mouw et al.,
2014; Nam et al., 2019), metastasis formation (Liu et al.,
2017; Rice et al., 2017), and dedifferentiation toward malignant
phenotypes (Li et al., 2020). All these findings underlie a
tight connection between mechanically induced cytoskeletal
modifications and nuclear structural elements, whose properties
then affect gene expression profile and cancer cell behavior.
Interestingly, the majority of the genes encoding NE proteins
do not show clear general mis-regulations or frequent mutations
in tumors. However, upregulation of genes encoding Lamin
B1 and B2 or the nucleoporin NUP210 is often found in
cancer, while SYNE1 and SYNE2, genes encoding Nesprins, turn
out to be almost always downregulated (De las Heras et al.,
2013). Nuclear mechanical properties have a crucial role in
metastasis dissemination as well, which cause about 80% of
cancer-related deaths (Hamidi and Ivaska, 2018). During this
process, cancer cells must acquire a migratory phenotype and
then overcome the structural barrier imposed by the surrounding
microenvironment (i.e., other cells, the hosting tissue, the
blood vessels, and the tissue to invade). More specifically,
metastatic cells can squeeze themselves in interstitial spaces of
size below 2 µm, undergoing cytoskeletal rearrangements and
severe nuclear deformations typically inaccessible for normal
cells (Denais and Lammerding, 2014). In line with these data,
low levels of Lamin A/C, often observed in gastric (Wu et al.,
2009) and prostate cancer (Saarinen et al., 2015), are associated
with nuclear softening facilitating nuclear deformation (Thiam
et al., 2016). Interestingly, in colorectal cancer, instead, increase
of Lamin A/C levels triggers cytoskeletal rearrangements linked
to an enhanced cell motility and invasiveness (Saarinen et al.,
2015). Moreover, defects of the nuclear lamina have been found to
positively correlate with cytoskeletal-mediated nuclear ruptures
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during cancer cell migration, which have been hypothesized
to affect the accumulation of genetic mutations leading to the
acquisition of more malignant phenotypes (Vargas et al., 2012).
Additionally, a recent study showed that mislocalization of
Emerin, a structural protein of the NE, discriminated cancer
from healthy tissues and correlated with disease progression in
prostate cancer (Reis-Sobreiro et al., 2018). Emerin was also
pointed as a mediator of nuclear shape stability, and in cancer, its
destabilization promotes metastasis (Reis-Sobreiro et al., 2018).

METHODS TO ALTER AND MEASURE
NUCLEAR MECHANICAL STATE

The numerous evidences highlighting nuclear contribution to
mechano-regulation of cell behavior associated with the rapid
growing of bioengineering and materials science prompted the
development of strategies to both measure and specifically
perturbate nuclear mechanics (Figure 2).

Nucleus Mechanics Measurement
Nuclear mechanical properties (i.e., stiffness, elasticity, viscosity)
could be characterized in several ways through different
technologies (Wu et al., 2018). With the exception of passive
rheology, nuclear mechanical features are generally measured
analyzing the stress–strain curves generated through the
application of controlled forces or deformations to the nucleus
(Anselme et al., 2018) (Figure 2).

Micropipette Aspiration
One of the oldest and most reported techniques is micropipette
aspiration (or suctioning), which has been employed for
characterizing nuclear mechanics in both isolated nuclei or intact
cells. Here, mechanical properties are evaluated by applying
a controlled negative pression (i.e., aspiration) to the nucleus
and measuring its deformation. Dahl et al. (2005), performing
micropipette aspiration on isolated nuclei of TC7 cells (African
green monkey kidney epithelium), demonstrated the distinct
roles of chromatin and Lamin B in the viscoelastic nuclear
response. Successively, Pajerowski et al., applying this technique
to the entire cell body, discovered a positive correlation between
nuclear stiffness and progression of cell differentiation. Moreover,
they assessed how chromatin and Lamin differently regulate
nuclear rheology and deformability (Pajerowski et al., 2007).
Neelam et al. employed micropipette aspiration (to the whole
cell) to investigate the structural elements involved in the
maintenance of nuclear shape and position in homeostasis. They
observed that elastic forces developed in response to mechanical
perturbation and necessary to restore initial nuclear position and
shape are mainly linked to the action of intermediate filaments
network composed by vimentin, Lamin A/C, and SUN-domain
proteins (Neelam et al., 2015).

Indentation
Another reported method to measure nuclear mechanics is
indentation, which could be performed with dedicated micro-
indentation systems or by AFM. In both cases, a deformation

FIGURE 2 | Methodologies to analyze mechanical features of cell nuclei. The cartoon shows different approaches to measure nuclear mechanical cues. Nuclear
stiffness and viscosity can be measured by evaluating stress–strain curves generated by applying controlled mechanical perturbations through
suctioning/micropipetting, atomic force microscopy (AFM), active–passive micro/nano-rheology (Brownian Motion/Particle Tracking), nano-pillar mediated nuclear
deformation, and optical trap. On the other hand, tension exerted on the nuclear envelope can be quantified employing FRET probes genetically encoded into LINC
proteins (Mini-Nesprin-2G), nucleoplasm/inner nuclear membrane translocation of cytoplasmic phospholipase A2 (cPLA2), and FliptR (fluorescent lipid tension
reporter) membrane probes.
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is imposed by indenting the nucleus with a tip placed to the
extremity of a cantilever (Figure 2). The mechanical properties
are then probed by measuring the cantilever deflection. The
main difference between these two approaches is in the force
application area (essentially the dimension of the tip), which
ranges from several micrometers in the case of micro-indentation
systems to few nanometers in the case of AFM, then leading
to uniform or local nuclear compression, respectively (Anselme
et al., 2018). Indentation has been performed on both isolated
nuclei and intact cells and allowed evaluating different traits of
nuclear mechanics. Schäpe et al. (2009) used AFM to measure
the mechanical properties of isolated nuclei and they reported
a positive correlation between Lamin A expression and nuclear
stiffness. More recently, Wintner et al., combining data from
indentation rheology and micropipetting aspiration, developed
an elegant model to decipher the different contribution of
chromatin and Lamins to nuclear viscoelasticity. They proposed
that nuclear stiffness and chromatin condensation depend on
both Lamin A and B1 expression, while nuclear viscosity is
mainly determined by Lamin A (Wintner et al., 2020).

However, the use of these techniques presents some drawbacks
mainly linked to technological limitation and to interpretation
of the results. Indeed, the inability to directly access to the
nucleus of adherent cells (i.e., non-isolated nuclei) limits the
possibility to distinguish and properly evaluate the function
of different cellular compartments in mechanotransduction
processes. Moreover, physical models adopted to estimate
mechanical properties from cantilever deflection measurement
make assumptions/approximations that do not take into account
the extremely complex and heterogeneous fluid-dynamic nature
of the nucleus and, in general, of the cell (Krieg et al., 2019).

Particle Tracking
Particle tracking is a powerful technique to measure mechanical
properties of different cellular compartments (Wirtz, 2009)
(Figure 2). This method relies on the tracking of micro- and
nano-sized objects injected into the cell. Rheological properties of
the hosting cellular compartment are then extrapolated analyzing
the objects’ trajectories. Basically, two different strategies
could be approached: passive and active micro-rheology. In
passive micro-rheology particles, trajectories are generated by
spontaneous Brownian fluctuations and the MSD negatively
correlates with local stiffness/viscosity. In active micro-rheology,
instead, particle motion is triggered and controlled by external
energetic sources such as light or magnetic fields. Here, cellular
mechanical properties could be evaluated by both following
particle trajectories in function of the applied force or by
imposing controlled deformations (i.e., optical or magnetic
tweezers). One of the first works analyzing nuclear mechanics
through passive rheology was published in 2004 by Tseng
et al. The authors separately evaluated the cytoplasmic and
nuclear stiffness, recording higher mechanical properties in the
latter. Moreover, within the nucleus, the elastic component
was found to be predominant compared to the viscous one,
leading to the hypothesis that nuclear structural coherence is
mainly preserved by elastic mediated mechanisms (Tseng et al.,
2004). Successively, Celedon et al. employed magnetic nanorods

to infer viscoelastic properties of the nucleus in embryonic
fibroblasts. By measuring nanorod rotations upon the application
of a magnetic field, they highlighted the role of Lamin A/C in
determining nuclear interior elasticity and viscosity (Celedon
et al., 2011). Magnetic tweezers have also been used on isolated
nuclei to assess nuclear mechanical properties independently
from the possible activation of cell surface receptors. In these
conditions, a nuclear stiffening was observed in response to
force application (Guilluy et al., 2014). Recently, Wang et al.
developed a multipole magnetic tweezers system able to finely
control nanoparticle trajectories in 3D with a precision down
to 0.4 µm. Interestingly, this innovative method allows the
discovery of a spatial polarity of nuclear stiffness that correlates
with the orientation of cytoskeleton actin filaments (Wang et al.,
2019). Finally, Hanson et al. employed a substrate made of high-
aspect-ratio quartz nanopillars to tune nuclear curvature and
deformation in adherent cells. They analyze the different roles
of NE composition, actin, and intermediate filaments in affecting
nuclear deformation (Hanson et al., 2015).

FRET Biosensors
Many studies hinted to the analysis of membrane tension employ
calibrated FRET-based tension biosensors, known as TSmod,
genetically encoded into proteins involved in the response to
mechanical stimuli (Grashoff et al., 2010) (Figure 2). The TSmod
consists in a pair of fluorescent proteins (usually Cerulean and
Venus like) acting as donor/acceptor for FRET analysis, linked
by an elastic peptide that can elongate (low FRET) or shorten
(high FRET) depending on the deformation imposed to the
protein. This kind of sensor, once inserted in structural proteins
such as Actin, could sense the different tensional status of the
enzyme, allowing the study of forces at the cell–cell or cell–
matrix levels (Conway et al., 2013; Cai et al., 2014; Gayrard
and Borghi, 2016). Interestingly, this novel tool was extended
to the study of forces exerted on the nucleus exploiting the NE
components like Nesprins. Arsenovic et al. (2016) employed a
chimera of giant Nesprin-2, named Mini_Nesprin-2G, which
maintained the CH and KASH domains and behaved similarly
to the original enzyme (Östlund et al., 2009). TSmode was
inserted in the protein sequence and allowed the measurement
of mechanical forces between actin cytoskeleton (CH domain)
and nucleus (KASH domain). In particular, forces exerted on
the NE became spatially different (apical vs basal) and increased
in elongated fibroblasts. Moreover, cells seeded on different
substrates and/or treated with compounds able to affect actin
organization (Latrunculin) showed strong changes in the nuclear
tensional state (Carley et al., 2020). However, few things must be
considered. Mini_Nesprin2G lacks important domains present
in the original protein, including FHOD1 and binding sites
for microtubule motor proteins kinesin and dynein (Kutscheidt
et al., 2014; Chang et al., 2015). All of these can contribute to
the exertion of forces on the nucleus, so the Mini_Nesprin2G
should be considered just as a tool to analyze forces. On the
other hand, because many variants of the TSmod biosensor
exist, characterized by different linkers, like the newest HP35
elastic peptide (Austen et al., 2015), or conformational derivatives
of the two FRET probes (Meng and Sachs, 2012), they could
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potentially sense differently the nuclear tensional states. Finally,
since Nesprins locate at the ONM and the mechanical model of
how forces are transduced inside the nucleus is still debated, novel
biosensors built on SUN1/SUN2 proteins are necessary.

FLIPPERS Probes
Another recently developed membrane tension sensor is the
so-called FliptR (fluorescent lipid tension reporter), which
specifically targets lipids in cell membranes and allows the
analysis of different tensional states through FLIM (Fin et al.,
2012; Dal Molin et al., 2015; Colom et al., 2018). In particular,
FliptR derives from existing planarizable push–pull probes able to
measure changes in lipid packing. In brief, lipid packing is defined
as lipid acyl chain density: higher packing means more ordered
acyl chains, while lower packing corresponds to more spaced acyl
chains. So, the two dithienothiophene flippers composing FliptR
are twisted and do not conjugate in non-confining conditions.
On the other hand, upon external mechanical pressure on cell
membranes that affect lipid organization, flippers planarize,
conjugate, and change their fluorescence lifetime. FliptR has
been exploited to analyze membrane tension in different cellular
organelles, including the nucleus. Recently, Nava et al. (2020)
showed through FLIM imaging of the FliptR reporter that tension
on the nuclear membrane is reduced after 30 min of 40% stretch
using a custom-built uniaxial cell stretcher (Faust et al., 2011;
Noethel et al., 2018).

Activation of Cytoplasmic Phospholipase A2 (cPLA2)
The activation of cPLA2 has been successfully employed to
study forces exerted on cell nucleus (Figure 2) (Enyedi et al.,
2016). Phospholipases are enzymes able to hydrolyze PL into
fatty acids and other lipophilic derivatives. PL are cell membrane
components characterized by a hydrophilic head phosphate
group and two fatty acid chains (often arachidonic and stearic
acid) (Divecha and Irvine, 1995; Poli et al., 2019). PL are also
involved in many signal transduction pathways. Four main
classes of phospholipases exist: PLA, B, C, and D (Fiume et al.,
2019). Phospholipases A cleave the sn-1 (PLA1) or the sn-2
(PLA2) PL acyl chains (Richmond and Smith, 2011; Gottardi
and Luxton, 2020). Cytosolic Phospholipase A2 (cPLA2) is
characterized by a Ca2+-dependent lipid binding C2 domain and
a catalytic α/β hydrolase domain. Tissue damage activates cPLA2,
triggering arachidonic acid release, which, in turn, is oxidized to
pro-inflammatory eicosanoids by the 5-LOX at the NE (Enyedi
et al., 2016). Studies performed both in vivo and in vitro showed
that upon NE stretching and swelling, i.e., increased tension, the
nucleoplasmic inactive portion of cPLA2 translocates to the inner
NE where it triggers arachidonic acid release (Enyedi et al., 2016;
Jiménez-delgado et al., 2020; Lomakin et al., 2020). This event
is partially due to increased Ca2+ levels in the cytoplasm. The
behavior of this specific phospholipase could then be considered
as a novel tool to understand the tensional state of NE.

Nucleus Mechanical Perturbation
To study the molecular mechanism underlying
mechanotransduction, it is crucial to finely control cellular and
then nuclear mechanical state. The nucleus can be mechanically

stimulated either through the application of external forces or
by tuning cell adhesion in order to impose a specific cytoskeletal
organization (Figure 2). In tissues, cells are continuously
subjected to a variety of mechanical forces such as compression,
stretching, and shear stresses, which are determinant in the
regulation of several physiological and pathological processes.
Then, in vitro recapitulation of such stimuli represents a
powerful approach to obtain a more comprehensive picture
of the factors determining in vivo cellular behavior. Hereafter,
we will discuss some of the most recognized methodological
approaches in the field.

Compression
Three-dimensional cell confinement platforms are the most
common tools to perform cell compression, a condition to mimic
in vitro the extremely compact in vivo cellular microenvironment
(Pampaloni et al., 2007) (Figure 3A). Liu et al., by confining
cells with a micropillar-based system, discovered the mechano-
mediated MAT, a possible mechanism to foster cancer cell
dissemination. They demonstrated that, together with adhesion
modulation, micrometric variations of cellular confinement (i.e.,
2 µm of difference) could trigger MAT (Berre et al., 2015). 3D
cell confinement has also been shown to affect cell proliferation.
In fact, Lancaster et al., compressing cells with polymers of
different stiffness, highlighted the role played by actin cortex in
mitotic progression and spindle morphogenesis, whose failure is
associated to the arise of cell division defects (Berre et al., 2013).
Using a similar approach, Matthews et al. confined MCF10A
cells to recapitulate the mechanical confinement experienced by
cells in crowded tumors. They found that the expression of the
RasV12 oncogene promotes tumor progression by altering cell
mechanics and then allowing cell division also under severe
mechanical confinement, while normal cells displayed mitotic
arrest or chromosome segregation errors (Matthews et al.,
2020). Using polyacrylamide gels of different stiffness to confine
cells (i.e., encapsulated in Matrigel), Li et al. (2020) showed
that compression, together with osmotic pressure and substrate
stiffness, leads to adipocyte reprogramming into multipotent
cell lineage and enhances human mammary adenocarcinoma
cell proliferation.

Stretching
In organs like heart or lung, cells are continuously subjected to
stretching stimuli whose extension is known to impact upon
the functioning of the tissue itself (Figure 3B). By plating
cells on a silicone elastic membrane and then stretching
it (20% of sustained stretch), Liao et al. studied the effects
of abnormal stretching on cardiomyocyte and cardiac
fibroblast viability, linking this mechanical perturbation to
mitochondrial-dependent apoptotic pathways. Indeed, they
found that mechanical stimulation triggers apoptosis mediated
by mitochondria in cardiomyocytes and an upregulation of the
cell cycle inhibitor p21 (Abbas and Dutta, 2009) together with
a downregulation of Cyclin B1 in fibroblasts (Gavet and Pines,
2010). Coupling these findings with the most recent publications,
we can speculate that thanks to the tight connection existing
between the cytoskeleton and the nucleus, the tension exerted on
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FIGURE 3 | Cartoons showing different strategies to perturb the nuclear tensional state. Mechanical properties of cell nuclei can be altered using different
methodologies. Forces can be applied on cells by compression, stretching, and squeezing devices (A–C). Nuclear tensional state can also be indirectly controlled by
altering cellular adhesion processes (D–F). Here, chemical patterning (D), topographical patterning (E), and substrate stiffness modulation (F) can be exploited to
alter cellular shape causing cytoskeletal component reorganization.

the cell by the stretching is then propagated to the NE triggering
the arrest of the cell cycle in G2/M (Liao et al., 2004). Cyclic
stretching has also been associated with cellular spreading and
growth. With a similar approach, Cui et al. (2015) have found
that by cyclically stretching cells on soft substrates, it is possible
to induce the same cellular response in terms of spreading and
stress fiber formation normally observed in cells cultured on rigid
substrates. By means of a 3D magnetic twisting cytometry system,
Tajik et al. have investigated the effects of planar deformations
on transcription regulation, showing a loading dependency of
both chromatin stretching and gene expression. They proved
that cytoskeletal elements (i.e., actin and actomyosin machinery)
were essential to transfer stresses from focal adhesions to the
nucleus and to induce changes in transcription regulation (Tajik
et al., 2016). Rysä et al. (2018) have evaluated how cyclic strains
alter gene expression in neonatal rat ventricular myocytes,
finding that different mechanical perturbations activate genes
and transcription factors eventually involved in cardiomyocyte
hypertrophic growth. Using a microfluidic device, Pagliara et al.
stretched cells in the microchannel and observed nuclear auxetic
behavior in the metastable transition state characterizing ESC
differentiation. Surprisingly, nuclei showed a cross-sectional
expansion when stretched and a cross-sectional contraction
when compressed. The authors linked this auxetic phenotype
to chromatin decondensation, and they hypothesized that
this is directly involved in mechanotransduction processes

underlying ESC commitment toward specific cellular lineages
(Pagliara et al., 2014).

Squeezing and Shear Stress
Microfluidic devices resembling the microstructural features of
cell microenviroment (i.e., pores) have been extensively used to
study the mechanical processes regulating cell migration and
invasion (Figure 3C). Through a device presenting different
constriction widths (from 2 to 5 µm), Davidson et al.
characterized nuclear deformations dynamic during cell invasion.
The authors observed nuclear lamina buckling and severe
intranuclear strains during cellular translocation, finding that
lower Lamin A/C expression levels were associated to higher
invasion potential (Davidson et al., 2015). Cell squeezing through
channel constrictions has also been linked to frequent NE
ruptures eventually causing DNA damage and cell death. ESCRT
III machinery indeed has been found to play a central role in
repairing NE avoiding cell death (both in normal and tumor
cells) and then potentially contributing to both immune response
and cancer progression (Denais et al., 2016; Raab et al., 2016).
The effects of shear stresses on different cell functions have been
evaluated by tuning fluid flow rates. Yu et al. studied the impact
of shear stress on MC3T3-E1 cell proliferation and differentiation
through the activity modulation of RUNX2, a key transcription
factor regulating osteoblast differentiation. They observed that
shear between 1.5 and 52.6 Pa promoted proliferation and
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osteoblast differentiation, while shear higher than 412 Pa
inhibited cellular division (Yu et al., 2014). Recently, Cognart
et al. have developed a microfluidic chip recapitulating some
features of the blood microcirculation system to analyze how
shear stress together with cell squeezing alters gene expression
in breast cancer cells. They showed that these two stimuli could
synergically cause important DNA damage accumulation and
gene expression modification eventually leading to epithelial-to-
mesenchymal transition (Cognart et al., 2020).

Adhesion-Mediated Forces
Besides directly applying mechanical perturbations, cell and
then nuclear mechanics can also be modulated by the fine
control of cell adhesion. To this aim, different substrates
have been engineered with chemical, physical, or topographical
cues to mimic various ECM conditions (Crowder et al., 2016;
Ventre and Netti, 2016).

Chemical patterning
Chemical pattering is a well-established method to control cell
shape (Thé et al., 2006). It relies on the insertion, on cell-
repellent surfaces, of functional motifs promoting selective cell
adhesion (Figure 3D). A seminal study using this approach was
published in 1997 by Chen et al., who used fibronectin islands of
different dimensions to study the impact of cellular shaping on
cell survival. They observed that independently from the spatial
distribution of adhesion processes, cellular shape per se was a
determinant factor regulating DNA synthesis and cell apoptosis
(Chen et al., 1997). Lately, Killan et al. printed rectangular and
pentagonal adhesive islands to decipher the shaping effects upon
MSC differentiation. They found that geometrical cues could alter
cell tensional state through adhesion processes and cytoskeletal
reorganization selectively leading to adipogenesis or osteogenesis
(Kilian et al., 2010). With similar approach, Versaevel et al. forced
cells to adhere on rectangular adhesive islands to mechanistically
analyze the link between cellular and nuclear polarization. They
found that changes of cell aspect ratio generate actomyosin-
mediated anisotropic compressive forces acting on the nucleus
that induce drastic changes on chromatin condensation and cell
proliferation (Versaevel et al., 2012). Chemical patterning of
adhesive molecules has been largely exploited to systematically
link geometry induced cell tensional state to epigenetic responses.
Many experimental evidences showed that the lone cell shape
strongly affects histone acetylation, telomere dynamics, and
nuclear mechanics through the modulation of the adhesion-
dependent actomyosin machinery (Jain et al., 2013; Makhija et al.,
2016; Roy et al., 2018). Cellular shaping has also been proposed
to regulate YAP transcriptional activity, which is in turn involved
in cell mechanics and focal adhesion assembly (Nardone et al.,
2017). Recently, Nastaly et al. used fibronectin-coated lines to
induce cell polarization, finding that cell polarity is partially
transmitted to the NE and then to the nuclear interior. They also
proved that Emerin plays a fundamental role in the control of
nuclear polarity establishment (Nastały et al., 2020).

Physical cues
Cell ability to sense and readapt to mechanical/physical
properties of the surrounding environment (i.e.,

mechanosensing) is a widely recognized and accepted concept
(Engler et al., 2006; Swift et al., 2013). In particular, rigidity
and rheological properties of tissues have been shown to
deterministically regulate numerous biological processes in
both physiological and pathological contexts (Figure 3F). Cell
mechanosensing has been elegantly described by Roca-Cusachs
and colleagues, who proposed a “molecular clutch model”
describing the effects of material stiffness on adhesion complex
formation and cytoskeletal reorganization, the determinants
of both cell and nucleus tensional states (Elosegui-Artola
et al., 2016). These findings inspired the development and
use in cell biology research of engineered materials with
controlled mechanical properties. Dupont et al. (2011) first
linked mechanosensing to nuclear transcription factor activity.
They discovered that substrate stiffness is sufficient to induce
YAP/TAZ cytoplasmic/nuclear translocation and then its
activation. Lately, using polyacrylamide gels of different stiffness,
Elosegui-Artola et al. (2017) demonstrated that the YAP nuclear
translocation was enabled by nucleus flattening and nuclear
pore stretching/opening through cytoskeletal-mediated force
transmission. By means of a high-throughput approach including
the combination of biochemical and mechanical signals, Gobaa
et al. (2015) established a hierarchical classification of the
stimuli leading to hMSC differentiation, finding that substrate
stiffness could impose specific differentiation commitments
independently from biochemical cues. Recently, Yang et al.
(2020) used substrates of different stiffness for the study of the
molecular actors involved in cancer cell mechanosensing
and progression, finding that the rigidity-independent
growth generally observed in transformed cells is regulated
by cytoskeletal protein depletion rather than alteration of kinases
and biochemical signaling pathways. In the last years, particular
attention has been devoted to the development of smart materials
capable of modifying on-demand their mechanical properties
mimicking the dynamic complexity of living systems (Burdick
and Murphy, 2012). Guvendiren et al. developed a MeHa
hydrogel-based platform changing its stiffness from 3 to 30 kPa
through light-mediated stepwise crosslinking to study hMSC
differentiation. Interestingly, they demonstrated that adipogenic
or osteogenic differentiation was not dependent only from
material stiffness, but also on how long cells were cultured on
a substrate with a defined rigidity. By stiffening the substrates
at different time points after cell seeding, the authors reported
a time-dependent mechanical-mediated epigenetic triggering
of specific differentiation pathways (Guvendiren and Burdick,
2012). Günay et al. synthetized a light-sensitive PEG-based
hydrogel mimicking the dynamic rigidity variation typically
observed in cardiac tissues after heart attack. This material was
used to investigate the stiffness-dependent localization of NFAT,
a downstream target of intracellular calcium signaling involved
in the transformation of cardiac fibroblasts in myofibroblasts.
Here, NFAT was shown to translocate into the nucleus only on
dynamically stiffened (from 10 to 50 kPa) substrates (within
6 h), while it remained cytoplasmic in cells cultured on both
10 or 50 kPa “static” substrates, pointing out the importance
of dynamic signaling in mechanotransduction (Kemal Arda
et al., 2019). Beside stiffness, viscoelasticity and substrate
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strain energy have also been recently highlighted to affect
mechanosensing. Bennet et al. extended the molecular clutch
model originally developed by Roca-Cusachs et al. for separating
the effects of substrate elastic and viscous components on cellular
mechanoresponse. By culturing cells on lipid bilayers of different
viscosities, they showed how those affect cellular properties
such as cell size, focal adhesions, cytoskeletal organization, actin
retrograde flow, and YAP translocation (Bennett et al., 2018).
Gong et al. employed modified hyaluronic acid hydrogels to
probe viscoelasticity effects on cell spreading. They showed
that, on soft substrates, maximum cell spreading is observed
on materials with relaxation times falling within clutch binding
lifetime, while on stiff substrate, the effect of viscosity became
negligible (Gong et al., 2018). Recently, Panzetta et al. analyzed
the mechanical state of cells adhering on polymeric substrates
displaying constant stiffness at different pre-stress levels.
Results highlighted that the strain energy stored in the material
affects cell mechanical state, with higher deformations leading
to increased cellular stiffness. Cell–material interaction was
modeled with a modified version of the classic clutch model
including material pre-strain, which matched experimental
outcomes (Panzetta et al., 2019).

Topographies
In living tissues, cells actively interact with numerous
morphological cues through a process known as “contact
guidance,” which dictate adhesion process formation,
cytoskeletal remodeling, and then cell mechanics (Figure 3E).
Understanding the basic mechanisms underpinning cell–
topography interaction represents another fundamental step
in both the comprehension of several biological processes and
the rational design of biomaterials guiding cellular function.
Indeed, the concomitant growth of materials science and
fabrication technologies permitted developing micro- and
nanostructured interfaces resembling basic structural elements
of the ECM. Topographies act on cell behavior by influencing
adhesion complex dimension as well as their orientation and
distribution. Such interactions, indeed, are translated in the
generation of differential cytoskeletal stresses transmitted
to the nucleus eventually altering gene expression (Larsson
et al., 2018; Cutiongco et al., 2020). Linear micro- and nano-
topographies in the form of ridge and grooves have been
shown to influence several cellular functions such as migration
(Dalton et al., 2001; Pramotton et al., 2019), proliferation
(Sun et al., 2016), and differentiation (Iannone et al., 2015).
Here, focal adhesions align in the longitudinal direction of the
pattern and their dimensions could be finely tuned even with
subtle variations of the topography structural features. This,
in turn, causes cell polarization along pattern direction and
generates anisotropic intracellular forces dictating migration
directionality and nuclear deformation (Ray et al., 2017). Among
others, artificial topography has been found to be extremely
effective in cell differentiation reprogramming (Dalby et al.,
2014). Coez et al. fabricated microgrooved surfaces promoting
the differentiation of cardiac progenitor into cardiomyocytes
through an epigenetic-mediated mechanism. Notably, the
differentiation efficiency was considerably higher than the one

recorded via viral transduction (Morez et al., 2015). Similarly,
Downing et al., by means of linear topographies, studied the
epigenetic pathways linked to somatic cell reprogramming
toward pluripotent stem cell lineage. Here, it has been shown that
by tuning topography structural features, it is possible to obtain
the same epigenetic modifications (i.e., histones modifications)
normally induced through chemical stimulation (Song et al.,
2020). Nuclear shape and mechanics could also be altered with
micro pillar-based topographies. This type of topography found
numerous applications in cell function regulation and in the
characterization of nuclear deformability. By changing pattern
dimension, indeed, these structures could induce very peculiar
and cell-dependent nuclear shaping, allowing, among others,
the discrimination between normal and cancer cells (Davidson
et al., 2009; Badique et al., 2013; Liu et al., 2019). Micropillar
topographies, through nuclear deformation, could also influence
differentiation pathways as shown by Liu et al. (2016), who
demonstrated a correlation between pillar height and spacing
and the triggering of specific differentiation (i.e., osteogenesis
or adipogenesis).

High-aspect-ratio nanostructures (nanopillars, nanoneedle,
and nanowires) could imprint notable membrane and nuclear
deformation and have been used in different contexts as
smart tools for cytoskeletal remodeling, nuclear mechanic
characterization, and cell function regulation (Crowder et al.,
2016). However, except for an example of DNA damage
induction, this type of structure has never been associated
with gene expression modulation (Lou et al., 2018). Recently,
Seong et al. showed how stem cell gene expression could
be modulated by means of nanoneedle arrays. Here, lamin
genes, YAP transcription, and focal adhesion gene expression
were varied by changing nanoneedle distribution and structural
features (Seong et al., 2020).

Since many recent studies highlighted how three-dimensional
cues affect cell mechanotransduction processes differently from
2D surfaces (Pampaloni et al., 2007), in the last years, several
efforts have been spent in the development of dedicated three-
dimensional systems for studying cellular behavior (Nava et al.,
2017; Pennacchio et al., 2018; Pennacchio et al., 2019). By means
of the rolling-up technique, Koch et al. fabricated silicon-based
microtubes of different diameters (from 4 to 25 µm) to assess the
effects of 3D cell confinement upon nucleus integrity and growth.
Here, it was found that persistent nuclear squeezing does not
cause DNA damage and cell death per se, but can impair normal
cell cycle progression leading to cell death (Koch et al., 2014).
Greiner et al. (2015) embedded fibroblasts and epithelial cells
into fabricated 3D microstructured scaffolds finding increased
cytoplasmic and nuclear volumes compared to what is observed
on 2D surfaces. Lewis et al. produced microstructured gelatin
scaffolds presenting different pore sizes and recapitulating liver
structural features for evaluating hepatocyte function regulation.
Gene expression patterns changed in 3D environments compared
to 2D, and functions like albumin secretion, CYP activity, and
bile transport were found to be sensitive to pore connectivity
modulation (Lewis et al., 2018). Recently Sergio et al. fabricated
3D ordered microscaffolds to assess β-catenin activity in breast
cancer cell during cell invasion. The author observed that,
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differently from 2D substrates, the scaffold three-dimensionality
could activate TCF4 transcription factor leading to β-catenin
nuclear accumulation and promoting invasion of MCF-7 cells
(Sergio et al., 2020).

CONCLUSION

Over the past two decades, many efforts have been made to
well characterize both the tight connection existing between
nucleus and cytoskeleton and the nucleus intrinsic and cell-
induced mechanical properties. The nucleus, indeed, is no longer
considered to be the mere cage protecting cell’s genetic material
and enclosing essential biological processes, including DNA
replication and transcription. Instead, it is clear that structural
and then mechanical properties of the nucleus largely influence
various cellular functions. The observation that mutations in the
Lamin gene dramatically perturb the nuclear structure leading to
several diseases was the primary evidence for the importance of
nuclear mechanical properties in human health. More recently,
nuclear mechanics is emerging as an important factor also in
cancer dissemination and probably, in the following years, we will
have a clearer idea of its role in cancer onset and evolution. In this
review, we introduced the basic elements to understand nuclear
mechanics, the effects of its perturbation, and the most common
methods employed to study it. What clearly emerged is the

growing impact of advanced engineering and imaging techniques
to explore and decipher the biological relevance of mechano-
physical properties of the nucleus. In the future, we envisage that
the further intermingling of these different disciplines will allow
us to better understand the complexity of mechanotransduction.
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The limited ability of articular cartilage to self-repair has motivated the development

of tissue engineering strategies that aim to harness the regenerative potential of

mesenchymal stem/marrow stromal cells (MSCs). Understanding how environmental

factors regulate the phenotype of MSCs will be central to unlocking their regenerative

potential. The biophysical environment is known to regulate the phenotype of stem cells,

with factors such as substrate stiffness and externally applied mechanical loads known

to regulate chondrogenesis of MSCs. In particular, hydrostatic pressure (HP) has been

shown to play a key role in the development and maintenance of articular cartilage. Using

a collagen-alginate interpenetrating network (IPN) hydrogel as a model system to tune

matrix stiffness, this study sought to investigate how HP and substrate stiffness interact

to regulate chondrogenesis of MSCs. If applied during early chondrogenesis in soft IPN

hydrogels, HP was found to downregulate the expression of ACAN, COL2, CDH2 and

COLX, but to increase the expression of the osteogenic factors RUNX2 and COL1. This

correlated with a reduction in SMAD 2/3, HDAC4 nuclear localization and the expression

of NCAD. It was also associated with a reduction in cell volume, an increase in the average

distance between MSCs in the hydrogels and a decrease in their tendency to form

aggregates. In contrast, the delayed application of HP to MSCs grown in soft hydrogels

was associated with increased cellular volume and aggregation and the maintenance

of a chondrogenic phenotype. Together these findings demonstrate how tailoring the

stiffness and the timing of HP exposure can be leveraged to regulate chondrogenesis of

MSCs and opens alternative avenues for developmentally inspired strategies for cartilage

tissue regeneration.

Keywords: HDAC4, bioreactor 3D cell culture, mechanobiolgy, interpenetrating polymer network, tissue

engineering

INTRODUCTION

The avascular, aneural and alymphatic nature of cartilage tissue hinders its ability to self-repair,
leading to progressive joint damage following injury (Bernhard and Vunjak-Novakovic, 2016).
To date, neither conventional cartilage repair treatments such as microfracture or autografting, or
regeneration strategies such as autologous chondrocytes implantation (ACI) (Brittberg et al., 1994)
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can predictably restore the damaged tissue to its original
state. Major limitations of these applications include donor-
site morbidity, lack of integration and dedifferentiation of
chondrocytes during in vitro expansion (Huey et al., 2012; Moran
et al., 2014; Mumme et al., 2016). Tissue engineering strategies
that aim to recapitulate aspects of mesenchymal condensation
and cartilage development represent promising new approaches
for joint regeneration (Lalan et al., 2001; Bernhard and Vunjak-
Novakovic, 2016; Occhetta et al., 2018). Developmentally,
cartilage formation begins with mesenchymal condensation
leading to chondrogenic differentiation of mesenchymal cells
(Wu et al., 2013). In response to cell condensation, a densematrix
is produced, serving as a cartilage anlage, which will lead to the
formation of both articular cartilage and subchondral bone (Liu
et al., 2017). In the context of a developmentally inspired strategy
for cartilage tissue engineering, mesenchymal stem/stromal cells
(MSCs) represent a promising cell source due to their ease of
isolation and expansion and capacity to give rise to different
musculoskeletal tissues (Mardones et al., 2015; Occhetta et al.,
2018). MSC differentiation depends on cues present within the
local environment, and while much attention has focused on
soluble factors to direct their chondrogenic differentiation, less
attention has been given to physical stimuli such as substrate
rigidity and external mechanical forces (Kelly and Jacobs, 2010;
Thorpe et al., 2010; Steward and Kelly, 2014; O’Reilly and Kelly,
2016; Foyt et al., 2019).

Lineage commitment of MSCs can be regulated by the
elasticity of the substrate and its topography (Engler et al., 2006;
Guilak et al., 2009; Jaalouk and Lammerding, 2009; Huebsch
et al., 2010; Romanazzo et al., 2012; Murphy et al., 2014; Foyt
et al., 2018). These studies have typically explored the role of
substrate stiffness on MSC fate in 2D culture systems (Evans
et al., 2009; Holle and Engler, 2011; Evans and Gentleman, 2014),
however the role of matrix stiffness in directing differentiation
in a 3D hydrogel environment is more complex, with factors
such as hydrogel degradation also playing a role (Khetan et al.,
2013). In general, higher hydrogel stiffnesses have been shown
to promote osteogenesis, while adipogenesis is supported when
their stiffness decreases (Huebsch et al., 2010). In the context
of chondrogenesis, a stiffness mimicking the rigidity of healthy
articular cartilage (0.5 MPa) has been shown to enhance the
expression of SOX9, ACAN and COL2 in primary chondrocytes
and ATDC5 cells (a chondrogenic cell line) grown on 2D
substrates (Allen et al., 2012). However, chondrogenesis of
human MSCs has been shown to be supported by much softer
substrates (∼1 kPa) (Park et al., 2011), with factors such as the
local oxygen tension also influencing cellular response to altered
substrate rigidity (Foyt et al., 2019).

In addition to matrix stiffness, other biophysical stimuli such
as compression and hydrostatic pressure (HP) have also been
shown to regulate chondrogenesis of stem cells (Kelly and Jacobs,
2010; Steward and Kelly, 2014). In vivo, the removal of physical
cues has been associated with the arrest of embryogenesis
(Martin et al., 2009; Behrndt et al., 2012). Thus, in order to
drive development, mechanical signals must be presented in an
appropriate spatial and temporal manner in combination with
biochemical cues (Kumar et al., 2017). Hydrostatic pressure, a

loading modality that results in little or no cellular deformation,
is a key regulator of chondrogenesis (Pattappa et al., 2019).
HP has been shown to play a role in regulating chondrogenic
differentiation during limb development, while the application
of physiological frequencies and magnitudes of HP (up to 12
MPa) promotes an increase of cartilage matrix synthesis and
regulates hypertrophy (Soltz and Ateshian, 2000; Angele et al.,
2003; Carter and Wong, 2003; Elder and Athanasiou, 2009;
Huey et al., 2012; Giorgi et al., 2014; Saha et al., 2016; Pattappa
et al., 2019). In the presence or absence of exogenous TGF-β,
cyclic HP has been shown to enhance chondrogenesis of MSCs
(Miyanishi et al., 2006; Vinardell et al., 2012a; Carroll et al., 2013;
Zellner et al., 2015), with the cellular response to such signals
also depending on the stiffness of the surrounding substrate
(Steward et al., 2012a, 2014b). Understanding the interplay
between matrix stiffness and extrinsic mechanical cues such as
HP will be critical to the development of tissue engineering
strategies aiming to use MSCs to generate phenotypically stable
articular cartilage.

Despite HP emerging as a key mechanical stimuli for the
development and maintenance of articular cartilage, tissue
engineering strategies using MSCs that successfully integrate
this regulatory cue have yet to be established (Elder and
Athanasiou, 2009). The goal of this study was to investigate
how HP, substrate stiffness and TGF-β3 interact to regulate
chondrogenesis of MSCs. To this end, this study examined
the combined effect of HP and substrate stiffness in the
presence of TGF-β3 on the chondrogenic commitment of MSCs
seeded within collagen/alginate interpenetrating networks (IPN)
hydrogels (Gillette et al., 2008, 2010; Branco da Cunha et al.,
2014). The initial hypothesis of this study was that HP combined
with TGF-β3 stimulation would enhance chondrogenesis of
MSCs embedded in a soft 3D IPN, while it would help rescue the
chondrogenic phenotype in MSCs seeded in the stiffer matrix.
This study found that the early application of HP inhibited the
condensation of MSCs and suppressed the expression of key
chondrogenic markers. In contrast, the delayed application of
HP promoted cellular condensation and the maintenance of a
chondrogenic phenotype in MSCs maintained in a soft hydrogel.
These findings demonstrated how diverse biophysical cues can
be integrated to regulate chondrogenesis of MSCs and open
alternative avenues for developmentally inspired strategies for
cartilage tissue regeneration.

MATERIALS AND METHODS

Experimental Design
This study was designed to examine the role of HP and substrate
stiffness on the chondrogenic differentiation of MSCs in a 3D
culture model. Initially, MSCs seeded IPNs were stimulated
with cyclic HP for 7 days in presence of chondrogenic medium
containing TGF-β3. In a second set of studies, 3D IPNs were first
cultured for 7 days in chondrogenic medium (containing TGF-
β3), followed by 1 week of culture in chondrogenic medium and
HP stimulation. All study groups consisted of a hydrostatically
loaded group (HP) and a free-swelling unloaded control (FS).
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Cell Isolation and Culture
Porcine bone marrow-derived MSC were isolated from the
femora of 4 months old porcine donors (50 kg) within 2 h
of sacrifice and expanded in culture. Following colonies
formation, MSCs were trypsinized, counted and seeded at a
density of 5.000 cells cm−2 in culture flasks (Nunclon; Nunc,
VWR) maintained in growth medium (GM) composed of
high-glucose Dulbecco’s modified eagles medium (hgDMEM
Glutamax) supplemented with 10% v/v fetal bovine serum (FBS),
penicillin/streptomycin (100U ml−1) (all GIBCO, Invitrogen)
and expanded to passage 3 in a humidified atmosphere
at 37◦C and 5% CO2. Trilineage Potential assays were
used to determine pluripotency and one donor was selected
(Supplementary Figure 1). For differentiation studies, MSC
were supplemented with chondrogenic differentiation media
(CDM) composed of hgDMEM, penicillin/streptomycin (100U
ml−1), 100 µg ml−1 sodium pyruvate, 40 µg ml−1 L–proline,
1.5mg ml−1 bovine serum albumin, 4.7 g µl−1 linoleic acid, 1X
insulin-transferrin-selenium, 50 µg ml−1 L–ascorbic acid−2–
phosphate (all Sigma–Aldrich), 100 nM dexamethasone (Sigma–
Aldrich) and 10 ng ml−1 TGF–β3 (R&D Systems). Cells were
cultured in CDM for 7 or 14 days at 5% pO2, in a humidified
atmosphere at 37◦C and 5% CO2.

3D IPN Fabrication and Culture
The collagen-alginate 3D IPNs were prepared starting by 1ml
of 6mg ml−1 ice-cold collagen type I solution (from rat tail,
Corning), which had the latter addition of 400 µl of 10×
RPMI (Sigma–Aldrich) and 350 µl of collagen neutralization
buffer (0.1M HEPES and 1M sodium bicarbonate dissolved
in PBS) to reach pH 7.4. At this point, a volume of 400 µl
of MSCs previously trypsinized and resuspended in GM (5 ×

10−6 cells ml−1), was gently mixed to the neutralized collagen
solution. Finally, 2ml of 3.5% alginate solution (UP LVG, batch#
BP-0907-02, viscosity = 198 mPa∗s, Pronova matrix) were
thoroughly mixed, pipetted into a custom-made mold and placed
in incubation for 4 h to allow cell spreading before the addition
of the crosslinker (20mM CaCl2 dissolved in hgDMED). Finally,
the elasticity of the IPNs was tuned by exposing the samples to
the crosslinker for either 40min (soft 3D IPNs) or 150min (stiff
3D IPNs). After the incubation time, the 3D IPNs samples were
removed from the mold, rinsed in fresh hgDMEM and incubated
in GM for 12 h at 5% pO2, in a humidified atmosphere at 37◦C
and 5% CO2.

Application of Cyclic Hydrostatic Pressure
The schematic in Figure 1A shows the preparation of the samples
for the HP loading experiments. Cell-laden IPN hydrogels
were prepared and left to equilibrate overnight in GM. The
next day, the IPN samples were encapsulated, evenly spaced,
in a 2% agarose (A2790, Sigma–Aldrich) block to provide
protection from handling damage and inserted into heat-
sealed, gas-permeable, water-tight, sterile bags (EVO120, Quest
Biomedical, UK) with 3mL of medium per construct, removing
the air via a needle free port. Before the loading experiment,
samples were incubated for 24 h in starvation media [hgDMEM,
penicillin/streptomycin (100 U/mL) and 0.5% FBS (Gibco)]
for cell cycle synchronization. Cyclic HP was applied via a

water filled, custom-made bioreactor within a 37◦C incubator
as described previously (Carroll et al., 2013). The sealed bags
exposed to HP were placed into the pressure vessel, while the
free swelling controls were placed into an open water bath next
to the pressure vessel. HP was applied at an amplitude of 2
MPa and a frequency of 1Hz for a duration of 4 h per day, for
7 consecutive days (or 14 days when specified). The bags were
returned to a culture incubator (37◦C, 5%CO2, 5% pO2) between
loading periods and suspended separately in an upright position
for homogenous gas transfer.

Live/Dead Assay
Viability of MSCs embedded into IPN hydrogels was investigated
before the media change to CDM or at the end of the
culture period by using a live/dead assay solution consisting
of Calcein-AM (1mM) and Propidium Iodide (0.1mM)
prepared in phenol-red free DMEM (hgDMEM, GIBCO).
Briefly, samples were rinsed in PBS, immersed in the staining
solution for 1 h at 37◦C. Then, samples were rinsed twice
with phenol-red free hgDMEM and left in warm phenol-red
free hgDMEM before imaging. Live imaging was performed
using a confocal microscope (Leica Confocal Microscopy TCS
SP8) using 490/515 nm (excitation/emission) for Calcein-AM
(Life Technologies) and 535/617 nm (excitation/emission) for
propidium iodide. Maximum intensity projection images were
obtained using FIJI software.

Immunostaining
Immediately after HP stimulation/culture period, samples were
fixed with 4% PFA by direct injection of the solution into the
bags. Samples were left for 1 h at +4◦C. Gels were then rinsed
in PBS, removed from the culture bag and the agarose block
discarded. The retrieved gels were next incubated overnight in
30% w/v sucrose solution at+4◦C. The samples were then placed
in a mix of 50% v/v of a 30% w/v sucrose solution, and 50%
v/v OCT (Tissue-Tek) for 5 h at +4◦C. Finally, the samples
were placed in OCT and frozen in a isopentane (Sigma–Aldrich)
bath previously chilled in liquid nitrogen and stored at −80◦C.
Sections of 40µm were cut with a cryostat (Leyca CM 1860)
and mounted on glass slides (VWR) previously custom-coated
with gelatin (Sigma-Aldrich), left to dry for 30min and stored
at −20◦C until stained. Cryoslices were left to re-equilibrate at
room temperature for 5min while single slices boundaries were
drawn with a pap-pen (Ted Pella). Samples were permeabilized
in 0.5% v/v Triton-X-100 (Sigma–Aldrich), rinsed once in PBS
and incubated in blocking buffer containing 5%w/v BSA (Sigma–
Aldrich) before the incubation with the primary and secondary
antibodies (Table 1 for complete list of reagents). Samples were
mounted with 2.5 µl of ProLong gold antifade (Thermo Fisher
scientific) on each slice of sample, covered with a coverslip
(VWR) and left to cure for 1 h at room temperature and then
overnight at+4◦C.

RNA Isolation and Gene Expression
Analysis
The gels were washed once in PBS, mechanically digested and
then incubated with 1ml of alginate dissolving buffer (0.055M
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FIGURE 1 | The inhibitory effect of early HP stimulation on chondrogenesis of MSCs. Schematics depicting (A) the sample preparation procedure and (B) the

experimental design. (C) Qualitative analysis of MSC viability after 7 days of dynamic culture. Live cells stained in green, dead cells in red. Scale bar 100µm.

(D) Chondrogenic gene expression levels relative to the SOFT FS group. MSCs were cultured for 7 days in presence of chondrogenic factors and HP stimulation. FS,

Free Swelling group; HP, Hydrostatic Pressure group. *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001.

sodium citrate, in 0.03 EDTA, 0.15M NaCl, pH 6.8 (all Sigma–
Aldrich) for 10min at 37◦C. Samples were then centrifuged for
2min at 10,000 rpm, rinsed in PBS and centrifuged for 2min
at 14,500 rpm. The resulting pellets were lysed with 350 µl of
RLT buffer containing 1% β-Mercaptoethanol with the latter
addition of 540 µl of RNA-free water and 10 µl of Protease

K solution (Qiagen) and kept for 10min at 55◦C. Total RNA
was extracted using the RNeasy Mini Kit (Qiagen) following
manufacturer instructions, snap frozen in liquid nitrogen and
stored at−80◦C. Polymerase chain reaction (PCR) with a high
capacity cDNA reverse transcription kit (Thermofisher) was
conducted to transcribe 300 ng of RNA from each sample into
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cDNA. After cDNA quantification with Qubit ssDNA Assay kit
(Thermofisher), levels of gene expression were measured with
real-time PCR (ABI 7500-fast, Applied Biosystems) using SYBR
green master mix (Applied Biosystems) and porcine specific
primers (Table 2). The relative quantity of each sample was
calculated with the Pfaffl (2001) method with reference to 18 S
and B2M and expressed as fold change to the control group
(specified in each figure legend). Efficiency of all primer pairs
were calculated by serial dilutions of cDNA reverse transcribed
from RNA isolated from day 7 porcine MSC pellets cultured
in CDM.

Image Quantification
Samples were imaged the day after the staining with a Leica
SP8 scanning confocal microscope (equipped with lasers for 405,

TABLE 1 | List of antibodies and toxins.

PRIMARIES

Rabbit polyclonal anti-NCAD 1:150 Abcam ab18203

Rabbit polyclonal anti-SMAD 2/3 1:200 Santa Cruz sc8332

Rabbit monoclonal anti-VIMENTIN 1:500 Abcam ab92547

Rabbit polyclonal anti-HDAC4 1:200 Santa Cruz sc11418

SECONDARIES

Goat anti-rabbit Alexa-488 1:500 Thermo Fisher a11008

Goat anti-mouse Alexa-488 1:500 Thermo Fisher a21202

Goat anti-mouse Alexa-594 1:500 Thermo Fisher a21203

Phalloidin-iFluor 647-cytopainter 1:1500 Thermo Fisher ab176759

DAPI 0.1 µg ml−1 Thermo Fisher D1306

488, 552, and 638 nm and 3PMT detectors) with X 10, 20, or
X 40 (1.3 numerical aperture, oil-immersion) objective lens. Z-
stack images were acquired with an interval of 1µm, using the
same exposure, gain and offset values for all conditions in the
same experiment. Pictures were taken from three random areas
of each sample. These parameters were set based on positive
controls expressing the protein of interest, and negative controls
obtained by omitting the primary antibody. SMAD 2/3, HDAC 4
nuclear quantification and NCAD cytosolic quantification were
calculated using a custom-made code for FIJI 3D Image Suite for
the 3D mask generation, followed by the formula:

∑f

nuc
/Vnuc or

∑f

cyto
/Vcyto

Where
∑f

nuc and
∑f

cyto represent the sum of the background-
corrected intensity values for the voxels in the nuclear and
cytoplasmic region respectively, while Vnuc and Vcyto the volume
of the corresponding regions.

Statistical Analysis
Statistical analyses were performed on three independent trials
using one- or two-way analysis of variance (ANOVA) followed
by Tukey post-hoc test [GraphPad Prism 6.0 statistical software
(GraphPad Software)]. Significance was accepted at a level of p
< 0.05. Numerical and graphical results are presented as mean±

standard deviation.

TABLE 2 | List of specific primers for real time PCR.

Gene name Gene full name Forward/Reverse T(◦C) in use T(◦C) predicted Gene ID Gen bank no.

B2M Beta-2-microglobulin F:5′ ACTGAGTTCACTCCTAACG 3′ 60 54.2 397033 NM_213978

R:5′ TGCAGCATCTTCATAATCTC 3′ 58

18S Ribosomal protein S18 F:5′ CAACACCACATGAGCATATC 3′ 60 59 396980 NM_213940

R:5′ AGAAGTTCCAGCACATTTTG 3′ 59.4

ACAN Aggrecan F:5′ CACCCCATGCAATTTGAG 3′ 60 62.6 397255 NM_001164652

R:5′ AGATCATCACCACACAGTC 3′ 55.5

SOX9 SRY-box 9 F:5′ GACTGCTGAATGAGAGCGAGA 3′ 60 59.87 396840 NM_213843.2

R:5′ GAAGATGGCGTTGGGAGAGAT 3′ 59.86

CDH2 Cadherin 2 F:5′ AGGTTTGCCAGTGTGACTCC 3′ 60 60.18 100515322 XM_021096205.1

R:5′ TCTCGGCGCTTCATCCATAC 3′ 59.97

COL1 Collagen type I alpha 1 chain F:5′ TAGACATGTTCAGCTTTGTG 3′ 60 56.4 100738123 XM_021067153

R:5′ GTGGGATGTCTTCTTCTTG 3′ 57.1

COL2 Collagen type II alpha 1 chain F:5′ CGACGACATAATCTGTGAAG 3′ 60 58.3 397323 XM_001925959

R:5′ TCCTTTGGGTCCTACAATATC 3′ 59.3

COLX Collagen type X alpha 1 chain F:5′ CCAACATCCAGAATCCATC 3′ 60 60.04 448809 NM_001005153

R:5′ GTAGGTGTTTGGTATTGCTC 3′ 59.3

RUNX2 Runt related transcription factor 2 F:5′ CCAACAGAGGCATTTAAGG 3′ 60 59.7 100155806 XM_003482202

R:5′ CCAAAAGAAGTTTTGCTGAC 3′ 59
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RESULTS

The Early Application of Cyclic Hydrostatic
Pressure Inhibits the Chondrogenic
Commitment of MSCs
To understand the role of HP in regulating the initiation
and progression of chondrogenesis, MSCs were encapsulated
within soft (5.2 ± 0.7 kPa) or stiff (17.5 ± 1.8 kPa) 3D IPN
hydrogels and subjected to HP and TGF-β3 (10 ng/ml within
the culture media) stimulation. In agreement with our previous
findings, the softer 3D IPNs were more supportive of MSC
chondrogenic differentiation. To facilitate construct handling
during the loading phase, the 3D IPN samples were embedded
into agarose blocks, placed into cell-culture bags and loaded at
a frequency of 1Hz for 4 h/day at 2 MPa (Figure 1A). A first
set of studies were conducted in presence of TGF-β3 for 7 days
(Figure 1B), while in the second set of studies MSCs were first
cultured for one week in presence of TGF-β3, followed by a week
of HP stimulation in presence of the same chondrogenic factor
(Figure 1B). Sample handling and HP loading didn’t cause any
detrimental effect on cell viability (Figure 1C, day 7+HP+TGF-
β3). In free swelling conditions, higher expression of ACAN,
COL2, CDH2 and COLX were observed in the softer hydrogels
after 1 week of culture (Figure 1D). However, the application
of TGF-β3 + HP stimulation reduced the expression of ACAN,
COL2, CDH2 and COLX when MSCs were encapsulated within
the softer IPN hydrogels (Figure 1D). In the stiffer hydrogels,
HP reduced the expression of CDH2 and COLX (Figure 1D).
The already low levels of ACAN and COL2 expression in the stiff
hydrogels were not further reduced by the application of HP.

The suppression of chondrogenesis following the immediate
application of HP to the soft hydrogels correlated with a
reduction in the nuclear levels of SMAD 2/3 (Figure 2A) and a
minor reduction in NCAD expression (Figure 2B). An opposite
effect was observed in the stiffer hydrogels, where the application
of HP was observed to increase nuclear SMAD 2/3 levels
(Figure 2A) and total NCAD (Figure 2B) secretion, although the
overall levels of both proteins remained lower when compared to
the soft hydrogels.

Early HP Stimulation Suppresses MSCs
Condensation and Is Associated With
Osteogenesis and Cytosolic HDAC4
Localization
To understand the mechanism of HP mechanotransduction, this
study next sought to analyze morphological changes in MSCs
cultured in soft and stiff hydrogel environments and exposed
to TGF-β3 and HP. The intermediate filament architecture, in
particular the vimentin network of MSCs, has been shown to
remodel under the action of HP (Steward et al., 2012a; Stavenschi
and Hoey, 2019). Although assessed only qualitatively, vimentin
seemed to form a less interlaced network when exposed to HP
and this correlated with a decreased cell sphericity (Figure 3A).
Surprisingly, the volume of cells seeded into a soft 3D IPN
reduced significantly under HP stimulation, while such changes
in cell size were not observed in the stiffer hydrogels (Figure 3A).

Furthermore, following the application of HP cell aggregation in
the soft matrix was impaired, while no evident effect on cellular
aggregation was observed in the stiffer 3D IPN (Figure 3B).
Although HP didn’t significantly affect the tendency of cells to
aggregate/condense in the stiffer 3D IPN, the average distance
between single cells increased in both soft and stiff hydrogels after
HP stimulation (Figure 3B).

To further investigate how HP impaired MSCs
chondrogenesis, the expression of key osteogenic and
hypertrophic markers was next studied. HDAC4 is known
to be a potent regulator of chondrocyte hypertrophy by
inhibiting RUNX2 expression (Pei et al., 2009; Studer et al.,
2012). Nuclear HDAC4 levels were higher in soft gels compared
to stiff gels. The early application of HP was observed to reduce
HDAC4 nuclear localization in MSCs encapsulated in both soft
and stiff hydrogels (Figure 4A). Furthermore, the application of
HP enhanced the expression of RUNX2 and COL1 in the soft
hydrogels, while no significant effect was observed in the stiffer
gels (Figure 4B).

A Delayed Exposure to HP Enhances
Chondrogenesis of MSCs
To assess whether a delayed exposure to HP would enhance
the chondrogenic differentiation of MSCs, cells were cultured
for 1 week in free swelling chondrogenic conditions (+TGF-
β3), followed by a week of HP stimulation in the same media
conditions. In this case, the application of HP had no (positive or
detrimental) effect on the expression of SOX9, ACAN and COL2
in MSCs encapsulated within the soft 3D IPN, although it did
suppress the expression of COLX. In contrast, HP enhanced the
expression of SOX9, ACAN, and COL2 in MSCs encapsulated
within the stiffer matrix which was previously found to be
less supportive of a chondrogenic phenotype (Figure 5A).
From a morphological standpoint, HP promoted cell volume
expansion in the softer 3D IPN, but not in the stiffer hydrogel
(Figure 5B). Surprisingly, an increase in cell aggregation with the
application of delayed HP was only observed in the softer matrix
(Figures 5C,D).

DISCUSSION

It has been previously demonstrated by our lab that physiological
levels of cyclic HP stimulation have beneficial effects on
the long term chondrogenic commitment of bone marrow
derived MSCs (Meyer et al., 2011; Carroll et al., 2013; Steward
et al., 2014b). However, the mechanism by which matrix
stiffness and HP interact to regulate MSC commitment remains
poorly understood. This study confirms that a biomaterial able
to facilitate cell-cell interactions and aggregation over time
creates a supportive environment for MSC chondrogenesis,
and that applying cyclic HP one week after the initiation
of chondrogenesis can further enhance this process and
promote a more stable cartilage phenotype. In contrast, the
application of HP at the onset of MSC differentiation inhibited
chondrogenesis and promoted a more osteogenic phenotype. In
these studies, early HP stimulation was associated with vimentin
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FIGURE 2 | The influence of HP on nuclear SMAD 2/3 and NCAD levels in MSCs cultured within soft and stiff IPN hydrogels. Confocal analysis of MSCs cultured for 7

days in presence of TGF-β3+HP. Cells stained for nuclei (blue), actin (magenta) and (A) SMAD 2/3 (gray) or (B) NCAD (cyan). Scale bars, 10µm. Quantitative analysis

of confocal images to determine the fold change of (A) the nuclear content of SMAD 2/3 and (B) NCAD expression. *p < 0.05, **p < 0.01, ****p < 0.0001.

remodeling, cell volume restriction and a reduced degree of cell
condensation. In contrast, when MSCs were allowed to first
initiate chondrogenic differentiation in free swelling conditions
(i.e., one week of TGF-β3 supplementation), the application of
HP no longer suppressed chondrogenesis. Indeed, such a delayed
mechanical stimulation was found to enhance cell aggregation,
suppress markers of hypertrophy in the soft 3D IPN and enhance
the expression of chondrogenic genes in the stiff hydrogels. These
findings highlight that cyclic HP can directly modulate MSC fate
in a manner that depends on substrate stiffness and timing of HP
exposure. Altogether these studies provide a novel platform for

MSCs differentiation analysis and may open new possibilities to
develop loaded-assisted cartilage tissue engineering strategies.

The early application of HP, combined with TGF-β3
supplementation, was associated with a decrease in cell
aggregation and a downregulation in chondrogenic markers
within the soft 3D IPN. This correlated with a reduction in the
nuclear levels of SMAD 2/3 and a reduced production of NCAD.
In vitro, MSCs chondrogenic differentiation is elicited by cell
condensation, which is mediated by NCAD (Kwon et al., 2018).
However, as cells become chondrogenic, the expression of NCAD
decreases (Kwon et al., 2018). Cells undergoing condensation
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FIGURE 3 | HP stimulation inhibits MSCs aggregation. (A) Confocal analysis of MSCs cultured for 7 days in presence of TGF-β3 and HP. Cells stained for nuclei

(blue), actin (magenta) and vimentin (green). Scale bar, 10µm. Graphs reporting the values of sphericity and volume of single cells embedded into 3D IPN. (B) Average

percentage of cell aggregates per field of view after 7 days of culture and cell-cell distance. *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001.

activate the SMAD2/3 complex, which translocates to the nuclear
compartment where it regulates SOX9 expression, which in
turn controls the transcription of the major cartilage matrix
proteins COL2 and ACAN (Woods et al., 2007). In this study,
the application of HP reduced the mRNA levels of ACAN,
COL2 and COLX in MSCs maintained in a soft matrix to levels
comparable to that in a stiffer, unloaded, environment. The early
application of HP to the stiffer 3D IPN, which is an inherently less
chondro-supportive environment, was unable to trigger a more
robust chondrogenic response, despite increases in SMAD2/3
nuclear localization.

Both matrix stiffness and HP were observed to play a role in
vimentin remodeling and the morphology of the encapsulated
MSCs. It is know that vimentin architecture changes upon HP
stimulation, both in 2D and 3D cell culturemodels (Steward et al.,
2012b; Stavenschi and Hoey, 2019), and it has been hypothesized
that HP could induce its depolymerisation(Steward et al., 2012b;

Pattappa et al., 2019). In vivo, vimentin increases cytoplasmic
elasticity and plays a role in the alignment of cell traction forces
needed for directed mesenchymal migration; from rheology
measurements, its network is known to be easily deformable
and able to withstand high strains without breaking (Janmey
et al., 1991; Guo et al., 2013; Costigliola et al., 2017). The early
application of HP was also found to reduce cellular volume in
the soft hydrogel environment. Cellular size control has been
shown to be a robust modulator of MSC and chondrocyte
fate. MSC volume expansion has been correlated to osteogenic
differentiation, whilst chondrocyte confinement is associated
with reduced secretion of cartilage matrix proteins and the
promotion of a more catabolic phenotype (Lee et al., 2017, 2019).
The results of this study suggest a possible interplay between
vimentin pressure-induced changes and cell volume adaptation,
although further studies are required to firmly established such
a link. A deeper understanding of the interdependency of
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FIGURE 4 | HDAC4 nuclear localization in MSCs is responsive to HP stimulation. (A) Evaluation of HDAC4 localization and nuclear content. Cells stained for nuclei

(blue), actin (magenta) and HDAC4 (yellow). Scale bar, 10µm. (B) Day 7 gene expression relative to SOFT FS group. *p < 0.05, **p < 0.01, ***p < 0.001,

****p < 0.0001.

vimentin remodeling, cell volume adaptation and cell migratory
behavior would be of benefit in developing loading-inducedMSC
differentiation strategies.

The nuclear localization of HDAC4 was found to depend
on both substrate stiffness and hydrostatic pressure, suggesting
HDAC4 shuttling during chondrogenesis is sensitive to such
mechanical cues. It is known that mechanical perturbations
can alter the state of the nucleus and in some cases physical
signals reach the nucleus before soluble cues (Wang et al., 2009;
Aragona et al., 2015; Driscoll et al., 2015). For instance, fluid
flow induced shear stress has been shown to modulate chromatin
condensation and increase nuclear stiffness in endothelial cells
(Deguchi et al., 2005). Twisting the cytoskeleton via magnetic
beads has been shown to cause direct force transmission to
the nucleus and elicit local chromatin remodeling (Iyer et al.,
2012). Histone deacetylases (HDACs) participate in epigenetic

regulation by keeping the chromatin in a highly packed form,
wrapped around histones (Haberland et al., 2009). In particular,
HDAC4 is a potent regulator of chondrocytes hypertrophy
and its nuclear transport is initiated by TGF-β through the
activation of SMADs complexes (Vega et al., 2004; Studer et al.,
2012; Wang et al., 2014). Subcellular relocation of HDAC4 can
be modulated by physical signals; indeed compressive loading
of chondrocytes has been shown to induce HDAC4 nuclear
import and gene regulation (Chen et al., 2016). Although the
role of HP on HDAC4 shuttling is not clear in the literature,
our findings suggest that both a stiffer substrate and early
HP exposure might inhibit the nuclear import of HDAC4.
HP stimulation was associated with reduced nuclear HDAC4
in MSCs encapsulated within both soft and stiff hydrogels,
although increases in RUNX2 and COL1 were only observed
in the softer hydrogels, confirming the detrimental effect of
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FIGURE 5 | Delayed exposure to HP enhances chondrogenesis. (A) Gene expression analysis of MSCs cultured for 1 week in presence of TGF-β3 followed by 1

week of HP and TGF-β3. (B) Graphs reporting single cell volume after 14 days of culture. (C) Representative images of cell aggregates and (D) their quantification.

Cells stained for actin (magenta). Scale bar 100µm, *p < 0.05, **p < 0.01, ****p < 0.0001.

early HP on chondrogenic differentiation in this model system.
It is possible that MSCs grown in the soft 3D IPN might be
more sensitive to HDAC4 shuttling than cells experiencing
a stiffer environment, which already demonstrated lower
levels of nuclear HDAC4. Although these findings linked

for the first time the role of substrate stiffness and HP as
possible regulators of HDAC4 during MSC chondrogenic
differentiation, more investigations would be needed to
understand how these physical stimuli interact to control
HDAC4 behavior.
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The delayed application of HP was associated with increased
cellular aggregation for MSCs grown in soft hydrogels and an
upregulation of SOX9, ACAN and COL2 in cells encapsulated
within stiffer matrices. The delayed application of HP was also
found to reduce the expression of COLX in MSCs encapsulated
within soft 3D hydrogels. At this stage of differentiation (day
14) a reduction of COLX may be indicative of this mechanical
stimulus suppressing hypertrophy and progression along an
endochondral pathway (Caron et al., 2012). The dynamics of
cellular condensation within these IPN hydrogels may play a key
role in determining the temporal response of chondrogenically
primed MSCs to HP. It has been previously shown that MSCs
cultured in the form of pellets positively responded to HP
stimuli (Miyanishi et al., 2006). MSCs cultured as pellets are
forced to aggregate at the onset of chondrogenesis. In contrast,
MSCs encapsulated in hydrogels are initially relatively isolated,
but in response to TGF-β3 stimulation begin to undergo
chondrogenesis. As part of this process, and particularly in the
soft IPN that supports robust chondrogenesis, MSCs began to
form aggregates within the hydrogel. It is possible that early
stimulation with HP might have suppressed MSC aggregation
[especially for our low seeding density relative to other 3D
hydrogel studies (Wagner et al., 2008; Meyer et al., 2011; Steward
et al., 2012a, 2014a; Carroll et al., 2013)], whilst delaying HP to
first allow MSCs to condensate might have supported the more
beneficial response to this mechanical stimulus that is typically
reported in the literature. Interestingly, the delayed application
of HP to MSCs maintained in soft matrices promoted cellular
volume expansion, while a reduction in cell volume was observed
for MSCs kept in the stiffer hydrogels. Previous studies have
linked the confinement of chondrocyte volume to an inhibition
of cartilage matrix production (Lee et al., 2017). Although not
directly examined, it is possible that volume regulation plays a key
role in the mechano-transduction of HP, however this hypothesis
needs further examination.

A limitation of this study, from a translational perspective,
is our use of porcine MSCs as a model system to explore how
hydrostatic pressure regulates the initiation and progression
of stem cell chondrogenesis. The capacity of porcine MSC to
undergo chondrogenesis has been demonstrated in previous
studies (Thorpe et al., 2012; Vinardell et al., 2012b; Daly et al.,
2016) (see also Supplementary Figure 1). MSCs of porcine
origin have been suggested to provide a useful animal model
system to evaluate tissue engineering strategies (Ringe et al.,
2002), since their genetics, anatomy and physiology are similar
to humans (Vacanti et al., 2005). Another advantage of using
relatively young, healthy porcine MSCs for such studies is
that they typically possess a consistent, predictable phenotype
when exposed to differentiation factors, which facilitates the
exploration of how biophysical cues such as hydrostatic pressure
regulate their fate. Future studies should, however, confirm
the findings of this study using human MSCs. A key part of
such a study would be to explore the extent of donor-to-donor
variability in the response of MSCs to mechanical cues such as
HP, which was not undertaken in this study. Finally, an analysis

of the long-term phenotypic stability of chondrogenically primed
MSCs that are co-stimulated with HP is warranted, as such cues
could help promote a stable chondrogenic phenotype.

To conclude, in presence of TGF-β3, the application of
2 MPa of HP for 4 h per day applied at the onset of
chondrogenesis (from day 0 to day 7 of culture) generally
inhibited cellular condensation and MSC chondrogenesis. In
contrast, the application of HP from day 7 to day 14 of culture
generally enhanced chondrogenesis of MSCs. Although the
supplementation of a supra-physiological level of TGF-β3 is a
potent regulator ofMSC chondrogenesis, mechanical stimulation
can positively or negatively modulate its effect depending on the
timing of its application. In the context of cartilage regeneration,
this study demonstrates that physical stimuli such as matrix
stiffness and HP are fundamental regulators of MSC fate, whose
interaction must be carefully considered to successfully engineer
functional cartilaginous tissues.
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Cancer can disrupt the microenvironments and mechanical homeostatic actions in

multiple scales from large tissue modification to altered cellular signaling pathway in

mechanotransduction. In this review, we highlight recent progresses in breast cancer

cell mechanobiology focusing on cell-microenvironment interaction and mechanical

loading regulation of cells. First, the effects of microenvironmental cues on breast cancer

cell progression and metastasis will be reviewed with respect to substrate stiffness,

chemical/topographic substrate patterning, and 2D vs. 3D cultures. Then, the role of

mechanical loading situations such as tensile stretch, compression, and flow-induced

shear will be discussed in relation to breast cancer cell mechanobiology and metastasis

prevention. Ultimately, the substrate microenvironment and mechanical signal will work

together to control cancer cell progression and metastasis. The discussions on breast

cancer cell responsiveness to mechanical signals, from static substrate and dynamic

loading, and the mechanotransduction pathways involved will facilitate interdisciplinary

knowledge transfer, enabling further insights into prognostic markers, mechanically

mediated metastasis pathways for therapeutic targets, and model systems required to

advance cancer mechanobiology.

Keywords: breast cancer, metastasis, substrate microenvironments, mechanical loading, mechanotransduction,

cell progression

INTRODUCTION

Breast cancer is the most diagnosed cancer among women in the US with significant mortality
resulting from metastasis (DeSantis et al., 2019). Early detection and prevention of breast cancer
metastasis could greatly improve patient outcomes especially for cases when breast cancer migrates
to crucial organs including brain, liver, lung, and bone. Recently, mechanical factors are becoming
more and more recognized as important regulators of oncogenesis, tumor progression, and
metastasis. The mechanical factors may originate from microenvironments, e.g., extracellular
matrix (ECM) stiffness, topography, composition, etc., as well as from dynamic mechanical loading
situations, e.g., tensile strain, compression, flow-induced shear, etc. Microenvironmental factors at
the premetastatic nichemay prime tumor cells toward invasive phenotypes causing a host of genetic
and mechanical adaptations, which then can feedback to reinforce the aberrant ECM environment.
Further adaptations accrue when tumor cells proliferate in a confined and stiffened ECM milieu
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TABLE 1 | Some representative concepts/findings in microenvironmental cues.

Section References Key concepts

Stiffness Plodinec et al., 2012 AFM performed on biopsies of benign and cancerous breast tissue reveals molecular and structural changes in both

ECM and cells.

Stiffness Omidvar et al., 2014 Cell stiffness is correlated with invasive properties with a converse correlation between the adhesion force between

breast cancer cells and their invasive potential.

Stiffness Yang et al., 2020 Rigidity sensing is impaired in cancer cells but remains active in normal mammary cells. Restoring cytoskeletal proteins

rescued cells from cancerous responses with changes to local membrane contractions, adhesion, cytoskeletal

organization, and inhibition of tumor formation.

Stiffness Nasrollahi et al., 2017 Benign MCF-10A and cancerous MCF-7 cells have mechanical memory of substrate stiffness influencing later

migration. Cells primed on a stiff substrate and later moved to a soft gel had faster migration, larger focal adhesions,

and higher actomyosin expression compared to cells primed on a soft matrix. The memory is dependent on YAP

nuclear transfer on stiff substrates.

Stiffness Stowers et al., 2016 Benign epithelial cells grown in soft hydrogel formed healthy acini and exhibited quiescence. When the gels were

stiffened to mimic tumor stiffness, this caused cell proliferation, Ki-67 expression, and an invasion to the surrounding

gels away from the acini.

Surface patterns Zhang and Webster, 2012 Malignant MCF-7 cells had significantly decreased VEGF synthesis with lower proliferation and increased apoptosis on

23 nm topographic features, whereas benign epithelial cells had increased proliferation on the topography.

Surface patterns Chen et al., 2019 Cell migration direction is biased with sawtooth nanoscale ridges. MDA-MB-231 preferentially moved up the sawtooth

formations, while M4 metastatic variant of MCF-10A moved in the opposite direction.

Surface patterns Tseng et al., 2011 Micropatterning is used to assess cytoskeletal stress and arrangement and infer cell state and malignant status. For

benign epithelial MCF-10A cells patterned on fibronectin crossbow, disc, and pacman shapes, all transformative tumor

characteristics are not entirely involved with increased cell contractility.

Surface patterns Tse et al., 2012 Migration leader cells were produced at sharp corners of micropatterns. Compressing the micropatterns created

leader cells at the pattern boundary. Inhibition of ROCK or MLCK cytoskeletal regulator diminished the overall migration

but did not prevent the formation of leader cells.

2D vs. 3D Balachander et al., 2015 MDA-MB-231 cells grown in 3D scaffolds induced changes in invasive membrane structures and genes related to

cancer stemness, inflammation, and cell-cell and cell-matrix adhesion compared to those on 2D surfaces. Cells from

3D culture developed larger tumors when implanted in the mammary fat pad.

2D vs. 3D Matthews et al., 2020 Ras oncogene promotes cell rounding in confined environments which may promote cancer cell survival in

compressive tumors due to less chromosome segregation errors.

2D vs. 3D Stowers et al., 2019 Stiff 2D culture environments may cause loss of tissue function due to changes in chromatin. The epigenetic profile is

sensitive to both dimensional and stiffness effects.

causing a rise in solid stress within the tumor. As the vasculature
in the tumor is remodeled, cells also experience elevated
interstitial pressure and thus compressive effect. Moreover,
tensile stress may be experienced at the tumor periphery,
and interstitial outflow is becoming developed. In the next
step, metastasizing cells are exposed to fluid flow-induced
shear stress during distal migration through the lymph and
vascular systems. Tumor cell migration through capillaries and
intravasation and extravasation induce compression and large
cellular deformations in the form of constrictions. Finally,
each metastasis target site has unique microenvironmental and
dynamic mechanical loading signals which may contribute
to disease progression or induce dormancy. Here, we will
first review the updated understanding on the effects of key
microenvironmental cues on breast cancer cell behavior (the
representative findings on microenvironments are highlighted
in Table 1). The effects of dynamic mechanical loading
environments on breast cancer cells will then be described
including those at the distal metastasis site (representative
findings on mechanical loading cues are highlighted in
Table 2). Then, the discussion of potential regulatory cellular
mechanotransduction mechanisms involved in the mechanical
factor regulation of breast cancer cells is provided before ending

with a perspective. Note, for detailed classification of breast
cancer cell lines described in this review, the works by Neve et al.
(2006) and Holliday and Speirs (2011) are referred.

EFFECTS OF MICROENVIRONMENTAL
CUES

Substrate Stiffness
It has been recognized that the composition, mechanical stiffness,
and dimensionality of cancerous extracellular environments
greatly influence cancer cell physiology and progression.
Specifically, the alteration in tissue stiffness indicates one of the
earliest indicators of cancer presence. Forces between cells and
cell and ECM are dependent on the increase in breast tissue
stiffness which is associated with the risk of breast cancer. This
may be assessed radiologically with dense breast tissue having
an increase in cell number, collagen fibers, and proteoglycans
compared to breast tissue with low mammographic density
(Boyd et al., 2014). Cancers have molecular and structural
changes in both the ECM and cells. Such alteration is evident in
atomic force microscopy (AFM) performed on biopsies of benign
and cancerous breast tissues (Plodinec et al., 2012). Tissues
from benign biopsies had uniform stiffness with a single peak
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TABLE 2 | Some representative concepts/findings in mechanical loading milieus.

Section References Key concepts

Stretch Ansaryan et al., 2019 Stretching of cancerous cells causes increase in invadopodia, activation of aerobic glycolysis, and altered membrane

voltage, all indicative of cancer progression. Benign MCF-10A, which underwent apoptosis in the static condition,

could diffuse through the endothelial layer after stretch.

Stretch Wang et al., 2020 Tensile stretching may activate motility pathways to increase transmigration of MCF-7, MDA-MB-231, and 4T1.2 cells.

Stretch conditioned cells also modify local immune environment via exosome signaling which suppressed

anti-tumorigenic immune response.

Stretch Berrueta et al., 2016 Local stretching of tissue in vivo can reduce inflammation, fibrosis, and tumor volume. Mice implanted with breast

cancer subjected to 10min of forelimb to tail stretching had 52% smaller tumor compared to unstretched control mice.

Compression Tien et al., 2012 Mechanical stress signals, the local ECM environment, and chemical factors are interconnected in tumor outgrowth.

Pressure on one side of a 3D MDA-MB-231 aggregate inhibits tumor outgrowth from the opposite side potentially due

to altered chemical microenvironment.

Compression Ficorella et al., 2019 Invasion through ECM, intravasation, and extravasation induce compressive strains via constrictions on migrating cells.

Mesenchymal-like MDA-MB-231 uses blebs to pass through the constriction, whereas the MCF-10A primarily uses

lamellipodia with some blebbing.

Compression Kim et al., 2019 Compression may contribute to tumor cell survival in hypoxic conditions by activating glycolysis genes and adapting

cell metabolism and miRNA. Metabolic, EMT-related, and angiogenesis genes are upregulated in compressed

cancer-associated fibroblasts compared to static control.

Compression Fan et al., 2020 Regulation of tumor development by compression in vivo may depend on the loading magnitude. Loading mouse tibia

with 1N reduces bone destruction by tumor activity, while 5N induces osteolysis with significant bone loss.

Fluid shear Polacheck et al., 2011,

2014

MDA-MB-231 cells have heterogeneous migration responses to microfluidic interstitial flows depending on

dimensionality, matrix material, cell density, flow velocity, and cell receptor activity. Cell adaptation via β1 integrin and

paxillin focal adhesion has a key role, e.g., when paxillin was inhibited, MDA-MB-231 cells no longer migrate against

the flow.

Fluid shear Haessler et al., 2012 Fluid shear increases breast cancer cell motility in a 3D environment in a heterogeneous manner, implying simple

averages of cell behavior might not reveal an accurate picture of migration.

Fluid shear Riehl et al., 2020 Cells with higher metastatic potential (MDA-MB-231) display greater sensitivity in migration to fluid shear. Less

metastatic MDA-MB-468 is less responsive to flow shear, and benign MCF-10A has the lowest migration potential

under shear.

Fluid shear Choi et al., 2019 Flow shear may promote the EMT process and render cancer cells to be more aggressive by activating embryonic-like

stem properties through the deactivation of ERK and GSK3β.

Fluid shear Zhang et al., 2018 MDA-MB-231cells injected to a mouse model from a suspension condition have significant increase in metastasis to

the lungs compared with cells that are grown in an adhesive environment.

Fluid shear Novak et al., 2019;

Triantafillu et al., 2019

Fluid flow induced shear stress conditions may result in chemoresistance, e.g., to the drug paclitaxel and doxorubicin.

in the correlative stiffness map, while malignant tissues showed
heterogeneous stiffness with a broad distribution in correlative
stiffness maps and a low-stiffness peak due to soft cancer cells.
The differences in normal, tumorigenic, and metastatic cells
have been demonstrated in another study by microrheology
confirming cancerous cells are significantly softer than benign
counterparts (Smelser et al., 2015). The surrounding tissues
remodel and adapt in response to cancer growth resulting in
aberrant ECM moduli. This can then work as a feedback loop
since cancerous cells on abnormal stiffness have responses that
may further cancer progression.

The changes in tissue stiffness have been correlated with breast
cancer invasion and aggression. When cancer transforms the
ECM, additional collagen is deposited and the local ECM at the
tumor invasive front is linearized. Correlating this to invasive
cell behavior, the ECM was stiffest and most heterogeneous
around the aggressive basal-like, HER2+ tumors compared
with less aggressive luminal tumors (Acerbi et al., 2015). The
stiff matrix can cause alterations in cell adhesion structures
and dynamics. For instance, the stiff matrix may induce a

mesenchymal-like cell phenotype which is evident in the focal
adhesion assemblies and forces produced, and such changes may
be key to cancer cell invasion and migration in confined spaces
(Mekhdjian et al., 2017). Interfaces to the cells are also altered
in cancer with significant changes to glycocalyx cell coating in
tumor cells contributing to malignancy. The glycocalyx coating
can amplify mechanical signals on the cell surface and modify
transmembrane protein expressions. For example, the expression
of transmembranemechanical linkage protein, integrin, is altered
in cancer cells when large glycoproteins are present in the
glycocalyx (Paszek et al., 2014). These stiffness adaptations can
have, eventually, implications for the efficacy of cancer treatment.
The efficiency of the therapeutic lapatinib which acts on the
HER2 pathway in cancer cells was found to be modulated
by microenvironment mechanical properties: HCC1569 breast
cancer cells were responsive to lapatinib on a collagen gel with
400 Pa stiffness but this response was absent on the tissue culture
plastic with >2 GPa stiffness (Lin et al., 2015).

In addition to altered ECM stiffness, as mentioned above,
cancer cells themselves can also have altered stiffness. A converse
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correlation was found between the stiffness of the cancer cells
and their invasive properties: in the order of invasiveness from
less to more, the average stiffness as measured by AFM was
1.05, 0.94, and 0.62 kPa for MCF-7, T47D, and MDA-MB-231
cells, respectively (Omidvar et al., 2014). It has been established
that breast cancer cells cultured on stiff surfaces have in general
higher proliferation, higher migration velocity, and increased
chemoresistance compared with those grown on soft substrates
(McGrail et al., 2015). Furthermore, breast cancer cells showed
a preference for stiffer surfaces by exhibiting durotaxis (i.e.,
migration from soft to stiff region) on polyacrylamide stiffness
gradients (DuChez et al., 2019). Cells showed durotaxis with
migration distance dependent on wherein the cells were seeded:
cells starting in softer regions migrated further than cells seeded
onmedium or stiff regions of the gradient. This provides evidence
that cancer cells can sense variations in the ECM stiffness as may
be found in heterogeneous tumors or at tumor boundaries.

Via testing the deformation of sub-µm scale
polydimethylsiloxane (PDMS) micropillars by the cells, it was
found that substrate rigidity sensing was impaired in metastatic
MDA-MB-231 cells but remained active in normal MCF-10A
mammary cells (Wolfenson et al., 2016). As a mechanism,
the rigidity sensing could be restored via tropomyosin 2.1
expression, or the normal cells could transform to a cancerous
phenotype with tropomyosin 2.1 inhibition. In a follow up study
(Yang et al., 2020), restoring cytoskeletal proteins rescued cells
from cancerous responses with changes to local membrane
contraction, adhesion, cytoskeletal organization, and as a result
inhibited tumor formation. Moreover, inhibiting cytoskeletal
elements including myosin IIA reinforced cancer phenotypes.
Translating these results into an in vivo model, MDA-MB-
231 cells with rigidity sensing restored by YFP-tropomyosin
2.1 transfection had less tumorigenic responses in a chick
chorioallantoic model compared to green fluorescent protein
(GFP) transfected control. The MDA-MB-231 cells with
tropomyosin expression formed tumors with 36.5% lower tumor
weight and the tumor volume decreased over time, whereas the
control MDA-MB-231 cells had increased tumor volume with
time. Taken together, these results demonstrate that cancerous
cells have lower stiffness and fewer rigidity sensing mechanisms
compared to normal cells.

Migration out of the premetastatic niche exposes tumor cells
to new ECM mechanical environments which may affect cancer
progression. Such environmental changes likely function through
specific ECM ligand and integrin interaction. For example,
abnormally high stiffness, as can be seen in the bone metastatic
milieu, can regulate bone-destructive phenotype in MDA-MB-
231 cells via regulating specific integrin subunit (Page et al.,
2015). It was found that parathyroid hormone-related protein
(PTHrP), a factor associated with tumor destruction of bone, and
integrin β3 expression showed increases with increasing substrate
rigidity. Taking advantage of this, injection of MDA-MB-231
cells with blocked β3 integrin did not show tumor-induced bone
destruction, providing a potential therapeutic target. Further
down this mechanosignaling pathway, Src, PI3K, Rac1, and
rho-associated kinase (ROCK) inhibitors were tested for the
regulation of general invasive epithelial phenotype (Carey et al.,

2017). Inhibiting Src and ROCK promoted invasive protrusions,
whereas inhibiting PI3K and Rac1 suppressed invasion. When
testing the stiffening of the ECM, adding stiffer collagen caused
benign MCF-10A to have an invasive phenotype and promoted
cell dispersion. Unlike culture in Matrigel which promotes
healthy epithelial formation, stiffer collagen matrix caused
an invasive epithelial phenotype with activated mesenchymal
genes and proteins including vimentin, fibronectin, and Snail
(Figure 1) (Carey et al., 2017).

Even if tumor cells are removed, the remaining cells may
have been primed with the mechanical memory effect. Benign
epithelial MCF-10A and cancerous MCF-7 cells displayed the
mechanical memory effect influencing later migration capability
(Nasrollahi et al., 2017). Cells that were seeded on a stiff
polyacrylamide substrate and later moved to a soft gel had
faster migration, larger focal adhesions, and higher actomyosin
expression compared to cells that were primed on a soft matrix.
This mechanical memory was dependent on yes-associated
protein (YAP), which was translocated and retained inside the
nucleus when cultured on stiff substrates, and inhibiting YAP
significantly suppressed the memory-dependent migration. This
provides evidence that epithelial cells can have lasting effects
from local tissue stiffening. The mechanical memory effect may
also exist in cells associated with the epithelial cells, e.g., cancer-
associated fibroblasts. Primary fibroblasts isolated from tumors
exerted higher traction force and had higher migration than
fibroblasts from non-cancerous sources (Alcoser et al., 2015).
In 3D collagen matrix, fibroblasts from breast tumors migrated
twice as far as fibroblasts from non-cancerous regions, suggesting
that cancer must be studied as a combined system and studying
only tumor cells may not provide a thorough picture.

As suggested above, recently, a particular interest in the
memory effect of substrate stiffness includes YAP. The results
with in vitro culture can be further supported with the tissue
and in vivo mouse models. It was observed that initiation of
metastatic colonization by organ-specific MDA-MB-231 (which
is brain, bone, and lung metastatic) in capillaries was achieved
via activated YAP (Er et al., 2018). Disseminated MDA-MB-
231 cells used cell adhesion molecule L1 (L1CAM) to spread
on capillaries, thus activating YAP via β3 integrin expression.
The resultant replacement of local pericytes by cancer cells
drove the early metastatic invasion. Similarly, cancer associated
fibroblasts (CAFs) may require YAP mechanotransduction for
formation andmaintenance. In fibroblasts collected from various
stages of cancer progression, feedforward regulation was found
in which YAP regulates cytoskeletal tension and increasing this
tension causes further elevation of YAP (Calvo et al., 2013).
Inhibiting ROCK could prevent this feedforward loop, reversing
the cancer-associated fibroblast phenotype. These mechanisms
may not be limited to interactions between tumor cells and
fibroblasts, but also have been noted in a two-way regulation
in mesenchymal stem cell (MSC) differentiation to CAFs by
factors from mammary cancer cells and CAFs in turn promoting
cancer development. Specifically, soluble factors from cancer cells
caused MSC differentiation to CAFs on stiff surfaces, but this
CAF-forming mechanism was lacking when MSCs were seeded
on soft substrates (Ishihara et al., 2017). It was suggested that
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FIGURE 1 | Benign epithelial MCF-10A have mesenchymal-like gene expression and invasive morphology when grown in a matrix that mimics tumor environments.

Matrigel was used as a control that mimicked the properties of healthy breast tissue and collagen mimicked a cancerous scaffold. (A) E-cadherin was downregulated

and mesenchymal markers vimentin, fibronectin, and snail were upregulated in collagen. *p = 0.01, ***p < 0.0001. (B) Staining of actin, E-cadherin, and

mesenchymal markers with confocal imaging revealed normal acini structures in matrigel and protrusive and invasive structures in collagen. Regions of interest are in

red for matrigel and yellow for collagen with arrows marking notable features. Scale bar is 50µm. Reprinted with permission from Springer Nature (Carey et al., 2017).

MSC promotion of tumors is partially dependent on local tissue
stiffness which acted via YAP and myosin light chain.

Development and maintenance of cancer stem cells
may depend on the physical characteristics of the tumor
microenvironment. Studies have screened substrate stiffness
to determine the condition for the maintenance of cancer
stem cell populations. It was observed that cancer stem cell
marker expressions in MCF-7 and MDA-MB-231 were most
prevalent at substrate stiffness of 5 kPa compared to non-
optimal substrate stiffness of 2, 25, 50, and 70 kPa (Jabbari
et al., 2015). Moreover, growing cells on an unphysiological
stiffness of around 1 kPa, similar to tumor stiffness, caused
tumor-like development compared with cells grown on soft
native mammary tissue stiffness in the range of 150 Pa (Stowers
et al., 2016). In the study, MCF-10A cells grown in soft hydrogel
for 14 days formed healthy acini and exhibited quiescence.
When the gels were stiffened after 14 days to mimic tumor
stiffness, this caused cell proliferation, Ki-67 expression, and

an invasion to the surrounding gels away from the acini.
Examining mechanotransduction inhibitors evidenced that
inhibiting PI3K/Rac1 pathway decreased the size and number
of invasive acini. Similarly, Wei et al. (2015) showed Eph4Ras
and MCF-10A established ductal acini and did not invade the
basement membrane when grown on polyacrylamide gels that
mimicked the natural 150 Pa stiffness of native tissue. However,
when grown on 5.7 kPa gel that mimicked the stiffness of tumor
environments, cells exhibited epithelial-mesenchymal transition
(EMT) causing the invasion of the basement membrane. As
a mechanism, the knockdown of TWIST1 could prevent the
invasion of the basement membrane on stiff gels. TWIST1 was
found to translocate from the cytoplasm to the nucleus on a rigid
matrix for MCF-10A, MCF-10DCIS, Bt-549, and Eph4Ras cells,
and blocking β1 integrin inhibited the invasion and prevented
TWIST1 nuclear translocation.

Going beyond cytoskeletal tension and measures of invasion,
the scaffold stiffness likely influences many other processes
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including microvesicle (MV) release and cell metabolism.
Cancer cell derived MVs may contribute to remodeling of
the surrounding environment, drive remodeling in the local
premetastatic niche, and possibly primes distal sites for invasion.
For example, MVs released from MDA-MB-231 cells activated
fibroblast proliferation, contractility, and spreading in a matrix-
stiffness dependent manner (Schwager et al., 2019). When
MVs were applied to fibroblasts on substrates with the
stiffness of healthy breast tissue, no changes were observed.
However, when MVs were applied to fibroblasts on stiffer
substrates mimicking tumorigenic breast tissue, MVs promoted
spreading, cancer associated fibroblast-like phenotype, and
contraction. In contrast, MVs from benign MCF-10A cells
did not activate the cancer associated fibroblast behaviors on
any substrates.

Besides substrate stiffness and related mechanical signaling
to affect cancer cell behavior, exploring matrix composition and
architecture may also be necessary. It was reported that cell
energetics as measured by the ATP:ADP ratio depended on the
matrix composition and the extent to which the matrix facilitated
migration, e.g., ATP:ADP ratio in MDA-MB-231 was increased
on cell migration impairing denser matrices, but decreased on
migration facilitating matrices composed of aligned collagens
(Zanotelli et al., 2018). The result is relevant for the tradeoff
of leader and follower cells in that the coordinated relay-style
tradeoff can be regulated by the energy state of the leader cells
(Zhang et al., 2019).

For investigating breast cancer metastasis to soft tissues such
as brain, soft matrices are particularly needed. Brain metastatic
MDA-MB-231Br grown on hyaluronic hydrogels with a range
of physiologically relevant, brain-mimicking stiffness displayed
significant increases in spreading, adhesion, proliferation, and
migration with increasing stiffness (Narkhede et al., 2018).
Increased migration speed in particular depended on well-
developed actin cytoskeleton on the stiff matrix. As a related
governing mechanism, blocking focal adhesion kinase (FAK) on
stiff hydrogels suppressed the cell adhesion, proliferation, and
migration responses. Building on these, in a subsequent study,
brain metastatic MDA-MB-231Br and BT-474Br3 cells were
tested for dormancy on gels with varying stiffness (Narkhede
et al., 2020). Brain metastatic breast cancer cells were dormant,
as assessed by lower EdU and Ki67, when seeded on soft (0.4
kPa) hyaluronic acid hydrogel in comparison with the culture
on stiffer (4.5 kPa) gel. FAK was again observed to mediate the
stiffness-dormancy response and FAK inhibition increased the
survival of dormant cells on stiff hydrogels. More model systems
that recapitulate a variety of metastasis sites, both mechanically
and chemically, are required to further study dormancy and
ultimately prevent metastasis from occurring.

Substrate Surface Patterns
Invasion and metastasis of cancer cells are likely dependent
on abnormal adhesion to the surrounding environment. A
better understanding of cell-ECM interaction is required
as current prognostic methods do not completely predict
metastasis. Patterning cells via controlling cell confinement
within predetermined size, shape, and interconnectivity enables

testing of cell morphology dependent fate decision, cytoskeletal
tension, cell-cell interaction, etc. (Poudel et al., 2012). Also, when
cells are seeded on anisotropic or isotropic topography patterns,
cells display contact guided orientation to the anisotropic
direction or functional behavior changes depending on the
scale of the isotropic topography (Lim and Donahue, 2007).
Cells may be characterized based on adhesion properties to
surface patterned ECM proteins. Specifically, adhesion-based
biomarkers in breast cancer cells can be identified by subjecting
cells simultaneously to two ECM protein patterned surfaces
and pulling the surfaces apart (Figure 2) (Kittur et al., 2017).
It was observed that malignant MDA-MB-231 and the organ-
tropic variants TGL/1833, TGL/4175, and TGL/Brm-2a (which
are bone, lung, and brainmetastatic, respectively) tend to transfer
away from basement membrane proteins to collagen type I, while
benign human mammary epithelial cells (hMECs) did not show
such a transfer. If integrins α2 and β1 were inhibited, the transfer
to the secondary ECM pattern was blocked. This adhesion profile
method may provide crucial data for patient specific treatment
depending on cancer cell-ECM interactions. Inspired by this, this
section will discuss the control of breast cancer cells with two
types of substrate patterning, the creation of topographic patterns
in the form of geometric structures that cells may interact with
and chemical patterning for selective culturing of cells within
defined micropatterned regions. Also, examples using related
techniques are included.

Differential response to topographic features is evident
between healthy epithelial cells and malignant cancer cells.
Malignant MCF-7 cells displayed significantly decreased
vascular endothelial growth factor (VEGF) synthesis with
lower proliferation and increased apoptosis when seeded on
poly(lactic-co-glycolic acid) (PLGA) surfaces with 23 nm
topographic features relative to cultures on smooth or
300 or 400 nm topographies (Zhang and Webster, 2012).
On the other hand, benign epithelial cells had increased
proliferation on the 23 nm features compared to the other
surface conditions. This raises the potential of nanoscale
topography for anticancer treatment. The anticancer property
may be further enhanced with functional surface coating (Zhang
andWebster, 2013). Coating the nanoscale features with alginate
further decreased the cancer cell function whereas benign cells
were unaffected. Beyond cell survival, topographic patterning of
microscale features can influence cell migration and cytoskeletal
composition. MDA-MB-231 cells had the greatest migration and
cell speed on the arc pattern compared with grating pattern or
flat control surface (Zhou et al., 2017). The uneven pattern of
the arcs could create uneven vinculin focal adhesion protein
expression within the cell, possibly causing the increased
migration. Taking the topography-induced migration a step
further, Chen et al. (2019) biased the direction of cell migration
with sawtooth nanoscale ridges formed by multiphoton
absorption polymerization. MDA-MB-231 preferentially moved
up the sawtooth formations and the M4 metastatic variant of
the MCF-10A cell line moved in the opposite direction. With
these cases considered, topography could be a powerful tool
for affecting breast cancer cell migration and interrogating the
molecular motility pathways.
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FIGURE 2 | Transhesion assay characterizes cells based on adhesion molecule preference. (A) Schematic for transhesion method. Cells are seeded onto protein 1

and brought into close contact with protein 2. (B) This method is adapted to use a standard petri dish. (C) Cell imaging during transhesion demonstrates cell transfer

from protein 1 (left) to protein 2 (right). (D) Eight orthogonal strips of proteins allows for testing of 64 protein combinations at once. At far right is a heat map with

darker orange indicating preference for top surface and darker blue indicating preference for original bottom surface. Fn, fibronectin; Fg, fibrinogen; C1, collagen 1;

C4, collagen 4; Ln, laminin; Vn, vitronectin; Tn, tenascin C; On, osteopontin. Reprinted with permission from Cell Press (Kittur et al., 2017).

Micropatterning and related techniques can provide
advanced methods for developing co-culture and more robust
tumor models. In addition to sophisticated lithography-based
patterning techniques, making PDMS mold for gradient
microfluidic chips could be used to assess cancer cell migration
(Zhao et al., 2018). In their study, when cells were patterned on
collagen coated plates to measure the migration from the tumor
regions into fibroblast regions, MDA-MB-231 had the greatest

migration and MCF-7 were relatively stationary. Using defined
patterns, cells from tumor regions could later be harvested for
the gene expression analysis. Such microfluidic systems were also
used to quantify cell migration as affected by chemotherapy drugs
or other treatments (Wang et al., 2012). Moving to 3D culture,
microfabrication using stereolithography could encapsulate
MDA-MB-231, MCF-7, and MCF-10A in gelatin methacrylate
to serve as a tumor model (Peela et al., 2016). Using time
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lapse imaging, cells escaping the 3D tumor-like encapsulation
could be quantified and migration tracks compared, in which
MDA-MB-231 showed pronounced invasion to the surrounding
soft matrix. By adding endothelial cells to the 3D patterning
models, the vascular interactions may also be investigated, for
instance, breast cancer cells were patterned with endothelial
fibroblasts in hyaluronic acid and fibronectin gels for the study
of angiogenesis in the tumor model (Dickinson et al., 2012).
The 3D printed nanocomposite matrix can also be used for
breast cancer cell metastasis to the distal site such as bone
(Zhu et al., 2016). In the study, to provide bone-mimicking
niche, hydroxyapatite nanoparticles were suspended in a
hydrogel. When grown with MSCs which can differentiate to
bone-forming cells and deposit bone matrix, the tumor cells
formed spheroids similar to those found when breast cancer
metastasizes to bone. Interestingly, the cancerous cells in the
biomimicking 3D environment displayed higher drug resistance
compared to those grown in a 2D environment, indicating the
need of further investigation of 3D bone-like nanocomposites
for tumoroid studies.

Besides creating model systems, substrate patterning methods
can also be used to interrogate physical properties of cells and
distinguish between benign and malignant cells. For example,
cell micropatterning was used to assess cytoskeletal stress
and arrangement and infer cell state and malignant status
(Figure 3) (Tseng et al., 2011). In their study, benign epithelial
MCF-10A cells were patterned on fibronectin micropatterns
having crossbow, disc, and pacman shapes, and traction force
measurement was combined to reveal cell strains at each
location on the pattern. It was observed all transformative tumor
characteristics were not entirely involved with increased cell
contractility, which result is potentially contradictory to the
current general view. Since tumor cells often have modified
contractile properties, such a system may be useful for assessing
cancer cell progression. Similarly, the deformation of the
nucleus may reveal the status of cancer cells. The nucleus
is physically connected to cytoskeletons via the linker of
nucleoskeleton and cytoskeleton (LINC) complex, e.g., nesprin
and SUN, and may have a direct role in environment sensing
in many cell types (Bouzid et al., 2019). To test the correlation
of LINC and nucleus morphology with metastatic potential,
topographically patterned micropillars were used to culture
MCF-10A, MCF-7, and MDA-MB-231 cells (Matsumoto et al.,
2015). Matching with the trend of highly metastatic cells having
lower cytoskeletal tension, more metastatic cells displayed higher
measures of nuclear deformation associated with significantly
reduced LINC expression. The patterning technique has also
been attempted to test cellular tension-related multinucleation
which is a cancer-related adaptation. Cancer cell fusion is
known to contribute to tumor development with fused cells
having higher drug resistance. The metastatic MDA-MB-231 cell
line formed multinucleated cells within confined patterns, but
the typically stationary MCF-7 cell line did not (Zhu et al.,
2019). Notably, multinucleated cells first formed on the edges
of patterns in higher tension regions and later formed in the
middle of patterned regions, revealing a potential strain-sensitive
process for the multinucleation. Together, cell micropatterning

could be useful for determining cytoskeletal tension and nuclear
properties which regulate tumor development and metastasis.

Additionally, cell micropatterning has been utilized to
examine dynamic cancer cell processes including migration. A
two-state micropatterning with two large rectangular regions
connected by a narrow bridge was developed to determine
the heterogeneity in migration for established cancer cell lines
(Brückner et al., 2020). The migration of MDA-MB-231 cells
seeded on one side of the pattern and crossing the small
bridge to the second region was recorded and assessed with
statistical analysis to reveal potential subpopulations with distinct
mechanical and migration capabilities. In a study by Tse et al.
(2012), micropatterned cancer cells produced migration leader
cells at sharp corners of the pattern in uncompressed controls.
When adding the mechanical signal of compression to these
patterns, the cells at the pattern boundary were likely to become
leader cells. Again suspecting the role of cellular tension in
this process, ROCK or MLCK inhibition blocked actomyosin
remodeling and diminished the overall migration but did not
stop the formation of leader cells.

Studying migration behavior in a patterned environment with
physical constriction found the physical constraints to be an
important factor in breast cancer migration speed. MCF-7 cells
in narrow channels with high constriction migrated faster than
those in wider channels, while benign cells (L929, HEK-293)
did not migrate faster in confinement but migrated faster in
less confined patterns (Yang et al., 2016). These changes were
influenced by altered cell stiffness, e.g., cells in the patterns
had elevated stiffness as measured by AFM compared to those
growing freely without pattern. This system may thus reveal
cell behavior relevant to metastasis in narrow capillaries or
microchannels. In combination with the topography control of
breast cancer cell migration (Zhou et al., 2017) described above,
micropatterning and topographical features could provide tools
for mechanotyping dynamic aspects of breast cancer cells such as
migration and thus determining their metastatic potential.

2D vs. 3D Cultures
Although 2D models provide crucial data on cancer behavior,
distinct oncogenic advantages are clear in even simple 3D
cultures. We here highlight a few important implications of 2D
and 3D cultures being used for breast cancer cell studies and
based on that will further motivate the use of 3D culture systems.
For a more detailed discussion of a variety of 3Dmodels of breast
cancer cells and tissues, see the review by Clegg et al. (2020)
published in the journal of Front Cell Dev Biol.

Growing triple negative MDA-MB-231 in a 3D poly(ε-
caprolactone) scaffold that mimics breast tumor induced notable
gene activation associated with cancer invasion and motility
compared to those grown on conventional 2D surfaces (Figure 4)
(Balachander et al., 2015). This includes changes in invasive
membrane structures (blebbing, lamellipodia) and genes related
to cancer stemness (Notch1, Oct3), inflammation (NK-κB,
TNF, IL8), and cell-cell and cell-matrix adhesion (integrin,
MAPK, LINC, FAK, etc.). Moreover, preconditioning in a
3D tumor-like environment had lasting effects on cells as
observed in the tumorigenicity mouse model, e.g., cells from
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FIGURE 3 | Patterning may be used to investigate cytoskeletal structures and cell traction force profile for mechanotyping. (A) Representative images with staining for

F-actin and fibronectin reveal cytoskeletal organization. (B) Beads embedded in the substrate beneath the patterned surfaces can be used to determine displacement

fields for traction measurements. Using this method the traction force field can be determined for (C) individual cells and (D) averaged for the pattern. This method

provides high resolution data on cell traction forces which may be used to estimate invasive capabilities. Scale bar is 10µm. Reprinted with permission from The Royal

Society of Chemistry (Tseng et al., 2011).

3D culture developed larger tumors in the mammary fat
pad with local invasion and more metastasis to the lungs.
Further understanding these processes could lead to better 3D
scaffold designs for cancer detection and treatment. Further
implementing realistic features to such models, the addition of a
basement membrane and surrounding collagen ECMmatrix into
the 3Dmodel allowed interrogation of the initiation of metastasis
and basement membrane breaching (Guzman et al., 2017). In this
setup, the basement membrane contained benignMCF-10A cells,
while the oncogenically transformed MCF-10A-HRas invaded
through the basement membrane endothelial layer and colonized

the surrounding collagen matrix. In addition, 3D scaffolds
designed to capture metastatic cells could decrease tumor burden
at typical metastatic sites and alter the primary tumor milieu
(Rao et al., 2016), e.g., poly(ε-caprolactone) scaffolds implanted
in mice significantly reduced tumor progression in the liver and
brain. Such 3D scaffolds may also serve as a diagnostic tool for
monitoring the capture of metastatic cells, and cells captured in
this manner may be further analyzed for patient-specific therapy.
Adding another dimension of complexity, implanted scaffolds
also modified the immune reaction in the primary tumor
environment causing an invasion-suppressing profile (Aguado
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FIGURE 4 | Growing cells in 3D scaffold that mimics breast tumor induced tumor spheroid formation. (A) Fluorescent imaging revealed that MDA-MB-231 on 2D

tissue culture plastic (TCPS) failed to mimic the in vivo environment compared to scaffolds at (B) day 7 and (C) day 14. Staining for actin (red) and nucleus (green).

Scale bars are 50µm. (D–F) are the corresponding SEM images showing detailed cell interaction and tumor formation. Intercellular contacts are noted by yellow

arrows and tumor spheroid are noted by red arrows. Reprinted with permission from American Chemical Society (Balachander et al., 2015).

et al., 2018). Based on these data, further targeting 3D scaffold
design for the control of oncogenesis and potential treatment and
monitoring strategies will greatly benefit the field.

Developing 3D model systems and methods to study cancer
metastasis will greatly enhance understanding of cancer disease
progression, dormancy, and anti-metastatic drugs. To better
mimic human bone environment as a breast cancer metastasis
site, a tissue engineering approach was utilized tomake nanoclay-
based bone model (Kar et al., 2019). MSCs grown in a nanoclay
matrix for a month could develop a bone-like tissue, and the
construct was then seeded with MCF-7 and MDA-MB-231. This
enabled investigations of 3D tumor spheroid formation, cell-
cell and cell-matrix interactions, and metastasis potential. Taking
the perspective of tumors as interconnected organ systems,
further work is clearly required to develop model tumor systems
that provide realistic cell-cell interactions and recapitulate the
response of multiple cell types to mechanical signals (Bregenzer
et al., 2019). For example, one study recapitulated 3D blood
vessels with a parallel epithelial-lined lumen to investigate the
epithelial-endothelial migration in breast cancer (Devadas et al.,
2019). This is of significance since the endothelial-epithelial
interactions are not well-understood yet for 3D environments.
Moreover, the 3D environment is particularly important for
endothelial culture since 2D monolayers of endothelial cells
may behave differently than 3D lumens as measured by pro-
angiogenic secretory factors (Jiménez-Torres et al., 2019). In
comparison, attempting this work in less biomimetic 2D
environments has relied on transwell inserts which lack the
physiological 3D lumen structures and fluid flow stimulus.

In addition to modifying cellular crosstalk, the mechanical
environment further affects cellular processes such as
chromosome segregation. It was observed that fewer segregation

defects occur in 3D epithelia culture compared to the segregation
in 2D culture conditions (Knouse et al., 2018). In another study
exploring the interaction of Ras oncogene with environmental
stiffness in benign MCF-10A, Ras promoted cell rounding
during mitosis even under confinement conditions, which then
prevented chromosome segregation errors (Matthews et al.,
2020). The forces generated by cells in this case were proposed
to be different in 2D vs. 3D, with cell division in 2D resulting
in selective loss of cell adhesion to the substrate whereas cell
division in 3D may generate forces in all directions.

Taking these microenvironment-dependent cell changes one
step further, the epigenetic profile could be sensitive to
dimensional and stiffness effects. Stiff 2D culture environments
may cause loss of tissue function due to changes in chromatin.
In a 3D culture model, stiff ECM induced tumorigenic features
in mammary epithelial cells with increased lamina-associated
chromatin with more accessible chromatin; a soft ECM in the
range of the natural in vivo environment caused in vivo like
chromatin profiles (Stowers et al., 2019). Tying in topographic
patterning, simply imprinting cell membrane shapes in culture
surfaces drastically altered apoptosis and susceptibility to breast
cancer drug treatment (Shahriyari et al., 2020). Although 2D
cultures have been used a lot for breast cancer work, all of
these data from 3D culture setups demonstrate that the culture
dimensionality together with the mechanical microenvironment
likely affect a variety of cancer cellular processes. Further
motivating the move to 3D culture environments, proper
functioning of cellular processes in a more physiological way
can be achieved which are inhibited in 2D in many cases. Some
representative concepts/findings of the microenvironmental
(stiffness, patterning, 2D vs. 3D) control of breast cancer cells are
shown in Table 1.
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EFFECTS OF MECHANICAL LOADING
MILIEUS

Mechanical Stretch
Among various mechanical loading situations to which breast
cancer cells could be exposed in vivo, mechanical stretch has
been relatively less investigated. Recently, response of breast
cancer cells to mechanical stretching was suggested as a marker
to distinguish between cancerous and benign cells (Yadav
et al., 2019). Under cyclic stretching of 1.4% strain at 0.01Hz
frequency, cancerous MDA-MB-231 cells displayed in the initial
stretching cycle decreased roundness, increased cell length, and
actin cytoskeletal rearrangement perpendicular to the axis of
stretching; in the later stretch cycles they showed apoptosis
potentially due to increased cellular rigidity. These changes by
stretch were specific only for MDA-MB-231 but not for non-
cancerous cells, indicating that mechanical stretch can be utilized
for identifying their metastatic potential.

Cytoskeletal integrity and rearrangement are crucial for
cancer cell adhesion and invasion processes. It was found
that stretched MDA-MB-231 cancerous cells showed many
fold increase in invadopodia, the actin-rich protrusion of
the plasma membrane associated with the cancer invasiveness
(Ansaryan et al., 2019). Further, the activation of aerobic
glycolysis and altered membrane voltage, both indicative of
cancer progression, were observed in all breast cancer cell
lines tested under stretch, indicating that stretch cue may
significantly influence even benign epithelial cells to a cancer-
like phenotype.

Tensile stretching may activate motility pathways in multiple
subtypes of breast cancer. When MCF-7, MDA-MB-231, and
4T1.2 cells were subjected to uniaxial cyclic strain for 48 h at 10%
and 0.3Hz or to a constant 10% static stretch, both oscillatory
and static stretches increased cell proliferation and subsequent
transmigration for all three breast cancer cell lines compared with
unstretched control (Wang et al., 2020). Typically, MCF-7 and
4T1.2 had substantially larger transmigration in the oscillatory
stretch condition. The stretch alteration of cancer cell motility
can further be assessed with the invasion assay on endothelial
layers, which is utilized to classify breast cancer cell response into
distinct behavior categories: apoptosis, adherence to endothelial
layer, diffusion through the layer, retraction of endothelial cells,
and tearing of the endothelial cells (in the order of increasing
invasiveness). In assays evaluating the effect of mechanical stretch
on such invasion test (Figure 5) (Ansaryan et al., 2019), the
most invasive line tested, MDA-MB-231, caused retraction in
the control condition but physically damaged the endothelial
cells by tearing the cell membranes in the stretched group.
Also, benign MCF-10A, which underwent apoptosis in the static
control condition, could diffuse through the endothelial layer
after stretch. Similarly, non-invasive malignant MCF-7 adhered
to the endothelial layer in the static control but caused retraction
of the layer after stretch. Thus, all three cell lines, either benign
or cancerous, displayed increased invasiveness when exposed to
stretch. The invasion and anticancer drug resistance of MCF-
10A, MCF-7, and MDA-MB-231 were also elevated in response
to static stretch at 15% for 12 h.

This stretch-induced invasive phenotype persists for long
periods even when injected into a mouse model. Cyclic stretch
conditioned 4T1.2 cells transferred to BALB/c mice created
significantly larger tumors than unstretched cells (Wang et al.,
2020). The stretch conditioned cells also modified the local
immune environment via exosome signaling which suppressed
anti-tumorigenic immune response. Stretch conditioned cells
had significant lasting immune modulation and tumor growth
after 10 days, demonstrating that stretch conditioning had lasting
effects which persisted when transferred in vivo.

To date, mechanical stretch studies on breast cancer have
mostly focused on breast cancer progression. As another
perspective, Berrueta et al. (2016) demonstrated that local
stretching of tissue in vivo can reduce inflammation, fibrosis,
and tumor volume. Mice implanted with breast cancer were
subjected to 10min of stretching from forelimb to tail daily,
and this resulted in 52% smaller tumor volume compared with
unstretched control mice. Some evidence of restoration of T-cell
adaptive immunity against the tumor was also found with more
abundant lymphocytes in the stretch group. Cytokine mediators
of inflammation and cytotoxic immunity were upregulated in the
stretched group, revealing a potential mechanism for the stretch-
based tumor regulation. This study provides further evidence
that factors in the tumor environment and surrounding cells
react to mechanical signals in varied and nuanced ways, which
may then be utilized in cancer treatments (Berrueta et al., 2018).
Complex interventions such as stretching of in vivo tissue and
model tissues should be continued to better understand and
then resolve the mechanisms of cancer suppression and possible
strain-based interventions.

Compression
The nuanced effects of solid stress on tumor cell progression
are poorly understood. Solid stress results from tumors growing
in confined tissue environments: the cells increasing in number
within the tumor experience compression and the surrounding
tissue is remodeled with changes in blood and lymph vessels
(Stylianopoulos et al., 2013). Pathological remodeling is also
found in the ECM, as is related to ECM stiffening via collagen
densification in compressive environments. This in turn affects
viscoelastic relaxation, plastic deformation, and interstitial flows
in the compressive tumor microenvironment (Ferruzzi et al.,
2019). As tumors develop, its interior becomes hypo-vascular
and continued cell proliferation causes vascular compression
in the periphery. This tends to reduce the efficiency of drug
delivery, thus the strategies to alleviate internal tumor stress and
reduce cell proliferation may restore efficient drug delivery to the
tumor interior (Mpekris et al., 2015). Stress resultant changes in
hydrostatic pressure, interstitial flow, and chemical environment
all interact to drive or inhibit the cancer progression. In a 3D
MDA-MB-231 hydrostatic model (Tien et al., 2012), pressure
on one side of an aggregate inhibited tumor outgrowth from
the opposite side. When no pressure gradient was applied, the
cells invaded the surrounding collagen matrix, extending tens of
micrometers from the original tumoroid. The pressure caused
interstitial flow in the aggregate which altered the local chemical
microenvironment and resulted in inhibited cell outgrowth. This
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FIGURE 5 | Tensile stretch caused escalation of invasiveness for benign MCF-10A and malignant MCF-7 and MDA-MB-231. (A) Timelapse imaging was used to

track cell interaction behaviors over time. Behaviors of interest are marked with arrows. (B) This table summarizes the behavior of the cell lines in the static

unstretched group and after stretch. Representative images of (C) adherence, (D) diffusion, (E) retraction, and (F) tearing invasive behaviors. Actin is stained in green

for breast and endothelial cells, cancer cells also stained with Dil. Scale bar is 25µm. (G) The number of invasive cells per field greatly increased with stretch.

*p < 0.05, **p < 0.01. (H) Dense invadopodia tore the endothelial cells. Reprinted with permission from Wiley (Ansaryan et al., 2019).

in particular underlines how mechanical stress signals, the local
ECM environment, and chemical factors can be interconnected
in tumor outgrowth.

Compressive stress can alter cell adhesion to increase adhesive
properties and promote invasive phenotypes. For example,
in a test using 5.8 mmHg compressive pressure, compressed
cancer cells exhibited actin and microtubule realignment with
the cell sheets producing distinct leader cells at the periphery
to guide the migration activity, and thus displayed persistent
and directed migration motion compared with non-compressed
control (Figure 6) (Tse et al., 2012). Such changes were only
observed for invasive 67NR cells but not for benign epithelial
MCF-10A or non-invasive MCF-7. In another study, MDA-MB-
468 compressed by 15 mmHg pressure increased adhesion by
25% (Downey et al., 2006). Also, compression of MDA-MB-231
at 50% strain (0.05–0.25 kPa) for 3 h in agarose gels increased
cell-ECM adhesion and migration while downregulating genes
involved in ECM degradation (Demou, 2010). As a potential

mechanism, compression of MDA-MB-231 was shown to
induce the overexpression of integrin genes with increased
expression of PTEN that is found at the leading edge of
cell migration. In addition, platelet endothelial cell adhesion
molecule-1 (PECAM-1) was downregulated and CD44, typically
associated with the central nervous system, was significantly
upregulated, revealing potential priming for specific metastasis
sites such as brain. Combined, compression could transition
tumor cells to a more invasive phenotype as measured by
migration and gene expression with potential priming for specific
distal metastasis sites.

Besides compression from increased tumor solid stress,
invasion through ECM, intravasation, and extravasation also
induce unique compressive strains via constrictions onmigrating
cells. In a study testing MCF-10A, MDA-MB-436, and MDA-
MB-231 cell migration through narrow constriction using
microfluidics and combined chemotaxing with epidermal growth
factor (EGF) gradient, counterintuitively, it was evidenced even
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FIGURE 6 | Compression caused enhanced invasion properties and formed more leader cells. In uncompressed controls, the pattern shape (A) circle, (C) rosette,

(F) and square controlled leader cell formation. Scale bar is 100µm. Compression greatly increased leader cell formation on the patterns with increased (B) speed in

the circular pattern. (D) Migration speed of tip cells is greater than edge cells. (E) Migration speed is greater for compressed cells. (G) The square pattern shape

change can be assessed with the shape index which significantly changed under compression. *p < 0.005, **p < 0.05. Solid arrow marks edge cells and hollow

arrow marks tip cells. Reprinted with permission from National Academy of Sciences (Tse et al., 2012).

benign MCF-10A cells may have a natural propensity to migrate
through constrictions (Ficorella et al., 2019). The mesenchymal-
like MDA-MB-231 used blebs to pass through the constriction,
whereas the MCF-10A primarily used lamellipodia with some
blebbing. The less aggressive metastatic MDA-MB-468 did
not adapt or optimize for passage through the constriction,
resulting in low migration through the passage. These results
may need to be interpreted considering the dimensionality and
mechanical properties of the local environment. Mesenchymal
migration strategies have been observed in 2D migration, while
in 3D environments with constrained channels the cytoskeletal
adaptation may reduce the dependence on focal adhesions. It
was observed that MDA-MB-231 migration was reduced by β1
integrin inhibition on 2D substrate but not affected in 3D (Balzer
et al., 2012). The directedmigration in 3D confined environments
relied more on microtubule polymerization but less on actin
polymerization as is dominant in 2D. Understanding migration
strategies in compressive constriction situations may be key to

developing anti-metastatic treatments to block invasion through
the ECM and intravasation.

How compression contributes to cancer cell survival and
progression is largely unknown. Compression may contribute
to tumor cell survival in the hypoxic conditions by activating
glycolysis genes and adapting cell metabolism and microRNA
(miRNA). It was observed that metabolic, EMT-related, and
angiogenesis genes were all upregulated in compressed patient-
derived cancer-associated fibroblasts compared to the static
control (Kim et al., 2019). In vitro compression models
also found upregulated glycolysis genes in MDA-MB-231 and
migration-related genes in SK-BR-3 cells. In a study using a
3D agarose scaffold-alginate bead model, compression enhanced
tumor phenotype in MDA-MB-231 and BT-474 cells and VEGF
expression in the breast cancer cells and associated fibroblasts
(Kim et al., 2017). This may act through the compression
regulation of miR-9 which can regulate lamin and integrin
and is known to be downregulated in advanced breast cancer.

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 13 January 2021 | Volume 8 | Article 608526288

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


Riehl et al. Mechanical Control of Breast Cancer

FIGURE 7 | Loading magnitude regulates tumor destruction of bone via osteocyte signaling. Low levels of compressive loading of bone in vivo and of osteocyte shear

in vitro caused suppression of cancer migration. Higher compressive loading of bone and shear of osteocytes caused activation of breast cancer migration by

upregulating Src and snail. Adapted with permission from Springer Nature (Fan et al., 2020).

The expression of miR-9 was decreased in MDA-MB-231 and
BT-474 breast cancer cells and cancer-associated fibroblasts
but not in low metastatic MCF-7 or SK-BR-3, highlighting
potential differences in miRNA among breast cancer subtypes.
In another study, MDA-MB-231 cells had the largest response
to compression which downregulated miRNAs associated with
tumor suppression genes such as apoptosis, adhesion, and cycle
arrest, whereas MCF-7 and BT-474 cells had lower response
(Kim et al., 2016). Such interrogation may reveal miRNA targets
for disrupting breast cancer and cancer associated fibroblast
communication via paracrine signaling. Together, compression
could regulate miRNA expression critical for tumor development
and suppression, and therapeutics based on inhibition of tumor
miRNA or enhancement of suppressive miRNA would provide
targeted cancer treatments.

Inducing necrosis over apoptosis in cancer cells encourages
immune cell recruitment. In addition to above-mentioned effects,
compression was also tested for tumor cell necrosis. It was
observed that necrosis was induced in BT-474 andMDA-MB-231
by compression in a force and time-dependent manner (Takao
et al., 2019). Dynamic compression in the range of about 10
kPa could induce cell death dominated by necrosis; dynamic
compression to cause this effect was with lessmagnitude than that
required in static compression.

Similar to the initial tumor progression, the mechanical forces
in distal metastasis sites can also guide cancer cell behavior. At
the primary tumor site, cancer-associated fibroblasts contribute
to tumor response and release cytokines upon stimulation.
Fibroblasts interact with both the chemical and mechanical
environments, providing additional mechanical cues and filtering
of mechanical signals to the tumor (Bregenzer et al., 2019). In
distal metastasis sites, this role is filled by other cells which
interact with the metastasized cells. In one study, compressive
loading of the bone in the mice that received intratibial MDA-
MB-231 injection inhibited the tumor growth and prevented

osteolysis associated with tumors (Lynch et al., 2013). This
effect may act through the decrease of Runx2 in the loading
group which is expressed by tumor cells and has an effect in
both osteoclast and osteoblast regulation. In the absence of
loading, the tumors continued to grow and osteolytic activity
was increased producing a completely degraded tibia. Regulation
of tumor development by compression may depend on the
loading magnitude. For the tibia loading applied to mice injected
with EO771 and 4T1.2 tumor cells, loading with 1N reduced
or prevented bone destruction from tumor activity, while 5N
induced osteolysis with significant bone loss and microcracks
(Figure 7) (Fan et al., 2020). In parallel, if osteocyte-derived
conditioned medium and fluid flow-treated medium were given
to breast cancer cells at 0.25 or 1 Pa shear stress, both media
under lower shear stress resulted in mesenchymal-to-epithelial
transition (MET) while flow-conditioned medium at high shear
triggered epithelial-to-mesenchymal transition (EMT).

Fluid Shear
Study of cell migration directed by fluid flow-induced shear is of
significance for understanding how cells migrate out of tumors
with the interstitial flow environment and for understanding
how cells respond in active distal migration environments in
the vascular, lymph, and metastatic sites. The direction of tumor
cell migration is dependent on environmental factors including
dimensionality, matrix material, cell density, flow velocity,
and cell receptor activity, and MDA-MB-231 cells showed
heterogeneous responses to microfluidic flows depending on the
environmental parameters (Polacheck et al., 2011). In another
study, fluid shear as a whole increased breast cancer cell motility
in a 3D environment but again did so in a heterogeneous
manner, so that simple averages of cell behavior might not
reveal an accurate picture of migration (Haessler et al., 2012).
Targeting higher shear flows as may be found in vessels, our
group demonstrated that cells with higher metastatic potential
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FIGURE 8 | Group migration trends as assessed by root mean square (RMS)

displacement reveal that intrinsic metastatic potential and fluid shear activation

combine to increase breast cancer cell migration. Benign MCF-10A cells had

low migration capabilities in both the 15 dyne/cm2 fluid flow (FF15) and static

group. The less aggressive MDA-MB-468 cell line had almost no effect from

fluid shear stimulation. Contrasting this, the aggressive MDA-MB-231 had

higher migration in the static group and the migration capability was greatly

increased by fluid shear stimulation. Reprinted with permission from American

Society of Mechanical Engineers (Riehl et al., 2020).

display greater sensitivity in migration to fluid shear (as assessed
by root mean square, RMS, displacement of all participating
cell migrations as a holistic measure, Figure 8) (Riehl et al.,
2020).With a parallel plate flow chamber producing 15 dyne/cm2

shear stress, we observed that flow caused highly metastatic
MDA-MB-231 cell migration along the flow direction with
higher displacement, greater speed, and less pausing. In contrast,
less metastatic MDA-MB-468 was less responsive to flow and
benign MCF-10A had the lowest migration potential under
shear. Combined, these studies highlight how cells may have
heterogeneous responses inmigration under flow, which requires
investigation in a range of flow environments simulating tumor
or distal metastasis sites and for various breast cancer cell types.

In terms of potential mechanistic sensors to regulate
migration under flow, for MDA-MB-231, interstitial flow-
induced directional migration was blocked when CCR7 was
inhibited (Polacheck et al., 2011). Also, FAK was activated
specifically in cells that migrated against the flow direction
and blocking Src kinase reduced migration against the flow. In
another study targeting interstitial flow as present in tumors,
it was found cells were polarized for migration through β1
integrin (Polacheck et al., 2014). Cell adaptation via paxillin focal
adhesion anchor protein also had a key role in this process,
producing biased migration in the flow direction, e.g., when
paxillin was inhibited, MDA-MB-231 cells no longer migrated
against the flow and instead moved with the flow. The details
of integrin and related focal adhesion protein regulation under
flow are still undetermined. It was recently proposed as part of the
remodeling and adaptation response, integrin and focal adhesion
components are trafficked by endocytosis (Tang et al., 2020).
Fluid shear stress activated focal adhesion turnover inMDA-MB-
231 by endocytosis, and β1 integrin was internalized and recycled

back onto the cell surface during migration. This process was
observed to be increased by shear flow stimulation.

Microfluidic platforms can provide an easily customizable
solution for simulating tumor environments, for example, the
microfluidic parallel lumen device targeting endothelial and
epithelial co-culture as described above (Devadas et al., 2019).
Devices may further be customized for each segment of the
metastatic process. In a study by Chen et al. (2013), a 3D
microvascular network was grown in a microfluidic platform
to study cancer cell extravasation across endothelial cells and
out of the lumen under shear stresses of 0.012–0.48 Pa relevant
to those in venular microvessels. The transmigration rates were
correlated with known metastatic potential with MDA-MB-231
having a rate of 13% and MCF-10A with only 5%. Revealing the
mechanical aspect of transmigration, cells that were mechanically
trapped or constricted had a transmigration rate of 48%
compared to 10% for non-constricted cells. Understanding how
flow in the blood, cell-cell interactions, and constrictions work
together to influence the metastatic cascade could reveal new
treatment targets. Cognart et al. (2020) tested with microfluidics
epithelial-like and mesenchymal-like cells in their responses
to the constriction in a flow. Constrictions in the flow could
reveal the viscoelastic behavior of the cells tested: MDA-
MB-231 demonstrated more plastic behavior evident in faster
times for passing through subsequent constrictions after the
first constriction, while this memory was less pronounced in
epithelial-like SK-BR-3 cells. This work demonstrated changes in
cancer cells generated by the mechanical stimuli that arise from
circulatory conditions including constriction.

Flow causes a multitude of changes in cancer cell survival
closely related to EMT including the development of stem cell-
like properties. Although considered to be distinct, both EMT
and stemness equip cells tomigrate and survive andmay combine
to create migrating cancer stem cells. The flow shear may
promote the EMT process and render cancer cells to be more
aggressive by activating embryonic-like stem properties through
the deactivation of extracellular signal-regulated kinase (ERK)
and GSK3β (Choi et al., 2019). In a 3D flow bioreactor, shear
stress significantly increased the area of MDA-MB-231, MDA-
MB-468, and MCF-7 cells while decreasing roundness, which
may be associated with higher propensity to metastasize (Novak
et al., 2019). Tumor cells in the blood vessels, or circulating
tumor cells (CTCs), are in a suspension state exposed to blood
flows. It was found that cell suspension significantly increased
the adhesion ability of MDA-MB-231 to the endothelium via
forming stress fibers and focal adhesions with β1 integrin (Zhang
and Lv, 2017). When suspended cells are injected to a mouse
model, they showed significant increase in the metastasis to the
lungs with more than double the mass in the lungs compared
with cells that were grown in an adhesive environment (Figure 9)
(Zhang et al., 2018). The survival of the suspended cancer cells
was found to decrease with increasing shear level over time
for MDA-MB-231, MDA-MB-468, and MCF-7 cells (Xin et al.,
2019). Cells that survive these conditions were proposed to be
responsible for generating metastatic tumors. These cells had
unique morphology when replated, displayed lower stiffness,
and were proposed to be a hybrid of epithelial/mesenchymal
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FIGURE 9 | Suspension of cancer cells, as may be experienced in vascular

migration, decreased volume of primary tumor but greatly enhanced lung

metastasis. (A) The experimental timeline for 1: metastasis study for cell

injected in the tail vein and 2: primary tumor from cells injected to the

mammary fat pad. Suspension decreased the primary tumor (B) volume and

(C) mass. Scale bar is 1 cm. (D) Representative lung images after 28 days

reveal that suspension of cancer cells greatly increased metastasis as evident

in the (E) number of metastasis and (F) mass. (G) Larger regions of

metastasized cells in the suspension group is evident in H-E staining of the

lungs. Scale bar is 50µm. *p < 0.05, ***p < 0.001 Reprinted with permission

from Ivyspring International Publisher (Zhang et al., 2018).

phenotype. Inhibiting actomyosin blocked flow-induced cell
death, whereas activating actomyosin decreased cell survival.
Moreover, cells with altered mechanical properties that survived
shear in suspension were chemoresistant to the chemotherapy
drug, fluorouracil, suggesting a connection between drug
resistance and flow mechanotransduction. With more evidences
that show flow shear may result in chemoresistance, e.g., to
paclitaxel (Novak et al., 2019) and doxorubicin (Triantafillu et al.,
2019), more holistic testing may be required to add mechanical
signals such as flow to the current 2Dmonolayer high throughput
screening test.

Flow mechanotransduction is altered in cancer cells and
potentially also regulates cell metabolism. Fluid flow in 3D

interstitial flow environment caused increased activity of AMP-
activated protein kinase (AMPK), with MDA-MB-231 being
more sensitive than MCF-10A (Steele et al., 2019). AMPK is
recognized as a tumor suppressor and is activated when cell
energy is low as based on ratios of ATP and other metabolic
molecules. The AMPK activation data in cancer have led to the
hypothesis that the AMPK effect can be location-dependent, e.g.,
flow caused AMPK activation localized to mitochondria and
inhibiting FAK and Src removed this effect. Further providing
evidence on the location dependent AMPK response in MDA-
MB-231 to fluid shear was reported including plasma membrane,
cytosol, nucleus, mitochondria, and Golgi apparatus (Guo et al.,
2020). It was also observed that myosin II, a contractile protein,
was required for mitochondrial AMPK mechanotransduction
under flow and fluid shear-induced cell migration.

The research has largely concentrated on tumor cells and their
response to mechanical signals. For a more holistic measure, the
role of surrounding cells and other cell phenotype transitions
may need to be considered. Cancer associated fibroblasts may
be generated through the endothelial to mesenchymal transition
(EndMT). Human umbilical vein endothelial cells (HUVEC)
underwent EndMT dependent on the stiffness of 3D collagen
matrix and glycosaminoglycan (GAG) concentration, which
process was accelerated by low levels of shear flow (Mina et al.,
2017). GAGs are important components of glycocalyx shear
sensing which may be activated in both endothelial cells and
cancer (Tarbell and Cancel, 2016). It was shown that shear stress
activated GAG cell surface receptors and GAG synthesis while
decreasing breast cancer spheroid size. As a result, shear stress
significantly activated the interaction of endothelial and breast
cancer cells, thus increasing cancer cell migration rate, traveled
distance, and proliferation. In this model, the mechanically active
tumor environment activated endothelial EndMT, which further
promoted cancer cell growth and metastasis.

Endothelial cell surface receptors can also be activated by
the shear flow environment. Such activation enables endothelial
remodeling and also may be used by cancer cells for attachment
and migration. Shear flow in the range of that experienced in a
medium-sized vessel increased the attachment of MDA-MB-231
to HUVEC (Gomes et al., 2003). Simulating the inflammation
in a tumor environment, TNF-α treatment of a microvessel
network also caused HUVEC layer permeability resulting in
a 2.3-fold increase of cancer transmigration rate (Chen et al.,
2013). In addition to factors like TNF-α, migrating cancer cells
in vasculature can interact with E-selectin on endothelial cell
surface and soluble E-selectin shed in shear environments (Kang
et al., 2016). Soluble E-selectin promoted the migration and
adhesion under fluid shear for MDA-MB-231 and MDA-MB-
468 cells both of which are CD44+/high. In contrast, CD44−/low

cells, MCF-7 and T-47D, had negligible response to shear related
adhesion in the presence of soluble E-selectin. Enhancement of
CD44+/high adhesion activated by E-selectin was abolished with
FAK inhibition. Furthermore, adhesion of MDA-MB-231 treated
with E-selectin caused permeabilization of the endothelium
which could aid migration out of the vasculature. These effects
were demonstrated in a mouse model when tumor cell homing
to lungs was increased 2.5-fold when treated with E-selectin. To
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prevent such a process from occurring, an E-selectin targeted
aptamer (ESTA)may be developed. An ESTAwas found to inhibit
shear related adhesion of MDA-MB-231 and MDA-MB-468 to
endothelial cells, and the results were confirmed with in vivo
ESTA injection resulting in a 92% reduction in metastasis of
4T1 breast cancer cells (Kang et al., 2015). A continued study of
endothelial activation, receptor profiles, and fluid shear response
will be required to understand multiple aspects of the metastatic
cascade. Table 2 shows some representative concepts/findings
of the mechanical loading milieus (stretch, compression, fluid
shear) control of breast cancer cells.

POTENTIAL MECHANOTRANSDUCTION
MECHANISMS

Studies on environmental cues and mechanical loading signals
have proposed mechanotransduction pathways involved in
numerous aspects of themetastatic cascades of breast cancer cells.
Identified pathways will be useful for suggesting treatment targets
and also be used as diagnostic markers. Mechanotransduction
elements and pathways have been described throughout this
review. Some of the key pathways of breast cancer cell
progression will be further highlighted in this section.

Starting at the cell periphery, plasma membrane proteins,
glycocalyx or pericellular matrix, cell-ECM adhesion, and
cell-cell junctions all have roles in cancer adaptations. ECM
connections via transmembrane integrins are integrated into
the cell at focal adhesions, which have complexes of physical
anchoring proteins that can also be involved inmechanosignaling
pathways. Elements associated with focal adhesion signaling
and downstreams include FAK, vinculin, paxillin, talin, Src,
PI3K, ERK, etc. Focal adhesion mechanotransduction is
implicated in many processes involving strain sensing as was
found in stretch or flow conditions. Each of these elements
interacts with numerous pathways and connect with other
mechanotransduction subsystems. For example, the focal
adhesion protein talin connects integrins to F-actin, allowing
force transmission and adaptation throughout the cell. Talin
can be overexpressed in breast cancers and blocking talin
could inhibit cancer invasion and migration (Wen et al., 2019).
The talin-vinculin-actin filament linkage can transduce forces
inside the cells and as a result regulate cancer metabolism.
It was shown that through this focal adhesion linkage the
mechanical signals activate the PI3K/Akt/mTor pathway
causing oncogenic adaptation in cell metabolism and apoptosis
resistance (Rubashkin et al., 2014). Further highlighting the
interconnection of mechanotransduction pathways, PI3K
also participates in the Rac1-JNK pathway which regulates
cell motility and cytoskeletal adaptation (Carey et al., 2017).
In addition to the results presented in previous sections
including integrins, FAK, etc., clearly, focal adhesion-based
mechanotransduction adapts to the mechanical environment,
providing direct force transmission routes to other elements
and further triggering cell processes involved in cytoskeletal
adaptation, migration, and even metabolism and apoptosis.

Moving inwards, the cytoskeletons and associated regulators
of cytoskeletal turnover and tension can mediate cell migration
and adaptation processes. Of particular interests are Rac1 and
RhoA which have opposing effects and locations in polarized
migrating cells. Rac1 and RhoA are coordinated in breast
cancer cell migration, so that Rac1 causes actin assembly at
the leading edge of the cell migration and RhoA regulates cell
contractility with more localized at the trailing edge (Byrne
et al., 2016). In another view, migration driven by Rac1 has
been reported to be mesenchymal in nature, whereas migration
dependent on RhoA/ROCK is more amoeboid in nature and
suited for migration through less dense matrices such as collagen.
Targeting both Rac1 and RhoA/ROCK pathways may therefore
be an effective strategy for preventing tumor cell invasion and
metastasis (Jones et al., 2017).

Prevention of metastasis to bone targeting RhoA/ROCK
pathway has been investigated considering Rho/ROCK has
aberrant expression in breast tumors. Inhibiting ROCK
decreased cell proliferation and metastasis to bone both in
vitro and in vivo mouse model (Liu et al., 2009). Induced
overexpression of ROCK in normally non-metastatic MCF-7
resulted in a metastatic phenotype, inducing metastasis to the
hindlimbs and liver. The mass of the metastatic tumors was
decreased by 77% with the application of ROCK inhibitor,
Y27632. The context and local tissue architecture may need
to be considered when interpreting such results, considering
environment and dimensionality influence cell behavior and
mechanotransduction pathways as described earlier. ROCK
was reported to be elevated in T4-2 cancer cells but not in
non-malignant S1 cells, but such a difference was only observed
in 3D but not in 2D culture (Matsubara and Bissell, 2016).
Since ROCK acts through cytoskeletal tension signaling, related
cytoskeletal elements can also play a role. Increased myosin
light chain (MLC) phosphorylation was found in malignant
cells in accordance with unorganized F-actin; ROCK inhibition
reorganized F-actin and repolarized the cells. As another element,
it was shown that triple negative cells had low responsiveness to
ROCK inhibition but this effect was reversed when cells were
manipulated to overexpress E-cadherin, proposing a connection
among cytoskeleton, ROCK activity, and E-cadherin cell-cell
adhesion. Together, forces and mechanotransduction pathways
are transmitted from anchorage points to the cytoskeleton, for
both cell-matrix junction and cell-cell junction, and vice versa.

Mechanotransduction interfacing with the nucleus includes
direct links which transmit forces to the nucleus and a host of
mechanotransduction cascades that regulate genes. One route of
mechanical information transfer is the translocation of proteins
to the nucleus. As discussed above, YAP can translocate to
the nucleus in response to the local strain environments, both
static and dynamic. YAP and the transcriptional co-activator
PDZ-binding motif (TAZ) are transcription factors typically
associated with the Hippo pathway. These factors are particularly
relevant for cancer research, since these have been implicated
in the formation of cancer stem cells and EMT transition
in response to mechanical forces (Jabbari et al., 2015). Some
catenin subtypes are also able to translocate to the nucleus
in response to mechanical signals, as is often coordinated
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with cadherin cell-cell junctions. In stem cells, the canonical
Wnt/β-catenin pathway is involved in stem cell self-renewal.
The canonical and non-canonical Wnt pathways also regulate
cancer stem cell development and may provide a number of
potential treatment targets for cancer stem cell elimination
(Katoh, 2017). In breast cancer, β-catenin can be translocated
to the nucleus in response to substrate stiffness which may
drive tumor progression through altering microRNA expression
(Mouw et al., 2014). Guerra et al. (2017) found that modification
of cells with the ROCK inhibitor, fasudil, caused β-catenin
translocation to the nucleus. ROCK inhibition decreased breast
cancer migration and also activated the canonical Wnt/β-
catenin pathway. Consequently, fasudil may be a candidate
for preventing triple negative breast cancer metastasis and
other treatments may be developed considering the role of
translocation of proteins to the nucleus.

Finally, LINC complex-based nuclear mechanotransduction
proteins, e.g., SUN1, SUN2, nesprin1/2, providing direct force
links from the cytoskeleton to the nucleus may be important
cancer markers, which are downregulated in breast cancer and
may serve for diagnostic or prognostic purposes (Matsumoto
et al., 2015). It was also recently reported that nesprin-2 and
lamin A/C were significantly decreased in malignant MCF-7
and MDA-MB-231 cells when tested on patterned substrates
while these proteins were increased in benign MCF-10A cells,
suggesting that the downregulation of LINC complex and nuclear
laminamay have direct influence on cancer state and invasiveness
(Antmen et al., 2019).

PERSPECTIVE

Mechanobiology is now well-posed to solve some of the most
pertinent issues in cancer detection, grading, and typing. In this
review paper, we highlighted the effects of mechanical factors
in oncogenesis, the premetastatic niche, the metastatic cascade,
colonization of secondary metastatic sites, and dormancy and
drug resistance. Mechanotransduction pathways have been
identified in the regulation of these processes, potentially
suggesting treatment targets. Also, by testing mechanical effect
on drug resistance, therapies may also be improved to increase
the efficiency of current treatments. Besides sensitizing cells to
chemotherapy drugs, understanding how to modify aberrant
microenvironments for drug penetration may also be attempted.
These works will require more biomimetic tumor models to
understand cancer cell sensing and response to environmental
cues and mechanical loading as well as the interaction with
cancer-associated fibroblasts, luminal cells, and vascular cells.
This perspective takes the cancer as tissue or organoid approach.
Extending the soil-and-seed paradigm in the cancer research
to the current understanding of cancer complexity in multiple
domains, cancer may no longer be thought of as just a seed
that takes root in favorable soil. Cancer is more akin to a
seed that acts as a terraforming agent, capable of modifying
local and system soil ecology. This is particularly evident
when considering the mechanical factors of tumor progression.
Modified ECM stiffness, chemical composition and physical

substrate pattern, and transformation of endothelial, MSCs, and
immune cells to tumor-supportive roles via mechanical loadings
and mechanotransduction pathways associated thus reinforce
the importance of considering the mechanical domains in
tumor progression. Since both malignant and cancer-associated
fibroblasts have demonstrated mechanical memory effect, model
systems that mimic multiple steps of the metastatic cascade will
be particularly useful, for example, studying intravasation and
adherent migration after cells are conditioned in compressive
environments, or studying the colonization of secondary tumor
sites after mechanical loading exposure that mimics the
invasion process.

In addition to therapies involving mechanical signaling or
mechanotransduction pathways, classification of cancer and
more accurate prognostics would benefit from considering
the mechanical domain. Large heterogeneities in mechanical
response still exist within individual cell lines and among
cells with the same immune-profile (HER, ER, PR, etc.) or
classification (luminal A, claudin low, etc.). Mechanotyping
using measures of cytoskeletal stiffness, nuclear deformability,
traction force, and adhesion profile could supplement existing
classification methods and may help resolve heterogeneities
present in the current classification system. For example,
topography-based assessments may be effective for identifying
malignant cells and distinguishing these form benign cells.
Assessment of morphology and migration on different
topographies may be used to screen for multiple salient
features in cell behavior in a relatively short time (Alvarez-
Elizondo et al., 2020). Guck et al. (2005) were able to interrogate
the deformability of human mammary epithelial cells rapidly
using a microfluidic setup with optically-induced surface tension
without direct cell contact. The utility of this strategy has been
demonstrated in oral cancer diagnosis with a low optical stress
applied in the range of 1–5 Pa (Remmerbach et al., 2009).
Applying a similar concept, forcing cells from blood samples
quickly through a microfluidic channel allows the identification
of cell types and detection of pathological changes via rheological
analysis (Toepfner et al., 2018). Taking this a step further,
dynamic typing via the response to mechanical loading regimes
could be attempted. The activation of key mechanotransduction
regulators to mechanical loadings would supplement the
mechanotyping and current surface marker methods. This may
necessitate the development of high throughput mechanical
loading systems for such testing. Expanding on this, a novel
device for combining multiple loading regimes, compression,
fluid shear, and stretch, to be even more physiologically relevant
will be helpful for interrogating tumor organoids. Current
systems are typically limited to simple loading regimens and may
not capture the complex and dynamic mechanical loading that
exists in vivo.
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Ion channels activated by mechanical inputs are important force sensing molecules in

a wide array of mammalian cells and tissues. The transient receptor potential channel,

TRPV4, is a polymodal, nonselective cation channel that can be activated by mechanical

inputs but only if stimuli are applied directly at the interface between cells and their

substrate, making this molecule a context-dependent force sensor. However, it remains

unclear how TRPV4 is activated by mechanical inputs at the cell-substrate interface,

which cell intrinsic and cell extrinsic parametersmight modulate themechanical activation

of the channel and how mechanical activation differs from TRPV4 gating in response to

other stimuli. Here we investigated the impact of substrate mechanics and cytoskeletal

components on mechanically evoked TRPV4 currents and addressed how point

mutations associated with TRPV4 phosphorylation and arthropathy influence mechanical

activation of the channel. Our findings reveal distinct regulatory modulation of TRPV4

from the mechanically activated ion channel PIEZO1, suggesting the mechanosensitivity

of these two channels is tuned in response to different parameters. Moreover, our data

demonstrate that the effect of point mutations in TRPV4 on channel activation are

profoundly dependent on the gating stimulus.

Keywords: TRPV4,mechanotransduction, mechanically activated ion channel, cell-substrate interface,mechanics

INTRODUCTION

Ion channels that are directly activated by mechanical inputs are emerging as important cellular
force sensors in a wide variety of cells and tissues (Wu et al., 2017). Whenmechanical perturbations
are applied to cells at the cell-substrate interface, ionic currents can be evoked that depend
on a number of different ion channels, including TRPV4, as well as PIEZO1, PIEZO2, and
TACAN (Poole et al., 2014; Servin-Vences et al., 2017; Wetzel et al., 2017; Bavi et al., 2019;
Sianati et al., 2019; Beaulieu-Laroche et al., 2020). TRPV4 is a polymodal, Ca2+-permeable,
nonselective cation channel that is broadly expressed throughout the body (Nilius and Voets,
2013; White et al., 2016). TRPV4 has a tetrameric structure; each subunit consisting of six
transmembrane (TM) domains, a pore loop between TM5 and TM6 and cytoplasmic N- and
C-terminal tails. The N terminus contains six ankyrin repeat domains and the C terminus has
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a binding site for actin and tubulin (Goswami et al., 2010; Deng
et al., 2018). The activation of TRPV4 has been implicated in
various biological processes such as osmosensation (Liedtke and
Friedman, 2003; Suzuki et al., 2003b; Liedtke, 2005; Lechner et al.,
2011), bone homeostasis (O’Conor et al., 2014), arterial dilation
(Mendoza et al., 2010), bladder voiding (Gevaert et al., 2007) and
nociception (Alessandri-Haber et al., 2003, 2004). The precise
mode of activation of TRPV4 in these different biological settings
is largely unknown due to the fact that TRPV4 is polymodal: that
is, TRPV4 is activated by diverse stimuli including osmotically-
induced cell swelling (Strotmann et al., 2000; Vriens et al., 2004),
shear stress (Köhler et al., 2006), moderate heat (Güler et al., 2002;
Watanabe et al., 2002b), low pH (Suzuki et al., 2003b) and various
chemical ligands (Watanabe et al., 2002a, 2003). The activation of
TRPV4 by different stimuli suggests that this ion channel exhibits
distinct gating pathways. For example, activation of TRPV4
by osmotic cell swelling requires phospholipase A2 (PLA2)
activity, whereas agonist 4α-PDD and heat activate TRPV4 in a
PLA2-independent manner but require a tyrosine in the third
transmembrane domain of TRPV4 (Vriens et al., 2004). A single
point mutation at Y621 in TM5 exhibits opposing effects on
channel activation in response to different stimuli, resulting in
decreased channel sensitivity in response to 4α-PDD and heat but
increased activation in response to cell swelling (Klausen et al.,
2014). Moreover, interaction of PACSIN 3 with the N-terminal
domain of TRPV4 inhibits channel activation by cell swelling
and heat but has no effect on Ca2+ influx induced by 4α-PDD
(D’hoedt et al., 2008).

The potential importance of TRPV4 activation in in vivo
mechanical sensing is highlighted by the influence of TRPV4
on homeostatic maintenance of both cartilage and bone, two
tissues that are regulated by mechanical inputs. Mutations
in TRPV4 have been linked to different pathophysiological
conditions such as skeletal dysplasia, arthropathy and peripheral
neuropathy (Lamandé et al., 2011). Moreover, global deletion of
TRPV4 in mice increases bone mass due to impaired osteoclast
differentiation and accelerates the progression of age-dependent
and obesity-induced osteoarthritis (Clark et al., 2010; O’Conor
et al., 2013). Conversely, loss of TRPV4 in chondrocytes in
adulthood protects mice from aging-associated osteoarthritis
(O’Conor et al., 2016). Such observations, in addition to the
expression pattern of TRPV4 in many mechanosensitive tissues,
indicate the involvement of TRPV4 in mechanotransduction.

However, it has been challenging to demonstrate that TRPV4
acts as a primary transducer of mechanical inputs. The in
vitro study of mechanical activation of ion channels in the cell
membrane requires experimental approaches to simultaneously
monitor ionic flux whilst applying an appropriate mechanical
input to the cell. Many studies utilize high-speed pressure clamp
to locally stretch the plasma membrane or a blunt probe to
cause cellular indentation (Coste et al., 2010; Lee et al., 2014;
Nourse and Pathak, 2017; Wu et al., 2017). To complement
these techniques, we have developed a methodology to apply
stimuli directly to the cell-substrate interface. Cells are cultured
on elastomeric pillar arrays and individual elements subjacent
to the cell can be deflected, whilst the cellular response is
monitored using whole-cell patch-clamp (Poole et al., 2014;

Sianati et al., 2019). In vitro studies of TRPV4 mechanical
activation using these three techniques showed that TRPV4
poorly responds to membrane stretch applied by high-speed
pressure clamp (Loukin et al., 2010; Nikolaev et al., 2019)
and completely fails to respond to cellular indentation (Servin-
Vences et al., 2017). However, when pillar arrays are used to
apply fine deflections to connections between a cell and its
substrate (or cell-substrate interface), TRPV4-mediated currents
are activated (Servin-Vences et al., 2017; Tay et al., 2018; Sianati
et al., 2019). Nano-scale deflections of regions of the cell-substrate
interface activate TRPV4 in both primary chondrocytes and
when TRPV4 is expressed heterologously in HEK-293T cells.
These deflection-evoked currents exhibit latencies below 2ms,
and do not depend on PLA2, suggesting that TRPV4 is directly
activated by the mechanical input (Servin-Vences et al., 2017).
In addition, mechanically activated (MA) currents evoked by
substrate deflection are not outwardly rectifying, unlike 4α-PDD,
heat and cell swelling activated currents (Vriens et al., 2004;
Servin-Vences et al., 2017).

That TRPV4 can be efficiently activated by cell-substrate
deflection but not cellular indentation or membrane stretch
highlights the fact that TRPV4 responds to mechanical stimuli
in specific cellular and physical contexts. In order to better
understand activation of TRPV4 in the cell-substrate interface,
we investigate the impact of the cytoskeleton and substrate
mechanics on TRPV4 mechanotransduction. Furthermore,
we measured deflection-activated currents of TRPV4 mutant
channels that are associated with either gain- or loss-of-function
in response to chemical agonists.

MATERIALS AND METHODS

Cell Culture
HEK-293T Flp-In T-REx cells stably expressing TRPV4 were
cultured in Dulbecco’s Modified Eagle Medium (DMEM, Gibco)
supplemented with 10% fetal bovine serum (Gibco), 1%
Penicillin/Streptomycin and selected with 15µg/ml blasticidin
and 100µg/ml hygromycin. Cells were maintained in a
humidified incubator at 37◦C, 5% CO2. Expression of TRPV4
wild-type and mutant channels was induced by application of
tetracycline (1µg/ml, 4 h), as previously described (Lamandé
et al., 2011).

Pillar Array Fabrication
Pillar array casting and preparation were conducted as previously
described (Poole et al., 2014; Sianati et al., 2019). Briefly,
positive silicon masters (obtained from Bonda Technology
Pte Ltd., Singapore) were silanized using vapor phase
Trichloro(1H,1H,2H,2H-perfluorooctyl)silane (Sigma-Aldrich)
to create a hydrophobic surface. Negative masters were then cast
from the positive masters using polydimethylsiloxane (PDMS)
(Sylgard 184, Dow Corning) at a ratio of 1:10, and cured for
15min at 110◦C. To cast pillar array substrates, the silanized
negative masters were coated with degassed PDMS (at ratio of
1:10 or 1:5 for stiffer substrates) and incubated for 30min. Each
coated master was covered with an oxygen plasma-activated
glass coverslip. Pillar arrays were cured for 1 h (or 2 h for stiffer
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substrate) at 110◦C and then peeled away from the masters.
Before culturing the cells, pillar arrays (attached to coverslip)
were activated with oxygen plasma for 90 s (Zepto plasma system,
Diener, Germany). To achieve robust adhesion, cells were seeded
on the pillar arrays 24 h prior to experiments.

Masters for casting arrays with distinct mechanical properties
have been previously described (Bavi et al., 2019; Sianati et al.,
2019). In brief, substrate roughness was manipulated by altering
the geometry of the array, according to the equation:

ε = 1+
πdH

S2
(1)

Where d = diameter, H = height and S the center-to-center
inter-pillar spacing.

Substrate stiffness was controlled by changing the spring
constant of the individual elements of the array by changing
either the elasticity E of the material or the geometrical
dimensions of the pilus, in accordance with the equation:

k =
3πEd4

64H3
. (2)

Patch-Clamp Recordings on Pillar Arrays
Whole-cell patch-clamp data were acquired from cells seeded
on pillar arrays using Axopatch 200B amplifier with pClamp 10
software at holding potential of −60mV. Data were sampled at
5 kHz using Axon Digidata 1550B digitizer (Molecular devices,
USA). Recording pipettes (3–5 M�) were filled with intracellular
solution containing (inmM) 135 KCl, 10 NaCl, 1MgCl2, 1 EGTA,
and 10 HEPES; pH 7.3, 280–285 mOsm. Extracellular solution
contained (in mM) 140 NaCl, 4 KCl, 2 CaCl2, 1 MgCl2, 4 glucose
and 10 HEPES; pH 7.4, 290–295 mOsm.

Series resistance was monitored throughout the experiments
and remained < 15 M�. Data were analyzed using Clampfit
software (Molecular Devices, USA). Inward current amplitude
was measured as the difference between the baseline and the
peak of the current. The latency was quantified as the time delay
between the stimulus application and onset of the current. The
activation time constant (τ1) and inactivation time constant (τ2)
were calculated by a mono-exponential fit of the current rise
and current decay, respectively. Cytochalasin D (2.5µM) and
Nocodazole (10µM) were diluted in the extracellular solution 15
and 30min prior to experiments, respectively. Treated cells were
discarded 30min after the first recording.

To generate mechanical stimuli at cell-substrate contact
points, a series of deflections ranging from 1 to 1,000 nm were
applied to an individual pilus subjacent to the cell. The stimulator
was prepared by heat-polishing a glass micropipette (to seal the
tip) and was driven by aMM3A-LSmicromanipulator (Kleindiek
Nanotechnik, Germany). To calculate the stimulus size, bright
field images were acquired before and during stimulation using
a 40x/0.6 NA objective on Nikon ti-e inverted microscope. The
center of the pilus (prior and during stimulus) was determined
using a 2D-gaussian fit of intensity values (Igor, Wavemetrics,
USA) and the magnitude of pilus deflection was analyzed by
comparing the displacement of the center of the pilus between
two successive images.

Calcium Imaging
HEK293T cells expressing WT or the mutant TRPV4 variants
were cultured on PLL-coated glass coverslips and incubated
with 1µM Cal520 (AAT Bioquest, USA), a calcium sensitive
dye, for 1 h. Cells were perfused with 1µM GSK1016790A for
1min and then were washed out with extracellular solution for
10min. Calcium images were captured every 10 s using Nikon ti-
e inverted microscope and were analyzed using ImageJ. Calcium
signal was calculated according to the equation 1F/F = (F–
F0)/F0 where F is mean intensity of fluorescence and F0 is the
baseline fluorescence prior to application of the agonist.

Immunoblotting and Cell-Surface
Biotinylation
To detect TRPV4 variants at the plasma membrane, the cell
surface fraction was biotinylated and subsequently isolated
following established protocols (Lamandé et al., 2011; Tarradas
et al., 2013). Briefly, stably transfected Flp-in TREx HEK-293T
cells attached to PLL-coated 10 cm culture dishes were treated
with 0.1µg/ml tetracycline for 16 h to induce expression of
TRPV4 variants. The cell surface fraction was labeled, on ice,
with freshly prepared 2.5 mg/ml EZ-link Sulfo-NHS-LC-LC-
biotin (21338, ThermoFisher Scientific) in DPBS containing
Ca2+. After quenching with 100mM glycine, cells were lyzed
using RIPA buffer containing protease inhibitor cocktail. A
portion of this lyzed sample was reserved as the “input” sample.
The biotinylated fraction was then isolated using NeutrAvidin
Ultralink Resin (53150, ThermoFisher Scientific). After recovery
from the NeutrAvidin beads, samples were prepared as for
gel electrophoresis by mixing with Bolt LDS sample buffer
and Bolt reducing agent (B0007 and B0009, respectively,
ThermoFisher Scientific). Samples were separated on a 10%
Bolt Bis-Tris Plus gel (NW00102, ThermoFisher Scientific),
transferred to a PVDF membrane and subjected to standard
antibody detection. TRPV4 variants were detected using rabbit
polyclonal anti-TRPV4 (ab191580, Abcam, 1 ug/ml) for 1 h at
room temperature and HRP-linked anti-rabbit IgG (7074, Cell
Signaling Technologies, 1:1,000). To control for protein loaded,
membranes were re-probed using anti-alpha-Tubulin (9099,
Cell Signaling, Technologies, 1:1,000) over night at 4◦C, after
membrane stripping.

Imaging
To visualize TRPV4 localization, cells were transiently
transfected with a plasmid encoding TRPV4-YFP, using
Fugene HD (E2311, Promega) per manufacturer’s instructions.
Cells were then washed with PBS and fixed for 10min with 4%
paraformaldehyde (PFA). Cells were permeabilized with 0.01%
TritonX-100 and labeled with DyLight 594 Phalloidin, as per
manufacturers instructions (12877, Cell Signaling Technology).
Cells were imaged using either a Zeiss Axioskop or Leica SP8
with a 40x objective. Resulting images were analyzed using
ImageJ analysis software (Schneider et al., 2012). In order to
assess the localization of TRPV4 and actin to pillar structures,
each pilus was scored according to whether the protein formed
a ring around the total circumference of the pilus, a partial
circumference or if there was no increase in signal around the
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pilus. The TRPV4-YFP and phalloidin-594 signals were then
compared and scored as a colocalization when similar structures
were observed around an individual pilus.

Statistical Analysis
The current amplitudes generated by substrate deflection were
binned by stimulus size into the following groups: 0–10, 10–
50, 50–100, 100–250, 250–500, and 500–1,000 nm, as previously
described (Poole et al., 2014; Sianati et al., 2019). The response
data were averaged within each bin (for each stimulation point)
and then were averaged across the cells. Data was collected
from samples prepared on at least three separate days. Wherever
appropriate, data were analyzed using one-way or two-way
ANOVA, followed by Tukey’s or Sidak’s post hoc tests or unpaired
two-tailed t-test with significance set at p < 0.05. The results
for each experiment are presented as the mean ± s.e.m. The
data were analyzed using GraphPad Prism 7 software (GraphPad
Software, Inc., San Diego, CA).

RESULTS

Substrate Roughness Does Not Mediate
TRPV4 Deflection-Activated Currents
Changes in substrate mechanics can modulate the activation of
the bone fidemechanically activated (MA) channel, PIEZO1 (Bavi
et al., 2019). To investigate whether the mechanical activation
of TRPV4 is also regulated by the mechanics of the substrate,
HEK-293T cells expressing TRPV4 were cultured on elastomeric
pillar arrays with different roughness or stiffness, as previously
described (Bavi et al., 2019) (Figure 1A). In order to generate
comparable protein expression levels across various cell lines, we
utilized HEK-293T Flp-In T-REx cells. In these cells, only one
copy of the transgene (encoding TRPV4 variants) is integrated
into each line. Expression of TRPV4 variants was induced
using tetracycline in order to generate samples with consistent
expression levels and to prevent calcium toxicity that can result
from continuous overexpression of TRPV4. We first tested
whether changes in substrate roughness or stiffness impacted
TRPV4-mediated currents evoked by substrate deflection. To
manipulate substrate roughness (ε), pillar arrays with differences
in the center-to-center pillar spacing, were utilized (R3, with
ε: 1.53 vs. rougher substrate R2, with ε: 1.80) (Bavi et al.,
2019). The channel activity in cells seeded on the arrays was
recorded using whole-cell patch-clamp, whilst the mechanical
stimuli were applied at the cell-substrate interface by deflecting
an individual pilus subjacent to the cell (Figures 1A,B). The
current amplitude data from each cell were binned according to
the stimulus size and averaged within each bin and then across
cells. Stimulus-response curves were generated by plotting the
average of current amplitudes against the corresponding pillar
deflection range. There was no significant difference in TRPV4-
mediated currents at molecular-scale deflections (1–375 nm)
between the two substrates (Figure 1C). However, there was a
moderate increase in current amplitude from cells cultured on R3
compared to R2 at larger deflections (up to 1,000 nm). Various
kinetic parameters of the mechanically evoked currents were
analyzed; latency between stimulus and the onset of the current,

the activation time constant and the inactivation time constant
(current decay). There were no differences in any of these kinetic
parameters on the different substrates (Supplementary Table 1).

To assess the impact of substrate stiffness on TRPV4-mediated
currents, we used two different approaches. First, the stiffness of
the R2 pillar arrays was increased by doubling the ratio of curing
agent to elastomer. Analysis of current amplitudes showed no
difference in TRPV4 currents in response to deflections ranging
from 1 to 1,000 nm between these two substrates (Figure 1D).
Changes in the pillar array stiffness had no effect on current
kinetics, similar to those quantified from substrates with different
roughness. We next increased the substrate stiffness by utilizing
the R2B substrate that has a larger pillar diameter but similar
roughness to R2, leading to consistent substrate roughness
and bulk substrate elasticity but an increase in the spring
constant (k) of the individual pillar elements within the array
(R2: k = 0.89 nN/nm, R2B: 4.27 nN/nm) (Bavi et al., 2019).
Changes in substrate stiffness did not affect TRPV4-mediated
currents in response to deflections of 1–250 nm. However,
there was an increase in current amplitude on R2B vs. R2 in
response to larger stimuli that was significant within the range
of 250–500 nm (Figure 1D, ordinary two-way ANOVA, Sidak’s
multiple comparison tests, p = 0.019). It should be noted that
increasing the pillar diameter may also result in greater channel
numbers around the circumference of each individual pilus
which could account for the moderate increase in the current
amplitude. As such, we conclude that mechanical properties
(roughness and stiffness) of the substrate only exhibit minor
effects on the mechanical activation of TRPV4 when large
stimuli are applied at the cell-substrate contact point, unlike
PIEZO1 where we observed an increase in channel sensitivity to
molecular-scale substrate deflections on the substrate with lowest
roughness, R3 (Bavi et al., 2019). These data suggest that MA
ion channels have diverse abilities to sense and respond to their
mechanical microenvironment.

TRPV4-Mediated Currents Are Not
Dependent on Cytoskeletal Structure
Our recent work revealed that the actin cytoskeleton modulates
mechanically evoked PIEZO1-dependent currents in response to
externally applied deflections of the cell-substrate interface (Bavi
et al., 2019). In addition, PIEZO1-mediated currents that are
dependent on cell generated forces at cell-substrate connections
also require an intact actin cytoskeleton (Pathak et al., 2014;
Ellefsen et al., 2019). TRPV4 has been demonstrated to interact
directly with both actin and microtubules via the C-terminus of
the channel (Suzuki et al., 2003a; Becker et al., 2009; Goswami
et al., 2010; Huai et al., 2012; Lyons et al., 2017). Given these data,
we investigated whether the TRPV4-mediated currents are also
dependent on intact cytoskeletal structures.

We first visualized TRPV4 distribution on pillar arrays,
compared to actin-based structures. HEK-293T cells were
transiently transfected with a plasmid encoding a TRPV4-YFP
fusion protein and then actin structures were labeled using
a post-fixation phalloidin stain. Fluorescent imaging from the
cells showed that both TRPV4-YFP and actin form structures
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FIGURE 1 | Impact of substrate mechanics and cytoskeleton on TRPV4-mediated currents. (A) Schematic representation of pillar array experiment. Cells are cultured

on deformable arrays and stimuli are applied at cell-substrate interface by deflecting a pilus subjacent to the cell using a glass probe (in blue). The resulting channel

activity is concurrently monitored using whole-cell patch-clamp. Bottom panels show bright-field images of the substrates R3, R2 and R2B, scale bar 10µM. (B)

Representative traces of TRPV4-WT mediated currents in response to increasing deflections from 28 to 212 nm on the R3 substrate. (C) Stimulus-response plot for

TRPV4-WT cells cultured on R3 and R2 substrates (ordinary two-way ANOVA, **p = 0.009) (D) Stimulus-response plot for TRPV4-WT cells cultured on R2, R2 stiff and

R2B (ordinary two-way ANOVA, *p = 0.019). Stimulus-response plots for TRPV4-WT cultured on R3 substrate after treatment with (E) 2.5µM cytochalasin D and (F)

10µM nocodazole compared to the control (ordinary two-way ANOVA, *p = 0.01). Data are presented in mean ± s.e.m, number in brackets indicates number of cells.

around individual pili (Figures 2A–C). Such a condensation of
the TRPV4 channel around the edge of some pili subjacent to
the cell is similar to the distribution of PIEZO1 and the PIEZO1-
modulating protein STOML3 (Poole et al., 2014; Wetzel et al.,
2017) on pillar arrays. For each cell, each pilus was scored
according to whether the TRPV4 formed a ring around the total
circumference of the pilus, a partial circumference or if there
was no increase in signal around the pilus. The distribution of

TRPV4 did not vary with the different substrates (Figure 2D)
(two-way ANOVA), in contrast to our previously published
observations for PIEZO1 (Bavi et al., 2019). As an indicator of
colocalization of actin and TRPV4 at cell-pillar contacts, the
number of pili subjacent to a cell exhibiting both TRPV4-YFP
and actin structures were scored as a colocalization. This value
was found to be variable from cell-to-cell, but not modulated by
the mechanics and patterning of the subjacent array (Figure 2E).
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FIGURE 2 | Substrate mechanics do not influence TRPV4 distribution. Epifluorescent images of HEK-293T cells expressing TRPV4 on R2 pillar array (A) filamentous

actin structures were labeled with DyLight594-phalloidin (B) TRPV4-YFP signal (C) overlay of two channels, phalloidin signal in magenta and TRPV4-YFP in cyan.

Note that both actin and TRPV4 condense at pillar-cell contacts, around the circumference of a subset of pili. (D) Structures at the edges of pili were scored as being

full rings (Full), partial rings (Partial) or having no structure. There were no differences between arrays with distinct mechanics (two-way ANOVA). (E) As an indicator of

colocalization of actin and TRPV4 at cell-pillar contacts, the number of pili subjacent to a cell exhibiting both TRPV4-YFP and actin structures were scored as a

colocalization. There were no differences in these values when cells were cultured on substrates with distinct mechanics (Kruskal-Wallis test). Data are presented in

mean ± s.e.m, with dots representing individual cells.

To investigate whether the actin cytoskeleton impacts TRPV4-
mediated currents, HEK-293T cells expressing TRPV4 were
cultured on R3 pillar arrays and treated with cytochalasin D
(2.5µM), to disrupt actin filaments. MA currents in cytochalasin
D treated cells were comparable with the control cells in response
to pillar deflections ranging from 1 to 375 nm (Figure 1E).
However, inhibiting actin polymerization reduced the current
amplitude in response to larger stimuli, similar to the results
acquired by manipulating the substrate roughness. We then
tested whether depolymerization of microtubules modulates
the MA currents. The stimulus-response plot was regenerated
from the cells pretreated with 10µM nocodazole. These data
demonstrate that disruption of microtubules has no effect on
TRPV4-mediated MA currents (Figure 1F). The current kinetics
were unchanged in either cytochalasin D or nocodazole treated
cells compared to the control (Supplementary Table 1).

S824 Phosphorylation Modulates
Mechanically Activation of TRPV4
We next investigated whether mutations in the TRPV4 molecule
itself impact substrate-deflection evoked currents. Previous
studies have indicated the importance of the S824 residue in

TRPV4 activation in response to various types of gating stimuli.
Phosphorylation at S824 site enhances the activation of TRPV4
in response to arachidonic acid (AA), 4α-PDD and hypotonic
swelling (Lee et al., 2010; Peng et al., 2010; Cao et al., 2018). To
determine whether phosphorylation of TRPV4 affects channel
mechanosensitivity, Flp-in T-REx HEK-293T cells containing a
copy of the TRPV4 wild-type (WT) gene, or a gene encoding
either the TRPV4 variant, TRPV4-S824D or TRPV4-S824A were
analyzed. The TRPV4-S824D variant mimics the constitutive
phosphorylation of the residue S824 whilst TRPV4-S824A is
analogous to the non-phosphorylated state. Cells were cultured
on R3 pillar arrays and stimuli were applied by deflecting
pili subjacent to the cells. Mechanically evoked currents in
cells expressing either TRPV4-S824D or TRPV4-S824A mutants
exhibited two different types of sensitivities. The first population
(classed as type I) were nano-ampere currents evoked in response
to pillar deflections smaller than 50 nm and were therefore
categorized as extremely sensitive. The second population of
evoked currents (classed as type II) were comparable with those
observed in cells expressing TRPV4-WT. As shown in Figure 3A,
TRPV4-S824D-type I current amplitudes evoked from stimuli
ranging between 1–10 and 10–50 nm were significantly larger
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FIGURE 3 | Phosphorylation site, S824 regulates TRPV4-mediated currents in response to pillar deflection. Stimulus-response plots for (A) TRPV4-S824D and (B)

TRPV4-S824A in comparison to WT cultured on R3 substrate. Currents from TRPV4-S824D and TRPV4-S824A expressing cells were categorized into two types

based on their sensitivity to deflection at a given pilus: Type I with high sensitivity and Type II with lower sensitivity. Ordinary two-way ANOVA with Sidak’s multiple

comparisons was used to analyze the plots. The first two bins (1–10 and 10–50 nm) were analyzed separately for Type I vs. Type II and Type I vs. WT as indicated in the

dashed boxes (****p < 0.0001, Type I = 8 stimulation points vs. Type II = 11; WT = 28). Type II was compared to WT for all six bins (1–1,000 nm) and **p = 0.0083 for

TRPV4-S824D for bin 250–500 nm (Type II = 11 stimulation points and WT = 28). (C) Bright-field image of a single HEK-293T cell expressing TRPV4-S824D and the

corresponding current traces. Ten nanometer deflection of the pili subjacent to the cell extension resulted in current amplitude of 1,315 pA, while 75 nm deflection

applied to the cell body of the same cell generated 265 nA current. (D) Percentage of type I and type II currents in TRPV4-S824D and TRPV4-S824A cells based on

the site of deflection. The majority of Type I currents were observed upon deflection of the cell extensions rather than cell body. (E) Activation threshold for type I and

type II currents in TRPV4-S824D and TRPV4-S824A cells was measured by averaging the smallest deflections generating currents. Data are presented as mean ±

s.e.m, number in brackets indicates number of stimulation points (*p < 0.05). Full details on cell numbers outlined in Supplementary Table 1.

compared to the amplitude of currents classed as TRPV4-
S824D-type II or currents evoked in TRPV4-WT expressing cells
(ordinary two-way ANOVA, Sidak’s multiple comparison tests, p
< 0.0001). These sensitive type I currents likely represent a large
Ca2+ influx, which is known to result in rapid desensitization or
cell toxicity. As such, stimulation with pillar deflections larger
than 50 nm in cells where type I currents were evoked was not

feasible due to cellular disruption. An activation threshold was
calculated by noting the smallest stimulus that could evoke a
current. Themajority of type I currents were evoked by deflection
of the pili subjacent to the extensions of the cell, while type II
currents were mainly observed upon deflection of the pili under
the cell body (Figures 3C,D). TRPV4-S824D-type I currents
exhibited an activation threshold of 26.3 ± 9 nm compared with
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203± 60 nm for TRPV4-S824D-type II currents (mean± s.e.m).
These data indicate that type I currents are more sensitive than
type II (unpaired t-test, p = 0.02) (Figure 3E). Site-dependent
sensitivity suggests a possible role of auxiliary molecules that
interact with the phosphorylated channel, modulating its activity.

When we analyzed deflection-evoked currents in cells
expressing TRPV4-S824A (unphosphorylated mimetic), we
observed a similar phenomenon, i.e., two types of MA currents
with distinct sensitivity (Figure 3B). The site of the deflection
stimulus was also a determinant for these two distinct current
types, as observed for the TRPV4-S824D variant. Namely, pillar
deflections at peripheral regions of the cells expressing TRPV4-
S824A resulted predominantly in type I currents, while type
II currents were mostly evoked from regions near the cell
body (Figure 3D). The average activation threshold for TRPV4-
S824A-type I currents was 8.7 ± 2.3 nm, significantly lower than
TRPV4-S824A-type II currents (341 ± 56 nm, mean ± s.e.m.,
unpaired t-test, p < 0.0001) (Figure 3E).

Previous studies suggest that phosphorylation of TRPV4 at
residue S824 is required for its interaction with actin (Shin
et al., 2015). As such, we next investigated whether actin
cytoskeleton, microtubules or substrate stiffness are required
in order to evoke type I currents. Cells expressing either
TRPV4-S824D or TRPV4-S824A were cultured on R3 substrates
in the presence of cytochalasin D or nocodazole in order
to disrupt actin or microtubules, respectively. Compared to
the control, cytochalasin D treated cells showed persistent
sensitive MA currents in response to stimuli under 50 nm,
indicating that type I currents are not dependent on TRPV4-actin
interactions (Figures 4A,D). However, the depolymerization
of microtubules with nocodazole abolished type I currents
in cells expressing TRPV4-S824D, but not TRPV4-S824A
(Figures 4B,E). Remarkably, the sensitive currents of both
TRPV4-S824D and TRPV4-S824A expressing cells were absent
when substrate roughness was increased by replacing R3 with R2
pillar arrays (Figures 4C,F). These data indicated that substrate
roughness can modulate the sensitivity of S824D and S824A
mechanically evoked currents, suggesting a regulatory role of
TRPV4 phosphorylation in sensing substrate mechanics.

MA Currents in TRPV4 Mutants Associated
With Arthropathy
We next investigated whether mutations in TRPV4 previously
described as loss-of-function mutations in response to non-
mechanical stimuli also modulate substrate-deflection evoked
TRPV4-mediated currents. Mutations in TRPV4 that are found
within the ankyrin-repeat domain (TRPV4-G270V, -R271P, -
F273L) have previously been shown to lead to inherited
arthropathy in patients, and result in reduced Ca2+ influx in
response to GSK1016790A and 4α-PDD in in vitro analyses
of channel function (Lamandé et al., 2011). To characterize
whether a similar loss-of-function was observed in response
to substrate defection, currents evoked in cells expressing
TRPV4-G270V, -R271P, -F273L cultured on R3 pillar arrays
were analyzed. We found that, unlike activation with agonist,
substrate deflection leads to robust channel gating in cells

expressing TRPV4-G270V. Of the currents produced by stimuli
within the range of 1–100 nm, 48% were sensitive type I
currents in TRPV4-G270V expressing cells (11/23). These type
I currents exhibited a significantly larger amplitude, compared
with TRPV4-WT (Figure 5A). However, the F273L mutation
had no effect on TRPV4-mediated currents evoked by pillar
deflections (Figure 5C). Similarly, the R271P mutation did not
significantly impact TRPV4-mediated currents in response to
substrate deflections ranging from 1 to 500 nm. However, there
was a reduction in current amplitude in cells expressing TRPV4-
R271P when currents were evoked with stimuli ranging between
500 and 1,000 nm, compared to cells expressing TRPV4-WT
(ordinary two-way ANOVA, Sidak’s multiple comparison tests,
p< 0.0001) (Figure 5B). These data stand in contrast to previous
observations that demonstrate that these mutations cause a loss-
of-function of agonist-evoked TRPV4-mediated currents. These
findings support the notion that TRPV4 can be activated by
distinct gating pathways depending on the types of input stimuli.
It should be noted that, increasing the substrate roughness had
no effect on the TRPV4-R271P, -F273L mediated currents but
abolished the sensitive type I currents in TRPV4-G270V cells
(Supplementary Figure 1).

We then used fluorimetric Ca2+ imaging to confirm the loss-
of-function phenotype in TRPV4 channel activity in response to
GSK1016790A. The Ca2+ response was significantly reduced in
TRPV4-G270V, -R271P, -F273L mutants, compared to TRPV4-
WT, consistent with previously published data (Lamandé et al.,
2011). The Ca2+ response in cells expressing TRPV4-S824A
and -S824D variants were comparable to TRPV4-WT controls
(Supplementary Figure 2) and as previously reported (Cao et al.,
2018). We then confirmed the impact of these mutations on
channel localization at the plasma membrane, using cell-surface
biotinylation (Supplementary Figure 2). These data indicate
decreased membrane localization of TRPV4-G270V, -R271P, -
F273L mutants compared to TRPV4-WT. Reduced levels of
channel on the surface of the cell can account for diminished
channel activity in response to TRPV4 agonists. However,
substrate-deflection analysis shows that stimulation of these
mutants produces currents of comparable magnitude to TRPV4-
WT. These data suggest that the channels themselves are not
loss-of-function mutants in response to mechanical stimulation
when compared with TRPV4-WT.

DISCUSSION

We have previously shown that TRPV4 can be directly
activated by mechanical stimuli applied via the substrate,
mimicking tensile forces applied to cells via connections
with their microenvironment. Here, we addressed the impact
of the mechanical properties of the underlying substrate
and intracellular cytoskeletal structures on mechanical
activation of TRPV4 at the cell-substrate interface. Our
data support our previous findings that TRPV4 has a distinct
mechanotransduction profile when compared to the PIEZO1
channel. PIEZO1-mediated currents are efficiently evoked
using high-speed pressure clamp, cellular indentation and
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FIGURE 4 | Impact of cytoskeleton and substrate mechanics on regulatory effect of S824 phosphorylation in TRPV4-mediated currents. Stimulus-response plots for

TRPV4-S824D cells cultured on R3 substrate (A) after treatment with 2.5µM cytochalasin D and (B) 10µM nocodazole compared to the untreated control cells and

(C) in comparison with TRPV4-S824D cells cultured on R2 substrate. Ordinary two-way ANOVA with Sidak’s multiple comparisons was used to analyze the plots, *p

= 0.018 in (A) (Type I control = 8 points, Type I cytochalasin = 11 points), ****p < 0.0001 in (B) (Type I control = 8, Nocodozole = 14 points), **p = 0.001 and ****p <

0.0001 in (C) (Type I, R3 = 8 points, R2 = 16). Stimulus-response plots for TRPV4-S824A cells cultured on R3 substrate (D) after treatment with 2.5µM cytochalasin

D and (E) 10µM nocodazole compared to the untreated control cells and (F) in comparison with TRPV4-S824A cells cultured on R2 substrate. ****p < 0.0001 (R3,

Type I = 14 stimulation points, R2 = 16). Data were analyzed using ordinary two-way ANOVA with Sidak’s multiple comparisons. First two bins (1–10 and 10–50 nm)

were analyzed separately for Type I currents as indicated in the dashed boxes. Data are presented in mean ± s.e.m., number in brackets indicates number of

stimulation points. Full details on cell numbers outlined in Supplementary Table 1.

FIGURE 5 | Mechanically activated currents in TRPV4 mutants associated with arthropathy in response to pillar deflection. Stimulus-response plots for (A)

TRPV4-G270V, (B) TRPV4-R271P and (C) TRPV4-F273L in comparison to TRPV4-WT expressing cells cultured on R3 substrate. Data were analyzed using ordinary

two-way ANOVA with Sidak’s multiple comparisons. The first three bins in TRPV4-G270V curve (1–10, 10–50, and 50–100 nm) were analyzed separately for Type I vs.

Type II as indicated in the dashed box. *p = 0.045 and ****p < 0.0001 in (A) (TRPV4-G270V, Type I = 10, Type II = 12 stimulation points). Data are presented as mean

± s.e.m., number in brackets indicates number of stimulation points. Full cell numbers outlined in Supplementary Table 1.
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pillar deflections, whereas TRPV4-mediated currents were
only evoked by substrate deflections, but not indentation
nor membrane stretch applied with HSPC (Servin-Vences
et al., 2017). In previous work we have modeled the changes
in membrane tension that are induced by these different
stimulation techniques and while there is a moderate change in
membrane tension from pillar deflection, the predicted values
are significantly lower than those predicted to arise from the
use of HSPC or cellular indentation (Bavi et al., 2019). Here
we demonstrate that manipulating the mechanical properties
of the substrate does not modulate TRPV4-mediated currents
in response to substrate deflections. In addition, disruption
of cytoskeletal elements including actin and microtubules had
minimal effect on TRPV4 activation in this assay. In contrast,
deflection-evoked PIEZO1 currents were previously shown
to be modulated by the mechanics of the substrate, in an
actin-dependent manner (Bavi et al., 2019). Similarly, activation
of PIEZO1 by cell-generated forces is dependent on substrate
stiffness and actomyosin traction forces (Pathak et al., 2014;
Ellefsen et al., 2019). Thus, not only do these two channels exhibit
distinct activation profiles in response to different mechanical
inputs, but the currents evoked by substrate deflections are
modulated by different mechanical and molecular factors. The
data presented here demonstrate that, in a similar cellular
background, substrate mechanics differentially impact TRPV4
vs. PIEZO1 activation. However, given the fact that our data
indicates that the context of channel activation can be a critical
modulatory factor, we cannot definitively conclude that these
observations would hold true across all cells and tissues.

The mechanical activation of TRPV4 is not only distinct
from the activation of PIEZO1, but data presented here on the
impact of point mutations within the TRPV4 sequence suggest
that mechanical activation of TRPV4 is distinct from activation
of the channel by other gating stimuli. Channel activation of
TRPV4-S824D and TRPV4-S824A compared to TRPV4-WT
is profoundly dependent on the type of gating stimulus that
is applied. TRPV4-dependent Ca2+ signaling, measured using
fluorimetric Ca2+ dyes, is increased in cells expressing TRPV4-
S824D and decreased in cells expressing TRPV4-S824A in
response to AA, in comparison with theWT channel. In contrast,
both mutations lead to sensitization of TRPV4 in response
to 4α-PDD and heat (Lee et al., 2010) and neither mutation
impacts TRPV4 channel activation by the TRPV4 agonist
GSK1016790A (Cao et al., 2018). However, when we assayed the
impact of mutations in TRPV4 on deflection-evoked currents,
two distinct types of currents were generated when the S824
residue in TRPV4 was manipulated to either mimic constitutive
phosphorylation (S824D) or prevent phosphorylation (S824A).
Type I currents were extremely sensitive (with an amplitude
over 1,000 pA) and were evoked by molecular-scale deflections
(below 50 nm). Type II currents gradually scaled in response to
1–1,000 nm stimuli with a comparable sensitivity to TRPV4-WT.
The average pillar deflection required for TRPV4 activation was
196 nm, comparable with the stimulus size for channel gating in
chondrocytes and nociceptors with high mechanical threshold
(Poole et al., 2014; Servin-Vences et al., 2017). However, the
deflection threshold was decreased by one order of magnitude

in type I currents of TRPV4-S824D and TRPV4-S824A. The
sensitivity of these currents was similar to the currents fromDRG
mechanoreceptors with low threshold required for fine touch
(Poole et al., 2014).

Changes in substrate mechanics and the cytoskeleton did
not modulate deflection-evoked TRPV4-WT currents. However,
increasing substrate roughness inhibited type I currents in
cells expressing either TRPV4-S824A or TRPV4-S824D. These
data suggest that the phosphorylation of TRPV4 at S824
can influence the impact of changing substrate mechanics on
channel activation. Previous studies revealed that TRPV4 plays
a central role in mechanotransduction during dynamic loading.
Pharmacological inhibition of TRPV4 prevents mechanically
induced extracellular matrix biosynthesis, while stimulation
of TRPV4 enhanced matrix production in the absence of
mechanical loading (O’Conor et al., 2014). As the pillar array
assay most closely mimics forces applied to cells via surrounding
matrices in vivo, our data suggest that matrix mechanics may also
regulate TRPV4 activation but such regulation requires specific
conditions such as phosphorylation at S824, or mutation to a
non-phosphorylatable state. An open question that remains to be
addressed is whether other modifications to the TRPV4 sequence
or in associated molecules can also result in similar effects.

It has been previously proposed that the C-terminal domain
of TRPV4 forms an autoinhibitory complex with a positively-
charged domain in the amino tail (Strotmann et al., 2010) that
is dissociated by calmodulin (CaM) binding. Mutation of E797-
D798 showed an increase in basal activity of TRPV4. Unlike
wild-type that is robustly activated by CaM, this mutant is not
responsive to Ca2+-CaM binding. It has been suggested that
the E797 and D798 residues are required for a salt bridge that
maintains the closed state of the channel, while CaM binding
to the adjacent site interferes with this inhibition (Loukin et al.,
2015). Furthermore, stromal interaction molecule 1 (STIM1), a
Ca2+ influx regulator, can interact with the C-terminal tail of
TRPV4. It has been reported that STIM1 association inhibits
TRPV4 activity. However, phosphorylation of S824 residue
prevents the interaction between TRPV4 and STIM1, resulting
in TRPV4 gain-of-function, in response to application of 4aPDD
(Shin et al., 2015). Phosphorylation of TRPV4 residue S824 has
also been shown to lead to increased Ca2+ signaling via the
TRPV4 channel in response to hypertonic stimuli (Fan et al.,
2009). While the cell swelling that occurs in response to a
hypotonic solution is a mechanical stimulus at the cellular level,
the resulting activation of TRPV4 relies on a second messenger
(via PLA2). We have previously shown that TRPV4 activation via
pillar arrays is a distinct process whereby the second messenger
is not required (Servin-Vences et al., 2017). The increase activity
of S824D and S824A in response to mechanical stimuli may
be accounted for by similar disinhibition mechanisms through
association or dissociation of auxiliary proteins or destabilizing
the channel closure by disrupting a bond. However, additional
research is required to investigate this further, particularly given
the importance of context and gaiting stimulus in the activation
of this polymodal channel.

The arthropathy-associated mutants including TRPV4-
G270V, -R271P and -F273L exhibit loss-of-function phenotype
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in response to application of TRPV4-specific agonist (confirmed
here) and failed to respond to hypotonic cell swelling (Lamandé
et al., 2011). However, when stimuli were applied via substrate
deflection, these mutant channels sustained currents comparable
to TRPV4-WT. In the case of TRPV4-G270V, an increase in
sensitivity was observed. Using cell surface biotinylation, we
confirmed impaired membrane localization of these mutants.
Hence, the reduced calcium influx that was observed with
agonist or cell swelling might be associated with the low
membrane expression level, resulting in reduced current density.
However, with the pillar array assay, stimuli are applied to
a delimited region of the membrane, where channels are
arrayed at the edge of individual pili. Our data suggests that
the actual mechanical activation of TRPV4 is not inhibited by
these point mutations. We have previously demonstrated that
TRPV4 activation by substrate deflections does not depend on
PLA2 (Servin-Vences et al., 2017), in contrast to activation of
TRPV4 by hypotonic cell swelling (a distinct type of mechanical
stimulus). The differential impact of these point mutations
on TRPV4 activity (loss-of-function in response to hypotonic
cell swelling vs. no change or gain-of-function in response to
substrate deflections) supports the hypothesis that activation of
TRPV4 by these two distinct types of mechanical stimuli are
separable processes.

Previous studies have suggested distinct roles for TRPV4
mechanotransduction in osteoarthritis (OA) subtypes. Cartilage-
specific deletion of TRPV4 prevents age-related OA in adulthood
but had no effects on injury-associated OA (O’Conor et al.,
2016). In addition, loss of TRPV4 in pan-knockout mice
accelerates age-related OA development (Clark et al., 2010).
These findings imply that TRPV4 plays a critical role in
mechanical signaling in a temporal and tissue-specific manner.
Therefore, in diseases such as OA and arthropathy, epigenetic
changes during aging may modulate mechanotransduction,
and thus the regulatory effects of arthropathy mutants on
downstream pathways may occur over a longer term, as
the mechanics of the cellular microenvironment change with
disease progression. The synergistic effects of point mutations
within TRPV4 and both cell intrinsic (microtubules) and cell
extrinsic (substrate mechanics) factors highlight the importance
of considering context when studying mechanical activation of
ion channels. This study addressed two important elements of
the cell-substrate interface, the mechanics of the substrate and
cytoskeletal structures within the cell. Future studies will be
required to determine whether additional molecules that are
present in this compartment are involved inmechanical signaling
via TRPV4, including extracellular matrix molecules, cell binding
and mechanosignalling molecules such as the integrins and

additional intracellular force-sensing proteins such as those
found in focal adhesion structures.

Together, our findings suggest that mechanical activation of
TRPV4 exhibits distinct modulatory mechanisms, compared to
PIEZO1. Ion channels with diverse activation and modulation
profiles may enable cells to differentiate and probe their
complex and changing mechanical microenvironment and
respond accordingly. In addition, our data highlight the fact
that activation of TRPV4 is extremely dependent on the gating
stimulus. It is yet to be determined whether the pathways
downstream of the channel activation can be also regulated by
divergent gating stimuli.
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A misdirected or imbalanced local immune composition is often one of the reasons

for unsuccessful regeneration resulting in scarring or fibrosis. Successful healing

requires a balanced initiation and a timely down-regulation of the inflammation

for the re-establishment of a biologically and mechanically homeostasis. While

biomaterial-based approaches to control local immune responses are emerging as

potential new treatment options, the extent to which biophysical material properties

themselves play a role in modulating a local immune niche response has so far

been considered only occasionally. The communication loop between extracellular

matrix, non-hematopoietic cells, and immune cells seems to be specifically sensitive to

mechanical cues and appears to play a role in the initiation and promotion of a local

inflammatory setting. In this review, we focus on the crosstalk between ECM and its

mechanical triggers and how they impact immune cells and non-hematopoietic cells and

their crosstalk during tissue regeneration. We realized that especially mechanosensitive

receptors such as TRPV4 and PIEZO1 and the mechanosensitive transcription factor

YAP/TAZ are essential to regeneration in various organ settings. This indicates novel

opportunities for therapeutic approaches to improve tissue regeneration, based on the

immune-mechanical principles found in bone but also lung, heart, and skin.

Keywords: regeneration, inflammation, mechanobiology, mechano-transduction, immune-mechanics, YAP/TAZ,

TRPV4, PIEZO1

INTRODUCTION

The immune response is essential for successful healing after an injury. Even under sterile
conditions, the immune system reacts to injury with a pro-inflammatory reaction as a first step
(Midwood and Piccinini, 2010; Schmidt-Bleek et al., 2012, 2015). However, a misguided immune
cell response leading to a too pronounced pro-inflammatory response or a prolonged anti-
inflammatory response ends in an unsuccessful or delayed healing outcome (Wynn, 2004; Braga
et al., 2015; Schmidt-Bleek et al., 2015; Dellacherie et al., 2019). Until now, research has mainly
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focused on how different cytokines and other small soluble
molecules influence the local immune response and subsequently
the healing outcome. According toWolff ’s law, tissue adaptations
in bone in particular are due to physical or mechanical forces
during its dynamic homeostatic remodeling (Wolff, 1986; Rho
et al., 1998). This force-sensitivity is also remarkably relevant for
healing and regeneration such as the healing of bone fractures
(Lienau et al., 2005; Schell et al., 2005; Epari et al., 2007;
Ghiasi et al., 2017). For example osteocytes show extraordinary
mechano-sensitivity and are engaged in regulating other cells
in their activity (e.g., osteoblasts and osteoclasts) according
to their mechanical sensation they perceive (Bonewald and
Johnson, 2008; Prideaux et al., 2016; Qin et al., 2020; Sato
et al., 2020). It is becoming increasingly apparent how relevant
the crosstalk between immune cells and bone cells is in both
homeostasis and regeneration (Tsukasaki and Takayanagi, 2019).
However, how the cell niche and its surrounding, notably its
mechanical properties, geometry and constitution, are involved
in the crosstalk between non-hematopoietic and immune cells
has long been overlooked or neglected.

Apparently, the control of cellular responses and cell
behavior via mechanical cues is essential for the homeostasis
and regeneration of tissue. Therefore, mechanical signals hold
great potential for new therapeutic approaches, and they have
inherent properties that circumvent some challenging and often
application-limiting problems associated with small molecules
or proteins. For example, mechanical cues only act locally,
and thus, there is no diffusion of the therapeutic stimuli.
As a result, mechanical stimuli can, if correctly designed
and as needed, remain within the “therapeutic window” for
days, weeks, months, or even years and without the need for
constant re-application of the therapeutic agent. Moreover, when
biomaterials are implanted in vivo, they are not mechanically
isolated but come into contact with the surrounding tissue and
cells. Therefore, forces, pressure, deformations and fluid flow
should be considered as potential features for any therapeutical
use of mechano-biological cues in addition to the inherent
mechanical properties of the biomaterial such as stiffness,
(visco-)elasticity, pore size, patterns, shape, and geometrical
organization. Interestingly, matching for example the stiffness of
the biomaterial to the surrounding tissue could already minimize
the foreign body response (Carnicer-Lombarte et al., 2019).
Deciphering such mechanical interfaces between biomaterials,
surrounding tissue and immune cells will enable newmodulation
and intervention strategies in regenerative medicine.

So far, the exact mechanism and receptors involved in the
perception of the mechanical niche around the cells and how
this alters cell behavior have not yet been fully elucidated. This
review addresses the question how relevant the mechanical niche
is for immune cells in tissue regeneration. We aim to review what
is known for different tissue regeneration processes as they are
known in bone, lung, heart and skin. With such an approach we
intend to decipher the immunomodulatory mechanical features
that are either directly perceived by the immune cells themselves
or indirectly by non-hematopoietic cells. In the latter case, non-
hematopoietic cells act as carriers of mechanical properties to
immune cells. Understanding critical mechanical properties that

either induce pathological processes in the body or initiate a
successful healing response will help to exploit the full potential
of mechanical regulation of cell behavior in vivo for future
therapeutic approaches.

This review highlights the close crosstalk between the immune
system and non-hematopoietic cells during pathological and
regenerative processes in bone tissue, with a focus on mechanical
constraints. We suggest that the mechanical niche influences
ECM composition, non-hematopoietic and immune cells and
thereby changes their crosstalk (Figure 1). Bone is of particular
interest because it is able to regenerate without scarring, which
represents the “ideal” healing capacity. At present, studies
focusing on mechanical properties that influence crosstalk
between immune cells, non-hematopoietic cells and the ECM
in the development of pathologies or regeneration in bone are
relatively rare. Therefore, we have looked at other tissues such
as the lung and the heart, where more studies have already been
conducted to decipher the crosstalk between immune cells, non-
hematopoietic cells and the ECM from a mechanical point of
view.We also looked at skin tissue, which is often used as a model
to study wound healing. Finally, we will look back at the bone to
identify common principles of interaction between the immune
system and the mechanical niche and will point to possible new
research opportunities.

BONE HEALING IS MODULATED VIA
IMMUNE-MECHANICS

Bone Cells Are Influencing Immune Cell
Development
The bone marrow harbors the hematopoietic stem cell
(HSC) niche, which gives rise to the myeloid and lymphoid
compartment of the immune system (Okamoto et al., 2017).
Besides this spatial proximity between the HSC niche and bone,
they are also developmentally and functionally connected.
Osteoclasts are derived from monocytes in the myeloid
compartment of the immune system, while mesenchymal stem
cells (MSCs) within the bone marrow give rise to osteoblasts,
and also contribute to the HSC niche (Loi et al., 2016). Even
after their development from common progenitors, bone
and immune cells stay in close contact with each other and
more and more mechanisms have now been discovered about
how bone cells influence immune regulation and homeostasis
(Takayanagi, 2007).

Osteoblasts, osteocytes and osteoclasts have all been described
to influence immune cells in physiological and pathological
conditions (Tsukasaki and Takayanagi, 2019). HSCs must remain
in the bone marrow niche to maintain their stem cell status and
to allow the continuous formation of new blood and immune
cells (Suárez-Álvarez et al., 2012; Morrison and Scadden, 2014).
On the other hand, however, the recruitment of immature
and maturing hematopoietic cells into the periphery has been
suggested to contribute to host defense and tissue repair (Cottler-
Fox et al., 2003; Kollet et al., 2003).

Osteoblasts progenitors, more specifically CXC-chemokine
ligand 12 (CXCL12) abundant reticular (CAR) cells, were
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FIGURE 1 | The mechanical niche defined by the extracellular matrix

influences the crosstalk between non-hematopoietic cells and immune cells.

shown to contribute to the HSC niche by expressing CXCL12,
a chemokine with important functions in the homing and
retention of hematopoietic stem/progenitor cells in the bone
marrow (Lévesque et al., 2003; Omatsu et al., 2010; Greenbaum
et al., 2013). Moreover, CXCL12 from osteoblast progenitors
plays an important role for normal B- and T cell development
in the bone marrow (Ara et al., 2003; Greenbaum et al.,
2013; Tsukasaki and Takayanagi, 2019). The dysregulation of
osteoblasts via the overexpression of jagged 1 has been associated
with acute myeloid leukemia in mice (Kode et al., 2014).
Moreover, sepsis-induced osteoblast ablation has been shown
to lower interleukin (IL)-7 levels in the hematopoietic stem
cell niche, resulting in lymphopenia and immunodeficiency
(Terashima et al., 2016).

Osteocytes were shown to regulate hematopoiesis and
myeloid expansion via the secretion of the proliferative factor
granulocyte colony-stimulating factor (G-SCF) (Fulzele et al.,
2013). Moreover, the ablation of osteocytes in mice was
associated with defects in bone marrow, thymus and spleen
and subsequently showed sever lymphopenia (Sato et al., 2013).
In bone, osteocytes are the main producer of sclerostin, a
potent inhibitor of osteoblastic bone formation (Li et al., 2008).
Sclerostin-knockout mice however, showed also a depletion of
the B cell lineage within the bone marrow and significant
reduction of CXCL12 (Cain et al., 2012).

Osteoclasts have been shown to secrete matrix
metallopeptidase 9 (MMP9) and cathepsin K, both playing
a role in the degradation and inactivation of CXCL12 (Kollet
et al., 2006). In addition, the administration of osteoclast
stimulator receptor activator of nuclear factor (NF)-κB (RANK)
ligand (RANKL) led to a decrease in CXCL12 and promoted
the mobilization of hematopoietic progenitor cells, thereby
impairing hematopoiesis (Kollet et al., 2006). Moreover, high
calcium concentration produced during bone resorption via
osteoclasts has been described to be essential for HSCs niche
maintenance (Adams et al., 2006).

Thus, bone progenitor cells and mature bone cells are
important for the regulation and maintenance of the HSC
niche. Consequently, dysfunctional bone (progenitor) cells in the
bone marrow have been found to be associated with immune
system pathologies.

Immune Cells Are Regulating the Activity
of Bone Cells
Conversely, both lymphoid and myeloid immune cells influence
the behavior of bone cells in many bone pathologies by altering
the balance of bone formation and resorption (Tsukasaki and
Takayanagi, 2019).

Bone resorption is tightly regulated via the RANKL-RANK
system (Boyce and Xing, 2008). Signaling via RANKL-RANK
together with macrophage colony-stimulating factor (M-CSF) is
needed for the maturation and activation of osteoclast precursors
and thus promotes bone resorption (Kong et al., 1999; Okamoto
et al., 2017). Osteoprotegerin (OPG) is produced by B cells,
dendritic cells, MSCs and osteoblasts and can act as decoy
receptor for RANKL, blocking RANK mediated signaling in
osteoclast precursors and reduce their maturation and activation,
leading indirectly to more bone formation (Khosla, 2001).
Moreover, T cells also express RANKL and may thereby promote
osteoclast maturation and increase bone loss (Theill et al., 2002;
Takayanagi, 2007; Weitzmann, 2013). However, the effect of T
cells expressing RANKL is often overridden by the secretion
of interferon (IFN)-γ by T helper (TH) 1 cells (Takayanagi
et al., 2000). IFN-y interferes with the RANKL-RANK signaling
pathway and thus reduces osteoclastogenesis (Takayanagi et al.,
2000). While IL-6 secreted by TH2 was found to increase
RANKL expression on MSCs and osteoblasts, IL-4 secreted
by TH2 has been shown to interfere with the RANKL-RANK
signaling pathway and reduce osteoclastogenesis (Takayanagi,
2007; Claes et al., 2012). TH17 cells have been shown to promote
osteoclastogenesis in rheumatoid arthritis mainly by promoting
RANKL expression in synovial fibroblasts via IL-17 secretion
(Sato et al., 2006; Danks et al., 2016).

In addition to the lymphoid cells of the immune system, the
myeloid compartment has also been described to regulate
bone homeostasis (Loi et al., 2016). Pro-inflammatory
cytokines including tumor necrosis factor (TNF), IL-1 and
IL-6 secreted by macrophages promoted osteoclastogenesis and
increased bone resorption (Boyle et al., 2003; Takayanagi, 2007).
However, monocytes and macrophages also support osteoblast
differentiation and proliferation through the secretion of bone
morphogenetic protein (BMP)-2, BMP-4 and transforming
growth factor (TGF)-b1 (Fromigué et al., 1998; Champagne
et al., 2002; Blom et al., 2004). Furthermore, macrophages
promote mineralization and osteogenic differentiation of MSCs
via b-tricalcium phosphate and oncostatin m (Chen et al.,
2014; Guihard et al., 2015). In addition, the polarization of
macrophages toward an M2 phenotype via the administration of
IL-4 and IL-13 has been shown to promote the mineralization of
the soft callus after bone fracture (Schlundt et al., 2018).

These findings suggest that the number and activity of
osteoclasts and osteoblasts can be regulated by lymphoid and
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myeloid immune cells and therefore shift the balance between
bone resorption and bone formation.

Immune Cells Are Crucial Players for
Successful Bone Fracture Healing
The close interaction of bone and immune cells already suggests
that the immune system also plays a decisive role in bone
fracture healing. Indeed, timing of the initial pro-inflammatory
and subsequent anti-inflammatory phase during bone healing
is a necessity for successful healing (Mountziaris and Mikos,
2008; Schmidt-Bleek et al., 2012, 2014, 2015; Spiller et al., 2015;
Maruyama et al., 2020).

The healing cascade after bone fracture can be divided into
consecutive but partly overlapping phases (Kolar et al., 2010;
Schmidt-Bleek et al., 2015). During the fracture event, blood
vessels are disrupted, resulting in hematoma formation. This
early fibrin network marks the start of the inflammatory phase
and creates a first provisional matrix, into which mainly pro-
inflammatory polymorphonuclear leukocyte (PMNs) migrate in
and secrete pro-inflammatory cytokines, such as C-C motif
chemokine 2 (CCL2) and IL-6 (Yang et al., 2007; Xing et al., 2010;
Bastian et al., 2011, 2016). The immigrated PMNs secret CCL-
2 and IL-6 recruit, which attracts macrophages and monocytes
from the surrounding tissue and vessels into the hematoma
(Hurst et al., 2001; Xing et al., 2010; Claes et al., 2012). The
recruited macrophages start to phagocytose necrotic cells and
debris and secrete further pro-inflammatory cytokines such as
TNF, IL-1β, IL-6, and CCL2, which recruits fibroblasts, MSCs and
osteoprogenitor cells (Kon et al., 2001; Bielby et al., 2007; Wu
et al., 2013).

In addition, lymphoid cells have also been found to immigrate
during the pro-inflammatory phase into the fracture hematoma
(Glynne Andrew et al., 1994; Könnecke et al., 2014). Pro-
inflammatory factors such as IL-1, IL-6, and TNF have been
found to increase RANKL expression on activated T cells,
resulting increased osteoclastogenesis (Clowes et al., 2005;
Hardy and Cooper, 2009). Even though, activated T cells
also secrete interferon (INF)-γ, that interferes with RANKL
signaling through downregulating tumor-necrosis factor-
receptor-associated factor 6 (TRAF6), it has been suggested, that
RANKL mediated promotion of osteoclastogenesis is dominant
over the IFN-γ mediated downregulation of osteoclastogenesis
(Takayanagi, 2007; Greenblatt and Shim, 2013). Moreover,
IFN-γ secreted by cytotoxic T cells also led to a higher pro-
inflammatory M1 macrophage polarization (Schmidt-Bleek
et al., 2012). Thus, IFN-γ seems to have more pro-inflammatory
and osteoclast promoting functions.

This first pro-inflammatory phase, characterized by
the formation of the hematoma and recruitment of pro-
inflammatory cells, has been found to be critical for a successful
healing outcome (Gerstenfeld et al., 2003; Yang et al., 2007; Kolar
et al., 2010; Glass et al., 2011). However, within the inflammatory
phase, an anti-inflammatory response is needed to resolve
inflammation and allow for the transition to the subsequent
soft callus and hard callus phase (Serhan and Savill, 2005;
Schmidt-Bleek et al., 2015). IL-4, IL-10, and TGF-β secreted

by regulatory T cells (Tregs) interfere with RANKL signaling
and reduce osteoclastogenesis and thus the presence of Tregs
were associated with a shift from pro- to an anti-inflammatory
phase (Arron and Choi, 2000; Takayanagi et al., 2000). In the
soft callus phase, connective tissue is formed first, and later
replaced by the formation of cartilage via the differentiation of
MSCs into chondrocytes (Gerstenfeld et al., 2003; Claes et al.,
2012). This soft callus gives initial mechanical stability and
serves as a scaffold for new bone formation via endochondral
ossification during the hard callus phase, where MSCs and
osteoprogenitors are recruited, differentiate into osteoblasts, and
start to mineralize the ECM, which can be remodeled to regain
form and function of the bone tissue (Bielby et al., 2007; Loi
et al., 2016).

Immuno-Modulatory Interventions to Promote Bone

Healing

Both the pro- and anti-inflammatory phases are necessary for
successful healing and excessive downregulation of either phase
can inhibit the healing cascade (Schmidt-Bleek et al., 2015;
Rapp et al., 2016). Thus, factors influencing either the pro-
inflammatory or anti-inflammatory phase have been shown to
largely affect the fracture healing outcome. Most often, the aim
of the intervention lays on re-establishing the balance between
pro- and anti-inflammatory response, with a focus on preventing
a prolonged pro-inflammatory phase.

In mice for example, the transplantation of MSCs to
mediate bone repair, was found to be considerably improved
with additional downregulation of TNF-α and IFN-γ via the
administration of aspirin or systemic infusion of Tregs (Liu
et al., 2011). The authors propose that IFN-γ, secreted by the
recipients T-helper cells, downregulate runt-related transcription
factor 2 (Runx-2) in the transplanted MSCs and thus inhibits the
osteogenic differentiation (Liu et al., 2011).

The administration of a prostacyclin (PGI2) analog has
been shown to improve fracture healing by downregulating
pro-inflammatory cytokine release from CD8+ and CD4+
T cells while promoting the anti-inflammatory response via
an increased numbers of M2 macrophages in the fracture
gap (Wendler et al., 2019). Similarly, Tregs are usually
associated with anti-inflammatory functions and have been
shown to inhibit osteoclastogenesis by cell-cell contact and
the expression of transforming growth factor-beta (TGF-
β), IL-4, and IL-10 (Zaiss et al., 2007). Consequently, the
adoptive transfer of Tregs improved fracture healing, when
they overcome a certain CD8+ effector T (Teff) cell/Treg ratio
(Schlundt et al., 2019). Additionally, an elevated concentration
of terminally differentiated CD8+ effector memory T cells
(CD8+CD11a++CD57+CD28-T cells), a subpopulation known
for high pro-inflammatory properties, at the fracture gap
significantly delayed the fracture healing cascade in patients.
While the depletion of CD8+ T cells by specific antibody therapy
was shown to enhance the endogenous fracture regeneration
in a murine model, an adoptive transfer of CD8+ T cells
however impaired the fracture repair (Reinke et al., 2013). Higher
concentration of effector memory T cells can be found in a
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more experienced immune system, which usually has a higher
propensity for pro-inflammatory effects (Bucher et al., 2019).

Therefore, gaining control over the immune system may
lead to promising therapeutic approaches in bone pathologies
and regeneration.

Mechanical Properties Are Regulating the
Immune Response Following Fracture
Until now, therapeutic approaches have mostly focused on
biological factors that influence the immune response. Thus, it
has mostly been overlooked so far, how different biophysical and
mechanical properties during the healing cascade might directly
or indirectly influence the immune response and subsequently
suppress or promote bone healing.

At the tissue level, the stability of the fracture gap seems
to be closely related to the healing outcome. A stable fracture
fixation (minimizing interfragmentary movement) most likely
leads to direct bone formation, a moderately fixed fracture may
heal by endochondral ossification and an unstable fixed fracture
gap almost suppresses the bone healing cascade (Epari et al.,
2006, 2007; Claes et al., 2012). How are these mechanically
different situations related to the healing process? At the cellular
level, cyclic tensile strain applied to osteoblasts was found
to induce higher OPG and lower RANKL expression (Tang
et al., 2006). Conversely, dynamic compression of osteoblasts in
vitro showed higher expression of pro-inflammatory IL-6, IL-8,
RANKL, and lower expression of OPG, possibly delaying a bone
healing response by increased osteoclast activity (Sanchez et al.,
2009, 2012). Moreover, compression of osteoblasts stimulated
expression of the IL-17 gene. IL-17 has been shown to increase
the expression of IL-1, IL-6, IL-8, IL-11 in osteoblast cells in an
autocrine manner (Zhang et al., 2010). A function of IL-17 is
to stimulate the expression of RANKL on osteoblasts, thereby
increasing osteoclastogenesis and osteoclast activity, which may
eventually lead to bone erosion (Miossec and Kolls, 2012).
Furthermore, systemically elevated levels of IL-8 have been found
after bone fracture, and it has been shown that mechanically
stimulated osteoblasts release IL-8, which may be the source of
the systemically elevated IL-8 levels (Perl et al., 2003; Reinke
et al., 2013). IL-8 appears to be involved in several regenerative
processes, such as the regulation of revascularization of newly
formed tissue after a fracture (Koch et al., 1992; Hou et al., 2014).
A lack of sufficient revascularization has been associated with
poorer healing outcome (Schmidt-Bleek et al., 2015). In addition,
IL-8 is also a chemokine, that attracts polymorphonuclear
leukocytes (PMNs) to the site of inflammation (Kolar et al., 2011;
Vasconcelos et al., 2016). The attraction of PMNs to the fracture,
does not per se negatively affect the healing outcome, since an
initial pro-inflammatory response is required for a good healing
outcome (Schmidt-Bleek et al., 2015). Moreover, IL-8 has been
shown to be important for stem cell recruitment and increased
chondrogenic gene expression and bone morphogenetic protein
(BMP) sensitivity, thereby positively influencing osteochondral
bone healing (Lin et al., 2019). It appears, that at least the
osteoblasts are actively involved in the perception of cyclic stretch
and respond to it by secreting pro-inflammatory cytokines.

Moreover, osteoblast proliferation has been found to occur
mostly during the pro-inflammatory phase (Gerstenfeld et al.,
2003; Watanabe et al., 2009)

Beyond the above-mentioned aspects, little is known about the
regulation of the immune-mechanical interplay in bone healing.
However, in other organ systems a more profound knowledge
on mechano-immunological coupling has been gathered, which
we would like to compare with the bone-related knowledge in
order to gain a more comprehensive understanding on how
immune-mechanics influences tissue regeneration. Although
lung, heart, and skin tissue seem at the first very different,
the universal feature that we think allows for comparison and
extrapolation of information to bone tissue is their remarkable
mechanosensitivity, constant exposure to high forces and stress,
and of course all tissues are infiltrated by the immune system in
health and disease.

LUNG INFLAMMATION FOLLOWING
INJURY IS MODULATED VIA
IMMUNE-MECHANICS

Positive pressure mechanical ventilation is a life-saving therapy
for patients with acute lung injury (ALI), or its more severe
form, acute respiratory distress syndrome (ARDS) (Kuipers et al.,
2011). However, it can also lead to ventilator-induced lung
injury (VILI), which exacerbates pre-existing lung damage and
inflammation (Tremblay and Slutsky, 2006; Kuipers et al., 2012)
(Figure 2A). To reduce the release of inflammatory mediators,
it has been suggested that mechanical ventilation with lower
tidal volumes should be preferred over high tidal volumes,
even though this may cause acidosis and reduced arterial
oxygenation (Blanch et al., 1994; Brower et al., 2000). A deeper
understanding of how mechanical overdistension of the lung
causes inflammatory processes is therefore highly desirable to
minimize the side effects of mechanical ventilation in patients
with already severe conditions. Moreover, the mechanisms we
may learn from understanding how mechanical ventilation
induces pro-inflammatory reactions, is an excellent tool to
decipher immune-mechanical principles.

ECM-Components as
Mechano-Transducer in Inflammation
One possible way how mechanical stimuli can alter the immune
response is by changing the ECM-composition. It has been
shown, that excessive mechanical ventilation increased the
amount of proteoglycan and biglycan in the lung (Al-Jamal
and Ludwig, 2001). Biglycan was found to bind to the Toll-like
receptor (TLR) 4 on macrophages and to increase the expression
of pro-inflammatory TNF-α and macrophage inflammatory
protein (MIP)-2 (also known as CXCL2, a chemokine/cytokine
sharing the same receptor with human IL-8), thereby triggering
or promoting an already ongoing inflammatory response
(Schaefer et al., 2005) (Figure 2B).

Another ECM component often associated with trauma is
hyaluronic acid (HA). HA exists as a more immunological
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FIGURE 2 | Forces acting on lung tissue changes the extracellular matrix (blue panel), or are perceived by non-hematopoietic (light orange panels) and immune cells

(pink panel), thereby setting up fibrosis and pro-inflammatory responses. (A) Forces that are caused for example by mechanical ventilation act on lung tissue. This may

lead to the cellular responses shown in (B–F). (B) Biglycan binds to TLR4 receptor on macrophages, thereby leading to the secretion of TNF-α and MIP-2. The latter

acts as a chemoattractant for neutrophils. (C) Stretching of fibroblasts increases the amount of hyaluronan synthase 3 (HAS3), which produces low molecular weight

hyaluronic acid (LMW-HA). Macrophages then bind LMW-HA via TLR4 and react with the secretion of IL-8 and IFN-β, both of which are associated with

pro-inflammatory functions. (D) Cyclic stretch of alveolar epithelial type II cells (AEIIs) leads to nuclear localization of YAP/TAZ, and subsequently increases the

proliferation rate. (E) Increased stiffness of the extracellular matrix (ECM) leads to nuclear localization of YAP in fibroblasts, which subsequently show enhanced

production of ECM components. This might increase the stiffness of the ECM again and start a vicious cycle, that may end in fibrosis. (F) Calcium influx in

macrophages via TRPV4 and crosstalk with LPS mediated signaling leads to increased secretion of pro-inflammatory cytokines such as TNF-α, ROS, and IL-6. The

YAP symbol in the illustrations is representative for YAP and TAZ. CXCL, C-X-C motif ligand; IL, interleukin; IFN, interferon; LPS, lipopolysaccharides; MIP-2,

macrophage inflammatory protein-2; TAZ, WW domain-containing transcription regulator 1; TNF-α, tumor necrosis factor alpha; TRPV4, transient receptor potential

vanilloid 4; YAP, yes-associated protein 1.

inert high molecular weight form (HMW-LA), and as pro-
inflammatory low molecular weight hyaluronic acid (LMW-HA)
form. Mechanical ventilation of rat lungs with high tidal volumes
but not low tidal volumes led to an accumulation of LMW-HA in
lungs (Mascarenhas et al., 2004). On a cellular level, stretching
of pulmonary fibroblasts or alveolar epithelial type II cells
(AEIIs) induced in vitro the expression of hyaluronan synthase
3 (HAS3); the enzyme that produces LMW-HA (Itano et al.,
1999; Mascarenhas et al., 2004; Heise et al., 2011). LMW-HA
might then bind to TLR2 or TLR4 on macrophages and increase
the expression of IL-8 and IFN-β and finally induces a pro-
inflammatory response after mechanical ventilation with high
tidal volumes (Jiang et al., 2005; Black et al., 2013) (Figure 2C).
Moreover, LMW-HAhas been shown to be sufficient for inducing
epithelial to mesenchymal transition (EMT) of AEIIs, often
associated with aberrant wound healing and fibrosis (Heise et al.,
2011). Interestingly, stretched fibronectin conformation has been
found to bind to TLR4 on lung cancer cells and increased IL-8
expression and release (Cho et al., 2020).

This suggests that not only the presence of fibronectin, but also
the mechanical environment and consequently the conformation
of fibronectin may have important implications. A stretched
fibronectin conformation could be an indicator of mechanically

stressed tissue and could be involved in triggering inflammation
by increasing the levels of IL-8.

Non-hematopoietic Cells as
Mechano-Transducer in Inflammation and
Regeneration
The yes-associated protein 1 (YAP)/ WW domain-containing
transcription regulator 1 (WWTR1, also known and more
commonly referred to as TAZ) pathway integrates mechanical
stimuli, soluble signals, and metabolic information to regulate
cell proliferation, cell plasticity and stemness (Totaro et al., 2018;
Pocaterra et al., 2020). Although not exclusively regulated by
mechanical stimuli, the YAP/TAZ pathway has been shown to
be highly mechanosensitive (Dupont et al., 2011). YAP/TAZ can
translocate into the cell nucleus by cell-cell contact signaling
and/or ECM-integrin-focal adhesion kinase (FAK) signaling
(Dupont et al., 2011; Pocaterra et al., 2020) or forces can
directly trigger the entry of YAP into the cell nucleus by
regulating transport through nuclear pores (Elosegui-Artola
et al., 2017). Additionally, cyclic stretch has been shown to
increase YAP nuclear localization in AEIIs and subsequently
their proliferation rate (Codelia et al., 2014) (Figure 2D). This
could have a significant impact on lung regeneration, as ACEIIs
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are considered stem/progenitor cells for the alveolar epithelium
in homeostasis and regeneration (Hogan et al., 2014). Hence,
an increased proliferation of ACEIIs via YAP/TAZ triggered by
cyclic stretching could also promote the regeneration process in
other organs. Accordingly, YAP/TAZ inhibition in AEIIs mice
showed increased IL-1β levels and prolonged fibrotic lesions and
delayed regeneration compared to normal YAP/TAZ mice (Liu
et al., 2016; LaCanna et al., 2019).

In addition to AEIIS, pulmonary fibroblasts also proved to
be mechano-sensitive and YAP/TAZ signaling could trigger
myofibroblast differentiation and activation. Pulmonary
fibroblasts responded to an increase in matrix stiffness to a
pathophysiological level with nuclear localization of YAP/TAZ
(Liu et al., 2015) (Figure 2E). Overexpression of YAP/TAZ
in pulmonary fibroblasts resulted in increased fibrogenic
potential via an enhanced proliferation rate and matrix synthesis
(Liu et al., 2015). Blocking YAP/TAZ signaling in pulmonary
fibroblasts reversed the deposition, contraction, and stiffening of
the matrix in vitro and was able to reverse bleomycin-induced
pulmonary fibrosis in vivo (Haak et al., 2019). These findings
suggest that YAP/TAZ might be an important player during
the anti-inflammatory response leading to ECM formation, but
also, if not temporal limited, to fibrosis. Therefore, YAP/TAZ
could be an attractive target to control the regeneration process
by downregulating fibrotic processes and directing the healing
process toward regeneration rather than toward scarring.

Immune Cells as Mechano-Transducer in
Inflammation and Regeneration
Alternatively, the immune cells might directly sense mechanical
properties themselves and respond with pro-inflammatory
reactions. A possible way how cells perceive forces such as
shear, stretch, osmotic swelling and shrinkage, stiffening and
surface expansion is via the transient receptor potential vanilloid
4 (TRPV4). When activated, TRPV4 causes a Ca2+ influx
and initiates Ca2+ mediated signaling cascades (Strotmann
et al., 2000; Vriens et al., 2004; Wu et al., 2007; Shin et al.,
2012; Jo et al., 2015; Baratchi et al., 2016; Lee et al., 2019;
Rosenbaum et al., 2020). Signaling via TRPV4 in VILI was
also shown to activate macrophages, increase phagocytosis
and caused secretion of pro-inflammatory mediators such as
reactive oxygen species (ROS) and nitrogen species (NOS)
(Hamanaka et al., 2010). Overall, this suggests that increased
matrix stiffness as a result of inflammation, is sufficient to
increase pro-inflammatory macrophage activity (Okamoto et al.,
2018; Sridharan et al., 2019). Interestingly, there might be a cross-
talk between lipopolysaccharide (LPS) mediated activation of
macrophages via TLR4 and TRPV4. Blocking TRPV4 signaling
prevented LPS-induced acute lung injury and resulted in lower
levels of pro-inflammatory molecules such as TNF-α, IL-6, and
ROS (Li et al., 2019). Moreover, TRPV4 may lead to a change
in the TLR4 signaling pathway, that promotes phagocytosis
and bacterial clearance (Scheraga et al., 2020). This nicely
demonstrates that there is a crosstalk between pro-inflammatory
pathways (TLR4) and mechanosensitive pathways (TRPV4).

PIEZO1 is another mechanosensitive Ca2+ ion channel
involved in mechanically triggered inflammation. PIEZO1 is
highly expressed on macrophages and other immune cells
enabling them to sense omnidirectional pressure (Tolar and
Wack, 2019). Cyclic hydrostatic pressure can activate an
inflammatory response in macrophages and monocytes via
PIEZO1 (Solis et al., 2019). Mechanistically, cyclic pressure
activates PIEZO1 Ca2+ influx in monocytes, thereby increasing
the expression and secretion of endothelin1 (ET1) (Solis et al.,
2019). ET1 then signals back in an autocrine manner, stabilizing
hypoxia-inducible factor 1-alpha (HIF-1α), which ultimately
increases the expression and secretion of the chemoattractant
CXCL2 in monocytes (Solis et al., 2019). Finally, neutrophils
migrate from the blood along the CXCL2 gradient into the lung
and initiate a pro-inflammatory response (Solis et al., 2019)
(Figure 2F). In summary, this shows that mechanical stimuli play
a role in the activation of innate immune cells and in the case of
PIEZO1 and TRPV4 can trigger an inflammatory response.

HEART INFLAMMATION IS MODULATED
VIA IMMUNE-MECHANICS

In contrast to most other tissues, heart tissue appears to
preferentially form fibrotic tissue rather than new muscle tissue
in response to damage (Russo et al., 2019). It is assumed
that the fibrotic tissue spatially confines the injured area and
thus prevents further damage of healthy tissue under constant
mechanical stress (Russo et al., 2019). In contrast to healthy
tissue, scar and fibrotic tissue have a different structure in their
ECM and are probably also more readily formed (Willyard,
2018). Here, the fastest possible restoration of “functional tissue”
seems to be of crucial importance, and a regeneration pause is
not an option. Consequently, the preferred strategy of forming
fibrotic tissue after injury allows the maintenance of structural
support at the expense of an active contribution to the dynamic
function of the heart. The use of mechanical unloading strategies
via axillary pumps, primarily used as a mechanical circulatory
support in cardiogenic patients, have been shown to boost
endogenous repair in form of reduction in immune cell presence,
modulation of the ECM and cardiac metabolism, which go
along with a drop in integrin expression (Spillmann et al., 2019;
Tschöpe et al., 2019). This example from cardiac regeneration (or
lack thereof) illustrates how local immune (im-)balance regulate
tissue maintenance and fibrosis after injury while being under
constant mechanical stress (Figure 3A).

ECM-Components as
Mechano-Transducer in Inflammation
Some ECM components in the heart tissue can serve asmechano-
transducers. For example, cells responded to a stiffer ECM
with increased expression of heparan sulfate proteoglycan agrin
(Chakraborty et al., 2017). Since its discovery in the early
90s, many functions of agrin have been identified. The most
prominent and one of the earliest discoveries was the role
of agrin as a key regulator of the formation of postsynaptic
structures at the neuromuscular junction (Ruegg and Bixby,
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FIGURE 3 | Forces acting on heart tissue changes the extracellular matrix (blue panel), and are perceived by non-hematopoietic (light orange) and immune cells (pink

panel), thereby leading to regenerative or tissue destructive processes. (A) Forces that are caused for example by transverse aortic constriction may lead to the

cellular responses shown in (B–E). (B) The extracellular component agrin increases the stability of the ECM-integrin interaction, resulting in enhanced nuclear

localization of YAP/TAZ in cardiomyocytes. Nuclear YAP/TAZ localization may then increase the proliferation rate of cardiomyocytes. (C) YAP/TAZ knock out in the

epicardium leads to lower levels of INF-γ and a decrease of regulatory T cell (Treg) numbers. (D) Transverse aortic constriction leads to higher forces perceived by

fibroblasts. Together with higher TGF-β levels, this decreases the MMP8 levels and the MMP8 cleavage product proline-glycin-prolin (PGP). Subsequently, the

reduced PGP levels downregulate the recruitment and activation of monocytes and macrophages. (E) High shear stress during aortic valve stenosis leads to Ca2+

influx in monocytes, upon which they react with the secretion of pro-inflammatory mediators, such as IFN-β1, IL-1β, IL-1ra, IL-6, and IL-12. The YAP symbol in the

illustrations is representative for YAP and TAZ. IL, interleukin; IFN, interferon; MMP8, Matrix metallopeptidases 8; TAZ, WW domain-containing transcription regulator

1; TGF-β, transforming growth factor β; YAP, yes-associated protein 1.

1998). Surprisingly, agrin was also found on the surface of T
cells and contributes as co-stimulatory signal, as well as to the
strengthening of the immunological synapse between T cells and
antigen-presenting cells (APCs) (Bezakova and Ruegg, 2003).
Agrin was also found in the growth plate of bone and was shown
to be highly expressed by chondrocytes (Hausser et al., 2007). It
was later suggested that agrin is also an important extracellular
component of the ECM-integrin-FAK axis and therefore helps to
connect the cellular cytoskeleton to the ECM to ensure proper
force transmission and matrix stiffness transfer (Haak et al.,
2019).Moreover, agrin appears to be essential for the regenerative
abilities of the neonatal mouse heart by promoting the division
of cardiomyocytes via YAP- and ERK-mediated signaling (Bassat
et al., 2017) (Figure 3B). In vivo, a single administration
of agrin in adult mice after myocardial infarction promoted
cardiac regeneration by pleiotropic effects such as cardiomyocyte
proliferation, immune modulation and angiogenesis (Bassat
et al., 2017). For example, agrin mediated signaling has been
shown to cause increased actin cytoskeletal rearrangements,
with the result that agrin deficiency impaired phagocytosis in
macrophages and ultimately the clearance of tissue debris after
injury (Mazzon et al., 2012). Adult mammalian hearts generally
have a very low regenerative capacity, likely due to the inability
of fully differentiated cardiomyocytes to proliferate (Kikuchi and
Poss, 2012; Bigotti et al., 2020). Therefore, therapies that promote

the proliferation of cardiomyocytes via YAP/TAZ-signaling such
as the administration of the ECM-component agrin, are an
exciting new approach, whose full potential, including its effect
on immune cells, could be the focus of further research.

Non-hematopoietic Cells as
Mechano-Transducer in Inflammation and
Regeneration
Current findings suggest that inflammation is likely to have both
negative and positive effects on regeneration, with an initial pro-
inflammatory phase being necessary to start the regeneration
process, but an uncontrolled and prolonged inflammatory
response is detrimental (Coggins and Rosenzweig, 2012). It is
therefore not surprising that macrophages and monocytes are
essential for a good healing outcome (Morimoto et al., 2006;
Van Amerongen et al., 2007; Leblond et al., 2015). One way
to promote the local accumulation of monocytes is through
cyclic stretching. For example cyclic stretching of rat neonatal
cardiomyocytes resulted in increased TLR4 expression and
consequently to more TLR4 mediated adhesion of monocytes
to cardiomyocytes (Shyu et al., 2010). Additionally, it has
been shown that cyclic stretching of rabbit cardiomyocytes
increased IL-18 expression (Yoshida et al., 2014). IL-18 is a
potent growth factor that induces cardiomyocyte hypertrophy
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in vitro (Chandrasekar et al., 2005) and myocardial hypertrophy
in vivo (Reddy et al., 2010). However, it is believed that the
initiation and control of inflammation is regulated by cells
in the epicardium such as fibroblast and not by myocytes
(Ramjee et al., 2017). For example, in vitro mechanical
stretching, which mimics cardiac dilatation during heart failure,
induces fibroblast activation and stimulates not only the
production of ECM but also the production of chemokines,
such as the monocyte chemoattractant protein (MCP)-1
and MCP-3, and triggers typical inflammatory pathways
(Lindner et al., 2014).

Although an improved healing outcome by YAP/TAZ
signaling in cardiomyocytes is often attributed to increased
myocyte proliferation (Lin et al., 2014; Leach et al., 2017; Wang
et al., 2018), YAP/TAZ may also play an immunomodulatory
role in regeneration. It has been found that the loss of YAP/TAZ
in the epicardium led to an enhanced fibrotic response and
was associated with a decrease in IFN-y expression, which
is a direct transcriptional target of YAP/TAZ (Ramjee et al.,
2017) (Figure 3C). Interestingly, IFN-γ has also been described
to downregulate fibrotic processes. For example, IFN-γ was
shown to increase the number of regulatory T cells after
myocardial infarction and lead to less fibrosis (Ramjee et al.,
2017) (Figure 3C). Furthermore, IFN-γ counteracts TGF-ß
induced activation of myofibroblasts and leads particularly
to the expression of chemokines attracting pro-inflammatory
monocytes (Pappritz et al., 2018). Thus, the role of IFN-γ seems
to be ambivalent and might also depend on the presence of other
cytokines and cells.

In a pressure overloadmodel by transversal aortic constriction
(TAC) the concentrations of TNF-α and IL-1β were significantly
elevated after 3 days and increased levels of the chemokines
MCP-1, MIP-2, and TGF-β were found after 7 days (Xia
et al., 2009). In contrast to sudden trauma-induced tissue
damage, TAC induced injury takes time to develop, which could
explain the long span needed for upregulation of cytokines and
chemokines. Nevertheless, it has been shown that mechanically
induced secretion and activation of TGF-β plays an important
role in the activation and transformation of fibroblasts into
myofibroblast (Chen and Frangogiannis, 2013; Van Linthout
et al., 2014; Pappritz et al., 2018; Steffens et al., 2020).
Although myofibroblasts are required for the initial healing
response, excessive and prolonged activity of myofibroblasts
drives scar formation and fibrosis (Gabbiani, 2003; Darby
et al., 2014). In the heart, this increased and prolonged activity
of myofibroblasts might be the intrinsically preferred mode
of healing after injury, to re-establish mechanical stability
as quickly as possible. Recently, it has been found that the
increased TGF-β levels after TAC, reduced MMP-8 expression
in fibroblasts, which resulted in matrix preservation rather than
matrix degradation as well as decreased macrophage-driven
inflammation and attenuated cardiomyocyte apoptosis (Russo
et al., 2019) (Figure 3D). MMP-8 is known to generate pro-
inflammatory matrix fragment proline-glycine-proline (PGP)
that promote recruitment and activation of neutrophil cells and
polarize macrophages into a pro-inflammatory phenotype (Lin
et al., 2008).

Whether this healing mechanism of the heart is something
cell- and tissue-inherent, or whether the constant mechanical
stress contributes to the preferred fibrotic healing outcome,
is still to a large part elusive. Further investigations of the
mechanisms involved could help to better understand fibrotic
processes and lead to new therapeutic approaches that make use
of the mechanical manipulation of the immune system.

Immune Cells as Mechano-Transducer in
Inflammation and Regeneration
Surprisingly, either the direct influence of mechanical stimuli
on immune cells in the heart has so far been neglected, or it
does not play an important role in the development of cardiac
pathologies and cardiac regeneration. However, a very recently
published study indicates that in aortic valve stenosis causing
high shear stress, PIEZO1 can be activated on monocytes,
resulting in calcium influx and pro-inflammatory responses, such
as increased expression of IFN-β1, IL-1β, IL-1ra, IL-6, and IL-12
(Baratchi et al., 2020) (Figure 3E).

Recently, YAP/TAZ signaling in immune cells has been
described to reduce fibrosis in the heart (Geng et al., 2017;
McGeachy, 2017). TAZ has been found to play a regulatory
role in the balance of Th17–Treg by promoting acetylation and
degradation of the Treg transcription factor Foxp3 (Geng et al.,
2017; McGeachy, 2017). Although Tregs produce TGF-β that
promotes fibrotic processes, it is thought that Tregs have a more
dominant anti-fibrotic function by down-regulating the activity
of Th2 cells; one of the major cellular contributors to fibrosis
(Gieseck et al., 2018; Bal and Stadhouders, 2019).

This suggests that immune cells are also able to sense
mechanical stimuli directly in heart tissue, similar to findings
in lung tissue. To what extent this plays a role in initiating an
inflammatory response in other organs could be a promising
focus of further research.

SKIN INFLAMMATION IS MODULATED VIA
IMMUNE-MECHANICS IN WOUND
HEALING

The skin is surprisingly mechano-sensitive (Kwon et al., 2018).
Probably the most prominent example is the thickening of the
epidermis and callus formation after repeated loading at the same
site (Goldstein and Sanders, 1998; Silver et al., 2003; Carlson,
2006; Kim et al., 2010). Thickening of the epidermis is suggested
to protect the underlying tissue from the excessive stress and
to contribute to a better distribution of forces (Thomas et al.,
1985; Kim et al., 2010). Impressively, Karl Langer recognized as
early as 1861 from the observation that circular hole punches
in the skin became elliptical, that skin had oriented pre-tension
lines (Langer, 1978a,b,c). Additionally, in the skin, collagen
bundles were found to be oriented along the main tensile load-
lines/Langer lines (Wilhelmi et al., 1999; Silver et al., 2003).
As a result, surgical incisions are often performed parallel to
the Langer lines instead of perpendicular to reduce scarring
(Wilhelmi et al., 1999). Besides the passive pre-tension of the skin,
active stress generation and contraction, mainly produced by
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(myo-)fibroblasts, are important for wound closure and reduced
scarring. It has been proposed to link mechano-transduction
to various skin pathologies such as keloids and hypertrophic
scars, and subsequently targeting mechanoreceptors has already
been suggested as novel treatment options (Ogawa and Hsu,
2013). For example, pressure has been found to positively
influence the wound healing phase by upregulating the apoptosis
of myofibroblasts (Costa et al., 1999; Renò et al., 2003). At
the beginning of the wound-healing phase, myofibroblasts are
thought to have a positive effect by increasing ECM production
and its contractile function bringing the two wound edges
back together again (Hinz et al., 2012; Humphrey et al., 2014).
However, it has been found that excessive matrix production
and stiffening of the wound could initiate a vicious cycle leading
to prolonged and excessive myofibroblast activity, which ends
in fibrosis and hypertrophic scaring (Hinz, 2007; Darby et al.,
2014). Interestingly, the mechanical tension applied to a healing
wound was already sufficient to produce hypertrophic scarring
in mice (Aarabi et al., 2007). Cyclic tensioning of keratinocytes
was shown to increase proliferation, while cyclic compression
downregulated cell division of keratinocytes (Silver et al., 2003).
Thus, it has been known for a relatively long time that the
mechanical environment and properties are playing a crucial role
for skin wound healing (Tomasek et al., 2002; Silver et al., 2003)
(Figure 4A). However, the relationship between the mechanical
environment and the immune system, which regulates the
healing response, has only recently become the focus of research.

ECM-Components as
Mechano-Transducer in Inflammation
The compression of hypertrophic scars was found to release
significantly higher levels of IL-1β compared to normal scars
(Renò et al., 2003). This could indicate that the cells within
the hypertrophic scar are already pre-sensitized to mechanical
stimuli or that more immune cells could be found in the
hypertrophic scar. It has been found that the ECM component
fibulin-5 plays an important role in inflammation-associated
skin pathologies (Nakasaki et al., 2015). The loss of fibulin-5
not only led to a decrease in tissue stiffness, but also reduced
the inflammatory response (Nakasaki et al., 2015) (Figure 4B).
The increase in stiffness from 2 to 5 kPa was sufficient to
enhance the pro-inflammatory response of dermal fibroblasts
with increased expression of the chemoattractants CXCL5,
CXCL10, and CXCL16, and resulted in increased numbers of
macrophages, T cells and mast cells (Nakasaki et al., 2015).
Targeting fibulin-5 could prevent the stiffening of skin ECM and
could be an attractive target to stop the fibrotic vicious cycle.
Another important ECM component that converts mechanical
stimuli into an inflammatory response is fibronectin. Dermal
fibroblasts have been shown to recognize stretched fibronectin as
damage associated molecular patterns (DAMPs), which leads via
the TLR4/NF-κB pathway to increased IL-8 expression (Zheng
et al., 2020) (Figure 4C). Moreover, stretched fibronectin showed
a higher binding affinity for IL-,7 and local accumulation of IL-
7 may play an important role in the regulation of the immune
response (Ortiz Franyuti et al., 2018) (Figure 4C). IL-7 was found

to be essential for the maintenance of memory Tregs (mTregs) in
the skin (Gratz et al., 2013).

Non-hematopoietic Cells as
Mechano-Transducer in Inflammation and
Regeneration
It is suggested that the focal adhesion kinase (FAK) connects
mechanical forces with skin fibrosis via inflammatory signals.
In fibroblasts, FAK became activated after a skin injury and its
activity can be potentiated by mechanical stretching (Wong et al.,
2012). An elevated FAK signaling in fibroblasts then amplified
MCP-1/CCL2 signaling and subsequently led to the migration of
monocytes toward the wound and the secretion of inflammatory
cytokines such as TGF-β; which possibly triggers a vicious cycle
that ends in a hypertrophic scar (Wong et al., 2012). FAK
signaling in dermal fibroblasts also proved to be an important
player in pathological angiogenesis in hypertrophic scarring (Gao
et al., 2019). Recently, TRPV4 was discovered as an important
mediator in skin pathologies. In concert with TGF-β, TRPV4 was
found to be essential for matrix-stiffness mediated differentiation
of dermal fibroblasts into myofibroblasts (Sharma et al., 2017)
(Figure 4B) and epithelial-mesenchymal transition (EMT) of
epidermal keratinocytes (Sharma et al., 2019). Higher levels
of TGF-β could also be triggered by increased ECM stiffness:
In human dermal fibroblasts, YAP/TAZ works in conjunction
with the transcription factor activator protein (AP)-1 to regulate
TGF-β signaling (Qin et al., 2018). Accordingly, YAP/TAZ has
already been proposed as an attractive new therapeutic target for
reducing fibrosis (Duscher et al., 2014).

In summary, higher ECM stiffness, possibly due to higher
concentrations of fibulin-5, increases TGF-β levels andmonocyte
counts, which promotes the differentiation of dermal fibroblasts
into myofibroblasts and EMT of keratinocytes, and ultimately
leads to skin fibrosis or hypertrophic scarring. This shows that
the increased ECM-stiffness in fibrosis might not only be a
consequence of the inflammatory process, but rather plays an
active role in initiating the inflammatory process.

DISCUSSION

The Described Immune-Mechanical
Principles in the Lung, Heart, and Skin May
Also Play a Role in Bone Regeneration
Forces acting on the fracture hematoma/callus (Figure 5A)
likely influences the healing outcome by regulating the immune
response via: ECM components (Figures 5B,C), indirectly via
the sensation of forces by osteoblasts and subsequent cytokine
release (Figure 5D), or forces are directly sensed by immune
cells (Figure 5D). Fibronectin is an important and ubiquitous
component of the ECM with structural and functional roles in
homeostasis and regeneration (To and Midwood, 2011). So far,
fibronectin has also been found in the growth plate of bone
and during new bone formation, which may promote osteoblast
differentiation and the mineralization process (Yang et al., 2020).
Although higher levels of fibronectin were found in osteoporotic
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FIGURE 4 | Forces acting on skin tissue during wound healing influences fibrotic, pro-inflammatory and anti-inflammatory processes by changing the extracellular

matrix properties (blue panels). (A) Forces acting on a skin wound may lead to the cellular responses shown in (B and C), (B) Fibulin-5 increases the stability of the

ECM-integrin connection and the formation of focal adhesions. This might promote nuclear YAP/TAZ localization and together with the additional input of TRPV4, this

leads to the secretion of monocyte chemoattractant protein (MCP)-1. Monocytes will migrate along the MCP-1 gradient and secrete TGF-β, which acts back onto the

fibroblast. If unchecked, this starts a vicious cycle leading to myofibroblast differentiation and fibrosis. (C) Left side: Stretched fibronectin conformation can function as

a Damage Associated Molecular Pattern (DAMP) by biding to TLR4 on fibroblasts and lead to the secretion of the pro-inflammatory cytokine IL-8. Right side:

Conversely, the stretched fibronectin conformation shows a higher binding affinity of IL-7. Higher levels of IL-7 can increase the stability and numbers of regulatory T

cells (Tregs), which is often associated with an anti-inflammatory response. The YAP symbol in the illustrations is representative for YAP and TAZ. IL, interleukin; TAZ,

WW domain-containing transcription regulator 1; TGF- β, transforming growth factor β; TLR4, toll-like receptor 4; TRPV4, transient receptor potential vanilloid 4; YAP,

yes-associated protein 1.

patients, the downregulation of a fibronectin receptor (β1-
integerin) on the cell surface reduced fibronectin mediated
signaling in osteoblast and might explain the loss of bone despite
higher fibronectin concentrations (Yang et al., 2020). Whether
these higher fibronectin levels contribute to the osteoporotic
pathology via immunomodulatory mechanisms, has not yet been
fully elucidated. However, lung cells and dermal fibroblasts have
been shown to bind the stretched fibronectin conformation via
TLR4, which led to increased IL-8 levels (Cho et al., 2020; Zheng
et al., 2020). Since IL-8 also seems to play an important role in
bone healing (Lin et al., 2019), mechanical manipulation of the
fibronectin conformation may also be an attractive therapeutic
target (Figure 5B). Furthermore, as in the skin, the mechanical
niche during fracture healing could influence the healing
outcome via the concentration of IL-7 by the conformational
regulation of fibronectin. Subsequent, as described in the
skin, this could promote the anti-inflammatory phase via the
stabilization of memory Tregs (Gratz et al., 2013) (Figure 5B).

Another ECM component that is found in bone and is
involved in the regulation of the immune system is agrin
(Bezakova and Ruegg, 2003; Hausser et al., 2007). In the heart,
the administration of agrin was able to increase the proliferation
rate of cardiomyocytes via YAP/TAZ signaling, resulting in
improved healing response (Bassat et al., 2017). Potentially,
this therapeutic approach could also be translated to enhance
bone healing. It has already been found that agrin plays an
important role in osteochondral regeneration (Eldridge et al.,

2020) (Figure 5C). Since critical-sized bone defects heal via
endochondral ossification (Dennis et al., 2015), which involves
the formation of cartilage and its subsequent transformation into
bone, promoting cartilage formation to heal critical-sized bone
defects could be an appropriate approach and is already a focus
of current research (Petersen et al., 2018; Lin et al., 2019).

Moreover, the mechanosensitive ion channels PIEZO1 and
TRPV4 might also play a role in bone healing. Similar to the
findings in lung tissue, IL-8 also attracts PMNs in bone tissue,
which have been shown to be a critical player in bone fracture
healing (Kovtun et al., 2016; Lin et al., 2019). It could be
hypothesized that not only the lung monocytes perceive cyclic
pressure via PIEZO1, but also the monocytes in bone healing,
which would lead to a contribution to the IL-8 levels found in
the fracture hematoma (Kolar et al., 2011) (Figure 5E).

In addition, signaling via TRPV4 in lung macrophages has
been found to increase ROS levels (Hamanaka et al., 2010;
Li et al., 2019) (Figure 5E). It could be hypothesized that
similar processes may also occur during bone healing. ROS
has been shown to interfere with the osteogenic potential
of MSCs and the administration of antioxidant resulted in
improved bone regeneration in vivo (Geißler et al., 2013).
However, the situation might be more complex. Recently, it
was found that MSCs embedded in a 3D collagen hydrogel
might sense nanovibrations via integrins and mechanosensitive
ion channels, that increased their osteogenic differentiation
(Tsimbouri et al., 2017). Later, the same authors suggested
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FIGURE 5 | Common immune-mechanical principles found in the lung, skin and heart could potentially impact the fracture healing cascade via ECM modulation (blue

panels), non-hematopoietic cells (light orange panel) and immune cells (pink panel). (A) Forces acting on and within the fracture gap might lead to the cellular

processes described in (B–E). (B) Fibronectin can be found in the growth plate and during new bone formation. Fibronectin could have similar roles in the bone as it

was found for lung tissue, where stretched fibronectin conformation promoted a pro-inflammatory reaction by acting as a DAMP and increased the release of IL-8.

Conversely, a stretched fibronectin conformation might also locally increase IL-7 levels, which leads to a higher regulatory T cell stability and numbers. (C) Agrin has

been shown to promote heart regeneration and could also promote bone regeneration via osteochondral healing since Agrin mediated signaling leads to increased

chondrogenic differentiation of mesenchymal stem cells. (D) The compression of osteoblasts has already been found to increase pro-inflammatory mediators such as

IL-6, IL-8, IL-17, and Receptor Activator of NF-κB Ligand (RANKL). (E) Similar to the findings in the lung, Ca2+ influx via PIEZO1 in monocytes could lead to the

secretion of CXCL2 in bone and attract polymorphonuclear leukocytes (left site). In macrophages, the calcium-mediated signaling via TRPV4 has been found in lung

tissue to lead to reactive oxygen species (ROS) secretion. A comparable mechanism could potentially also lead to the ROS levels found in the fracture hematoma

(right site). CXCL, C-X-C motif ligand; DAMP, damage-associated molecular pattern; IL, interleukin; Treg, regulatory T cell; TLR4, toll-like receptor 4; TRPV4, transient

receptor potential vanilloid 4.

that MSCs stimulated with nanovibrations produce ROS during
osteogenic differentiation, but the ROS themselves do not appear
to be a driver of osteogenesis (Orapiriyakul et al., 2020). Whether
ROS is only a byproduct during bone healing or whether it
takes an active role in this process is still elusive and further
studies are required. If ROS does actively influence bone healing,
it would be interesting to investigate, whether macrophages in
the bone fracture hematoma also sense mechanical stimuli via
mechanosensitive ion channels, such as TRPV4, and also produce
ROS as they do in lung injuries.

During bone healing, the local mechanical niche changes
a lot. The fracture hematoma is soft and relatively dense.
While in the subsequent healing phases the stiffness increases
steadily. This might have different implications on the cellular
behavior of non-hematopoietic and immune cells. On soft and
confined substrates, cells tend to show spherical morphology
and cytoplasmic localization of YAP/TAZ, while more open
and stiff substrates allows for cytoskeletal re-arrangements,
cell spreading and nuclear localization of YAP/TAZ (Panciera
et al., 2017). Interestingly, mechanical confinement was not
only found to restrict cell spreading, but also reduced the
osteogenic differentiation potential of MSCs via a lack of
TRPV4 activation (Lee et al., 2019). Also osteoclasts activity is
dependent on cytoskeletal re-arrangements (Takayanagi, 2007).

Recent evidence also points out, that T cells are dependent
on cytoskeletal re-organization for an efficient immunological
synapse formation and T-cell activation (Colin-York et al.,
2019; Blumenthal and Burkhardt, 2020). Whether this has also
implications in a non-antigen specific, sterile inflammation
process, as found during regeneration, could be the scope of
future research.

These examples encourage that also during bone regeneration
the immune response is modulated by the ECM composition
and the mechanical niche. In particular, the ECM components
fibronectin and agrin could also have immunomodulatory
functions in bone, and TRPV4 and PIEZO1 on macrophages
could be important mechano-transducers and thereby influence
the outcome of bone healing.

Summary
The understanding of regeneration has come a long way. Today,
both the adaptive and the innate immune system are now
considered to play a central role in healing and regeneration
(Medzhitov, 2008; Julier et al., 2017). Although Julius Wolff
and Karl Langer have already in the 19th century put forward
the hypothesis that mechanical forces contribute significantly
to the biological functions of tissue adaptation and healing
(Langer, 1978a,b,c; Wolff, 1986), it is only recently that the
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FIGURE 6 | Mechanically or ECM triggered crosstalk between non-hematopoietic cells—immune cells—ECM regulates cell behavior. Immune cells can respond either

directly or indirectly to mechanical forces. When immune cells sense the mechanical niche directly (1), they can transmit this information by the cytokine secretion,

which either acts in an autocrine manner or on non-hematopoietic cells (2). This connects immune cells within a wound environment not only with each other, but also

to non-hematopoietic cells such as smooth muscle cells, fibroblasts, epithelial cells and endothelial cells. Non-hematopoietic cells might then start to secrete

ECM-components and change the ECM-composition (3) and subsequently its biophysical properties (4). This could close a feedback loop, and immune cells sense

the altered ECM-composition/biophysical cues. Depending on the secreted cytokines of the immune cells, this feedback could be the first step into a vicious cycle or

alternatively the first step toward a successful restoration of homeostasis. In the indirect case, tissue-resident cells embedded in the ECM first perceive the mechanical

stimuli (5), translate them into a cellular response and might then transmit the stimuli to nearby immune cells by secreting cytokines and/or chemokines (6).

mechanical environment and its influence on a central part
of the biological component, the local immune response, has
been investigated. Immunomodulatory mechano-transduction
can either occur directly in immune cells or indirectly in non-
hematopoietic cells. In either case, there is extensive crosstalk
between immune and non-hematopoietic cells to determine
the appropriate response for a given situation (Figure 6). The
crosstalk and communication cycle could be proposed as follows:
Immune cells perceive the mechanical niche at least by means
of integrin, PIEZO1 and TRPV4 [Figure 6(1)] and then release
cytokines and chemoattractants, which act on nearby immune
cells or on non-hematopoietic cells [Figure 6(2)]. In response,
non-hematopoietic cells alter the components and structure
of the ECM [Figure 6(3)], which is often accompanied by a
change in the mechanical niche [Figure 6(4)]. Alternatively, non-
hematopoietic cells are assumed to perceive the mechanical niche
at least by means of integrins, PIEZO1 and TRPV4 [Figure 6(5)]
and then transmit the information of the mechanical niche
to immune cells or non-hematopoietic cells via cytokines
and chemoattractants [Figure 6(6)]. This might then alter
the activation, differentiation, proliferation and migration of
the cells.

In most situations, unphysiological mechanical stimuli
or mechanical overstimulation resulted in the release
of common pro-inflammatory mediators. Specific ECM
components are actively involved in immune regulation,
either by acting as DAMPs [LMW-HA (Jiang et al., 2005;
Black et al., 2013), fibronectin (Cho et al., 2020), and biglycan
(Schaefer et al., 2005)], or by stabilizing ECM-cell interactions
[fibulin-5 (Nakasaki et al., 2015), and agrin (Haak et al.,
2019)].

In all the tissues described, non-hematopoietic cells
often respond to abnormal mechanical stimuli by secreting
chemoattractants and cytokines that lure immune cells out
from the vasculature and in most cases the secreted cytokines
create a pro-inflammatory niche. Within the cell, calcium
mediated signaling pathways, FAK and YAP/TAZ are often
involved in the translation of the perceived mechanical
environment into a cellular response. It is already known that
YAP/TAZ plays an important role in the regulation of cell
proliferation, and a targeted manipulation of this signaling
pathway could help to increase the number of cells after injury
(Moya and Halder, 2019). In addition, YAP/TAZ signaling in
cardiomyocytes and AEIIs has been found to reduce fibrosis
(Liu et al., 2016; Ramjee et al., 2017; LaCanna et al., 2019). In
contrast, YAP/TAZ signaling in fibroblasts has been shown to
promote fibrosis in the lung, and skin (Liu et al., 2015; Qin
et al., 2018; Haak et al., 2019). This indicates that YAP/TAZ
signaling can promote regeneration as well as cause fibrosis
and a cell specific therapy approach may be necessary to exploit
YAP/TAZ signaling.

Immune cells most often perceived the mechanical
environment via mechanosensitive ion channels such as
PIEZO1 (Solis et al., 2019; Baratchi et al., 2020) and TRPV4
(Hamanaka et al., 2010; Li et al., 2019). The signaling via these
receptors provoked at least in monocytes and macrophages
the secretion of pro-inflammatory mediators. Interestingly, in
most cases when immune cells sensed the mechanical stimuli
themselves, they reacted with a pro-inflammatory response.
This could provide a possibility for intervention where the
restoration of a mechanical niche to pre-injury level could be
used to downregulate a pro-inflammatory response.
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Conclusion and Future Directions
The above findings suggest that the success of using biomaterials
for cell delivery or as a cell modulating in vivo micro-niche also
depends on the mechanical environment. In vivo, the biomaterial
is not mechanically isolated, but connected to the mechanical
environment. It is conceivable that when cells are encapsulated
in the biomaterial, not only the intrinsic mechanical properties
of the biomaterial determine the cell behavior, but also how
much of the external mechanical stimuli are transmitted through
the biomaterial. Biomaterials may not only reduce the diffusion
of unwanted DAMPs or pro-inflammatory mediators but may
also protect cells from pathological mechanical over-stimulation.
These protected cells could then help to downregulate a too
pronounced pro-inflammatory reaction.

The examples described here, are possibly just the tip of
the iceberg. It seems likely that the described concepts are not
only found in the lung, heart, and skin, but also in various
tissues throughout the body. Since immune cells are the first
cells that interact with a biomaterial and often determine the
amount of a foreign body response (Anderson et al., 2008),
targeting specifically immune cells via mechanical cues of the
biomaterial, seems to be especially promising. If we know
how to take advantage of this, it could lead to promising
new therapeutic approaches. However, if the local mechanical
environment is not well-controlled, it could unintentionally
induce pro-inflammatory and pro-fibrotic cascades, which would
jeopardize the engineered regenerative effect of the biomaterial.

A better understanding of mechano-sensitive principles helps to
avoid these negative effects and can even be used under certain

conditions to positively influence and enhance regeneration. It
is tempting to speculate that the described immune-mechanical
principles are an intrinsic and universal function of the immune
system that has been overlooked for a long time. Therefore, in
the development of the next generation of biomaterials, it might
be worthwhile to move from an approach that focuses mainly
on biological factors to a more comprehensive approach that
also addresses the mechanical niche and its influence on the
immune system.

AUTHOR CONTRIBUTIONS

RK compiled the literature, prepared, and wrote the manuscript.
CB, SV, CT, KS-B, and GD outlined themanuscript and edited the
manuscript. All authors contributed to the article and approved
the submitted version.

FUNDING

This work was supported by Berlin-Brandenburg School for
Regenerative Therapies (BSRT, GSC 203), German Research
Foundation (DFG, FOR 2165 and SFB 1444), Einstein-Center for
Regenerative Therapies (ECRT).

ACKNOWLEDGMENTS

We acknowledge support from the German Research Foundation
(DFG) and the Open Access Publication Fund of Charité -
Universitätsmedizin Berlin.

REFERENCES

Aarabi, S., Bhatt, K. A., Shi, Y., Paterno, J., Chang, E. I., Loh, S. A., et al. (2007).
Mechanical load initiates hypertrophic scar formation through decreased
cellular apoptosis. FASEB J. 21, 3250–3261. doi: 10.1096/fj.07-8218com

Adams, G. B., Chabner, K. T., Alley, I. R., Olson, D. P., Szczepiorkowski, Z.
M., Poznansky, M. C., et al. (2006). Stem cell engraftment at the endosteal
niche is specified by the calcium-sensing receptor. Nature 439, 599–603.
doi: 10.1038/nature04247

Al-Jamal, R., and Ludwig, M. S. (2001). Changes in proteoglycans and lung tissue
mechanics during excessive mechanical ventilation in rats. Am. J. Physiol. -

Lung Cell. Mol. Physiol. 281, 1078–1087. doi: 10.1152/ajplung.2001.281.5.l1078
Anderson, J. M., Rodriguez, A., and Chang, D. T. (2008). Foreign body reaction to

biomaterials. Semin. Immunol. 20, 86–100. doi: 10.1016/j.smim.2007.11.004
Ara, T., Itoi, M., Kawabata, K., Egawa, T., Tokoyoda, K., Sugiyama, T.,

et al. (2003). A Role of CXC chemokine ligand 12/stromal cell-derived
factor-1/Pre-B cell growth stimulating factor and its receptor CXCR4 in
fetal and adult T cell development in vivo. J. Immunol. 170, 4649–4655.
doi: 10.4049/jimmunol.170.9.4649

Arron, J. R., and Choi, Y. (2000). Bone versus immune system. Nature 408,
535–536. doi: 10.1038/35046196

Bal, S. M., and Stadhouders, R. (2019). Tregs in fibrosis: To know
your enemy, you must become your enemy. Sci. Immunol. 4, 6–9.
doi: 10.1126/sciimmunol.aay1160

Baratchi, S., Almazi, J. G., Darby, W., Tovar-Lopez, F. J., Mitchell, A.,
and McIntyre, P. (2016). Shear stress mediates exocytosis of functional
TRPV4 channels in endothelial cells. Cell. Mol. Life Sci. 73, 649–666.
doi: 10.1007/s00018-015-2018-8

Baratchi, S., Zaldivia, M. T. K., Wallert, M., Loseff-Silver, J., Al-Aryahi,
S., Zamani, J., et al. (2020). TAVI represents an anti-inflammatory

therapy via reduction of shear stress induced, piezo-1-mediated monocyte
activation. Circulation 142:120.045536. doi: 10.1161/CIRCULATIONAHA.120.
045536

Bassat, E., Mutlak, Y. E., Genzelinakh, A., Shadrin, I. Y., Baruch Umansky, K.,
Yifa, O., et al. (2017). The extracellular matrix protein agrin promotes heart
regeneration in mice. Nature 547, 179–184. doi: 10.1038/nature22978

Bastian, O., Pillay, J., Alblas, J., Leenen, L., Koenderman, L., and Blokhuis,
T. (2011). Systemic inflammation and fracture healing. J. Leukoc. Biol. 89,
669–673. doi: 10.1189/jlb.0810446

Bastian, O. W., Koenderman, L., Alblas, J., Leenen, L. P. H., and Blokhuis,
T. J. (2016). Neutrophils contribute to fracture healing by synthesizing
fibronectin+ extracellular matrix rapidly after injury. Clin. Immunol. 164,
78–84. doi: 10.1016/j.clim.2016.02.001

Bezakova, G., and Ruegg, M. A. (2003). New insights into the roles of agrin. Nat.
Rev. Mol. Cell Biol. 4, 295–308. doi: 10.1038/nrm1074

Bielby, R., Jones, E., andMcGonagle, D. (2007). The role of mesenchymal stem cells
in maintenance and repair of bone. Injury 38. doi: 10.1016/j.injury.2007.02.007

Bigotti, M. G., Skeffington, K. L., Jones, F. P., Caputo, M., and Brancaccio, A.
(2020). Agrin-mediated cardiac regeneration: some open questions. Front.
Bioeng. Biotechnol. 8:594. doi: 10.3389/fbioe.2020.00594

Black, K. E., Collins, S. L., Hagan, R. S., Hamblin, M. J., Chan-Li, Y.,
Hallowell, R. W., et al. (2013). Hyaluronan fragments induce IFN$β$ via
a novel TLR4-TRIF-TBK1-IRF3- dependent pathway. J. Inflamm. 10:23.
doi: 10.1186/1476-9255-10-23

Blanch, L., Fernandez, R., Vallés, J., Sole, J., Roussos, C., and Artigas, A. (1994).
Effect of two tidal volumes on oxygenation and respiratory system mechanics
during the early stage of adult respiratory distress syndrome. J. Crit. Care 9,
151–158. doi: 10.1016/0883-9441(94)90011-6

Blom, A. B., van Lent, P. L. E. M., Holthuysen, A. E. M., van der Kraan, P. M.,
Roth, J., van Rooijen, N., et al. (2004). Synovial lining macrophages mediate

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 14 February 2021 | Volume 9 | Article 614508324

https://doi.org/10.1096/fj.07-8218com
https://doi.org/10.1038/nature04247
https://doi.org/10.1152/ajplung.2001.281.5.l1078
https://doi.org/10.1016/j.smim.2007.11.004
https://doi.org/10.4049/jimmunol.170.9.4649
https://doi.org/10.1038/35046196
https://doi.org/10.1126/sciimmunol.aay1160
https://doi.org/10.1007/s00018-015-2018-8
https://doi.org/10.1161/CIRCULATIONAHA.120.045536
https://doi.org/10.1038/nature22978
https://doi.org/10.1189/jlb.0810446
https://doi.org/10.1016/j.clim.2016.02.001
https://doi.org/10.1038/nrm1074
https://doi.org/10.1016/j.injury.2007.02.007
https://doi.org/10.3389/fbioe.2020.00594
https://doi.org/10.1186/1476-9255-10-23
https://doi.org/10.1016/0883-9441(94)90011-6
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


Knecht et al. Immune-Mechanobiology in Regeneration

osteophyte formation during experimental osteoarthritis.Osteoarthr. Cartil. 12,
627–635. doi: 10.1016/j.joca.2004.03.003

Blumenthal, D., and Burkhardt, J. K. (2020). Multiple actin networks
coordinate mechanotransduction at the immunological synapse. J. Cell

Biol. 219:e201911058. doi: 10.1083/jcb.201911058
Bonewald, L. F., and Johnson, M. L. (2008). Osteocytes, mechanosensing and Wnt

signaling. Bone 42, 606–615. doi: 10.1016/j.bone.2007.12.224
Boyce, B. F., and Xing, L. (2008). Functions of RANKL/RANK/OPG in

bone modeling and remodeling. Arch. Biochem. Biophys. 473, 139–146.
doi: 10.1016/j.abb.2008.03.018

Boyle, W. J., Simonet, W. S., and Lacey, D. L. (2003). Osteoclast differentiation and
activation. Nature 423, 337–342. doi: 10.1038/nature01658

Braga, T. T., Agudelo, J. S. H., and Camara, N. O. S. (2015). Macrophages
during the fibrotic process: M2 as friend and foe. Front. Immunol. 6:602.
doi: 10.3389/fimmu.2015.00602

Brower, R. G., Matthay, M. A., Morris, A., Schoenfeld, D., Thompson, B.
T., and Wheeler, A. (2000). Ventilation with lower tidal volumes as
compared with traditional tidal volumes for acute lung injury and the
acute respiratory distress syndrome. N. Engl. J. Med. 342, 1301–1308.
doi: 10.1056/NEJM200005043421801

Bucher, C. H., Schlundt, C., Wulsten, D., Sass, F. A., Wendler, S., Ellinghaus,
A., et al. (2019). Experience in the adaptive immunity impacts
bone homeostasis, remodeling, and healing. Front. Immunol. 10:787.
doi: 10.3389/fimmu.2019.00797

Cain, C. J., Rueda, R., McLelland, B., Collette, N. M., Loots, G. G., and Manilay, J.
O. (2012). Absence of sclerostin adversely affects B-cell survival. J. Bone Miner.

Res. 27, 1451–1461. doi: 10.1002/jbmr.1608
Carlson, J. M. (2006). Functional limitations from pain caused by repetitive

loading on the skin: a review and discussion for practitioners, with
new data for limiting friction loads. J. Prosthetics Orthot. 18, 93–103.
doi: 10.1097/00008526-200610000-00002

Carnicer-Lombarte, A., Barone, D. G., Dimov, I. B., Hamilton, R. S., Prater, M.,
Zhao, X., et al. (2019). Mechanical matching of implant to host minimises
foreign body reaction. bioRxiv [Preprint], 1–41. doi: 10.1101/829648

Chakraborty, S., Njah, K., Pobbati, A. V., Lim, Y. B., Raju, A., Lakshmanan, M.,
et al. (2017). Agrin as a mechanotransduction signal regulating YAP through
the hippo pathway. Cell Rep. 18, 2464–2479. doi: 10.1016/j.celrep.2017.02.041

Champagne, C. M., Takebe, J., Offenbacher, S., and Cooper, L. F.
(2002). Macrophage cell lines produce osteoinductive signals
that include bone morphogenetic protein-2. Bone 30, 26–31.
doi: 10.1016/S8756-3282(01)00638-X

Chandrasekar, B., Mummidi, S., Claycomb, W. C., Mestril, R., and Nemer,
M. (2005). Interleukin-18 is a pro-hypertrophic cytokine that acts through
a phosphatidylinositol 3-kinase-phosphoinositide-dependent kinase-1-Akt-
GATA4 signaling pathway in cardiomyocytes. J. Biol. Chem. 280, 4553–4567.
doi: 10.1074/jbc.M411787200

Chen, W., and Frangogiannis, N. G. (2013). Fibroblasts in post-infarction
inflammation and cardiac repair. Biochim. Biophys. Acta - Mol. Cell Res. 1833,
945–953. doi: 10.1016/j.bbamcr.2012.08.023

Chen, Z., Wu, C., Gu, W., Klein, T., Crawford, R., and Xiao, Y. (2014). Osteogenic
differentiation of bone marrow MSCs by β-tricalcium phosphate stimulating
macrophages via BMP2 signalling pathway. Biomaterials 35, 1507–1518.
doi: 10.1016/j.biomaterials.2013.11.014

Cho, C., Horzempa, C., Longo, C. M., Peters, D. M., Jones, D. M., and McKeown-
Longo, P. J. (2020). Fibronectin in the tumor microenvironment activates a
TLR4-dependent inflammatory response in lung cancer cells. J. Cancer 11,
3099–3105. doi: 10.7150/jca.39771

Claes, L., Recknagel, S., and Ignatius, A. (2012). Fracture healing under
healthy and inflammatory conditions. Nat. Rev. Rheumatol. 8, 133–143.
doi: 10.1038/nrrheum.2012.1

Clowes, J. A., Riggs, B. L., and Khosla, S. (2005). The role of the immune
system in the pathophysiology of osteoporosis. Immunol. Rev. 208, 207–227.
doi: 10.1111/j.0105-2896.2005.00334.x

Codelia, V. A., Sun, G., and Irvine, K. D. (2014). Regulation of YAP by
mechanical strain through Jnk and Hippo signaling. Curr. Biol. 24, 2012–2017.
doi: 10.1016/j.cub.2014.07.034

Coggins, M., and Rosenzweig, A. (2012). The fire within: cardiac
inflammatory signaling in health and disease. Circ. Res. 110, 116–125.
doi: 10.1161/CIRCRESAHA.111.243196

Colin-York, H., Javanmardi, Y., Skamrahl, M., Kumari, S., Chang, V. T., Khuon,
S., et al. (2019). Cytoskeletal control of antigen-dependent T cell activation. Cell
Rep. 26, 3369-3379.e5. doi: 10.1016/j.celrep.2019.02.074

Costa, A. M. A., Peyrol, S., Pôrto, L. C., Comparin, J. P., Foyatier, J. L., and
Desmouliére, A. (1999). Mechanical forces induce scar remodeling: Study in
non-pressure- treated versus pressure-treated hypertrophic scars.Am. J. Pathol.

155, 1671–1679. doi: 10.1016/S0002-9440(10)65482-X
Cottler-Fox, M. H., Lapidot, T., Petit, I., Kollet, O., DiPersio, J. F., Link, D., et al.

(2003). Stem cell mobilization. Hematology Am. Soc. Hematol. Educ. Program

419–437. doi: 10.1182/asheducation-2003.1.419
Danks, L., Komatsu, N., Guerrini, M. M., Sawa, S., Armaka, M., Kollias, G., et al.

(2016). RANKL expressed on synovial fibroblasts is primarily responsible for
bone erosions during joint inflammation. Ann. Rheum. Dis. 75, 1187–1195.
doi: 10.1136/annrheumdis-2014-207137

Darby, I. A., Laverdet, B., Bonté, F., and Desmoulière, A. (2014). Fibroblasts and
myofibroblasts in wound healing. Clin. Cosmet. Investig. Dermatol. 7, 301–311.
doi: 10.2147/CCID.S50046

Dellacherie, M. O., Seo, B. R., and Mooney, D. J. (2019). Macroscale biomaterials
strategies for local immunomodulation. Nat. Rev. Mater. 4, 379–397.
doi: 10.1038/s41578-019-0106-3

Dennis, S. C., Berkland, C. J., Bonewald, L. F., and Detamore, M. S. (2015).
Endochondral ossification for enhancing bone regeneration: converging native
extracellular matrix biomaterials and developmental engineering in vivo. Tissue
Eng. - Part B Rev. 21, 247–266. doi: 10.1089/ten.teb.2014.0419

Dupont, S., Morsut, L., Aragona, M., Enzo, E., Giulitti, S., Cordenonsi, M.,
et al. (2011). Role of YAP/TAZ in mechanotransduction. Nature 474, 179–184.
doi: 10.1038/nature10137

Duscher, D., Maan, Z. N., Wong, V. W., Rennert, R. C., Januszyk, M., Rodrigues,
M., et al. (2014). Mechanotransduction and fibrosis. J. Biomech. 47, 1997–2005.
doi: 10.1016/j.jbiomech.2014.03.031

Eldridge, S. E., Barawi, A., Wang, H., Roelofs, A. J., Kaneva, M., Guan,
Z., et al. (2020). Agrin induces long-term osteochondral regeneration
by supporting repair morphogenesis. Sci. Transl. Med. 12:eaax9086.
doi: 10.1126/scitranslmed.aax9086

Elosegui-Artola, A., Andreu, I., Beedle, A. E. M. M., Lezamiz, A., Uroz,
M., Kosmalska, A. J., et al. (2017). Force triggers YAP nuclear entry
by regulating transport across nuclear pores. Cell 171, 1397–1410.e14.
doi: 10.1016/j.cell.2017.10.008

Epari, D. R., Kassi, J. P., Schell, H., and Duda, G. N. (2007). Timely fracture-healing
requires optimization of axial fixation stability. J. Bone Jt. Surg. - Ser. A 89,
1575–1585. doi: 10.2106/JBJS.F.00247

Epari, D. R., Schell, H., Bail, H. J., and Duda, G. N. (2006). Instability
prolongs the chondral phase during bone healing in sheep. Bone 38, 864–870.
doi: 10.1016/j.bone.2005.10.023

Fromigué, O., Marie, P. J., and Lomri, A. (1998). Bone morphogenetic protein-2
and transforming growth factor-β2 interact to modulate human bone marrow
stromal cell proliferation and differentiation. J. Cell. Biochem. 68, 411–426.
doi: 10.1002/(SICI)1097-4644(19980315)68:4<411::AID-JCB2>3.0.CO;2-T

Fulzele, K., Krause, D. S., Panaroni, C., Saini, V., Barry, K. J., Liu, X., et al. (2013).
Myelopoiesis is regulated by osteocytes through Gsα-dependent signaling.
Blood 121, 930–939. doi: 10.1182/blood-2012-06-437160

Gabbiani, G. (2003). The myofibroblast in wound healing and fibrocontractive
diseases. J. Pathol. 200, 500–503. doi: 10.1002/path.1427

Gao, Y., Zhou, J., Xie, Z.,Wang, J., kang Ho, C., Zhang, Y., et al. (2019). Mechanical
strain promotes skin fibrosis through LRG-1 induction mediated by ELK1 and
ERK signalling. Commun. Biol. 2:359. doi: 10.1038/s42003-019-0600-6

Geißler, S., Textor, M., Schmidt-Bleek, K., Klein, O., Thiele, M., Ellinghaus, A.,
et al. (2013). In serum veritas-in serum sanitas? Cell non-autonomous aging
compromises differentiation and survival of mesenchymal stromal cells via the
oxidative stress pathway. Cell Death Dis. 4, 1–10. doi: 10.1038/cddis.2013.501

Geng, J., Yu, S., Zhao, H., Sun, X., Li, X., Wang, P., et al. (2017). The transcriptional
coactivator TAZ regulates reciprocal differentiation of T H 17 cells and T reg
cells. Nat. Immunol. 18, 800–812. doi: 10.1038/ni.3748

Gerstenfeld, L. C., Cho, T. J., Kon, T., Aizawa, T., Tsay, A., Fitch, J., et al. (2003).
Impaired fracture healing in the absence of TNF-α signaling: the role of TNF-
α in endochondral cartilage resorption. J. Bone Miner. Res. 18, 1584–1592.
doi: 10.1359/jbmr.2003.18.9.1584

Ghiasi, M. S., Chen, J., Vaziri, A., Rodriguez, E. K., and Nazarian, A.
(2017). Bone fracture healing in mechanobiological modeling: a review of

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 15 February 2021 | Volume 9 | Article 614508325

https://doi.org/10.1016/j.joca.2004.03.003
https://doi.org/10.1083/jcb.201911058
https://doi.org/10.1016/j.bone.2007.12.224
https://doi.org/10.1016/j.abb.2008.03.018
https://doi.org/10.1038/nature01658
https://doi.org/10.3389/fimmu.2015.00602
https://doi.org/10.1056/NEJM200005043421801
https://doi.org/10.3389/fimmu.2019.00797
https://doi.org/10.1002/jbmr.1608
https://doi.org/10.1097/00008526-200610000-00002
https://doi.org/10.1101/829648
https://doi.org/10.1016/j.celrep.2017.02.041
https://doi.org/10.1016/S8756-3282(01)00638-X
https://doi.org/10.1074/jbc.M411787200
https://doi.org/10.1016/j.bbamcr.2012.08.023
https://doi.org/10.1016/j.biomaterials.2013.11.014
https://doi.org/10.7150/jca.39771
https://doi.org/10.1038/nrrheum.2012.1
https://doi.org/10.1111/j.0105-2896.2005.00334.x
https://doi.org/10.1016/j.cub.2014.07.034
https://doi.org/10.1161/CIRCRESAHA.111.243196
https://doi.org/10.1016/j.celrep.2019.02.074
https://doi.org/10.1016/S0002-9440(10)65482-X
https://doi.org/10.1182/asheducation-2003.1.419
https://doi.org/10.1136/annrheumdis-2014-207137
https://doi.org/10.2147/CCID.S50046
https://doi.org/10.1038/s41578-019-0106-3
https://doi.org/10.1089/ten.teb.2014.0419
https://doi.org/10.1038/nature10137
https://doi.org/10.1016/j.jbiomech.2014.03.031
https://doi.org/10.1126/scitranslmed.aax9086
https://doi.org/10.1016/j.cell.2017.10.008
https://doi.org/10.2106/JBJS.F.00247
https://doi.org/10.1016/j.bone.2005.10.023
https://doi.org/10.1002/(SICI)1097-4644(19980315)68:4<411::AID-JCB2>3.0.CO;2-T
https://doi.org/10.1182/blood-2012-06-437160
https://doi.org/10.1002/path.1427
https://doi.org/10.1038/s42003-019-0600-6
https://doi.org/10.1038/cddis.2013.501
https://doi.org/10.1038/ni.3748
https://doi.org/10.1359/jbmr.2003.18.9.1584
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


Knecht et al. Immune-Mechanobiology in Regeneration

principles and methods. Bone Reports 6, 87–100. doi: 10.1016/j.bonr.2017.
03.002

Gieseck, R. L., Wilson, M. S., and Wynn, T. A. (2018). Type 2 immunity in tissue
repair and fibrosis. Nat. Rev. Immunol. 18, 62–76. doi: 10.1038/nri.2017.90

Glass, G. E., Chan, J. K., Freidin, A., Feldmann,M., Horwood, N. J., andNanchahal,
J. (2011). TNF-α promotes fracture repair by augmenting the recruitment and
differentiation of muscle-derived stromal cells. Proc. Natl. Acad. Sci. U.S.A. 108,
1585–1590. doi: 10.1073/pnas.1018501108

Glynne Andrew, J., Andrew, S. M., Freemont, A. J., and Marsh, D. R. (1994).
Inflammatory cells in normal human fracture healing. Acta Orthop. 65,
462–466. doi: 10.3109/17453679408995493

Goldstein, B., and Sanders, J. (1998). Skin response to repetitive mechanical stress:
a new experimental model in pig. Arch. Phys. Med. Rehabil. 79, 265–272.
doi: 10.1016/S0003-9993(98)90005-3

Gratz, I. K., Truong, H.-A., Yang, S. H.-Y., Maurano, M. M., Lee, K., Abbas, A.
K., et al. (2013). Cutting edge: memory regulatory T cells require IL-7 and not
IL-2 for their maintenance in peripheral tissues. J. Immunol. 190, 4483–4487.
doi: 10.4049/jimmunol.1300212

Greenbaum, A., Hsu, Y. M. S., Day, R. B., Schuettpelz, L. G., Christopher, M.
J., Borgerding, J. N., et al. (2013). CXCL12 in early mesenchymal progenitors
is required for haematopoietic stem-cell maintenance. Nature 495, 227–230.
doi: 10.1038/nature11926

Greenblatt, M. B., and Shim, J. (2013). Osteoimmunology: a brief introduction.
Immune Netw. 13:111. doi: 10.4110/in.2013.13.4.111

Guihard, P., Boutet, M. A., Brounais-Le Royer, B., Gamblin, A. L., Amiaud, J.,
Renaud, A., et al. (2015). Oncostatin M, an inflammatory cytokine produced
by macrophages, supports intramembranous bone healing in a mouse model of
tibia injury. Am. J. Pathol. 185, 765–775. doi: 10.1016/j.ajpath.2014.11.008

Haak, A. J., Kostallari, E., Sicard, D., Ligresti, G., Choi, K. M., Caporarello, N.,
et al. (2019). Selective YAP/TAZ inhibition in fibroblasts via dopamine
receptor D1 agonism reverses fibrosis. Sci. Transl. Med. 11:6296.
doi: 10.1126/scitranslmed.aau6296

Hamanaka, K., Jian, M. Y., Townsley, M. I., King, J. A., Liedtke, W., Weber, D. S.,
et al. (2010). TRPV4 channels augment macrophage activation and ventilator-
induced lung injury. Am. J. Physiol. - Lung Cell. Mol. Physiol. 299, 353–362.
doi: 10.1152/ajplung.00315.2009

Hardy, R., and Cooper, M. S. (2009). Bone loss in inflammatory disorders. J.
Endocrinol. 201, 309–320. doi: 10.1677/JOE-08-0568

Hausser, H.-J., Ruegg, M. A., Brenner, R. E., and Ksiazek, I. (2007). Agrin is highly
expressed by chondrocytes and is required for normal growth. Histochem Cell

Biol 127, 363–374. doi: 10.1007/s00418-006-0258-2
Heise, R. L., Stober, V., Cheluvaraju, C., Hollingsworth, J. W., and Garantziotis,

S. (2011). Mechanical stretch induces epithelial-mesenchymal transition in
alveolar epithelia via hyaluronan activation of innate immunity. J. Biol. Chem.

286, 17435–17444. doi: 10.1074/jbc.M110.137273
Hinz, B. (2007). Formation and function of the myofibroblast during tissue repair.

J. Invest. Dermatol. 127, 526–537. doi: 10.1038/sj.jid.5700613
Hinz, B., Phan, S. H., Thannickal, V. J., Prunotto, M., Desmoulire, A.,

Varga, J., et al. (2012). Recent developments in myofibroblast biology:
paradigms for connective tissue remodeling. Am. J. Pathol. 180, 1340–1355.
doi: 10.1016/j.ajpath.2012.02.004

Hogan, B. L. M., Barkauskas, C. E., Chapman, H. A., Epstein, J. A., Jain, R., Hsia,
C. C. W., et al. (2014). Repair and regeneration of the respiratory system:
complexity, plasticity, and mechanisms of lung stem cell function. Cell Stem
Cell 15, 123–138. doi: 10.1016/j.stem.2014.07.012

Hou, Y., Ryu, C. H., Jun, J. A., Kim, S. M., Jeong, C. H., and Jeun, S. S. (2014).
IL-8 enhances the angiogenic potential of human bone marrow mesenchymal
stem cells by increasing vascular endothelial growth factor. Cell Biol. Int. 38,
1050–1059. doi: 10.1002/cbin.10294

Humphrey, J. D., Dufresne, E. R., and Schwartz, M. A. (2014).
Mechanotransduction and extracellular matrix homeostasis. Nat. Rev.

Mol. Cell Biol. 15, 802–812. doi: 10.1038/nrm3896
Hurst, S. M., Wilkinson, T. S., McLoughlin, R. M., Jones, S., Horiuchi, S.,

Yamamoto, N., et al. (2001). IL-6 and its soluble receptor orchestrate a temporal
switch in the pattern of leukocyte recruitment seen during acute inflammation.
Immunity 14, 705–714. doi: 10.1016/S1074-7613(01)00151-0

Itano, N., Sawai, T., Yoshida, M., Lenas, P., Yamada, Y., Imagawa, M., et al. (1999).
Three isoforms of mammalian hyaluronan synthases have distinct enzymatic
properties. J. Biol. Chem. 274, 25085–25092. doi: 10.1074/jbc.274.35.25085

Jiang, D., Liang, J., Fan, J., Yu, S., Chen, S., Luo, Y., et al. (2005). Regulation of
lung injury and repair by Toll-like receptors and hyaluronan. Nat. Med. 11,
1173–1179. doi: 10.1038/nm1315

Jo, A. O., Ryskamp, D. A., Phuong, T. T. T., Verkman, A. S., Yarishkin, O.,
Macaulay, N., et al. (2015). TRPV4 and AQP4 channels synergistically regulate
cell volume and calcium homeostasis in retinal müller glia. J. Neurosci. 35,
13525–13537. doi: 10.1523/JNEUROSCI.1987-15.2015

Julier, Z., Park, A. J., Briquez, P. S., and Martino, M. M. (2017). Promoting tissue
regeneration by modulating the immune system. Acta Biomater. 53, 13–28.
doi: 10.1016/j.actbio.2017.01.056

Khosla, S. (2001). Minireview: The OPG/RANKL/RANK System. 142, 5050–5055
Kikuchi, K., and Poss, K. D. (2012). Cardiac regenerative capacity

and mechanisms. Annu. Rev. Cell Dev. Biol. 28, 719–741.
doi: 10.1146/annurev-cellbio-101011-155739

Kim, S. H., Kim, S., Choi, H. I., Choi, Y. J., Lee, Y. S., Sohn, K. C.,
et al. (2010). Callus formation is associated with hyperproliferation
and incomplete differentiation of keratinocytes, and increased
expression of adhesion molecules. Br. J. Dermatol. 163, 495–501.
doi: 10.1111/j.1365-2133.2010.09842.x

Koch, A. E., Polverini, P. J., Kunkel, S. L., Harlow, L. A., DiPietro, L. A.,
Elner, V. M., et al. (1992). Interleukin-8 as a macrophage-derived mediator of
angiogenesis. Science (80-.). 258, 1798–1801. doi: 10.1126/science.1281554

Kode, A., Manavalan, J. S., Mosialou, I., Bhagat, G., Rathinam, C. V., Luo, N.,
et al. (2014). Leukaemogenesis induced by an activating β-catenin mutation in
osteoblasts. Nature 506, 240–244. doi: 10.1038/nature12883

Kolar, P., Gaber, T., Perka, C., Duda, G. N., and Buttgereit, F. (2011). “0Human
early fracture hematoma is characterized by inflammation and hypoxia.
in Clinical Orthopaedics and Related Research (Springer New York LLC),
3118–3126. doi: 10.1007/s11999-011-1865-3

Kolar, P., Schmidt-Bleek, K., Schell, H., Gaber, T., Toben, D., Schmidmaier, G.,
et al. (2010). The early fracture hematoma and its potential role in fracture
healing. Tissue Eng. - Part B Rev. 16, 427–434. doi: 10.1089/ten.teb.2009.0687

Kollet, O., Dar, A., Shivtiel, S., Kalinkovich, A., Lapid, K., Sztainberg, Y., et al.
(2006). Osteoclasts degrade endosteal components and promote mobilization
of hematopoietic progenitor cells. Nat. Med. 12, 657–664. doi: 10.1038/nm1417

Kollet, O., Shivtiel, S., Chen, Y. Q., Suriawinata, J., Thung, S. N., Dabeva, M.
D., et al. (2003). HGF, SDF-1, and MMP-9 are involved in stress-induced
human CD34+ stem cell recruitment to the liver. J. Clin. Invest. 112, 160–169.
doi: 10.1172/JCI17902

Kon, T., Cho, T. J., Aizawa, T., Yamazaki, M., Nooh, N., Graves, D.,
et al. (2001). Expression of osteoprotegerin, receptor activator of
NF-κB ligand (osteoprotegerin ligand) and related proinflammatory
cytokines during fracture healing. J. Bone Miner. Res. 16, 1004–1014.
doi: 10.1359/jbmr.2001.16.6.1004

Kong, Y. Y., Yoshida, H., Sarosi, I., Tan, H. L., Timms, E., Capparelli, C., et al.
(1999). OPGL is a key regulator of osteoclastogenesis, lymphocyte development
and lymph-node organogenesis. Nature 397, 315–323. doi: 10.1038/16852

Könnecke, I., Serra, A., El Khassawna, T., Schlundt, C., Schell, H., Hauser, A.,
et al. (2014). T and B cells participate in bone repair by infiltrating the fracture
callus in a two-wave fashion. Bone 64, 155–165. doi: 10.1016/j.bone.2014.
03.052

Kovtun, A., Bergdolt, S., Wiegner, R., Radermacher, P., Huber-Lang, M., and
Ignatius, A. (2016). The crucial role of neutrophil granulocytes in bone fracture
healing. Eur. Cells Mater. 32, 152–162. doi: 10.22203/eCM.v032a10

Kuipers, M. T., Aslami, H., Janczy, J. R., Van Der Sluijs, K. F., Vlaar, A.
P. J., Wolthuis, E. K., et al. (2012). Ventilator-induced lung injury is
mediated by the NLRP3 inflammasome. Anesthesiology 116, 1104–1115.
doi: 10.1097/ALN.0b013e3182518bc0

Kuipers, M. T., van der Poll, T., Schultz, M. J., and Wieland, C. W. (2011).
Bench-to-bedside review: damage-associated molecular patterns in the onset
of ventilator-induced lung injury. Crit. Care 15, 1–11. doi: 10.1186/cc10437

Kwon, S. H., Padmanabhan, J., and Gurtner, G. C. (2018). “Mechanobiology of
skin diseases and wound healing,” in Mechanobiology in Health and Disease

(London: Elsevier), 415–448. doi: 10.1016/B978-0-12-812952-4.00014-3
LaCanna, R., Liccardo, D., Zhang, P., Tragesser, L., Wang, Y., Cao, T., et al. (2019).

Yap/Taz regulate alveolar regeneration and resolution of lung inflammation. J.
Clin. Invest. 129, 2107–2122. doi: 10.1172/JCI125014

Langer, K. (1978a). On the anatomy and physiology of the skin. I. The cleavability
of the cutis. (Translated from Langer, K. (1861). Zur Anatomie und Physiologie

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 16 February 2021 | Volume 9 | Article 614508326

https://doi.org/10.1016/j.bonr.2017.03.002
https://doi.org/10.1038/nri.2017.90
https://doi.org/10.1073/pnas.1018501108
https://doi.org/10.3109/17453679408995493
https://doi.org/10.1016/S0003-9993(98)90005-3
https://doi.org/10.4049/jimmunol.1300212
https://doi.org/10.1038/nature11926
https://doi.org/10.4110/in.2013.13.4.111
https://doi.org/10.1016/j.ajpath.2014.11.008
https://doi.org/10.1126/scitranslmed.aau6296
https://doi.org/10.1152/ajplung.00315.2009
https://doi.org/10.1677/JOE-08-0568
https://doi.org/10.1007/s00418-006-0258-2
https://doi.org/10.1074/jbc.M110.137273
https://doi.org/10.1038/sj.jid.5700613
https://doi.org/10.1016/j.ajpath.2012.02.004
https://doi.org/10.1016/j.stem.2014.07.012
https://doi.org/10.1002/cbin.10294
https://doi.org/10.1038/nrm3896
https://doi.org/10.1016/S1074-7613(01)00151-0
https://doi.org/10.1074/jbc.274.35.25085
https://doi.org/10.1038/nm1315
https://doi.org/10.1523/JNEUROSCI.1987-15.2015
https://doi.org/10.1016/j.actbio.2017.01.056
https://doi.org/10.1146/annurev-cellbio-101011-155739
https://doi.org/10.1111/j.1365-2133.2010.09842.x
https://doi.org/10.1126/science.1281554
https://doi.org/10.1038/nature12883
https://doi.org/10.1007/s11999-011-1865-3
https://doi.org/10.1089/ten.teb.2009.0687
https://doi.org/10.1038/nm1417
https://doi.org/10.1172/JCI17902
https://doi.org/10.1359/jbmr.2001.16.6.1004
https://doi.org/10.1038/16852
https://doi.org/10.1016/j.bone.2014.03.052
https://doi.org/10.22203/eCM.v032a10
https://doi.org/10.1097/ALN.0b013e3182518bc0
https://doi.org/10.1186/cc10437
https://doi.org/10.1016/B978-0-12-812952-4.00014-3
https://doi.org/10.1172/JCI125014
https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


Knecht et al. Immune-Mechanobiology in Regeneration

der Haut. I. Uber die Spaltbarkeit der Cutis. Sitzungsbericht der Mathematisch-
naturwissenschaftlichen Classe der. Br. J. Plast. Surg. 31, 3–8

Langer, K. (1978b). On the anatomy and physiology of the skin. III. The elasticity
of the cutis By Professor K. Langer Presented at the meeting of 27th November
1861. Br. J. Plast. Surg. 31, 185–199

Langer, K. (1978c). On the anatomy and physiology of the skin ii skin tension by
Professor K. Langer, presented at the meeting of 27th November 1861. Br. J.
Plast. Surg. 31, 93–106.

Leach, J. P., Heallen, T., Zhang, M., Rahmani, M., Morikawa, Y., Hill, M. C., et al.
(2017). Hippo pathway deficiency reverses systolic heart failure after infarction.
Nature 550, 260–264. doi: 10.1038/nature24045

Leblond, A.-L., Klinkert, K., Martin, K., Turner, E. C., Kumar, A. H., Browne, T.,
et al. (2015). Systemic and cardiac depletion of M2 macrophage through CSF-
1R signaling inhibition alters cardiac function post myocardial infarction. PLoS
ONE 10:e0137515. doi: 10.1371/journal.pone.0137515

Lee, H., pyo, Stowers, R., and Chaudhuri, O. (2019). Volume expansion
and TRPV4 activation regulate stem cell fate in three-dimensional
microenvironments. Nat. Commun. 10:529. doi: 10.1038/s41467-019-08465-x

Lévesque, J. P., Hendy, J., Takamatsu, Y., Simmons, P. J., and Bendall, L. J.
(2003). Disruption of the CXCR4/CXCL12 chemotactic interaction during
hematopoietic stem cell mobilization induced by gcsf or cyclophosphamide. J.
Clin. Invest. 111, 187–196. doi: 10.1172/JCI15994

Li, M., Fang, X. Z., Zheng, Y. F., Xie, Y., Bin, M.a, and X. D., Liu, X. T., et al. (2019).
Transient receptor potential vanilloid 4 is a critical mediator in LPS mediated
inflammation by mediating calcineurin/NFATc3 signaling. Biochem. Biophys.

Res. Commun. 513, 1005–1012. doi: 10.1016/j.bbrc.2019.04.020
Li, X., Ominsky, M. S., Niu, Q. T., Sun, N., Daugherty, B., D’Agostin, D.,

et al. (2008). Targeted deletion of the sclerostin gene in mice results in
increased bone formation and bone strength. J. Bone Miner. Res. 23, 860–869.
doi: 10.1359/jbmr.080216

Lienau, J., Schell, H., Duda, G. N., Seebeck, P., Muchow, S., and Bail, H. J. (2005).
Initial vascularization and tissue differentiation are influenced by fixation
stability. J. Orthop. Res. 23, 639–645. doi: 10.1016/j.orthres.2004.09.006

Lin, D., Chai, Y., Ma, Y., Duan, B., Yuan, Y., and Liu, C. (2019). Rapid initiation
of guided bone regeneration driven by spatiotemporal delivery of IL-8 and
BMP-2 from hierarchical MBG-based scaffold. Biomaterials 196, 122–137.
doi: 10.1016/j.biomaterials.2017.11.011

Lin, M., Jackson, P., Tester, A. M., Diaconu, E., Overall, C. M., Blalock, J.
E., et al. (2008). Matrix metalloproteinase-8 facilitates neutrophil migration
through the corneal stromal matrix by collagen degradation and production
of the chemotactic peptide pro-gly-pro. Am. J. Pathol. 173, 144–153.
doi: 10.2353/ajpath.2008.080081

Lin, Z., Von Gise, A., Zhou, P., Gu, F., Ma, Q., Jiang, J., et al. (2014).
Cardiac-specific YAP activation improves cardiac function and survival
in an experimental murine MI model. Circ. Res. 115, 354–363.
doi: 10.1161/CIRCRESAHA.115.303632

Lindner, D., Zietsch, C., Tank, J., Sossalla, S., Fluschnik, N., Hinrichs, S., et al.
(2014). Cardiac fibroblasts support cardiac inflammation in heart failure. Basic
Res. Cardiol. 109, 1–16. doi: 10.1007/s00395-014-0428-7

Liu, F., Lagares, D., Choi, K. M., Stopfer, L., Marinkovi,ć, A., Vrbanac, V., et al.
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The metastatic cascade presents a significant challenge to patient survival in the
fight against cancer. As metastatic cells disseminate and colonize a secondary site,
stepwise exposure to microenvironment-specific mechanical stimuli influences and
protects successful metastasis. Following cancerous transformation and associated
cell recruitment, the tumor microenvironment (TME) becomes a mechanically complex
niche, owing to changes in extracellular matrix (ECM) stiffness and architecture. The
ECM mechanically reprograms the cancer cell phenotype, priming cells for invasion. 2D
and 3D hydrogel-based culture platforms approximate these environmental variables
and permit investigations into tumor-dependent shifts in malignancy. Following TME
modification, malignant cells must invade the local ECM, driven toward blood, and lymph
vessels by sensing biochemical and biophysical gradients. Microfluidic chips recreate
cancer-modified ECM tracks, empowering studies into modes of confined motility.
Intravasation and extravasation consist of complex cancer-endothelial interactions
that modify an otherwise submicron-scale migration. Perfused microfluidic platforms
facilitate the physiological culture of endothelial cells and thus enhance the translatability
of basic research into metastatic transendothelial migration. These platforms also
shed light on the poorly understood circulating tumor cell, which defies adherent cell
norms by surviving the shear stress of blood flow and avoiding anoikis. Metastatic
cancers possess the plasticity to adapt to new mechanical conditions, permitting their
invasiveness, and ensuring their survival against anomalous stimuli. Here, we review the
cellular mechanics of metastasis in the context of current in vitro approaches. Advances
that further expose the mechanisms underpinning the phenotypic fluidity of metastatic
cancers remain central to the development of novel interventions targeting cancer.

Keywords: extracellular matrix, confinement, mechanotransduction, invasion, biophysics, stiffness

INTRODUCTION

Cancer remains a leading cause of death globally; a burden largely attributed to cancer cell
metastasis (World Health Organisation, 2018). While the genetic and biochemical drivers of
metastasis are widely recognized, biophysical stimuli also progress cancer. Like all other cell types,
cancerous cells perceive physical inputs from their microenvironment that mechanically alter DNA
transcription and, thus, cell behavior and function, a process known as mechanotransduction
(Eyckmans et al., 2011; Broders-Bondon et al., 2018). Such stimuli include the stiffness,
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composition, and architecture of the extracellular matrix (ECM),
the mechanotransduction of which enhances and protects
successful metastasis (Wei et al., 2015). All stages of the
metastatic cascade are inherently mechanical, as cells invade
through and interact with tissues and fluids of varying
compositions and rheological properties. While these stimuli
are implicated in malignancy, their contributions remain
incompletely understood. Our ability to study metastatic
mechanics in vitro is dependent on microfluidics and biomimetic
substrates. Ongoing developments in these platforms continue
to refine in vitro investigations of the cancer-microenvironment
interface. Here, we review key biophysical mechanics of the
metastatic cascade and our ability to study them in vitro to further
our understandings of this complex disease.

THE TUMOR MICROENVIRONMENT

Cancerous transformation inflames the surrounding tissue
and activates cancer-associated cell types, prompting the
pathogenesis of the tumor microenvironment (TME) (Hanahan
and Weinberg, 2011; Kim and Bae, 2016; Yamauchi et al.,
2020). This is characterized by the upregulated deposition,
reorganization, and increased crosslinking of ECM proteins,
such as fibronectin and collagen type I (Tschumperlin and
Lagares, 2020). This disruption of ECM homeostasis alters matrix
deformability and ligand availability, thus perturbing local cell
mechanotransduction. Moreover, increased ECM deposition and
crosslinking compartmentalizes and compresses the tumor as its
diverse cellular population proliferates (Tse et al., 2012; Vennin
et al., 2018). The destabilized mechanical and biochemical
profiles of the TME coalesce to drive pre-metastatic phenomena,
such as epithelial-mesenchymal plasticity (EMP) (Redfern et al.,
2019). In isolating TME mechanics’ effect on tumor progression
and metastasis, investigators employ a combination of 2D and 3D
hydrogel-based cell culture systems. The stiffness, composition,
and pore size of the ECM can be highly controlled and
manipulated within such hydrogel platforms, granting control
over the important haptotactic and durotactic stimuli that drive
metastasis (Table 1).

Extracellular Matrix Stiffness
Perhaps one of the most well documented solid TME
characteristics is associated ECM stiffening. While this is
downstream of initial tumorigenesis, owing to the recruitment
and activation of cancer-associated fibroblasts, there is an
established link between ECM stiffening and metastasis.
2D and 3D (encapsulating) hydrogel platforms (such as
collagen, gelatin, or alginate-based gels) find that increased
ECM stiffness drives invasion in metastatic breast cancer
cells, while non-cancerous cells did not exhibit such invasive
phenotypes (Levental et al., 2009; Chaudhuri et al., 2014;
Peela et al., 2016; Ondeck et al., 2019). This may owe to
oncogene-mediated changes in mechanosensitivity, which alters
the transduction of ECM stiffening (Panciera et al., 2020).
While this mechanoperception, at least in part, utilizes
established mechanosensitive transcriptional regulators

YAP/TAZ, 3D encapsulation reduces cross-sectional force
exposure, suggesting metastatic mechanosensation may operate
through parallel, YAP-independent pathways (Lee et al.,
2019). This reprogramming of mechanosensation further
enhances phenotypic plasticity, whereby the viscoelasticity of
metastatic cells is dynamic and environmentally impressionable
compared to their non-metastatic counterparts (Tian et al.,
2020). Interestingly, stiffness-dependent chemoresistance
is also observed in 2D and 3D hydrogel platforms (Rice
et al., 2017; Joyce et al., 2018). Moreover, this stiffness-
mediated resistance was only observed in metastatic
cell lines, suggesting that phenotypic plasticity and
prosurvival activation in metastatic cancer cells are both
mechanically coupled.

Extracellular Matrix Architecture
In addition to stiffening, cancer-associated ECM is more
dense and aligned, forming ECM highways for invading
cells and altering ligand spacing within and around the
tumor. Changes in ligand availability alter integrin subunit
involvement, clustering, and focal adhesion complex assembly,
thus perturbing intracellular signaling cascades that influence
cell behaviors, including migration, proliferation, and survival
(Figure 1A; Levental et al., 2009; Jang and Beningo, 2019).
As such, when interacting with a sparse, non-cancerous
ECM, the invasive and proliferative tendencies of readily
metastatic cells are suppressed, suggestive of a ligand-
dependent reprogramming that is maintained with a change
in microenvironment (Kaukonen et al., 2016). While normal
and cancerous fibroblast-generated matrices demonstrate the
importance of ligand density, these techniques cannot be well
controlled, nor their variables (such as compounded stiffness)
isolated. The advent of 2D nano-spaced ligand platforms
permits the investigation of ECM density with single-cell
resolution. Studies find that cancer cell morphology, motility,
plasticity, and adhesion are manipulated in a ligand density-
dependent manner (Lee et al., 2011; Amschler et al., 2014,
2018; Horzum et al., 2015). Interestingly, varying ligand
density demonstrates a proportional exchange between
cell-cell and cell-ECM adhesion (Horzum et al., 2015).
Moreover, cells on controlled ligand spacing platforms have
also exhibited shifts in states of EMP, implicating ECM
density in metastatic progression (Marlar et al., 2016).
These nano-spaced ligand platforms have recently been
combined with blocking peptidomimetics to delineate integrin
subtype involvement in breast cancer drug resistance. Young
et al. (2020) demonstrated that metastatic breast cancer
drug sensitivity was highly dependent on ligand spacing
and integrin subtype, thus affirming ECM architecture’s
influence on metastatic protection and progression. Finally,
regarding in vitro models of the TME, the importance of
co-culture platforms, through which ECM, phenotypic, and
chemoreceptive norms are modified by accessory cell types,
such as cancer-associated fibroblasts and macrophages, must
also be acknowledged (Kuen et al., 2017; Plaster et al., 2019;
Vennin et al., 2019; Huang et al., 2020; Libring et al., 2020;
Lugo-Cintrón et al., 2020).
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TABLE 1 | The advantages and disadvantages of selected platforms to study the mechanics of the metastatic cascade.

Metastatic
cascade

Platform Description Advantages Disadvantages Key papers

Tumor
Microenvironment

2D
Nano-spacing

Block copolymer micelle nanolithography (BCMN)
and peptidomimetics are used to synthesize
nano-spaced peptide-coated particles on a culture
substrate

ECM ligand density can be
highly controlled
Single-cell resolution

2D cultures do not recreate 3D in vivo cell-cell
and cell-ECM interactions

Young et al., 2020
Amschler et al., 2018

3D Hydrogels Tuneable semi-synthetic hydrogels such as GelMA
and alginate-based interpenetrating networks utilize
UV or Ca2+ crosslinking to modulate substrate
stiffness (and pore size in GelMA)

Replicates cell-cell and
cell-ECM interactions
On-demand (temporally
and spatially) tuneable
stiffness/pore size
Elastic and viscoelastic
options

Reduced imaging quality/ease of imaging with
increasing sample thickness
Unable to replicate the diversity of natural ECM

Panciera et al., 2020
Joyce et al., 2018
Kim C. et al., 2020
Peela et al., 2016

Invasion 3D Hydrogels Tuneable natural hydrogels such as collagen type I
or reconstituted basement membrane are thermally
polymerized. Substrate stiffness can be controlled
by adjusting protein concentration and gelation
temperature

Tuneable soft stiffness’s
Native ECM proteins
Viscoelastic properties
close to in vivo conditions

Tuneable stiffness typically does not cover the
complete physiological range
Cannot control pore size

Chaudhuri et al., 2014
Wullkopf et al., 2018

Microchannels Soft lithography is used to fabricate microchannels
of varying dimensions and topographies by casting
polydimethylsiloxane over silicon wafers/molds

High spatial resolution
Relatively cheap
Routine microscopy
compatible

Reduced substrate stiffness tuneability
Unable to recreate true heterogeneity of tissue
topography

Holle et al., 2019
Ma et al., 2018
Microchannels created in
collagen address this, see
Mosier et al., 2019

Intra/Extravasation Co-culture
Microfluidics

Soft lithography is used to fabricate perfused
microfluidic chips designed to accommodate
different cells types that can communicate and
interact through media or hydrogel reservoirs

Physiological culture of
endothelial cells in
platforms with flow
Inter-cellular
communication

Increased cost, preparation time, and resource
demand
Reduced data resolution with increasing
complexity

Chen et al., 2013
Nguyen et al., 2019

Subnuclear
Microchannels

Soft lithography or glass etching allows for the
fabrication of subnuclear constriction challenges.
Nuclear constriction topographies include periodic
pinch-points and restricted channels

Highly controlled
constriction dimensions
Single-cell resolution with
manipulability

Limited control of perceived substrate stiffness
Increased preparation time and required
resources

Raab et al., 2016
Sima et al., 2020

Circulating
Tumor Cells

Microfluidics Soft lithography-fabricated microfluidic chips are
connected to pumps that circulate cell media and
thus exert shear stresses on cells and/or maintain
them in suspended culture

Application and control of
fluidic shear stress
Reduced handling during
experimentation

Lacking interaction with native blood/lymph
cells
Live-cell imaging resources
Increased preparation time

Zhang et al., 2014
Fan et al., 2016
Can be utilized for real-time
deformability cytometry see
Otto et al., 2015

Metastasis-on-
a-chip

Composite platforms incorporating a combination
of the above platforms (i.e., 3D encapsulated cell
types and perfused microfluidics) to study the
metastatic cascade in an integrated fashion

Incorporation of many
in vivo variables
Multi-system chip scalability

Reduced data resolution with increasing
complexity
Optimizing culture media
Increased preparation time and required
resources
Low through-put

Rajan et al., 2020b
Aleman and Skardal, 2019
Hassell et al., 2017
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FIGURE 1 | Key mechanical forces of the metastatic microenvironment. (A) Cancer-associated remodeling of the normal extracellular matrix (ECM) (1) increases
local stiffness and alters ligand availability in and around the tumor microenvironment (TME), the mechanotransduction of which enhances cancer cell survival,
proliferation, and primes cells for metastasis (2). (B) Invasive cells escape the primary tumor through confined, subnuclear ECM tracks. Such confinement deforms
the nucleus (black arrows) and reprograms anchorage dependency, thereby altering transcriptional regulator translocation, conventional mechanotransduction
pathways, and, thus, the invasive phenotype. (C) Current understandings of transendothelial migration suggest interacting cancer cells mechanically and chemically
modify these submicron constrictions with permeabilizing factors and cancer-associated inflammation of the endothelium. (D) Cancer cells must survive anoikis while
disseminating in the blood/lymph. They may evade anoikis by clustering to engage cell-cell adhesions that generate intracellular tension that is transduced to the
nucleus, replacing the lost input of substrate adhesion, thereby suppressing anchorage-dependent apoptosis. Moreover, suspended cancer cells (or circulating
tumor cells) must survive the shear stress of blood flow (white arrows). (E) Upon reaching a distant secondary site, metastatic cells must survive in a foreign
environment, the mechanical and chemical profiles of which differ from their tissue of origin.
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INVASION IN THE LOCAL
MICROENVIRONMENT

To escape the TME, disseminating cells must invade toward
intra- or extra-tumoral blood and lymph vessels (Nguyen
et al., 2009). ECM crosslinking and the consequently decreased
pore size and rate-limiting factors such as nuclear size and
integrity mechanically govern cancer cell invasion (Wisdom
et al., 2018). Tumor-modified ECM tracks are narrower than
5 microns in some instances, presenting invasive cells with
prolonged and repeated constriction challenges (Weigelin et al.,
2012). Such confinement differentially influences an invading
cell’s motility and resilience, depending on their metastatic
competence, which owes to TME reprogramming (Bhatia et al.,
2020). Polydimethylsiloxane (PDMS)-cast microchannel devices
permit the mimicry of narrowed ECM pores/tracks with precisely
controlled channel dimensions. These platforms endeavor
to highlight confinement-dependent changes in metastatic
patterns of locomotion.

Mechanical Confinement Enhances
Cancer Invasion
Recent studies demonstrate that cancer invasion speed increases
with the degree of constriction in long, representative
microtracks (Holle et al., 2019; Mosier et al., 2019; Wang
et al., 2019). Interestingly, invasion speed also increases with the
number of brief, periodic constriction challenges (Mak et al.,
2013; Ma et al., 2018). These studies observe confinement-
dependent motility changes, with some reporting a mesenchymal
to amoeboid-type shift in locomotion, owing to an adhesion-
independent reprogramming, as is observed in immune cell
invasion (Reversat et al., 2020). This reprogrammed adhesion has
been recently highlighted and is accompanied by cell softening
consistent with decreases in force exertion on the surrounding
ECM (Guck et al., 2005; Kristal-Muscal et al., 2013; Khan et al.,
2018; Holenstein et al., 2019; Beri et al., 2020; Han et al., 2020).
Importantly, these mechanical traits of an amoeboid phenotype
are evident in patient samples (Swaminathan et al., 2011;
Plodinec et al., 2012). These data assert an amoeboid transition
under confinement as a distinct paradigm during cancer invasion
that traditional models of epithelial-mesenchymal transition are
unable to characterize.

Nuclear membranes are coupled to the ECM through
cytoskeletal fibers in established mechanotransduction pathways
(Holle et al., 2018). In amoeboid-transformed cells, reduced ECM
coupling obscures classical models of mechanotransduction.
However, mechanically gated nuclear pores stretch during
nuclear deformation, promoting the shuttling of transcriptional
regulators, and activating signaling cascades that modify cell
migration and behavior (Elosegui-Artola et al., 2017; Venturini
et al., 2020). Under extreme constriction, the nuclear envelope
ruptures, resulting in the mixing of the cytosolic, and nuclear
contents; a phenomenon that does not impede cancer invasion
(Denais et al., 2016; Raab et al., 2016). Interestingly, metastatic
cells become more invasive following nuclear envelope rupture,
whereas non-cancerous cells undergo accelerated senescence

(Nader et al., 2020). Therefore, a deformed or repeatedly ruptured
nucleus under confinement may become an independently
mechanosensitive apparatus responsible for guiding cell behavior
during cancer invasion (Figure 1B). However, the role of such
nuclear mechanics in cancer invasion remains a current topic
of interest (Fu et al., 2012; Kirby and Lammerding, 2018;
Mierke, 2019; Heo et al., 2020; Herráez-Aguilar et al., 2020;
Lomakin et al., 2020).

INTRAVASATION AND EXTRAVASATION

The reprogramming of invasive cells into less matrix-dependent,
amoeboid-like cells demonstrates the phenotypic plasticity of
metastatic cells but likely functions in preparing invading cells
for the extreme confinement encountered during intravasation
and extravasation (Chiang et al., 2016). Upon reaching an
intra- or extra-tumoral vessel, invasive cells must traverse the
endothelial barrier, which is bound by submicron-scale cell-
cell adhesions, including tight junctions (Wallez and Huber,
2008). Invasive cancer cells and associated cell types, such
as macrophages, may modify these junctions to reduce the
degree of confinement experienced, although these mechanisms
are not fully known (Zervantonakis et al., 2012). Researchers
integrate microfluidic PDMS devices with biomimetic substrates
(hydrogels) and multicellular co-cultures to interrogate cancer-
endothelial mechanics. Similar to studies of invasion, the extreme
confinement of trans-endothelial migration can be approximated
using advanced microfabrication techniques.

Microfluidic Co-culture Platforms Reveal
Complex Cancer-Vessel Interactions
Perfused microfluidic devices recreate one of the most formidable
mechanical stresses of the metastatic cascade, fluidic shear
stress. These platforms facilitate the physiological culture of
endothelial cells, the permeability, and morphology of which
are mechanically regulated by flow, thus, improving research
translatability of endothelial traversal or junction modification
(Wang et al., 2013; Sfriso et al., 2018). Perfused platforms
demonstrate that both flow rate and pulsatility influence cancer-
endothelial adhesion and subsequent traversal (Kühlbach et al.,
2018). Furthermore, trans-endothelial migration is cooperated
by disruptions in endothelial permeability owing to external
mechanical and chemical perturbation; as is observed in cancer-
associated macrophage activation or exposure to tissue-specific
factors (Figure 1C; Jeon et al., 2013, 2015; Lee et al., 2014;
Peng et al., 2019; Zavyalova et al., 2019). Not all cancer cells
possess the ability to traverse the endothelium, which may reflect
the phenotypic heterogeneity of metastatic cells (Jeon et al.,
2013; Bertulli et al., 2018). Interestingly, mechanically resilient
amoeboid phenotypes have been observed during intravasation,
evidenced by macrophage-mediated RhoA activity (Kosla et al.,
2013; Roh-Johnson et al., 2014). An important study by Chen
et al. (2013) demonstrates the endothelium’s pliability as a
mechanical barrier, visualizing increases in endothelial apertures
throughout a single extravasation. They also report clusters
of extravasating cells, which may increase local endothelial
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exposure to permeabilizing, proinflammatory cancer secretions,
further destabilizing the endothelium and enhancing metastatic
progression (Chen et al., 2013). In platforms that lack perfusion,
metastatic cells still perturb the endothelium’s structural integrity
to facilitate intravasation, findings that are supported in vivo
(Nguyen et al., 2019).

While co-culture studies more accurately recapitulate cancer-
endothelial interactions, they make it challenging to isolate
the submicron constriction mechanics that may constitute
intra- and extravasation. Recently, glass microfluidic devices
with submicron constriction challenges were fabricated with
femtosecond laser-assisted etching. While this platform does
not recreate other essential variables, such as ECM stiffness,
it demonstrates that metastatic cells are capable of submicron
invasion and that, as previously reported, invasion speeds
increase with constriction. Crucially, this mechanical challenge
did not impair post-constriction proliferation or migration
(Sima et al., 2020).

SURVIVING IN SUSPENSION

Cancer cells can escape many forms of programmed cell
death through a myriad of signaling cascades, some of which
are mechanically coupled (Hanahan and Weinberg, 2011).
Once invading cells have successfully intravasated, they must
survive hemodynamic shear stresses and escape anchorage-
dependent apoptosis, known as anoikis (Paoli et al., 2013).
In suspension, an adherent cell should undergo anoikis owing
to the loss of integrin-mediated apoptotic suppression, as is
observed in normal epithelial turnover (Frisch and Screaton,
2001; Paoli et al., 2013). Nevertheless, a suspended cancer cell
can withstand this loss of mechanical signaling and disseminate
as a circulating tumor cell (CTC). The mechanisms through
which CTCs evade anoikis are conflicting, but have been recently
eluded to in studies employing microfluidic systems. As with
studies of intra- and extravasation, perfused microfluidic devices
provide an approximated physiological mimic within which
the behaviors of CTCs may be investigated. Combining these
perfused devices, with conditioned CTCs and other, hydrogel-
embedded cell types grants an unprecedented look at the
metastatic cascade in its entirety; an emerging study tool known
as metastasis-on-a-chip.

Circulating Tumor Cells
Circulating tumor cells form multicellular clusters in vitro and
in vivo (Chen et al., 2013; Yu et al., 2013; Aceto et al., 2014; Au
et al., 2016). This cell-cell adhesion, and subsequent engagement
of adherens junction proteins, such as cadherin, initiates
mechanically coupled antiapoptotic signaling cascades and thus,
afford CTCs time to disseminate in suspension (Guadamillas
et al., 2011; Li et al., 2019; Tang et al., 2020). Studies demonstrate
that the mechanotransduction of shear stress may facilitate this
phenotypic shift (Zhao et al., 2014; Yang et al., 2016; Follain
et al., 2020). Moreover, cancer cells exposed to physiological
shear stress are more invasive, proliferative, and chemoresistant
than non-cancerous cells and CTCs in static conditions

(Lee et al., 2017, 2018; Novak et al., 2019). Therefore, not only
are CTCs resistant to anoikis and physiological shear stresses,
but such stimuli potentiate metastasis (Figure 1D; Barnes
et al., 2012; Zhang et al., 2018). CTC clusters remain highly
deformable while maintaining cell-cell adhesions, permitting
the navigation of capillary-sized constrictions (Au et al., 2016).
Shear stress also enhances extravasation and migration in CTCs,
owing to increases in cellular oxidative stress (Ma et al.,
2017). Interestingly, while initially softer, metastatic cells stiffen
following shear stress exposure, while their non-cancerous
counterparts were unresponsive. This reinforces an oncogene-
mediated reprogramming of cellular mechanosensitivity and
cytoskeletal mechanoadaptation (Chivukula et al., 2015).

Metastasis-on-a-Chip
Throughout the metastatic cascade, one mechanical exposure
seemingly prepares the invading cell for the next. Logically, this
progression should be studied in an integrated fashion, rather
than in isolation, as is traditional of reductionist research. As
such, some metastasis-on-a-chip platforms allow researchers
to study each stage of the metastatic cascade in a single
microfluidic device (Sleeboom et al., 2018; Sontheimer-Phelps
et al., 2019). These facilitate investigations into metastatic
enigmata, like organotropism, whereby metastasizing cells
have a secondary tissue preference (Figure 1E; Hoshino
et al., 2015). While in its infancy, organotropic studies
of metastasis do elude to disseminative preference and
demonstrate stiffness-dependent TME escape, reflecting
in vivo observations (Skardal et al., 2016; Aleman and
Skardal, 2019). While cellular mechanics become difficult
to resolve with increasing system complexity, important
physical cues may be reproduced, and their effects on cancer
progression, examined; such as the cyclic tension of respiration
in a model of lung metastasis (Hassell et al., 2017). Such
biomimetic systems also lend themselves to pharmacological
and biochemical screening, granting researchers insight into
how such conditioning modifies and influences the biophysics
of metastatic microenvironments (Kim J. et al., 2020; Nashimoto
et al., 2020; Palacio-Castaneda et al., 2020; Rajan et al., 2020a,b;
Sharifi et al., 2020).

CONCLUSION AND FUTURE
PERSPECTIVES

Recent research establishes the stepwise biophysical cues of
the metastatic cascade as essential drivers of malignancy.
Each step of the metastatic cascade presents an opportunity
to perturb cancer’s mechanically coupled progression.
Unfortunately, the mechanisms that underlie the influence
of a cancer cell’s microenvironment on its remarkable plasticity
and resilience remain incompletely characterized. Ongoing
developments in bioengineering promise to advance our
capacity to resolve single-cell level changes in response to
microenvironment-specific mechanics. While such resolution
will surely highlight new therapeutic targets that underlie
the burden of metastatic cancer, these studies are principally
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conducted with immortal, commercially available cell lines.
While these cell lines have informed cancer biology over
many decades, they do not wholly mimic the phenotypic
plasticity or responsiveness observed in vivo. Phenotype and
behavior may vary more than can be captured by currently
available cell lines, thus, idealizing the development of more
native, dynamic alternatives. Such developments would further
empower metastasis-on-a-chip platforms, facilitating more
physiological investigations of the cell-microenvironment
interface. Moreover, the prospect of mechanotherapy, such as
reversing the ECM remodeling of the TME and surrounding
stroma, may prove a beneficial adjunct therapy by improving
the efficacy of chemotherapy, thus bettering patient outcomes
(Vennin et al., 2018; Tschumperlin and Lagares, 2020). In
conducting such research, investigators must acknowledge the
mechanosensitivity of metastatic cancers and the mechanical
profiles that constitute the metastatic cascade. Here, we
highlight the cellular responses to key microenvironmental

stimuli that corroborate metastasis and represent future
therapeutic targets.
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A Novel Method for Polyacrylamide
Gel Preparation Using
N-hydroxysuccinimide-acrylamide
Ester to Study Cell-Extracellular
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Mechanical stimulation by the extracellular matrix (ECM) controls physiological and
pathological cellular responses, such as stem cell differentiation, organogenesis, and
tumor progression. Polyacrylamide (PA) gels have been widely used to study cell-ECM
mechanical interactions. Typically, sulfosuccinimidyl 6-(4′-azido-2′-nitrophenylamino)
hexanoate (sulfo-SANPAH) is used as a protein crosslinker in these gels. However, its
low solubility, unstable binding with proteins, and high cost are barriers to its application.
The objective of this study was to improve and simplify the preparation of PA gels using an
economical crosslinker, N-hydroxysuccinimide-acrylamide (NHS-AA) ester, to enable
increased stability in protein coating. By exposing excess NHS to the gel surface, we
found an optimal ratio of NHS-AA ester:AA to obtain NHS-AA ester-containing PA gels
with a uniform ECM protein coating and stiffness similar to that of sulfo-SANPAH-
containing PA gels. The biological behavior of MCF7 and MCF10A cells were similar on
NHS-AA ester and sulfo-SANPAH gels. Acini formation in Matrigel overlay culture were
also consistent on NHS-AA ester and sulfo-SANPAH gels. This novel PA gel preparation
method using NHS-AA ester can effectively replace the sulfo-SANPAHmethod and will be
immensely useful in the evaluation of cell-ECM mechanical interactions.

Keywords: polyacrylamide gel, N-hydroxysuccinimide-acrylamide ester, extracellular matrix, sulfosuccinimidyl 6-
(4’-azido-2’-nitrophenylamino)hexanoate, mechanical stimulation
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INTRODUCTION

Mechanical stimulation by the extracellular matrix (ECM) controls
physiological and pathological cellular responses. In regenerative
medicine, optimal stiffness of the culture substrate increases the
efficiency of induction of differentiation and establishment of three-
dimensional (3D) culture systems for organ regeneration (Engler
et al., 2006; Kolahi et al., 2012). In cancer biology, a relationship has
been demonstrated between mammary tissue stiffness and breast
cancer progression (Paszek and Weaver, 2004; Paszek et al., 2005;
Levental et al., 2007, 2009; Butcher et al., 2009).

Various cell culture materials are used to investigate the effects
of ECM stiffness on cellular responses, including biomaterials such
as collagen (Parenteau-Bareil et al., 2010), Matrigel (Kleinman
et al., 1986), polysaccharide (Baldwin and Kiick, 2010),
polyacrylamide (PA) (Kandow et al., 2007), polyethylene glycol
(PEG) (Zhu, 2010), and self-assembling peptides (Koutsopoulos,
2016). Among them, PA gels are most widely used to study cell-
ECM mechanical interactions, because of their convenient usage,
biocompatibility, and reproducibility of stiffness (Kandow et al.,
2007; Tilghman et al., 2010; Dupont et al., 2011; Wen et al., 2014;
Tsou et al., 2016; Domura et al., 2017; Martín et al., 2017).

PA gels require protein crosslinkers to crosslink ECM proteins
to the gel for cell adhesion. Sulfosuccinimidyl 6-(4′-azido-2′-

nitrophenylamino)hexanoate (sulfo-SANPAH) is a commonly
used PA gel crosslinker (Pelham and Wang, 1997). ECM
proteins displace the sulfosuccinimidyl groups of sulfo-
SANPAH molecules, forming amide bonds (Figure 1A).
However, ECM protein binding by sulfo-SANPAH is unstable
and can result in inconsistent effects of gel stiffness on cellular
responses (Kandow et al., 2007; Yip et al., 2013). This is presumably
due to the nonspecific binding of sulfo-SANPAH to the PA gel
through ultraviolet (UV) irradiation (Figure 1B, top). In addition,
the low solubility and high cost of sulfo-SANPAH can hinder
experiments that require large amounts of PA gel (Pelham and
Wang, 1997; Kandow et al., 2007). To improve the stability of
protein bound to PA gels, several alternative methods have been
developed, which attach ECM proteins to the gels by covalent
bonds using 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide
(Beningo and Wang, 2002; Kandow et al., 2007), N-acryloyl-6-
aminocaproic acid (ACA) (Yip et al., 2013), or the N-succinimidyl
ester of acrylamidohexanoic acid (N6; Table 1) (Willcox et al.,
2005; Kandow et al., 2007). However, these crosslinkers have not
been widely accepted as sulfo-SANPAH alternatives because they
require long reaction times or are commercially unavailable.

NHS has a long history of use as an easy-to-dissolve and
economical protein crosslinker and is used in the ACA and N6
protocols to initiate substitution reactions with ECM proteins.

FIGURE 1 | Overview of protein crosslinker action and PA gel preparation (A) When sulfo-SANPAH is used as a protein crosslinker, the ECM protein forms an
amide bond with the reactive site of sulfo-SANPAH and indirectly binds to PA. When NHS-AA ester is used as a protein crosslinker, the ECM protein forms an amide
bond directly with PA. (B)Outline of the PA gel preparation method.When sulfo-SANPAH is used as a protein crosslinker, 0.5 mL of sulfo-SANPAH solution (0.2 mg/mL)
was applied to the gel surface under 365 nm UV light after polymerization of AA and bis-AA (top). When NHS-AA ester is used as a protein crosslinker, it is mixed
with AA and bis-AA before polymerization (bottom).
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However, direct conjugation of NHS to acrylamide (AA) would
simplify the protocol, as ECM proteins could be covalently bound
directly to AA through a nucleophilic acyl substitution reaction
(Figure 1A, bottom). Only one study has reported a protocol for
the preparation method of PA gels using NHS, in which NHS was
mixed with an AA/bis-AA mixture before polymerization (Cretu
et al., 2010). However, this protocol is practically difficult, because
NHS binding to AA requires esterification of the amide group,
which only occurs under nonphysiological conditions involving
strong acids or bases in high temperatures (Greenberg et al.,
2000). NHS-AA ester is a commercially available alternative that
avoids this problem. NHS-AA ester, dissolved in toluene, is
applied to an AA/bis-AA mixture prior to polymerization
(Schnaar and Lee, 1975; Schnaar et al., 1978; Kandow et al.,
2007); however, it is difficult to uniformly distribute NHS on the
gel surface by pouring liquid on liquid, and thus impractical. A
practical method would require mixing NHS-AA ester with AA
and bis-AA before polymerization (Figure 1B, bottom).

In this study, we developed a new preparation method for PA
gels using NHS-AA ester, and demonstrated its utility in studying
the effects of ECM stiffness on cellular behavior. We optimized
the ratios of NHS-AA ester and AA to achieve similar stiffness to
sulfo-SANPAH gels and accomplished uniform ECM protein
coating efficacy on gels on various stiffness. In addition, we
compared cellular behaviors on gels containing NHS-AA ester
and sulfo-SANPAH. The results suggest that NHS-AA ester-
containing PA gels can be used as an inexpensive and
reproducible alternative to sulfo-SANPAH-containing gels.

MATERIALS AND METHODS

Cell Culture
MCF7 cells were obtained from the Health Science Research
Resources Bank (Osaka, Japan). The cells were maintained in

Dulbecco’s modified Eagle’s medium (DMEM) containing 10%
fetal bovine serum, 100 U/mL penicillin, and 100 μg/mL
streptomycin (Fujifilm Wako Pure Chemical, Osaka, Japan).
MCF10A cells were obtained from American Type Culture
Collection (Manassas, VA, United States), and maintained in
DMEM/F12 (Nakarai Tesque Inc., Kyoto, Japan) supplemented
with 20 ng/mL of epidermal growth factor (EGF) (Peptide
Institute Inc., Osaka, Japan), 100 ng/mL of cholera toxin
(Sigma, St. Louis, MO, United States), 0.01 mg/mL of insulin
(Sigma), 500 ng/mL of hydrocortisone (Fujifilm Wako Pure
Chemical), 5% horse serum (Thermo Fisher Scientific,
Waltham, MA, United States), 100 U/mL penicillin, and
100 μg/mL streptomycin (Debnath et al., 2003). All cells were
maintained at 37°C in a humidified 5% CO2/95% air atmosphere.

Antibodies
Anti-p-FAK antibodies (Tyr397; ab81298), Alexa Fluor® 488
Donkey Anti-Rabbit IgG (ab150062), and Alexa Fluor® 488
Goat Anti-Mouse IgG (ab150113) were purchased from
Abcam (Cambridge, United Kingdom). Anti-YAP antibodies
(sc-101199) were purchased from Santa Cruz Biotechnology,
Inc. (Dallas, TX, United States).

Preparation of Aminosilanated (Bottom) and
Chlorosilanated (Top) Coverslips
For the bottom coverslips, 1 mL of 0.1MNaOH (FujifilmWako Pure
Chemical) was applied to a 22mm coverslip (Matsunami Glass Ind.,
Ltd., Osaka, Japan) for 3min to increase their reactivity with
aminosilane. The NaOH was aspirated, and the coverslips were
dried. Next, 300 μL of 3-aminopropyltriethoxysilane (APTES;
Tokyo Chemical Industry Co., Ltd, Tokyo, Japan) was applied to
the coverslip for 3min. Then, the solution was aspirated, and the
coverslip was washed three times with deionized water (DW) for
10min each, dried, and 500 μL of 0.5% glutaraldehyde (Tokyo

TABLE 1 | List of PA gel protocol.

Protein crosslinker Characteristic Material (excluding AA
and bis-AA)

Drawback of protocol Reference

N-Sulfosuccinimidyl ester Widely used for protein crosslinker
of PA gel

N-Sulfosuccinimidyl-6-(4’-azido-2’-
nitrophenylamino) hexanoate (Sulfo-
SANPAH)

Poor solubility and stability.
Unstable ECM protein binding on
PA gel. Nonspecific binding of sulfo-
SANPAH and polyacrylamide. Use
ultraviolet irradiation for conjugation
of crosslinker.

Pelham and Wang
(1997), Kandow
et al. (2007)

1-ethyl-3-(3-
dimethylaminopropyl)
carbodiimide (EDC)

Good solubility. Conjugate proteins
directly to the PA gel. Inexpensive.
Not use ultraviolet irradiation for
conjugation of crosslinker.

Acrylic acid Reaction of protein and crosslinker
require long time and carboxylate-
containing molecule. Protein
crosslinkers are not included in
the gel.

Kandow et al.
(2007)

N-acryloyl-6 aminocaproic acid (ACA) Yip et al. (2013)

N-hydroxysuccinimide (NHS) Good solubility. Conjugate proteins
directly to the PA gel. Inexpensive.
Not use ultraviolet irradiation for
conjugation of crosslinker. Since
protein crosslinker is incorporated
in the gel, it can be easily prepared.

NHS Requires conditions of strong acid
or basic, and high temperature for
reaction of PA gel and NHS.

Greenberg et al.
(2000), Cretu et al.

(2010)
NHS-acrylamide ester Protocol place liquid on liquid is

difficult.
Schnaar et al.
(1978), Kandow
et al. (2007)

6-acrylaminohexylaminohexanoic acid
N-succinimidyl ester (N6)

Stability of N6 is unclear. Not
purchase.

Willcox et al.
(2005)
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Chemical Industry Co., Ltd) was applied for 30min to activate the
APTES. After incubation, the solution was aspirated, and the
coverslip was washed three times with DW for 10min each. The
dried coverslips could be stored at room temperature (RT) for several
days. For the top coverslips, 120 μL of dichlorodimethylsilane
(DCDMS) (Tokyo Chemical Industry Co., Ltd) was added to the
coverslip and allowed to react for 5min. Then, the solution was
aspirated and the coverslip was washed with DW for 1min.

Preparation of PA Gel Containing NHS-AA
Ester
The amounts of NHS-AA ester and AA used were as previously
described (Tse and Engler, 2010).We prepared the gel by mixing 40%
AA (Fujifilm Wako Pure Chemical) and 1% bis-AA (Bio-Rad
Laboratories, Inc., Hercules, CA, United States) in Milli-Q water
and 20% NHS-AA ester (Tokyo Chemical Industry Co., Ltd.) in
toluene (Table 2). The NHS-AA mixture was incubated for 5min to
transfer NHS-AA ester from the organic phase to the aqueous phase.
After incubation, the solution was centrifuged for 5min at 500 g and
the toluene was removed. The soft gel solutions were degassed for
30min in vacuum. To activate polymerization, 10 μL of 10%
ammonium persulfate (APS) and 1 μL of
tetramethylethylenediamine (TEMED) (1% and 0.1% of total
volume, respectively) (both from Fujifilm Wako Pure Chemical)
were added and briefly mixed. Then, 25 μL of the mixture was
placed on a bottom coverslip and covered with a top coverslip.
The sandwiched gels were incubated for 30min (PA1), 20min
(PA2 and PA3), and 10min (PA4) at RT, and then the top
coverslips were removed. The polymerized gels were transferred to
6-well plates and washed three times for 5min with 2mL of
phosphate-buffered saline (PBS) to remove unreacted AA. Gels
were incubated with coating proteins overnight at 4°C. Unreacted
NHS in the wells was blocked with 0.1% bovine serum albumin (BSA,
Fujifilm Wako Pure Chemical) in DMEM for 30min. Preparation
process of PA gel containing NHS-AA ester is summarized as below.

(Preparation of bottom coverslips)

1. 1 mL of 0.1 M NaOH Is Applied to Coverslips for 3 min.
2. The NaOH was aspirated, and the coverslips are dried.
3. Next, 300 μL of APTES is applied to the coverslip for 3 min,

and then is aspirated.
4. The coverslip is washed three times with DW for 10 min each,

and then is dried.
5. 500 μL of 0.5% Glutaraldehyde Is Applied for 30 min.

6. After incubation, the solution is aspirated, and the coverslip is
washed three times with DW for 10 min each. (The dried
coverslips can be stored at RT for several days.)

(Preparation of top coverslips)

7. 120 μL of DCDMS Is Added to the Coverslip and Allowed to
React for 5 min.

8. Then, the solution was aspirated, and the coverslip is washed
with DW for 1 min.

(Gel Preparation)

9. Mixing solutions are prepared by mixing 40% AA and 1% bis-
AA in Milli-Q water and 20% NHS-AA ester in toluene
(Table 2).

10. The Solutions Are Incubated for 5 min.
11. After incubation, the solutions are centrifuged for 5 min at

500 g and then the toluene is removed.
12. The Solutions Are Degassed for 30 min Under Vacuum

Conditions.
13. To activate polymerization, 10 μL of 10% APS and 1 μL of

TEMED are added and briefly mixed.
14. Then, 25 μL of the mixture is placed on bottom coverslip and

coved with a top coverslip.
15. The sandwiched gels are incubated for 30 min for PA1,

20 min for PA2 and PA3, and 10 min for PA4 at RT, and
then the top coverslips are removed.

16. The polymerized gels are transferred to 6-well plates and
washed three times for 5 min with 2 mL of PBS.

17. The Gels Are Incubated With Coating Proteins Overnight
at 4°C.

Preparation of PA Gels Using
Sulfo-SANPAH
Gels containing sulfo-SANPAH were prepared to contain
equivalent amounts of acryloyl groups in NHS-AA ester gels
(Table 2). After polymerization of AA and bis-AA, 0.5 mL of
0.2 mg/mL sulfo-SANPAH (Thermo Fisher Scientific) was
applied to the gel surface under 365 nm UV light at RT for
10 min. After the binding reaction with sulfo-SANPAH, the gel
was washed three times with 2 mL PBS. These gels were protein-
coated similar to NHS-AA esters gels.

TABLE 2 | Recipe of polyacrylamide using NHS-AA ester and sulfo-SANPAH as protein crosslinker.

NHS-AA ester Sulfo-SANPAH*

20% NHS-
AA (μL)

40%
AA (μL)

1%Bis-
AA (μL)

Water
(μL)

40%
AA (μL)

1% Bis-
AA (μL)

Water
(μL)

Estimated elastic modulus (kPa) and total acryloyl
group (mmol/mL)

PA1 50 66 60 874 75 60 865 0.48 ± 0.16* kPa / 0.43 mmol/mL
PA2 84 106 30 864 125 30 845 1.00 ± 0.31* kPa / 0.7 mmol/mL
PA3 67 87 300 613 100 300 600 3.24 ± 0.58* kPa / 0.57 mmol/mL
PA4 166 212 300 488 250 300 450 34.88* kPa / 1.39 mmol/mL

*We used method of Tse and Engler 2010 as reference (Tse and Engler, 2010).
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Measurement of PA Gel Stiffness by Atomic
Force Microscopy (AFM)
The Young’s modulus of elasticity, which represents the stiffness
of PA gels, was measured with AFM for each type of gel. The
prepared PA gels were washed twice with 2 mL PBS and placed in
a 35-mm dish. To measure their actual stiffness, the gels were
immersed in PBS and force was measured on a NanoWizard three
NanoOptics atomic force microscope (JPK Instruments, Berlin,
Germany). Young’s modulus was calculated for each force curve
using JPK DP Data Processing Software (JPK Instruments),
which uses a Hertzian contact model.

Cloning, Expression, and Purification of
EGFP
A cDNA encoding EGFP was amplified by polymerase chain
reaction (PCR) (KOD FX Neo; TOYOBO Co., Ltd, Osaka, Japan)
using primers containing the BamHI (forward, 5′-cgggatccATGG
TGAGCAAGGGCGAGGAGCTG-3′) and the EcoRI (reverse,
5′-cggaattcTTACTTGTACAGCTCGTCCATGCCGAGAGTG-
3′) restriction sites of pGEX-6P-1 (GE Healthcare, Chicago, IL,
United States). The vector and PCR products were digested with
BamHI/EcoRI and ligated together using T4 DNA ligase
(TAKARA BIO Inc., Shiga, Japan). After plasmid purification
and sequencing, the pGEX-6P-EGFP expression vector was
transformed into BL21 (DE3) competent Escherichia coli
(TAKARA BIO Inc.). Colonies were inoculated in 2 L of
Luria-Bertani broth for large-scale culture, and GST-EGFP
expression was induced with 0.5 mM isopropyl β-d-1-
thiogalactopyranoside for 4 h. The bacterial pellet was
resuspended in 20 mL of lysis buffer (50 mM Tris, 1%
TritonX-100, 150 mM NaCl, 5 mM MgCl2, 1 mM DTT, pH
7.5) and disrupted by sonication. Then, the lysate was added
to a 50% glutathione Sepharose (Nakarai Tesque Inc.) slurry in
4 mL PBS and incubated at 4°C for 1 h, and then washed with
PBS. To elute EGFP, the beads were mixed with 2 mL of elution
buffer (50 mM Tris-HCl, 150 mM NaCl, 1 mM EDTA, 1 mM
DTT, pH 7.5) containing 360 U of PreScission protease (GE
Healthcare) and incubated at 4°C for 5 h. The supernatant was
collected and EGFP concentration was measured using a BCA
Protein Assay Kit (Thermo Fisher Scientific).

Quantitation of EGFP and
Rhodamine-Fibronectin Coating of PA Gels
EGFP and rhodamine-fibronectin (Cytoskeleton Inc., Denver,
CO, United States) were conjugated to gels overnight. The gels
were then mounted with VECTASHIELD® Antifade Mounting
Medium (Novus Biologicals, Littleton, CO, United States) and
examined on an Eclipse Ti microscope (Nikon Instruments Inc.,
Melville, NY, United States) fitted with a Plan Fluor 10× objective
lens (numerical aperture (NA) 0.3; Nikon Instruments Inc.). The
fluorescent intensities of EGFP and rhodamine-fibronectin were
quantified using ImageJ v. 2.0.0-rc-69/1.52p (National Institutes
of Health, Bethesda, MD, United States). Fluorescent intensities
were calculated as the difference between the average fluorescent

intensity of the proteins in each field and the background
fluorescent intensity. Fluorescence from five randomly selected
fields was measured.

Cell Proliferation and Adhesion Assays
The gels were coated with 100 µg/mL collagen I (Corning Inc,
Corning, NY, United States). For proliferation assays, 1.0 × 105

cells were added to each well and incubated at 37°C for 3 days. For
cell adhesion assays, 5.0 × 105 cells were added to each well and
incubated at 37°C for 1 h. In both assays, the cells were counted
using cell counting kit-8 (CCK-8, Dojindo Molecular
Technologies, Inc., Kumamoto, Japan). Absorbance was
measured at 450 nm using a Sunrise microplate reader (Tecan
Japan Co. Ltd., Kawasaki, Japan).

Cell Area and Circularity
Cells were examined on an Eclipse Ti microscope fitted with a
Plan Fluor 20× objective lens (NA 0.45; Nikon Instruments Inc.).
After binary image processing, the cell area and circularity were
measured using ImageJ. Five randomly selected fields were
considered.

Immunofluorescence
MCF10A cells (5 × 104) were cultured on collagen-coated PA gels
for 24 h. The cells were fixed with 4% paraformaldehyde for
20 min and permeabilized with 1% (for p-FAK) and 0.1% (for
YAP) Triton X-100 in PBS for 10 min, and then blocked with 3%
BSA in PBS for 30 min at RT. The cells were incubated with 1:50
solution of primary antibodies, for p-FAK and YAP, overnight at
4°C, and then incubated with secondary antibodies and Hoechst
33,342 (Thermo Fisher Scientific) at RT for 30 min. Finally, the
cells were mounted with VECTASHIELD® and examined on an
Eclipse Ti microscope fitted with a Plan Fluor 20× objective lens
(NA 0.45; Nikon Instruments Inc.).

Matrigel Overlay Culture on PA Gel
Matrigel overlay culture on PA gel was performed as previously
described, with slight modifications (Debnath et al., 2003).
MCF10A cells were detached with trypsin at 37°C for 5 min to
ensure complete collection of the cells, and then resuspended in
culture medium (DMEM/F12 supplemented with 20 ng/mL of
EGF, 100 ng/mL of cholera toxin, 0.01 mg/mL of insulin, 500 ng/
mL of hydrocortisone, 5% horse serum, 100 U/mL penicillin, and
100 μg/mL streptomycin). The cells were washed with assay
medium (DMEM/F12 supplemented with 100 ng/mL of
cholera toxin, 0.01 mg/mL of insulin, 500 ng/mL of
hydrocortisone, 2% horse serum, 100 U/mL penicillin and
100 μg/mL streptomycin), and then counted and diluted to
1 × 104 cells/mL in assay medium at RT. We prepared 4%
Matrigel solution in assay medium at 4°C. Then, the cells and
Matrigel solution were combined in 1:1 ratio. PA gels were
transferred to 12-well plates, washed with assay medium three
times, and 1 mL of the cell-Matrigel mixture (5 × 103 cells/well)
was applied to the PA gel. The cells were refed assay medium
containing 2%Matrigel every 4 days. After 10 days, the cells were
examined on an Eclipse Ti microscope fitted with a Plan Fluor
20× objective lens (NA 0.45; Nikon Instruments Inc.).
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Statistical Analysis
Differences between pairs of groups were analyzed by two-tailed
unpaired Student’s t-test. p values <0.05 were considered
statistically significant. Error bars in all figures represent the
mean of three independent experiments ± the standard deviation
(SD). Data for in vitro experiments represent the results of three
independent biological replicates.

RESULTS

Determination of the Optimal NHS-AA ester:
AA Mixing Ratio
In the development of a new PA gel preparation method, we
aimed to create gels that simulate the stiffness of various tissues.
We used previously described AA:bis-AAmixing ratios of PA gels
using sulfo-SANPAH that resulted in four different stiffness levels
(0.48, 1, 3.24, and 34.88 kPa) (Tse and Engler, 2010). We
hypothesized that if we use the published amount of bis-AA
and ensure that the total amount of acryloyl groups in the gel
came from NHS-AA ester and AA together, the stiffness of the
NHS-AA ester gels would stay the same as the reference gels, as
NHS would be hydrolyzed and dissolved in water. According to
this hypothesis, we determined the optimal NHS-AA ester:AA
ratio at the four stiffness levels mentioned above.

With the optimal mixing ratio, the ECM proteins should
uniformly coat gels of any stiffness when equal amounts of
ECM proteins are applied. Excess surface crosslinker permits
the saturated binding of a constant amount of ECM protein, and
the amount of protein coating the surface is proportional to the

amount of applied ECM protein (Beer et al., 2015). Therefore, we
aimed to identify a mixing ratio that provided an excess of surface
NHS and used it to confirm uniform ECM protein coating of
different stiffness gels.

First, we optimized the highest NHS-AA ester:AA ratio that
solidified the gel, since NHS-AA ester was presumed to inhibit
the polymerization of AA and bis-AA. At a 1:5 ratio, the gel did
not adequately solidify (data not shown), whereas
polymerization was successful at ratios of 1:6 and lower. We
examined the adhesion and proliferation of MCF7 cells on
collagen I-coated gels of the softest stiffness (Table 2) at
various mixing ratios. Adherent cells were evenly distributed
on the gel at a mixing ratio of 1:6. The distribution of adherent
cells became uneven (Figure 2A) and the proliferation
significantly decreased (Figure 2B) as the proportion of
NHS-AA ester decreased. Next, we examined the uniformity
of cell adhesion on gels of different stiffness (PA1-4, with PA1
being the softest and PA4 being the stiffest; Table 2) at the
mixing ratio of 1:6. Adhesion was uniform on gels of all stiffness
levels (Figure 2C), while proliferation was significantly reduced
on soft gels compared to stiff gels (Figure 2D). These results
suggest that a mixing ratio of 1:6 enables adequate gel
solidification and uniform ECM protein coating of gels of
various stiffness.

Elastic Moduli of PA Gels Made With
NHS-AA Ester
We measured the elastic moduli of 1:6 gels of four different
stiffness levels (Table 2) by AFM and compared them with

FIGURE 2 | Effects of NHS-AA ester:AA mixing ratios on cell proliferation and adhesion. Cell distribution and proliferation increased with a higher mixing ratio of
NHS-AA ester:AA (A) Cells adhered to softer gels (estimated stiffness: 0.48 kPa) made with different NHS-AA ester:AA mixing ratios. Scale bar: 100 µm (B) Cell
proliferation on gels made with different NHS-AA ester:AA mixing ratios. (C) The distribution of adherent cells was uniform on both soft and stiff gels (estimated stiffness:
0.48 and 34.88 kPa, respectively) at a mixing ratio of 1:6. Scale bar: 500 µm. (D) Cell proliferation rate was higher on stiffer gels than on softer ones with 1:6 mixing
ratios. Each value represents the mean of three independent replicates ± the SD. **p < 0.01, *p < 0.05.
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reference values (Tse and Engler, 2010). The elastic modulus
values of each gel (3.84, 7.98, 20.76, and 142.8 kPa) were
approximately three times higher than the estimated values
(0.48, 1, 3.24 and 34.88 kPa), but the rates of changes in
stiffness between the gels were equivalent to the estimated
values (Figure 3).

Confirmation of Protein Coating Efficacy on
PA Gels Containing NHS-AA Ester
We examined whether surface NHS was in sufficient excess for
uniform ECM protein coating of gels at each stiffness level. The
fluorescent intensity of enhanced green fluorescent protein
(EGFP) reached saturation on both, the softest and the
stiffest gels (PA1 and PA4, respectively) at mixing ratios
above 1:8, indicating that excess NHS was present on the gel
surface at these ratios (Figure 4A). There were no differences in
EGFP coating efficacy among the gels of different stiffness, and
the amount of EGFP coating the gels was proportional to the
amount applied (Figure 4B). Equivalent ECM protein coating
efficacy among gels of different stiffness was also confirmed
using rhodamine-fibronectin (Figure 4C). Since the 1:6 mixing
ratio was the maximum ratio that displayed equal protein
coating efficacy at different stiffness levels, it was used in
subsequent experiments.

Comparison of Cell Behavior on PA Gels
Containing NHS-AA Ester and
Sulfo-SANPAH
To confirm that the NHS-AA ester-containing PA gels could
reproduce the results of previous biological experiments
conducted with PA gels containing sulfo-SANPAH, we first
compared cell adhesion, proliferation, and morphology on gels

made with NHS-AA ester and sulfo-SANPAH. There were no
significant differences in the adhesion of MCF7 and
MCF10A cells on NHS-AA ester and sulfo-SANPAH gels of
any stiffness (Figure 5A). However, both cell lines displayed
increased proliferation on NHS-AA ester gels than on sulfo-
SANPAH gels (Figure 5B). With both crosslinkers, proliferation
increased with increase in gel stiffness, while adhesion was
unaffected by stiffness (Figures 5A,B). The morphology of
MCF7 cells changed from circular to spreading with increasing
stiffness, and similar changes observed on gels with either of the
crosslinkers (Figure 5C). The cell area (Figure 5D) and
circularity (Figure 5E) were similar in both cell lines on both
gel types. These results indicate that gels containing NHS-AA
ester induce cellular responses comparable to those containing
sulfo-SANPAH.

Immunostaining and Matrigel Overlay
Culture on PA Gels Containing NHS-AA
Ester
To evaluate cellular responses to stiffness changes, we
immunostained cells adhered to NHS-AA ester-containing
PA gels for phosphorylated focal adhesion kinase (p-FAK)
and Yes1 associated transcriptional regulator (YAP). In
MCF10A cells, focal adhesions stained with p-FAK increased
in both size and number on stiff gels than on soft gels
(Figure 6A). YAP localized to the cytoplasm of
MCF10A cells adhered to soft gels but was translocated to
the nucleus in cells on stiff gels (Figure 6B). Furthermore, in
Matrigel overlay culture, MCF10A cells formed acini on soft gels
and displayed a spread morphology on the surface of stiff gels
(Figure 6C). These results indicate that PA gels using NHS-AA
ester can reproduce the typical biological behaviors of cells on
PA gels using sulfo-SANPAH.

FIGURE 3 | Elastic moduli of PA gels. Average elastic modulus values were measured by AFM. The elastic modulus of the four gels (PA1-4) was 3.84, 7.98, 20.76,
and 142.8 kPa, respectively. Each value represents the mean of three independent replicates ± the SD.
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DISCUSSION

In this study, we have developed a new preparation method for
PA gels using NHS-AA ester. These gels overcome the
disadvantages of sulfo-SANPAH and can be produced for less
than 1% the cost of sulfo-SANPAH gels using a simpler

preparation procedure than other alternative methods. Due to
the excess surface NHS and the covalent nature of the bonds
formed, the ECM protein on gels containing NHS-AA ester is
uniform and stable, and efficiently transmits the stiffness of gels
to cells. Importantly, cellular responses to changes in gel stiffness
efficiently replicated those reported for sulfo-SANPAH gels.

FIGURE 4 | Protein coating efficacy of PA gels containing NHS-AA ester. Protein coating efficacy was determined using EGFP and rhodamine-fibronectin (A) The
fluorescent intensity of EGFP (200 µg/mL) reached saturation on both soft and stiff gels (PA1 and PA4, respectively) at mixing ratios above 1:8 (B) The amount of EGFP
coating the gels was proportional to the amount applied (left), and EGFP coating efficacy was similar among gels of different stiffness (right) (C) Rhodamine-fibronectin
coating was similar among gels of different stiffness. The mean of three independent replicates ± the SD (left) are shown. Scale bar: 100 µm. **p < 0.01, *p < 0.05,
n.s., not significant.
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FIGURE 5 | Comparison of cell adhesion, proliferation, and morphology on PA gels containing NHS-AA ester and sulfo-SANPAH. (A) Cell adhesion of MCF7 (left)
and MCF10A (right) cells showed no difference on gels of different stiffness containing NHS-AA ester (white) and sulfo-SANPAH (black) (B) The proliferation rate of
MCF7 (left) and MCF10A (right) cells was higher on NHS-AA ester gels (white) than on sulfo-SANPAH gels (black), irrespective of stiffness. The proliferation increased
on stiffer gels (C)No difference in MCF7 cell morphology was observed between the two gels at any stiffness. Scale bar: 100 µm. (D–E) Cell area (D) and circularity
(E) of MCF7 (left) and MCF10A (right) cells showed no difference on gels of different stiffness containing NHS-AA ester (white) and sulfo-SANPAH (black). The
morphology of both cells changed from circular to spreading with increased stiffness. Values represent the mean of three independent replicates ± the SD. **p < 0.01,
*p < 0.05.
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With the goal of a simple preparation method, we mixed
NHS-AA ester with AA and bis-AA before polymerization.
When compared with gels containing sulfo-SANPAH or other
alternative protein crosslinkers like ACA or N6, the
preparation of PA gels containing NHS-AA ester is
simpler. Since it is difficult to have equal number of
crosslinking sites on gels of every stiffness, we provided an
excess of surface NHS to ensure equivalent ECM protein

coating. Therefore, the amounts of NHS contained in gels of
each stiffness may be nonuniform, but the excess NHS enables
ligand saturation, resulting in uniform ECM protein coating at all
stiffness levels. Mixing NHS-AA ester into the gel results in NHS
hydrolysis, resulting in negatively charged carboxyl groups that
could impair gel durability (Kandow et al., 2007; Lee et al., 2009).
However, in our experience, the durability of the gels containing
NHS-AA ester was not noticeably different from that of gels
containing sulfo-SANPAH.

We estimated that the gel stiffness levels established for sulfo-
SANPAH-containing gels would be maintained in NHS-AA ester-
containing gels if equal amounts of acryloyl groups were
incorporated. However, the elastic modulus values of NHS-AA
ester-containing PA gels of respective stiffness were approximately
three times the reference values of gels containing sulfo-SANPAH.
Nonetheless, the rates of increases in stiffness among the gels were
equivalent to the estimated values (Table 2) and cellular responses on
gels with NHS-AA ester were similar to those with sulfo-SANPAH.
This suggests that the observed differences between themeasured and
estimated values may be due to differences in the AFM systems used.

Despite their advantages, NHS-AA ester-containing PA gels do
have some limitations. ECM proteins must be coated immediately
after polymerization, because NHS-AA ester is quickly hydrolyzed,
whereas gels for sulfo-SANPAH experiments can be stored for
approximately 3 days prior to sulfo-SANPAH conjugation before
the stiffness changes (Denisin and Pruitt, 2016). In this study, we used
glass coverslips with a diameter of 22mm, as we found that the
surface tension of the acrylamide mixture hindered the generation of
larger or smaller gels by the described sandwich method. However, a
modified preparation method for smaller scale gels used in drug
screening studies has been reported (Medina et al., 2019). To
investigate the effects of ECM stiffness on cellular responses,
several 3D culture systems have recently been developed
(Chaudhuri et al., 2014; Neves et al., 2020; Yamada et al., 2020).
Although 3D culture systems are close to the biological environment,
they are unable to separate the effects of structure and stiffness on
cellular behavior. Thus, the PA gel culture will continue to be a useful
experimental system for analyzing the effects of stiffness on cellular
behavior.

In this study, we have developed a novel preparation method for
PA gels using NHS-AA ester as a protein crosslinker. ECM proteins
covalently bind to PA on these gels which efficiently transmit the
stiffness of gels to cells. These economical gels are simple to make,
highly reproducible, and allow experiments with large number of PA
gels. The PA gels using NHS-AA ester is a practical and inexpensive
alternative to sulfo-SANPAH gels in the evaluation of cell-ECM
mechanical interactions. They may also contribute to
advancements in various research areas, such as cancer
biology, regenerative medicine, and embryology.
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overlay culture, MCF10A cells formed acini on soft gels and spread on stiff gels.
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Angiogenesis is a complex, multicellular process that involves bidirectional interactions
between extracellular matrix (ECM) and collectively invading endothelial cell (EC) sprouts
that extend the microvasculature during development, wound healing, and disease
processes. While many aspects of angiogenesis have been well studied, the relationship
between endothelial sprout morphology and subsequent neovessel function remains
relatively unknown. Here, we investigated how various soluble and physical matrix cues
that regulate endothelial sprouting speed and proliferation correspond to changes in
sprout morphology, namely, sprout stalk diameter. We found that sprout stalk cells
utilize a combination of cytoskeletal forces and proteolysis to physically compact and
degrade the surrounding matrix, thus creating sufficient space in three-dimensional
(3D) ECM for lateral expansion. As increasing sprout diameter precedes lumenization
to generate perfusable neovessels, this work highlights how dynamic endothelial stalk
cell–ECM interactions promote the generation of functional neovessels during sprouting
angiogenesis to provide insight into the design of vascularized, implantable biomaterials.

Keywords: angiogenesis, endothelial cell, extracellular matrix, cell migration, microfluidic “lab-on-a-chip,”
proteolysis, cytoskeletal forces, cell proliferation

INTRODUCTION

Vasculature is a hierarchical network of blood vessels with a wide range of diameters spanning
the micron (capillaries) to centimeter (aorta) length scales. A major focus in the fields of
biomaterials and tissue engineering has been placed on engineering microvasculature (<50 µm
diameter range), as without functional microvasculature, implantable cell-dense tissue constructs
are limited in size (<200 µm thickness) due to insufficient gas/nutrient/waste exchange (Huxley
and Rumbaut, 2000; Novosel et al., 2011; Kinstlinger and Miller, 2016). One such strategy to resolve
the vascularization challenge lies in the design of biomaterials that promote host angiogenesis,
the extension of microvasculature from the host’s preexisting vessels into the implant, thereby
ensuring circulation between implant and host. Observations consistent across a wide range of
in vivo and in vitro models of angiogenesis have established several key steps including (1)
chemokine gradients promoting endothelial tip cell formation and directed invasion into the
extracellular matrix (ECM); (2) collective migration of leading tip cells and ensuing stalk cells; and
(3) proliferation and expansion of stalk cells into lumenized, fluid-bearing neovessels (Francavilla
et al., 2009; Potente et al., 2011). Each of these steps is regulated by both biochemical and physical
microenvironmental cues provided by the surrounding ECM, the three-dimensional (3D) fibrous,
collagenous meshwork through which endothelial sprouts navigate (Crosby and Zoldan, 2019).
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While many aspects of angiogenesis have been studied,
continued efforts are required to better understand the
relationship between endothelial cell (EC) invasion morphology
and subsequent neovessel function. Recent work by our
group and others has established how cell intrinsic features
(contractility and cell–cell adhesions), soluble factors
(chemoattractants and mitogens), and matrix properties
(matrix density, degradability, and stiffness) regulate the
multicellularity and connectivity of invading EC sprouts, which
are critical factors to the ultimate function of neovessels (e.g.,
perfusability and permeability) (Trappmann et al., 2017; Yoon
et al., 2019; Wang et al., 2020). Beyond sprout multicellularity,
prior work has also established that the speed of sprout invasion
impacts their resulting geometry, where sprout length has
been observed to anti-correlate with diameter (Wood et al.,
2012). While sprout invasion speed and resulting length are
critical determinants of the thickness of an implant that can
be vascularized before hypoxia takes hold, sprout diameter
is equally important: insufficiently sized sprout diameters
may prevent subsequent lumenization required for generating
fluid-bearing neovessels (Van Hinsbergh and Koolwijk, 2008).
While matrix proteolysis has been the central focus on how
invading EC sprouts may create space in 3D ECM to migrate
and lumenize (Chun et al., 2004; Van Hinsbergh and Koolwijk,
2008), studies from single-cell encapsulation of mesenchymal
stem cells, fibroblasts, and cancer cells have elucidated other
means of 3D ECM reorganization that dictate cell shape
and subsequent function such as proliferation, migration,
and differentiation (Baker et al., 2015; Chaudhuri et al.,
2016; Yamada and Sixt, 2019). Continued investigation is
required to understand structure–function relationships in
multicellular contexts such as collectively invading EC sprouts
during angiogenesis.

Extracellular matrix properties regulate the morphologies,
migratory modes, and cellular machineries used by cells to
spread and migrate in confining 3D microenvironments. Within
sufficiently porous and pliable environments, cells can navigate
through a confining ECM meshwork by squeezing through pores
or utilizing cell forces to physically deform the 3D space to move
the cell body forward (Denais et al., 2016; Wisdom et al., 2018;
Wang et al., 2019; Ilina et al., 2020). Cell protrusions driven
by cooperative cytoskeletal filaments, primarily coordinated
microtubule cores and actin-rich tips, engage adhesive ECM
binding sites and apply pushing or pulling forces that reorganize
the surrounding matrix (Rhee et al., 2007; Baker et al., 2015;
Hall et al., 2016; Dogterom and Koenderink, 2019; Shakiba
et al., 2020). However, in ECM with smaller pores relative to
the migrating cell unit, proteolytic degradation of the matrix
is required to create sufficient 3D space into which cells can
migrate (Friedl and Wolf, 2009; Wolf and Friedl, 2011). While the
majority of these studies have been focused on single cells, recent
work has shown that endothelial tip cells apply actomyosin-
driven contractile forces to deform the ECM and that tip cell
forces generate local collagen fibril alignment to help guide their
continued invasion via contact guidance (Du et al., 2016; Yoon
et al., 2019; Vaeyens et al., 2020). However, how trailing stalk
cells of an invading sprout apply forces and remodel the ECM to

provide the required space to increase sprout diameter and enable
lumenization remains unknown.

In this work, we utilized a multiplexed angiogenesis-
on-a-chip platform to examine how various soluble and
physical microenvironmental cues regulate endothelial sprout
morphology, namely, sprout stalk diameter. We identified soluble
cues that modulate sprouting speed and proliferation to be
anti- and positively correlated with sprout diameter, respectively.
Interestingly, modulating sprouting speed with collagen matrix
density resulted in a positive correlation between speed and
diameter. As EC sprouts require space in 3D ECM to increase in
stalk diameter, we examined how both biochemical remodeling
via proteolytic matrix degradation and physical pushing forces
driven by actomyosin and microtubules compact the ECM
surrounding sprout stalk cells to regulate sprout morphology.
Overall, this work expands our understanding of how endothelial
stalk cells (in addition to previously established tip cells) within
angiogenic sprouts dynamically interact with the surrounding
ECM to control the morphology and eventual functionality of
neovessels formed via angiogenesis.

MATERIALS AND METHODS

Reagents
All reagents were purchased from Sigma-Aldrich and used as
received, unless otherwise stated.

Microfluidic Device Fabrication
The 3D printed molds were designed in AutoCAD and
printed via stereolithography by Protolabs (Maple Plain,
MN, United States). Polydimethylsiloxane (PDMS, 1:10 cross-
linker:base ratio) devices were replica casted from 3D printed
molds, cleaned with isopropyl alcohol and ethanol, and bonded
to glass coverslips activated by a plasma etcher. Devices
were treated with 0.01% (w/v) poly-L-lysine and 0.5% (w/v)
L-glutaraldehyde sequentially for 1 h each (with Milli-Q rinses
in between) to promote ECM attachment to the PDMS housing,
thus preventing potential hydrogel compaction from cell-
generated forces. To generate patent microchannels, 300 µm
stainless steel acupuncture needles (Lhasa OMS, Weymouth, MA,
United States) were dip-coated with 1% (w/v) gelatin to enable
eventual hydrogel release, inserted into each device and sterilized
by UV ozone. Hydrogel precursor solution was then injected
into each device and polymerized around each set of needles.
Hydrogels were hydrated in Endothelial cell growth medium-
2 (EGM2) containing 50 mM glycine [to quench unreacted
glutaraldehyde (GA)] and incubated at 37◦C overnight to dissolve
the gelatin layer. Needles were subsequently removed, yielding
3D microchannels fully embedded within a collagen hydrogel
positioned 400 µm away from PDMS and glass boundaries
(Figure 1A).

Collagen Hydrogel Formulation
Type I rat tail collagen hydrogels (Corning, Corning, NY,
United States) were prepared on ice with a reconstitution buffer
(10 mM HEPES, 0.035% w/v sodium bicarbonate, 1 × M199),

Frontiers in Bioengineering and Biotechnology | www.frontiersin.org 2 March 2021 | Volume 9 | Article 620128353

https://www.frontiersin.org/journals/bioengineering-and-biotechnology
https://www.frontiersin.org/
https://www.frontiersin.org/journals/bioengineering-and-biotechnology#articles


fbioe-09-620128 March 15, 2021 Time: 15:58 # 3

Wang et al. Microenvironmental Cues Regulate Sprout Diameter

titrated to a pH of 7.6 with 1 M NaOH, and brought
to a final concentration of 2, 3, or 6 mg ml−1 collagen.
Collagen hydrogels were cross-linked for 30 min at 37◦C. All
hydrogels were hydrated in EGM2 media after cross-linking.
Fluorescently labeled collagen was prepared as in Doyle (2016)
and incorporated at 2 wt.% of the total collagen content (1:50
dilution in unlabeled collagen).

Device Cell Seeding and Culture
Human umbilical vein ECs (HUVECs; Lonza, Switzerland) were
cultured in endothelial growth media (EGM2; Lonza). HUVECs
were passaged upon achieving confluency at a 1:4 ratio and used
in studies from passages 4–9. A 20 µl solution of suspended
HUVECs was added to one reservoir of the endothelial channel
and inverted for 30 min to allow cell attachment to the top half
of the channel, followed by a second seeding with the device
upright for 30 min to allow cell attachment to the bottom
half of the channel. HUVEC solution density was varied with
collagen density as attachment efficiency was dependent on
collagen density (Wang et al., 2020). HUVEC seeding densities
were determined experimentally to achieve parent vessels with
consistent cell densities across each hydrogel formulation (1.5 M
ml−1 for 2 mg ml−1, 2 M ml−1 for 3 mg ml−1, and 5 M ml−1

for 6 mg ml−1). HUVECs reached confluency and self-assembled
into stable parent vessels over 24 h. Media and chemokines were
refreshed every 24 h, and devices were cultured with continual
reciprocating flow utilizing hydrostatic pressure-driven flow on
a seesaw rocker plate at 0.33 Hz. For pharmacological studies,
25 µM blebbistatin (Santa Cruz Biotechnology, Dallas, TX,
United States), 50 ng ml−1 nocodazole, and 1 µM marimastat
were added to both endothelial and chemokine channel media
and refreshed every 24 h.

Fluorescent Staining
Samples were fixed with 4% paraformaldehyde and permeabilized
with a phosphate-buffered saline (PBS) solution containing
Triton X-100 (5% v/v), sucrose (10% w/v), and magnesium
chloride (0.6% w/v) for 1 h each at room temperature. AlexaFluor
488 phalloidin (diluted 1:500; Life Technologies, Carlsbad, CA,
United States) was utilized to visualize F-actin. In addition,
4′,6-diamidino-2-phenylindole (DAPI; 1 µg ml−1) was utilized
to visualize cell nuclei. For proliferation studies, 5-ethynyl-2′-
deoxyuridine (EdU) was applied for the final 24 h prior to fixation
of each study. EdU fluorescent labeling was performed following
the manufacturer’s protocol (ClickIT EdU, Life Technologies).
DyLight 649 labeled Ulex Europaeus Agglutinin-1 (UEA, 1:200,
Vector Labs, Burlingame, CA, United States) was utilized to
visualize EC morphology in samples stained with EdU due to
the incompatibility of EdU ClickIT chemistry with phalloidin
staining. To visualize α-tubulin, samples were sequentially
blocked in bovine serum albumin (0.3% w/v), incubated with
primary mouse monoclonal anti-α-tubulin (1:200, Invitrogen),
and incubated with secondary AlexaFluor 647 goat anti-mouse
IgG (H+L) (1:1,000; Life Technologies) each for 8 h at
room temperature. To visualize collagen degradation, collagen
hybridizing peptide (5 µM; 3 Helix, Salt Lake City, Utah) was

heated to 80◦C for 5 min, then chilled in an ice-water bath for
30 s, and added to samples for 8 h.

Microscopy and Image Analysis
Fluorescent images were captured on a Zeiss LSM800 confocal
microscope. Time-lapse imaging was performed on sprouts after
2 days of culture in an environmentally controlled chamber
(37◦C, 5% CO2, and 100% humidity) with images acquired
every 20 min over 8 h. For time-lapse imaging with 24-h frame
intervals, devices were cultured in the incubator and transported
to the microscope stage for daily imaging in a custom stage holder
such that specific regions of interest were maintained over the 5-
day imaging period. EC density and proliferation (EdU-positive
nuclei) within sprouts were quantified by counting DAPI and
EdU-positive cell nuclei. Invasion depth was quantified as the
distance from the parent vessel edge to each sprout’s tip cell and
measured manually in FIJI at 100 µm intervals along the parent
vessel. Sprout diameter measurements were taken orthogonal to
the long axis of the sprout, 30–50 µm away from the parent vessel
edge. Collagen compaction analyses were performed by acquiring
intensity profiles along the sprout stalk region orthogonal to the
long axis of the sprout, 30–50 µm away from the parent vessel
edge (i.e., identical region to sprout diameter measurements).
Given differences in fluorescent intensity as a function of
initial collagen hydrogel density, images of acellular regions
were used to determine baseline collagen intensity to normalize
measurements following remodeling. The intensity fold change
of the compacted collagen area (sprout periphery) compared to
the baseline collagen intensity was utilized as a relative measure
of collagen compaction.

Statistics
Statistical significance was determined by one-way analysis
of variance (ANOVA), two-sided Student’s t-test, or Pearson’s
correlation where appropriate, with significance indicated by
P < 0.05. Pearson’s correlation was performed on sample mean
values for each group without accounting for total sample size;
a strong correlation was defined as R2 > 0.7. Sample size is
indicated within corresponding figure legends, and all data are
presented as mean± standard deviation.

RESULTS

Endothelial Cell Migration Speed and
Proliferation Influence Sprout Diameter
To investigate how ECM remodeling events influence angiogenic
sprout morphology, we implemented a recently established
multiplexed angiogenesis-on-a-chip platform that affords
improved experimental throughput to explore a wide parameter
space of soluble and physical cues (Figure 1A; Wang et al., 2020).
This microfluidic-based device has been shown to recapitulate
3D EC sprouting morphogenesis from the stable, quiescent
endothelium of a parent vessel (Nguyen et al., 2013; Trappmann
et al., 2017; Yoon et al., 2019; Wang et al., 2020). The parent
vessels modeled in this work possess a diameter (300 µm) that lies
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FIGURE 1 | Endothelial sprout invasion speed is anti-correlated with sprout diameter. (A) Schematic overview of multiplexed angiogenesis-on-a-chip platform.
Polydimethylsiloxane (PDMS) replica casts are generated from 3D printed molds and are composed of a 2 × 4 array of single devices. These PDMS molds are
bonded to glass coverslips and functionalized with glutaraldehyde (Step 1). Gelatin-coated needles are then inserted into the device (Step 2). Type 1 collagen
hydrogel precursor solution is injected into each device, allowed to cross-link around the needles, and hydrated overnight (Step 3). Needle removal generates 3D
channels fully embedded within user-defined hydrogel (Step 4). Each device is composed of two parallel channels: (1) an endothelial channel seeded with endothelial
cells (ECs) to serve as the parent vessel from which angiogenic sprouting is induced and (2) a chemokine channel to which pro-angiogenic factors [e.g., sphingosine
1-phosphate (S1P)] are added to generate diffusive gradients that promote EC activation and invasion across a user-defined 3D extracellular matrix (e.g., collagen
hydrogel). (B) Representative images (max intensity projections) of invading ECs in response to varying S1P. All conditions were cultured for 5 days with indicated
S1P dose in endothelial cell growth medium 2 [EGM2; supplemented with 25 ng ml−1 phorbol 12-myristate 13-acetate (PMA)] added to the chemokine channel
within 3 mg ml−1 collagen hydrogels. F-actin (cyan), nuclei (magenta), and yellow dashed lines indicate parent vessel edge. (C,D) Quantifications of invasion speed
and sprout diameter as a function of S1P. For invasion speed: n ≥ 36 per condition and for sprout diameter: n ≥ 55 per condition. (E) Relationship between invasion
speed and sprout diameter, with red dashed line indicating a linear regression and statistical analysis performed by Pearson’s correlation. Sample size for each mean
was taken from panels (C,D). All data presented as mean ± SD; ∗ indicates a statistically significant comparison with P < 0.05 (one-way analysis of variance).

near the upper end of values previously described for arterioles
but lack support cells such as vascular smooth muscle cells or
pericytes; although these additional cell types can be included
with this approach, we focused here on how microenvironmental
cues affect ECs in the absence of confounding cross talk between
cocultured cell types (Kinstlinger and Miller, 2016; Alimperti
et al., 2017; Traore and George, 2017). To induce EC invasion
into 3D ECM, we introduced an established EC chemoattractant,
sphingosine 1-phosphate (S1P), to the adjacent chemokine
channel to produce a diffusive gradient that drives EC activation
and directional 3D invasion (Paik et al., 2001; Nguyen et al., 2013;

Wang et al., 2020). As prior work has demonstrated that sprout
invasion speed is anti-correlated with sprout diameter (Wood
et al., 2012), we first investigated the effect of S1P on sprout
morphology, as our previous studies indicate an S1P dose-
dependent increase in invasion speed (Wang et al., 2020).
Indeed, increasing S1P resulted in higher sprout invasion speeds
(Figures 1B,C). As the diameter along the length of a sprout
was variable, we measured sprout diameters toward the sprout
stalk region (30–50 µm away from the parent vessel edge and
orthogonal to the long axis of each sprout). With increasing
S1P and greater invasion speeds, sprout diameters decreased,
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FIGURE 2 | Endothelial stalk cell proliferation is positively correlated with
sprout diameter. (A) Representative images (max intensity projections) of
invading endothelial cells (ECs) in response to varying phorbol 12-myristate
13-acetate (PMA). All conditions were cultured for 5 days with 250 nM
sphingosine 1-phosphate (S1P) in endothelial cell growth medium 2 (EGM2;
supplemented with indicated PMA) added to the chemokine channel within
3 mg ml−1 collagen hydrogels. Ulex Europaeus Agglutinin-1 (UEA; white),
nuclei (magenta), 5-ethynyl-2′-deoxyuridine (EdU; cyan), and yellow dashed
lines indicate parent vessel edge. (B,C) Quantifications of proliferation and
sprout diameter as a function of PMA. For proliferation: n ≥ 12 per condition
and for sprout diameter: n ≥ 16 per condition. (D) Relationship between
proliferation and sprout diameter, with red dashed line indicating a linear
regression and statistical analysis performed by Pearson’s correlation. Sample
size for each mean is identical to those of panels (B,C). All data presented as
mean ± SD; *indicates a statistically significant comparison with P < 0.05
(one-way ANOVA).

producing a significant and strong negative correlation between
invasion speed and sprout diameter (Figures 1D,E). In sum, this
result within a distinct model system supports findings from
prior studies (Wood et al., 2012).

In addition to chemoattractant-mediated directional EC
invasion, another key requirement of angiogenesis is sufficient
cell proliferation, which occurs predominantly within stalk cells
of an invading angiogenic sprout (Gerhardt et al., 2003). To
investigate the relationship between proliferation and sprout

FIGURE 3 | Denser matrix that slows sprout invasion leads to smaller sprout
diameters. (A) Representative images (max intensity projections) of invading
endothelial cells (ECs) in response to varying collagen density. All conditions
were cultured for 3 days with 250 nM sphingosine 1-phosphate (S1P) in
endothelial cell growth medium 2 [EGM2; supplemented with 25 ng ml−1

phorbol 12-myristate 13-acetate (PMA)] added to the chemokine channel
within collagen hydrogels of the indicated density. Nuclei (magenta),
5-ethynyl-2′-deoxyuridine (EdU; cyan), Ulex Europaeus Agglutinin-1 (UEA;
white), and yellow dashed lines indicate parent vessel edge. (B–D)
Quantifications of proliferation, invasion speed, and sprout diameter as a
function of collagen hydrogel density. For proliferation: n ≥ 6 per condition, for
invasion speed: n ≥ 60 per condition, and for sprout diameter: n ≥ 100 per
condition. (E,F) Relationships between proliferation and sprout diameter (E)
and invasion speed and sprout diameter (F), with red dashed lines indicating a
linear regression and statistical analyses performed by Pearson’s correlation.
Sample size for each mean is identical to those of panels (B–D). All data
presented as mean ± SD; *indicates a statistically significant comparison with
P < 0.05 (one-way ANOVA).

morphology, we supplemented EGM2 media with varying
concentrations of phorbol 12-myristate 13-acetate (PMA), a
well-established pro-angiogenic factor and potent activator of
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FIGURE 4 | Live time-lapse imaging reveals dynamic sprout and extracellular matrix (ECM) interactions. (A) Representative time course images (individual z-slices) of
an invading sprout over 5 days with a frame interval of 24 h. Sprouts were cultured in 250 nM sphingosine 1-phosphate (S1P) and 50 ng ml−1 phorbol 12-myristate
13-acetate (PMA) within 3 mg ml−1 collagen hydrogel. (B) Representative time course images (individual z-slices) of an invading sprout over 8 h with a frame interval
of 20 min (for full time-lapse series, see Supplementary Video 1). Sprouts were cultured in 250 nM S1P and 50 ng ml−1 PMA within 3 mg ml−1 collagen hydrogel,
and imaging was initiated after 2 days in culture. (C) Kymographs taken along white dashed line indicated in panel (B).

protein kinase C (PKC) upstream of cell proliferation (Cross
et al., 2010; Nguyen et al., 2013; Osaki et al., 2015; Wang
et al., 2020). To assess EC proliferation, we utilized an EdU
assay that labels proliferating cell nuclei, while all cells were
labeled with DAPI and UEA. Indeed, EC proliferation proved

dose-dependent with PMA, where increasing PMA resulted in
stepwise increases in proliferation rates (the ratio of EdU+ cells
to all cells labeled with DAPI and UEA) (Figures 2A,B). Sprout
diameter was also found to be dose-dependent with PMA, where
increasing PMA led to larger diameters, yielding a significant
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and strong positive correlation between EC proliferation and
sprout diameter (Figures 2C,D). Taken together, soluble factors
that drive cell invasion (i.e., S1P) and proliferation (i.e.,
PMA) differentially regulate resulting sprout morphology (i.e.,
diameter). Our previous work demonstrates a critical balance
between these two fundamental cellular functions in maintaining
cell–cell adhesion during collective sprout invasion (Wang et al.,
2020). These findings suggest that a similar balance is required
for invading ECs to generate sprout diameters in the <50 µm
diameter range reported for microvasculature in vivo (Aird, 2005;
Kinstlinger and Miller, 2016; Traore and George, 2017).

Matrix Density Regulates Sprouting
Speed and Diameter
Beyond soluble biochemical factors, physical properties of ECM
have also been shown to modulate angiogenesis (Crosby and
Zoldan, 2019; Wang et al., 2020). We next investigated the
influence of matrix density on sprout morphology (all previous
studies were performed in 3 mg ml−1 collagen) under constant
levels of S1P (250 nM) and PMA (25 ng ml−1). With increasing
collagen density, we observed no change in proliferation rates
(perhaps due to PMA’s potent effect on proliferation) but
stepwise decreases in invasion speeds (Figures 3A–C). Despite
the reduction in invasion speeds, sprout diameter surprisingly
decreased with increasing matrix density (Figure 3D). We
observed a weak positive correlation between proliferation and
sprout diameter and a strong positive correlation between
invasion speed and sprout diameter (Figures 3E,F). We note that
none of these correlations proved significant likely due to the
low number of groups in the analysis. Thus, while diminishing
the S1P chemoattractive gradient and increasing collagen density
both act to slow sprout invasion, decreased invasion speeds do
not consistently correlate with thicker sprouts. Modulating S1P
in 3 mg ml−1 collagen yields a significant and strong negative
correlation between speed and diameter while modulating matrix
density results in a strong positive correlation.

Dynamic Sprout–Extracellular Matrix
Interactions Regulate Sprout Diameter
To further investigate these seemingly contradictory invasion
speed vs. sprout diameter relationships, we employed live time-
lapse imaging with fluorescently labeled collagen to capture
dynamic cell–ECM interactions over the course of EC sprouting
through 3D ECM. As angiogenic sprouting occurs over several
days, we first performed live cell imaging over 24 h imaging
intervals to examine long-term changes (Figure 4A). Imaging
the same region over 5 days, we observed the invasion of an
endothelial tip cell at day 1 with no appreciable changes to
the surrounding ECM structure or density. By day 2, tip cells
continued invading and led ensuing stalk cells, with localized
collagen degradation evident at the location of the sprout stalk.
Over days 3–5, sprouts continued to elongate as well as expand
laterally, increasing in diameter. Interestingly, the area devoid
of collagen continued to grow with expansion of the sprout,
with marked increases of collagen fluorescence intensity at the
sprout periphery. This observation suggests collagen is not only

FIGURE 5 | Degree of collagen compaction adjacent to sprout stalk cells
positively correlates with sprout diameter. (A) Representative images
(individual z-slices) of fluorescently labeled collagen (shown as intensity heat
map) surrounding sprout stalk cells in collagen matrices of varying density and
stiffness. Sprouts were cultured for 3 days in 250 nM sphingosine
1-phosphate (S1P) and 50 ng ml−1 phorbol 12-myristate 13-acetate (PMA)
within collagen matrices of indicated density or with glutaraldehyde (GA)
cross-linking. (B) Representative fluorescent collagen intensity profiles
acquired along shaded white line indicated in panel (A). 2 mg ml−1 (red line),
3 mg ml−1 (green line), 6 mg ml−1 (blue line), and 3 mg ml−1 with GA
cross-linking (purple line) and average intensity of non-compacted, acellular
areas (dashed black line). Intensity values of the non-compacted, acellular
collagen regions were normalized to each other in panels (A,B) to compare
collagen intensity fold change of compacted regions. (C,D) Quantification of
collagen compaction and relationship between collagen compaction and
sprout diameter, with red dashed line indicating a linear regression and
statistical analysis performed by Pearson’s correlation. For collagen
compaction: n ≥ 10 per condition. For each mean in panel (D), n ≥ 10 for
collagen compaction and n ≥ 70 for sprout diameter. (E) Representative
images (individual z-slices) of sprout stalk region stained for F-actin (green)
and α-tubulin (red) within fluorescently labeled collagen (gray). Individual
channels visualized as intensity heat maps. All data presented as mean ± SD;
*indicates a statistically significant comparison with P < 0.05 (one-way
ANOVA).

proteolytically degraded but also physically compacted by stalk
cells to accommodate the expanding sprout. We next employed
time-lapse imaging at shorter frame intervals (every 20 min
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FIGURE 6 | Inhibition of actomyosin activity and microtubule polymerization reduces collagen compaction. (A) Representative images (max intensity projections) of
dimethylsulfoxide (DMSO) control, 25 µM blebbistatin-, and 50 ng ml−1 nocodazole-treated sprouts cultured over 5 days with 250 nM sphingosine 1-phosphate
(S1P) and 25 ng ml−1 phorbol 12-myristate 13-acetate (PMA) within 3 mg ml−1 collagen. (B) Representative images (individual z-slices) of fluorescently labeled
collagen (intensity heat map) of conditions from panel (A). (C,D) Quantifications of sprout diameter and collagen compaction from conditions in panels (A,B). For
sprout diameter: n ≥ 52 per condition and for collagen compaction: n ≥ 10 per condition. All data presented as mean ± SD; *indicates a statistically significant
comparison to DMSO control with P < 0.05 (two-tailed Student’s t-test).

over 8 h) on day 2 of culture to capture more transient cell–
ECM interactions (Figures 4B,C and Supplementary Video 1).
The dynamics of sprout morphology (fluctuations in sprout
diameter) mirrored that of the surrounding collagen matrix,
with the compacted peripheral zone of collagen moving in
tandem with the expanding diameter of the sprout (best viewed
in Supplementary Video 1). Live cell imaging over these
two different timescales suggests that over shorter durations
(<1 day), invading sprouts appear to dynamically displace
the surrounding collagen through active cellular shape changes
and resulting forces. Over longer timescales (>1 day), sprouts
can degradatively remodel the collagen to create space for
the growing sprout.

Given that both physical compaction and degradative
remodeling would be significantly influenced by matrix density,
we next examined sprout stalk-driven collagen compaction as
a function of collagen density. To measure a relative degree
of collagen compaction, sprouts were allowed to invade in
fluorescent collagen and line intensity profiles orthogonal to
the long axis of each sprout 30–50 µm away from the parent
vessel edge were acquired by confocal imaging (shaded lines
in Figure 5A). An intensity fold change was determined
by normalizing fluorescence intensity to a baseline collagen
intensity from surrounding acellular regions (Figure 5B).
Collagen compaction diminished with increasing collagen
density, suggesting that with higher collagen density, expansive
stalk cell forces are no longer sufficient to compact the
surrounding matrix, thereby restricting lateral expansion of
growing sprouts (Figure 5C). Supporting this, we noted a

significant and strong positive correlation between the degree
of collagen compaction and sprout diameter (Figure 5D).
Additionally, GA treatment of collagen hydrogels, which
introduces non-cell-degradable cross-links and increases collagen
gel stiffness, also reduced the degree of collagen compaction
and sprout diameter (Figures 5A–D). As cytoskeletal proteins
are responsible for cellular shape changes associated with
forces applied to the ECM, we co-stained sprouts for F-actin
and α-tubulin. F-actin and α-tubulin were both enriched
and co-localized along the periphery of sprout stalks where
collagen compaction was also most pronounced, suggesting that
actomyosin and microtubules provide the driving forces behind
matrix compaction (Figure 5E). Taken together, sprout stalk
cells dynamically engage and deform the surrounding ECM and
over longer timescales, can permanently remodel the structure to
create sufficient space for the growing sprout.

Actomyosin, Microtubules, and
Proteolysis Regulate Sprout Diameter
and Extracellular Matrix Compaction
As F-actin and α-tubulin appeared to be enriched at areas of
collagen compaction at the sprout stalk periphery and are known
drivers of cell shape and cell-mediated matrix deformations,
we used pharmacologic inhibitors of actomyosin activity and
microtubule assembly to test whether they cooperatively regulate
sprout diameter and ECM compaction. The addition of 25 µM
blebbistatin, a myosin II inhibitor, resulted in decreased
sprout diameters with corresponding decreases in collagen
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FIGURE 7 | Matrix proteolysis is required for larger sprout diameters that are lumenized. (A) Representative image (individual z-slices) of collagen degradation along
sprout stalk cells. F-actin (cyan), nuclei (magenta), collagen hybridization peptide (CHP; yellow). (B) Representative images (max intensity projections) of marimastat
(MMS) treatment (1 µM) of sprouts cultured over 5 days with 250 nM sphingosine 1-phosphate (S1P) and 25 ng ml−1 phorbol 12-myristate 13-acetate (PMA) within
3 mg ml−1 collagen. (C) Representative images (single z-slice) of fluorescently labeled collagen (intensity heat map) with MMS treatment (1 µM) of sprouts cultured
over 3 days with 250 nM S1P and 25 ng ml−1 PMA within 3 mg ml−1 collagen. (D,E) Quantifications of sprout diameter and collagen compaction from MMS
treatment (1 µM). For sprout diameter: n ≥ 50 per condition and for collagen compaction: n ≥ 10 per condition. (F,G) Assessment of lumenization as a function of
sprout diameter by parent vessel perfusion of 1 µm-diameter microsphere. Sample size for total sprouts analyzed for each group is indicated in bar plot. All data
presented as mean ± SD; *indicates a statistically significant comparison with P < 0.05 (two-tailed Student’s t-test).

compaction (Figures 6A–D). Reducing microtubule assembly
with the addition of 50 ng ml−1 nocodazole also resulted
in decreased collagen compaction but without commensurate
decreases in sprout diameter (Figures 6A–D). Live imaging
revealed nocodazole-treated stalk cells lose connectivity to
tip cells and retract collectively toward the parent vessel
(Supplementary Video 2). In retracting and reducing their
length, stalk cells condensed, and expanded laterally. Lacking
the ability to re-extend, nocodazole-treated sprouts were shorter
in length (i.e., invasion depth) and sprout diameters were not
significantly different compared to controls. Sprouts treated with
podophyllotoxin, which fully prevents microtubule assembly,
resulted in disassembly of multicellular sprouts into individual
cells (Supplementary Video 3).

In addition to physical reorganization of ECM, EC
sprouts also enzymatically degrade the ECM by using matrix
metalloproteinases (MMPs) to create space in 3D. Utilizing a

collagen hybridization peptide (CHP), which binds to degraded
collagen (individual collagen peptides cleaved from tropo-
collagen), we found CHP to be enhanced along the periphery of
sprout stalks relative to acellular ECM regions (Figure 7A). The
addition of 1 µM marimastat, a broad-spectrum MMP inhibitor,
over 5 days of culture resulted in decreased sprout diameter
but without changes to the degree of collagen compaction
(Figures 7B–E). To assess whether sprout diameter impacts
subsequent lumenization and perfusability, we perfused 1 µm-
diameter fluorescent microspheres through the endothelial
channel. We found that all sprouts with a diameter < 6 µm
were incapable of supporting microsphere perfusion within the
multicellular sprout, while all sprouts with a diameter ≥ 11 µm
were lumenized, as evident by the presence of microspheres
within sprouts (Figures 7F,G). Sprouts with diameters between
6 and 11 µm displayed a stepwise increase in the percentage of
sprouts that were perfused with microspheres with increasing
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sprout diameter (Figure 7G). Taken together, EC sprouts
create space in 3D ECM with a combination of biochemical
and physical means to afford increases in sprout diameter
and lumenization. Inhibition of actomyosin and microtubules
reduced collagen compaction around sprout stalk cells and
are critical regulators of maintaining EC invasion morphology
as collective, multicellular strands (Figure 6). Reduction of
matrix proteolysis decreases sprout diameter; however, persistent
actomyosin and microtubule-driven expansive forces were
sufficient to physically reorganize ECM and enable the invasion
of thin multicellular strands (Figure 7).

DISCUSSION

The relationship between microenvironmental cues, angiogenic
sprout morphology, and subsequent neovessel function remains
relatively understudied. Our group recently established that
the multicellularity of invading ECs dictates the subsequent
function (perfusability and permeability) of formed neovessels
(Trappmann et al., 2017; Wang et al., 2020). The work
presented here builds upon this structure–function relationship,
highlighting how cytoskeletal and proteolytic machinery of
sprout stalk cells enzymatically remodel and mechanically
compact the surrounding ECM to create sufficient space to
laterally expand sprout stalks and enable lumenization. With
increased collagen matrix density or stiffening from GA cross-
linking, stalk cell-mediated collagen compaction decreased as
cell-generated forces were likely insufficient to compact a
more mechanically resistant ECM, thus yielding smaller sprout
diameters (Figure 3). Additionally, increasing matrix density
or stiffening with GA cross-linking led to a stiffer ECM more
resistant to proteolysis, thus requiring enhanced MMP activity
and/or cell-generated forces to generate open space for growing
sprouts. Modulating EC proliferation with PMA, we found sprout
diameters increased with increases in stalk cell proliferation
(Figure 2); we anticipate cell-generated forces and proteolysis
are likely cell density dependent, where increased cell density
may lead to locally higher levels of multicellular force generation
and higher rates of proteolysis, thus resulting in enhanced
ECM degradation and compaction that afford more space for
larger sprout diameters. Lastly, cytoskeletal forces and proteolysis
remodeled the ECM more drastically over longer timescales
(days) (Figure 4); modulating sprouting speed with soluble
chemoattractants resulted in faster invasion speeds and decreased
sprout diameters, which may spatiotemporally limit physical
and proteolytic interactions between stalk cells and adjacent
matrix (Figure 1).

Toward the design of pro-angiogenic biomaterials that
promote host angiogenesis, this work highlights a critical need
for biomaterial cues that promote sprout stalk cell-mediated
increases in diameter and subsequent lumenization. While
natural materials such as collagen and fibrin hydrogels offer
sufficient microporosity and enable cell-mediated remodeling to
create space, following implantation, these materials are rapidly
resorbed and lose their initial structural integrity (Thomson
et al., 2013; Vigen et al., 2014). Thus, a major focus in
the design of pro-angiogenic biomaterials has been placed on

designing tunable synthetic hydrogels with enhanced specificity
over degradative mechanisms and tunability over resorption
rates to retain integrity upon implantation (Li et al., 2017).
Facilitating sprout-mediated matrix remodeling by modulating
synthetic hydrogel degradability could augment sprout diameters
via proteolysis but at the cost of also enhancing resorption
rates. Viscoelastic hydrogels could take advantage of proteolysis-
independent methods of space generation via cell force-mediated
pushing forces, as previous studies have demonstrated plastic
deformation of hydrogels with viscoelastic behavior (Chaudhuri
et al., 2020; Wei et al., 2020). As increased EC proliferation
resulted in enhanced sprout diameters, incorporating matrix cues
that additionally enhance proliferation in 3D synthetic hydrogel
settings would also be beneficial. While matrix stiffness in 2D
settings enhances proliferation, increased stiffness in 3D has been
shown to decrease cell proliferation and spreading likely due
to the confinement of cells in typically nanoporous synthetic
hydrogels and the requirement for significant degradation
prior to cell spreading, which appears to be a prerequisite
for proliferation of adherent cells (Khetan et al., 2013). As
native ECM is primarily composed of fibrillar collagens,
recent work from our group has designed composite materials
composed of stiff, microscale fibers embedded within soft
bulk hydrogels (Matera et al., 2019, 2020). These composite
hydrogels containing stiff adhesive structures that promote cell
spreading and proliferation could have utility for angiogenesis
(Matera et al., 2019, 2020). Lastly, generating sufficient space
within nanoporous synthetic hydrogels can be approached
with subtractive materials engineering methods rather than
a cell-mediated process. Recent techniques in 3D printing
vessel conduits, photoablation of microtracks, and microporous
annealed particles are capable of generating material porosity
at various length scales to enhance vascularization (Griffin
et al., 2015; Mirabella et al., 2017; Arakawa et al., 2020). The
continued advancement of synthetic biomaterials and careful
consideration of dynamic sprout-mediated matrix reorganization
will be critical for the future development of pro-angiogenic
biomaterial implants.

While much progress has been made on understanding
how matrix properties regulate sprouting angiogenesis, only
recently have we begun to appreciate the dynamic bidirectional
interactions between ECM and collectively invading EC sprouts
(van Helvert et al., 2018). Most studies define and characterize
the initial matrix state and then measure the subsequent cell
response. However, as highlighted by this work, EC sprouts
dynamically reorganize and remodel ECM structure and
mechanics using cytoskeletal forces and proteolytic activity
over extended timescales required for complex morphogenetic
processes. To understand how cell-altered ECM iteratively
and reciprocally influences cell processes requires advances in
characterization techniques that probe cell–matrix interactions
across space and time. Here, we employed live time-lapse
imaging of fluorescently labeled ECM to characterize matrix
compaction mirroring sprout morphology fluctuations over
short timescales (minutes) and matrix degradation and
compaction corresponding to increases in sprout diameter over
longer timescales (days). To more closely examine how cells may
dynamically alter the matrix state, future work could integrate
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recent advances in metabolic labeling of secreted proteins to
examine matrix deposition (Loebel et al., 2019), fluorescence
resonance energy transfer (FRET)-based protease microgels to
assess protease activity (Shin et al., 2018), and techniques
such as magnetic bead microrheology to spatially characterize
matrix stiffness (Juliar et al., 2018). Coupling these matrix state
analysis techniques with cell state measurement techniques such
as fluorescent fusion-tagged proteins, FRET-based reporters of
forces across cytoskeletal proteins (Grashoff et al., 2010; Ham
et al., 2019), and transcription factor activity reporters (Aguado
et al., 2015) would provide new insights on the dynamic and
bidirectional relationships between cells and surrounding matrix.
The continued development and deployment of such techniques
will be essential in further elucidating critical aspects of cell–
matrix reciprocity during the complex and dynamic process of
sprouting angiogenesis.
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Supplementary Video 1 | Time-lapse imaging of sprout-ECM dynamics cultured
in 250 nM S1P and 50 ng ml−1 PMA within 3 mg ml−1 fluorescently labeled
collagen hydrogel. Time-lapse imaging was initiated after 48 h of sprouting.
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Supplementary Video 2 | Time-lapse imaging of nocodazole treated sprouts.
Sprouts were cultured in 250 nM S1P and 25 ng ml−1 PMA within 3 mg ml−1

collagen hydrogel. 50 ng ml−1 nocodazole was first administered to sprouts along
with the initiation of time-lapse imaging after 48 h of sprouting.

Supplementary Video 3 | Time-lapse imaging of podophyllotoxin treated
sprouts. Sprouts were cultured in 250 nM S1P and 25 ng ml−1 PMA within 3 mg
ml−1 collagen hydrogel. 100 nM podophyllotoxin was first administered to sprouts
along with the initiation of time-lapse imaging after 48 h of sprouting.
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Immune cells have the ubiquitous capability to migrate disregarding the adhesion
properties of the environment, which requires a versatile adaptation of their
adhesiveness mediated by integrins, a family of specialized adhesion proteins. Each
subtype of integrins has several ligands and several affinity states controlled by internal
and external stimuli. However, probing cell adhesion properties on live cells without
perturbing cell motility is highly challenging, especially in vivo. Here, we developed a
novel in vitro method using micron-size beads pulled by flow to functionally probe the
local surface adhesiveness of live and motile cells. This method allowed a functional
mapping of the adhesiveness mediated by VLA-4 and LFA-1 integrins on the trailing and
leading edges of live human T lymphocytes. We show that cell polarization processes
enhance integrin-mediated adhesiveness toward cell rear for VLA-4 and cell front for
LFA-1. Furthermore, an inhibiting crosstalk of LFA-1 toward VLA-4 and an activating
crosstalk of VLA-4 toward LFA-1 were found to modulate cell adhesiveness with a long-
distance effect across the cell. These combined signaling processes directly support
the bistable model that explains the emergence of the versatile guidance of lymphocyte
under flow. Molecularly, Sharpin, an LFA-1 inhibitor in lymphocyte uropod, was found
involved in the LFA-1 deadhesion of lymphocytes; however, both Sharpin and Myosin
inhibition had a rather modest impact on adhesiveness. Quantitative 3D immunostaining
identified high-affinity LFA-1 and VLA-4 densities at around 50 and 100 molecules/µm2

in basal adherent zones, respectively. Interestingly, a latent adhesiveness of dorsal zones
was not grasped by immunostaining but assessed by direct functional assays with
beads. The combination of live functional assays, molecular imaging, and genome
editing is instrumental to characterizing the spatiotemporal regulation of integrin-
mediated adhesiveness at molecular and cell scales, which opens a new perspective
to decipher sophisticated phenotypes of motility and guidance.
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SIGNIFICANCE STATEMENT

The adaptation of immune cell migration to various
microenvironmental conditions is arguably mediated by
integrins, a family of specialized adhesion proteins, but only
partially understood. The experimental mapping of integrin
properties at the cell surface would be instrumental to unraveling
the underlying adaptive mechanisms, but this task is difficult
on live cells. Here, we developed a novel in vitro method using
micron-size beads pulled by flow to functionally probe the local
adhesiveness on the surface of live and motile cells, allowing
an unprecedented adhesiveness mapping at the trailing and
leading edges of human T lymphocytes. This non-invasive
approach yields phenotypic information on VLA-4 and LFA-1
integrin adhesiveness at the cell scale, which is complementary
to molecular immunostaining approaches assessing signaling
processes but not their cell-scale phenotypic outcome. We
observed that cell polarization processes enhance integrin-
mediated adhesiveness toward cell rear for VLA-4 and cell
front for LFA-1 and that bidirectional crosstalk between LFA-1
and VLA-4 modulates adhesiveness with long-distance action
across the cell. These findings explain the emergence of complex
phenotypes such as the bistable orientation of lymphocytes
downstream or upstream under flow. We also challenged the role
of candidate proteins Sharpin and Myosin in uropod detachment
from ICAM-1. While Sharpin participated to this process,
both Sharpin and Myosin had a limited impact on lymphocyte
adhesiveness, suggesting that other proteins are involved in
LFA-1 deactivation. Finally, an original quantitative 3D imaging
allowed us to link molecular densities of high-affinity integrins
with local adhesiveness. All in all, the combination of molecular
and functional mapping allowed us to explain cell orientation
under flow. We foresee that such complementary studies will be
instrumental to explaining other migrating phenotypes, such as
chemotaxis or haptotaxis.

INTRODUCTION

Integrins form a large family of adhesion proteins that are widely
expressed on immune cells and play crucial roles in the immune
response. Much is known on how integrins mediate the adhesion
and migration of immune cells within the blood and lymphatic
systems, lymphoid organs, and inflamed tissues (Laudanna et al.,
1996; Ley et al., 2007; Petri et al., 2008; Huttenlocher and
Horwitz, 2011; Kolaczkowska and Kubes, 2013), and less on the
role of integrins in guidance versus chemical and mechanical
cues (Stevens and Jacobs, 2002; Bartholomäus et al., 2009;
Valignat et al., 2013, 2014; Gorina et al., 2014; Dominguez
et al., 2015; Missirlis et al., 2016; Anderson et al., 2018, 2019;
Buffone et al., 2018; Hornung et al., 2020). Integrins are much
more than adhesion molecules; they have several conformations
of different affinities (Schürpf and Springer, 2011), and each
conformational change is controlled by intracellular molecular
signals (e.g., binding of Talins, Kindlins, and Sharpin) (Shattil
et al., 2010; Alon and Shulman, 2011; Pouwels et al., 2013),
external stimuli (e.g., encounter with ligands, force, and ionic

interactions) (Kim et al., 2003; Alon and Dustin, 2007; Pasvolsky
et al., 2008; Lefort et al., 2009; Hogg et al., 2011; Nordenfelt
et al., 2016), and crosstalk signals between different integrin
subtypes (Porter and Hogg, 1997; Chan et al., 2000; May et al.,
2000; Uotila et al., 2014; Grönholm et al., 2016). Integrins can
also sense external mechanical forces and trigger intracellular
signaling pathways (Hogg et al., 2011), allowing them to control
mechanotaxis via mechanosensing (Dixit et al., 2011; Artemenko
et al., 2016; Hornung et al., 2020; Luo et al., 2020), the same way
that G-protein receptors control chemotaxis via chemosensing.
Hence, complex regulation networks of adhesion are at work
in immune cells that express several subtypes of integrins,
each with different ligands, affinities, avidities, or clustering
properties. The quantitative spatiotemporal characterization of
the density and affinity state of integrins on the whole-cell
surface would be instrumental to shedding light on the link
between integrin regulation and mechanisms of cell migration
and guidance. However, characterizing integrin states on live cells
without perturbing the phenotypes of interest is a difficult task.
Furthermore, molecular information of integrin state does not
yield the effective adhesiveness at the cell scale, which is directly
relevant in linking adhesion to cell migration and guiding.
Therefore, our goal here was to directly measure the adhesion
properties of the surface of live crawling cells at a subcellular
scale. We developed for this task a new method to probe local
adhesion by pulling with hydrodynamic flow on micron-size
beads coated with integrin ligands and attached to cells.

Lymphocyte recruitment from blood relies mainly on
integrins LFA-1 (αLβ2) and VLA-4 (α4β1). VLA-4 integrins,
together with selectins, mediate transient adhesion of cells
circulating in the blood stream by mediating a rolling motion of
cells on the walls of blood vessels (Alon et al., 1995). This slow
rolling motion allows further bonding of LFA-1 integrins that
are slower to engage to their ligand and yield stronger adhesion.
LFA-1 and VLA-4 then participate to subsequent autonomous
crawling of cells on vessel walls. These sequential functions of
VLA-4 and LFA-1 are consistent with their affinities toward
their respective ligands VCAM-1 and ICAM-1 expressed by
endothelial cells (Salas et al., 2002; Chigaev and Sklar, 2012a).
In contrast, the mechanisms underlying integrin control of
chemotaxis (Heit et al., 2005), haptotaxis (King et al., 2016;
Swaminathan et al., 2016; Luo et al., 2020), or rheotaxis
(Valignat et al., 2013; Dominguez et al., 2015) are hardly
explained. Integrins are manifestly playing a central role in
leukocyte orientation versus flow, because LFA-1 and VLA-4
were shown to mediate opposite orientations versus flow for
lymphocytes in vitro (Valignat et al., 2013, 2014; Dominguez
et al., 2015; Buffone et al., 2018, 2019). The participation of
mechanotransduction in the mechanism remains in turn under
debate. Mechanotransduction was reported for neutrophil (Dixit
et al., 2011; Niethammer, 2016) and for lymphocyte (Roy et al.,
2018, 2020) orientation under flow, as well as for lymphocytes
after flow arrest (Kim and Hammer, 2019), but the causal link
between integrin mechanotransduction and rheotaxis has not
been fully established yet. Alternatively, we proposed a molecular
mechanism without mechanotransduction, in which integrins
LFA-1 and VLA-4 mediate a bistable system (Hornung et al.,
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2020). The mechanism is based on several regulation processes of
integrin affinity states that are operational independently of flow.
The polarization of effector lymphocytes is reported to trigger
high-affinity conformations of LFA-1 in cell front (Smith et al.,
2005, 2007; Ghandour et al., 2007; Shulman et al., 2009; Hogg
et al., 2011; Valignat et al., 2013, 2014; Hornung et al., 2020)
and of VLA-4 in cell rear (Laudanna et al., 1996; Smith et al.,
2007; Morin et al., 2008; Shulman et al., 2009; Pouwels et al.,
2013; Hornung et al., 2020) on the one hand, and low affinity
of LFA-1 in cell rear (Semmrich et al., 2005; Morin et al., 2008;
Pouwels et al., 2013) and VLA4 in cell front (Rantal et al., 2011;
Grönholm et al., 2016; Hornung et al., 2020) on the other hand.
Integrin high-affinity states are further stabilized when integrins
encounter a ligand-coated solid substrate (Schürpf and Springer,
2011; Ishibashi et al., 2015). Finally, crosstalks have been reported
to be activating for VLA-4 toward LFA-1 (Chan et al., 2000;
May et al., 2000) and inhibiting for LFA-1 toward VLA-4 (Porter
and Hogg, 1997; Grönholm et al., 2016). Combinations of these
processes allowed us to qualitatively explain how LFA-1 and VLA-
4 can control cell orientation against the flow when the leading
edge was better attached than the trailing edge, and vice versa.
However, the functional efficiency of these processes in terms of
effective spatiotemporal regulation of adhesion at the cell scale
has not been directly assessed. A direct quantitative measurement
of cell-surface adhesiveness at the cell scale during lymphocyte
crawling is lacking to verify that a network controlling integrin
affinity can modulate differential adhesiveness of cell edges and
control cell-directed migration. Our new method to measure
local adhesiveness is used here to shed light on the bistable model
of versatile lymphocyte guidance under flow.

Various techniques have been developed to assess the state of
integrins at the cell surface and to decipher signaling pathways
and regulation mechanisms. Flow chamber experiments with
substrates coated by integrin ligands have revealed the kinetic
properties of individual bonds in the regime of low ligand
density (Grabovsky et al., 2000), and the role of force in
the formation of shear-resistant bonds in the regime of high
ligand density (Simon and Goldsmith, 2002). This technique
yielded quantitative functional information on integrin-mediated
adhesion, but spatial information at the subcellular level was
not accessible. Immunostaining imaging of integrin properties
at the subcellular level revealed modulations of densities and
affinities between cell frontal, central, or trailing zones, as well
as between basal or dorsal sides for crawling leukocytes (Smith
et al., 2005; Pouwels et al., 2013). Although instrumental in the
field, these approaches are often limited to the study of fixed cells
because many antibodies can perturb the phenotypes of adhesion
and migration of live cells (Smith et al., 2005). An attempt to
avoid this bias may consist in using small-molecule probes as
reporters of integrin affinity or bending states. Fluorescently
labeled small molecules have been used to measure real-time
ligand–receptor interactions with integrins LFA-1 and VLA-
4 (Chigaev et al., 2009, 2011; Chigaev and Sklar, 2012b) by
conventional flow cytometry, but they were not used for live
microscopy yet. Alternatively, transfection of cells allowed the
engineering of cells with fluorescent integrins, and a particularly
elegant system involved a FRET construct reporting integrin

extension state (Morin et al., 2008). However, this FRET reporter
was only applied to a cell line yet, and the FRET signal was
relatively weak. Single-molecule tracking is another powerful
technique to tackle the problem of integrin-binding affinity and
attachment–detachment kinetics (Ishibashi et al., 2015), but it has
not been implemented on primary cells either and has not been
employed to study crawling cells or to the different poles of a
polarized crawling cell.

Here, we developed an extended version of the flow chamber
method, in which flow was used to test the attachments
and detachments of micron-size beads coated with integrin
ligands and bonded to different locations on the cells.
This technique allowed a phenotypic mapping of the local
adhesiveness controlled specifically by integrins LFA-1 and
VLA-4 on live crawling primary lymphocytes. It revealed that
signaling pathways of polarization and crosstalk induce strong
adhesiveness along the cell axis and explain versatile guiding of
lymphocytes under flow.

RESULTS

Laminar Flow Assays to Test Global or
Local Adhesion of Lymphocytes
Laminar flow chambers have been used to test cell adhesion
in vitro on layers of endothelial cells or on substrates coated with
cell adhesion molecules (CAMs). Shear stress of 1–10 dyn/cm2

is typically applied, and a qualitative estimation of global cell
adhesion can be drawn from the fraction of cells that detach
within a certain amount of time or from survival curves of
adherent cells versus time (Figure 1A). These assays reveal
functional defaults of global cell adhesion, which is relevant in
diagnosing leukocyte adhesion deficiencies (LAD) (Robert et al.,
2011). However, they provide no information at the subcellular
level. To map the local adhesion strength of a cell surface,
we developed here an extended version of laminar flow assays,
which consisted in monitoring CAM-coated bead attachments
on and detachments from live cells under flow (Figures 1B,C).
Acquisitions were taken in 1 × 17 × 0.1-mm channels, and
the flow sequences were controlled with an automatized syringe
pump (Figure 1D). In detachment experiments, we repeatedly
applied a sequence of flow at 0.02 dyn/cm2 for 3 min with a
suspension of beads followed by a flow at 4 dyn/cm2 for 1 min
with medium. The low shear sequence allowed the injection of a
new batch of beads, whereas the high shear sequence was used to
test the adherence of beads on cells. In attachment experiments,
a single sequence of low shear at 0.04 dyn/cm2 was applied
with a suspension of beads. Beads were rolling on the chamber
bottom and randomly encountered crawling cells. The frequency
of bead attachment was measured by the ratio of attachment
events versus all encounter events.

We used here primary effector human T lymphocytes
activated in vitro via CD3/CD28. Effector T lymphocytes crawled
with a marked polarized shape consisting of a protruding
lamellipod at cell leading edge and a contractile uropod at
cell trailing edge. It was therefore easy to distinguish whether
the events of bead attachment or detachment occurred at the
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FIGURE 1 | Laminar flow chamber to measure global and local adhesion. (A) Cartoon depicting the principle of flow chamber assay to probe cell adhesion. Cells
(gray) are seeded without flow until they adhere and crawl. Their detachment under flow is then monitored versus time. (B,C) Cartoons depicting the principle of our
flow chamber assays to probe local adhesion of the surface of cells using beads coated with CAM molecules (green). (B) Detachment experiment. Beads are
injected at constant low flow, and they eventually adhered to cells upon random encounter. Flow is then increased, and bead detachments under flow are monitored
versus time. (C) Attachment experiment. Beads are injected at a constant low flow, and their attachment frequency with cells is monitored. (D) Schematic of the
automatized setup to repeat bead injection, multiple flow sequences, and image acquisitions. Schematics of the experimental setup. 1, controller; 2, optical
microscope; 3, flow chamber; 4, controlled syringe pump; 5, controlled camera; 6, acquisition computer; 7, temperature-regulated cabinet. (E) Left—examples of
events in detachment experiments with a bead remaining attached to lamellipods (left, from top to bottom: t = 0, 10, 20, 30, 40, 50, and 60 s) and a bead detaching
from a cell uropod (right, from left to right: t =0 s, 2500 ms, 5840 ms, 6000 ms, 12 s, and 24 s). Red arrow points to detachment. Scale bar 5 µm. Right—examples
of events in attachment experiment with a bead attaching on lamellipods (left, from top to bottom: t = 0 s, 160 ms, 360 ms, 560 ms, 12 s, 24 s, and 36 s) and a
bead passing along a cell uropod without attaching (right, from top to bottom: t = 0, 1, 2, 3, 4, 5, and 6 s). Red arrow points to attachment. Gray arrow indicates
flow direction. Scale bar 5 µm.

trailing or leading edge of cells (Figure 1E and Supplementary
Movie 1), which allowed probing adhesiveness differences along
the front–rear polarization axis. The sensitivity and specificity
of local force measurements were adjusted by modulating the
nature and density of CAM on substrates and beads. ICAM-1

and VCAM-1, ligands of LFA-1 and VLA-4, respectively, were
used at densities between 0 and 2400 molecules.µm−2. While
encounters between cells and beads were random and equally
probable on the trailing and leading edges of cells, attached beads
were systematically advected toward cell trailing edge by rearward
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treadmilling of integrins linked to actin cytoskeleton (Aoun et al.,
2020). Advection from cell leading to trailing edge lasted around
1 min. Consequently, pulling of beads was less frequent on cell
leading edge than on cell trailing edge, and pulling on cell leading
edge could only be monitored for less than a minute.

Global Adhesion Is Stronger With LFA-1
Than With VLA-4
Global adhesion of cells crawling on ICAM-1- (Figure 2A)
and VCAM-1- (Figure 2B) coated substrates were probed by
usual laminar flow experiments. Under a constant shear flow
of 4 dyn/cm2, the survival curves of adherent cells revealed
a stronger global adhesion on ICAM-1 than on VCAM-1.
This effect is well established and consistent with in vivo
observation of initial rolling mediated in part by VLA-4/VCAM-
1 bonds and subsequent strong binding mediated by LFA-
1/ICAM-1 bonds during the recruitment of leukocytes in blood
vessels. Interestingly, the survival curves were identical for
substrates coated with 1000 or 600 molecules.µm−2 of CAM,
although a higher probability of bond formation and a higher
adhesion are possible. However, the average numbers of integrins
measured by quantitative cytometry were 25,000 for LFA-1 and
15,000 for VCAM (Aoun et al., 2020), which corresponds to
average densities of, respectively, 120 and 75 molecules.µm−2

by considering an apparent cell diameter of 8 µm. Ligand
densities on the substrates are therefore 5–15 times higher than
integrin densities on cells, and the difference is even larger if
one considers the real surface of cytoplasmic membrane (with
submicronic microvilli) instead of the apparent surface assessed
by optical microscopy. Hence, the independence of adhesion in
this regime of CAM densities can be explained by an excess of
ligands on substrates.

LFA-1-Mediated Adhesion Is High in Cell
Leading Edge and Low in Cell Trailing
Edge
Experiments with beads were then used to assess adhesiveness
at the subcellular level. With beads and substrates coated
with ICAM-1 (2400 molecules.µm−2 for beads and 1200
molecules.µm−2 for substrates), the attachment frequency was
32% on cell leading edge and 5% on cell trailing edge (Figure 3A).
The lack of adhesiveness in cell rear cannot result from a
lower density of integrins LFA-1 in cell rear because retrograde
flow is constantly dragging integrins toward cell rear. Hence,
although the survival curves of attached beads under flow
revealed no significant difference between leading and trailing
edges (Figure 3B), local adhesiveness results reveal that the cell
polarization program is acting not only on the cell shape and
on cytoskeleton dynamics but also on the spatial regulation
of integrins affinity, here LFA-1 (Figure 3C). Furthermore, the
inside-out signals from the polarization program, which are
acting on integrins at molecular scale, are efficient enough to
modulate adhesion properties at cell scale, but they do not have an
all-or-nothing effect on integrins. Adhesiveness could be further
increased by addition of Mn2+ at 3 mM (no detachment at 60 s).
Interestingly, a lower LFA-1-mediated adhesiveness of cell rear
is consistent with previous observations that uropods of effector
lymphocytes are often detached on ICAM-1 substrates (Smith
et al., 2005; Valignat et al., 2014; Hornung et al., 2020).

VLA-4-Mediated Local Adhesion Is
Lower in Cell Rear Than in Cell Front
With beads and substrates coated with VCAM-1 at 2400 and
1200 molecules.µm−2, respectively, the attachment frequency
was 28% at the cell leading edge and 68% at cell trailing edge

FIGURE 2 | Laminar flow chamber experiments of global adhesion yield stronger binding with LFA-1 than with VLA-4. Survival versus time of cell bonds with a
substrate coated with 1000 molecules.µm−2 (black dots) or 600 molecules.µm−2 (white dots) of ICAM-1 (A) and VCAM-1 (B). Shear stress of 4 dyn/cm2 was
continuous applied. Nexp = 3. N cells per experiment = 200.
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FIGURE 3 | Polarization signaling triggers higher affinity of LFA-1 in leading edge and of VLA-4 in trailing edge. (A–C) Relate to beads and substrates coated with
ICAM-1. (D–F) Relate to beads and substrates coated with VCAM-1. All substrates were coated with a CAM density of 1200 molecules.µm−2. (A,D) Attachment
probability of beads with CAM densities of 2400 molecules.µm−2 on the rear and front of crawling cells. Controls (CTRL) correspond to data with control beads
coated with IgG. Independent experiments Nexp = 4 in A and Nexp = 3 in D. Nevents_per_experiment > 40. (B,E) Survival curves of bead attached on cell rear
(circles) or cell front (triangles). Blue dots refer to beads and substrates coated with ICAM-1, and orange dots to beads and surfaces coated with VCAM-1. Ligands
density on beads was 2400 molecules.µm−2 for ICAM-1 and 480 molecules.µm−2 for VCAM-1. Nexp = 5, Nevents_per_exp > 90 (in B), Nexp = 4 (in E),
Nevents_per_exp > 60 (in E). (C,F) Cartoons illustrating integrin control revealed in precedent data. Integrins are represented in orange for VLA-4 and blue for LFA-1,
in their high-affinity and extended conformation (filled) and low-affinity bended conformation (hollow). Coatings on beads and substrates are colored in blue for
ICAM-1 and orange for VCAM-1. Arrows indicate relative activating effect and T bars inhibiting effects for LFA-1 (orange) and VLA-4 (blue). Letter in bracket (P)
indicates that signal originates from internal misopolarization. Error bars are standard deviations for independent experiments. ∗P < 0.05 and ∗∗P < 0.01, with
respect to unpaired Student t-test. In B and E, statistical tests were performed at 10, 20, 40, and 60 s (dashed lines) and results indicated above the graphs.

(Figure 3D). For detachment experiments, we decreased the
density of VCAM-1 on beads fivefold to favor detachments,
and survival curves also showed a slightly stronger adhesion in
cell trailing edge than in cell leading edge (Figure 3E). These
results suggest that the cell polarization signaling regulates the
affinity of integrins, here VLA-4 (Figure 3F). This lower adhesion
in cell front observed with VCAM-1 beads is consistent with
previous observations of lamellipods loosely attached to the
VCAM-1 substrate for effector lymphocytes (Hornung et al.,
2020). Interestingly, polarization signaling has opposite effects
on integrin upregulation in cell rear for VLA-4 and cell front
for LFA-1. More surprisingly, local high adhesiveness was
found stronger with VLA-4 on cell rear than for LFA-1 in
cell front, whereas whole cells were globally more adherent
on LFA-1 ligands than on VLA-4 (Figure 2). Like for LFA-1,
polarization signaling did not have an all-or-nothing effect on
integrins, because adhesiveness could be further increased by
addition of Mn2+ 3 mM (no detachments at 60 s). Therefore,
other stimuli can combine to polarization signaling to further
modulate integrins state, like the presentation of integrin

ligands by a substrate, which arguably favors integrin activation
(King et al., 2016).

Polarization Signals Control Integrin
Affinity Independently of Cell Adhesion
to Substrate
It has been repeatedly observed that the presence of a solid
substrate coated with integrin ligands was important or even
required to trigger integrin high-affinity state (Schürpf and
Springer, 2011; Nordenfelt et al., 2016) and allow subsequent
cell adhesion, spreading, and crawling. To test whether
spreading of cells on a solid substrate was required for the
polarization machinery to selectively activate integrins, we
performed experiments on cells suspended in solution without
interaction with a solid substrate. These experiments were
possible because effector T lymphocytes can maintain a polarized
state in suspension and develop sustained directional motility by
swimming (Aoun et al., 2020). Cells and beads were injected in
a chamber treated with an antifouling Pluronic R© F-127 coating,
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in which they sedimented and swam in the vicinity of the
substrate without adhesion. Encounters between the leading edge
of swimming cells and immobile beads occurred randomly, and
beads attaching cells were systematically dragged backward by
the retrograde flow, until reaching the uropod (Figure 4A and
Supplementary Movie 2). Survival curves were then established
by counting the time lapse between the instant of first attachment
of beads to cells front and the instant of detachment, if any
(Figure 4B). Strikingly, ICAM-1-coated beads had a net tendency
to detach spontaneously from cells’ uropod even though no force
was exerted to pull them off in these experiments, with all beads
detaching within 5 min. In contrast, VCAM-1 beads were much
more strongly attached on cells’ uropod, 80% of VCAM-1 beads
being still attached after 15 min. These results are consistent
with a down- and upregulation of LFA-1 and VLA-4 in cell
rear, respectively. We then found that attachments increased in
the presence of Mn2+ 1 mM, which shows that polarization
signals are not all or nothing and that they decreased with
beads coated at CAM densities divided threefold, which confirms
that our measurements are integrin specific. Then, treatments
with blebbistatin or Y27632 showed hardly any effect on the
detachment of ICAM-1 beads, which suggests that activation of
Myosin II in cell rear (via ROCK/RhoA) has not a determinant
role in LFA-1 de-adhesion of cell rear. This result is in line with
some previous studies (Smith et al., 2003) and in opposition
with others (Morin et al., 2008). In the latter studies, detachment
defects of cell rear on ICAM-1 were inferred from the elongation
of uropods, and such elongations may alternatively result from
an increase of deformability induced by blebbistatin (Gabriele
et al., 2009), without attachment alteration. Finally, we performed
experiments on Sharpin-KO cells and found no strong effect on
detachment, which is consistent with detachment experiment
under flow. While molecular signaling remains unclear, these
results show that the polarization-linked inside-out signals
controlling integrin affinity are operational independently of the
outside-in signaling induced by the spreading of a cell on a
substrate bearing integrins ligands.

SHARPIN Mediates Lower LFA-1
Adhesion and Modulates Local Adhesion
in Both Leading and Trailing Edges of
Effector Lymphocytes
Recent studies (Rantal et al., 2011; Pouwels et al., 2013) showed
that protein Sharpin mediated an inhibiting signal of LFA-1 in
the rear of crawling lymphocytes. To test the effect of Sharpin
on adhesion at subcellular scale, we used CRISPR-Cas9 genome
editing technology to generate Sharpin-deficient T lymphocytes
(Supplementary Figure 1). These cells adhered on ICAM-1- and
VCAM-1-coated substrates and crawled with unbiased speed as
compared to control cells (Figure 5A). Global adhesion tested by
flow experiments was also not significantly altered (Figure 5A).
The orientation against flow, which is strongly dependent on
an efficient detachment of uropod, was not significantly altered
(Figure 5A), which suggests that Sharpin is not required for
uropod detachment in effector T cells. Altogether, assays on
global cell adhesion/migration/guidance revealed no critical

effect of Sharpin. In assays of local adhesiveness with beads and
flow, the attachment frequencies when both beads and substrates
were coated with ICAM-1 were higher (Figure 5B) on both
leading and trailing edges for Sharpin-deficient cells as compared
to control-transfected cells, whereas detachments were slower
on trailing edges (Figure 5B). These results are consistent with
the hypothesis that Sharpin participates to LFA-1 deactivation
in cell rear (Pouwels et al., 2013) and further suggest that
this function also operates in cell front (Figure 5C). However,
Sharpin deficiency seems to hardly hamper deadhesion. From a
methodological point of view, it is interesting to note that slight
perturbations of adhesiveness could be detected by local but not
by global adhesion assays.

Inhibiting Crosstalk of LFA-1 Toward
VLA-4 and Activating Crosstalk of VLA-4
Toward LFA-1 Modulate Adhesion at
Long Distances Across the Cell
To test the functional efficiency of integrins crosstalk on cell
adhesion, we then performed local adhesiveness tests with beads
coated with VCAM-1 and cells crawling on substrates coated
either with VCAM-1 or with ICAM-1. Attachment (Figure 6A)
and detachment (Figure 6B) experiments showed a higher
adhesion on cell rear when cell basal side was engaged on VCAM-
1 than on ICAM-1. These results support directly the existence
of an inhibiting crosstalk of LFA-1 toward VLA-4 (Porter and
Hogg, 1997; Grönholm et al., 2016) that is strong enough
to induce a macroscopic change of adhesiveness phenotype
(Figure 6C). We then performed equivalent local adhesiveness
tests with ICAM-1-coated beads. Attachments (Figure 7A) and
detachments (Figure 7B) showed higher adhesion in cell front for
cell crawling on VCAM-1 than on ICAM-1. The same tendency
is at the limit of significance on detachment experiments for cell
rear. These results comfort the existence of an activating crosstalk
of VLA-4 toward LFA-1 (Chan et al., 2000; May et al., 2000)
(Figure 7C). In both cases, crosstalk signaling was active at long
distances because the source, located at the adhesion zone of the
cell on the substrate, and the target, located at the adhesion zones
between beads and cells, are not co-localized at the molecular
scale (Figures 6C, 7C).

Crosstalks Require Engagement of
Integrins With Ligands Anchored to a
Solid Substrate
The strength of integrin crosstalk on cell surface adhesion
suggests that the engagement of one integrin type to its ligand
triggers strong inhibition or activation of the other integrin
type. We then attempted to measure by cytometry the relative
number of integrins in high affinity. However, we found no
detectable change when ligands of the other integrin were added
in solution, whereas a control with Mn2+ stimulated high affinity
of LFA-1 and VLA-4, though to a lesser extent in the latter case
(Supplementary Figure 2). These results with soluble ligands
suggest that the anchoring of ligands to a solid substrate is
necessary for the emitter integrins to send a crosstalk signal,
and/or for the effector integrins to change their conformation.
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FIGURE 4 | Polarization signals controlling integrin affinity are active independently of cell adhesion to a solid substrate. (A) Image sequence showing beads coated
with ICAM-1 (top) or VCAM-1 (bottom) that attached to a cell front, treadmilled backward on cell body, and either detached spontaneously on cell rear for ICAM-1
beads or remained attached for VCAM-1 beads. From left to right, time is 15, 66, 78, 114, and 222 s for ICAM-1 and 300 s, and 0, 105, 135, 153, 177, and 333 s
for VCAM-1. Scale bar is 5 µm (see also Supplementary Movie 2). (B) Bead/cell survival bonds for cells swimming without adhesion over a substrate passivated
by Pluronics F127 and beads coated with either ICAM-1 (blue line) or VCAM-1 (orange line), with CAM densities of 2400 molecules/µm−2 for CTRL, 800
molecules/µm−2 for ICAM-1 and VCAM-1 1/3, and with or without Mn2+ at 3 mM (black contour dots). Number of independent experiment Ne = 3. Number of
events per experiment > 50. (C) Bead/cell detachment times for wild cell beads coated with ICAM-1 at 2400 molecules/µm−2 in normal medium (CTRL) and with
Mn2+ at 3 mM, blebbistatin at 50 mM, and Y27632 40 µM, and for Sharpin-deficient cells in normal medium. Independent experiment Nexp = 2. Events per
experiment Ne > 50. (D) Cartoon of a swimming cell and beads coated with ICAM-1 (blue) or VCAM-1 (orange). Arrows outside cell indicate cell displacement.
Arrows and T bars inside cell indicate, respectively, activating and inhibiting effects on LFA-1 (blue) and VLA-4 (orange). (P) indicates that signal comes from
polarization processes.

A similar requirement of ligand anchoring to a substrate was
observed for the final activation of integrins stimulated by
inside-out signals (Stewart et al., 1996; Constantin et al., 2000;
Schürpf and Springer, 2011) and confirmed by our data in
Supplementary Figure 2. Altogether, functional measurements
of local adhesion reveal strong and long-range crosstalks between
integrins VLA-4 and LFA-1, provided that both integrins are
engaged with a solid substrate. The molecular mechanism of these
crosstalks remains, however, unknown.

Quantitative Optical Mapping of
High-Affinity LFA-1 and VLA-4 Yields an
Estimation of Bonds Number With a
Substrate and Beads
In an attempt to directly observe and quantify the distributions
of high-affinity integrins around cells and their modulation
by signals issued by polarization, ligands, and crosstalk, we
then performed quantitative confocal microscopy. To image
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FIGURE 5 | SHARPIN modulates effective adhesion in leading and trailing edges and with opposite effect on LFA-1 and VLA-4. (A) Global adhesion experiments.
Left—percentage of cells adhered after 5 min of shear stress at 4 dyn/cm2. Center—speed of crawling cells. Right—forward migration index in the direction of flow
(>0 against, >0 with) at 4 dyn/cm2. Substrates are coated with CAM-1 at 1200 molecules.µm−2. Background is blue for surface ICAM-1 and orange for VCAM-1.
Color bar is black for wild-type cells, gray for control cells transfected with unspecific RNP complexes, and pink for Sharpin-deficient cells. Nexp = 3. Ncell > 200 per
experiment. Error bars are standard deviations for independent experiments. P-values according to Student t-test. (B) Local adhesion experiments.
Left—attachment probability and right—detachment after 40 s of flow of beads with ICAM-1 at 2400 molecules.µm−2 on the rear or front of cells crawling on
substrates coated with ICAM-1 at 1200 molecules.µm−2. Gray for control cells transfected with unspecific RNP complexes and pink for Sharpin-deficient cells.
Nexp = 3. Ncells > 30. Error bars are standard deviations for independent experiments. **P < 0.01 and ***P < 0.001, with respect to unpaired Student t-test. (C)
Cartoon illustrating that perturbation in Sharpin-deficient cells. Integrins are represented in orange for VLA-4 and blue for LFA-1, in their high-affinity and extended
conformation (filled) and low-affinity bended conformation (hollow). The red cross indicates that the inhibiting signal of LFA-1 is diminished in cell rear and the red
arrow that the activating signal is enhanced in cell front. Letters in brackets indicate the origin of the signal to integrin either from internal polarization signaling (P) or
ligand presented by a substrate (L). Error bars are standard deviations for independent experiments. **P < 0.01 and ***P < 0.001, with respect to unpaired Student
t-test. Number of independent experiments Nexp = 3. Number of events per experiment Ne > 100 for attachment and > 40 for detachments.
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FIGURE 6 | Inhibiting crosstalk of LFA-1 toward VLA-4 modulates cell surface adhesiveness at supramolecular scale across the cell. (A) Attachment probability of
beads with VCAM-1 at 2400 molecules.µm−2 on the rear and front of cells crawling on substrates coated with ICAM-1 (S ICAM) or VCAM-1 (S VCAM) at 1200
molecules.µm−2. CTRL corresponds to beads coated with irrelevant IgG. Number of independent experiments Nexp = 3. Number of events_per_experiment
Ne > 40. (B) Bead/cell survival bonds for beads coated by VCAM-1 at 480 molecules.µm−2 attached on cell rear (circles) or (on cell front (triangles) with cells
crawling on substrates coated with ICAM-1 (marks circled in blue) and on VCAM-1 (marks circled in orange). Number of independent experiments Nexp = 4, number
of events_per_experiment Ne > 70. Error bars are standard deviations for independent experiments. *P < 0.05 and **P < 0.01, with respect to unpaired Student
t-test. In B, statistical tests were performed at 10, 20, 40, and 60 s (dashed lines) and results indicated above the graphs. (C) Cartoon of cell with bead and
substrates coated with ICAM-1 (top) and VCAM-1 (bottom). Orange arrows and T-lines indicate activation and inhibiting effects on VLA-4, and letters indicate their
origin, i.e., the polarization machinery (P), the presentation of ligand by a surface (L), and the crosstalk from LFA-1 (C).

the conformation of the cytoplasmic membrane, we stained
the protein MHC, which diffuses at the cell membrane and is
distributed on the whole-cell surface. Integrins LFA-1 and VLA-
4 in high-affinity state, noted henceforth LFA-1∗ and VLA-4∗,
were stained with antibodies M24 and HUTS4, respectively.
M24 on live crawling cells induced a rapid staining of the
adhesive basal cell zone (Supplementary Movie 3), followed
by a strong impairment of uropod detachment and a global
arrest of cells (Supplementary Movie 4). The known activating
effect of M24 on integrin LFA-1 was thus strong enough to
overcome the deactivation effect of polarization signaling and/or
to hamper the internalization of LFA-1 in cell rear. These results
exemplify some of the limitations of live immunostaining. They
also suggest that imaging of cells that were first stained and then
fixed necessarily corresponds to altered phenotypes. Therefore,
all imaging here was performed on cells that were first fixed
and then stained, to image cells in their normal phenotype. To
quantify the intensity of confocal images, we then measured the
voxel size by scanning 100-nm-diameter particles in the three
dimensions, and we calibrated the intensity measured per voxel
by imaging solutions of antibodies M24 and HUTS4 at known
concentrations (Supplementary Figure 3 and section “Materials
and Methods”). This method allowed us to estimate the absolute

density of integrins in 3D at the surface of crawling human
effector T lymphocytes (Figure 8).

The expected enrichment of LFA-1∗ in cell front was
detectable on some images for cells adhering on ICAM-1
(Figures 8A,B) but not significant in systematic measurements
of intensity at cell front and rear (Figure 8F). The polarization of
VLA-4∗ toward cell rear was in turn detectable on all raw images
for cells adhered on VCAM-1 (Figures 8C,D) and confirmed
by measurements in cell rear and central zones (Figure 8G).
A higher signal in the basal zone as compared to the dorsal zone,
expected as a marker of activation by integrin ligands anchored
to a solid substrate, was marked for LFA-1 (Figure 8E) but
less pronounced for VLA-4 (Figure 8G). In terms of absolute
number of integrins, the densities of 45 molecules.µm−2 found
for LFA-1∗ are consistent with the average total LFA-1 density of
120 molecules.µm−2 measured by flow cytometry and suggest
that a large fraction but not all LFA-1 molecules are activated
in the basal plane. The density of VLA-4∗ was estimated to be
90 molecules.µm−2, which is higher than the average density
of total VLA-4 measured by cytometry at 75 molecules.µm−2.
The high concentration of high-affinity VLA-4 correlates with
high concentration of MHC. Assuming that MHC is evenly
distributed, excess of VLA-4 may therefore partly be explained by
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FIGURE 7 | Activating crosstalk of VLA-4 toward LFA-1 modulates cell surface adhesiveness on long distances across the cell. (A) Attachment probability of beads
with ICAM-1 at 2400 molecules.µm−2 on the rear and front of cells crawling on substrates coated with ICAM-1 (S ICAM) or VCAM-1 (S VCAM) at 1200
molecules.µm−2. CTRL corresponds to beads coated with irrelevant IgG. Number of independent experiments Nexp = 3. Number of events_per_experiment
Ne > 40. (B) Survival versus time of bead/cell bonds formed on cell rear (circles) or on cell front (triangles) with cells crawling on substrates coated with ICAM-1
(marks circled in blue) and on VCAM-1 (marks circled in orange). Number of independent experiments Nexp = 4. Number of events_per_experiment Ne > 70.
(C) Cartoon of cell with bead and substrates coated with ICAM-1 (top) and VCAM-1 (bottom). Orange arrows and T-lines indicate activation and inhibiting effects on
VLA-4, and letters indicate their origin, i.e., the polarization machinery (P), ligand bonding (L), and crosstalk from LFA-1 (C). Error bars are standard deviations for
independent experiments. ∗P < 0.05 and ∗∗P < 0.01, with respect to unpaired Student t-test. In B, statistical tests were performed at 10, 20, 40, and 60 s (dashed
lines) and results indicated above the graphs.

excess of membrane due to microvilli in cell rear. Accumulation
of proteins in cell rear is widely observed in migrating cells and
at times attributed to a ubiquitous drag of membrane material by
the backward treadmilling of cortical actin (Rantal et al., 2011;
Pouwels et al., 2013; Maiuri et al., 2015). Accumulation of VLA-
4∗ may also result from a real excess of VLA-4 engaged with the
substrate, which is consistent with a higher local adhesiveness
mediated by VLA-4 on cell rear as compared to both LFA-1
in cell front (Figure 3) or LFA-1 associated with Mn2+ in cell
rear (Figure 4). Furthermore, the fact that high-affinity LFA-
1 imaging displayed less or no accumulation in cell rear and
was more homogeneous in the whole basal plane suggests that
recycling of integrins by endocytosis (Paul et al., 2015) in cell
rear and frontward vesicular transport is particularly efficient
for LFA-1. In the model of crawling/swimming propulsion by
treadmilling/recycling mechanism (Bretscher, 1992; Aoun et al.,
2020), a faster recycling of LFA-1 than VLA-4 is consistent with a
higher crawling speed observed on substrates coated by ICAM-
1 than by VCAM-1 (Hornung et al., 2020). Altogether, while
integrin immunostaining experiments are delicate and highly

dependent on the properties of antibodies and fixation/staining
processes, they yield information at molecular level which is
complementary to the mapping of local adhesion phenotypes at
cell level using beads and flow experiments.

DISCUSSION

A Novel Method to Map Adhesiveness on
Live Cells
While the spatiotemporal regulation of integrin affinity and the
associated local adhesiveness of the cell surface are crucial to
mediating proper migration (Semmrich et al., 2005; Smith et al.,
2005; Huttenlocher and Horwitz, 2011) and guidance (Carter,
1967; Valignat et al., 2013, 2014; Dominguez et al., 2015; King
et al., 2016; Swaminathan et al., 2016; Hornung et al., 2020;
Luo et al., 2020) functions, they remain partially unknown.
Deciphering how integrins control migration phenotypes is
difficult due to the complexity of a system that includes several
types of integrins and several signaling pathways controlling
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FIGURE 8 | Quantitative confocal microscopy reveals high-affinity integrin distribution and density at the surface of crawling lymphocytes. Confocal imaging of cells
crawling either on ICAM-1 (A,B,E,F) or VCAM-1 (C,D,G,H). Immunostaining is used to reveal MHC proteins with Ab W6/32 (A,C), integrins LFA-1 in high affinity with
Ab M24 (B), and β1 integrins (including VLA-4) in high affinity with Ab HUTS4 (D). Top x–y images correspond to the basal plane, while bottom ones correspond to a
mid-section of the cells. The heights where x–y images were taken are indicated by the yellow vertical lines in the corresponding y–z cross sections next to them.
Section positions of the x–z and y–z images are indicated by yellow horizontal and vertical lines, respectively, in the bottom x–y images. Color scale bars are
graduated for raw intensity, I (au), and surface density of high affinity integrins, σ (µm−2). White scale bar is 5 µm. Mask created from the x–z cross section of MHC
(top) and immunofluorescence intensity within the mask (bottom) for high-affinity integrins LFA-1 (E) and VLA-4 (H). Color scale bars are graduated for raw intensity,
I(au), surface density of high-affinity integrins, s (µm−2), and number of molecules per voxel, N. Average density of high-affinity integrins measured at the basal plane,
on cell front and rear for LFA-1 (F), and on cell rear and center for VLA-4 (G). Values are calculated based on the raw intensity on the basal plane minus the average
background on the substrate. Ncells > 15. *P < 0.05 (two-tailed Student’s t-test).

integrin affinity in space and time. Another difficulty is that
it is technical and consists in probing integrin affinity state or
local surface adhesiveness on live cells without perturbing the
migration/adhesion phenotype of interest. Our technique is in
this context relevant because it directly assesses the adhesiveness
of the surface on living cells with minimal perturbations. Other
techniques such as atomic force microscopy (AFM) may provide
similar information, even with higher spatial and temporal
resolution. However, AFM is an expensive and sophisticated
technique with limited throughput, whereas our method is
inexpensive and low-tech and has a higher throughput.

Functional Mapping of Local Adhesion Is
Complementary to Molecular Analysis of
Integrin State
From a fundamental point of view, method probing and
mapping cell adhesiveness properties at cell scale by functional
testing are instrumental to complementing methods examining

the regulation of CAM at molecular scale, for instance,
by immunostaining imaging, co-immunoprecipitation, specific
inhibitors, gene silencing with RNAi, or cell-type-specific
conditional knockouts. First, cell scale is directly relevant
in understanding cell phenotypes of spreading, migration,
or guidance, which are conditioned by the adhesion of cell
leading and trailing edges to the environment. Mapping of
cell surface adhesiveness gives therefore direct access to such
information without having to decipher the underlying molecular
mechanisms. Second, a molecular description of the state of
adhesion molecules at cell membrane does not give access to the
effective adhesion at cell scale. There is no comprehensive model
yet to assess the effective adhesion resulting from a complex
assembly of bonds. The finest molecular characterization of
integrin types, densities, and state is insufficient to infer cell
adhesion/migration properties. In turn, the combination of
molecular and functional information may be instrumental to
deciphering adhesion/migration properties from molecular to
cell scale. We showed here that polarization and crosstalk
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signals on integrins can induce significant changes of adhesion
at cell scale and that Sharpin affected deadhesion at cell
scale, albeit moderately. Third, it is important to consider
that integrin-mediated adhesion may require interactions with
ligands attached to a solid substrate (Stewart et al., 1996;
Constantin et al., 2000; Schürpf and Springer, 2011; Nordenfelt
et al., 2016). A latent adhesiveness of cells may not be clearly
revealed by immuno-imaging although integrins may actually
be stimulated in an intermediate-affinity state. In contrast,
our functional assay with solid beads directly assesses the
capacity of the cell to interact with a substrate. As an example,
immuno-imaging showed a lower activation of integrins at
dorsal compared to basal surface with LFA-1, which suggested a
lower adhesiveness of dorsal versus basal surface, but functional
testing of local adhesion showed that the dorsal side of crawling
cell was actually also adhesive. Fourth, molecular approaches
have specific limitations. Antibodies against activated integrins
often perturb their affinity, as exemplified here with M24,
a marker of LFA-1 in high affinity. M24 instantly blocked
the crawling of lymphocytes on substrates coated by LFA-1
ligands (Supplementary Movies 3, 4), which hampered M24
immuno-imaging of live crawling lymphocytes. In contrast,
our method allowed testing cells in live conditions without
perturbations. Fifth, molecular and functional measurements not
only are complementary to link integrin properties and cell-
scale adhesiveness but also shed light on properties that can only
appear at large scales. For instance, molecular-scale data revealed
polarization of integrin VLA-4 but not LFA-1 in the basal side,
whereas cell-scale functional data by RICM (Pouwels et al., 2013;
Valignat et al., 2014; Hornung et al., 2020) and bead experiments
on crawling and swimming cells systematically revealed a
polarization of VLA-4-mediated adhesion backward and of LFA-
1-mediated adhesion frontward. This apparent discrepancy may
be reconciled by considering different efficiencies of integrin
recycling (via endocytosis and forward intracellular vesicular
transport). A fast recycling of LFA-1 favors a homogeneous
front–rear distribution, whereas a slower recycling favors an
accumulation in cell rear. Altogether, functional mapping
of adhesion yields complementary information to molecular
studies, and the combination of these multiscale approaches
is instrumental to shedding new light on the regulation
network of integrins and on the adhesion/migration phenotype
that they sustain.

New Insight on the Global Model of the
Integrin Regulation Network
The functional testing of local adhesion allowed us to
establish how integrins LFA-1 and VLA-4 globally mediate the
adhesiveness of the surface of crawling lymphocytes (Figure 9).
Local adhesiveness varies for each integrin with the location on
the cell due to a combination of polarization signaling (P), an
apparent outside-in effect by ligands anchored to a substrate
(L), and multiple crosstalk signaling (C). The local enhancement
or decrease of adhesiveness is represented in Figure 9 by an
arrow and a T line, respectively, which is reminiscent of the
representation used in functional protein networks. However,

if a relatively higher or lower integrin-mediated adhesiveness
suggests a corresponding higher or lower integrin affinity, it does
not necessarily imply the existence of a, respectively, activating
(arrow) and inhibiting (T-line) signal on integrins. A first
scenario with a global resting state of integrins in low affinity
and a single activating signal modulated throughout the cell is,
for instance, sufficient to tune integrins into higher or lower
state according to a lower or higher intensity of the inhibiting
signal. A second opposite scenario with a high-affinity resting
state and a single activating signal can yield a similar output.
A third and more complex scenario with multiple inhibiting
and activating signals is also plausible. The canonical models
of integrin activation have long favored the first scenario of
inactive integrin conformation adopted by the receptor in the
absence of activating proteins, and inside-out activation signals
to modulate adhesion throughout the cell (Shattil et al., 2010).
Transition of integrins from the inactive state to the active
state and linkage of integrins to the cytoskeleton indeed imply
signaling by Rap1 GTPase and its effector Rap1-interacting
adaptor molecule (RIAM), which induces direct binding of
proteins such as Talin, Kindlin, and FAK to β-chain integrin
tails (Shimonaka et al., 2003; Lafuente et al., 2004; Calderwood
et al., 2013). This dogma of constitutively low-affinity resting
state for integrins was then challenged by increasing evidences
that integrin-inactivating signals were also crucial for appropriate
cell functions (Semmrich et al., 2005) in vivo and in vitro.
These signals were proposed to imply various proteins such as
Myosin, Sharpin, Icap-1, Filamin 1, and Shank (Rantal et al.,
2011; Bouvard et al., 2013; Liu et al., 2015; Lilja et al., 2017).
The idea that inactive LFA-1 was the passive default form was
then directly challenged in lymphocytes by the finding that active
interaction of endogenous Sharpin with αL-tail of LFA-1 integrins
was required to maintain a non-activated state (Rantal et al.,
2011). Our results support a role of Sharpin in deactivation;
however, deactivation of LFA-1 and uropod detachment was
still possible in human effector T lymphocytes deficient for
Sharpin. This difference may be explained by a difference
between human-effector versus mouse-naïve lymphocytes, or by
insufficient Sharpin deficiency in our experiments. Altogether,
these results support the inexistence of a resting or reference
state for integrins, and the validity of the third scenario in
which the regulation of integrin–ligand interactions results from
a finely tuned balance between activating and inhibiting signals.
Several observations are in line with these conclusions. Sharpin
was found effective throughout the cell, not just in cell rear,
so that cell front is hosting both activating and inhibiting
signaling processes. It is then tempting to hypothesize that
the whole cell is hosting the same set of signaling cascades,
each being differently modulated in space and time. This is
consistent with the observations of an increasing concentration
gradient of Sharpin toward cell rear (Pouwels et al., 2013) and
of activating Rap-1 toward cell front (Yi et al., 2012). The
resulting adhesiveness of the surface of a cell would in the end
be set by a local equilibrium between all biochemical signaling
reactions. Our data also support a “solid substrate effect” on the
activation of integrins [called (L) in this work]. This effect was
evidenced by immune-imaging showing more activated LFA-1 in
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FIGURE 9 | Schematics of the combined inside-out and outside-in signals regulating LFA-1 and VLA-4 integrin affinity at the basal and dorsal surface of a human
effector T lymphocyte crawling on ICAM-1 substrate (blue) or VCAM-1 substrate (orange). Integrins are represented in orange for VLA-4 and blue for LFA-1, in their
high- (extended, filled) and low- (bended, hollow) affinity states. Coatings on beads and substrates are colored in blue for ICAM-1 and orange for VCAM-1. Arrows
and T-lines indicate, respectively, activation and inhibiting effects, and letters indicate their origin, i.e., the polarization machinery (P), ligand bonding (L), and
crosstalk (C).

basal versus apical side. The mechanism underlying this solid-
substrate effect is unknown but seems independent of actomyosin
contractility since bead deadhesion was not affected by treatment
with blebbistatin or Y27632.

Integrin Regulation Network Can Explain
the Emergence of Sophisticated
Adhesion/Migration Phenotypes
The comprehensive description of lymphocyte local adhesiveness
summarized in Figure 9 is crucial to explaining specific
and sophisticated phenotypes of adhesion and migration of
lymphocytes previously reported in the literature. First, the
slower migration of crawling cells on VCAM-1 as compared to
ICAM-1, as well as the attachment of the uropod on VCAM-1
and its detachment on ICAM-1, is consistent with a polarization
of cell adhesiveness toward cell rear on VCAM-1 and cell front
on ICAM-1. Second, the guidance mechanism of lymphocytes
with or against a flow versus the composition of the substrates in
VCAM-1 and ICAM-1 was qualitatively explained by a bistable
mechanism relying on an exquisite regulation of LFA-1 and
VLA-4 affinity along the cell front–rear axis (Hornung et al.,
2020). In the bistable system, cells had the choice between two
states; in the first state, cells had with their front attached and
their rear detached, which yielded upstream phenotype, and
conversely in the second state, they had their front detached
and their rear attached, which yielded a downstream phenotype.

The two states can emerge from the opposite polarizations of
LFA-1 and VLA-4 affinity coupled to further modulation by
crosstalk between LFA-1 and VLA-4. Molecular findings on
integrin polarization (Laudanna et al., 1996; Semmrich et al.,
2005; Smith et al., 2005, 2007; Ghandour et al., 2007; Morin
et al., 2008; Shulman et al., 2009; Hogg et al., 2011; Rantal
et al., 2011; Pouwels et al., 2013; Valignat et al., 2013, 2014;
Grönholm et al., 2016; Hornung et al., 2020) and crosstalk
(Porter and Hogg, 1997; Chan et al., 2000; May et al., 2000;
Grönholm et al., 2016) were already consistent with the bistable
model. Our functional measurements now directly confirm that
adhesiveness is indeed modulated at cell scale in accord with
the bistable model. These data support further a controversial
proposition that guiding of lymphocytes under flow does not
require mechanotransduction by integrins and more generally
that a complex regulation network of integrins can trigger
the emergence of sophisticated guidance mechanisms without
mechanotransduction by integrins.

Toward a Quantitative Understanding of
Integrin-Mediated Adhesion and
Associated Phenotypes
Our approach can shed light on the biochemical efficiency
of the integrin regulation process at cell scale, but it is also
directly relevant to decipher the mechanical efficiency in terms
of adhesion strength of a complex assembly of multiple integrin
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bonds. 3D quantitative immunostaining gives access to the
densities of high-affinity integrins and laminar flow with beads
to local adhesion, which provides the main ingredients to test
physical models of adhesion in a multiple-bond system. In the
future, systematic variation of the density of ligands on beads and
on substrates may provide further information on the relation
between adhesion strength and bond number, as well as on the
quantitative effects of ligand activation and crosstalk. Altogether,
we envision that pursuing systematic studies combining genome
edition, quantitative immunostaining, and functional mapping of
local adhesiveness will be instrumental to further deciphering the
molecular mechanisms of integrin regulation and their output at
cell scale on adhesion, migration, and guidance phenotypes.

MATERIALS AND METHODS

Cells and Reagents
Whole blood from healthy adult donors was obtained from the
Etablissement Francais du Sang. Peripheral blood mononuclear
cells (PBMCs) were recovered from the interface of a Ficoll
gradient (Eurobio, Evry, France). T cells were isolated with
Pan T cell isolation Kit (Miltenyi Biotec, Bergisch Gladbach,
Germany) and then activated for 2 days with T Cell TransActTM

(Miltenyi Biotec, Bergisch Gladbach, Germany), a polymeric
nanomatrix conjugated to humanized CD3 and CD28 agonists.
Cells were subsequently cultivated in Roswell Park Memorial
Institute Medium (RPMI; Gibco by Thermo Fischer Scientific,
Waltham, MA, United States) 1640 supplemented with 25 mM
GlutaMax (Gibco by Thermo Fischer Scientific, Waltham, MA,
United States), 10% fetal calf serum (FCS; Gibco by Thermo
Fischer Scientific, Waltham, MA, United States) at 37◦C, and 5%
CO2 in the presence of IL-2 (50 ng/mL; Miltenyi Biotec, Bergisch
Gladbach, Germany) and used 7 days after activation. At the
time of use, the cells were >99% positive for pan-T lymphocyte
marker CD3 and assessed for activation and proliferation with
CD25, CD45RO, CD45RA, and CD69 makers as judged by
flow cytometry. ROCK inhibitor Y-27632 dihydrochloride was
obtained from Sigma–Aldrich (St. Louis, MO, United States) and
Myosin II inhibitor Blebbistatin from Fisher Bioblock Scientific
(Illkirch, France).

CRISPR-Cas9-Based Genome Editing of
Human Primary T Cells
Sharpin-deficient human primary T cells were
established using the following sgRNA-specifying
oligonucleotide sequences to delete exon 1 (transcript ID:
ENST00000398712.6): 5′-ACCGGAGATGGCGCCGCCAG-3′
and 5′-GGACCCGGCCGGACCGGAGATGG-3′. The Cas9
ribonucleoprotein (RNP) complex contains duplex of these
crRNA with a transactivating RNA (tracrRNA). This duplex is
then associated with Cas9 enzyme to form the RNP complex
(RNA and enzyme supplied by IDT). The PCR product
containing a full-length GFP sequence with homologous
sequence of the human Sharpin locus was used to be inserted
in the genome by homologous recombination. Cas9 RNPs and
GFP PCR product were co-transfected into primary T cells

using a Neon transfection kit and Device (Invitrogen). A control
was produced with RNPs lacking of crRNA (transfected cell
control). This GFP expression was used both as a control for
Sharpin knock-out expression and as a marker for sorting
Sharpin-KO cells. The average expression of cells before sorting
was downregulated to 30% (Supplementary Figure 1).

Flow Channel Preparation
Channels Ibidi µ-Slide VI0.1 (Ibidi GMBH, Martinsried,
Germany) were coated at 4◦C with 50 µL of a 10-µg/mL human
ICAM-1-Fc or VCAM-1-Fc (R&D Systems, Minneapolis, MN,
United States) in phosphate-buffered saline (PBS) (Gibco), rinsed
three times with PBS, then blocked with 75 µL of a 2% bovine
serum albumin (BSA, Sigma–Aldrich) solution in PBS (Life
Technologies) for 25 min, and rinsed again three times with PBS,
and finally filled with RPMI before injection of cells.

Fluorescent Quantification of Adhesion
Molecules on Substrates
PE-labeled Anti-Human CD54 (ICAM-1) and Anti-Human
CD106 (VCAM-1) antibodies (eBioScience by Thermo Fischer
Scientific, Waltham, MA, United States) were used for adhesion
molecule quantification. First, we set up a bulk calibration curve
by measuring the fluorescence intensity of antibody solutions
inside thin channels of 48 µm in height at concentrations of
0, 1.5, 3, 5, and 7 µg/mL. Channels were pretreated with 1%
Pluronic F127© (Sigma–Aldrich, St. Louis, MO, United States)
to limit the adsorption of antibodies on the channel surface. In
the end, channels were rinsed extensively with PBS. Residual
fluorescent intensity due to adsorbed antibodies was measured
and then subtracted from the previous measurements. A previous
study (Hornung et al., 2020) showed a linear relation between the
fluorescent intensity and the bulk concentration. We assume that
the signal is given by the total number of molecules in the thin
channel, and then the volume concentration can be converted
to a surface concentration for a channel of 48 µm in height.
Then, for each sample used for cell adhesion and migration
assay, the patterned surfaces coated with ICAM-1 or VCAM-1
were first rinsed extensively with cold PBS solution. Then, the
sample was stained with a corresponding antibody at 10 µg/mL
and incubated overnight at 4◦C. Images were taken the next day
with the Zeiss Z1 microscope setup. The fluorescent intensity
was analyzed with ImageJ software (U.S. National Institutes of
Health, Bethesda, MD, United States) at five different positions.
The average intensity was converted into surface density of the
adhesion molecules according to the calibration data.

Bead Preparation
A 1-mL Eppendorf tube was pretreated for 15 min with 500 µL of
a 4% BSA solution in PBS and then rinsed twice with 1 mL PBS to
avoid adhesion of beads on the walls. In this antifouling-treated
Eppendorf tube, a 5-µL solution of microbeads at 10 mg/mL
(DynabeadsTM M-280 Streptavidin, Invitrogen, 11205D) was
washed three times using a magnet with a 0.1% BSA solution in
PBS. Beads were then incubated in 500 µL of 0.1% BSA solution
in PBS with 2 µL of a 1-mg/mL protein A-Biotin solution in
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PBS for 1 h at room temperature, washed three times with a
0.1% BSA solution in PBS, then incubated in 500 µL of 0.1%
BSA solution in PBS with 3.8 µL of a 500-µg/mL solution of
ICAM-Fc or VCAM-Fc for 2 h with continuous steering and, at
room temperature, washed again three times, and finally stored
as a stock solution in 500 µL of a 1% BSA solution in PBS. To
modulate the density of Fc-ICAM or Fc-VCAM anchored on
beads, the step of bead coating by Fc-CAM was performed by
incubation in mixtures of Fc-CAM and human Immunoglobulins
IgG (Tegeline, LFB Biomedicaments) at volume ratio 1/5. For
flow experiment, 150 µL of the bead stock solution was mixed
with 200 µL of RPMI. Quantification of ICAM-1 and VCAM-
1 by quantitative cytometry using a secondary antibody and
calibration beads (CellQuant calibrator kit, ref 7208, Biocytex)
yielded an average number of 60,000 CAM molecules per bead.

Quantitative Immunostaining Confocal
Microscopy
Cells were incubated for at least 10 min on ICAM-1- or
VCAM-1-coated microchannels and fixed by flowing 4%
paraformaldehyde. Samples were rinsed after a 10-min
incubation and stained with 1/50 dilution of either anti-
CD11a/CD18-activated clone M24 (BioLegend) or anti-Integrin
β1-activated clone HUTS4 (Merck). A 1/50 dilution of anti-
human HLA-A,B,C clone W6/32 (BioLegend) was used in
both cases as a counter-stain. After 30 min staining at room
temperature, VCAM-1 samples were rinsed and mounted with
Mowiol; ICAM-1 samples underwent a second fixation for
10 min with 1% PFA, to avoid antibody detachment, prior to
mounting. For antibody calibration, a series of microchannels
were prepared by blocking the surface with Pluronics F-127, to
avoid surface adsorption, and a serial dilution of each antibody
was imaged with the same settings as for the cells. Imaging was
performed on a Zeiss LSM 880 Fast AiryScan microscope. The
size of the voxel in our imaging conditions was determined
by imaging fluorescent submicrometric beads (Molecular
ProbesTM TetraSpeckTM, 0.1 µm) in the three directions of
space (Supplementary Figure 3A). The voxel had an ellipsoid
shape with main axis a = 589 nm and b = 539 nm in the plane
perpendicular to the optical axis and c = 1519 nm along the
optical axis. The intensity in a voxel was then calibrated by
imaging solutions of the antibody of interest at different known
concentrations (Supplementary Figure 3B). The absolute
number of molecules in a voxel N of intensity I was then
determined according to the equation:

N =
4
3
πabc

NaI
αM

10−18 (1)

where Na is the Avogadro number, M is the molar mass of the
antibody with unit g/Mol, and α is the slope of the calibration
curve I versus the concentration antibody of interest with
unit mL/µg. The density of molecules per µm2 in the plane
perpendicular to the optical axis, σ, is determined as:

σ =
4
3
πc

NaI
αM

10−18 (2)

The density of molecules σ was calculated here in the
basal side of cells.

Local Adhesiveness Measurement by
Flow Experiments
Flow chambers (IBIDI, VI 0.1) coated with CAM molecules
were filled with 50 µL of 7 × 106 cells/mL suspension and
connected to a 5-mL glass air-tight syringe actuated by a
homemade system made of a syringe pump and a camera piloted
by an Arduino Uno Rev3 (Arduino, Italy)-based controller
allowing acquisition sequences at different shear rates. The
temperature of the whole setup, including chambers, tubing,
syringes, and microscope, was regulated at 37◦C. Cells were
settling in the chambers without flow for 15 min, then beads were
injected, and flow sequences were started either for detachment
experiments (shear stress sequences of 0.02 dyn/cm2 for 3 min
and 4 dyn/cm2 for 1 min) or for attachment experiments
(continuous shear stress of 0.04 dyn/cm2). Video acquisition was
made at 25 frames/s on a Zeiss inverted microscope (Observer
Z1, Zeiss) in bright-field mode with a ×10 magnification
objective (UPlanApo 10×/0.40, Olympus) and a UI3360-M-GL
camera (IDS, Germany).

Data Analysis of Local Adhesiveness
Data by Flow Experiments
Microsphere attachment and detachment data were gathered
in a semi-automated way. First, microsphere trajectories
were retrieved using a program written in Java (Oracle,
United States) for ImageJ (National Institutes for Health,
United States) that formed trajectories from microsphere
positions using a proximity criterion from one movie
frame to the next one. A second program written in Java
for ImageJ detected microsphere arrests (using a velocity
threshold criterion) and microsphere lateral deviation from
shear flow-induced straight paths (using a Y-axis motion
threshold criterion).

For attachment detection, experiments were done at a
constant shear stress of 0.04 dyn/cm2. Two kinds of events were
collected from microsphere trajectories: either arrests (that may
have been triggered by interaction of microspheres with cells)
or lateral motions usually induced by microsphere encounter
with a cell. A third program written in Java for ImageJ used
these data and the experimental movie to present a graphic
user interface that showed for each of those events a close-
up of the microsphere from the experimental movie, with also
a view of the whole movie set at the frame when the event
occurred, with the area surrounding the microsphere highlighted.
The operator then immediately chose whether the event was
a false positive (caused by non-specific adhesion events of
microsphere to the chamber surface) and discarded it, or a
relevant microsphere–cell interaction. The operator could then
replay the movie around the frame of the relevant event, to assess
the position of microsphere–cell contact relatively to the cell.
Contact could be on the lamellipod, or on the uropod, or on
the central cellular body. Location of cell contact was decided
by the operator based on the cell morphology and, mostly, on
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the direction of cell migration, observed by replaying the movie.
Dubious cases (usually non-motile cells and round cells) were
discarded. Finally, the operator controlled whether the contact
was followed by microsphere–cell adhesion or not. Data were
collected as a table showing identity of the trajectory, position
of the contact relatively to the cell, and a Boolean indicating
adhesion or non-adhesion. Adhesion frequency was defined as
the ratio, on a given cell location (lamellipod, central cellular
body, and uropod), of contacts followed by adhesion over total
number of contacts.

For detachment measurement, experiments were performed
using a low shear stress period of 0.02 dyn/cm2 allowing
microsphere–cell contact (and eventually adhesion), followed by
a high shear stress period of 4 dyn/cm2. Microsphere trajectories
were retrieved during the high shear stress period only. Relevant
events were microsphere–cell adhesion events already set when
the high shear stress started; lateral motion and later arrests
were not considered. A second mode of the same third program
presented the same graphic user interface that allowed the
operator to, first, decide whether the event was a false positive
and discard it, and to assess the position of microsphere–
cell contact relatively to the cell, with criterions identical to
attachment experiments. Finally, the operator then controlled
whether the microsphere–cell adhesion broke during the high
shear stress period or survived it, and checked and eventually
corrected automated measurement of the dates of beginning
and end of microsphere–cell adhesion. Data were collected as
a table showing the identity of the trajectory, position of the
contact relatively to the cell, and dates of beginning and end of
microsphere–cell adhesion giving duration of each microsphere–
cell adhesion event. Detachment for a given condition was
quantified by building microsphere–cell adhesion event survival
curves that displayed the proportion of surviving adhesion events
versus their duration.
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Supplementary Movie 1 | Attachment and detachment of beads on a cell
crawling on ICMA-1-coated substrate. ICAM-1-coated beads attach on cell during
the low flow sequence, are advected backward by treadmilling, and eventually
detach during high flow sequence.

Supplementary Movie 2 | Attachment and detachment of beads on a
non-adherent swimming cells in the absence of flow; first with ICAM-1-coated
beads and then with VCAM-1-coated beads. Beads are advected to cells trailing
edge, where they eventually detach spontaneously for ICAM-1-coated beads and
conversely accumulate with VCAM-1-coated bead.

Supplementary Movie 3 | Lymphocytes crawling on ICAM-1-coated substrates
with antibody M24 at 10 µg/mL before time 8 min and without M24 after 8 min
image in Bright field (left) and fluorescence mode (Right). Cells are motile and have
a detached uropod after rinsing, whereas cells with M24 are arrested with an
adherent uropod enriched in high affinity LFA-1 integrins.

Supplementary Movie 4 | Lymphocytes crawling on ICAM-1-coated substrates
without (top) and with (bottom) antibody M24 at 10 µg/mL, and observed in Bright
field (left) and reflection interference contrast microscopy (RICM) mode (right).
Control cells are motile and have a detached uropod, whereas cells with M24 are
arrested with an adherent uropod.
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