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Microbial biomass is a promising supply of essential fatty acids (EFAs) for utilization in
human and animal nutrition such as fish. EFAs, including polyunsaturated fatty acids
(PUFAs), are needed for cell regulation and disease prevention. Oleaginous
microorganisms from species like fungi (Cryptococcus, Cunninghamella, and
Mortierella), microalgae (Chlorella zofingiensis and Crypthecodinium cohnii), and
bacteria (Moritella sp. and Vibrio sp.) can accumulate lipids exceeding 20% of their
biomass. Optimizing factors such as nitrogen and carbon sources, cultivationmethods,
and environmental conditions may improve their lipid production. Efficient lipid
extraction methods through mechanical, non-mechanical or chemical methods are
essential to obtain EFAs frommicrobial biomass. Challenges include substrates (carbon
and nitrogen sources) cost and downstream processing and overcoming these
challenges can provide a sustainable source of EFAs for human and animal
nutrition. By advancing metabolic engineering, cultivation techniques, and
extraction methods, microbial lipid production holds the potential to offer cost-
effective and environmentally friendly EFAs. The utilization of microbial biomass as
a source of EFAs can contribute to a healthier future by addressing the limitations of
traditional sources and providing a sustainable solution for meeting the increasing
demand for EFAs in human and animal diets.
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1 Introduction

Essential fatty acids (EFAs) are necessary for human metabolism but cannot be synthesized
naturally by the body. Their consumption, especially long-chain polyunsaturated fatty acids
(PUFAs), plays a vital role in regulating cell physiology and reducing the risk of various diseases
(Connor, 2000).While EFAs can be obtained from sources like green leafy vegetables and vegetable
oils, limitations such as caloric values, allergies, and cholesterol content restrict their consumption
(Simopoulos, 1999). In the aquaculture industry, EFAs are crucial for the growth and health of fish
but their availability is limited.

Microbial biomass has emerged as a promising alternative for the production of EFAs.
Oleaginous microorganisms, such as fungi, yeasts, microalgae, and certain bacteria, are
capable of accumulating lipids at levels exceeding 20% of their cell mass (Patel et al., 2020).

Several factors influence the lipid content and composition of microbial biomass such as
the choice of carbon and nitrogen sources, the carbon-to-nitrogen ratio, and cultivation
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methods. Optimal growth conditions like temperature, aeration, and
pH also need to be carefully controlled to enhance lipid
accumulation. By optimizing these factors, microbial lipid
accumulation can be enhanced, and lipids with desired
characteristics can be produced for various applications.

This review aims to provide concise information about the
upstream processing of EFAs production from microorganisms
such as fungi, microalgae and bacteria, and the factors
influencing their lipid content and composition (Figure 1). The
downstream processing to extract and purify the microbial lipid will
also be examined. Besides, the challenges and limitations that exist in
the production of EFAs from microbial biomass will also be
discussed, to aid future production of EFAs from other
feedstocks using bioreactor such as fungal species of Lignosus
rhinocerus and Ganoderma lucidum.

2 Essential fatty acids utilization in
human and animal nutrition

EFAs are unsaturated fatty acids which the human body cannot
synthesized naturally but are essential for human metabolism
(Mokochinski et al., 2015). The consumption of EFAs, especially

long-chain PUFA may aid in the regulation of cell physiology and
reduction of blood cholesterol (Parikh et al., 2005). EFAs such as n-3
fatty acids also could prevent diseases such as coronary heart disease,
Crohn disease, rheumatoid arthritis, autoimmune disorders, and
certain type of cancers such as breast, colon, and prostate cancers
(Connor, 2000). The importance of EFAs but inability to produce
them naturally resulted in the addition of EFAs into food as daily
human diet. Common sources of EFAs include leafy vegetables and
oils derived from sunflower seeds, safflower seeds, corn, and
soybeans (Simopoulos, 1999). EFAs can also be consumed by
eating fishes and meats from animals fed with grains rich in
omega-6 fatty acids (Simopoulos, 1999). High consumption of
these foods rich in EFAs may be restricted due to high caloric
values, allergies, and high cholesterol contents. In addition, people
who are vegetarian or vegan will avoid eating animal-based food.

Lipids like EFAs are not only required by human in their diet but
also vital for animal growth such as fish in the aquaculture industry.
EFAs are necessary in fish diets because they are an essential
component of cellular membranes, hormone precursors, and
lipid-soluble vitamin absorption (Ng and Romano, 2013).
Traditionally, marine fish oil has been used as the only dietary
lipid source in fish feed. However, the increase in price and demand
of the fish oil coupled with less availability due to climate changes

FIGURE 1
Upstream and downstream processing of essential fatty acids production from microorganisms.
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requires alternative source of EFAs for fish feed (Turchini et al.,
2009). Fish feed formulation with microbial biomass high in EFAs
could become a solution for these concerns.

3 Microbial biomass as a source of
essential lipids

Microorganisms play a crucial role in lipid production, with
certain species capable of accumulating high amounts of lipids
as reserve storage materials. These oleaginous microorganisms
have become the focus of lipid production research due to their
ability to store lipids at levels exceeding 20% of their biomass
(Patel et al., 2020). Lipid-producing microorganisms consist of
fungi, microalgae, bacteria, and heterotrophic protist like
thraustochytrid. Table 1 shows the oleaginous
microorganisms from previous literature and their EFAs
composition.

Fungi, such as Cryptococcus, Cunninghamella, and Mortierella,
are known for their high lipid accumulation capabilities (Castanha
et al., 2014; Mirbagheri et al., 2015; Kikukawa et al., 2018). For

example, Mortierella alpina is used in industrial processes to
produce up to 70% total fatty acid (TFA) of arachidonic acid
(ARA), an important fatty acid for dietary supplements
(Kikukawa et al., 2018). Other fungal species, including
Rhodotorula and Lipomyces, also show potential for industrial
applications due to their ability to produce 29.58% TFA linoleic
acid and 17.4% TFADHA, respectively (da Silva et al., 2020; Salunke
et al., 2015).

Microalgae are another important group of microorganisms
used for lipid production. They have a higher growth rate
compared to plants and can accumulate lipids at levels varying
from 5% to 70% of their biomass, depending on the species and
growth conditions (Jones et al., 2019). Notably, microalgae are
capable of utilizing sunlight and carbon dioxide as their energy
and carbon sources, respectively. This photoautotrophic system
enables year-round production, despite being impacted by
parameters such as sunshine intensity, dissolved oxygen content,
pH, and nutrient availability (Jones et al., 2019). Species like
Chlorella zofingiensis and Crypthecodinium cohnii are commonly
employed for their lipid production capabilities, especially for the
production of essential PUFAs such as docosahexaenoic acid

TABLE 1 Oleaginous microorganisms and their essential fatty acids composition.

Species Microorganism
type

Essential fatty acids composition (% total
fatty acid (TFA))

Fermentation
method

References

Cryptococcus laurentii Fungi PUFA (6.1%), omega-3 (0.19%), omega-6 (5.9%), linoleic
acid (6.3%)

Shake flasks Castanha et al.
(2014)

Mortierella alpina 1S-4 Fungi ARA (30%–70%), EPA (10%) Shake flasks and
bioreactor

Kikukawa et al.
(2018)

Cunninghamella echinulata
DSM1905

Fungi γ-linolenic acid (GLA) (18.4%–20.1%) NA Mirbagheri et al.
(2015)

Rhizopus stolonifer DSM2194 Fungi γ-linolenic acid (GLA) (9.3%–21%) NA Mirbagheri et al.
(2015)

Rhodotorula mucilaginosa Fungi Linoleic acid (29.58%), α-linolenic acid (3.89%) Shake flasks da Silva et al. (2020)

Lipomyces starkeyi Fungi DHA (17.4%) Shake flasks and
bioreactor

Salunke et al. (2015)

Rhizomucor pusillus AUMC
11616.A

Fungi γ-linolenic acid (GLA) (0.42 g/L of 51.74% lipid content) Shake flasks Mohamed et al.
(2020)

Syncephalastrum racemosum Fungi Linoleic acid (2.35%) and γ-linolenic acid (GLA) (1.75%) Shake flasks Hashem et al. (2020)

Crypthecodinium cohnii Microalgae DHA (32.65%–38.35%) Shake flasks and
bioreactor

Moniz et al. (2021)

Crypthecodinium cohnii Microalgae DHA (43.5%) Shake flasks Karnaouri et al.
(2020)

Chlorella zofingiensis Microalgae PUFA (36.89%–49.16%) Shake flasks and
bioreactor

Liu et al. (2012)

Moritella marina MP-1 Bacteria DHA (11.1%) NA Kautharapu et al.
(2013)

Vibrio cyclitrophicus Bacteria EPA (10%) Shake flasks and
bioreactor

Abd Elrazak et al.
(2013)

Schizochytrium sp. HX- 308 Thraustochytrid DHA (55%) Bioreactor Guo et al. (2020)

Schizochytrium sp. Thraustochytrid DHA (29.33%) Bioreactor Guo et al. (2017)

Aurantiochytrium
sp. UMACC-T004

Thraustochytrid DHA (38.4%) Shake flask Ou et al. (2016)

aNA: not available.
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(DHA), ARA, and eicosapentaenoic acid (EPA) (Karnaouri et al.,
2020; Pratiwy and Pratiwi, 2020; Moniz et al., 2021).

Bacteria, although generally not efficient lipid producers, have
certain species from the generaMoritella sp. and Vibrio sp. That are
known for their ability to accumulate DHA (11.1% TFA) and EPA
(10% TFA) (Abd Elrazak et al., 2013; Kautharapu et al., 2013; Moi
et al., 2018). Thraustochyrid, an oleaginous heterotrophic marine
protist also capable of producing high amount of DHA. For
example, Thraustochytrium, Schizochytrium sp., and
Aurantiochytrium sp. UMACC-T004 were demonstrated to
contain around 29%–55% TFA of DHA (Ou et al., 2016; Guo
et al., 2017; Guo et al., 2020; Du et al., 2021; Chi et al., 2022).

The advantages of microbial lipid synthesis include the high
growth rates of microorganisms, consistent composition and quality
of the produced lipids, and the capacity to utilise a diverse array of
substrates, including industrial waste streams (Ochsenreither et al.,
2016). Microbial oils do not contain pollutants found in plant and
marine oils, which make them a cleaner source of lipids (Béligon
et al., 2016).

4 Factors influencing the lipid content
and lipid profile of microbial biomass

The lipid content and lipid profile of microbial biomass are
influenced by various factors that need to be carefully controlled in
order to achieve optimal results. One key factor is the choice of carbon
source. The most prevalent carbon source for lipid synthesis is
glucose. However, other mono- or disaccharides have also been
tested, with xylose, glucose, and fructose showing high cellular
lipid contents in studies on Mortierella isabellina (Zeng et al.,
2013; Demir and Gündes, 2020). In addition, low-cost carbon
sources such as glycerol, commercial sugars, plant materials, and
lignocellulosic materials demonstrated satisfactory lipid accumulation
in various microorganisms (Fakas et al., 2009; Chatzifragkou et al.,
2010; Gupta et al., 2013; Zeng et al., 2013).

Nitrogen source and the carbon-to-nitrogen (C/N) ratio also play
important roles in lipid accumulation. Different organic and inorganic
nitrogen sources have been employed individually or in combination.
Yeast extract, peptone, urea, and various nitrogen compounds have
been analysed for their influence on lipid accumulation in different
microorganisms (Gao et al., 2013). The supply of nitrogen and its ratio
to carbon sources in the growth media is critical for lipid
accumulation. Limiting nitrogen while maintaining excess carbon
leads to lipid accumulation as the cells continue to assimilate carbon
and convert it into lipids (Calvey et al., 2016; Kolouchová et al., 2016).
The capacity of oleaginous microorganisms to accumulate lipids is
dependent on the constant supply of acetyl-CoA and NADPH for
fatty acid synthesis when nutrients are scarce but carbon is abundant
(Ochsenreither et al., 2016). The regulation of enzyme reactions
initiated by nutrient limitation leads to the accumulation of citrate
in the mitochondria, which is then converted to acetyl-CoA and
oxaloacetate, supplying acetyl-CoA for fatty acid production
(Ratledge, 2004; Tang et al., 2013).

Other environmental growth conditions, such as aeration, pH,
and temperature, also influence lipid accumulation. Aeration, or
oxygen concentration, can enhance or inhibit lipid accumulation
depending on the microorganism species (Calvey et al., 2016;

Magdouli et al., 2018). For example, a study by Calvey et al.
(2016) demonstrated 50% lower lipid production when high
aeration rates was used during the cultivation of Lipomyces
starkeyi. On the other hand, increased in aeration rate for
Schizochytrium sp. Resulted in increased lipid and DHA content
(Ren et al., 2010; Yen et al., 2013). Optimal growth temperature varies
among oleaginous yeasts, with higher temperatures favoring saturated
fatty acid production and lower temperatures favoring unsaturated
fatty acid accumulation (Amaretti et al., 2010). pH tolerance is
another important factor, as strains with tolerance to a wide range
of pH values can utilize agro-industrial waste materials at acidic pH to
synthesize lipids (Miller and Webb, 1954; Gao et al., 2020).

The cultivation method employed, such as batch, fed-batch, or
continuous culture, impacts lipid accumulation. Batch shaking flask
cultivations are commonly used in studies, but the use of baffled
flasks has been shown to enhance lipid accumulation, biomass
production, and the synthesis of specific fatty acids (Ling et al.,
2015). Stirred tank bioreactors have also demonstrated increased
lipid accumulation in certain microorganisms, such as
Schizochytrium spp. and Thraustochytrium sp. BM2 strain (Chen
and Yang, 2018; Chi et al., 2022).

Studies have shown that optimizing fermentation conditions can
significantly increase lipid yields. Wang et al. (2018) performed
fermentation experiments with Schizochytrium sp. PKU#Mn4 and
Thraustochytrid sp. PKU#Mn16 and obtained the highest DHA
yields of 21% and 18.9%, respectively, in 5L bioreactors employing
optimal conditions and a dual oxygen control technique. The
production of DHA and EPA increased by 3.4 and 2.8 times (g/
L) relative to non-optimized settings (Wang et al., 2018).

Several factors influence the lipid content and composition of
microbial biomass, including the choice of carbon and nitrogen sources,
the carbon to nitrogen ratio, cultivation method, and environmental
growth conditions. Optimizing these factors can enhance lipid
accumulation in microorganisms and facilitate the production of
lipids with desired characteristics for various applications.

5 Cell disruption and lipid extraction
from microbial biomass

Lipid can be extracted from microbial biomass through
mechanical, non-mechanical, chemical and enzymatic methods.
Mechanical methods require no chemicals during the process so
the issue of chemical contamination with the lipid product will not
arise. However, heat generation during the mechanical process may
require additional cooling system to prevent lipid damage
(Ochsenreither et al., 2016). On the other hand, non-mechanical
methods do not require much energy, but the techniques are difficult
to scale up for industrial application. Besides, methods that used
chemicals require higher cost and may also lead to chemical
contamination in the lipid product.

5.1 Mechanical and non-mechanical
methods

Mechanical methods involve high stress on cells through shear,
cavitation, and impingement using abrasion, high pressure, or
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ultrasound. Bead milling, homogenization, and ultrasound
treatment are examples of mechanical disruption methods that
can be used on an industrial scale. Bead milling is a simple and
effective method that uses grinding beads to impact, compact, shear,
and disrupt cells (Middelberg, 1995). Homogenization involves
forcing biomass through an orifice under high pressure, leading
to cell disruption (Middelberg, 1995; Clarke et al., 2010). Ultrasound
treatment utilizes cavitation, generated by oscillating sound waves
around 25 kHz in order to disrupt cells (Thompson and
Doraiswamy, 1999).

Non-mechanical methods such as microwave treatment,
decompression, osmotic shock, drying, and pulsed electrical fields
offer gentler cell disruption but may have limitations in terms of
scalability and cost. Microwave treatment utilizes microwave-
induced dielectric heating to disrupt cells through localized
heating and increased intracellular pressure (Orsat and Routray,
2017). Cell disruption through decompression is conducted by
mixing cell with pressurized supercritical gas. The pressure is
then released causing the gas which already enters the cells to
expand and result in cell disruption. Osmotic shock on the other
hand is conducted by exposing the cells to a high-concentration
solute medium then suddenly dilute it (Middelberg, 1995;
Ochsenreither et al., 2016). This action will cause an increase in
intracellular pressure and disrupt the cells. Drying biomass prior to
extraction is often performed, and methods such as oven and freeze
drying can also contribute to cell disruption (Guldhe et al., 2014).
Pulsed electrical fields create pores in the cell membrane, enabling
cell disruption and increased lipid extraction (Ho and Mittal, 1996).

5.2 Chemical and enzymatic methods

The extraction of lipid from microbial biomass can also be
achieved through various chemical and enzymatic methods.
Chemical methods involve cell disruption or permeabilization
using different chemicals such as detergents, antibiotics, alkalis,
acids, chelating agents, and solvents (Ochsenreither et al., 2016).
However, numerous chemical treatments are not suitable for food
uses due to contamination and non-food grade nature (Geciova
et al., 2002; Ochsenreither et al., 2016). Solvent extraction methods,
such as the Bligh and Dyer method, allow for the combination of cell
disruption and extraction of lipid without additional pretreatment
(Bligh and Dyer, 1959). However, the impermeability of cell walls to
solvents often requires a cell conditioning or pretreatment step to
enhance extraction efficiency (Ochsenreither et al., 2016).

Enzymatic methods involve the use of lytic enzymes to
specifically attack cell wall components and release intracellular
products. Enzymatic lysis is advantageous due to its mild reaction
conditions, substrate specificity, and safety for food applications
(Ochsenreither et al., 2016). Different microorganisms require
different enzymatic cocktails, and the efficiency of cell disruption
is dependent on the enzyme type (Zheng et al., 2011).

5.3 Classical extraction methods

Various extraction methods can be employed to separate and
extract the targeted class of lipids from microbial biomass. The

selection of solvents is determined by the polarity of the lipids.
Classical extraction methods such as Soxhlet extraction and Folch
extraction are commonly used for lipid extraction (Soxhlet, 1879;
Folch et al., 1957). Soxhlet extraction is a semi-continuous method
that uses organic solvents under reflux, while the Folch method uses
a chloroform:methanol solvent system and involves the formation of
a biphasic system to separate lipids from non-lipid components
(Soxhlet, 1879; Folch et al., 1957). Pressurized liquid extraction
(PLE) is comparable to Soxhlet extraction but employs liquid
solvents at increased temperatures and pressures, resulting in
shorter extraction times and less solvent usage (Richter et al.,
1996). Another method called supercritical fluid extraction (SFE)
uses supercritical fluids such as supercritical CO2 to extract lipids
(Fattori et al., 1988). SFE is particularly effective for extracting non-
polar lipids, but the addition of co-solvents may be required for
extracting polar lipids.

6 Essential fatty acids concentration
and purification

Lipid extracted from microorganism is attached to glycerol so it
must be converted to fatty acid ethyl esters (FAEEs) form first
through transesterification. However, esterified oil contains other
impurities as well as target EFAs. To increase the purity of specific
EFAs and remove impurities, various concentration and purification
methods have been proposed. The first method is urea adduction,
where the hydrolyzed free fatty acids are mixed with an ethanolic
solution of urea, forming solid-phase complexes that can be filtered
out (Yves et al., 2016). This method allows for the enrichment of
omega-3 fatty acids in the liquid fraction and is considered eco-
friendly due to the mild operating conditions and safe chemicals
used (Yves et al., 2016).

Various chromatographic methods are also employed for the
concentration and purification of EFAs such as preparative high-
performance liquid chromatography (HPLC), centrifugal partition
chromatography (CPC), supercritical fluid chromatography (SFC),
and gas chromatography (GC) (Yves et al., 2016). Reversed-phase
HPLC with gradient elution has been utilized for the purification of
microalgal PUFAs, including DHA and EPA (Mansour, 2005). CPC
is a liquid partition-based separation method that has been
successfully applied to isolate and purify PUFAs from various
natural sources (Murayama et al., 1988). SFC utilizing
supercritical fluids as the mobile phase, has also shown promise
for the concentration of EFAs (Montañés et al., 2013). Furthermore,
GC analysis of fatty acid methyl esters (FAMEs) is commonly
employed for identification purposes (Ou et al., 2016). These
concentration and purification techniques provide valuable tools
for obtaining highly pure EFAs from microbial lipid extracts,
enabling their utilization in various applications.

7 Challenges and limitations in essential
lipid production from microbial
biomass

The production of EFAs from microbial biomass faces several
challenges and limitations in terms of cost and efficiency. Several
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costs are associated with microbial lipid production, including
carbon and nutrient sources, fermentation operation, and post-
processing for lipid separation. The cost of carbon and nitrogen
sources directly influences the overall cost of microbial lipid
production. The replacement of glucose as the carbon source
while retaining high biomass and lipid yields should be one area
of emphasis. Using readily available feedstocks such as sugar-rich
wastewater or industrial food waste can reduce processing costs
(Angerbauer et al., 2008; Leiva-Candia et al., 2014). Other waste
materials such as starch wastewater, sweet sorghum bagasse, and
corncob hydrolysate can also serve as valuable carbon sources for
fermentations (Xue et al., 2010; Liang et al., 2012; Chang et al., 2015).
While these waste substrates offer cost advantages, they often
require pre-treatment processes that increase overall production
costs. Therefore, recent efforts have shifted towards reducing
downstream processing costs associated with cell wall disruption,
oil extraction, and refining steps.

8 Future perspectives and research
directions

Metabolic engineering plays a crucial role in maximizing fatty
acid production in microbial biomass. Metabolic engineering of
lipid-producing microorganisms can be conducted by enhancing the
fatty acids and triacylglycerol synthesis pathways. Overexpression of
key enzyme which provide cofactors can also be done to improve
production efficiency. Other strategy such as optimizing process
design through the use of multifactorial research design such as
response surface methodology (RSM) may help overcome some of
these challenges by minimizing substrate used and make microbial
lipid production more economically viable (Sohedein et al., 2020).
Additionally, exploring other valuable by-products, such as
bioactive compound, enzymes and cell wall polysaccharides like
β-glucan alongside EFAs could help reduce costs and make
production more feasible.
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Nomenclature

EFAs essential fatty acids

PUFAs polyunsaturated fatty acids

DHA docosahexaenoic acid

EPA eicosapentaenoic acid

ARA arachidonic acid

C/N carbon-to-nitrogen ratio

PLE pressurized liquid extraction

SFE supercritical fluid extraction

FAEEs fatty acid ethyl esters

HPLC high-performance liquid chromatography

CPC centrifugal partition chromatography

SFC supercritical fluid chromatography

GC gas chromatography

FAMEs fatty acid methyl esters

RSM response surface methodology
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