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Bifunctional enzymes, characterized by their dual active sites, enable efficient
chemical conversion and substrate channeling using elegant coupling
mechanisms to coordinate the two active sites. In humans, several
bifunctional enzymes synthesize de novo carbon-nitrogen bonds by
hydrolyzing glutamine and ATP in distinct active sites. Notable examples
include guanosine monophosphate synthetase, cytidine triphosphate
synthetase, phosphoribosylformyl-glycinamidine synthase, asparagine
synthetase, and nicotinamide adenine dinucleotide synthetase. A more
complex example of multifunctional glutamine-hydrolyzing synthetases in
humans is carbamoyl phosphate synthetase. These enzymes are crucial for
the biosynthesis of amino acids, nucleic acids, and co-factors, thereby playing
pivotal roles in human health. This review delineates recent progress in
understanding the structural characteristics, regulatory mechanisms, and
disease relevance of glutamine-hydrolyzing synthetases in humans. Insights
into their catalysis and activity regulation offer potential pathways for
developing novel therapeutics.
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Introduction

Bifunctional enzymes typically contain multiple domains with separate active sites,
facilitating efficient substrate conversions (Moore, 2004). Linking two domains that possess
distinct catalytic functions allows the committing steps in one biological process to produce
localized substrates to feed into the next step of the reaction, leading to tunable cooperativity
within metabolic pathways (Pareek et al., 2021). Colocalization of catalytic domains also
prevents the potential leakage of toxic intermediate metabolites, causing unwanted damage
(Knudsen et al., 2018). Free ammonia is a toxic metabolite, even though it is a useful
nitrogen donor for amination reactions (Warren, 1962). Members of the glutamine
amidotransferase (GATase) and glutamine-dependent nitrilase families can produce
ammonia via glutamine hydrolysis. When the glutaminase domain (GD) is fused with
an additional domain, the ammonia can be transported across the domain interface and
utilized to introduce new carbon-nitrogen (C-N) bonds in other substrates that are activated
in the second active site (Figure 1A). This strategy effectively overcomes the low availability
of unprotonated ammonia at physiological pH and prevents cytotoxicity arising from
ammonia leakage from the enzyme. As the substrate for one active site relies on the product
of another active site, precise coordination and regulation of catalytic activities are widely
observed in these bifunctional enzymes.
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GATases are widely distributed in all kingdoms of life and are
used to assimilate nitrogen in biological systems by participating in
the biosynthesis of amino acids, nucleic acids, and co-factors
(Massière and Badet-Denisot, 1998). GATases can be heteromeric
complexes, in which the assembly of multiple subunits containing
independent active sites relies on protein-protein interactions
(Semmelmann et al., 2019). Examples of such heteromeric
GATases include histidine amidotransferase (histidine
biosynthesis) and anthranilate synthase (tryptophan biosynthesis)
(Crawford, 1989; Alifano et al., 1996). Members of the GATase
family also include multi-domain enzymes, in which the GD and
additional domain(s) are fused into a single polypeptide chain. An
example of such an enzyme is glutamine-fructose-6-phosphate
aminotransferase. This enzyme contains a sugar isomerase
domain, allowing the transformation of D-fructose-6-phosphate
into D-glucosamine-6-phosphate (Nakaishi et al., 2009). GATases
have been generally classified by the GD architecture into two
evolutionary independent classes (Massière and Badet-Denisot,
1998). Class I (or trpG-type) GATase contains a cysteine-
histidine-glutamate catalytic triad within a three-layer αβα
architecture, in which cysteine serves as the nucleophile during
the C-N bond cleavage, and histidine and glutamate modulate the
nucleophilicity of cysteine. Class II (or purF-type) GATases, on the
other hand, have a GD that adopts a four-layer αββα fold and lacks a
catalytic triad. Instead, the active site of Class II GATase is defined
by an N-terminal cysteine, together with asparagine and glycine
residues forming an oxyanion hole to stabilize the tetrahedral
intermediate after the nucleophilic attack of the cysteine on the
substrate glutamine. Given that the catalytic cysteine is at the
N-terminus, Class II GATases are also called N-terminal
nucleophile (Ntn)-type GATases. In addition, glutaminase
activity has also been found in enzymes that belong to the
nitrilase superfamily, which is evolutionary unrelated to the
GATases. The nitrilase superfamily can be divided into thirteen
branches, and only two of them are glutamine-hydrolyzing enzymes

that share the same glutaminase activity as GATases, both of which
are NAD+ synthetases (Pace and Brenner, 2001).

A subgroup of bifunctional ammonia-assimilating enzymes
introduces de novo C-N bonds into molecules that are activated
by ATP hydrolysis in a synthetase domain (SD). Synthetases are
ligases, in which the bond formation is usually driven by ATP
hydrolysis (Frey and Hegeman, 2007). The use of ATP to activate
inert functional groups provides a significant energetic driving force
for ammonia incorporation (Figure 1B). Structurally, most SDs
share a core αβα sandwich-fold, adopting either a canonical
phosphate-binding loop (P-loop) or pyrophosphate binding loop
(PP-loop) for ATP hydrolysis (Walker et al., 1982; Bork and Koonin,
1994). They are denoted as ATP phosphatases and ATP
pyrophosphatases, respectively. To transport ammonia from the
GD active site to the SD active site, these bifunctional enzymes also
require a tunnel within the interior of the protein to avoid the
ammonia being released into the solution.

While the enzymes featuring both glutaminase and synthetase
domains are more functionally diverse in microorganisms, humans
possess only a limited selection of glutamine-hydrolyzing
synthetases. These include guanosine monophosphate (GMP)
synthetase (GMPS, EC 6.3.5.2), cytidine triphosphate (CTP)
synthetase (CTPS, EC 6.3.4.2),
phosphoribosylformylglycinamidine (PFA) synthase (PFAS, EC
6.3.5.3), asparagine synthetase (ASNS, EC 6.3.5.4), and
nicotinamide adenine dinucleotide (NAD+) synthetase
(NADSYN, EC 6.3.5.1). In addition to these five enzymes, a
multifunctional enzyme, carbamoyl phosphate synthetase (CPS,
EC 6.3.5.5), is also present in humans (Figure 1C). As their name
suggests, these bi- and multifunctional enzymes are involved in the
central biological pathways in humans. Genetic mutations and up-
or down-regulation of the expression levels can lead to pathological
outcomes, highlighting the importance of understanding the
structure-function relationship at the molecular level for a
targeted drug discovery. The mechanistic and structural

FIGURE 1
Architecture of Glutamine-hydrolyzing synthetases. (A) Cartoon illustration of the two prominent domains: the glutaminase domain (GD, light gray
sphere) and the synthetase domain (SD, dark gray sphere), connected by an ammonia tunnel (gray cylinder). This tunnel links the GD active site (green)
with the SD active site (orange). (B)General reaction catalyzed by glutamine-hydrolyzing synthetases, showcasing the substrate (orange sphere) activated
by ATP in the synthetase domain and ligated to ammonia (green sphere) produced through glutamine hydrolysis. (C) Domain organization of six
glutamine-hydrolyzing synthetases found in humans, featuring GATase (light gray spheres) or nitrilase (light purple sphere) as the glutaminase domain,
synthetase domain (dark gray spheres), and additional domains (white spheres).

Frontiers in Chemical Biology frontiersin.org02

Zhu et al. 10.3389/fchbi.2024.1410435

https://www.frontiersin.org/journals/chemical-biology
https://www.frontiersin.org
https://doi.org/10.3389/fchbi.2024.1410435


characterizations of bacterial and mammalian homologs of these
enzymes that began decades ago have uncovered the chemical
insights into their catalytic steps. Only recently has the
complexity of the activity regulation by dynamics of the human
enzymes and their involvement in numerous diseases started to be
understood. Several recent reviews have discussed each individual
enzyme from different organisms (Bearne et al., 2022; Ballut et al.,
2023). We aim to provide a comparative analysis of recent advances
in a few examples of human enzymes that couple glutamine and
ATP hydrolysis. Understanding the reaction mechanisms, structural
characteristics, and dynamical regulation of these examples, together
with the diseases associated with their dysfunction will offer insights
into novel rational ligand designs targeting the disease associated
with the malfunction of these enzymes.

GMPS: a Class I GATase linked ATP
pyrophosphatase

Human GMPS catalyzes the final step in the de novo
biosynthesis of GMP from xanthosine 5′-monophosphate (XMP)
(Figure 2A) (Ballut et al., 2023). The crystal structure of human
GMPS homodimer has been resolved in the presence of XMP to
2.5 Å resolution (Figure 2B) (Welin et al., 2013). It features an
N-terminal Class I GATase domain with a Cys104-His190-
Glu192 catalytic triad and a C-terminal ATP pyrophosphatase
domain in which amination of XMP occurs (Figures 2C, D)
(Nakamura et al., 1995; Tesmer et al., 1996). The catalytic triad
at the GD is approximately 40 Å away from the PP-loop, SGGVDS,

of the SD within the same monomer (Figure 2B). The GD active site
is widely exposed to the solvent and no ammonia tunnel is present in
the structure. At the C-terminus of the SD, GMPS also contains two
dimerization subdomains at the C-terminus of the SD, named D1
and D2, both of which contribute to dimerization and XMP binding.
In this structure, XMP is anchored by salt bridges and hydrogen
bonds with residues in D1 and D2, positioning the carbonyl at the
C2 position of purine so that it directly points towards the PP-loop
in the SD active site (Figure 2D) (Welin et al., 2013).

Steady-state kinetics have been determined by following 14C
incorporation into GMP from isotopically labeled substrates
(Nakamura and Lou, 1995). ATP and glutamine follow classical
Michaelis-Menten behavior, while the XMP-dependent kinetics is
sigmoidal, suggesting an allosterically controlled activity (Nakamura
and Lou, 1995). It has been shown that GMPS largely exists as a
monomer in solution, regardless of the substrate binding in the SD,
while the glutamine analog, 6-diazo-5-oxo-l-norleucine (DON), can
induce dimerization, which is speculated to be the source of
positivity cooperativity observed in the XMP-dependent kinetic
measurements (Welin et al., 2013). The stoichiometric
production of glutamate and GMP suggests that the activities in
the two domains are highly synchronized (Nakamura and Lou,
1995). Although mounting evidence supports the ammonia
channeling between two active sites based on enzyme kinetics
(Nakamura and Lou, 1995; Oliver et al., 2013;
Shivakumaraswamy et al., 2022), analytical gel filtration (Bhat
et al., 2008; Welin et al., 2013), and cross-link mass spectrometry
(Welin et al., 2013) using GMPS from several model organisms, no
ammonia tunnels have been observed in any crystal structures,

FIGURE 2
HumanGMPS Structure and Function. (A)Reaction catalyzed byGMPS involves converting glutamine (Gln), ATP, and XMP into glutamate (Glu), GMP,
adenosine monophosphate (AMP), and pyrophosphate (PPi). (B) Structure of the GMPS homodimer (PDB:2VXO), with the glutaminase domain (GD, light
pink) and the synthetase domain (SD, teal) in one monomer. The subdomains, D1 and D2, are shown in light green and purple, respectively. (C) Catalytic
triad in the GD, residues in 3 Å are depicted as sticks. (D) Key residues involved in the binding of XMP (white stick) and the orientation of the PP-loop
(stick) in the SD.
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FIGURE 3
Human CTPS Structure and Function. (A) Reaction catalyzed by CTPS1 involves converting glutamine (Gln), ATP and UMP into glutamate (Glu), CTP,
adenosine diphosphate (ADP) and phosphate (Pi). (B) Homotetramer structure of CTPS1 (PDB:7MGZ, gray), with the glutaminase domain (GD, light pink)
and the synthetase domain (SD, teal) highlighted in onemonomer. A 90-degree rotation illustrates the orientation from the N-terminal to the C-terminal
domain. The monomer structure on the right displays the distance (black arrow) from the catalytic triad in the GD to the active site in the SD, where
XMP (yellow sticks) and magnesium ions (green sphere) are located. The GTP binding site is shown in a dotted circle. (C) Zoomed-in glutaminase active
site and the catalytic triad (stick) models and the binding of glutamate (yellow sticks). (D) SD active site highlighting UTP (yellow sticks) binding and its
interactions with amino acids (sticks) within 3 Å (yellow dash line), alongside the ATP analog ATPPNP (yellow sticks) and a magnesium ion (green sphere).
An asterisk on Gln198 indicates this residue is located at a different monomer. (E) Aligned monomer structures of CTPS1 (PDB:7MGZ, teal and light pink)
and CTPS2 (PDB:7MH1, gray). (F) Polymerized CTPS1 (PDB:5U03, gray), with monomer highlighted in color. (G) Structural comparison of CTPS1 under
non-filament forming condition (PDB:7MH0, yellow) and the filament-forming condition (PDB:5U03, color code for teal/pink/gray is the same as panel
(G)), black arrows indicating the conformation changes seen in two different structures. UTP in the SD is shown in green sticks. (H) Chemical structure of
sulfonaminopyrimidine inhibitor of CTPS1.
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including that of the human homolog. Transient substrate-induced
conformational changes, therefore, have been proposed to explain
the formation of the ammonia tunnel (Welin et al., 2013). Molecular
dynamics (MD) simulation of Escherichia coli GMPS predicts that
rotation of the GD is necessary to allow direct contact between two
domains. A disordered region located near the PP-loop in the SD
may become organized upon nucleotide binding, thereby inducing
conformational changes that assemble the ammonia tunnel (Tesmer
et al., 1996). On the other hand, since domain rotation could
adversely perturb enzyme dimerization, it remains unclear
whether a similar domain rotation occurs in human GMPS,
given that the E. coli enzyme lacks the D1 dimerization subdomain.

GMPS bridges amino acid pool and nucleotide biosynthesis,
directly impacting the supply of building blocks for DNA. As one of
the key enzymes in the purine biosynthesis pathway, altered GMPS
expression levels have been found inmany cancer types. High GMPS
expression is linked to decreased survival rates and disease
progression in prostate cancer (Wang Q. et al., 2021) and
esophageal squamous cell carcinoma (Wang et al., 2021). Since
GMPS expression is repressed by p53, GMPS could serve as a
biomarker for p53-related cancer types (Holzer et al., 2017).
Besides its biochemical role in cellular metabolism, GMPS also
functions as a ubiquitin-specific protease activator via protein-
protein interaction (Van Der Knaap et al., 2010). The ubiquitin-
specific protease USP7 (or HAUSP) regulates pathways related to
twomajor tumor suppressors, p53/MDM2 and FOXO4/PTEN, both
of which are central to apoptosis (Wang et al., 2021). GMPS
enhances the activity of USP7 by interacting with its C-terminal
HUBL domains, promoting deubiquitinase activity towards
substrates, such as p53 (Wang et al., 2021), MDM2, histone H2B.
In Epstein-Barr virus (EBV) infected cells, the USP7-GMPS
interaction also impacts the chromatin structure at a region of
the EBV genome that controls EBV persistence (Wang et al.,
2021). It remains unclear whether the USP7-GMPS interaction
alters the dimer structure of GMPS or is associated with GMPS
enzymatic activity in vivo.

CTPS: an ATP phosphatase linked Class
I GATase

CTPS is another member of the Class I GATase family involved
in de novo nucleotide biosynthesis. It exists as a homotetramer in
solution, with each monomer containing an N-terminal SD and the
C-terminal GD, which converts uridine 5′-triphosphate (UTP) into
CTP (Figures 3A, B) (Lieberman, 1956). In the GD, glutamine is
hydrolyzed into glutamate and ammonia by the catalytic triad
Cys399-His526-Glu528 (Figure 3C). The SD utilizes ATP to
phosphorylate the C4 carbonyl of pyrimidine, generating ADP
and a 4-phospho-UTP intermediate, which then reacts with
ammonia. ATP hydrolysis is mediated by a conserved P-loop
that features a GX3GXGK motif for coordinating the
triphosphate group in ATP and magnesium (Figure 3D) (Kursula
et al., 2006). In humans, there are two CTPS isozymes, encoded by
the CTPS1 and CTPS2 genes located in Chromosome 1 and X,
respectively, which share 74% sequence identity (van Kuilenburg
et al., 2000). Structures of CTPS1 (Kursula et al., 2006; Lynch et al.,
2021) and CTPS2 (Lynch et al., 2021) have both been resolved up to

2.8 Å resolution in the presence of substrates and/or products
(Figure 3E). Both isoforms exist as a homotetramer, which stacks
into filamentous structures (Figure 3F), although the condition for
filament formation varies between the two isoforms. The
polymerization of CTPS1 is triggered only by UTP binding, while
CTPS2 can also polymerize in the presence of CTP and ADP. The
substrate-induced CTPS1 polymerization results in a domain
rotation that aligns the two active sites, creating openings at both
active sites that can potentially facilitate ammonia relocation,
although the complete tunnel architecture remains to be
identified. In CTPS2, an ammonia tunnel is only present in
UTP-bound CTPS2 filaments (Figure 3G) (Lynch et al., 2017),
but not in the ADP/CTP-bound structure, in which a “gating”
loop containing Pro52-His55-Val58 blocks the connection
between two active sites (Lynch and Kollman, 2020). In contrast,
an ammonia tunnel is readily present in the E. coli CTPS tetramer,
and a hydrophobic gating residue, Val60, near the highly conserved
PX2HX2V motif, has been proposed to regulate the tunnel access
(McCluskey and Bearne, 2018; Bearne et al., 2022).

Detailed kinetic characterizations on CTPS from several model
organisms have illustrated that CTPS activity is tightly regulated
(Kassel et al., 2010). First, CTP inhibits CTPS by competing with the
UTP binding in the SD. The physiological concentrations of UTP
and CTP are 253 μM and 91 μM, respectively, and the IC50 of CTP
for human CTPS1 is ~40 μM when UTP is held at 100 μM (Kassel
et al., 2010). This suggests that the rate of CTPS-catalyzed reaction is
sensitive to fluctuations of the substrate-product ratio in the cell.
Second, GTP acts as an allosteric activator at low concentrations,
promoting glutamine hydrolysis in the GD but inhibiting synthetase
activity when GTP exceeds the 10 mM threshold due to its
competition with substrates in the SD (Kassel et al., 2010). The
GTP binding site has been identified in a cryogenic electron
microscopy (cryo-EM) structure of Drosophila melanogaster
CTPS. This allosteric pocket is in direct contact with the
glutaminase active site via a mobile loop, which is also close to
the domain interface within the same monomer, further organizing
the ATP/UTP binding at the N-terminal active site (Zhou et al.,
2021; Bearne et al., 2022). The GTP binding site also bridges the
contact with the N-terminal SD of the adjacent monomer in the
tetrameric structure, supporting the functional importance of
ternary complex formation in activity regulation (Zhou et al.,
2021). Even though the structure of the human CTPS1 or
CTPS2 has not been resolved in its GTP-bound form, the
sequence alignments of CTPS homologs from D. melanogaster
and humans indicate that the GTP-binding pocket is highly
conserved (Bearne et al., 2022). Third, and remarkably, the CTPS
filamentous structures formed in the cell, named cytoophidia also
contribute to the activity regulation (Figure 3F). This phenomenon
has been observed in CTPS from all kingdoms of life (Ingerson-
Mahar et al., 2010; Noree et al., 2010; Chen et al., 2011), and the
impact of filament formation on enzyme activity has been
investigated for several model organisms. For example, E. coli
CTPS polymer exhibits reduced enzyme activity due to the
stabilization of an inactive conformation by the adjacent
monomers, while polymerization promotes human
CTPS1 activity and improves the cooperative regulation in
CTPS2 (Lynch et al., 2017). Studies have also shown that CTPS
cytoophidia assist in the maintenance of cell morphology and
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mediate lipid homeostasis (Liu et al., 2023). Additionally, the activity
of human CTPSs is known to be negatively regulated by
phosphorylation at serine residues located in the C-terminal tail
region (Higgins et al., 2007). Protein kinase A (Choi and Carman,
2007) and glycogen synthetase kinase 3 (Higgins et al., 2007) have
been proposed to be responsible for CTPS1 phosphorylation, while
CTPS2 being phosphorylated by casein kinase 1 (Kassel et al., 2010).
The mechanism behind the negative regulation observed in the
phosphorylated enzyme is hindered by the absence of structural
information for the C-terminal tail, likely a result of its flexibility in
the unphosphorylated state.

CTPS plays a significant role in the homeostasis of the
nucleotide pool due to its relevance to four nucleotides, including
ATP, GTP, UTP, and CTP. CTPS1 exhibits higher enzymatic
activity and is considered the major contributor to T-cell
proliferation; CTPS2, on the other hand, meets the CTP demand
for other tissues and is required for cell growth if CTPS1 function is
impaired (Minet et al., 2023). Even though the CTP salvage
pathways can generate CTP from cytidine, CTPS remains central
to the lymphocyte proliferation in the immune response because
rapidly dividing cells require nucleotides for DNA synthesis
(Chaplin, 2010; Martin et al., 2014). CTPS1 deficiency (CTPSD)
is a rare immune deficiency disorder caused by genetic mutations in
CTPS1 (Martin et al., 2014). Individuals with CTPSD experience
recurrent bacterial and viral infections but present no additional
phenotype outside of the hemopoietic system. All identified cases, to
date, carry a homozygous mutation near the acceptor splice site at
introns 17–18, leading to abnormal gene splicing and the expression
of a truncated protein missing residues at the C-terminal domain
(Martin et al., 2020). The disease-linked variants exhibit reduced
expression levels and decreased protein stability in the cell, but
enzyme activity is preserved. The highly specific link between
CTPS1 and lymphocyte proliferation also suggests that
CTPS1 could be a potential target for immunosuppressive agents
to treat autoimmune disease and inflammation. Several CTPS
inhibitors have been shown to improve disease phenotypes in
models of delayed-type hypersensitivity, collagen-induced
arthritis, and experimental autoimmune encephalomyelitis
(Nademi et al., 2019; McElwee et al., 2023).

In normal T cells, increased CTPS1 levels are only seen during
the S phase of the activated lymphocytes, but the expression of
CTPS1 is elevated in tumor cells at all stages of the cell cycle,
providing a plausible basis for CTPS1-targeted therapy in oncology
(Asnagli et al., 2023). Studies have shown that CTPS1 expression is
elevated in acute lymphocytic leukemia (ALL), acute myeloid
leukemia (AML), hepatoma, subtypes of non-Hodgkin’s
lymphoma, multiple myeloma, triple-negative breast cancer,
colon cancer, renal carcinoma (Verschuur et al., 2000; Verschuur,
A.C., 2007; Pfeiffer et al., 2024). Although CTPS2 does not show a
significant correlation with advanced disease stage and poor
prognosis in these cancer types, CTPS2 expression levels have
been linked to fluorouracil-resistant colorectal cancer (Tan et al.,
2011). The pan-CTPS inhibitors that exhibit low selectivity between
CTPS1 and CTPS2 lead to toxicity and efficacy issues in clinical trials
(Quddus, 2020). Sulfonaminopyrimidine derivatives that selectively
targets CTPS1 can induce apoptosis at nanomolar concentration in
cell based assay (Figure 3H) (Quddus, 2020). These compounds
inhibit hematological malignancies in preclinical studies and have

shown promise as ‘first-in-class’ drugs targeting CTPS1 due to their
high selectivity against two isoforms and are currently being tested
in clinical trials.

Phosphoribosylformylglycinamide synthase:
an ATP phosphatase linked Class I GATase

Human phosphoribosylformylglycinamide synthetase (PFAS),
also known as phosphoformylglycinamidine ribonucleotide
(FGAM) synthetase (FGAMS or FGAS) or PurL, is a 144 kDa
multidomain enzyme that mediates the fourth step of de novo
inosine 5′-monophosphate (IMP) biosynthesis (Zhang et al.,
2008). PFAS catalyzes the glutamine-dependent amination of
phosphoformylglycinamide ribonucleotide (FGAR) to FGAM
through activation of the amide oxygen of FGAR by the γ-
phosphate of ATP, leading to the formation of a monophosphate
intermediate, followed by nucleophilic attack of ammonia generated
from glutamine (Zhao et al., 2013). The end products of this process
are FGAM, ADP, phosphate, and glutamate (Figure 4A). Eukaryotic
PFAS, sometimes designated large-PurL, is a single peptide chain
that carries functional domains equivalent to a multienzyme cascade
consisting of small-PurL, PurQ, and PurS in Gram-positive bacteria
(Schendel et al., 1989; Patterson et al., 1999; Saxild and Nygaard,
2000; Anand et al., 2004). There is no structural information
available for human PFAS. AlphaFold structural prediction shows
that more than 90% of protein exhibits high or very high prediction
confidence (pLDDTs > 70). The remaining regions, which display
medium to low prediction confidence, are all likely to be solvent-
exposed surface areas (Varadi et al., 2022).

One of the best-characterized homologs is Salmonella
typhimurium PurL, which shares 37% sequence identity with the
human enzyme (Figures 4B, C) (Anand et al., 2004; Tanwar et al.,
2012). StPurL contains four domains: an N-terminal domain that is
similar to the PurS dimer, a linker domain made of the tri-alpha
helical bundle, an SD containing two nucleotide-binding sites in a
pseudo-two-fold axis conformation, and a Class I GATase GD at the
C-terminus. In the SD, only one nucleotide binding site that is in
direct contact with the linker domain is catalytically active (Anand
et al., 2004). This active site structurally does not share similarities
with either the Rossman-fold or P-loop types as seen in many ATP
phosphatases (Longo et al., 2020). The auxiliary nucleotide binding
site is buried deep within the SD and is inaccessible to the solvent; it
also lacks the positively charged residue, such as lysine, that could
facilitate ATP hydrolysis (Figure 4D). Either ATP or ADP has been
observed tightly bound in the auxiliary site of PurL isolated from
different organisms. The functional importance of this auxiliary site
remains to be investigated. In the C-terminal GD, the glutaminase
active site is approximately 30 Å away from the synthetase active site
(Anand et al., 2004). Although no readily formed ammonia tunnel
has been identified in any of the StPurL structures, the N-terminal
domain and a flexible loop region in the SD are thought to
participate in the transient formation of the tunnel via
conformational changes as seen in computational simulations
(Sharma et al., 2020; 2022). Thus, when glutamine is bound in
the active site, the tunnel can transiently open through altered
interactions between Arg1263, Ser1052, and Asp657, along with a
sidechain rotation to break a hydrogen bond between His296 and
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Thr310 (Figure 4E). Point mutations in residues lining the tunnel
have a drastic impact on FGAM synthesis due to the leakage of
ammonia from the StPurL variants (Sharma et al., 2022). Mutations
in the SD catalytic loop, as well as residues in the N-terminal
domain, compromise glutamine binding, suggesting an intimate
interaction between each domain in StPurL.

PFAS has been shown to cluster into a higher-order assembly
with other enzymes in purine biosynthesis, named purinosome,
under purine-depleted conditions (An et al., 2008; An et al., 2010;
Field et al., 2011; Pedley et al., 2022). The presence of purinosome
potentially improves regulation of the metabolic flux and substrate
channeling among enzymes in the pathway (An et al., 2008),
although detailed protein-protein interactions within the
purinosome remain to be explored structurally. Additionally, the
PFAS-containing purinosome has been observed moving along
microtubules in cells and eventually localizing with mitochondria

(Chan et al., 2018). This interaction between the purinosome,
mitochondria, and microtubules highlights a dynamic role in
purine biosynthesis and suggests their potential regulatory
influence on enzymatic functions.

Extensive studies have been conducted on PurL from bacterial
pathogens because it plays a vital role in supplying precursors for
GMP and adenosine monophosphate (AMP). Most viruses do not
encode enzymes necessary for completing purine biosynthesis, even
though viral replication is coupled with a high demand for nucleic
acids in the host cells. For some viruses, such as γ-herpesviruses,
which contain genes encoding putative PurL homologs, it is unclear
whether these putative enzymes are catalytically competent (Ling
et al., 2008; Tsai et al., 2015). Instead, these PurL homologs are
known to be viral factors triggering proteasomal degradation, which
is important for disarming the intrinsic antiviral machinery of the
host. Human PFAS is located at Chromosome 17p13 (Patterson

FIGURE 4
PFAS and PurL Structure and Function. (A) Amination reaction catalyzed by PFAS involves converting glutamine (Gln), ATP, and FGAR into glutamate
(Glu), ADP, FGAM, and phosphate (Pi). (B) Predicted structure of human PFAS (AlphaFold: AF-O15067-F1), containing four domains: anN-terminal domain
(orange), a linker domain (blue), a synthetase domain (SD, teal), and a glutaminase C-terminal domain (light pink). (C) Sequence alignment of StPurL and
human PFAS, displaying the conserved regions in the two species within the GD, SD, and auxiliary regions. (D) Structure of StPurL (PDB:3UMM),
highlighting the distance between the catalytic active sites (black arrow), the auxiliary site (dotted circle) and DON (yellow sticks) in GD, ATP (yellow sticks)
and sulfate (spheres) in SD active site. (E) Key amino acid residues (sticks) necessary for the ammonia tunnel (gray shaded cylinder) formation and passage
of ammonia fromDON (yellow sticks) in the GD active site to the SD active site. The resides belong to the GD (light pink) and the SD (teal), which are either
polar or charged residues.
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et al., 1999). No genetic diseases have been reported to be associated
with PFAS variants. It has been shown that PFAS activity is related
to cell proliferation of hepatomas, thymus, spleen, and testis in
mouse models (Elliott and Weber, 1984). Under an oncogenic
regime, phosphorylated ERK2 directly phosphorylates a threonine
residue (Thr619) in PFAS, which, in turn, increases de novo nucleic
acid biosynthesis. PFAS has also been found to be expressed in
neurons (Mangold et al., 2018) and colocalized withmitochondria in
the rat hippocampus (Williamson et al., 2017; Mangold et al., 2018;
Ali et al., 2020).

ASNS: a Class II GATase linked ATP
pyrophosphatase

As a part of human amino acid metabolism, ASNS converts
aspartate into asparagine coupled with hydrolysis of glutamine and
ATP (Figure 5A) (Richards and Schuster, 1998; Zhu et al., 2019).
The two half-reactions are carried out in two domains: the
N-terminal GD and the C-terminal SD. ASNS belongs to the
Class II GATase, which requires the presence of cysteine at the
N-terminus (Cys1) for glutamine hydrolysis (Zhu et al., 2019).
Therefore, ASNS, like many other Class II GATase, needs to be
post-translationally processed by methionine aminopeptidase to

become catalytically competent in the glutamine-dependent
reaction (Xiao et al., 2010). For this reason, attempts to express
human ASNS using E. coli yield little active enzyme in the absence of
ammonia (Van Heeke and Schuster, 1989). In the SD, ATP activates
the carboxylate side chain of aspartate, forming pyrophosphate and
a β-aspartyl-AMP intermediate that eventually reacts with
ammonia. The first crystal structure of human ASNS was
obtained in 1.85 Å resolution (Figure 5B) (Larsen et al., 1999;
Zhu et al., 2019). In this structure, ASNS forms a head-to-head
homodimer, in which Cys41 of two N-terminal domains are
covalently linked. Size-exclusion chromatography has shown that
ASNS exists as a stable dimer in solution (Li, 2007), although no
cooperativity has been reported for ASNS. Particularly in the
structure recently determined by cryo-EM, it was shown that
dimerized ASNS exists in the absence of a disulfide bond
(Coricello et al., 2023). It remains uncertain whether the covalent
linkage in the homodimer structure is functionally essential. In the
crystal structure, the catalytically active Cys1, which is covalently
modified by DON is located between two layers of antiparallel β-
sheets and is close to the domain interface between the GD and SD
(Figure 5C). The C-terminal SD contains a PP-loop sharing a
classical SGGLDS motif (Figure 5D). Two domains are connected
by a flexible loop that is absent in the ASNS crystal structure, and the
intramolecular tunnel connecting two active sites for ammonia

FIGURE 5
Structure and Reaction of Human ASNS. (A) Reaction catalyzed by ASNS involves converting glutamine (Gln), ATP, and aspartate (Asp) into glutamate
(Glu), asparagine (Asn), AMP, and pyrophosphate (PPi). (B) The homodimer structure of ASNS (PDB:6GQ3, gray), featuring head-to-head dimerization and
a monomer containing an N-terminal glutaminase domain (GD, light pink) and a C-terminal synthetase domain (SD, teal), with a distance of 20 Å (black
arrow) between the two catalytic active sites. A close-up of Cys17 disulfide bond between twomonomers at the N-terminal interfaces is shown. An
asterisk indicates Cys17 in the adjacent monomer. (C) Catalytic active site in the GD, showing the interaction with DON (yellow sticks) and the catalytic
residue (sticks) within 3 Å distance to DON. (D) The SD active site, featuring a stick model of the PP-loop, and the substrate binding sites for both ATP and
aspartate (gray dotted circle). (E) Location of ASNSD-causing mutants in the ASNS structure, the mutations are represented as blue spheres on the α-
carbon of the affected amino acids, with specific amino acid mutations listed in Table 1. (F) Chemical structures of two ASNS inhibitors.
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transfer is also blocked (Zhu et al., 2019). This ammonia tunnel,
however, is clearly visible in the crystal structure of E. coli homolog,
AsnB (Larsen et al., 1999). Besides the clear variation in tunnel-
lining residues between the two enzymes, one possible explanation is
that the AsnB structure is solved in the presence of AMP using an
inactive variant of the enzyme, in which the catalytic cysteine is
replaced by alanine (Larsen et al., 1999). The MD simulations on
human ASNS further suggest that the presence of β-aspartyl-AMP
intermediate in the SD active site promotes tunnel formation by
stabilizing the open conformation via residue networks between two
active sites (Coricello et al., 2023). Therefore, the tunnel opening of
the human ASNS is likely to be transient and controlled by

conformational changes at the tunnel upon substrate binding or
intermediate formation.

The kinetic characterization of human ASNS, using either
glutamine or ammonia as nitrogen sources, confirms that the
apparent KM and kcat for each substrate are comparable under
these conditions. Similar values were also obtained from the
ASNS homologs purified from rat liver, mice pancreas, and
bovine (Hongo et al., 1978; Milman et al., 1980; Markin et al.,
1981). Step-wise kinetic mechanism using bacterial homologs from
E. coli and Vibrio cholerae reveals that the glutaminase active site
exhibits high basal activity in the absence of substrate at the SD,
suggesting relatively high independence between two active sites

TABLE 1 Clinically identifiedmissensemutations in individuals diagnosedwith ASNSD. A list ofmissensemutations associatedwith ASNSD, detailing residue
variants, genotypes, nucleotide mutations, and their locations in the glutaminase domain (GD) or synthetase domain (SD). For heterozygous genotypes,
locations in both domains are specified.

Variant Genotype Domain References

A5E and R549C Compound heterozygous c.17C>A and c.1648C>T GD/SD Ruzzo et al. (2013)

S9R Homozygous c.28A>C GD Shaheen et al. (2019)

H47Q Hemizygous c.144C>A GD Faoucher et al. (2019)

R48Q Homozygous c.146G>A GD Sacharow et al. (2018)

N74S and D137A Compound heterozygous c.224A>G and c.413A>G GD Galada et al. (2018)

N74S and M537V Compound heterozygous c.224A>G and c.1612A>G GD/SD Liu et al. (2022)

N74I Homozygous c.224A>T GD Alharby et al. (2020)

F122S and R549H Compound heterozygous c.368T>C and c.1649G>A GD/SD Wang et al. (2020)

V132Q Homozygous c.397_398 GT>CA GD Abdel-Salam and Abdel-Hamid (2021)

L144S and L246W Compound heterozygous c.434T>C and c.740T>G GD/SD Yamamoto et al. (2017)

H204P Compound heterozygous c.614A>C SD Staklinski et al. (2023)

V242A and G365E Compound heterozygous c.728T>C and c.1097G>A SD Abhyankar et al. (2018)

S262F Homozygous c.788C>T SD Radha Rama Devi and Naushad (2019)

G288A and T336I Compound heterozygous c.866G>C and c.1010C>T SD Palmer et al. (2015)

Y314C Homozygous c.944A>G SD Seidahmed et al. (2016)

R339H Homozygous c.1019G>A SD Sun et al. (2016)

F361V Homozygous c.1084T>G SD Ruzzo et al. (2013)

L369F Homozygous c.1108C>T SD Sprute et al. (2019)

G372V and R518H Compound heterozygous c.1118G>T and c.1556G>A SD Staklinski et al. (2022)

Y376C Homozygous c.1160A>G SD Alfadhel et al. (2015)

A379S Homozygous c.1138G>T SD Gupta et al. (2017)

Y397C Homozygous c.1193A>C SD Ben-Salem et al. (2015)

R403H Homozygous c.1211G>A SD Galada et al. (2018)

F451I Homozygous c.1354T>A SD Shaheen et al. (2019)

T474N Homozygous c.1424C>A SD Alharby et al. (2020)

S479F and R549C Compound heterozygous c.1439C>T and c.1648C>T SD Gataullina et al. (2016)

V488D Compound heterozygous c.1466T>A SD Yamamoto et al. (2017)

R549C Homozygous c.1648C>T SD Ruzzo et al. (2013)

R549H Homozygous c.1649G>A SD Galada et al. (2018)
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(Boehlein et al., 1998; Tesson et al., 2003; Fresquet et al., 2004). In
E. coli AsnB, ATP and aspartate sequentially bind to the SD prior to
the glutamine binding, allowing the formation of a complex
containing enzyme and all three substrates (Boehlein et al.,
1998). Another common characteristic of ASNS across different
organisms is the substantial inhibition by asparagine, which is likely
due to the structural similarity among the four amino acids involved
in the reaction. Ammonia can substitute glutamine in the in vitro
assays, although the binding mode of aspartate and ATP only
becomes ordered sequential in bovine ASNS when glutamine is
used as a nitrogen source (Markin et al., 1981).

Human ASNS is encoded by the ASNS gene, located at
Chromosome 7q21.3. Several isoforms with unknown biological
functions containing a truncated N-terminal or C-terminal domain
have also been detected. In the cells, ASNS exists in both cytosol and
nucleus, and in both locations, ASNS has been shown to form
higher-order complexes associated with mitotic spindles during cell
division (Noree et al., 2018). In yeast, the high-order assembly
occurs during nutrient limitation, although the molecular basis of
this high-order assembly is unclear (Noree et al., 2010; Zhang et al.,
2018). In humans, ASNS dysfunction seems to be extremely
detrimental to brain development, leading to a severe
neurometabolic disorder named asparagine synthetase deficiency
(ASNSD). ASNSD is an autosomal recessive disease presented as
cognitive delay, axial hypotonia, and early death in children (Ruzzo
et al., 2013; Alfadhel et al., 2015; Ben-Salem et al., 2015). Diagnosis of
ASNSD mainly relies on genomic sequencing, coupled with brain
CT imaging and measurements of asparagine levels in cerebrospinal
fluid and blood. Individuals with ASNSD harbor non-silent
mutations in the ASNS gene. Even though dietary asparagine can
be transported into cells by amino acid transporters such as LAT1
(Gauthier-Coles et al., 2021), asparagine supplements do not always
lead to symptom relief in clinical settings for ASNSD, and
sometimes, seizures worsen after the asparagine treatment
(Alrifai and Alfadhel, 2016). Studies have shown that these
disease-linked mutations usually impact the protein stability in
cells or compromise enzyme activity. Among known cases,
besides a few frameshifting (Yamamoto et al., 2017; Schleinitz
et al., 2018; Chen et al., 2020) and truncating (Staklinski et al.,
2023) mutations, ASNSD variants are mostly seen to be missense
mutations (Table 1), resulting in amino acid changes spread across
the protein (Figure 5E). Several residues are located in the
C-terminal tail which are not resolved in the crystal structure.
Studies have shown that the disordered C-terminal tail is
functional and essential for synthetase activity in AsnB (Meyer,
2010), consistent with clinical observations of the ASNSD-linked
C-terminal tail variants. Several ASNSD variants have been
characterized using the purified protein and/or cell-based assays
(Zhu et al., 2019; Matsumoto et al., 2021; Staklinski et al., 2022; 2023;
Chang et al., 2023). In some cases, decreased stability and enzyme
activity are attributed to ASNS dysfunction. Some variants, however,
do not show a clear activity impairment in the enzyme assay. These
findings suggest that the disease phenotype might involve a more
complex mechanism of action beyond just the reduction of
enzyme activity.

Additionally, upregulation of ASNS has been observed in many
cancer types, including colorectal (Du et al., 2019), breast (Yang
et al., 2014; Knott et al., 2018), and prostate cancers (Sircar et al.,

2012), and asparagine levels have long been linked to tumorigenesis
and metastasis. Besides its obvious role in protein synthesis,
asparagine also seems to be involved in electron transport chain
inhibition, metastasis formation and indirectly participating in
nucleotide synthesis via mammalian target of rapamycin complex
1 (mTORC1) signaling pathway (Yuan et al., 2024). In solid tumors,
ASNS expression level is positively correlated to cell proliferation in
ovarian carcinomas (Lorenzi and Weinstein, 2009) and gastric
cancer (Yu et al., 2016). Knocking down ASNS in breast cancer
cells also inhibits metastatic progression. In fact, triple-negative
breast cancer has the highest ASNS expression level among others
(Yang et al., 2014). The transcription of ASNS is induced by
transcription factor 4 (Su and Kilberg, 2008; Balasubramanian
et al., 2013) and C/EBP-β (Su and Kilberg, 2008), which is
modulated via the P13K/AKT and KRAS-mTOR pathways (Toda
et al., 2016). In ALL, ASNS is silenced, resulting in asparagine
acquisition from the extracellular environment so that proliferation
can take place (Radadiya et al., 2020). Therefore, asparaginase,
which removes asparagine extracellularly, is an effective
chemotherapy drug for treating ALL (Cooney and
Handschumacher, 1970; Van Trimpont et al., 2022). Yet in drug-
resistant ALL, ASNS is upregulated, leading to an intracellular
asparagine supply in the tumor cells; therefore, inhibiting ASNS
is widely thought to be a strategy to treat drug-resistant ALL. A
transition state analog has been tested in vitro, which exhibits nano-
molar affinity to ASNS and has relatively high selectivity against
other SD-containing enzymes in the HCT-116 cell line (Figure 5F)
(Zhu et al., 2019). Recently, however, the mechanism of action for
asparaginase has been challenged because the expression level of
ASNS did not dictate B cell lymphoma proliferation in mice (Grima-
Reyes et al., 2022). Instead, the glutaminase activity, a side reaction
of asparaginase, was proposed to maximize the anticancer effect.
ASNS is at the intersection of balancing glutamate and asparagine
concentration in the cell as glutamate concentration is also
correlated to tumorigenesis and cell signaling (Yi et al., 2020).
Nevertheless, modulating ASNS activity, either by increasing its
glutaminase activity or decreasing asparagine production, could lead
to the discovery of anticancer drugs with a new mechanism
of action.

NADSYN: an nitrilase-linked ATP
pyrophosphatase

NAD+ is a redox cofactor that cycles between its oxidized and
reduced forms in over 1,500 redox-active enzymatic reactions
(Cantó et al., 2015). The last step of human NAD+ biosynthesis
is mediated by NADSYN, an enzyme that utilizes ammonia
generated in the GD to produce NAD+ from deamido-NAD+

(NaAD+) and ATP in the SD (Figure 6A). The structure of
human NADSYN has been resolved to 2.84 Å resolution
(Chuenchor et al., 2020). A homodimer is present in one
asymmetric unit, and four of the asymmetric units assemble into
an octamer, which is believed to be the biologically competent form
of the enzyme (Figure 6B). The N-terminal GD of NADSYN belongs
to neither the Class I nor Class II GATase families but is structurally
similar to members of the nitrilase superfamily. It possesses a
Lys114-Cys175-Glu45 catalytic triad in order to modulate the
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pKa and reactivity of the catalytic cysteine residue (Figure 6C)
(Chuenchor et al., 2020). The C-terminal synthetase active site
contains a substrate binding cleft, in which the SGGVDS motif
of the PP-loop is buried in the SD, and the NaAD+ binding site is
located at the homodimer interface (Chuenchor et al., 2020). Even
though the SD of NADSYN structure was resolved in the presence of
NaAD+, AMP, pyrophosphate, and magnesium, the ammonia
channel that must connect the two active sites was sealed off at
both ends (Figure 6D). Ammonia channeling, therefore, be coupled
with conformational changes that take place during the
catalytic cycle.

Activity coupling between two active sites in NADSYN has been
confirmed through kinetic assays and computational simulation.
Glutaminase activity is enhanced 31-fold when an adenylated
reaction intermediate is present in the SD, suggesting an
interaction network that is present in NADSYN to prevent
unproductive glutamine hydrolysis. The glutaminase activity
regulation involves the movement of a loop containing Tyr123-
Arg124-Glu125 (YRE). The YRE loop not only assists in orientating
the geometry of the catalytic triad in the GD, but also gates the
glutaminase active site, shifting the residue interaction via a helical
segment connecting to the SD (Figure 6E). The strength of such

regulation, however, varies from species to species, providing an
opportunity for targeting NADSYN for antibiotic design.
(Chuenchor et al., 2020). Additionally, it appears that the human
NADSYN does not exhibit different catalytic efficiency when
ammonia is directly supplied as a nitrogen source, suggesting
that the activity of the SD can be decoupled from the GD.

The NAD+ level in the cell is essential for maintaining redox
balance and energy supplies, which also significantly impacts other
metabolic pathways. Genetic mutations in NADSYN that result in
decreased NAD+ have been linked to congenital NAD+ deficiency
disorder (CNDD) (Lin et al., 2021). Mutations in multiple enzymes
in the NAD biosynthetic pathway have been linked to CNDD.
Pathological phenotypes associated with biallelic variants of
NADSYN lead to defects in multiple organs and limbs, and
affected individuals do not usually survive for a few months after
birth (Szot et al., 2020). The 23 discovered variants throughout both
the N- and C-terminal domains arise from missense (Table 2),
nonsense (Kortbawi et al., 2022; Szot et al., 2024), deletion (Lin et al.,
2021), truncation (Szot et al., 2024), and frameshifts (Szot et al.,
2020; 2024) in theNADSYN gene (Figure 6F). The human NADSYN
variants all seem to have decreased activity compared to that of the
wild-type enzyme and/or low expression (Lin et al., 2021) suggesting

FIGURE 6
NADSYN Structure and Function. (A) mination reaction catalyzed by NADSYN involves converting glutamine (Gln), ATP, and NaAD+ into glutamate
(Glu), NAD+, AMP, and pyrophosphate (PPi) (B) Octamer structure of NADSYN (PDB:6OFB), glutaminase domain (GD, light pink), and synthetase domain
(SD, teal) with a distance of ~35 Å (black arrow) between the two active sites, an ammonia tunnel will form to transfer ammonia from one site to the next.
(C) Representation of the GD active site, with the catalytic triad as pink stick as well as the Gln binding site (dotted circle) which is located next to the
triad; (D)Binding site in the SD, bindings of the by-product AMP (yellow sticks) with a coordinatingmagnesium (green sphere) and substrate NaAD+(yellow
sticks), near the PP-Loop (teal sticks) necessary for ATP binding; (E) YRE loop (light pink) present in the GD, utilized in regulation, and interacts with the SD
(teal); (F) The locations of the missense mutations, denoted as blue spheres on the α-carbon of the affected amino acids, in NADSYN1 causing CNDD,
located across both domains with specific residues listed in Table 2.
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that solely restoring enzyme activity may not be enough for treating
disease-linked NADSYN variants.

Carbamoyl phosphate synthetase: beyond
bifunctional architecture

In addition to the five bifunctional enzymes discussed above, in
humans, carbamoyl phosphate synthetase 2 (CPS2) is also capable of
hydrolyzing ATP and glutamine for amination reactions in the
cytosol (Grande-García et al., 2014). Human CPS2 is part of a
multifunctional enzyme named CAD, which contains additional
domains that are homologs to aspartate transcarbamylase (ATCase)
and dihydroorotase (DHOase). CAD catalyzes the first three steps of
pyrimidine de novo biosynthesis to generate carbamoyl phosphate
(Figure 7A). Ammonia generated by glutamine hydrolysis in the
N-terminal GD is combined with bicarbonate, mediated by ATP
hydrolysis at the first SD active site; the product carbamate is
subsequently phosphorylated in the second active site of SD to
produce carbamoyl phosphate. CPS2 is a member of the Class I
GATase, sharing the common Cys252-His336-Glu338 triad as
GMPS, CTPS, and PFAS. Carbamoyl phosphate, the product of
CPS2, is further processed by two additional domains that share
homology with DHOase and ATCase to generate dihydroorotate as
the final product, both of which have been structurally characterized
separately (Grande-García et al., 2014; Ruiz-Ramos et al., 2016; Del
Caño-Ochoa et al., 2018). Kinetic and structural characterization has
been performed on the enzyme complex of E. coli homologs, which
share high degrees of sequence conservation with human enzyme
(Del Caño-Ochoa and Ramón-Maiques, 2021), although no

structural information or kinetic characterization is available for
the human full-length CAD protein.

Humans also possess another enzyme called CPS1, located in the
mitochondria, which contains the GD, SD, and an allosteric N-
acetyl-L-glutamate-binding domain (Figure 7B). Despite sharing a
similar SD architecture with CPS2, CPS1 has lost its glutaminase
activity due to the replacement of cysteine by serine (Ser294) in the
catalytic triad of the glutaminase active site (Holden et al., 1999; De
Cima et al., 2015). It is, therefore, part of the urea cycle, facilitating
ammonia removal (Summar et al., 2003). Structural characterization
confirmed the presence of a functionally impaired Ser294-His377-
Glu379 triad (Figure 7C) (De Cima et al., 2015). Although
CPS1 does not require an ammonia tunnel, a carbamate tunnel is
present in the enzyme, allowing the reactive intermediate generated
in the first SD active site to travel to the second SD active site.
Furthermore, the formation of the carbamate tunnel is triggered by
the binding of N-acetyl-L-glutamate in the allosteric regulatory
domain. Loop rearrangement and domain-domain interactions
facilitate the expansion of the intramolecular tunnel.

Loss-of-function CAD variants, primarily located at the
DHOase and ATCase region, have been found in genetic
disorders characterized by global development delay (Li et al.,
2021). The therapeutic potential of CAD is also frequently
discussed in oncology, as pyrimidine biosynthesis is upregulated
in cancer cells to meet their nucleotide demands (Christopherson
et al., 2002). Inhibitors targeting ATCase and DHOase have been
tested in clinical trials, yet none of them moved beyond Phase II
evaluation (Li et al., 2021). Due to the essential role of CPS1 in
ammonia detoxification for urea synthesis, loss-of-function
mutations in the gene encoding CPS1 lead to hyperammonemia.

TABLE 2Clinically identifiedmissense NADSYNmutations in individuals diagnosedwith CNDD. A list ofmissensemutations associatedwith CNDD, detailing
residue variants, genotypes, nucleotide mutations, and their locations in the glutaminase domain (GD) or synthetase domain (SD). For heterozygous
genotypes, locations in both domains are specified.

Variant Genotype Domain References

C49R and W132L Compound heterozygous c.145T>C and c.395G>T GD Szot et al. (2020)

V78I Homozygous c.232G>A GD Lin et al. (2021)

R127C Homozygous c.379C>T GD Szot et al. (2024)

W132L Compound heterozygous c.395G>T GD Kortbawi et al. (2022)

C175Y Homozygous c.524G>A GD Szot et al. (2024)

L215P and A573T Compound heterozygous c.644T>C and c.1717G>A GD/SD Erbs et al. (2023)

G237R Heterozygous c.709G>A GD Lin et al. (2021)

R346Q Heterozygous c.1037G>A SD Lin et al. (2021)

A363V Compound heterozygous c.1088C>T SD Szot et al. (2024)

R504Q Heterozygous c.1511G>A SD Lin et al. (2021)

A573T Compound heterozygous c.1717G>A SD Kortbawi et al. (2022), Erbs et al. (2023), Szot et al. (2024)

A573T and D587N Compound heterozygous c.1717G>A and c.1759G>A SD Szot et al. (2024)

A573T Homozygous c.1717G>A SD Szot et al. (2020)

E588K Heterozygous c.1762G>A SD Lin et al. (2021)

E695K Heterozygous c.2083G>A SD Lin et al. (2021)
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FIGURE 7
CPS Structure and Function. (A) Protein domain architecture and chemical reaction catalyzed by CAD. CAD contains an N-terminal small domain
(yellow), GD (pink), SD (teal), DHOase domain (light orange), and ATCase domain (light blue). Two active sites in the SD domain each carry a half-reaction.
(B) Domain architecture of CPS1 and the dimer structure of CPS1 (gray, PDB: 5DOU), highlighting N-terminal (yellow), Non-functional glutaminase
domain (GD, light pink), synthetase domain (SD, teal), and allosteric domain (green) of one of the monomers. (C) Residue triad within CPS1-GD,
where cysteine is replaced by a serine (light pink sticks). (D)Chemical structure of an allosteric inhibitor of CPS1, H30B-120, which binds to the C-terminal
allosteric domain.

TABLE 3 Steady-state kinetics of human bifunctional glutamine-hydrolyzing synthetases. Comparison of the steady-state kinetics parameter of four human
bifunctional glutamine-hydrolyzing synthetases using glutamine or ammonia as nitrogen sources. Dashes indicate that the data is not available. References
for each enzyme detail the individual assay conditions. An asterisk indicates the half-saturation value under the reported condition in the reference.

Enzyme Substrate Glutamine-dependent
activity

Ammonia-dependent
activity

References

KM (mM) kcat (s
-1) KM (mM) kcat (s

-1)

GMPS ATP 0.132 - - - Nakamura and Lou (1995)

XMP 0.035* 5.4 - ~3

Gln or NH3 0.406 - - -

CTPS1 ATP 0.17 - - - Kassel et al. (2010), Lynch et al. (2021)

UTP 0.59 - - -

Gln or NH3 0.027 - - -

ASNS ATP 0.08 1.7 0.11 1.6 Ciustea et al. (2005)

Asp 0.38 1.3 1.3 1.7

Gln or NH3 1.9 1.7 1.7 1.8

NADSYN ATP 0.17 3.79 0.22 18.5 Chuenchor et al. (2020)

NaAD+ 0.26 3.2 0.52 23.4

Gln or NH3 11.6 5.6 42 20
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CPS1 deficiency is an autosomal recessive inborn error characterized
by protein intolerance, seizures in late-onset types, and prenatal/
neonatal death in early-onset types (Yan et al., 2019; Wang et al.,
2023). Treatment of hyperammonemia ranges from ammonia
removal, such as hemodialysis (Ames et al., 2020), dietary
management, and/or interfering ammonia production-absorbing
process in the intestine. CPS1 is also suggested to play a role in
cardiovascular disease and obesity (Nitzahn and Lipshutz, 2020).
Even though CPS1 does not use glutamine to generate ammonia,
carbamoyl phosphate produced by CPS1 can feed into the
pyrimidine biosynthesis; therefore, inhibition of CPS1 has also
been proposed as an anticancer strategy (Yao et al., 2020).
Multiple chemical probes have been designed to further explore
CSP1’s therapeutic potential for novel anticancer reagent
development (Figure 7D) (Rolfe et al., 2020).

Discussions

Domains in bifunctional enzymes typically evolve separately
before genetic fusion brings the two segments together. These
bifunctional enzymes are widely present in organisms from other
kingdoms, such as fungi (Nguyen et al., 2022), archaea (Zhou et al.,
2020), and plants (Qu et al., 2019); the human glutamine-
hydrolyzing synthetases discussed here all have their own
evolutionary ancestors. In fact, the same biological function can
also be carried out by other single-domain synthetases, such as
ammonia-dependent NAD+ synthetase and ammonia-dependent
asparagine synthetase, in other organisms, which may or may not
be structurally similar to bifunctional enzymes (Roy et al., 2003; De
Ingeniis et al., 2012). The ‘mosaic distribution’ of these enzymes in
single-domain and bifunctional forms across the tree of different
species indicates a rather complicated picture of evolution (De
Ingeniis et al., 2012). Therefore, the activity regulation, active site
coupling, and domain architecture of these bifunctional enzymes
exhibit their unique features.

Despite not being closely related evolutionarily, the glutamine-
hydrolyzing synthetases discussed here clearly benefit from the
structural complexity to adapt sophisticated regulatory
mechanisms. One remarkable feature is the regulation of
ammonia tunnels. In all cases, the opening of the ammonia
tunnel is regulated by the ligand binding in the SD via long-
distance interaction networks. The gating residues are located at
the GD, SD, or both. Prior to full activation, ammonia transport is
restricted by protein motions at either end of the active site or both.
The reciprocal regulation, in which the glutaminase activity
facilitates ATP hydrolysis, seems relatively rare, although this
observation might be biased since glutaminase activity is not
universally reported for all enzymes. This is also supported by
the absence of a tunnel observed in the crystal structures
containing DON-modified GD. In Table 3, we have summarized
the ammonia- and glutamine-dependent activity reported for four of
the six human enzyme. Each enzyme has a different response to the
change of nitrogen source from glutamine to ammonia. Assuming
that the ammonia-dependent activity does not require tunnel
formation, i.e., enzyme access the ammonia from the bulk
solvent, the changes in apparent KM should report the
cooperativity of the glutaminase activity and the tunnel

formation. Since the rate-limiting step, up to and including
ammonia trafficking, remains unclear for many of the human
enzymes discussed here, the kinetic coupling between reactivity
and the tunnel opening frequency remains to be explored. To
further address the time scale of conformational dynamics during
tunnel formation in relation to the rate of the catalysis, MD
simulation has provided insights into possible gating mechanisms
that lead to transient tunnel formation. The high-energy state of the
transient tunnel opening triggered by reaction-induced
conformational changes may exist as part of the conformational
sampling in the absence of ligands but exists in a much lower
population that cannot be easily captured by X-ray crystallography.
Given that the size of these multi-domain enzymes limits dynamical
analysis by NMR, techniques such as cryo-EM and/or room-
temperature X-ray crystallography may provide important
insights into tunnel-forming mechanisms.

Besides the domain-domain interaction, another interesting
feature is that several enzymes discussed here all require the
assembly of monomers into oligomers. CPS1 takes a step further
on the complex assembly by fusing two additional downstream
enzymes directly in a single polypeptide chain. CTPS, ASNS, and
PFAS are all found to polymerize or be associated with other enzymes
in the cell, suggesting that the quaternary structure may contribute to
additional activity regulation. This higher-order assembly seems to be
reversible and often occurs under specific conditions. Only CTPS
polymers have been structurally characterized in vitro. Further
structural insights into purinosome and ASNS-spindle association
would be beneficial for better understanding the role of these
glutamine-hydrolyzing synthetases beyond their catalytic function.
Additionally, the difference seen in bacterial and human homologs
regarding how the polymer formation impacts enzyme activity further
suggests that the activity regulation in human enzymes could be
drastically different from the bacterial homologs despite sharing
similarities in catalysis. Further investigation of the activity
regulation of human enzymes will prompt valuable insights for
targeted therapeutic development.

Conclusion

Ammonia assimilation is fundamental to the biosynthesis and
regulation of critical biological pathways in all forms of life. This is
accomplished by structurally complex enzymes that are involved in the
biosynthesis of essential metabolites. The activity regulation in the
glutamine-hydrolyzing synthetases discussed here, partially arising
from ammonia transfer between active sites, underscores the
complexity and evolutionary significance of multifunctional enzymes.
Knowledge of the regulatory mechanism not only enhances our
understanding of fundamental biochemical processes in the cell
cycle, which is valuable for treating oncologic diseases but also
brings possibilities for targeted therapeutic interventions in genetic
diseases associated with the loss-of-function variants. In addition to
developing inhibitors suitable for oncology, small molecule activators
that can restore function in disease-linked enzyme variants also have the
potential to expand the toolbox of therapeutic strategy. Harnessing the
regulatory mechanisms in these bifunctional enzymes will potentially
translate the fundamental understanding of the enzyme structure-
function relationship to innovative drug discovery.
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